
 

i

v 

 

 

 

Engineering Highly-functional, Self-regenerative Skeletal Muscle Tissues with 

Enhanced Vascularization and Survival In Vivo 

by 

Mark Edward Juhas 

Department of Biomedical Engineering 
Duke University 

 

 

 

Date:_______________________ 
Approved: 

 
___________________________ 

Nenad Bursac, Supervisor 
 

___________________________ 
Charles Gersbach 

 
___________________________ 

Christopher Kontos 
 

___________________________ 
George Truskey 

 
___________________________ 

Jennifer West 
 

 

 

Dissertation submitted in partial fulfillment of the 
requirements for the degree of Doctor of Philosophy in the 

Department of Biomedical Engineering in the 
Graduate School of Duke University 

 
2016 



 

i

v 

 

ABSTRACT 

 

Engineering Highly-functional, Self-regenerative Skeletal Muscle Tissues with 

Enhanced Vascularization and Survival In Vivo 

by 

Mark Edward Juhas 

Department of Biomedical Engineering 
Duke University 

 

 

 

Date:_______________________ 
Approved: 

 
___________________________ 

Nenad Bursac, Supervisor 
 

___________________________ 
Charles Gersbach 

 
___________________________ 

Christopher Kontos 
 

___________________________ 
George Truskey 

 
___________________________ 

Jennifer West 
 

 

An abstract of a dissertation submitted in partial 
fulfillment of the requirements for the degree 
of Doctor of Philosophy in the Department of 

Biomedical Engineering in the Graduate School 
of Duke University 

 
2016 

  



 

 

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

Copyright by 
Mark Edward Juhas 

2016 
 



 

 

iv 

Abstract 

Tissue engineering of biomimetic skeletal muscle may lead to development of 

new therapies for myogenic repair and generation of improved in vitro models for studies 

of muscle function, regeneration, and disease.  For the optimal therapeutic and in vitro 

results, engineered muscle should recreate the force-generating and regenerative 

capacities of native muscle, enabled respectively by its two main cellular constituents, 

the mature myofibers and satellite cells (SCs). Still, after 20 years of research, 

engineered muscle tissues fall short of mimicking contractile function and self-repair 

capacity of native skeletal muscle. To overcome this limitation, we set the thesis goals 

to: 1) generate a highly functional, self-regenerative engineered skeletal muscle and 2) 

explore mechanisms governing its formation and regeneration in vitro and survival and 

vascularization in vivo. 

By studying myogenic progenitors isolated from neonatal rats, we first discovered 

advantages of using an adherent cell fraction for engineering of skeletal muscles with 

robust structure and function and the formation of a SC pool. Specifically, when 

synergized with dynamic culture conditions, the use of adherent cells yielded muscle 

constructs capable of replicating the contractile output of native neonatal muscle, 

generating >40 mN/mm2 of specific force. Moreover, tissue structure and cellular 

heterogeneity of engineered muscle constructs closely resembled those of native 

muscle, consisting of aligned, striated myofibers embedded in a matrix of basal lamina 

proteins and SCs that resided in native-like niches. Importantly, we identified rapid 

formation of myofibers early during engineered muscle culture as a critical condition 

leading to SC homing and conversion to a quiescent, non-proliferative state. The SCs 
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retained natural regenerative capacity and activated, proliferated, and differentiated to 

rebuild damaged myofibers and recover contractile function within 10 days after the 

muscle was injured by cardiotoxin (CTX). The resulting regenerative response was 

directly dependent on the abundance of SCs in the engineered muscle that we varied by 

expanding starting cell population under different levels of basic fibroblast growth factor 

(bFGF), an inhibitor of myogenic differentiation. Using a dorsal skinfold window chamber 

model in nude mice, we further demonstrated that within 2 weeks after implantation, 

initially avascular engineered muscle underwent robust vascularization and perfusion 

and exhibited improved structure and contractile function beyond what was achievable in 

vitro.  

To enhance translational value of our approach, we transitioned to use of adult 

rat myogenic cells, but found that despite similar function to that of neonatal constructs, 

adult-derived muscle lacked regenerative capacity. Using a novel platform for live 

monitoring of calcium transients during construct culture, we rapidly screened for 

potential enhancers of regeneration to establish that many known pro-regenerative 

soluble factors were ineffective in stimulating in vitro engineered muscle recovery from 

CTX injury. This led us to introduce bone marrow-derived macrophages (BMDMs), an 

established non-myogenic contributor to muscle repair, to the adult-derived constructs 

and to demonstrate remarkable recovery of force generation (>80%) and muscle mass 

(>70%) following CTX injury. Mechanistically, while similar patterns of early SC 

activation and proliferation upon injury were observed in engineered muscles with and 

without BMDMs, a significant decrease in injury-induced apoptosis occurred only in the 

presence of BMDMs. The importance of preventing apoptosis was further demonstrated 
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by showing that application of caspase inhibitor (Q-VD-OPh) yielded myofiber regrowth 

and functional recovery post-injury. Gene expression analysis suggested muscle-

secreted tumor necrosis factor-α (TNFα) as a potential inducer of apoptosis as common 

for muscle degeneration in diseases and aging in vivo. Finally, we showed that BMDM 

incorporation in engineered muscle enhanced its growth, angiogenesis, and function 

following implantation in the dorsal window chambers in nude mice. 

In summary, this thesis describes novel strategies to engineer highly contractile 

and regenerative skeletal muscle tissues starting from neonatal or adult rat myogenic 

cells. We find that age-dependent differences of myogenic cells distinctly affect the self-

repair capacity but not contractile function of engineered muscle. Adult, but not neonatal, 

myogenic progenitors appear to require co-culture with other cells, such as bone 

marrow-derived macrophages, to allow robust muscle regeneration in vitro and rapid 

vascularization in vivo. Regarding the established roles of immune system cells in the 

repair of various muscle and non-muscle tissues, we expect that our work will stimulate 

the future applications of immune cells as pro-regenerative or anti-inflammatory 

constituents of engineered tissue grafts. Furthermore, we expect that rodent studies in 

this thesis will inspire successful engineering of biomimetic human muscle tissues for 

use in regenerative therapy and drug discovery applications.    
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1. Introduction 

Over the last several decades intensive efforts of biologists, physicians, and 

bioengineers have unraveled the important contributions of molecular signaling, 

systemic and cellular factors, cell-matrix interactions, and stem cell niches to skeletal 

muscle function, regeneration and disease [1-3]. While these studies have led to the 

discovery of various therapeutic targets and improved clinical outcomes, muscle-related 

diseases still impose significant health and economic burdens on society. For continued 

advances towards efficient clinical therapies it will be essential to develop methods for 

better control of in vitro and in vivo environments to enable accurate studies of cellular 

functions and interactions, recreate stem cell niches both in vitro and in vivo, and 

encourage survival and integration of implanted cells [4-6]. One strategy utilized by 

many researchers has been the engineering of three-dimensional (3D) muscle tissues to 

recreate the structural complexity and functionality of the native organ for use in both 

regenerative therapies and as a bridge between traditional studies of muscle biology in 

individual cells or groups of cells and physiological tests at the organ or whole body level 

[5, 6]. Although quite promising for the field of muscle repair, tissue-engineered skeletal 

muscle has been previously inadequate in recreating native muscle’s contractile and 

regenerative functions [7-22]. 

The work described in this thesis is motivated by the need for 1) highly functional 

engineered skeletal muscle tissues capable of physiological function with the potential 

for on-site replacement and 2) in vitro platforms to efficiently model muscle contractility, 

development, regeneration, and disease to support therapeutic development and 

screening. We established novel methodology to generate muscle constructs with 

biomimetic structure and cellular heterogeneity, comprised of functional SCs and 
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aligned, striated myofibers, which generate forces comparable to aged-matched native 

tissue. Following rigorous assessment, we demonstrate the ability of the maintained SC 

population within the engineered tissue to respond in a natural manner to injury in vitro 

and regenerate muscle mass and recover force production. Further, upon in vivo 

implantation, using a unique imaging platform in live mice, we monitored engineered 

tissues in real-time as they became vascularized and matured over the course of two 

weeks. Finally, we transitioned from neonatal to adult cell types and, through the use of 

a real-time in vitro regeneration assay, discovered the beneficial effect of incorporating 

immune cells in the engineered muscle to enhance both regeneration in vitro and 

survival in vivo.  These studies represent a significant step towards developing human-

based muscle replacement therapeutics and physiologically accurate, in vitro models of 

skeletal muscle. 

Chapter 2 of this thesis provides background information on the natural 

processes governing skeletal muscle regeneration and describes conditions and 

pathologies in which, this otherwise robust process, is impeded or exhausted. The SC, 

the cellular keystone for new muscle formation, and its niche, a complex orchestra of 

local and systemic signals, will be discussed in detail. The chapter will present current 

cellular and genetic therapies for a diverse set of muscular diseases. Importantly, the 

paradigm of engineering 3D skeletal muscle for use in regenerative therapies or as a 

model system will be discussed. Specifically, the methods used to form engineered 

tissues and optimize their performance both in vitro and in vivo as well as current 

applications will be addressed. 

In Chapter 3, we identified optimal culturing conditions and cell preparation using 

primary, neonatal rat cells to engineer muscle tissues with superior force generation and 
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cellular maturity compared to previously reported attempts. We revealed the benefit of 

using an adherent fraction of cells with maintained regenerative and proliferative 

properties combined with dynamic culture to yield constructs capable of replicating the 

function and architecture of natural muscle. Importantly, we identified critical conditions 

for the maintenance of SCs in engineered muscle in vitro, namely the differentiated 

myofibers, which played a critical role in regaining SC quiescence at early time points in 

culture. 

In Chapter 4, we focused our studies on assessing the ability of neonatal-derived 

engineered muscle tissues to regenerate in vitro and survive and vascularize in vivo. 

Specifically, the functionality of the SC population in engineered muscle was tested 

using an in vitro regeneration assay in which the muscle was injured with the application 

of cardiotoxin (CTX) to induce myofiber damage. Upon muscle injury, the initially 

quiescent SCs demonstrated the ability to activate, proliferate, and differentiate, yielding 

the recovery of muscle mass and contractile function. Next, the ability of engineered 

muscle to survive, vascularize, and experience sustained growth and maturation in vivo 

was assessed. To continuously monitor engineered tissue after implantation, we 

transduced the myogenic cells with a genetically-encoded calcium (Ca2+) indicator, 

GCaMP3, and implanted the muscle constructs in a dorsal skinfold chamber in nude 

mice. While initially avascular, these engineered neonatal-derived muscle tissues 

underwent robust vascularization and perfusion, and exhibited continued myogenesis 

and improved contractile function in vivo, all of which were significantly enhanced by 

myogenic pre-differentiation of tissue constructs before implantation. 

In Chapter 5, we transitioned from using neonatal to using adult myogenic cells in 

attempt to enhance the clinical relevance of the work and assess the ability of adult-
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derived engineered muscle to regenerate in vitro and survive in vivo. Using cell 

expansion and culture methods optimized for neonatal cells, we showed the ability to 

engineer adult-derived muscle with architecture and force generating capacity 

comparable to those of neonatal-derived muscle.  However, in contrast to their neonatal 

counterparts, adult-derived tissues did not undergo regeneration upon CTX injury, 

leading us to further investigate methods to enhance their regenerative potential. We 

developed a “regeneration assay” whereby GCaMP-reported calcium transients in 

engineered muscle were recorded live with a fast fluorescent camera at different times 

after CTX injury. Based on this assay, we found that various pro-regenerative growth 

factors did not support in vitro muscle recovery from CTX damage. We next introduced 

bone marrow-derived macrophages (BMDMs) in engineered muscle, as a non-myogenic 

cell type known to associate with natural muscle regeneration. The BMDMs proved vital 

in preventing apoptotic loss of myofibers that typically provide a scaffold for subsequent 

SC-induced muscle repair and thus rescued the ability of adult-derived muscles to 

regenerate. Finally, with the use of the in vivo platform developed in Chapter 4, we 

showed the benefits of added BMDMs for vascularization, continued muscle growth, and 

increased force generating capacity of implanted adult-derived engineered muscles.  

In Chapter 6, we provided a summary of all the work described in this thesis and 

in Chapter 7 we discussed future applications of these findings, specifically towards the 

development of muscle regenerative therapies and in vitro platforms for therapeutic 

discovery. 

Overall, this thesis demonstrates methods to engineer biomimetic skeletal 

muscle tissues capable of recapitulating the contractile and regenerative potential of 

natural muscle. The hereto developed methodologies and mechanistic findings are 
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expected to: 1) accelerate the implementation of three-dimensional, tissue-engineered 

skeletal muscle models for in vitro and in vivo studies of muscle growth, regeneration, 

and disease; 2) bolster the consideration of incorporating immune cells within 

engineered tissues to support their regeneration, vascularization, and survival in vivo; 

and 3) stimulate the development of in vitro human microphysiological platforms with 

real-time monitoring capabilities for the accelerated discovery or new drug, cell, and 

gene therapies for skeletal muscle dysfunction. 
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2. Background 

2.1 Skeletal muscle regeneration and myogenesis 

Skeletal muscle has a remarkable capacity for regeneration which allows the 

tissue to undergo daily renewal and fully recover following small, everyday injuries or 

acute damage even in a matured state [2], a phenomenon absent in most other tissues. 

The regenerative process involves the synchronized action of resident and circulating 

myogenic cells, local non-muscle cells, and inflammatory cells, at cellular and molecular 

levels, that rapidly yield the production of new muscle[2, 23], provisional ECM, and 

supporting vascular networks (Figure 2.1) [24].  

 

Figure 2.1: Regenerative response of injured skeletal muscle.  A simplified schematic of the 
satellite cell (SC) niche at homeostasis and following an acute injury. Niche quiescence 
maintained via local juxtacrine and paracrine signaling is disturbed following injury. In response to 
injury-induced myofiber debris, M1 and M2 macrophages (MΦ) secrete factors that lead to SC 
activation, asymmetric division, and formation of myogenic precursors primed for fusion that 
participate in repair of damaged and creation of new myofibers. After regeneration, the SC niche 
is reestablished along with its extracellular matrix (ECM) and vascular components. 

 In general, the formation of new muscle following injury can be separated into a 

degenerative and a regenerative phase. The degenerative phase is responsible for 

clearing necrotic myofibers, as well as activating the subsequent regenerative phase. 

Following injury, the myofiber sarcolemma is disrupted and intracellular components, 

Injury

Quiescent SC Niche

Circulatory 

Factors

Basal Lamina

Notch 

signaling

Capillary

Asymmetric Division

Regeneration Renewed SC Niche

M1 MΦ

SC 

Activation

FusionM2 MΦ

Self-

renewal

ECM and vascular 

remodeling



 

7 

such as creatine kinase, leak into the extracellular space [25]. Inflammatory cells, the 

majority being neutrophils, begin to infiltrate within 1-6 hours [26]. By 48 hours, pro-

inflammatory M1 phenotype macrophages are the predominant inflammatory cell at the 

site of injury. The cells work to clear necrotic debris through phagocytosis, further 

amplify the inflammatory response, and activate SCs for regeneration through the 

release of soluble cues [26, 27], including tumor necrosis factor-α (TNFα) [28] and 

interleukin 6 (IL-6) [29]. The regenerative phase is activated by cellular responses 

occurring in the degenerative phase, and involves skeletal myogenesis occurring 

concurrently with ECM production and angiogenesis at the injured site. Myogenesis is 

initiated by the local activation of SCs by cytokines excreted in the degenerative phase. 

SCs, normally quiescent in adult muscle, reside beneath the basal lamina surrounding 

myofibers and are marked by expression of the paired-box transcription factor, Pax7 [2]. 

Once activated, Pax7+ SCs gain expression of the myogenic regulatory factor, MyoD, 

and begin to proliferate (Figure 2.2A). The new pool of cells will either commit to a 

myogenic lineage and undergo differentiation or lose MyoD expression and return to 

quiescence, refilling the SC pool for future regenerative events [1, 2]. The commitment to 

a myogenic fate is marked by a loss of Pax7 expression and expression of the mature 

muscle marker, myogenin; these cells are termed myoblasts (Figure 2.2B) [1, 2]. This 

process, known as differentiation, is activated by release of cytokines, such as insulin-

like growth factor-1 (IGF-1) and IL-10, from M2 phenotype macrophages [27]. The 

expansion and differentiation of the myogenic cell population is essential, as it will act as 

the source of new myonuclei at the injury site [30, 31]. At this point, mature myoblasts 

will either undergo primary fusion, in which they will fuse to one another to form new 

multinucleated myotubes which will later mature into myofibers, or secondary fusion, in 
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which they will fuse to pre-existing, damaged myofibers to restore or even augment their 

function (Figure 2.2C) [2]. Concurrent with myogenesis, residing fibroblasts proliferate 

and migrate to the injury site to transiently form a supportive ECM in response to the 

release of the pro-fibrotic transforming growth factor-β (TGF-β) [32]. Simultaneously, 

increased expression of angiogenic factors, including vascular endothelial growth factor 

(VEGF) and angiopoeitin-1/2, yields the formation of new capillaries along with the 

formation of new myofibers ensuring the maintenance of blood supply (Figure 2.1) [33, 

34]. These three components of regenerative process, myogenesis, fibrosis, and 

angiogenesis, act to provide a proper environment for the muscle regrowth and 

maturation and restore compromised contractile function. 

 
Figure 2.2 Myogenesis during regeneration.  (A-B) A schematic of myogenesis describing (A) 
satellite cell (SC) activation, (B) differentiation, and (C) fusion, including the cells involved in the 
processes and their transcription factor expression. qSC: quiescent SC, aSC: activated SC. 

2.1.1 The satellite cell and its niche 

The notion that stem cells exist in specialized compartments, or “niches”, dates 

back more than forty years ago when it was proposed that stem cells maintain their 

potential by existing in specialized tissue compartments [35]. These niches are 

composed of local cellular and extracellular support systems that are essential for the 

stem cells that reside there to be held in reserve to support tissue homeostasis and 

repair over a lifetime. For SCs, the niche is only beginning to be understood. The muscle 

fiber is a major cellular component as each SC resides closely apposed to the 
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sarcolemma of its parent myofiber [36] via the cell-cell adhesion molecule, M-cadherin 

[1]. Moreover, SCs lay beneath a basal lamina matrix that consists of laminin and 

collagen IV, among other ECM proteins, and exist in a relatively soft micro-environment 

(~12 kPa) [37]. More recently, the concept of the stem cell niche has been broadened to 

include the systemic milieu. As exemplified by studies of stem cell aging and the decline 

in tissue regenerative potential with age, it became clear, first from the use of 

heterochronic parabiosis and, more recently, by heterochronic plasma transfer, that stem 

cell function can be markedly affected by circulatory factors [38, 39]. Importantly, 

disruption of the SC niche, noticed in aging [40], genetic defects [41], and matrix 

remodeling during fibrosis [42], has significantly detrimental impacts on the regenerative 

capacity of SCs.  

2.1.2. Macrophages and skeletal muscle regeneration 

As mentioned above, myogenesis during the regeneration process is highly 

regulated by events of the inflammatory response, most predominantly by pro- (M1) and 

anti-inflammatory (M2) macrophages. The commonly accepted paradigm is: first, the 

infiltration of M1 macrophages and the subsequent activation of SCs, followed by the 

transition from M1 to M2 macrophages and the induction of myoblast differentiation [27] 

(Figure 2.1). More specifically, upon the induction of injury, circulating monocytes, 

attracted by specific chemokines such as monocyte chemoattractant protein-1 

(MCP1/CCL2), arrive at the damaged site [43]. The MCP1/CCL2 receptor, CCR2, is 

expressed in a Ly-C6high monocyte population, making these cells the first to arrive at the 

scene. Ly-C6high monocytes are a pro-inflammatory population capable of phagocytosis 

and, importantly, of M1 macrophage polarization [43]. Soluble factors, including TNFα, 

IL-1β, IL-13, interferon-γ (IFNγ), and nitric oxide, are secreted by the M1 population 
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stimulating both SC activation and the recruitment of more M1 cells [27, 44]. Within 

about 48 hours, Ly-6Chigh cells are progressively replaced with Ly-6Clow cells, a 

population which will source anti-inflammatory M2 macrophages [27, 44, 45]. Similar to 

the autocrine actions of M1 cells, M2 macrophages secrete factors to inhibit M1 

polarization, IL-10 and TGFβ, as well as recruit more M2 cells, IGF-1 and IL4 [44]. M2-

secreted factors are linked to myoblast mobilization [46], cellular growth, and fusion [44] 

during muscle regeneration. 

 Another point of interest is the role of skeletal muscle-resident macrophages 

within the tissue. Tissue-resident macrophages are normally associated with 

homeostatic maintenance of an organ. The presence and contribution of such 

macrophages vary from tissue to tissue [47]. Resident macrophages are active as the 

first line in defense to activate the inflammatory response. As mentioned prior, skeletal 

muscle-resident macrophages, preferentially located in the connective tissue regions of 

the epimysium and perimysium, are secretors of monocyte-attracting chemokines [48]. 

Although active in initial recruitment, tissue-resident macrophages are commonly 

classified as “M2-like” and serve greater roles in the resolution of inflammation [49]. 

Included in this part, is the regulation of apoptotic cell clearance [50]. The specific roles 

and significance of skeletal muscle-resident macrophages are still in question. The 

population, which represents only a miniscule fraction of cellular content in the tissue 

[51], exists as an interesting target to ensure or restore proper regeneration in vivo. 

The effect of macrophages on myogenic cells has been explored in vitro and 

researchers have utilized the pro-regenerative cell type as a method to aid in 

transplantation studies. Macrophages can be derived through either isolation of blood 

monocytes or, for a more efficient yield, through isolation of bone marrow monocytes 
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[52]. In in vitro culture, macrophage-colony stimulating factor (M-CSF) is commonly used 

to drive the differentiation of monocytes to a macrophage phenotype [53]. M-CSF is a 

factor found in vivo that regulates tissue-resident macrophage numbers [54] and is 

critical for macrophage differentiation, proliferation, and survival [55]. Notable work using 

in vitro-derived macrophages include the identification of their tendency to migrate 

towards SCs upon induced injury and their support of SCs to escape apoptotic events 

and enhance muscle formation [56]. Further, researchers have identified contact-

mediated mechanisms through adhesion proteins which prevent apoptosis in 

proliferating myoblasts [57]. Finally, in co-transplantation studies, macrophages 

significantly enhance myoblast survival, expansion, and migration in vivo [52]. 

2.2 Defective regeneration and disease 

Muscular disorders are commonly a result of chronic degenerative diseases due 

to genetic defects in muscle cells or neurological maladies, volumetric muscle loss 

following severe trauma, or muscle wasting stemmed from systemic disease. Chronic 

degenerative disease, such as muscular dystrophy, expose muscle to constant injury, 

eliciting continuous cycles of degeneration and regeneration, and can eventually lead to 

devastating fibrosis and exhaustion of the myogenic capacity conferred by SCs [58]. In 

Duchenne muscular dystrophy (DMD), the most severe form of muscular dystrophy, 

muscle lacks the membrane bound protein dystrophin as a result of a genetic mutation 

[59]. In the absence of dystrophin, the cellular membrane becomes vulnerable and the 

sarcolemma undergoes repeated tearing [60]. As a result, myofibers are susceptible to 

degeneration due to elevated intracellular calcium levels [61], oxidative damage [62], 

and focal damage to the myofiber. Regenerating myofibers, also containing the 

dystrophin mutation, retain the defect and are prone to further degeneration. The 
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persistent cycles of degeneration result in sustained activation of the wound healing 

response and chronic inflammation [63]. As previously mentioned, inflammatory cells 

recruit and activate ECM-producing cell types and, eventually, functional muscle is 

replaced with fibrotic and adipose tissue. Impaired regeneration in cases of chronic 

degeneration can be a result of various mechanisms including the reduced myogenic 

potential [64, 65] and proliferative capacity [66], marked by decreased telomere length 

[58], of SCs. Additionally, the fibrotic environment and disarrayed ECM may further 

hinder the capability of myogenesis to fully restore muscle function. There are no current 

cures for any of the dystrophies, although there is a burgeoning field of experimental 

therapeutics moving into clinical trials, with approaches ranging from pharmacological to 

viral gene therapies [67, 68]. Stem cell therapies have been long envisioned, but are 

only in their infancy [69]. Recent success of CRISPR-Cas9 in vivo genome editing 

technology to restore expression of a modified dystrophin protein in mice, gives 

significant hope for a genetic-based remedy [70-72]. 

Instances in which a significant amount of muscle is lost, i.e., greater than 20% of 

total muscle, are referred to as volumetric muscle loss (VML). As reviewed elsewhere 

[24], in these severe injuries the fibrotic response to stabilize the tissue proceeds more 

rapidly than myogenesis. Accelerated ECM deposition creates an environment that 

hinders the formation of new muscle and angiogenesis. In some cases, a dense cap of 

scar tissue may form resulting in denervation of the distal tissue as it lacks neuronal 

input. Overall, there is a general agreement that successful treatment of VML will likely 

involve timely surgical delivery of a large volume implant to rapidly add or recruit new 

muscle before the chronic scar is formed [5]. 
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A separate category of muscle disorders involves conditions that result in muscle 

atrophy and wasting. Examples include cachexia associated with chronic diseases, 

especially cancer, chronic obstructive pulmonary disease (COPD), chronic renal 

disease, and chronic infections such as AIDS [73]. Muscle atrophy also occurs in the 

setting of injury or disease of peripheral nerves and motor neurons, such as amyotrophic 

lateral sclerosis (ALS), and there is prominent muscle wasting in paralyzed limbs of 

patients with spinal cord injuries [74]. Further, age-related muscle loss, or sarcopenia, is 

a major source of disability in the elderly [74]. In such cases, muscle atrophy  is 

commonly attributed to either the disruption of SC activity, whether it’s through chronic 

over-activation of the pool [75] or destruction of the healthy niche [40], or an increased 

propensity of myofiber apoptosis through caspase-3-dependent pathways [76]. In 

addition to the loss of strength and mobility, there are also systemic effects of muscle 

loss related to the role of muscle as an endocrine tissue, a feature that is increasingly 

being recognized and studied [77].  

2.3 Muscle repair strategies 

Various cell- and material-based approaches have been explored in animal and 

clinical studies to aid in the replacement of injured or diseased skeletal muscle or 

restoration of its regenerative capacity (Figure 2.3). Researchers have identified various 

cellular candidates capable of myogenic differentiation and the formation of new muscle 

following transplantation. Further, engineers have developed cellular niches for optimal 

cellular conditioning in vitro and co-delivery systems capable of introducing a 

combination of growth factors, bio-absorbable scaffolds, and stem or progenitor cells to 

augment cell viability, vascularization, and myogenesis in vivo. Further, the generation of 

three-dimensional, tissue-engineered muscle constructs has been explored to recreate 
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the structural, mechanical, and functional properties of natural muscle in attempt to 

promote rapid muscle repair in vivo. 

 

Figure 2.3 Current cellular-based therapies for muscle repair.  Diagram displaying various 
cell-based therapies for skeletal muscle disease and repair.  

2.3.1. Candidates for cellular therapy 

Skeletal muscle presents a variety of possible cell source candidates for use in 

cellular therapies, as listed in Table 2.1. An optimal cell source for muscle repair would 

need to be accessible, proliferative in vitro, self-renewing, capable of efficient 

engraftment and regeneration of muscle in vivo, and able to add to the local muscle 

stem cell pool to allow for continued regeneration. As expected, SCs have been a highly 

investigated cell source for transplantation studies due to their requisite roles in the 
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regenerative process. SCs can be isolated from single muscle fibers and expanded in 

vitro; however, expansion causes them to commit to a myoblast (Pax7-) fate. Early 

studies which attempted the implantation of expanded myoblast populations to damaged 

muscle observed high cell mortality followed by loss of regenerative capacity [78, 79]. In 

contrast, implanted freshly isolated (Pax7+) SCs were able to fuse to existing muscle, 

home to the SC niche [78, 80, 81], rescue muscle function, and provide continued 

capacity for repair, emphasizing the importance of maintained “stemness” for the 

process of muscle repair and regeneration. In the case of larger muscle ablation, SC 

transplantation will need to be able to fully recover muscle mass, suggesting the need 

for an engineered scaffold to provide structural support for volumetric tissue 

reconstruction. 

Besides the SC, other cell types have been identified for potential use in muscle 

repair. Ideally, these cells should be: 1) easy to isolate, 2) readily expandable in vitro, 3) 

engraft and improve muscle function in vivo, and 4) able to integrate within the local 

muscle stem cell pool. Human myoendothelial cells (co-expressing myogenic and 

endothelial cell markers) [82] and vessel-associated pericytes  [83] are two expandable 

cell types able to regenerate muscle and fill the SC compartment upon transplantation 

into mice, but are still hard to isolate, similar to SC. Blood-derived CD133+ cells are 

easily accessible and upon systemic delivery can contribute to muscle regeneration and 

fill stem cell niche [84], yet, may be difficult to expand in vitro [85] and harder to engraft 

than their muscle-derived counterparts [84]. Human Pax7+ myogenic cells derived from 

adult bone marrow stromal cells through Notch1 intracellular domain gene transfer [86] 

and, more recently, from induced pluripotent stem cells (iPSCs) by conditional lentiviral 

expression of Pax7 [87], have been shown to engraft, fill the SC niche upon 
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implantation, and aid in subsequent rounds of regeneration in diseased mice. However, 

these results are achieved only by viral methods and in immunocompromised setting, 

and derived myogenic cells are not yet tested for their ability to rebuild large volumes of 

muscle tissue or recapitulate human muscle function in vitro. Nevertheless, the ability to 

derive large numbers of myogenic cells starting from highly proliferative iPSCs opens 

doors for the application of powerful gene-editing techniques (e.g. TALEN and Zn finger 

nucleases [88]) to correct congenital muscle disorders by use of autologous cell therapy. 

Furthermore, use of iPSC technology or genetic engineering to create immortalized 

myoblast lines from patient biopsies [89] is expected to foster development of more 

predictive human muscle disease assays for screening of candidate drug, gene, and cell 

therapies. 

Table 2.1 Cellular candidates for myogenic repair 

Cell type Positives Negatives 

Muscle SCs -Can fill SC niche upon transplantation [78, 80, 

81] 

-Difficult to retain regenerative capacity following 

in vitro culture [78, 79] 

MDSCs -Can be expanded in vitro without loss of 

myogenic potential [90-92]  

-Ability to aid in functional recovery in diseased 

states remains a question [93] 

Mesoangioblasts -Easy to access from blood and can be 

delivered systemically [94-96]  

-Results are not repeatable between groups [97] 

CD133
+
 cells -Allows for systemic delivery and can fill SC 

niche upon transplantation [84, 98] 

-Difficult to expand in vitro [85, 98] 

BMSCs/ASCs -Readily available and easy to isolate [86, 99-

101] 

-Can lose myogenic lineage upon implantation 

in diseased states [102, 103] and lack ability to 

fill SC niche [104] 

ESCs -Cells have remarkable potential for 

regeneration and can be driven to SC fate 

[105-107] 

-Ethical issues and the need for 

immunosuppression upon delivery [87] 

iPSCs -Cells can be driven to SC fate and allows for 

autologous cell therapy [87] 

-Low differentiation efficiency and difficult to 

generate large cell numbers [87] 

 

2.3.2. Engineering environments for therapeutic use 

Advancement in biomaterial research has allowed bioengineers to control 

environments both in vitro and in scaffold technology to present optimal cues to control 
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cell fate and physiological events. Specifically, for use in cell culture, groups have 

created microenvironment characteristic of the SC niche in attempt to maintain 

regenerative capacity during expansion of isolated cells. Additionally, implantable co-

delivery vehicles have been studied extensively and have shown promise in accelerating 

integration of myogenic cells into the host. 

2.3.2.1. Engineering SC niche  

As mentioned in section 2.3.1, the expansion of isolated SCs in normal tissue 

culture conditions results in the loss of the cell’s regenerative capacity upon 

transplantation. It is suspected that this loss of “stemness” is due to the exposure of the 

cells to a micro-environment unnatural to the cell’s normal niche. The niche, as 

described in section 2.1.1, is comprised of all local external cues, including cell-cell 

interactions, cell-ECM interactions, and soluble cues that regulate cellular fate [108]. 

One particularly intriguing aspect of the SC niche currently under investigation is 

mechanical stiffness. Recent work has identified the use of soft culture substrates (e.g. 

polyethylene glycol (PEG) hydrogels) with a stiffness mimicking that of natural skeletal 

muscle (~12 kPa) to show promise in the expansion of SCs [37]. When cultured on this 

hydrogels functionalized with laminin to encourage cell adhesion, SCs showed 

enhanced proliferation, self-renewal, and maintenance of Pax7 expression compared to 

rigid surfaces and those mimicking the stiffness of non-muscle tissues [37]. After a week 

of in vitro culture and expansion, the cells were able to fill the SC niche following 

intramuscular transplantation and contribute to continual rounds of regeneration. 

Additionally, collagen VI has recently been identified as a coating protein that provides 

niche-like local mechanical properties leading to enhanced proliferation and Pax7 

expression of SCs [109]. A similar technique was utilized to differentiate both BMSCs 
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and ASCs into MyoD+ and myogenin+ myoblasts [110]. The artificial environment allowed 

differentiating stem cells to assemble focal adhesions efficiently, allowing better 

assembly of contractile proteins characteristic of myogenic cell types. Additionally, 

specific factors can aid in the development of an artificial niche setting, which will be 

discussed later (section 2.4.1.3). 

2.3.2.2. In situ regeneration using engineered scaffolds 

For therapeutic implantation use, especially in cases of VML, biological scaffolds 

have been utilized to deliver myogenic cells or support natural regeneration over a large 

area to rebuild lost tissue. Ideally, these engineered vehicles should stimulate 

myogenesis, angiogenesis, and neurogenesis in the damaged area while providing 

structural support [111, 112]. Implanted scaffolds should promote help regeneration by: 

1) maintaining native tissue structure, 2) concentrating and retaining cells at the injury 

site, 3) protecting cells from the initial host immune response, 4) providing cues for cell 

adhesion, migration, and proliferation, 5) providing a tissue-characteristic 

microenvironment for delivered or infiltrating host cells, and 6) being biodegradable so 

the regenerated tissue is composed of native cellular and ECM material [111-113]. 

Groups have implemented a variety of techniques to support this in situ skeletal muscle 

regeneration using engineered materials in attempt to achieve functional muscle 

recovery. 

Implantation of SCs, as mentioned in section 2.3.1, is an obvious candidate for 

muscle therapy. However, when these cells are transplanted alone they are unable to 

reconstitute large portions of muscle [111, 112]. Therefore, various bioresorbable 

synthetic polymer and naturally-derived scaffolds have been utilized to deliver SCs to 

damaged tissue, including micro-patterned poly(glycolic acid) [114], collagen hydrogels 
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[115], and hyaluronic acid hydrogels [80]. Of note, a unique approach has been reported 

recently which uses a hydrogel that can be injected and polymerized at the injury site to 

avoid invasive surgery. The study revealed that freshly isolated SCs implanted by this 

method not only resulted in functional recovery of the injured muscle, but also 

replenished the SC pool, with in situ injected cells comprising a fraction of the cells in the 

quiescent niche [80]. 

Although SCs display greater potential for myogenic repair following in vivo 

transplantation than cultured myoblasts, they are limited in number and may be an 

impractical cell source for use in human therapies [111]. Because of this, groups have 

utilized cultured SC-derived myoblasts, an expandable cell population, in conjunction 

with a scaffold to stimulate myogenesis for repair in a model of severe muscle damage. 

To aid in engraftment and cell viability, a porous alginate scaffold has been utilized to 

provide sustained and local release of the angiogenic growth factor VEGF and the 

myogenic growth factor IGF-1; factors that have been identified to aid in regeneration, 

vascularization, and reinnervation [116-118]. Delivery of the two growth factors 

dramatically enhanced participation of myoblasts in muscle regeneration. The scaffold 

with embedded cells and growth factors reduced muscle inflammation and fibrosis, 

improved formation of vasculature, and increased contractile function compared to 

implantation of the scaffold with only growth factors and the scaffold alone [111]. 

Furthermore, implantation of the functionalized alginate matrix alone, without a cellular 

component, was found to support tissue formation in the defect site by stimulating 

migration of the host cells [116]. 

Naturally-derived scaffolds such as decellularized ECM have shown promise in 

repairing various tissue types [119-121]. Natural scaffolds are typically degraded and 
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replaced with host site-specific cell types and ECM [120, 122]. Regeneration of host 

tissue may occur through recruitment of stem and progenitor cells [123]. Groups have 

attempted skeletal muscle repair using two types of natural scaffolds: (1) small intestinal 

submucosa (SIS) [121, 124, 125] and (2) decellularized skeletal muscle ECM (M-ECM), 

containing muscle-specific proteins and ECM components [125]. Both matrices were 

able to induce a constructive remodeling response, marked by scaffold degradation, 

vasculature formation, and myogenesis within the implant region, and showed no 

significant difference [125, 126]. Although promising, results suggest a greater pro-

fibrotic response than myogenic response. When applied in a complex injury model, the 

natural scaffold proved unable to restore functional muscle and resulted in dense areas 

of collagenous tissue [126]. Biological scaffolds have been shown to increase 

regeneration through activation of the degeneration process. However, in cases of 

severe muscle damage, this action may lead to an increased wound healing response 

as opposed to activation of myogenesis, and ultimately result in unintended fibrosis.  

2.3.3. Tissue-engineered muscle  

For over two decades, bioengineering have focused their efforts on the 

development of biomimetic 3-dimensional (3D) cultures of skeletal muscle cells for 

studies of muscle physiology and disease as well as the potential for an onsite 

therapeutic. Compared to use of undifferentiated myogenic cells (alone or with 

scaffolds), implantation of biomimetic tissue-engineered muscle may offer several 

unique advantages including the ability to: 1) precisely design patient-specific muscle 

architecture, 2) significantly reduce mechanical overload at the injury site by using 

already functional tissue, 3) attain specific mechanical or metabolic properties by in vitro 

preconditioning, and 4) generate native-like SC niche within engineered muscle for 
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better protection from harsh injury environment [7]. The functionality, complexity, and 

physiological accuracy of these in vitro models of native muscle have progressed with 

development of advanced biomaterials as cell-carrying scaffolds, 3D culturing 

techniques, and bioreactors for application of biophysical and biochemical stimulation. 

Recent progress in human pluripotent stem cell technologies and in vitro maintenance of 

muscle stem cells has presented the field with new opportunities to develop contractile 

human muscle tissues for use in disease modeling and drug discovery studies. 

Engineered muscle constructs have also been considered for use in regenerative 

therapy, prompting the development of methods to promote implant engraftment and 

vascular and neuronal integration into the host muscle. In the next section, we will 

discuss in detail, methods allowing for the creation of these in vitro 3D skeletal muscle 

models. 

2.4 Engineering skeletal muscle 
 

Over the last 25 years, researchers in the field have developed a variety of 

methods for engineering of functional three-dimensional (3D) skeletal muscle tissues. 

This section will review procedures used by multiple groups in the field of skeletal 

muscle tissue engineering that involve generation of a myogenic cell pool, fabrication of 

3D tissue constructs, structural and functional characterization in vitro, and implantation 

of tissue grafts in vivo. 

2.4.1 Preparation of myogenic cell source 

In vitro generation of tissues for use as therapeutic implants or screening models 

requires a large numbers of cells. Considering the myonuclei within myofibers are post-

mitotic, the only suitable source of expandable primary myogenic cells is the satellite cell 

(SC) pool, a putative muscle stem cell source capable of myogenesis [2]. Unfortunately, 
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the percentage of SCs in adult muscle is relatively low, amounting to roughly 4% of the 

total muscle nuclei [127]. Therefore, the common paradigm in muscle tissue engineering 

is to isolate the resident muscle stem cells, stimulate their continuous proliferation while 

maintaining their purity and differentiation potential, and utilize them in engineered tissue 

formation.  

2.4.1.1 Satellite cell isolation 

Isolation of SCs from skeletal muscle has been achieved via two main routes, 

cellular outgrowth and whole tissue digestion. The outgrowth method involves gentle 

separation of myofibers from the extracellular matrix, physical trituration to separate 

individual muscle fibers, and subsequent seeding of the fibers onto protein-coated 

dishes. This method relies on maintaining SCs within their niche on the myofiber 

periphery and their activation following plating. SCs will initiate the process of 

myogenesis and ‘outgrow’ from the myofiber onto the dish. Depending on the micro-

environment, the cells will continue to proliferate and commit down the myogenic 

pathway, yielding a population of myoblasts capable of generating myofibers [128]. 

Alternatively, whole muscle tissue can be extensively minced and fully digested to 

release the SCs from their home on the myofiber [129]. The digested solution can be 

strained to filter out the mixture of fragmented myofibers, resulting in a single cell 

suspension that can be plated and expanded. 

 A number of methods may be used to purify the myogenic, and specifically SC, 

population following extraction. Pre-plating is a simple strategy used to remove the 

population of fast-adhering cells, primarily fibroblasts, from the culture. Myogenic cells 

are re-suspended in a growth media following digestion and plated on non-coated tissue 

culture plastic; a surface in which fibroblasts, but not SCs, will attach [130]. After roughly 
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2 hours, the supernatant, consisting of a purified cell mixture, can be transferred to a 

different flask to encourage myogenic cell attachment [131, 132]. Myogenic cells with a 

higher SC fraction can be obtained using fluorescence-activated cell sorting (FACS) with 

antibodies against the extracellular domains of SC-specific membrane proteins [133]. 

For example`, the population of CD45-/CD31-/CD11b-/Sca1-/CD34+/integrin-α7+ cells 

from mouse muscle purified through two rounds of FACS was shown to contain 100% 

pure Pax7+ SCs that were capable of self-renewal and expansion following 

transplantation [81].  

2.4.1.2 Myoblast cell culture 

Traditional passaging of isolated SCs results in their rapid differentiation towards 

a myoblast phenotype [4, 81]. Myoblasts, typically expressing transcription factor MyoD, 

are in a proliferating state and, under particular environmental stimuli, can be induced to 

fuse and form multi-nucleated myotubes [2]. For tissue engineering purposes, these 

myogenic cells are maintained in a proliferative state in vitro in order to expand cell 

numbers prior to differentiation, at which point they become post-mitotic. Critical for the 

sustained growth of myoblasts are both the growth surfaces and media constituents 

used during culture.  

Collagen I coated plates were among the first 2D culture substrates identified to 

be supportive of both myogenic cell growth [134] and robust differentiation into cross-

striated, contractile myotubes [135]. Recent efforts have identified Matrigel as a superior 

candidate for myogenic attachment and expansion [131, 136]. Matrigel is a 

commercially-available protein cocktail primarily consisting of laminin and collagen IV; 

the two main constituents of muscle basal lamina matrix [137]. Compared to collagen I, 

muscle-derived cells cultured on Matrigel-coated flasks experienced enhanced 
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proliferation, expression of myogenic markers, and fusion capacity [136]. Laminin, alone, 

promotes myoblast growth as well, and stimulates cell locomotion [138]. To be 

discussed later, these results are likely attributable to outside-in integrin signaling due to 

binding between myoblasts and muscle-specific proteins.  

In addition to protein-coated culture substrates, two media formulations are 

traditionally used for growth and differentiation of skeletal myoblasts. Generally, growth 

media contains high serum levels, typically 10-20% fetal bovine or calf serum, to 

stimulate cell proliferation by high doses of growth factors [130]. Identified as an inhibitor 

of myogenic differentiation, basic fibroblast growth factor (bFGF) is commonly used as a 

supplement to further encourage proliferation and prevent fusion events [134]. Likewise, 

epidermal growth factor (EGF) [139] and isoforms of platelet-derived growth factor [140] 

can also be supplemented to culture media to enhance myoblast growth. Sub-confluent 

cell culture (60-70% before cell passage) is another requisite condition to support cell 

proliferation and prevent spontaneous cell fusion events during expansion [141, 142]. 

Differentiation media is used to drive fusion of myoblasts to myotubes, which can be 

robustly achieved through use of low serum (e.g. 2% horse serum [134, 143]) or serum-

free [144-146] media. In general, in high serum growth medium, myoblasts will express 

the inhibitor of DNA-binding/differentiation protein (Id), which prevents MyoD activation 

of downstream genes to trigger further myogenic differentiation [147]. Switching to low 

serum differentiation medium, significantly decreases Id expression and drives myoblast 

fusion into myotubes [148]. Additionally, specific growth factors, e.g. insulin-like growth 

factor 1 (IGF-1) or transforming growth factor-beta 1 (TGFβ-1) [130, 149], can be used to 

accelerate myotube formation. 
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2.4.1.3 Maintaining regenerative capacity in vitro 

Maintenance of the SC niche within native muscle involves both physical and 

biochemical interactions with the abutting myofiber membrane and the basal lamina that 

collectively support the capacity of SCs to self-renew and repair damaged muscle [4]. As 

previously mentioned, it is imperative to mimic such an environment in vitro in order to 

retain the abilities for SCs to self-renew and contribute regeneration. Besides 

engineering physical stimuli, discussed in section 2.3.2.1, supplementation of 

biochemical factors can also simulate SC niche-like environment. Recently, SCs from 

aged donors have been shown to upregulate p38α/β mitogen-activated protein kinase 

activity, typically induced by stress-related pathways. Supplementation of an inhibitor of 

p38α/β, SB202190, in conjunction with the expansion on a laminin-coated PEG 

hydrogels, resulted in enhanced SC proliferation and Pax7 expression in vitro and 

improved regeneration of injured muscle in vivo [150]. Additionally, high-throughput 

screening in zebrafish was recently used to identify forskolin, an adenylyl cyclase 

activator, and BIO, a GSK3β inhibitor, as small molecule enhancers of myogenesis. 

Forskolin was further found to promote expansion of mouse SCs in vitro, while the 

combination of the two chemicals augmented muscle differentiation of human induced 

pluripotent stem cells (iPSCs) [151]. Remarkably, Fu et al. [152] have recently identified 

four cytokines present in pro-myogenic, T cell-conditioned media (IL-1α, IL-13, TNF-α, 

IFN-γ) that when supplemented during expansion of mouse SCs supported their 

functional phenotype (>80% Pax7+ cells) for up to 22 passages. Following implantation, 

the expanded SCs displayed similar engraftment potential as freshly isolated cells and 

successfully integrated into the endogenous SC pool to aid muscle repair following 

secondary injury [152]. To our knowledge, this is the largest in vitro amplification of 
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mouse SCs (1x1018 fold) with maintained “stemness”. It remains to be studied if a similar 

cytokine cocktail can be identified for use with humans SCs. 

 

Figure 2.3 Methods to isolate and expand myogenic cells.  Starting from whole native 
muscle, the tissue can be lightly enzymatically digested (right) to isolate and plate intact 
myofibers from which satellite cells (SCs) will outgrow, proliferate, and differentiate into 
myoblasts. Alternatively (left), native muscle can be fully digested to yield a suspension of 
mononuclear cells. These cells can be FACS sorted for extracellular markers or preplated to 
purify the SC population. The purified SCs can be either plated on Matrigel-coated dishes or on a 
soft, laminin-coated hydrogel substrate. Supplementation of culture media with differentiation 
inhibitors prevents cell fusion and allows SC expansion with preserved regenerative capacity. 

2.4.2 Engineering functional muscle constructs 

Formation of in vitro skeletal muscle tissues requires the exposure of myogenic 

cells to a 3D environment conducive to their growth, differentiation, and function [5]. 

Concurrent with advances in the field of tissue engineering, scaffolds and techniques for 

generating muscle constructs have evolved over the years as groups have aimed to 

optimize cell maturation, tissue structure, contractile function, in vivo survival, and 

regenerative ability [5]. In this section we will discuss various methods of generating and 
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culturing 3D constructs to optimize their structural organization and functional 

performance. 

2.4.2.1 Generating 3D muscle 

Engineering a biomimetic skeletal muscle tissue in vitro generally refers to the 

recreation of highly aligned and contractile myofibers within a 3D environment. 

Traditionally, there have been two approaches to develop such constructs. The first 

relies on the ‘self-assembly’ of differentiated myogenic cells into anchored cylindrical 

tissue bundles or free-floating planar tissue sheets as the cell monolayer is detached 

from a 2D surface. The second requires the initial or continuous presence of a 

supporting 3D matrix, where undifferentiated myogenic cells are either seeded into a 

polymer scaffold or encapsulated within a hydrogel and later induced to fuse and 

differentiate into myofibers. Both methodologies are still in use. 

Self-assembly of in vitro muscle was first introduced by Strohman and colleagues 

in 1990 [153]. This method typically requires preparation of a protein-coated 

polydimethylsiloxane (PDMS) surface within a cell culture dish [14, 18, 21, 22]. The 

PDMS allows for the pinning of ‘anchors’ (e.g. silk sutures [18, 21, 22]), which act to 

secure the ends of the construct and provide passive tension to induce cellular 

alignment. To create more biomimetic systems, spinal cord explants [19], tendon 

structures [20], and engineered bone anchors [15] have also been used in attempt to 

establish neuromuscular or myotendinous junctions. Once the dish is prepared, a 

mixture of myogenic precursors (usually myoblast) and fibroblasts are seeded in a high 

serum growth medium to stimulate cell proliferation. The cells are grown into a confluent 

layer (4-7 days) and the media is switched to a low-serum differentiation medium to 

initiate myoblast fusion. After a few days, the dish is comprised of a population of 

http://en.wikipedia.org/wiki/Polydimethylsiloxane
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contracting, multi-nucleated myotubes and fibroblasts that will compact the cell layer 

inward resulting in gradual detachment from the dish. Once completely separated from 

the surface, the cellular composite will assemble around the anchors in the dish to 

create a cylindrical 3D tissue structure. This procedure can be further shortened by 

coating a hydrogel layer (e.g. fibrin) atop the PDMS surface to facilitate cell detachment 

[18]. Alternatively, myogenic cell monolayers can be detached via the use of thermo-

responsive polymer coatings [154], however, unlike the anchored cylindrical tissues, the 

resultant free-floating cell sheets are not amenable to physiological testing.  

Encapsulating cells in 3D scaffolds is the most commonly utilized method for 

skeletal muscle tissue engineering. Here, the primary (freshly isolated [8-10, 131, 132] or 

expanded [12, 13, 155]) or immortalized myogenic cells [11, 156, 157] are embedded 

into 3D synthetic polymer scaffolds [157] or natural hydrogels (fibrin, collagen I) [7-13]. 

For hydrogels, the cell/gel mixture is cast into a silicone tubing or PDMS mold coated in 

a pluronic solution to prevent cell adhesion. Cylindrical molds are typically used to 

generate a simple, cable-like tissue geometry, with porous felts at the ends of the mold 

that serve to anchor the hydrogel and provide passive tension for guiding unidirectional 

cell alignment [12]. For more complex planar tissue structures, mesoscopic hydrogel 

molding methods, in which soft lithography techniques are applied to precisely 

manufacture sub-millimeter PDMS posts [158], can be used to vary the local alignment 

of cells across a large tissue area [7, 8]. Once the cell/gel mixture is molded, the 

hydrogel is polymerized and the construct is placed in growth medium for a few days to 

increase cell number and density. During this period, fibroblasts present in the primary 

cell population will typically migrate to the periphery of the construct. Cell-mediated gel 

compaction will result in detachment of the construct from the mold and further 
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constriction along the free tissue boundaries [131]. Switching to differentiation medium 

will induce rapid fusion of myoblasts into myofibers followed by progressive structural 

and functional maturation. In general, under optimized conditions, the 3D encapsulation 

of myogenic cells in hydrogels has yielded engineered muscle constructs with higher 

total and specific force generation [5, 18, 131, 132] and more pronounced sarcomeric 

structures [131, 132] compared to use of scaffold-less approaches based on the 2D cell 

self-assembly. This might be attributed to enhanced myogenic fusion and larger 

myofiber size resulting from higher density of cell-cell contacts in 3D compared to 2D 

culture environment.  

Due to a number of advantages, naturally derived hydrogels, fibrin and collagen I 

are the most commonly used biomaterials for the engineering of functional muscle [10]. 

In particular, they: 1) support uniform 3D cell seeding, 2) contain plentiful cell attachment 

sites that support cell-mediated gel compaction and spreading, leading to the formation 

of highly dense and aligned tissues, and 3) have appropriate mechanical compliance to 

withstand (but not impede) forceful muscle contractions [7]. Collagen I gels are formed 

through thermally induced polymerization following pH neutralization (i.e. addition of 

NaOH), while fibrin gels are formed through the cross-linking of fibrinogen and thrombin, 

with both gel types typically being supplemented with Matrigel for muscle engineering 

applications. Recently, in a direct comparison, engineered skeletal muscle tissues 

exhibited higher contractile forces when made using fibrin vs. collagen I gel [10]. This 

was attributed to stronger binding of integrins expressed by mature myotubes (α7, αV) to 

fibrin [159, 160] than collagen I (e.g. a collagen I-specific integrin α2 is not expressed in 

muscle [159]) which likely resulted in better transmission of contractile force between 

myofibers and the surrounding ECM. Furthermore, increased concentrations of Matrigel 
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and its associated basal lamina proteins, additionally enhanced muscle contractile 

function. As previously described, this was likely due to the enhanced interactions 

between α7β1 integrin and laminin, also shown to regulate force transmission in native 

muscle [161].  

2.4.2.2 Maturation of engineered muscle in vitro 

Once the engineered muscle is formed, it is cultured in conditions that promote 

myofiber maturation and survival. Exogenous biophysical and biochemical stimulations 

are traditionally applied to mimic natural environmental cues and encourage further 

cellular growth and have been reviewed in detail elsewhere [162, 163]. Mechanical 

stimulation, in the form of progressive or cyclic stretch to mimic developmental growth 

[164] and exercise [165, 166] respectively, has been proven to enhance alignment [164, 

166], fusion [164, 166], myofiber hypertrophy [13], and force generation [165, 166] in 

engineered constructs. Electrical stimulation used to mimic neuronal input to muscle has 

also been shown to promote cell alignment, enhance fusion, improve maturation, and 

even guide fast-to-slow fiber type switching in engineered muscle [115, 167, 168]. 

Systems designed for exogenous electrical stimulation typically apply graphite, stainless 

steel, or platinum electrodes parallel to the engineered muscle within the culture dish to 

induce a field stimulus [115, 167-169]. 

2.4.3 In vitro assessment of engineered muscle 

In vitro analysis of engineered muscle constructs involves both structural and 

functional evaluation to assess maturation level of the construct and predict its ability to 

repair tissue damage following implantation. With more emphasis on the development of 

screening assays using engineered tissues, these quality control in vitro assays can be 

adapted for higher throughput testing of drug effects on myogenic maturation, viability, 
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and regeneration. In this section, we will review the most common in vitro methodologies 

to evaluate engineered muscle structure, function, and potential for regeneration. 

2.4.3.1 Muscle structure and morphology  

Assessment of muscle morphology, structure, and protein expression via 

qualitative and quantitative immunohistology and western blot analysis are routinely 

used to evaluate myogenic maturation of in vitro engineered muscle and its resemblance 

to native tissue. Gross structure of engineered muscle can be evaluated by assessment 

of myofiber alignment [7, 9], density [9], and presence of various muscle and non-muscle 

cell types [10, 19, 20, 131, 132, 156] in longitudinal and transverse histological cross-

sections. The percent of cells that underwent fusion can be quantified by counting a 

fraction of construct nuclei expressing myogenin [14, 131]. Myofiber diameter is 

commonly measured to evaluate cellular hypertrophy through analysis of transverse 

cross-sectional stainings [14, 131, 132, 155, 170, 171]. The fraction of myofibers 

expressing sarcomeres, muscle contractile units typically labeled by sarcomeric α-actinin 

(SAA) and myosin heavy chain (MyHC) antibodies, has been quantified to gauge 

myogenic differentiation [10, 131, 132, 155]. Additionally, the density and morphology of 

acetylcholine receptors have been identified through staining with bungarotoxin [8, 172]. 

Ideally, groups should report a direct structural comparison of engineered muscle to 

native neonatal muscle fascicles revealing similar myofibril appearance (SAA+ 

sarcomeric units), basal lamina composition and distribution (collagen IV and laminin 

along periphery of myofibers), peripheral epimysial-like connective tissue layer 

(vimentin+ fibroblasts), and quiescent SC pool (Pax7+ cells).  
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2.4.3.2 Contractile function 

Recording contractile force generation is considered one of the most valuable 

methods to dissect functional maturity of engineered muscle and its therapeutic potential 

in vivo. As freshly fused myotubes transition to mature myofibers and hypertrophy, their 

force generating capacity is augmented via both the increase in number of contractile 

units in the cross-section and the transition of MyHC isoforms from embryonic to adult 

[173]. First reviewed as early as 1999 [174], contractile force measurement in 

engineered muscle typically involves use of a custom testing platform. Several groups 

have developed such systems utilizing similar equipment configurations [10, 21, 22, 

171]. Typically, a tissue sample is placed in a temperature-controlled bath that houses a 

pair of electrodes connected to a stimulator. One end of the sample is secured to a fixed 

anchor while a floating anchor links the other end of the sample to a force transducer. 

Following a field shock delivered by electrodes (~3-5 V/mm for maximum force [10, 

132]), the muscle will undergo isometric contraction, pulling on the floating anchor and 

generating a force that will be recorded by the transducer. Assessment of contractile 

force in engineered muscle can be adapted for use in drug screening applications. A 

high throughput system, described in detail by Vandenburgh and colleagues [170], 

utilized a 96-microwell plate and a ‘myoforce analysis device,’ or MAD, to test the effects 

of various soluble factors on engineered muscle function [175]. In our recent study, the 

contractile responses of human engineered muscle (“myobundle”) to statins, 

chloroquine, and clenbuterol were comparable to those in clinical reports [155], thus 

suggesting the utility of this system as a preclinical drug testing platform. 
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2.4.3.3 Calcium handling 

Intracellular calcium handling is another critical parameter describing the maturity 

and functionality of the engineered muscle. Fluorescence recording of calcium-sensitive 

dyes (e.g., Fura-2, Rhod-2, Rhod-ff) and, more recently, genetically encoded calcium 

indicators (e.g. GCaMP) has been the classical method for measuring intracellular 

calcium transients in muscle cells. The GCaMP molecule, first developed by Nakai et al. 

[176], consists of fused permutated green fluorescent protein (GFP), calcium binding 

molecule, calmodulin, and M13, a peptide sequence from myosin light chain kinase. 

Binding of the free calcium to calmodulin causes a conformational shift of the molecule 

enabling rapid de-protonation of the GFP and bright fluorescence. The main advantage 

of these genetic indicators is the ability to perform cell type-specific, non-invasive, long-

term calcium imaging in vitro and in vivo [155, 177, 178]. Usually, the system for 

intracellular calcium recordings requires the use of a sensitive photomultiplier tube or 

fluorescent camera, an adequate light source and filter set, and highly efficient light-

collection optics. Amplitude of calcium transient determined from single-wavelength non-

ratiometric measurement is usually expressed as the ratio between change in signal 

amplitude and baseline fluorescence, referred to as dF/F [132, 155]. Recent studies in 

human engineered muscle have shown good correlation between dF/F calcium signals 

measured non-invasively by lentivirally expressed GCaMP6 [178] and corresponding 

amplitudes of contractile force for both twitch and tetanus contractions under a variety of 

pharmacological conditions [155]. 

2.4.4 Implantation of engineered muscle in vivo 

Determining the potential of tissue engineering therapies for skeletal muscle 

injury and disease will require well-designed animal studies to examine the therapeutic 
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efficacy of engineered muscle grafts in vivo. Ideally, engineered muscle implants would 

rapidly integrate into the host neurovascular system, restore function of the damaged 

muscle, and be able to self-regenerate to ensure long-term survival, maturation, and be 

resistant to injury [5]. Implantation methods have evolved over recent years to effectively 

recreate clinically relevant skeletal muscle defects and enable real-time monitoring of 

implant viability and function.  

Surgical implantation methods (Figure 2.4) are chosen based on critical 

endpoints of the particular study or to recreate a specific disease condition of relevance 

to pathology. Advanced surgical techniques have also been applied to improve implant 

survival and integration. Subcutaneous implantation is a simple surgical method that 

exposes grafts to vascular beds beneath the animal skin and is employed to evaluate 

the ability of engineered muscle to vascularize and survive [157, 179]. Intramuscular 

implantations create more realistic models of corrective surgery and aim to assess 

engineered muscle’s ability to integrate with host musculature and contribute to its 

contractile function. In some of these procedures, tissue construct is placed either 

alongside the hindlimb muscle [157, 180] or within a small void left by excising portion of 

the muscle [14, 80] or abdominal wall [156]. More drastic surgical procedures are 

needed to model volumetric muscle loss (VML) where the damage of more than 20% of 

muscle volume hinders the natural repair process and leads to scar accumulation [17, 

24, 181]. 

Dorsal skin-fold window chambers offer intriguing possibilities for engineered 

tissue implantation studies as it enables non-destructive, real-time monitoring of the 

implant survival and vascularization in live animals. Originally described for studies of 

tumor vascularization [182], the method involves removal of the front skin layer to 
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expose the rearward-facing subcutaneous tissue. Implants can be laid against this 

tissue, covered by a glass top, and secured within a chamber sutured to the skin to lock 

its position and prevent contamination. When combined with intravital microscopy, 

researchers can track real-time vascular growth and use fluorescent indicators of 

function to monitor implant viability. Moreover, the implant and underlying skin can be 

readily explanted for ex vivo functional and histological assessment. 

 

Figure 2.4 Methods for implantation of engineered muscle.  Three animal implantation 
methods (subcutaneous, intramuscular, and dorsal skin-fold window chamber) along with their 
main advantages. 

  

Dorsal skin-fold window 

chamber implantation

Intramuscular implantation

1) Exposure to vascular and neuronal beds 

2) Exposure to muscle injury or disease

3) Assessment of integration with host

4) Assessment of therapeutic potential

1) Exposure to vascular bed

2) Real-time imaging of implant vascularization 
and function

3) Simple explantation for ex vivo assessment

Subcutaneous 

implantation
1) Exposure to vascular bed

2) Simple surgical procedure

3) Simple explantation for ex vivo
assessment
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3. Identification of the roles of cellular source and 
culture condition in muscle myogenesis and function 

3.1 Rationale and experimental plan 

In recent years, our lab has optimized various parameters of skeletal muscle 

engineering (also referred to as muscle bundles), including tissue geometry [8], hydrogel 

composition [10], micro-fabrication process [7, 9], and biochemical supplementation [9], 

in attempt to improve contractile function, myofibril alignment, and expression of 

acetylcholine receptors. Building on this work, we set to further elucidate the effects of 

cellular composition and culture conditions on the function, structure, and cellular 

heterogeneity of engineered skeletal muscle. We utilized primary neonatal rat SCs as a 

highly proliferative, and easily accessible cell type [127] to generate cylindrical tissue 

constructs, named “engineered muscle bundles”. The effects of freshly-isolated (FI) 

cells, used in earlier work [7-10], and the adherent fraction (AF) of the FI cells that 

attaches to a Matrigel-coated flask were assessed. In addition, we evaluated the effects 

of static [7-10] and dynamic culture conditions on engineered muscle structure and 

functional performance. We hypothesized that the use of FI or AF cells will influence the 

maintenance of the SC pool and myogenic events. Previous studies in 2D cultures have 

reported that FI cells better retain self-regenerative capabilities compared to cultured 

and expanded cells [78, 80]. Therefore we expected to observe better retention of SCs 

with the undifferentiated FI cells and more robust fusion events when using AF cells. 

Furthermore, we expected that dynamic culture would promote survival of muscle cells 

within the interior of the relatively large muscle construct via improved diffusion of 

oxygen and nutrients [183]. These hypotheses were tested by systematically comparing 

use of FI and AF cells under static and dynamic culture (total of 4 groups) for the effects 
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on engineered muscle morphology, contractile function, maturity, cellular composition, 

and fusion events. Furthermore, skeletal muscle tissues engineered under optimal 

conditions were structurally and functionally compared to native neonatal muscle. 

3.2 Methods 

3.2.1 Myogenic cell preparation 

Skeletal muscle tissue was isolated from the lower hind limbs of 2-3-d-old 

Sprague-Dawley rats and all connective tissue and fat were carefully removed. The 

tissue was digested in 1 mg/mL collagenase (Worthington) and 2% dispase ((v/v) BD) 

dissolved in Wyles solution (137 mM NaCl, 5 mM KCl, 21 mM HEPES, 0.7 mM 

Na2HPO4, 100 mM glucose, and 0.1 mg/mL BSA) for 1 h at 37°C on a rocker. The 

isolated cells were resuspended in growth medium (Dulbecco’s modified Eagle’s 

medium (DMEM), 10% (v/v) fetal bovine serum, 50 unit/mL penicillin G, 50 ug/mL 

streptomycin, 5 ug/mL gentamicin) and preplated for 2 h at 37°C to reduce fraction of 

fast-adhering fibroblasts. These freshly isolated cells (Freshly-Isolated (FI)) where either 

used directly to create engineered muscle, or were plated onto Matrigel-coated (1% 

(v/v), BD) flasks in growth media at ~50,000 cells/cm2. Plated cells were washed in PBS 

after 24 hr and growth media was replenished. At 36 hr following initial plating, the 

adherent cells (Adherent Fraction (AF)) were detached by 2% dispase (v/v, BD) and 

used for generation of engineered muscle [132]. Non-adherent cells (Non-adherent 

Fraction (NAF)) that did not attach during the initial 24 hr of platting were also used to 

engineer muscle tissues. 

3.2.2 Fabrication of engineered muscle 

Engineered muscle bundles were formed within polydimethylsiloxane (PDMS) 

molds containing semi-cylindrical wells (1.25 cm long, 3 mm diameter) cast from 3D-
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machined Teflon masters. PDMS molds were coated with 0.2% (w/v) pluronic 

(P3000MP, Invitrogen) to prevent hydrogel adhesion and two Velcro felts (2mm x 4mm) 

were pinned at ends of the wells to anchor the hydrogel. The cell/hydrogel mixture (10 

million cells/mL, 2x growth medium, 4mg/mL bovine fibrinogen (F8630, Sigma), Matrigel 

(20% (v/v)), and thrombin (0.2 unit/mg fibrinogen, T4648, Sigma)) was injected into the 

PDMS wells and polymerized at 37°C for 45 min before addition of growth medium. The 

formed bundles were either cultured at static or dynamic (rocked at 0.4 Hz, -30º to +30º 

tilt) conditions for 2 weeks. After 4 days of culture, growth medium was replaced by 

differentiation medium (DMEM, 3% (v/v) horse serum, 50 unit/mL penicillin G, 50 ug/mL 

streptomycin, 5 ug/mL gentamicin) to promote differentiation of the myogenic cells into 

myofibers. Degradation of fibrin was inhibited by 1 mg/mL aminocaproic acid (A2504, 

Sigma) added to culture media. Cell-mediated hydrogel compaction generated passive 

tension between anchored hydrogel ends resulting in uniaxial cell alignment. 

3.2.3 Immunostaining analysis 

Engineered muscle bundles were fixed in 2% formaldehyde overnight on a rocker 

at 4ºC. Samples were treated using a blocking solution (0.5% Triton-X, 5% chicken 

serum in Ca+/Mg+ PBS) overnight on a rocker at 4ºC. Primary antibody solutions (listed 

in Table 3.1) at 1:15 - 1:200 dilution were applied in blocking solution overnight on a 

rocker at 4ºC. Samples were then washed 3 times in 0.1% Triton-X and incubated in 

secondary antibody (1:200 dilution in blocking solution) with DAPI and/or Alexa Fluor® 

488-conjugated phalloidin (Invitrogen) overnight on a rocker at 4ºC. Fluorescence 

images were acquired on an inverted confocal microscope (Zeiss LSM 510) at 20-40x 

magnification. For staining of transverse cross-sections, the samples were submerged in 

optimal cutting temperature (OCT) compound (Electron Microscopy Sciences), snap-
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frozen in liquid nitrogen, sliced (10-50 µm thick) perpendicular to bundle's long axis, and 

mounted on glass slides, followed by blocking and application of antibodies. Images 

were acquired at different magnifications either parallel or perpendicular to the bundle's 

long axis. For quantitative analyses of nuclear stains, we utilized a custom ImageJ (Fiji) 

program that identifies areas stained for DAPI, transcription factor (Pax7, MyoD, 

myogenin), or proliferation marker (Ki67), and, based on the median nucleus size for a 

given magnification, designates and automatically counts identified nuclei. Nuclear count 

is then manually verified by user. Myofiber area density in the engineered muscle 

bundles was quantified from longitudinal confocal sections acquired at 10-40 µm bundle 

depth and 20x magnification by calculating the percentage of bundle area positively 

stained for F-actin [132]. These images were also used to manually measure myofiber 

diameter by LSM Image Browser (Zeiss). Specific primary and secondary antibodies are 

found in Table 3.1 and 3.2. 

Table 3.1 Primary antibody list for chapter 3 

Primary Epitope Dilution Supplier Catalog no. 

Pax7 1:15 
Developmental Studies Hybridoma 

Bank 
Pax7-s 

MyoD 1:200 BD Pharmingen 554130 

myogenin 1:200 Santa Cruz Biotechnology sc-576 

sarcomeric α-actinin 1:200 Sigma a7811 

vimentin 1:400 Sigma v6630 

Ki67 1:200 Abcam ab15580 

mCadherin 1:200 Abcam ab65157 

Laminin 1:300 Abcam ab11575 

Collagen IV 1:300 Abcam ab6586 
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Table 3.2 Secondary antibody list for chapter 3 

Secondary Epitope Dilution Supplier Catalog no. 

Alexa Fluor 488 Phalloidin 1:200 Life Technologies A12379 
Alexa Fluor 594 Chicken 

Anti-Mouse IgG 1:200 Life Technologies A21201 
Alexa Fluor 594 Chicken 

Anti-Rabbit IgG 1:200 Life Technologies A21442 
Alexa Fluor 647 Chicken 

Anti-Mouse IgG 1:200 Life Technologies A21463 
Alexa Fluor 488 Phalloidin 1:400 Life Technologies A21200 
Alexa Fluor 594 Chicken 

Anti-Mouse IgG 1:200 Life Technologies A12379 

3.2.4 Assessment of contractile function 

Force generating capacity of engineered muscle was assessed at 2 weeks of 

culture using a custom-made setup described in detail elsewhere [10]. Specifically, 

engineered muscle bundles were loaded into a system containing a sensitive optical 

force transducer, a computer-controlled linear actuator (ThorLabs, Inc), platinum field 

electrodes, and a heated 37°C chamber. One end of the bundle was pinned to a 

stationary PDMS ledge in the chamber while the other was pinned onto a floating PDMS 

platform that was secured to the transducer. Samples were stimulated (10 ms, 3V/mm 

pulses) and isometric twitch contraction (response to a single pulse) and tetanic 

contraction (response to a 40 Hz, 1 sec duration pulse train) were recorded in bundles 

that were stretched to 110% of their culture length. Specific contractile force of a muscle 

bundle was determined by dividing its force of contraction with the cross-sectional 

muscle area measured at the center of the bundle. 
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3.2.5 Statistics 

Results are presented as mean ± SEM. Statistically significant effects of culture 

type (static vs. dynamic) or cell source (AF vs. FI) were evaluated by two-way ANOVA 

with post hoc Tukey’s tests to determine significant differences (p < 0.05) among 

individual groups using GraphPad Prism (GraphPad Software, Inc.). Levels of 

significance are noted in text, figures, or figure captions. 
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3.3 Results 

3.3.1 Effects of culture and cell source on muscle area 

After 2 weeks of culture, engineered muscle using both freshly-isolated (FI) and 

adherent fraction (AF) cells contained myofibers dispersed along the periphery of the 

bundle (Figure 3.1). Consistent with previous reports, the engineered tissue compacted 

during culture, reducing the total cross-sectional area up to 4 fold by 2 weeks [8, 10]. 

This bundle compaction was found to be dependent on both the cell source (FI vs. AF) 

(p < 0.0001) and culture method (static vs. dynamic) (p < 0.0001) (Figure 3.1B). Viable 

muscle area was measured as the area of F-actin positive staining within the cross-

section of the muscle. Dynamic culture had a significant effect (p < 0.0001) on muscle 

area compared to static culture while cell source did not (p = 0.087) (n = 6-9 bundles) 

(Figure 3.1C).  Muscle fraction (muscle area divided by total area) was also significantly 

affected by culture (p < 0.0001) as dynamic culture (FI: 0.44 ± 0.04, AF: 0.40 ± 0.05) 

resulted in bundles consisting of a greater percent of muscle fibers than static culture 

(FI: 0.066 ± 0.002, AF: 0.089 ± 0.01) (n = 6-9 bundles) (Figure 3.1D). 
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Figure 3.1 Cross-sectional analysis on engineered muscle.  (A) Cryo-sectioned bundles 
made from freshly-isolated (FI) and adherent fraction (AF) cells cultured both in static and 
dynamic (Dyn) conditions stained for muscle content (Factin) and nuclei (DAPI). (B-D) 
Quantification of (B) total bundle area, (C) muscle area (f-actin

+
 area), and (D) muscle area 

fraction (muscle area per total area). p* < 0.05 and p** <0.001 (n = 6-9 bundles per group). 

3.3.2 Effects of culture and cell source on contractility 

Force testing revealed that all groups were able to generate both twitch and 

tetanic (40 Hz) contractions (Figure 3.2A) up to 30 mN. Dynamic culture (FI: 14.52 ± 

1.55 mN (twitch) and 19.75 ± 2.01 mN (tetanus); AF: 17.83 ± 1.00 mN (twitch) and 28.80 

± 0.93 mN (tetanus)) resulted in significantly greater twitch (p < 0.0001) and tetanus (p < 

0.0001) force generation than static culture (FI: 2.04 ± 0.32 mN (twitch) and 2.95 ± 0.35 

mN (tetanus); AF: 3.09 ± 0.26 mN (twitch) and 4.21 ± 0.42 mN (tetanus)) (n = 6-9 
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bundles) (Figure. 3.2B). Interestingly, cell source only affected absolute tetanic force 

generation (p = 0.0006) as the AF was significantly stronger than the FI group. Specific 

force calculations (force per muscle area) revealed that both dynamic culture (p < 

0.0001) and cell source (p = 0.0004) had significant affects as dynamic culture of AF 

cells yielded the strongest muscle (43.39 ± 3.82 mN/mm2) (n = 6-9 bundles) (Figure. 

3.2B). 

 

Figure 3.2 Contractile force generation of engineered muscle.  (A) Active force traces of 
bundles made from freshly-isolated (FI) and adherent fraction (AF) cells cultured both in static 
and dynamic (Dyn) conditions induced by twitch (10 ms pulse) and tetanic (40Hz) electrical 
stimulation. (B-C) Quantification of (B) absolute and (C) specific force (force per muscle area). 
Error bars denote mean ± SEM. *P < 0.05 and **P <0.001 between groups designated by line. N 
= 6-9 bundles per group. 

3.3.3 Effects of culture and cell source on hypertrophy and fusion 

Myofiber hypertrophy (diameter), a marker of myogenic maturity, was 

quantitatively analyzed from confocal images within the muscle region of all groups (n = 

4-6 bundles, 3-5 locations per bundle, 5-20 myofibers per location) (Figure 3.3A). 

Results revealed that both cell source (p = 0.0005) and culture (p < 0.0001) had 

significant effect on myofiber diameter as dynamic culture and AF cells yielded the 
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greatest hypertrophy (FI: static: 9.81 ± 0.36 µm, dynamic: 11.94 ± 0.49 µm; AF: static: 

11.14 ± 0.59 µm, dynamic: 15.56 ± 0.65 µm) (Figure 3.3B).  

 

Figure 3.3 Quantification of myofiber hypertrophy.  (A) Confocal images of representative 
myofibers in bundles made from freshly-isolated (FI) and adherent fraction (AF) cells cultured 
both in static and dynamic (Dyn) conditions. (B) Quantification of myofiber diameter from images. 
Error bars denote mean ± SEM. *P <0.05, **P <0.001 between groups designated by line. N = 4-
6 bundles per group, 3-5 locations per bundle, 5-20 myofibers per location. 

 

To determine the effect of culture and cell source on fusion efficiency, 

engineered muscle at 2 weeks were fixed and stained for the transcription factor 

myogenin (MyoG), a marker of myonuclei and myogenic differentiation (Figure 3.4A). 

The greater amount of MyoG+ cells indicates enhanced fusion events and may result in 

hypertrophy; as muscle growth is supported through addition of myonuclei [173]. 

Quantitative analysis of confocal images of the muscle area within engineered muscle 

revealed significantly greater MyoG+ cell percentage (MyoG+ cells/total nuclei) in AF vs 

FI (p < 0.0001) in both static and dynamic conditions (Figure 3.4B), as culture condition 

had no effect (p = 0.58) (n = 4-6 bundles, 3-5 locations per bundle). To determine 

myonuclei density, the amount of MyoG+ cells per myofiber area (f-actin+ area) was 

calculated (Figure 3.4C). Again, myonuclei density was significantly affected by cell 

source (p < 0.0001) and not culture condition (p = 0.61), as AF was greater than FI (n = 

4-6 bundles, 3-5 locations per bundle). 
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Figure 3.4 Fusion efficiency in engineered muscle.  (A) Confocal images within the muscle 
region in bundles made from freshly-isolated (FI) and adherent fraction (AF) cells cultured both in 
static and dynamic (Dyn) conditions stained for myonuclei marker myogenic (MyoG). (B-C) 
Quantification of (B) MyoG

+
 cell percentage and (C) density (cells per muscle area). Error bars 

denote mean ± SEM. **P <0.001. N = 4-6 bundles per group, 3-5 locations per bundle. 

3.3.5 Retention of satellite cells 

Satellite cells (SCs) are required for skeletal muscle regeneration [2] and growth 

[173] and may be an important feature for regenerative capacity in engineered muscle. 

Therefore, the ability of each group to maintain a SC pool was assessed by quantifying 

the percent and density of Pax7+ cells, a common marker of satellite cells (n = 4-6 

bundles, 3-5 locations per bundle) (Figure 3.5). Pax7+ cells were found in all groups 

(Figure 3.5A) and the percentage of Pax7+ cells (Pax7+ cells/total nuclei) depended on 

both cell source (p = 0.045), culture (p = 0.0004), and their interaction (p = 0.017), with 

the greatest percentage found in dynamically cultured AF cells (14.37 ± 1.14 %) (Figure 

3.5B). Calculation of satellite cell density (Pax7+ cells per muscle area (f-actin+ area)) 

revealed a significant impact of culture (p = 0.0018) and the interaction of cell source 
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and culture (p = 0.013) (Figure 3.5C). Under dynamic conditions, AF cells were able to 

maintain significantly greater SC percentage and density than FI cells.  

 

Figure 3.5 Maintenance of satellite cell pool.  (A) Confocal images within the muscle region in 
bundles made from freshly-isolated (FI) and adherent fraction (AF) cells cultured both in static 
and dynamic (Dyn) conditions stained for satellite marker Pax7. (B-C) Quantification of (B) Pax7

+
 

cell percentage and (C) density (cells per muscle area). Error bars denote mean ± SEM. *P 
<0.05, **P <0.001 between groups designated by line. N = 4-6 bundles per group, 3-5 locations 
per bundle. 

3.3.6 Cellular dynamics during fusion events 

To better explore the cellular dynamics within the engineered muscle, 

myogenesis was assessed at early time-points (2, 3, and 4 days) in dynamically cultured 

bundles using FI and AF cells (n = 5 bundles, 4-8 locations per bundle to analyze). 

Engineered muscle was stained for key myogenic markers (Pax7, MyoD, and myogenin 

(MyoG)), and a cell proliferation marker (Ki67) (Figures 3.6 and 3.7).  
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Figure 3.6 Cellular dynamics within engineered muscle during fusion.  (A-B) Confocal 
images within the muscle region in bundles made from freshly-isolated (FI) and adherent fraction 
(AF) cells cultured dynamically stained for (A) satellite cell marker, Pax7, and (B) myonuclei 
marker, myogenin (MyoG), at day 2, 3, and 4. (C) Quantification of cell fraction within engineered 
muscle stained for key myogenic markers (Pax7, MyoD, and MyoG) and Ki67 (N = 5 bundles per 
group, 4-8 locations per bundle). (D) F-actin, or myofiber, density at day 2, 3, and 4 (N = 10 
bundles per group, 4-8 locations per bundle). Error bars denote mean ± SEM. *P <0.05, **P 
<0.001. 
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Figure 3.7 Co-expression of myogenic markers within engineered muscle during fusion.  
(A-B) Confocal images within the muscle region in bundles made from freshly-isolated (FI) and 
adherent fraction (AF) cells cultured dynamically stained for (A) satellite cell marker, Pax7, and, 
proliferation marker, Ki67, and (B) marker of myogenic differentiation, MyoD, and mature 
myonuclei marker, myogenin (MyoG). 

 

Quantitative analysis of Pax7+ cell fraction, a population consisting of quiescent 

or activated satellite cells, reveals that there was a greater percentage of positive cells at 

day 2 using FI (30.7 ± 4.3%) than AF cells (23.0 ± 5.6%). However, the pool within FI 

muscle significantly decreases by day 3 (15.1 ± 2.1%) and 4 (10.5 ± 1.1%) (Figure 

3.6A&C). Interestingly, this decline of Pax7+ cells did not occur in engineered muscle 

using AF cells as the pool stays consistent till day 4 (day 3: 24.1 ± 3.4%, day 4: 21.5 ± 

2.7%) (Figure 3.6A&C) resulting in a significantly greater percentage compared to FI 
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cells in both groups suggesting that nearly all Pax7+ cells are quiescent by day 4 (Figure 

3.6C and 3.7A).  

MyoD expression levels, a marker for activated satellite cells and more 

differentiated precursor cells [2], were high at day 2 for both groups (FI: 42.0 ± 5.3%, AF: 

49.7 ± 5.6%) (Figure 3.6C and 3.7B). These values experienced a steady decline in the 

FI group over the next two days and a significantly drop within the AF group to values 

significantly lower than those of the FI group (Figure 3.6C and 3.7B). Co-expression of 

MyoD with myogenin, a mature marker of myogenic differentiation, marks precursors 

primed for fusion or newly fused myonuclei. In FI muscle, this population of cells was 

significantly less prevalent at day 2 (24.5 ± 3.4%) compared to AF muscle (40.1 ± 2.3%) 

and peaked at day 3 (33.9± 2.9%) (Figure 3.6C and 3.7B). Similar to MyoD expression 

dynamics in AF muscle, co-expressing cells peaked at day 2 and significantly dropped 

by day 3 and 4 (Figure 3.6C and 3.7B). Tracking myogenin expression, found in mature 

precursors and fully-differentiated myonuclei [2], revealed a significantly lower 

percentage at day 2 in FI (29.6 ± 3.9%) compared to AF (50.0 ± 4.3%) cells (Figure 

3.6B&C). This population undergoes a steady increase in both cases, as AF bundles still 

contained a significantly higher pool at day 4 (FI: 40.8 ± 4.6%, AF: 58.7 ± 2.3%) (Figure 

3.6B&C). The dynamics of cellular expression in both groups suggests differentiation of 

myogenic precursors as there is an observed transition from MyoD to myogenin 

expression. Differentiation appears to be more sudden for AF cells as MyoD expression 

experiences a more abrupt decline. 

To further analyze the early dynamics of muscle formation, myofiber formation 

was tracked through calculations of f-actin+ area within the muscle layer in the 

engineered muscle (Figure 3.6A-B&D and 3.7A&B) (n = 10 bundles, 4-8 locations per 
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bundle) at day 2, 3, and 4. In both cases, using FI and AF cells, we observed rapid 

increases in f-actin density with significant jumps every day up to day 4. Furthermore, 

accelerated formation was observed when using AF cells, as at day 2, 3, and 4, 

myofibers appeared at significantly greater density compared to FI cells (Figure 3.6A-

B&D and 3.7A&B). In addition to a more rapid formation of myofibers, there also 

appeared to be more rapid maturation using AF cells, as by day 4, there was already 

sarcomere formation marked by striated sarcomeric α-actinin expression (Figure 3.8).  

 

Figure 3.8 Early formation of sarcomeres within engineered muscle.  Representative images 
of sarcomeric structruces (marked by sarcomeric α-actinin (SAA)) within myofibers in engineered 
muscle bundles made from freshly-isolated and adherent fraction cells cultured dynamically at 
day 2, 3, and 4 days. 

Tracking bundle diameter from day 2 to 4 (n = 4 bundles per group), significant 

compaction was observed at these early time-points when using both FI and AF cells. 

Furthermore, significantly greater compaction was noticed at both day 2 and 4 when 

using AF compared to FI cells (Figure 3.9A&B). A significant factor in bundle compaction 

is the layer of fibroblasts located on the periphery of the bundle [184]. Confocal imaging 
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for the presence of fibroblasts at early time-points suggests more rapid formation of a 

high-density fibroblast layer when using AF cells (Figure 3.10). 

 

Figure 3.9 Early compaction of dynamically cultured bundles.  A) Representative images of 
bundles made from freshly-isolated (FI) and adherent fraction (AF) cells cultured at dynamic 
conditions at day 2 and 4 (SD: starting diameter at day 0). B) Quantification of compaction 
expressed as fold change of bundle diameter. Error bars denote mean ± SEM. *P < 0.05 and **P 
<0.001 between groups designated by line. N = 4 bundles per group. 

 

Figure 3.10 Exterior layer of fibroblasts in engineered muscle during fusion.  
Representative images of fibroblasts (marked by vimentin (Vim)) on the exterior of the engineered 
muscle bundles made from freshly-isolated and adherent fraction cells cultured dynamically at 
day 2, 3, and 4 days. 
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3.3.7 Structural characteristics of engineered muscle 

Due to the greatest functionality and SC retention in AF bundles cultured 

dynamically, that group was considered to be the most optimal method and chosen for 

greater characterization. The initial cell input, characterized through 

immunofluorescence, consisted primarily of Pax7+/MyoD+ activated SCs and a small 

fraction of myogenin+ precursors, but no evidence of endothelial or smooth muscle cells 

(Figure 3.11).  

 

Figure 3.11 Input cell population for engineering of skeletal muscle bundles.  (A) 
Representative immunostaining of Pax7

+
, MyoD

+
, and myogenin (MyoG)

+
 cells. (B-C)  No α-

smooth muscle actin (SMA)
+
 smooth muscle cells (A) or CD31

+
 endothelial cells (B) were present 

in the cell isolates. Insets, positive controls for SMA and CD31 antibodies showing a blood vessel 
in adult rat cardiac muscle (B) and capillaries in native neonatal rat skeletal muscle (C). (D) 
Quantified fractions of myogenic (Pax7

+
, MyoD

+
, MyoG

+
) and vasculogenic (SMA

+
, CD31

+
) cells 

used for engineering of skeletal muscle (N = 3 cell isolations). Stainings suggest that cell 
population consists primarily of activated satellite cells (SCs), a proliferative population of 
Pax7

+
/MyoD

+
 cells that can either commit to a myoblast fate (Pax7

-
/MyoD

+
) or revert to the 

quiescent state (Pax7
+
/MyoD

-
) characteristic of homeostatic native muscle. Error bars denote 

mean ± SEM. 

After 2 weeks of 3D culture, engineered bundles consisted of a peripheral layer 

of vimentin+ fibroblasts that resembled the epimysial connective tissue layer encasing 

the myofibers of neonatal hindlimb muscle (Figure 3.12). The interior of both engineered 

and native neonatal muscle contained densely packed, highly aligned, multinucleated, 
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and cross-striated myofibers surrounded by a basal lamina-like matrix consisting of 

laminin and collagen IV (Figure 3.12). Within the basal lamina, Pax7+ SCs were found 

residing within a native-like niche, closely abutting myofiber sarcolemma (Figure 3.12). 

Overall, the 3D organization of the engineered muscle bundle highly resembled that of a 

native muscle fascicle, while lacking higher-order structures including multi-fascicle 

organization, tendons, and neurovascular bed. 

 

Figure 3.12 Structural characterization of engineered muscle.  Confocal images comparing 
the fibroblast periphery, myofibril structures, and satellite cell pool in engineered muscle and 
neonatal rat soleus muscle. Insert: image of SC in apparent niche. 

3.3.8 Maturation of engineered muscle 

In natural muscle, post-natal growth and hypertrophy is supported by creation of 

new myonuclei via secondary fusion of SCs with myofibers [173]. We therefore 

quantified the temporal changes in myofiber size and SC density at 1, 2, and 4 weeks of 

culture and found significant increase in myofiber diameter (1 wk: 8.73 ± 0.33 µm, 2 wk: 

14.9 ± 0.87 µm, 4 wk: 22.2 ± 1.33 µm) accompanied by decreases in SC number per 
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100 µm of myofiber length (1 wk: 1.22 ± 0.12, 2 wk: 0.75 ± 0.05, 4 wk: 0.52 ± 0.02) 

(Figure 3.13A,B&C) indicative of a functioning SC pool and continuous myogenesis. 

After 4 weeks of culture, these parameters achieved values intermediate between those 

of neonatal and adult rat muscle tissues (Figure 3.13C). 

 

Figure 3.13 Maturation of engineered muscle.  (A-B) Representative images of the steady 
increase in myofiber diameter (A) and decrease in Pax7

+
 SC number (B) within engineered 

muscle bundles over 4 week  (wk) culture. (C) Average myofiber diameter and SC number per 
100 µm myofiber length at 1, 2, and 4 wk of culture compared to native neonatal (neo) and adult 
soleus muscles. (D) Absolute and specific (force per area) twitch and tetanus (40 Hz) amplitudes 
in engineered bundles at 1, 2, and 4 wk of culture. Error bars denote mean ± SEM. **P < 0.01 
between 4 wk bundle and native muscles, P < 0.01 between denoted groups. N =4-10 samples 
per group, 8-10 images per sample. 

In response to electrical stimulation, engineered muscle bundles generated 

strong twitch contractions that with increase in stimulus frequency fused into a more 

forceful tetanic contraction (Figure 3.14A). As characteristic of native muscle [185], 
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lengthening of engineered muscle yielded a biphasic increase in the amplitude of active 

(contractile) force and a monotonic increase in passive tension (Figure 

3.14B).Contractile force generating capacity of engineered muscle also increased with 

time of culture (1 wk: 8.83 ± 2.3 and 17.27 ± 3.6 mN, 2 wk: 17.08 ± 1.1 and 28.39 ± 0.92 

mN, 4 wk: 22.79 ± 2.1 and 26.75 ± 2.3 mN (twitch and tetanus), Figure 3.13D), attaining 

values more than an order of magnitude higher than those previously reported for other 

engineered muscle tissues [9, 10, 14, 18, 21, 156, 180, 186]. Specific tetanic force per 

unit muscle cross-sectional area of 47.9 ± 4.1 mN/mm2 in 4-week engineered bundles 

surpassed values reported for native neonatal rat soleus muscle (44 mN/mm2) [185]. 

Moreover, passive tension during 4-week culture did not change significantly (Figure 

3.14C), yielding high active-to-passive force ratios of ~10-15 (Figure 3.14D), 

characteristic of neonatal skeletal muscle [185, 187] and, to our knowledge, unmet in 

previous tissue engineering studies. 

 

Figure 3.14 Functional characterization of engineered muscle bundles.  (A) Representative 
active force traces in 2-week (wk) old engineered muscle bundles showing increase in active 
force amplitude and generation of tetanic contraction at increased frequency of electrical 
stimulation. (B) Representative twitch force traces in 2-week old engineered muscle bundles 
showing changes in active twitch and passive tension amplitudes with increase in engineered 
muscle length L (relative to initial length L0). (C) Amplitude of passive tension at 10% strain 
(L/L0=1.1). (D) Ratio of active tetanus force to passive tension amplitudes at 10% strain. Error 
bars denote mean ± SEM. N = 4-10 bundles per group. 
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3.4 Discussion 

The goal in this chapter was to explore the roles of cellular input (FI vs. AF) and 

culture method (static vs. dynamic) on contractility and myogenesis in attempt to develop 

an optimal culturing procedure to engineer muscle constructs with superior function and 

myogenic maturity while maintaining the presence of satellite cells (SCs). The optimal 

engineered muscle was then compared to natural neonatal muscle in order to assess 

the physiological-accuracy of the model. 

3.4.1 Optimizing cell source and culture conditions 

Reports have identified the effect of culture on SC function and characteristics, 

revealing that FI SCs are able to retain self-regenerative capabilities better than cultured 

cells which undergo differentiation [78, 80]. Thus, adding undifferentiated SCs may 

provide a potential benefit when attempting to reconstitute the SC niche within the 

engineered muscle. However, as researchers look towards methods for gene and 

protein delivery and cellular expansion, there are benefits of working with myogenic cells 

in culture. Further, freshly-isolated cell populations include many non-myogenic cells 

types leading to variability in projected function, evidence by the formation of sparse 

myofibers in engineered muscle using the non-adherent fraction of FI cells (Figure 3.15). 

Therefore, the ability of the fraction of cells which adhere to a Matrigel-coated flask 

(adherent fraction (AF)), and, following gentle disassociation, are used to create 

engineered muscle following culture was tested. 
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Figure 3.15 Characterization of engineered muscle from non-adherent cell fraction 
cultured dynamically.  (A) Z-stack of vimentin

+
 (Vim) fibroblast alignment and distribution from 

the periphery of the bundle. (B-C) Confocal images within muscle layer stained for (B) myogenin
+
 

(MyoG) myonuclei, (C) Pax7
+
 satellite cells, and f-actin

+
 myofibers. (D) Fold difference between 

engineered muscle derived from the non-adherent fraction of cells compared to adherent fraction 
(AF) cells both cultured under dynamic conditions. **P <0.001 compared to AF-dynamic group. N 
= 3 bundles for non-adherent group, 3-5 locations per bundle. 

Dynamic culture has been introduced in the field of tissue engineering in attempt 

to increase oxygen and nutrient diffusion, enhance waste removal, and apply shear 

forces within a 3-dimensional construct [183]. Reported effects of dynamic culture 

include not only increased cell survival and distribution [188] but also changes in cellular 

expression and behavior [188-190]. In the study, a simple method of incubation on a 

rocking system (0.4 Hz, -30º to +30º tilt) was utilized to introduce fluid shear to a 

suspended engineered muscle construct.  

3.4.1.1 Effects on engineered muscle compaction 

Over 2 weeks of engineered muscle culture, cells within the fibrin hydrogel will 

migrate, proliferate, differentiate, and fuse, depending on cell type and external stimuli, 

remodeling the hydrogel scaffold. In our system, we commonly observe migration of 

D

F
o

ld
 D

if
fe

re
n

c
e
 

fr
o

m
 A

F
 –

d
y
n

a
m

ic
 

g
ro

u
p

** ** ** **
**

**
**

Non-adherent Fraction + Dynamic 

Culture

DAPI

Factin

Pax7

DAPI

Factin

MyoG

50 µm50 µm

CB

DAPI

Factin

Vim

50 µm

A z = 0 µm z = 20 µm z = 40 µm



 

59 

fibroblasts to the periphery of the bundle surrounding myofibers formed from fused 

myogenic precursors. This external layer of fibroblasts may assemble due to durotaxis 

towards the greater tension on the surface of the construct [132, 191] or enhanced 

migratory properties of the cell type as it seeks more favorable oxygen and nutrient 

concentrations. Hydrogel compaction, attributed to fibroblast contraction during migration 

[184, 192], creates passive tension in the system and results in myofibril alignment. Both 

dynamic culture and the AF cells increased total bundle contraction at 2 weeks (Figure 

3.1A&B). Given the reported effects of shear stress in enhancing fibroblast migration 

[193] and proliferation [194], the result of dynamic culture on compaction can be 

expected and confocal images of bundle periphery at 2 weeks suggest greater density 

with dynamic culture (Figure 3.16). Further, as shown in Figure 3.10, there was a more 

rapid accumulation of fibroblasts at the periphery when using AF cells resulting in 

accelerated compaction compared to FI cells. The 48 hours in culture may have resulted 

in fibroblast proliferation and an increase in cell surface proteins to enhance mobility. 
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Figure 3.16 Peripheral fibroblast layer in engineered muscle.  Representative confocal 
images of engineered muscle periphery at 2 weeks showing density and distribution of vimentin

+
 

(Vim) fibroblasts for each group. 

As expected, dynamic culture resulted in a significant increase in viable muscle 

area and fraction compared to static culture (Figure 3.1C&D). Static results are 

consistent with prior reports of relatively large engineered muscle [10], demonstrating 

only a thin layer of musculature on the exterior of the bundle. Dynamic culture was able 

to significantly increase the muscle layer and create tissues with substantial amounts of 

viable myofibers. With the increase of muscle, the increase in absolute twitch and tetanic 

force was expected as there are more healthy myofibers contributing to contraction 

(Figure 3.2A&B). However, dynamic culture also had a significant effect on specific 

force, a parameter of individual myofiber integrity and maturity. Furthermore, the use of 
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AF cells resulted in significant increase in absolute and specific forces without affecting 

muscle area, again suggesting enhancement of individual myofiber performance. 

Additively, dynamic culture and the use of AF cells in our engineered muscle constructs 

result in absolute forces approaching 30 mN, an order of magnitude higher than those 

previously reported for other engineered muscle tissues [9, 10, 14, 18, 21, 156, 180, 

186], and specific forces comparable to native neonatal muscle [185]. 

3.4.1.2 Effects on myofiber maturity 

A key indicator of individual myofiber maturity is cellular hypertrophy, or fiber 

diameter. As expected, similar trends in myofiber diameter as with specific forces was 

observed, as both dynamic culture and the use of AF cells resulted in significant 

increases in cell size (Figure 3.3). Extensive studies of myofiber hypertrophy have 

shown that it is resultant of increase protein synthesis caused by either accumulation of 

myonuclei, nutrient uptake, and/or the stimulation of specific pathways [195, 196]. 

Quantitative analysis of myonuclei within the engineered muscle following 2 weeks of 

culture, showed significant impact of the use of AF cells in both myogenin+ cell 

percentage and density (cells/fiber area) (Figure 3.4). These results suggests increased 

fusion efficiency within the engineered system when using AF cells, potentially attributed 

to myogenic differentiation or increased expression of adhesion proteins following 

culture, yielding a cellular pool more primed for fusion events. Dynamic culture, however, 

did not show any effect on myonuclei accumulation, suggesting it may not impact fusion 

efficiency within the engineered muscle. Therefore, it can be postulated that the applied 

fluid shear provided myofibers with sufficient nutrients, shown to increase cell survival 

(Figure 3.1), to support hypertrophy [197]. Further, as shear is known to enhance of 

insulin-like growth factor 1 (IGF-1) signaling in various cell types [198, 199], dynamic 
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culture may also stimulate common myogenic hypertrophic pathways downstream of 

IGF-1 [195, 196]. 

3.4.1.3 Maintaining a satellite cell population and tracking early fusion events 

As described in detail in section 2.1, Pax7+ SCs are necessary for muscle growth 

[200] and regeneration [201], thus making Pax7+ cell retention a crucial parameter. 

Since FI cells avoid myogenic differentiation with culture, it was expected that there 

would be greater SC density at 2 weeks. Surprisingly, in dynamic culture, engineered 

muscle using AF cells were able to retain almost twice as many Pax7+ cells compared to 

the FI group (Figure 3.5). To better understand the cellular dynamics within the 

engineered muscle, and to unveil how Pax7+ cells are maintained, early time-points 

during myogenic fusion events (day 2, 3, and 4) were examined. As expected, the use of 

FI cells introduced a greater percentage of Pax7+ at day 2 than AF cells (Figure 3.6). 

However, this population experienced a significant drop by day 3 and 4 in the FI group, a 

trend not experienced when using AF cells. By day 4, engineered muscle using AF cells 

retained twice as many Pax7+ cells compared to FI cells. Additionally, at this time, the 

large majority of Pax7+ cells lacked expression of Ki67 in both groups, suggesting 

transition to a quiescent state (Figure 3.7).  

Expression of more mature myogenic markers, MyoD and myogenin, were also 

tracked during fusion events (Figure 3.6 and 3.7). As expected, AF cells introduced a 

greater population of more differentiated cells at day 2 and, based on a significant drop 

in MyoD expressing cells by day 3, underwent accelerated differentiation compared to FI 

cells which experienced a slower transition from MyoD to myogenin expression (Figure 

3.6 and 3.7). As a result, the AF group was able to support rapid fusion events and 

myofiber formation (Figure 3.6D), as a significantly greater amounts of f-actin+ cell 
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density compared to the FI group at day 2, 3, and 4 was observed. In addition, the use of 

AF cells resulted in accelerated myofibril maturation evidenced by earlier formation of 

contractile sarcomeric structures (Figure 3.8). 

3.4.1.4 Formation of the satellite cell niche 

The cellular dynamics observed during early time-points within the engineered 

muscle suggest that SC maintenance may rely on the rapid formation of myofibers, 

providing a niche for SC survival. The SC niche, critical for maintaining SC regenerative 

function, consists of the host myofiber and a laminin-rich basal lamina [202]. Key 

adhesion proteins associated with the SC niche are α7β1 integrin, expressed by the 

satellite cell for attachment to laminin [202], and m-Cadherin, expressed by both the 

satellite cell and myofiber for mutual binding [202, 203]. Even though using FI cells 

provide a greater percentage of Pax7+ cells initially, the AF cells consisted of a 

heterogeneous myogenic population more favorable for retaining the Pax7+ pool. AF 

cells cultured on Matrigel introduced a population that was able to retain Pax7 

expression, due to potential linkage between the laminin in the protein cocktail and α7β1 

integrin expressed by the SC [136, 204], and, based on MyoD and myogenin levels at 

day 2 (Figure 3.6 and 3.7), a population of more mature precursors. The more 

differentiated cells, following gentle disassociation with dispase in attempt to preserve 

cell surface proteins, underwent rapid fusion events creating immature multi-nucleated 

myotubes, known to express m-Cadherin in developing muscle [205, 206]. These 

events, coupled with the presence of laminin within the hydrogel matrix (Figure 3.12), 

may have contributed to enhanced sites for more undifferentiated Pax7+ cells to dock, as 

by day 4, Pax7+ cells already abut myofibril surfaces expressing m-Cadherin (Figure 

3.17). All such events are further supported through the accelerated compaction seen in 
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AF gels under dynamic conditions, increasing cell to cell contacts. The use of FI cells, 

however, created an environment that experienced a delay of myofiber formation and a 

decrease in SC maintenance, potentially resultant of differentiation of dysfunction of SCs 

due to lack of homing locations [207]. All-in-all, it is suggested through our work that the 

formation of the satellite cell niche in engineered muscle requires rapid an environment 

and cellular source that enables rapid fusion of myogenic cells allowing undifferentiating 

SCs an opportunity to home and mature.  

 

Figure 3.17 Pax7
+
 cells homed to myofibers at day 4.  Confocal images showing Pax7

+
 (blue) 

nuclei abutted to f-actin
+
 myofibers expressing m-Cadherin (Mcad) surrounded in laminin (Lam). 

White arrows indicate locations of m-cadherin expression and the adhesion of the myofiber and 
Pax7

+
 cell. 

3.4.2 Comparing optimized constructs to native muscle 

One of the overarching goals of tissue engineering is to create constructs that 

accurately model native organs in both structure and function and can recreate natural 

tissue processes. To validate the engineered tissue as a credible representation of 

natural muscle structure, the architecture and composition of AF-derived engineered 

muscle cultured dynamically for 2 weeks was directly compared to that of neonatal rat 

muscle (Figure 3.12). Confocal microscopy showed the exterior of the bundles to be 
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sheathed in a layer of vimentin+ fibroblasts, characteristic of native muscle epimysium, a 

layer of connective tissue encompassing bundles of myofibers. Both native muscle and 

our bundles’ interior consisted of densely packed, highly aligned, multinucleated, and 

cross-striated myofibers surrounded in basal lamina consisting of muscle-specific ECM 

proteins (laminin and collagen IV). Localized to the basal lamina are resident muscle 

stem cells, or SCs, marked by expression of Pax7. Figure 3.12 reveals that in our 

constructs, SCs are homed to their natural niche, beneath the basal lamina on the 

periphery of myofibers. The temporal changes in myofiber size and SC density at 1, 2, 

and 4 weeks were quantified to evaluate the ability of the engineered muscle to undergo 

continued myogenesis and post-natal muscle growth (Figure 3.13). Differentiation of 

SCs during 4-week culture contributed to myofiber hypertrophy, a process characteristic 

of the natural process [173]. Along with the structural maturation, contractile capacity of 

engineered muscle increased beyond specific force values measured in neonatal rat 

muscle, reaching contractile force amplitude (~30 mN) 10-100 times higher than 

previously achieved [9, 10, 14, 18, 21, 156, 180, 186]. 

3.5 Summary and Implications 

The described work reveals significant benefits of the use of an adherent 

myogenic cell fraction and dynamic culture towards the development of a skeletal 

muscle construct capable of replicating the function, structure, and cellular heterogeneity 

of natural muscle using both neonatal and adult cell sources. Furthermore, crucial 

requisites for the maintenance of satellite cells in engineered muscle in vitro we 

discovered, as constituents of their natural niche played a critical role in Pax7+ cell 

retention. The methods and findings presented can be applied to create more accurate 

models of skeletal muscle for use in studies of function and regeneration and potentially 
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clinical applicable replacements; serving as the foundation for the following two 

chapters. 
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4. Assessing the ability of neonatal-derived engineer 
muscle to respond to injury in vitro and survive 
following in vivo implantation 

4.1 Rationale and experimental plan 

In response to common acute injury, native muscle shows a remarkable capacity 

for self-repair [201, 208] mediated by rapid SC activation and myogenesis to rebuild 

damaged myofibers [1, 201, 209]. Development of tissue-engineered muscle capable of 

self-repair, a feat previously not accomplished in the field, would open doors to studying 

physiology and pathology of muscle regeneration in vitro and increase efficacy of tissue 

engineering therapies for muscle repair in vivo. In chapter 3, we demonstrated that 

engineered muscle bundles retain a SC pool that contributes to continued myogenesis 

with time of culture. In this chapter, we studied the self-repair capacity of the engineered 

muscle using a novel in vitro regeneration assay in which myofibril disruption was 

induced via application of cardiotoxin (CTX) and the recovery from injury was 

subsequently monitored by live imaging, force tests, and immunostainig. To reveal the 

roles of SCs in engineered muscle regeneration, we expanded the myogenic cells using 

varying concentrations of bFGF, engineered muscle bundles with vayring SC density, 

and further studied their regenerative response after injury with cardiotoxin.  

We further studied the ability of engineered muscle bundles to survive, 

vascularize, and continually function in vivo. Thus far, implanted in vitro engineered 

muscle tissues have not been able to recreate the structural and force generating 

properties of native muscle, while implantation of committed myogenic cells has led to 

cell death and the inability to engraft or support continued regeneration [78-80]. By 

contrast, undifferentiated, freshly isolated muscle stem cells, known as satellite cells 
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(SCs), can home to the resident host niche, undergo myogenic commitment, and 

regenerate host muscle upon implantation [78, 80, 81]. Our hypothesis was that for 

optimal therapy, engineered muscle should fully recreate the cellular heterogeneity of 

native muscle and consist of both force-generating, differentiated myofibers and a 

functioning SC pool to allow further maturation and regeneration in vivo. To assess the 

fate of engineered muscle constructs in vivo, we transduced cells with genetic indicator 

of calcium concentration, GCaMP3 (section 2.4.3.3), and implanted them in dorsal 

window chambers in nude mice (section 2.4.4). This allowed us to non-destructively in 

real time image the ingrowth of vessels from the host into the implanted tissue as well as 

GCaMP-reported calcium transients, reflective of muscle function. Furthermore, 

differentiated engineered muscles and those containing only undifferentiated myogenic 

cells were compared for their abilities to vascularize and function in vivo. 

4.2 Methods  

4.2.1 Cell isolation and culture 

Muscle tissue was harvest and myogenic precursors were isolated using the 

same method described in 3.2.1. Cells used for implantation studies were exposed to a 

GCaMP3, a genetic indicator of intracellular calcium, lentivirus driven by a CMV 

promoter for 24 h following initial cell seeding (Figure 4.3A&B). When expanding the 

myogenic pool, in attempt to vary the SC population, cells were cultured on 1% Matrigel-

coated dishes in an expansion media (F10 Nutrient Mixture and 20% FBS) and 

supplemented with rat recombinant bFGF (R&D Systems) at 0, 2.5, 5, and 10 ng/mL 

concentrations. The expanded cells were passaged up to 5 times and quantified for the 

presence of myogenic cells (Pax7+, MyoD+, and MyoG+). During passaging and prior to 

engineered muscle formation, the cells were detached by 2% dispase (v/v). 
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4.2.2 Engineered muscle formation 

Large single muscle bundles were generated as described in 3.2.2 using the 

adherent cell fraction (AF) under dynamic culture conditions. For implantation studies, a 

smaller tri-bundle mold (7 mm long, 2 mm diameter) was developed in a similar method 

as described 3.2.2. In the tri-bundle system, laser-cut Cerex® frames (9 mm x 9 mm, 1 

mm wide rim) were positioned around the 3 wells to enable hydrogel attachment and 

facilitate construct handling and implantation. Likewise, the implanted tri-bundle muscle 

constructs were generated using AF cells and cultured dynamically for either 2 or 14 

days. Constructs cultured for 2 days and only exposed to growth media comprise the 

undifferentiated group (UnD) and constructed cultured for 14 days and exposed to 

differentiation media comprise the pre-differentiated group (PreD). 

4.2.3 In vitro regeneration assay  

  Following 2 weeks of in vitro culture, differentiated engineered muscle bundles 

were exposed to 0.2 µM cardiotoxin (CTX, Cardiotoxin from Naja mossambica 

mossambica, Sigma) for 6 hours on a rocker at 37°C. The injured bundles were washed 

3x in differentiation medium to rid the environment of toxin. Bundles were assessed for 

contractile function, described in section 4.2.8, and structural composition, described in 

section 4.2.9, immediately after CTX administration and following culture in 

differentiation media for 5 or 10 days (and up to 15 days in chapter 3) (Figure 4.1). 

Specifically, SC dynamics were tracked using the SC marker, Pax7, proliferation marker, 

Ki67, activated SC marker, MyoD, and mature myonuclei marker, myogenin.  
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Figure 4.1 In vitro assessment of engineered muscle regeneration.  Cardiotoxin (CTX) is 
applied for 6 hours (hr) to induce myofiber fragmentation and response to injury was assessed by 
evaluating muscle function, cellular makeup, and myofiber recovery at 6 hours, 5 days, and 10 
days post injury. 

4.2.4 Implantation of engineered muscle bundles  

All animal experiments were approved by the Duke University ACUC. Nude mice 

(~10 weeks of age; 22-30 g) were anesthetized by intraperitoneal injection of ketamine 

(100 mg/kg) and xylazine (10 mg/kg). Using aseptic technique, the dorsal skin was 

attached to a temporary "C-frame" at the center of the back. The skin was perforated in 

three locations to accommodate the screws of the chamber, and a circular region (~12 

mm) of the forward-facing skin (i.e., cutis, subcutis, retractor and panniculus carnosis 

muscles, and associated fascia) was dissected away to accommodate the window 

proper. The forward and rearward pieces of the titanium dorsal skinfold chamber were 

assembled together from opposite sides of the skin, and a Cerex® frame with tri-bundle 

muscle constructs was laid perpendicular (verified under microscope) to the intact 

panniculus carnosis muscle of the rearward-facing skin (Figure 4.3F&G), providing a 

source of microvessels for vascularization. A sterile cover glass was placed over the 

window and engineered tissue while superfusing with sterile saline solution. The 

chamber was then secured with suture and the “C-frame” was removed. Post-

CTX

6 hr

Healthy Muscle

5 d 5 d

Damaged Muscle Regenerating Muscle Repaired Muscle

Assessment:

Function: contractile force and calcium-handling measurements

Cellular phenotypes: immunostaining (Pax7, Ki67, MyoD, Myogenin)

Myofiber recovery: Immunostaining (SAA - myofiber area and cross-striations)
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operatively, the mouse was injected subcutaneously with buprenorphine (1 mg/kg) 

painkiller and let to recover on a heating pad. 

4.2.5 Intravital imaging of blood vessels 

Intravital recordings were performed in anesthetized mice on d 2, 5, 7, 9, 12, and 

14 post-implantation (PI). Mice were anesthetized by nose cone inhalation of isoflurane 

and positioned on a heating pad under a microscope objective. Hyperspectral brightfield 

image sequences (10 nm increments from 500 – 600 nm) were captured at 5x 

magnification using a tunable filter (Cambridge Research & Instrumentation, Inc.) and a 

DVC camera (ThorLabs), as previously described [182]. A custom MATLAB 

(MathWorks) script [210] was applied to create maps of total hemoglobin concentration 

(Figure 4.2). Obtained maps were further processed using local contrast enhancement in 

ImageJ (FIJI) and thresholded to binary images to identify vessel area and calculate 

blood vessel density (BVD, total area of blood vessels per bundle area). 
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Figure 4.2 Method for calculating blood vessel density in implanted engineered muscle 
bundles.  (A) Consistent regions of interests (ROIs) were identified within raw intravital images of 
total hemoglobin concentration for the same implanted bundle at different time points (days) post 
implantation. Using ImageJ (FIJI) software, local contrast was enhanced (B) and blood vessels 
were identified following conversion of the enhanced into binary images (C). From these images, 
the blood vessel density (i.e., total vessel area per bundle area) was measured in blind fashion. 

4.2.6 Intravital imaging of intracellular Ca2+ transients  

Intravital imaging of spontaneous Ca2+ transients was performed immediately 

after vessel imaging with mice still anesthetized. Fluorescent gCaMP3 signals in 

implanted bundles were video-imaged through a FITC-filter using a fast fluorescent 

camera (Andor; at 16 µm spatial and 20 ms temporal resolution). Amplitudes of 

spontaneous Ca2+ transients were determined using the Solis software (Andor) by 
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averaging relative fluorescence intensity (ΔF/F) from three ~400x400 µm2 regions within 

each bundle (Figure 4.3C) [9]. 

 

Figure 4.3 Measurements of intracellular calcium transient and contractile force generation 
in implanted engineered muscle bundles.  (A) Representative brightfield and fluorescent 
images of myogenic cells transduced with GCaMP3 virus prior to assembly into a muscle bundle. 
(B) Representative GCaMP3 traces from an engineered muscle bundle at various stimulation 
frequencies. The traces are progressively shifted upwards for improved clarity. (C) Select time 
snapshots of recorded GCaMP3 fluorescence from an explanted muscle bundle during 
application of an electrical stimulus. (D) Averaged fluorescence traces from the red square region 
within the muscle bundle and blue square region (background) outside of the bundle shown in 
(C). Vertical lines denote times of the snapshots shown in (C). (E) ΔF/F signal amplitude is 
calculated using the shown formula. (F) Representative brightfield image of an engineered 
muscle bundle implanted perpendicular to the direction of underlying host muscle fibers within a 
dorsal window chamber. (G) 2 week (wk) post-implantation, transverse cross-section of implanted 
muscle overlaying longitudinal section of host muscle confirms that two muscles remain 
perpendicular to each other. (H) Representative tetanus force traces and average active forces of 
control host muscle without implant, measured parallel and perpendicular to host myofiber 
orientation. Note that in the direction perpendicular to host myofiber orientation (and along the 
orientation of implanted muscle bundles), the active force generated by the host muscle is 
negligible. Error bars denote mean ± SEM. N = 3 mice.  
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4.2.7 In vitro and ex vivo measurements of Ca2+ transients  

Electrically-induced GCaMP3 Ca2+ transients were imaged in engineered muscle 

bundles after 2 and 14 d of in vitro culture and in muscle explants 1 and 2 weeks PI. 

Engineered muscle constructs were transferred into a custom chamber mounted on an 

inverted fluorescence microscope (Nikon), placed in 37°C Tyrode’s solution (135 mM 

NaCl, 5.4 mM KCl, 1.8 mM CaCl, 1 mM MgCl, 0.33 mM NaHPO, 5 mM HEPES, 5 mM 

glucose), and electrically stimulated (10 ms pulse, 3 V/mm). Induced GCaMP3 signals 

were recorded using a fast fluorescent camera Andor iXon 860 EMCCD (24 µm spatial 

and 20 ms temporal resolution) and analyzed as described for intravital assessment. 

Kinetics of Ca2+ transients were also characterized as previously described [10]. 

4.2.8 In vitro and ex vivo force measurements 

Force generating capacity of in vitro engineered muscle was assessed as 

described in section 3.2.4. To measure the force of explanted tissues, the whole tissue 

was harvested from the chamber. The excised tissue was placed with the engineered 

tissue parallel to the force transducer and the underlying native tissue perpendicular 

(Figure 4.3H)  

4.2.9 Immunostaining  

Cultured cells and engineered tissues were fixed and stained as described in 

section 3.2.3. Explanted tissues used for cross-sectional staining were embedded in 

paraffin, sectioned (5 µm), washed with xylene, rehydrated, microwaved 5 times for 3 

minutes in a citrate buffer solution (90% H2O, 8% 100mM Sodium Citrate, 2% 100mM 

Citric Acid), and immunostained. Additional primary antibodies used in this chapter are 

described below (Table 4.1). 
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Table 4.1 Additional primary antibodies used in chapter 4 

Primary Epitope Dilution Supplier Catalog no. 

CD31 1:300 Abcam ab28364 

vWF 1:200 Abcam ab6994 

GFP 1:300 Abcam ab6556 

4.2.10 Nucleus counting image analysis 

To automate nuclear counting, we used a custom MATLAB software developed 

by Dr. Nima Badie. The program allows user-thresholding of DAPI or transcription factor 

(Pax7, Ki67, MyoD, myogenin) staining and, based on the median size of nuclei for the 

given magnification, designates and counts identified nuclei. The program outputs the 

processed images with identified nuclei for the user to verify. 

4.2.11 Analysis of myofiber and blood vessel alignment  

Orientation of muscle fibers (marked by expression of GFP or F-actin) and blood 

vessels (marked by expression of CD31) was quantified in engineered muscle implants 

and native muscle from confocal images acquired at 20x magnification using a 

previously described image intensity gradient algorithm [158, 211]. Local feature 

orientation was calculated within 25x25 pixel (11x11 µm) subregions (Figure 4.12B) in 

which myofibers or blood vessels were present and standard vessel angle deviation and 

absolute mean fiber angle difference between myofiber and vessel directions were 

calculated by averaging subregion data over the entire (450x450 µm) image. Four 

images were analyzed per each muscle sample. 

4.2.12 Statistics 

Results are presented as mean ± SEM. Statistical significances among different 

groups were evaluated by unpaired t-test or one-way ANOVA with post hoc Tukey’s test 

using GraphPad Prism (GraphPad Software, Inc.). P<0.05 was consider statistically 

significant. Different levels of significance were noted in figures and figure captions. 
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4.3 Results 

4.3.1 Evaluation of homeostatic state of engineered muscle 

The temporal changes in cell proliferation and expression of key myogenic 

transcription factors (Pax7, MyoD, and myogenin (MyoG)) during in vitro culture (Figure 

4.4) was monitored to ensure the quiescent state of Pax7+ SCs. At early stages of 

engineered muscle formation (day 2), a large majority of Pax7+ cells (~75%) were 

activated and proliferating as evidenced by their expression of Ki67 (Figure 4.4A&B). 

Simultaneously, the vast majority of early fusing cells or newly-formed, multinuclear 

myotubes expressed MyoD, either without or with MyoG (Figure 4.4C&D). By culture day 

14, the cells expressing MyoD alone virtually disappeared and all myonuclei in the 

engineered muscle expressed MyoG, either alone (~80%) or together with MyoD (Figure 

4.4D). The ~20% MyoG+/MyoD+ myonuclei located at the periphery or within existing 

myofibers indicated cells that were either primed for fusion or recently fused. By culture 

day 14, Pax7+ cells (Figure 4.4A) remained in relatively high numbers (~20% of all cells) 

and, as expected, did not co-express MyoG. Virtually all of the Pax7+ cells were also 

MyoD- and quiescent, with only a small fraction (~1.5%) expressing Ki67, suggesting 

that the engineered muscle attained a differentiated, homeostatic state. The presence of 

MyoD+ cells in the homeostatic engineered muscle (Figure 4.4D) suggested the 

existence of continuous cell growth and hypertrophy as revealed in chapter 3. 
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Figure 4.4 Acquisition of homeostatic cell composition within engineered muscle bundles.  
(A) Representative images of Pax7 and Ki67 expression inside the engineered muscle bundles at 
early fusion (2d) and late post-differentiation (14d) times during in vitro culture. (B) Quantified 
fractions of Pax7

+
 and/or Ki67

+
 cells at 2 and 14 days of culture. Note a homeostatic shift to a 

non-proliferative quiescent muscle phenotype at 14d of culture. (C) Representative MyoD and 
myogenin (MyoG) expression inside the engineered muscle bundles at 2 and 14 days of culture. 
Note that abundant expression of MyoD in early fusing myofibers at culture day 2 is significantly 
decreased with the formation of mature myofibers by day 14. (D) Quantified fractions of MyoD

+
 

and/or MyoG
+
 cells demonstrate switch to a mature, differentiated muscle phenotype. Error bars 

denote mean ± SEM. N = 3-6 bundles per group. *P<0.05 compared to corresponding early time-
point for each group. 

4.3.2 Response of engineered muscle to in vitro injury 

To further investigate the SC function within the engineered muscle, a cardiotoxin 

(CTX)-injury assay was utilized to assess whether the SCs can support muscle self-

repair in vitro. Homeostatic, 2-week old engineered muscle was exposed to 0.2 µM CTX 

for 6 h and allowed to recover for 10 days. Consistent with in vivo reports [212], the CTX 
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contractile elements leading to a 4-fold decrease in contractile force generation (Figure 

4.5).  In response to injury, SCs in the engineered muscle underwent robust activation 

and proliferation such that by 5 days post-injury, initially decreased Pax7+ and MyoD+ 

cell numbers significantly increased beyond those present in the pre-injury muscle 

accompanied by a significant rise in the percentage of proliferating SCs (Ki67+/Pax7+)  

(Figure 4.5A&B). By 10 days post-injury, numbers of Pax7+, Ki67+/Pax7+, and MyoD+ 

cells decreased while the number of MyoG+ myonuclei, myofiber density, and % cross-

striated myofibers increased to near pre-injury levels (Figure 4.5A&B). The progressive 

regrowth, differentiation, and sarcomerogenesis of engineered muscle fibers resulted in 

steady recovery of both twitch and tetanic force generation, which by 10 days post-CTX 

injury reached the near pre-injury levels (Figure 4.5A&B). Of note, the overall time-

course of in vitro recovery was comparable with in vivo regeneration of native muscle [1, 

212, 213]. 
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Figure 4.5 Regenerative response of engineered muscle to in vitro cardiotoxin (CTX) 
injury.  (A) Representative images of engineered muscle structure, Pax7

+
 and myogenin

+
 (MyoG) 

cells, and sarcomeric structures (SAA) with time post-CTX injury (induced at 14 d of culture). (B)  
Pax7

+
, Ki67

+
/Pax7

+
 (% of Pax7

+
), MyoD

+
, and myogenin (MyoG)

+
 cell density, myofiber density, 

% cross-striated myofibers and twitch and tetanus force amplitudes shown relative to pre-injury 
levels at 6 h, 5 d, and 10 d post CTX addition. Error bars denote mean ± SEM. N = 3-5 samples 
per group, 6-10 images per sample. *P < 0.05 compared to 2 week healthy controls; P < 0.05 
between denoted groups. 
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4.3.3 Expansion of neonatal cells to maintain SC pool and enhance function 

To further elucidate the roles of SCs in in vitro regeneration of engineered 

muscle, we expanded isolated cells under different conditions to vary final fractio of 

Pax7+ SCs. Specifically, we expanded SCs on Matrigel-coated dishes [136] in the 

presence of Ham's F-10 medium supplemented with bFGF [134, 143] (a potent mitogen 

and inhibitor of myogenic differentiation [214]) at 0, 2.5, 5, and 10 ng/mL. Under this 

protocol, neonatal myogenic cells can be rapidly expanded (via 5 passages) by 1000-

fold in 9-12 days (Figure 4.6A). The highest Pax7+ + MyoD+ cell fraction was obtained for 

bFGF concentrations ≥ 5 ng/ml (Figure 4.4B). Notably, myogenic expansion in the 

presence of 5-10 ng/ml bFGF also reduced the fraction of Pax7+ cells to ~40% of that 

present at passage 0 (P0, Figure 4.6B).  

 

Figure 4.6 Expansion of neonatal myogenic cells in bFGF supplemented media.  (A) 
Increase in cell number with passaging (at 70% conflluence). (B) Total fraction of Pax7

+
, MyoD

+
, 

and MyoG
+
 cells at passage 0 (P0) and 5 in the presence of 0, 2.5, 5, 10 ng/mL bFGF. Average 

time needed for 5 passages: bFGF=0 ng/mL, 15d; 2.5 ng/mL, 12d; 5 ng/mL, 10d; 10 ng/mL, 9d. 
(C-D) Pax7

+
 and MyoG

+
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muscle bundles made of P0 and P5 cells. Error bars denote mean+SEM. N = 6-8 per group. *P < 
0.05 compared to P0. 

#
P < 0.05 compared to all other groups. 

To further screen the effects of the bFGF-based cell expansion on engineered 

muscle properties, the bundle volume and cell number was reduced 4-fold without loss 

of force generating capacity. Muscle bundles made from the cells expanded in 5 ng/ml 

bFGF contained the highest percentage of cross-striated myofibers (Figure 4.7A), the 

most Pax7+ SCs and MyoG+ myofibers (Figure 4.6C and 4.7B) , and generated the 

highest contractile forces (Figure 4.6D) compared to all other bFGF groups. These 

structural and functional parameters were by 20-40% lower than those measured in 

bundles made of P0 cells (Figure 4.6C&D). Taken together, a 1000-fold expansion of 

freshly isolated neonatal cells yielded a potent myogenic cell population able to generate 

highly functional engineered muscle tissues. 

 

Figure 4.7 Engineered muscle from myogenic cells expanded in bFGF.  (A-B) 
Representative images of (A) myofibers marked with sarcomeric α-actinin (SAA) and (B) the 
satellite cells (Pax7

+
) and myonuclei (MyoG

+
) in engineered muscle formed from myogenic cells 

expanded in 0, 2.5, 5, and 10 ng/mL bFGF for 5 passages. 
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4.3.4 Effect of Pax7+ SCs on in vitro regeneration 

In order to confirm that self-repair capacity is correlated to the presence of Pax7+ 

SCs, engineered muscle bundles made from bFGF-passaged cells were tested in the 

CTX-injury assay as described in Section 4.2.2. Similar to the results with non-expanded 

(P0) SCs (Figure 4.5), expanded SCs showed the ability to activate in response to CTX 

injury with best myofiber regeneration found in bundles derived from cells expanded in 5 

ng/mL bFGF (Figure 4.8). Pooling individual groups over multiple isolations, we plotted 

Pax7+ cell density against the increase in force 5 days post-CTX compared to 

immediately following injury (Figure 4.8). From the plot, it becomes clear that there is a 

relationship between SC number and regenerative potential within the engineered 

bundles. 

 

Figure 4.9 SCs and regeneration.  Dependence of tetanic force recovery recorded 5 days post-
CTX injury on Pax7

+
 cell density prior to injury shown for bundles made of P0 and P5 neonatal 

myogenic cells (expanded in various bFGF concentrations). Legend denotes corresponding color 
to P0 and P5 cells cultured in differing bFGF concentration. Each dot represents the mean of 1-3 
bundles per 1 isolation. 
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4.3.5. Vascularization of implanted engineered muscle 

In order to assess the ability of the engineered muscle to survive and vascularize 

in vivo, 2-week pre-differentiated (PreD) bundles were implanted into a dorsal skinfold 

window chamber in nude mice [182]. For this purpose, smaller 3-bundle constructs 

anchored within a single 9x9 mm square Cerex® frame that fit within the window 

chamber (Figure 4.10A) were generated. As a comparison group, undifferentiated (UnD) 

muscle bundles cultured for only 2 d without switching to differentiation media that 

contained sporadically fusing myotubes and high numbers of Pax7+ and Ki67+ cells 

(Figure 4.11) were implanted. Placing the engineered muscle between the thin 

panniculus carnosus muscle layer of the dorsal skin and a cover glass window allowed 

us to non-destructively, in live animals, track angiogenesis and perfusion of the muscle 

implant in real time. With time post implantation (PI), initially avascular muscle bundles 

underwent rapid invasion by host blood vessels (Figure 4.10B, yellow pseudo-colored 

region) at a rate that was greater in PreD than in UnD muscle implants, which showed 

apparent saturation of vessel ingrowth by 14 d PI (Figure 4.8C). Importantly, all ingrown 

capillary networks appeared functional and perfused by host blood flow (evident from red 

blood cell motion) as early as 7 d PI. Interestingly, while asynchronous spontaneous 

twitches recorded at 2 week PI had no apparent effect on the blood flow through ingrown 

capillaries, occasionally observed spontaneous tetanic contractions appeared to 

transiently restrict blood perfusion. Immunostaining analysis (Figure 4.10D) further 

revealed randomly oriented vessel networks at the periphery of implanted muscle, while 

within the implant interior the ingrown capillaries co-aligned with surrounding myofibers 

to a degree (4.97 ± 1.8°) characteristic of native neonatal muscle (Figure 4.12). In 

addition, in transverse cross-sections, endothelialized vessel lumens were found 
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throughout the full thickness of the implants (Figure 4.10E). In agreement with intravital 

imaging analysis, cross-sectional lumen density in both PreD and UnD implant regions 

increased between 1-week (PreD: 170 ± 11 per mm2, UnD: 75 ± 10 per mm2) and 2-

week (265 ± 30 per mm2, UnD: 175 ± 18 per mm2) PI and was significantly higher in 

PreD implants (Figure 4.10F). From cross-sectional immunostainings, the average rate 

of vascular ingrowth in PreD muscle bundles was 18.9 ± 2.1 vessels/mm2/d. Further, 

mean lumen diameter increased with time PI, and after 2 weeks amounted to 7.1 ± 0.2 

µm, similar to values measured in native hindlimb muscle (Figure 4.13). 

 

Figure 4.10 Vascular integration of implanted engineered muscle.  (A) Implanted muscle 
patch within the dorsal skin-fold window chamber. (B) Images of total hemoglobin at d 2, 9, and 
14 in window chamber (yellow = implant region). (C) Fold change in blood vessel density (BVD) 
in the implant region of pre-differentiated (PreD) and undifferentiated (UnD) bundles with time PI. 
(D) Vessel organization at the periphery and interior of muscle implant. CD31 labels endothelial 
cells. (E) Cross-section of the muscle implant showing lumens of ingrown blood vessels 
(arrowheads); VWF, Von Wilenbrand factor. (F) Increase of cross-sectional BVD from 1 week 
(wk) PI to 2 wk PI. Error bars denote mean ± SEM. N = 8-12 per group. *P < 0.05 from value at d 
2, 

#
P < 0.05 between PreD and UnD groups at same time-point, P < 0.05 between denoted 
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groups. (G) Cross-section of implant region (GFP-positive myofibers) and underlying host muscle. 
(H-I) Longitudinal section of implanted bundle showing aligned and cross-striated myofibers (H) 
embedded in laminin matrix (I). (J) Pax7

+
 satellite cells (arrowheads) are found at the periphery of 

implanted myofibers. 

 

Figure 4.11 Structural characterization of 2-day old undifferentiated engineered (UnD) 
muscle bundles.  (A) Vimentin (Vim)

+
 fibroblasts were predominantly found at the exterior of the 

bundle. (B-C) Non-fused or newly fusing myogenic cells as well as short immature myotubes 
were found within the interior of bundle (B), along with Pax7

+
 cells and a laminin (Lam)-rich matrix 

(C). (D) Undifferentiated myogenic cells inside the bundle were highly proliferative, as evident by 
the abundant expression of Ki67. 

 

Figure 4.12 Vascular organization in implanted engineered muscle bundles.  (A) 
Representative images of CD31

+
 blood vessels and GFP

+
 myofibers in the interior and periphery 

of the pre-differentiated (PreD) muscle bundles at 2 week (wk) post-implantation (PI). (B) 
Processed panel A (right) showing separated green and red channels with local myofiber and 
vessel directions quantified within individual 25x25 pixel (11x11 µm) regions. The close-up inset 
shows mean direction (angle) of alignment within each pixel denoted by a thin line. (C) 
Representative images of CD31

+ 
vessels in the interior of neonatal and adult muscle. (D) 

Standard deviations of vessel alignment within the interior and periphery of the 2wk PI bundles 
and native muscles. (E) Mean angle differences between average myofiber and vessel directions 
of alignment. Error bars denote mean ± SEM. N = 4-8 samples per group, 8-10 images per 
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sample, P<0.05 and P<0.001 between groups denoted by solid and dashed horizontal lines, 
respectively. 

 

Figure 4.13 Capillary lumen diameters in implanted engineered muscle bundles.  (A) 
Histogram distribution of lumen diameters within the implanted pre-differentiated (PreD) and 
undifferentiated (Und) engineered muscle at 1 (1wPI) and 2 weeks (2wPI) post-implantation (PI) 
as well in neonatal and adult hind limb muscles. Capillary lumen diameters were measured from 
cross-sectional images immunostained with F-actin and Von Willebrand Factor (example shown 
in Figure 3E). (B) Mean lumen diameters in 6 studied groups. Error bars denote mean ± SEM. N 
= 50-70 lumens per group. *P < 0.001 compared to neonatal values, 

#
P < 0.05 compared to adult 

values, and P < 0.05 between groups denoted by horizontal lines. 

4.3.6 Myogenesis in implanted engineered muscle 

After 2 weeks in vivo, implanted PreD muscle bundles (identified by GFP+ 

staining for GCaMP3) remained separated from the underlying host muscle and 

appeared to maintain pre-implantation volume and a structure consisting of aligned 

cross-striated myofibers surrounded by basal lamina proteins (Figure 4.10I). Importantly, 

the implanted myofibers remained abutted by Pax7+ satellite cells at 2 week PI, 

suggesting continued myogenic capacity of engineered muscle in vivo (Figure 4.10J). 

Compared to pre-implantation values (i.e., 2 weeks in vitro culture (IVC)), PreD bundles 

at 1 week PI had less cross-striated myofibers (-40.0 ± 7%); however, by 2 week PI, 

virtually all myofibers exhibited cross-striations (Figure 4.14A&B) while the PreD 

myofiber diameter became significantly increased (+40.7 ± 5% relative to IVC). Control 
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UnD muscle bundles that prior to implantation showed only sporadic myofiber formation 

(Figure 4.11), underwent significant myogenesis over 2 weeks PI; however, their 

myofiber organization, alignment, diameter, and percent of cross-striated myofibers 

remained inferior to those of the PreD implants (Figure 4.14 and 4.15). 

 

Figure 4.14 Myogenesis and structural differentiation of implanted engineered muscle 
bundles.  (A) Representative images of myofibers within implanted pre-differentiated (PreD) and 
undifferentiated (UnD) muscle bundles at 1 (1wPI) and 2 weeks (2wPI) post-implantation. (B) 
Changes in myofiber diameter and percent of cross-striated myofibers relative to values in PreD 
bundles cultured for 2 week in vitro (PreD-IVC). Error bars denote mean ± SEM. N = 8-12 
bundles (10-20 measurements per bundle) per group; *P<0.05 and **P<0.001 compared to PreD-
IVC values; P<0.01 and P<0.001 between groups denoted by solid and dashed horizontal lines, 
respectively. 

 

Figure 4.15 Myofiber alignment in pre-differentiated and undifferentiated implanted 
engineered muscle bundles.  (A) Representative images of myofibers in undifferentiated (UnD) 
and pre-differentiated (PreD) engineered muscle bundles prior to implantation. (B) Representative 
images of myofiber alignment in PreD and UnD bundles at 1 (1wPI) and 2 weeks (2wPI) post-
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implantation. (C) Example map of local myofiber directions within 25x25 pixel (11x11 µm) regions 
in a PreD bundle. Inset, average local angle deviation from mean myofiber direction (in units of 
deg). Note more uniform unidirectional alignment (smaller angle deviation) in PreD vs. UnD 
group. Error bars denote mean ± SEM N = 4 bundles per group, 

#
P < 0.01. 

4.3.7 Function of implanted engineered muscle 

To non-destructively monitor viability and functionality of the engineered muscle 

in vivo, intracellular Ca2+ sensor GCaMP3 [177] was lentivirally-transduced in isolated 

myogenic cells which allowed recording of spontaneous and electrically-induced Ca2+ 

transients in muscle implant by measuring GCaMP3 fluorescence (ΔF/F, Figure 4.3A-E). 

Intravital GCaMP3 fluorescence movies during spontaneous twitching of implanted 

muscle (Figure 4.16A) revealed that after an initial lag period of ~7 d, the PreD muscle 

implants exhibited a steady increase in Ca2+ transient amplitude (Figure 4.16B). The 

UnD implants, with limited functionality at 2 days PI, also exhibited a steady increase in 

spontaneous activity and amplitude of Ca2+ transients (Figure 4.16B). Measurements of 

electrically-induced Ca2+ responses in explanted muscle showed that at 2 weeks PI, both 

PreD and UnD muscle bundles displayed significantly greater Ca2+ transient amplitudes 

compared to their IVC and 1 week PI counterparts (Figure 4.16C). Kinetics of GCaMP3 

Ca2+ transients were not significantly changed between 1 and 2 weeks PI and were 

comparable between the two implant groups (Figure 4.17A). 



 

89 

 

Figure 4.16 Calcium transients and force generation of implanted engineered muscle.  (A) 
Representative intravital snapshots of a GCaMP3 movie recorded during spontaneous activity of 
an implanted muscle bundle. Traces below panels show time course of GCaMP3 signal from a 
small bundle region (square) with lines denoting the snapshot times. Average amplitudes of in 
vivo spontaneous (B) and ex-vivo electrically-induced (C) GCaMP3 transients in implanted PreD 
and UnD engineered muscle with time PI. IVC, 2 week (wk) of in vitro culture, prior to 
implantation. Representative tetanus force traces (D) and quantified (E) twitch and tetanus force 
amplitudes for PreD and UnD muscle cultured in vitro (IVC) or explanted at 1 wk PI and 2 wk PI. 
Error bars denote mean ± SEM. N = 6-12 bundles per group. 

#
P < 0.05 and 

##
P < 0.001 between 

PreD and UnD group at same time-point; *P < 0.05 and **P < 0.001 compared to PreD IVC 
group; P < 0.05 and P < 0.001 between groups identified by horizontal solid and dashed lines, 
respectively. 
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Figure 4.17 Kinetics of electrically-induced calcium transient and twitch force responses in 
engineered muscle bundles.   (A-B)Time-to-peak (TTP), 50% relaxation, and 80% relaxation 
times of (A) recorded GCaMP3-calcium transients and (B) measured twitch forces during 1 Hz 
electrical stimulation in pre-differentiated (PreD) and undifferentiated (UnD) in vitro (IVC) patches 
and patches explanted at 1 (1wPI) and 2 weeks (2wPI) post-implantation. Error bars denote 
mean ± SEM. N = 6-10 bundles per group. **P<0.0001 and *P<0.05 compared to all other 
groups.  
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PI, reaching tetanus amplitudes 3.2-fold higher than the pre-implantation values. This 

significant increase in the absolute contractile force amplitude was associated with a 

~3.8-fold increase in specific force, which at 2 weeks PI averaged 65.7 ± 8.9 mN/mm2. 

Similar to Ca2+ transients, the kinetics of force generation in muscle implants did not 

significantly change between 1 and 2 weeks PI and was comparable between the two 

implant groups (Figure 4.17B). Overall, measurements of both Ca2+ transient and active 

force generation suggested that in addition to robust vascularization, implanted 

engineered muscle underwent significant enhancement of contractile function in vivo, 

beyond what was achievable in vitro. 

4.4 Discussion 

The optimization of the myogenic cell source and culture conditions in chapter 3 

allowed us to engineer 3D skeletal muscle tissues with structure, cellular composition 

and force generating capacity characteristic of native neonatal muscle. In this chapter, 

we further examined the functionality of satellite cell (SC) pool in engineered muscle 

bundles and assessed the potential of bundle implants to survive, vascularize, and 

undergo continued myogenesis in vivo. 

4.4.1 Characterization of satellite cell pool 

To our knowledge, this was the first described maintenance of a functional SC 

pool in engineered [9, 10, 14, 18, 21, 156, 180, 186]. The goal of this section was to 

explore if following muscle differentiation, the SCs would attain a homeostatic quiescent 

state but remain capable of supporting a robust regenerative response in the case of 

injury [1, 202]. In section 3.3.8, we noticed that over 4 weeks in culture SCs incorporate 

into myofibers, increasing the myonuclei number to mature the muscle (Figure 3.13). 

These results put in question the ability of the SCs to find a steady niche which in 



 

92 

necessary the cell to undergo a proper response to regeneration [1, 40]. Similar to 

results in section 3.3.6, a vast majority of SCs after the bundle formation were 

proliferating as evidenced by co-expression of Pax7 and Ki67 (Figure 4.4A-B). It is also 

clear that the myogenic population has yet to commit to differentiation, marked by their 

expression of MyoD and little expression of MyoG (Figure 4.4C-D). However, by day 14 

in culture, the SC pool shifted from a proliferative to a quiescent state, losing Ki67 

expression, and most of the myogenic precursors fully differentiated into a myonuclei 

fate, gaining MyoG and losing MyoD expression (Figure 4.4). At this point, it is clear that 

the myogenic population in the engineered tissue is at a relatively homeostatic state, 

consisting of either committed, post-mitotic myonuclei or quiescent SCs. In addition to 

their non-proliferative state, SCs in natural muscle are marked by the specific niche 

constituents. As mentioned in section 3.3.7, these cells are found beneath muscle-

specific proteins found in the natural basal lamina of the tissue (Figure 3.12). Further, as 

revealed in Figure 4.18, which illustrates the formation of the SC niche in our engineered 

muscle, the SCs also express m-Cadherin, a link between the stem cell and the 

myofiber. M-Cadherin, a reliable marker of a quiescent satellite [1], is critical for cell 
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division activation in the regenerative response [215].

 

Figure 4.18 The formation of SC niche within engineered muscle tissue.  Left, activated 
SCs, when embedded in a myoconductive 3D environment, will rapidly fuse. Middle, a subset of 
the cells will home to the membrane of the developing myotubes, link to M-cadherin, and cease to 
proliferate. Right, with time, the SCs will further build their niche on the mature myofiber by 
homing beneath the basal lamina, expressing m-Cadherin (mCad), and becoming quiescent. 

4.4.2 In vitro regeneration of engineered bundles in response to CTX injury 

After verifying that the SCs within in our engineered muscle were capable of 

forming an anatomical niche, we assessed their regenerative capacity by injuring muscle 

bundles with cardiotoxin (CTX). CTX injury is utilized frequently in vivo to activate and 

study the regeneration cascade in skeletal muscle [37, 80, 81]. As expected [212], CTX 

caused significant myofiber fragmentation and death and a decline in functional output 
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(Figure 4.5). SCs, which remained present in the tissue following injury, underwent a 

significant spike in number by day 5 post injury. The response was consistent with in 

vivo findings which report SC expansion starting as soon as 12 hours after injury and 

elevated Pax7+ cell numbers lasting for approximately 7 days [213, 216]. Also similar to 

the natural process [213, 216], SC numbers reverted back down to healthy levels with 

little to no Ki67 expression at 10 days post-CTX. MyoD, which is not found in 

homeostatic muscle, marks either activated SCs or newly fused myogenic precursors 

[2]. In natural muscle, MyoD expression begins to peak at 2 days post-injury during SC 

proliferation, remains elevated for 7 days, and then disappears as differentiation is 

complete [213, 216, 217]. Our immunostaining results show a similar time course with 

transient MyoD expression at 5 days and limited expression at healthy and 10 days post-

CTX (Figure 4.5). Of note, it is clear from the staining that MyoD+ cells are either on the 

periphery of myofibers, marking activated SCs, or centrally-located within a myofiber, 

marking a newly-fused myonuclei. 

Maturation following regeneration can be assessed through myogenin 

expression, growth of myofibers, and the reformation of sarcomeric structures. Myogenin 

expression marks committed myoblasts or fully-differentiated myonuclei. The  marker 

begins to rise after 3 days in natural muscle and undergoes a steady increase until day 7 

[213, 216, 217]. During this period, a portion of the expanding SC pool is differentiating 

into myogenic cells primed for fusion to restore the myonuclei lost during injury; thus 

gaining myogenin [2]. Within our engineered muscle, we see a similar progression as 

myogenin+ cells, which are significantly lost upon CTX, steadily increase in number up to 

day 10 post-CTX (Figure 4.5). As mentioned, the addition of new myonuclei enables 

enhanced protein synthesis within the myofibers and enables the regrowth of these 
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contractile cells [173]. The extension of the fibers is through a process known as 

myofibrillogenesis, in which intermediate “premyofibrils” sprout to elongate the cell 

parallel to the long axis, normally occurring upon the onset of regeneration [218, 219]. 

These transient filaments are then replaced as the mature, actin-myosin contractile 

apparatus, or sarcomere, is formed in a process known as sarcomerogenesis [220]. The 

restoration of the sarcomere, which upon completion results in the striated pattern of 

myosin and actin, is initiated roughly 4 days following injury [218-220]. In our system we 

see evidence of both myofibrillogenesis and sarcomerogenesis. Parallel to the increase 

in mature myonuclei, myofibers undergo a stable regrowth and elongation, restoring 

healthy fiber density by day 5 post-CTX. At this time, however, the contractile properties 

of the engineered tissue are not recovered. It is not until a high percent of the myofibers 

within the regenerating tissue contain sarcomeric structures when the injured muscle is 

able to generate forces approaching healthy levels. 

These results, to our knowledge, for the first time describe engineered muscle 

constructs capable of self-repair mimicking that of native skeletal muscle. The model has 

potential to facilitate systematic studies of SC fate during muscle growth, exercise, 

injury, or disease [1, 58]. 

4.4.3 Importance of satellite pool for in vitro regeneration  

Following the observation of a natural SC response to injury, we wanted to 

evaluate engineered muscle regenerative capacity with the use of expanded cells. 

Through assessment of passaging methods we sought to 1) identify optimal conditions 

for future work with adult cells, a source in which expansion is necessary [127], and 2) 

vary the amount of SCs in our engineered muscle to determine the influence of the pool 

on regeneration.  We employed an expansion protocol to control the extent of myogenic 



 

96 

differentiation and induce proliferation with the supplementation of bFGF ranging from 0 

to 10 ng/mL [2, 134]. As expected [134, 152], increased concentration of bFGF for 5 

passages (P5) resulted in greater retention of Pax7+ and total myogenic cells (MyoD+). 

However, compared to P0, even under optimal conditions (10 ng/mL), the maintenance 

of Pax7+ cells was significantly lower at P5 in monolayer culture (Figure 4.6B). As 

previously reported, this can be expected with the expansion of myogenic cells as 

regeneration capacity, and Pax7 expression, is lost [78, 81, 150]. 

The implementation of expanded cells into engineered muscle resulted in 

functional and structural differences depending on the bFGF exposure. Interestingly, 

even though we recorded the greatest amount of Pax7+ cells in culture in the 10 ng/mL 

group, it was the 5 ng/mL groups that reported the greatest retention of these cells in 3D 

(Figure 4.6C and 4.7B). Additionally, 5 ng/mL constructs also contained the greatest 

amount of mature myogenin+ cells (Figure 4.6C and 4.7B), had the highest instance of 

striated myofibers (Figure 4.7A), and generated the most force (Figure 4.6D). Similar to 

the work using freshly isolated and the adherent fraction of myogenic cells, we see a 

case in which a less differentiated myogenic population results in reduced maintenance 

of SCs. It is clear that the importance of early fusion events in dictating SC retention can 

be applied to these results as well. Even though maintenance of Pax7+ cells in culture is 

necessary, as seen in the 0 ng/mL group, a mixed population of SCs and mature 

myogenic cells are ideal for initiating fusion events and the subsequent homing of SCs. 

Further, as discussed previously and shown in Figure 3.9 and 3.10, a fibroblast 

population is crucial to induce early compaction, again enhancing fusion by increasing 

cell-cell contact. The MyoG+ cell density, force production, and noticeable enhanced 

myofiber density in 5 ng/mL bFGF-derived bundles suggest greater fusion potential of 
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these cells and supports the claim that enhanced fusion leads to better retention of SCs, 

as shown in Figure 3.6.  

4.4.4 Implantation of engineered muscle 

To explore the fate of engineered muscle in vivo, we combined GCaMP3 

transduction with dorsal window chamber studies in live mice and non-invasively 

monitored the ability of implanted engineered muscle to spontaneously contract, 

generate Ca2+ transients, and undergo blood perfusion over a 2 week period post-

implantation (PI). The tissues were explanted at 1 and 2 weeks PI at which point 

functional and histological assessments were made. Besides simply observing if our pre-

differentiated, tissue-engineered construct could survive in vivo, we wanted to compare 

its effectiveness as an on-site therapeutic with the implantation of undifferentiated 

myogenic cells. 

4.4.4.1 Vascularization of implanted tissue 

Implanted engineered muscle, showing no evidence of vascular cells at the time 

of implantation became progressively infiltrated with host blood vessels and, as 

evidenced by video-imaging, actively perfused with readily discernible blood cells by 7 

days PI. By day 14, the vessel density within the PreD muscle implant (265 ± 30 vessels 

per mm2) was comparable to that previously reported for implanted tissue-engineered 

muscle with pre-formed vascular structures [156] demonstrating that purely angiogenic 

vessel ingrowth was sufficient to support the in vivo survival and function of small size 

avascular engineered muscles used in our study.  On the other hand, successful survival 

of large engineered muscles implants will likely require the development of novel 

methods for in vitro fabrication of highly aligned, functional, and pre-vascularized skeletal 

muscle tissues. Related, our preliminary data demonstrate that simple co-encapsulation 
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of myogenic and endothelial cells may significantly impair contractile function of 

engineered muscle, suggesting that angiogenic vessel ingrowth rather than simple 

vasculogenesis may be a desired mode of engineered muscle vascularization, 

compatible with the formation of biomimetic muscle architecture and function in vitro.  

4.4.4.2 Benefit of pre-differentiated muscle implant 

Previously, various cell-based approaches have been explored for treatment of 

muscle injury or disease [1]. Specifically, implanted freshly isolated SCs were found to 

fuse to existing myofibers, rescue contractile function, and, by homing to the host niche, 

enhance muscle capacity for endogenous self-repair [78, 80, 81]. Still, without 

development of more efficient methods for their expansion in vitro [37, 221], implanted 

SCs may not be able to undergo timely myogenesis to successfully repair large muscle 

loss [24] . Implanting readily expandable myoblasts or pre-differentiated myofibers may 

accelerate in vivo myogenesis, while co-delivery of growth factors may improve cell 

survival and engraftment [111], however, without SCs, such strategies are likely to 

provide a limited support for future regenerative events [37, 78, 80]. In this section, we 

compared the post-implantation fate of PreD muscle constructs consisting of 

differentiated myofibers and functional SCs with UnD constructs consisting of 

undifferentiated, proliferative myogenic cells. We found that PreD implants not only 

exhibited superior structural and functional maturation, evidenced by larger myofiber 

diameter, percent cross-striations, and contractile force (Figure 4.14 and 4.16D&E), but 

also attracted significantly more neovessel ingrowth than UnD implants (Figure 

4.10C&F), possibly due to the increased metabolic demand of more functional myofibers 

[222]. Although these studies utilized a small implant size inadequate for therapeutic 

muscle replacement, they suggest potential benefits of implanting a functional 
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engineered muscle in which mature myofibers provide niche-like environment for SCs 

compared to sole use of undifferentiated myogenic cells. 

4.4.4.3 Continued functional and structural maturation of implanted muscle 

Despite a steady increase in vascularization (Figure 10C), the amplitude of 

spontaneous Ca2+ transients in engineered muscle implants started to steadily increase 

(and correlate with vascular ingrowth [223]) only after an initial lag period of 1 week 

(Figure 4.16B). Furthermore, the percentage of cross-striated fibers in PreD implants at 

1 week PI was decreased compared to the pre-implantation values (Figure 4.14A). This 

adaptation period may have resulted from potential tissue damage caused by initial 

hypoxia upon implantation into the dorsal window chamber and/or disruption of cell-

matrix interactions caused by increased fibrinolysis (in the absence of the antifibrinolytic 

supplement amino-caproic acid present in vitro) [10]. Nevertheless, by 2 weeks PI, 

continuous vascularization, myogenesis, and differentiation of the PreD implants led to a 

~3-fold increase in force generating capacity compared to pre-implantation values 

(Figure 4.16E) yielding specific contractile forces of ~70 mN/mm2. This in vivo recovery 

of the engineered muscle function and structural organization followed a similar time-

course to that observed in vitro upon CTX-induced injury. Along with the maintenance of 

aligned, cross-striated myofiber architecture (Figure 4.10I) and satellite cell pool (Figure 

4.10J), vascularized engineered muscle implants in our study, for the first time to our 

knowledge, exhibited structure, contractile function, and myogenic capacity 

representative of post-neonatal skeletal muscle.  

4.5 Summary and Implications 

In this chapter, we reported the ability of our neonatal-derived engineered 

skeletal muscle model to recapitulate the regenerative in vitro and vascularize and 
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mature upon in vivo implantation. The capability of the SCs within the constructs to 

respond to injury through activation, proliferation, and differentiation to stimulate muscle 

regrowth was, to our knowledge, the first demonstration of 3D muscle tissue 

regeneration in an in vitro setting. Further, while initially avascular, these engineered 

muscle tissues underwent robust vascularization and perfusion, and exhibited continued 

myogenesis and improved contractile function in vivo, all of which were significantly 

enhanced by myogenic pre-differentiation of tissue constructs in culture. Together, these 

results lay a foundation for novel in vitro and in vivo studies of skeletal muscle function, 

regeneration, and vasculogenesis and provide a blueprint for future engineering of 3D 

functional human muscle microtissues for drug and toxicology studies [224, 225]. 
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5. Engineering highly functional muscle tissues derived 
from adult cell isolates capable of self-repair and 
survival in vivo. 

5.1. Rationale and experimental plan 

The goal of this chapter was to transition from the use of neonatal to adult rodent 

cells to better model potential therapeutic scenarios expected to predominantly use adult 

cell sources. Isolating adult myogenic cells presents greater challenges as the SC 

percentage is reduced in mature compared to neonatal tissue [173] (Figure 3.13C) and 

muscle has a diminished capacity for regeneration [38, 150]. For any clinical 

applications, isolated SCs would require significant expansion that is known to 

negatively impact their self-renewal and myogenicity [37, 78, 80]. We thus systematically 

optimized conditions to enhance the maintaince of the SC pool in culture and within 

engineered muscle and, supplementat additional cues to enhance the regenerative 

capacity of engineered muscle. Our hypothesis was that maximizing the number and 

function of satellite cells in adult-derived engineered muscle tissues would optimally 

support their myogenesis, functional maturation, and self-repair potential.  

First, optimized conditions for neonatal myogenic cell expansion determined in 

section 4.3.3 were applied to generate adult-derived tissue and the regenerative 

capactiy of such constructs was evaluated. As the baseline regenerative potenital of 

adult-derived bundles was expected to be less than that of their neonatal counterparts 

we also applied previously identified soluble factors during cellular expansion to further 

limit SC differentation [152] and enhance SC number prior to engineered muscle 

formation. In parallel, we attempted to promote the activity of SCs following injury with 

supplementation of pro-regenerative soluble factors [226-228] or immune system cells 
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(i.e. macrophages [27]). To increase the throughput of our studies, we modified the 

regeneration assay, introduced in section 4.2.3, to incorporate a real time indicator of 

calcium concentration, GCaMP6, and used a live-cell imaging system to non-invasively 

monitor recovery following injury. Mechanisms of injury response in this system were 

further studied by assessment of cellular proliferation, apoptosis, and paracrine signaling 

as described in chapter 4. 

Finally, we assessed the fate of adult-derived engineered muscle tissues in dorsal 

window chamber implantation model by a non-destructive, real-time monitoring of 

implant vascularization and function, as described in 4.2.4.  We hypothesized that 

regenerative adult-derived muscle constructs harboring population of macrophages will 

be better suited for in vivo vascularization and survival. Specifically, as implanted 

constructs in window chambers undergo an initial period of ischemia that results in 

functional loss (Figure 4.16) and myofibril destruction (Figure 4.14A), we expected that 

the self-regenerative capacity of constructs optimized in vitro will enhance their chances 

for in vivo survival until onset of perfusion through ingrown capillaries. 

5.2 Methods 

5.2.1 Myogenic cell preparation 

Skeletal muscle tissue was isolated from the lower hind limbs of adult Sprague-

Dawley rats (~10 weeks old) using the method described in Section 3.2.1 with a 

digestion time of 3 hours. Myogenic cells used for in vitro regeneration assay and 

implantation studies were transduced by a lentivirus in which GCaMP6 expression was 

driven by a MHCK7 promoter for 24 h following initial cell seeding. Adult myogenic cells 

were expanded for up to 5 passages in 5 ng/mL bFGF or, in attempt to enhance SC 

yield, in a cocktail of 4 rat recombinant growth factors: Tnfα (10 µM, R&D Systems), 
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IFNγ (10 µM, R&D Systems), IL-1α (5 µM, R&D Systems), and IL-13 (5 µM, R&D 

Systems). Expanded cells were quantified for the presence of myogenic cells (Pax7+, 

MyoD+, Ki67+, and MyoG+). 

5.2.2 Bone marrow-derived macrophage isolation and differentiation 

Bone marrow-derived macrophages (BMDMs) were derived from the in vitro 

differentiated bone marrow monocytes using methods adapted from published mouse 

protocols [52, 229, 230]. Specifically, following the removal of the hindlimb muscle used 

for myogenic cell isolation, each lower leg was cleared of surrounding tissue, sectioned 

above the knee, washed twice in 70% EtOH and once in PBS, before two cuts were 

made in tibia at the knee and at the junction of the fibula. The cuts exposed the bone 

marrow which was flushed out with BMDM media using a 20 gauge needle. Following 

disassociation of the marrow, it was strained and plated onto non-tissue culture plastic 

petri dishes at a density of 1 leg/150 cm2. BMDM media consisted of high glucose 

DMEM, 20% FBS, and 30% media (LCCM) condition during 5-day culture of L929 cell 

line in high glucose DMEM with 10% FBS. A key component of LCCM is macrophage 

colony-stimulating factor (M-CSF) which drives the differentiation of monocytes towards 

a macrophage phenotype in vitro [53]. The bone marrow-derived cells were cultured for 

7 days in BMDM media to allow differentiation with additional media being added at day 

3. Differentiation of adherent cells was confirmed through staining with macrophage-

specific antibody CD68. After 7 days in culture, differentiated BMDMs were washed 

twice in warm PBS and dissociated with 0.05% Trypsin before mixing with myogenic 

cells and making of co-cultured engineered bundles. All muscle bundles with 

incorporated BMDMs were cultured in a media containing 30% LCCM to maintain cell 

survival. 
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Isolation of bone marrow-derived mesenchymal stem cells (BM-MSCs) was 

performed using similar methods as described above for BMDMs. However, bone 

marrow cells, upon removal, were subjected to a low glucose DMEM medium with 10% 

FBS and seeded onto tissue culture plastic as described in literature [231]. MSCs were 

identified using a Thy-1, or CD90, antibody [232]. Similar to BMDMs, BM-MSCs were 

washed twice in warm PBS and dissociated with 0.05% Trypsin before being used in 

engineered muscle. 

5.2.3 BMDM polarization 

Macrophage polarization techniques were utilized to achieve pro- and anti-

inflammatory phenotypes. The described procedure of macrophage differentiation in 

5.2.2 was used to derive the non-polarized M0 phenotype [52, 53]. Following 

differentiation into M0 macrophages, we subjected the cells to specific soluble factors to 

induce polarization into the pro-inflammatory, M1, or anti-inflammatory, 

M2,macrophages. Rat recombinant IFNγ (50 ng/mL, R&D Systems) and 

lipopolysaccharide (LPS, 100 ng//mL, Sigma) were used to induce M1 and IL-10 (10 

ng/mL, R&D Systems) was used to induce M2 polarization, respectively [52, 233]. The 

introduction of polarized BMDMs into the engineered tissues was accomplished by two 

methods. The first method involved the polarization of the BMDMs in 2D culture prior to 

the incorporation of the cells into the muscle constructs. The second method polarized 

the BMDMs once already embedded in the tissue. This was achieved by making the 

constructs with M0 BMDMs and subjecting the constructs to polarizing factors after 10 

days of 3D culture. In each case, cells were exposed to IFNγ and LPS or IL-10 for 24-48 

hours. 
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5.2.4 Engineered muscle formation and culture 

All engineered muscle constructs in this section were generated in smaller, 2-

bundle molds (7 mm long, 2 mm diameter) to enable higher throughput studies. All 

engineered muscle bundles were cultured under dynamic conditions as described in 

3.2.2 and had a density of 15 million cells/mL. Frames with bundles were removed from 

molds 2 days following bundle formation and left to free float in media thereafter. For co-

cultured bundles, BMDMs or BM-MSCs were added to the myogenic population at a 

ratio of 1:6. For paracrine studies, one bundle in a well contained both muscle cells and 

BMDMs and the other contained just muscle cells. LCCM was supplemented to all 

culture media at 30%. 

5.2.3 Real-time in vitro regeneration assay 

In order to track functional regeneration in live bundles, myogenic cells were 

transduced with MHCK7-GCaMP6 virus prior to bundle formation. At day 10 of culture, 

bundles were injured by applying 0.2 µM CTX for various durations. Functional and 

histological assessments, described in 4.2.3, were performed at 5, 10, and 15 days post-

CTX along with measurements of cross-sectional myofiber area, cell proliferation, and 

apoptosis.  Every 2-3 days of culture, GCaMP6-reported calcium transients in electrically 

stimulated muscle bundles were imaged in sterile conditions using Andor camera 

attached to a Nikon microscope placed within a gas and temperature controlled live 

imaging chamber. The muscle bundles were exposed to a train of stimuli (10 ms 

duration, 1 Hz, 100 V) and each bundle was recorded for 2 seconds to capture at least 

one calcium transient. A MATLAB script was created to recognize the bundle area in the 

stimulation movies and calculate dF/F, as described in Figure 4.3D. “Severe” injury of a 
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bundle was induced by exposing it to CTX until 75% of dF/F was lost (~5-7 hours), while 

“mild” injury involved 50% loss of signal after ~3-4 hours of CTX exposure.  

5.2.4 Cellular proliferation assay 

In order to track cumulative cell proliferation in muscle bundles, the modified 

thymidine analog, EdU (10 µM), was supplemented every day into the media following 

CTX injury. The EdU kit (ThermoFisher) includes a fluorophore capable of detecting the 

EdU once it has incorporated into newly synthesized DNA. 

5.2.4 Supplementation of pro-regenerative and anti-apoptotic factors 

Rat recombinant proteins were supplemented every day to engineered muscle at 

their working concentrations: IGF-1 (20 ng/mL, R&D Systems), IL-10 (20 ng/mL, R&D 

Systems), and granulocyte colony-stimulating factor, G-CSF (10 ng/mL, Peprotech). The 

anti-apoptotic factor Q-VD-OPh (1 µM, Sigma), a pan-caspase inhibitor, was 

supplemented daily up to 10 days after CTX injury. 

5.2.5 Quantitative RT-PCR 

Total RNA was extracted from monolayers or engineered bundles using the RLT 

lysis buffer provided in RNeasy mini kits (Qiagen). Total RNA (1-2 μg per 20μl reaction) 

was reverse transcribed using SuperScript™ II Reverse Transcriptase (Invitrogen). 

Quantitative PCR was carried out on CFX384 Real-Time PCR system (Bio-Rad) using 

Sso-Fast EvaGreen Supermix (Bio-Rad) according to the manufacturer's instructions. 

Relative expression levels were normalized to GAPDH and calculated using the 2−∆Ct 

method. All primers were purchased from Invitrogen and are listed in Table 5.1. 
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Table 5.1 QT-PCR primer list 

Gene Forward Reverse 

CASPASE-3 5’-GGAGCTTGGAACGCGAAGAA 3’-ACACAAGCCCATTTCAGGGT 

TNF 5’-CCCCCATTACTCTGACCCCT 3’-CCCAGAGCCACAATTCCCTT 

   

5.2.6 Immunostaining 

Cultured cells and engineered tissues were fixed and stained as described in 

section 3.2.3. Additional primary antibodies used in this section are listed below (Table 

5.2). Methods described in section 3.2.3 for the quantitation of nuclear staining and 

myofiber area were also used in this chapter.  

Table 5.2 Additional primary antibodies used in Section 5 

Primary Epitope Dilution Supplier Catalog no. 

CD68 1:200 Abcam Ab31630 

CD206 1:200 Abcam Ab64693 

CD86 1:200 Abcam Ab53004 

iNOS 1:200 Novus NB300-605 

Cleaved Caspase-3 1:200 Cell Signaling Asp175 
 

5.2.7 Implantation of adult-derived engineered muscle bundles  

All animal experiments were approved by the Duke University ACUC. Prior to 

surgery, nude mice (~10 weeks of age; 22-30 g) were anesthetized by intraperitoneal 

injection of ketamine (100 mg/kg) and xylazine (10 mg/kg). Specific surgical techniques 

associated with the dorsal window chamber implantation can be found in section 4.2.4. 

Post-operatively, the mouse was injected subcutaneously with buprenorphine (1 mg/kg) 

painkiller and let to recover on a heating pad. 
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5.2.8 Intravital imaging of blood vessels and intracellular Ca2+ transients 

Intravital recordings were performed in anesthetized mice on day 2, 5, 7, 9, 12, 

and 15 post-implantation (PI). Mice were anesthetized by nose cone inhalation of 

isoflurane and positioned on a heating pad under a microscope objective. Detailed 

descriptions of intravital blood vessel and Ca2+ imaging are found in sections 4.2.5 and 

4.2.6 and Figures 4.2 and 4.3. 

5.2.9 In vitro and ex vivo functional testing 

In vitro and ex vivo force and Ca2+ transient measurements were performed 

using the same methods described in detail in sections 3.2.4, 4.2.7, and 4.2.8. In vitro 

functional testing of engineered muscle occurred at day 10 of 3D culture, prior to CTX 

injury, and 5, 10, and 15 days post-injury. Ex vivo functional testing was performed 

following explantation of engineered muscle at days 5, 10, and 15 post-implantation. 

5.3 Results 

5.3.1 Formation of adult-derived engineered muscle 

Based on the results with neonatal cells in section 4.3.3, myogenic cells were 

isolated from adult rat hindlimb muscles, expanded on Matrigel-coated flasks for 5 

passages in the presence of 5 ng/ml bFGF, and used to form bundles. After 2 weeks of 

dynamic culture, the adult-derived engineered muscle bundles had overall structure 

similar to that of neonatal-derived muscle (Figure 5.1A) and consisted of highly aligned, 

MyoG+ cross-striated myofibers surrounded by laminin-rich matrix and a pool of Pax7+ 

SCs (Figure 5.1B&C). Compared to neonatal-derived bundles, adult-derived bundles 

exhibited smaller cross-sectional muscle area (Figure 5.1B). While fewer myofibers 

generated less total contractile force, the specific forces of adult- and neonatal-derived 
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bundles were comparable (~100 mN/mm2, Figure 5.1C). 

 

Figure 5.1 Adult-derived engineered muscle.  (A) Cross-sectional images of neonatal- and 
adult-derived muscle showing myofibers and ECM protein laminin (lam). (B-C) Quantified (B) 
muscle area and (C) absolute and specific twitch and tetanus forces. (D-E) Confocal images 
showing (D) maintained Pax7

+
 SC pool and (E) cross-striated myofibers (marked by sarcomeric 

α-actinin) within a basal lamina in adult bundles. Error bars denote mean + SEM. N = 6-8 
isolations. 

5.3.2 Regenerative ability of adult-derived constructs following CTX injury 

To assess the regenerative ability of the adult-derived constructs, we utilized the 

same assay in section 4.3.2 involving the application of CTX to induce myofiber damage. 

Similar to the results of the neonatal-derived tissues (Figure 4.5A), CTX created an 

environment of fragmented myofibers (Figure 5.2A) and disrupted sarcomeric structures 

(Figure 5.2B). However, unlike the neonatal-derived muscle, the constructs were unable 

to recover myofiber area, myonuclei count, or sarcomeres at 5 or 10 days post-injury 

(Figure 4.2). 
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Figure 5.2 Adult-derived engineered muscle regenerative response.  (A-B) Representative 
images of (A) myofibers and myonuclei, marked by myogenin (MyoG), and (B) sarcomeres, 
marked by sarcomeric α-actinin (SAA), in adult-derived engineered muscle in a healthy state and 
6 hours, 5 days, and 10 days following CTX administration. 

 To reveal the reasons for the lack of regenerative response in adult-derived 

bundles, we compared the myogenic profile of the neonatal and adult cells following 5-

passage expansion in 5 ng/mL bFGF. We found little difference between the fractions of 

Pax7+ (neonatal: 0.25 ± 0.07, adult: 0.23 ± 0.04), MyoD+ (neonatal: 0.66 ± .07, adult: 

0.61 ± .11), or MyoG+ (neonatal: 0.13 ± 0.03, adult: 0.14 ± 0.02) in the two cell 

populations (Figure 5.3A). However, after 14 days of 3D culture, adult-derived bundles 

exhibited lower Pax7+ cell density (63.67 ± 5.8 cells/mm2) compared to neonatal-derived 

bundles (147.65 ± 17.9 cells/mm2) (Figure 5.3B). This drop in SC number was 

accompanied with a significant drop in MyoG+ myonuclei content (Figure 5.3B). Plotting 

the dependence of force recovery at 5 days post-injury on Pax7+ cell density prior to 

injury in adult bundles (Figure 5.3C), revealed their inferior regenerative capacity 

compared to neonatal bundles, which correlated with their lower SC numbers. Even at 
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similar densities of Pax7+ cells, adult SCs appeared less capable of supporting 

functional recovery compared to neonatal SCs (Figure 5.3C).   

 

Figure 5.3 SC pool and regenerative ability in adult-derived muscle.  (A) A comparison of 
Pax7

+
, MyoD

+
, and myogenin

+
 (MyoG) fractions in neonatal and adult myogenic cells expanded 

for 5 passages using 5 ng/mL bFGF. (B) Pax7
+
 and myogenin

+
 (MyoG) cell density in neonatal- 

(Neo) and adult-derived engineered muscles following expansion in 5 ng/mL bFGF. (C) 
Dependence of force recovery on Pax7

+
 cell density at 5-days post-CTX in P0 and P5 (various 

bFGF concentrations) neonatal engineered muscle and P5 adult-derived engineered muscle 
using 5 ng/mL bFGF. Each dot represents the mean of 1-3 bundles per 1 isolation. 

5.3.3 Attempt to enhance SC maintenance within engineered muscle 
bundles 

One approach to enhance the regenerative capacity of adult-derived engineered 

muscle would be to increase the Pax7+ cell density regarding that the P0 neonatal cells 

that yielded the most regenerative bundles contained highest fraction of Pax7+ SCs 

(Figure 4.6B&C). We thus utilized a recently published protocol which identified soluble 

growth factors (GFs) from T-cell conditioned media which significantly enhanced the 

maintenance and proliferation of SCs in culture, namely Tnfα (10 µM), IFNγ (10 µM), IL-

1α (5 µM), and IL-13 (5 µM) [152]. Application of this growth factor cocktail during cell 

expansion increased the Pax7+ and MyoD+ cell fractions to 0.64 ± .04 and 0.92 ± .06, 

respectively. Further, the combination of growth factors significantly enhanced 

proliferation evidenced by increased Ki67+ cell fractions (bFGF: 0.61 ± .07, GFs: 0.92 ± 
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.06) and total cell number at day 3 (bFGF: 844 ± 91, GFs: 4488 ± 349) at P5 (Figure 

5.4C&D). 

 

Figure 5.4 Enhanced retention of myogenic cells with regenerative potential using specific 
growth factors.  (A-B) Representative staining for myogenic markers Pax7, MyoD, and 
myogenin (MyoG) and proliferation marker Ki67 in adult-derived cells cultured with bFGF and a 
cocktail of 4 growth factors (+GFs; IL1α, IL13, TNFα, IFNγ) at passage 5. C) Quantified 
expression of markers at passage 0 (P0) and 5 (P5). n = 2 isolations (2 coverslips/isolation and 4 
images/coverslip); *, P<0.05 relative to P0; &, P<0.05 between groups at same passage. D) 
Quantified cell densities at each day during 3-day culture at P5. n = 2 isolations (2 wells/day and 
3 images/well); *, P<0.05 relative to previous day; &, P<0.05 between groups at same day. 
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 Interestingly, despite having high Pax7+ and MyoD+ fractions after expansion, the 

GF-treated cells yielded poor myofiber formation within engineered muscle (Figure 5.5A) 

including appearance of short mono-nucleated myotubes (Figure 5.5B). Furthermore, we 

found a limited SC pool within the engineered muscle (Figure 5.5B&C). Compared to 

adult-derived engineered muscles made of cells expanded without the 4 growth factors, 

these constructs had inferior function (twitch: 0.62 ± .08, tetanus: 0.60 ± .12 of control) 

and regeneration capacity (Figure 5.5C). 

 

Figure 5.5 Engineered muscle from growth factor expanded cells.  (A-B) Images of 
myofibers and the SC pool (Pax7) within 10-day old engineered muscle formed from growth 
factor expanded adult myogenic cells showing (A) disarrayed and (B) short, mono-nucleated 
fibers. C) Plot comparing twitch and tetanus (tet) force, SC density, and twitch force recovery at 5 
days post-CTX compared to the adult control condition (5 ng/mL bFGF passaged cells). N = 4-6 
bundles, *, P<0.05 relative to control. 
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myofibers but not in undifferentiated myoblasts (Figure 5.6A). At high viral 

concentrations, bundles made of MHCK7-GCaMP6 transduced cells, but not CMV-

GCaMP6 transduced cells exhibited same forces of contraction as untransduced 

controls (Figure 5.6B). Similar to control bundles, the MHCK7-GCaMP6 transduced 

bundles contained cross-striated myofibers, a Pax7+ SC pool, and an outer coat of 

vimentin+ fibroblasts that lacked gCaMP6 labeling (Figure 5.6C-E). Figure 5.6F shows 

an example of an electrically-induced calcium transient in an MHCK7-GCaMP6 

transduced bundle recorded on a microscope within the live imaging setup. 
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Figure 5.6 MHCK7 promoter in engineered muscle.  (A) Brightfield and GFP images of 
MHCK7-GFP transduced myogenic cells in 2D culture showing high GFP expression in fused 
myotubes but not surrounding myoblasts. B) Normalized twitch and tetanus forces in engineered 
muscle made of cells transduced with high concentration of MHCK7-GFP and CMV-GFP viral 
particles normalized to control engineered muscle (no viral transduction). C-E) Confocal images 
of MHCK7-GCaMP6 engineered muscle revealing (C) sarcomeric α-actinin (SAA)

+
 cross-

striations in GFP
+
 myofibers, (D) the presence of Pax7

+
 satellite cells on the myofiber periphery 

and (E) GFP
-
 fibroblasts at bundle periphery verifying muscle specificity of MHCK7 promoter. F) 

Electrically-stimulated calcium transient recorded from MHCK7-GCaMP6 transduced engineered 
muscle within the live cell imaging system. 

We used the described live imaging system to screen various soluble factors that 
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hours, 2, 5, 7, 10, 12, and 15 days post-CTX injury revealed that even though the 

addition of some of these factors transiently increased calcium transient amplitude at a 

few time-points (G-CSF: 2d, and 5d post-CTX, IGF-1: 7d and 10d post-CTX), overall, 

they did not support functional recovery of muscle bundles (Figure 5.7A). Fifteen days 

post-injury, all groups showed significant loss of bundle diameter and muscle mass. 

 

Figure 5.7 Effect of pro-regenerative factors on engineered muscle following injury.  (A) 
dF/F (Ca

2+
 transient amplitude) values from electrically-stimulated bundles at different times post-

injury with and without (control) supplemented factors. (B) Bundle cross-sections (myofibers 
marked by F-actin) pre-CTX and 15 days post-CTX administration. N = 2-3 isolations (6-8 
bundles per isolation) per group. *, P<0.05 compared to control. 
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macrophages (BMDMs, Fig. 5.8A) that in an appropriate temporal fashion may secrete 

multiple factors to enhance muscle recovery from injury (section 2.1 and 2.2). Consistent 

with previous reports [52], we obtained cells that ubiquitously expressed the common 

macrophage marker CD68 (Figure 5.8B). These cells were considered to be of a M0 

phenotype, as they were not exposed to polarizing factors. We prepared muscle-BMDM 

constructs in which presence of macrophages did not adversely affect overall bundle 

structure (Figure 5.8C), myofiber formation (Figure 5.8D), SC maintenance (Figure 

5.8E&F), or contractile function (Figure 5.8F). 

 

 

Figure 5.8 Structure and function of bone marrow-derived macrophage (BMDM)-muscle 
co-cultured engineered bundles.  (A) Schematic of the isolation and differentiation of BMDMs 
and their use in engineered muscle. B) Virtually all BMDMs express CD68 after 7 days of 
differentiation. C) Cross-sectional and (D) longitudinal confocal images revealing the presence of 
CD68

+
 BMDMs within the engineered muscle. E) Representative images of Pax7

+
 cells in the 

sections from control (Cnt) and muscle-BMDM constructs. F) Normalized force generation (Twitch 
and Tetanus) and SC density (cells/mm

2
) in co-cultured vs. control bundles. N = 8 - 12 bundles. 
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5.3.6 Regenerative capacity of muscle-BMDM constructs following CTX 
injury 

To test the regenerative capacity of muscle-BMDM constructs we utilized our live 

imaging CTX assay. As a negative control, we used muscle bundles where BMDMs 

were replaced by MSCs derived from rat bone marrow [231] as described in section 

5.2.2. The bundles were exposed to CTX until ~75% of the live-imaged GCaMP6 signal 

was lost (control: 24 ± 2%, +BMDMs: 23 ± 1%, +MSCs: 2 of pre-CTX level), and were 

followed 15 days thereafter. As shown in Fig. 5.10A, while calcium transient amplitude in 

control bundles steadily decreased with time post-injury, muscle-BMDM bundles showed 

progressive recovery of the signal toward pre-injury levels. Specifically, by 15 days post-

injury, muscle-BMDM bundles recovered Ca2+ transient amplitudes to 85 ± .4% of pre-

injury levels, while signal in muscle-only bundles further deteriorated to 12 ± 1% of pre-

injury values (Figure 5.9B). The muscle-MSC constructs experienced significantly larger 

recovery of dF/F signal compared to the control group by 7 days post-CTX (41 ± 6% of 

pre-CTX values). However, their dF/F signal steadily decreased thereafter to reach 28 ± 

3% of pre-CTX levels at 15 days post-injury.  

 Consistent with Ca2+ transient results, twitch and tetanic force production of the 

muscle-BMDM bundles steadily improved over the 15 day period (twitch: 5d: 0.31 ± .09, 

10d: 0.57 ± .08, 15d: 0.82 ± .05, tetanus: 5d: 0.30 ± .08, 10d: 0.45 ± .03, 15d: 0.71 ± .08 

relative to pre-CTX values) while it decreased in the muscle-only group (twitch: 5d: 0.11 

± .02, 10d: 0.09 ± .02, 15d: 0.03 ± .01, tetanus: 5d: 0.12 ± .03, 10d: 0.08 ± .01, 15d: 

0.004 ± .005 relative to pre-CTX values) (Figure 5.9C). Despite some transient recovery 

of Ca2+ transient amplitude, force generation was found to steadily decrease in the 

muscle-MSC. At 15 days post-CTX, the addition of MSCs did result in significantly 
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greater tetanic force production compared to control; however, both twitch and tetanic 

forces were significantly less than those of the muscle-BMDM bundles (Figure 5.9C). 

 

Figure 5.9 Functional recovery of muscle-BMDM constructs following CTX injury.  (A) Peak 
dF/F signals before (pre-CTX) and at different times after the injury (post-CTX) in adult-derived 
engineered muscle without (control) and with BMDMs (+BMDMs). B-C) Quantified recovery of 
dF/F (B) and contractile function (C) relative to pre-CTX levels. n = 5-7 isolations (4-8 
bundles/isolation). *P<0.05; **P<0.01 vs. control at same time point. 

#
P<0.05; 

##
P<0.01 vs. +MSC 

group at same time point. 

 As expected from functional results, analysis of cross-sectional staining (Figure 

5.10A) revealed recovery of myofibers in muscle-BMDM but not muscle-only bundles. As 
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the muscle-only group continued to degenerate following injury, the muscle-BMDM 

constructs steadily increased in myofiber area, myofiber number, and total nuclei 

number, reaching respectively 67± 11%, 79 ± 8%, and 71 ± 4% of pre-injury levels by 

post-injury day 15 (Fig. 5.10B-D).  

 

Figure 5.10 Structural recovery of muscle-BMDM constructs following CTX injury.  (A) 
Cross-sections of engineered muscle bundles pre-CTX and at 5, 10, and 15 days post-CTX injury 
(myofibers labeled with F-actin). B-D) Quantified recovery of (B) myofiber area, (C) myofiber 
number, and (D) total nuclei number over 15 days post-injury compared to pre-CTX levels. n = 3-
5 isolations (4-8 bundles/isolation). *, P<0.05; **, P<0.01 vs. control at same time-point. 
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fragmentation (Figure 5.11A). Unlike in muscle-only controls (Figure 5.2), this was 

followed by rebuilding of myofibers during 15-day recovery period. During this period, 

BMDMs remained intermixed with myofibers while maintaining constant numbers relative 

to pre-injury levels (Figure 5.11B). Additionally, the regrowth of myofibers is concurrent 

with the reformation of sarcomeric structures (Figure 5.11C). 

 

Figure 5.11 The regrowth of myofibers in muscle-BMDM constructs after CTX injury.  (A) 
Representative images of regenerating myofibers and BMDMs (labeled by CD206) following 
CTX-induced injury. B) Quantified density of CD206

+
 cells within the interior muscle layers during 

regeneration normalized to pre-CTX levels. C) Representative images of sarcomeric reformation 
in muscle-BMDM bundles following CTX injury.  Error bars denote mean ± SEM. 

5.3.7. Mechanisms of BMDM-induced in vitro regeneration 

We then set to better understand the process leading to the drastic improvement 

of the regenerative response of muscle bundles supplemented with BMDMs. 

Considering the effect of macrophages on in vivo SC activation, proliferation, and 

differentiation [27], we first examined the early stages of regeneration and observed 
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Pax7+ Ki67+ and MyoD+ cell fractions (+nuclei/total nuclei) increased 1.38 ± .26, 2.93 ± 

.66, and 1.98 ± .32 fold, respectively, compared to pre-injury levels (Figure 5.12C) and 

this early regenerative process appeared to be further amplified in the muscle-BMDM 

constructs  to 2.20 ± .28, 5.21 ± .79, and 3.39 ± .54 fold, respectively, compared to pre-

CTX levels (Figure 5.12C). These results signified the initiation of repair events in adult-

derived engineered muscle regardless of the addition of BMDMs. 

 

Figure 5.12 Early myogenic responses in adult-derived engineered muscle after CTX 
injury.  (A-B) Longitudinal sections showing activated SCs, marked by (A) Pax7 and Ki67 as well 
as myoblasts marked by (B) MyoD at 5 days post-CTX in engineered muscle without (top) and 
with BMDMs (bottom). (C) Plot of the fold change in fraction of Pax7

+
, Ki67

+
, and MyoD

+
 cells at 2 

and 5 days post-CTX relative to pre-CTX levels. N = 3 isolations (1 bundle per group per 
isolation). *, P<0.05; **, P<0.01 compared to pre-CTX levels. 
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post-CTX (Figure 5.13C) or were co-expressed in MyoD+ (Figure 5.13D) but not 

vimentin+ cells (Figure 5.13E) at 5 days post-CTX, suggesting that the majority of the 

proliferative cells post-injury were myogenic. 

 

Figure 5.13 Cell proliferation during in vitro muscle bundle regeneration in response to 
CTX injury.  (A) Representative staining of EdU

+
 cells in the cross-sections of the adult-derived 

engineered muscle bundles without (control) and with BMDMs. B) Quantified EdU
+ 

cell densities 
over the time-course of regeneration. C-E) Representative images showing EdU

+
 cells (C) 

associated with myofibers at d10 post-CTX, marked by SAA, (D) co-labelled with MyoD at d5 
post-CTX, and (E) absent from vimentin

+
 (Vim) cells at d5 post-CTX. n=3 isolations (2 bundles 

per time-point per isolation), **, P<0.01 vs. muscle-only (control) group at same time-point. 

The capacity for SCs to proliferate following CTX injury in muscle-only bundles 
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rather than stimulating regeneration, following injury. As mentioned in section 2.2, in 

many diseases of muscle atrophy, the propensity of myofiber apoptosis is enhanced and 

typically contributed to activity of caspase-3 pathway [76]. PCR results showed 

significant increase in caspase-3 gene expression immediately after injury in both 

conditions in our system (control: 2.19 ± 0.35, +BMDM: 1.80 ± 0.14 compared to pre-

CTX) (Figure 5.14A). Expression remained elevated in the muscle-only condition (2d: 

1.81 ± 0.34, 5d: 2.46 ± 0.22, 10d post-CTX: 2.50 ± 0.74 compared to pre-CTX) yet 

reverts back to healthy levels with the addition of BMDMs (2d: 1.02 ± 0.01, 5d: 1.37 ± 

0.08, 10d post-CTX: 1.27 ± 0.16 compared to pre-CTX) (Figure 5.14A). Quantification of 

activated (cleaved) caspase-3 area relative to total nuclei using image analysis revealed 

significantly higher levels in the muscle-only group (2d: 13.2 ± 1.3, 5d: 33.4 ± 5.9, 10d 

post-CTX: 24.1 ± 3.4 µm2/cell) compared to the muscle-BMDM group (2d: 5.91 ± .45, 5d: 

2.43 ± 5.9, 10d post-CTX: 2.71 ± .55 µm2/cell) (Figure 5.14B). Importantly, the ratio 

significantly rose without the presence of BMDMs and decreased with their addition at 

early time-points following injury (Figure 5.14B). Representative images showed the 

differences in cleaved-caspase-3 expression and myofiber area in the muscle cross-

section (Figure 5.14C). 
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Figure 5.14 Caspase activity in engineered muscle bundles following CTX injury.  (A) Fold 
change of caspase-3 gene expression in engineered muscle at 0, 2, 5, and 10 days post-injury 
relative to healthy conditions (pre-CTX) and in bundles without (control) and with BMDMs. B-D) 
(B) Quantified fraction of cleaved caspase-3 area over myofiber area and representative (C) 
longitudinal and (D) cross-sectional staining of cleaved caspase-3 (cCasp3) and myofibers, 
marked with F-actin, at (C-D) 2 and (D) 5 days post-injury. n=3 isolations (1-2 bundles per time-
point per isolation). *P<0.05, **P<0.01 compared to pre-CTX levels. 
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adult-derived engineered muscle resulting in a steady increase over time post-injury (0d: 

0.24 ± .03, 2d: 0.49 ± .06, 5d: 0.57 ± .09, 7d: 0.60 ± .07, 10d: 0.66 ± .10, 12d: 0.78 ± .09, 

15d post-CTX: 0.84 ± .08 relative to pre-CTX) (Figure 5.15A&B). Force measurements 

at 15 days post-CTX revealed the Q-VD-OPh aided force recovery (twitch: 0.70 ± .10, 

tetanus: 0.63 ± .08 compared to pre-CTX); values significantly greater than the control 

group (Figure 5.15C). Quantification of cleaved caspase-3 area per nuclei and EdU+ cell 

density at 5 days post-CTX showed significant decreases in caspase-3 activity (0.31 ± 

.10 relative to control) and significant increases in cell proliferation (2.91 ± .31 relative to 

control) at early time-points with the addition of the inhibitor (Figure 5.15D). 

Representative images at day 2 and 5 post-CTX revealed an attenuation of apoptotic 

events (Figure 5.15E) in the presence of Q-VD-OPh and greater muscle area within the 

bundles (Figure 5.15F). 
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Figure 5.15. Effects of Q-VD-OPh on regeneration following CTX injury.  (A) Peak dF/F 
signals in health (pre-CTX) and injured adult engineered muscle supplemented with pan-caspase 
inhibitor Q-VD-OPh over 15 days. (B) Quantified recovery of dF/F following injury (dashed line 
represents control group). (C) Recovery of twitch and tetanus force at 15 days post-CTX with 
supplementation of Q-VD-OPh. (D) Values of cleaved caspase-3 (cCasp3) area per nuclei and 
EdU

+
 cell density relative to the control group at 5 days post-CTX. (E-F) Representative staining 

of (E) cCasp3 and myofibers at 2 and (F) 5 days post-CTX in the Q-VD-OPh group (inset: control 
group at same time-point). Error bars denote mean ± SEM. N = 2 isolations (4-8 bundles per 
time-point). **P<0.01 compared to control group at same time-point. 
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5.3.8. Assessing paracrine effects of BMDMs within engineered muscle 
following injury 

To determine if the anti-apoptotic effects following injury were mediated through 

paracrine signaling, we performed a shared media assay by forming a muscle-BMDM 

and a muscle-only (control) bundle on the same frame and cultured them in the same 

well. The study will be referred to as “paracrine” in which “para-control” and “para-

BMDM” will designate the bundle without and with BMDMs. Following severe CTX injury, 

quantification of dF/F for 15 days revealed the inability for recovery in either of the 

bundles, even the para-BMDM bundle (Figure 5.16A). Active force measurements at 15 

days post-CTX showed a significant drop in contractile function (para-control: twitch: 

0.040 ± 0.005, tetanus: 0.039 ± 0.004, para-BMDM: twitch: 0.073 ± 0.012, tetanus: 0.071 

± 0.013 compared to pre-CTX) (Figure 5.16B). Additionally, quantification of cross-

sectional muscle area revealed a steady degeneration of myofibers over time post-injury 

in both groups (para-control: 5d: 0.32 ± 0.07, 10d: 0.21 ± 0.03, 15d: 0.09 ± 0.01, para-

BMDM: 5d: 0.38 ± 0.08, 10d: 0.26 ± 0.05, 15d post-CTX: 0.15 ± .02 compared to pre-

CTX) (Figure 5.16C&D). 
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Figure 5.16 In vitro regeneration of engineered muscle bundles in paracrine system 
following severe CTX injury.  (A-C) Plots of (A) dF/F recovery over time post-injury, (B) force 
generation at 15 days post-CTX, and (C) muscle area recovery at 5, 10, and 15 days post-CTX in 
para-control (cnt) and para-BMDM bundles. D) Representation images of muscle area, marked 
by F-actin, at time-points following injury. Error bars denote mean ± SEM. N = 3 isolations (1-4 
bundles per group per time-point). 
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(Figure 5.17A). However, with mild injury (para-control: 0.51 ± .03, para-BMDM: 0.52 ± 

.07 compared to pre-CTX), both paracrine bundles recovered significantly better than the 

muscle-only construct, reaching 0.81 ± 0.04 (para-control) and 0.89 ± 0.05 (para-BMDM) 

of pre-CTX values at day 15 post-CTX (Figure 5.17A). The significant difference in dF/F 

recovery was associated with significant increases in twitch (control: 0.12 ± .04, para-

control: 0.73 ± .12, para-BMDM: 0.86 ± 0.09 compared to pre-CTX) and tetanus force 

(control: 0.11 ± .05, para-control: 0.68 ± .15, para-BMDM: 0.76 ± 0.08 compared to pre-

CTX) recovery at the 15 day time-point (Figure 5.17B). Additionally, quantification of 

muscle area over the time-course of regeneration revealed a steady regrowth in both 

paracrine groups, reaching 0.73 ± 0.10 (para-control) and 0.76 ± .09 (para-BMDM) 

compared to pre-CTX values (Figure 5.17C&D). Adversely, the muscle-only group 

experienced a steady decrease in muscle mass over time in this mild injury setting, 

reducing to 0.16 ± 0.03 of its pre-CTX value by day 15 post-CTX (Figure 5.17C&D). 
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Figure 5.17 In vitro regeneration of engineered muscle bundles in paracrine system 
following mild CTX injury.  (A-C) Plots of (A) dF/F recovery, (B) force generation at 15 days 
post-CTX, and (C) muscle area recovery post-CTX in control, para-control (cnt), and para-BMDM 
bundles in a mild injury setting. (D) Representative images of muscle area, marked by F-actin, at 
time-points following injury. Error bars denote mean ± SEM. N = 3 isolations (1-3 bundles per 
group per time-point). *, P<0.05, **, P<0.01 compared to control at same time-point (marks made 
below symbols in A correspond to Para-Cnt group). 

Pre-CTX 5d Post-CTX 10d Post-CTX 15d Post-CTXD

Control

Para-Cnt

Para-BMDM

DAPI
Factin

100 µm

Para-BMDM

Para-Cnt
Control

Post-CTX

F
o

rc
e
 R

e
c
o

v
e

ry
 

(1
5
d

 p
o

s
t-

C
T

X
)

Para-BMDM

Para-Cnt

Control

M
u

s
c
le

 A
re

a
 

R
e

c
o

v
e

ry

Post-CTX

**
**

**** ********

**

**

**

*

A

d
F

/F
 R

e
c

o
v

e
ry

B C



 

132 

To assess whether the enhanced regenerative events in the paracrine bundles 

following mild injury were associated with apoptosis, we assessed caspase-3 activity at 

early time-points. Cross-sectional staining of cleaved-caspase-3 revealed the 

occurrence of apoptosis 2 days post-CTX for all groups (Figure 5.18A&B). However, 

from day 2 to 5 post-CTX, the caspase levels significantly increased in the control group 

(2d: 16.38 ± 1.78, 5d post-CTX: 36.44 ± 4.53 µm2/nuclei) and decreased in both 

paracrine groups (para-control: 2d: 10.58 ± 1.49, 5d post-CTX: 5.28 ± 1.18, para-BMDM: 

2d: 8.11 ± 2.65, 5d post-CTX: 2.44 ± 1.16 µm2/nuclei) to a level significantly less than 

the control (Figure 5.18A&B). 

 

Figure 5.18 Cleaved-caspase-3 activity following mild CTX injury in paracrine muscle 
bundles.  (A) Representative cross-sectional staining of cleaved-caspase-3 (cCasp3) and 
myofibers, marked with F-actin, following mild damage in control (muscle-only) and paracrine 
without (Para-Cnt) and with (Para-BMDM) BMDMs (Para-BMDM), groups. B) Quantified fraction 
of cleaved-caspase-3 area over myofiber area. Error bars denote mean ± SEM. N=3 isolations (1-
2 bundles per time-point per isolation). *P<0.05 compared to control at same time-point, 

#
P<0.05 

between groups designated with line. 
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an effect on in vitro regeneration compared to non-polarized M0 BMDMs used in 

previous sections. As described in section 5.2.3, IFNγ + LPS and IL-10 [52, 233] were 

supplemented in monolayer culture for 2 days following M-CSF-driven differentiation into 

BMDMs to induce M1 and M2 polarization, respectively (Figure 5.19A). PCR for M1 and 

M2 markers following the 2 days in culture revealed higher expression of pro-

inflammatory marker TNFα and reduced expression of anti-inflammatory genes Arg1, 

Mrc1, and IL10 in M1-treated BMDMs compared to M0 (Figure 5.19B). On the contrary, 

M2 polarization triggered the reduction of TNFα and increased expression of anti-

inflammatory markers (Figure 5.19B) compared to M0. Staining for common markers of 

M1 and M2 macrophages, iNOS and CD206 respectively, resulted in strong expression 

of each following their corresponding polarization (Figure 5.20C). M0 macrophages, as 

expected, did also stain positively for anti-inflammatory CD206 (Figure 5.19C) [237]. 

 

Figure 5.19 Bone marrow-derived macrophage polarization.  (A) Schematic of polarization 
technique to coax cells towards M1 (IFNγ + LPS) or M2 (IL10) phenotypes. (B) Quantified gene 
expression of M1 and M2 markers from all groups. (C) Representative staining for M2 marker 
(CD206) and M1 marker (iNOS) in polarized and non-treated BMDMs. N = 2 isolations; *P<0.05 
relative to M0-treated group. 
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macrophage polarization before formation of bundles, we also polarized the cells while in 

3D culture just prior to injury. Supplementation of IFNγ + LPS into the media at 3D 

culture day 9 xx for 1-2 days resulted in significant upregulation of pro-inflammatory 

genes (TNFα and iNOS) and significant down-regulation of anti-inflammatory genes 

(Mrc1, Arg1, and IL10) (Figure 5.20B). M2 polarization cased a significant upregulation 

of Arg1 but otherwise had minor effects on gene expression (Figure 5.20B). Staining of 

the engineered muscle revealed greater CD206 expression in bundles containing M0 

and M2 BMDMs and greater iNOS expression in the M1-treated bundles (Figure 5.20C). 

 

Figure 5.20 Expression of polarization markers within engineered muscle.  (A-B) Quantified 
gene expression of M1 and M2 markers in engineered tissues with M0, M1, and M2 BMDMs 
added or polarized using 2 methods: (A) prior to bundle formation in 2D culture and (B) within 
bundles in 3D culture. (C) Representative stainings for M2 marker (CD206) and M1 marker 
(iNOS) in engineered muscle with M0 BMDMs or following 3D polarization into M1 and M2 
phenotypes. N = 2 isolations; *P<0.05, **P<0.01 relative to M0 group. 
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tetanus force recovery 5, 10, and 15 days post-CTX was comparable to those of the 

non-polarized M0 group (Figure 5.21C). M2-treated BMDMs did significantly improve 

tetanic force recovery at 10 and 15 days post-CTX compared to the M1-treated group, 

however (Figure 5.21D). Overall, trends reported for dF/F and force recovery suggested 

improved recovery with the use of M2 vs. M1 BMDMs. 

 

Figure 5.21 Effect of BMDM polarization on functional recovery following CTX injury.  (A) 
Relative force from engineered tissues with polarized M1 and M2 BMDMs compared to M0 pre-
CTX injury. (B) dF/F recovery following injury (dashed line represents M0 values). (C-D) 
Quantified (C) twitch and (D) tetanus force recovery relative to M0 at 5, 10, and 15 days post-
CTX. Error bars denote mean ± SEM. N=3 isolations (1-2 bundles/group/isolation). 

#
P < 0.05 

between designated groups. 
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decreased muscle area at both day 5 and 10 post-CTX compared to M0 group (Figure 

5.22B) and at all time-points compared to M2 group (Figure 5.22B). From EdU assay 

(Figure 5.22C), while neither M1 nor M2 group differed from M0 group, the M1 bundles 

showed enhanced EdU+ cell density compared to M2 bundles at day 5 and 10 post-CTX 

(Figure 5.22D).   

 

Figure 5.22 The effect of BMDM polarization on structural recovery following CTX injury.  
(A-B) (A) Representative cross-sectional staining for muscle area at 15 days post-CTX and (B) 
quantified recovery shown as the percent different from the M0 BMDM group. (C-D) (C) 
Representative cross-sectional staining for EdU at 15 days post-CTX and (D) quantified EdU

+
 cell 

density shown as the percent different form the M0 BMDM group. Error bars denote mean ± 
SEM. N = 3 isolations (2-4 bundles per time-point). *P<0.05 compared to M0-BMDM group at 
same time-point. 
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vivo monitoring of both vascularization and function in control (muscle-only) and muscle-

BMDM (M0, M1, M2) tissues. In addition, at 5, 10, and 15 days post-implantation (PI), 

the constructs were explanted and underwent ex vivo functional testing and histological 

assessment. 

5.3.10.1 Effect of M0 BMDMs on engineered muscle vascularization following 
implantation 

Using window chamber model we observed enhanced vessel ingrowth from the 

host tissue into engineered muscle containing M0 BMDMs compared to the muscle-only 

control (Figure 5.23A). Quantification of blood vessel density showed a steady increase 

in vasculature in the M0 BMDM group from day 2 post-implantation (PI) onward (d5: 

1.03 ± .04, d7: 1.20 ± .04, d10: 1.44 ± .04, d12: 1.76 ± .06, 2.00 ± .08 fold increase from 

day 2 PI) and significantly greater ingrowth compared to muscle-only after day 10 PI (d5: 

1.06 ± .03, d7: 1.08 ± .03, d10: 1.12 ± .05, d12: 1.23 ± .06, 1.25 ± .07 fold increase from 

day 2 PI) (Figure 5.23B). From cross-sectional stainings (Figure 5.23C), muscle-BMDM 

implants exhibited significantly higher lumen density compared to the control group 

starting at day 10 PI (control: 5dPI: 32.4 ± 7.3, 10dPI: 73.9 ± 5.3, 15dPI: 111.2 ± 8.7 

lumens/mm2, +BMDMs: 5dPI: 38.2 ± 9.8, 10dPI: 124.2 ± 4.4, 15dPI: 200.5 ± 14.5 

lumen/mm2) (Figure 5.23D). 
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Figure 5.23 Vascularization of implanted adult-derived engineered muscle bundles.  (A) 
Representative intravital images of vascular ingrowth into control (muscle-only, top) and muscle-
BMDM (bottom) constructs (white arrows specificy implant boundary). (B) Quantification of blood 
vessel density (BVD) change over 15 days post-implantation (PI). (C-D) (C) Representative 
cross-sectional staining of vessel lumens (yellow arrowheads) at day 15 PI and (D) quantified 
lumen density with time PI. Error bars denote mean ± SEM. N = 8-16 bundles for intravital 
recordings and 4-6 bundles for lumen density (2 bundles/mouse). **P<0.01 compared to control. 
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significantly higher transient amplitude starting at day 10 PI compared to control (10d: 

0.98 ± 0.11, 12d: 0.44 ± 0.12, 15d PI: 0.42 ± 0.08) (Figure 5.24B). Consistent with 

intravital studies, electrically-induced Ca2+ transients in muscle explants (Figure 

5.24C&D) exhibited higher amplitudes in the BMDM group (twitch: 1.49 ± 0.29, tetanus: 

4.11± 0.39) compared to control (twitch:  0.56 ± 0.22, tetanus: 1.72 ± 0.36) at 15 days 

PI, which was associated with higher contractile force generation (Figure 5.24E&F). 

Importantly, the addition of BMDMs resulted in a significant increase in twitch and tetanic 

force from 5 to 15 days PI and no statistically significant change in the muscle-only 

implants (Figure 5.25D). 
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Figure 5.24 Function of adult-derived engineered muscle implants.  (A) Representative 
images of peak spontaneous gCaMP6 signals in implanted engineered muscle without (control) 
and with M0 BMDMs at various times PI. (B) Quantified peak in vivo spontaneous dF/F amplitude 
over time PI. (C-D) Representative images of GCaMP signaling during electrically-induced tetanic 
contraction of explanted engineered muscle (C) without and (D) with BMDMs. (E) Quantified 
electrically-induced dF/F during twitch and tetanus stimulation in explanted engineered muscle at 
day 5, 10, and 15 PI. (F) Quantified active twitch and tetanus force in explanted muscle at day 5, 
10, and 15 PI. Error bars denote mean ± SEM. N = 8-16 bundles. *P < 0.05, **P < 0.01 vs. control 
at same time-point 
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implantation values) but not in muscle-only group (5d: 0.33 ± .05, 10d: 0.43 ± .09, 15d 

PI: 0.37 ± .08 compared to pre-implantation values). 

 

Figure 5.25 Survival of adult-derived engineered muscle following implantation.  (A) 
Representative cross-sectional images of implanted control and BMDM containing muscle 
bundles, stained with F-actin, shown at day 5, 10, and 15 PI. (B) Cross-sectional myofiber area 
relative to pre-implantation values. Error bars denote mean ± SEM. N = 4-12 bundles per time-
point. **P < 0.01 vs. control at same time-point. 

5.3.10.4 Effect of BMDM polarization on survival, vascularization, and function of 
engineered muscle implants 

Similar to use of M0 BMDMs, muscle implants containing M1 and M2 

macrophages exhibited a steady ingrowth of blood vessels (Figure 5.26A) and increase 

in vessel density (M1 d5: 1.04 ± .08, d7: 1.20 ± .08, d10: 1.35 ± .09, d12: 1.59 ± .12, 

1.75 ± .16 fold; M2 d5: 1.04 ± .03, d7: 1.21 ± .08, d10: 1.56 ± .08, d12: 1.94 ± .10, 2.05 ± 

.13 fold compared to day 2 PI) (Figure 5.26B). Furthermore, at 15 days PI, the M1 

BMDM containing bundles generated similar twitch (0.87 ± .04) but significantly lower 

tetanic forces (0.61 ± .09) compared to M0 group (Figure 5.26C), while M2 bundles 

maintained relatively steady force production (twitch: 0.89 ± .05, tetanus: 1.02 ± 0.12) 

(Figure 5.26C). This was associated with lower myofiber density found in M1 compared 

to M2 implants (0.79 ± .06 vs. 1.05 ± .04 relative to M0) (Figure 5.26D&E). 
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Figure 5.26. Effect of BMDM polarization on vascularization, function, and survival of 
engineered muscle implants.  (A) Representative intravital images of vascular ingrowth into 
constructs containing polarized M1 (top) and M2 (bottom) macrophages (white arrows specify 
bundle boundary). (B) Quantification of blood vessel density (BVD) post-implantation (PI) (dashed 
line represents M0 group). (C) Quantification of twitch and tetanic force at day 15 PI relative to 
M0 group. (D-E) (D) Representative cross-sectional images of muscle implants at 15 day PI and 
(E) quantification of myofiber cross-sectional area relative to that of M0 group. Error bars denote 
mean ± SEM. N = 4-6 mice per time-point, 2 bundles/mouse. **P < 0.01 vs. M0 at same time-
point. 

5.4 Discussion 

In this chapter, to increase translational value of our work, we utilized adult 

myogenic cells, which compared to neonatal cells are known to be less proliferative, 

abundant, and regenerative [40, 127]. Engineering of highly functional and regenerative 

muscle tissues with the improved ability to survive and vascularize in vivo was  
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accomplished by the addition of bone marrow derived macrophages as a pro-

regenerative and pro-angiogenic constituent of the adult-derived muscle constructs. 

5.4.1 Generation of adult-derived engineered muscle 

The future use of tissue-engineered muscle for in vitro testing or regenerative 

therapies would require a significant number of adult-derived cells. Thus we developed 

methods for utilization of adult rat myogenic cells to lay a foundation for the future work 

with adult human cells. As SCs from adult muscle [173] require in vitro expansion before 

potential applications, we optimized expansion conditions under a specific bFGF 

concentration to obtain engineered muscles with robust myofiber formation and the 

functional properties mimicking those of neonatal engineered muscle (Fig. 5.1)  Unlike 

neonatal-derived constructs, however, the adult-derived tissues did not attain the 

capacity for self-repair (Figure 5.2), which we attributed to their significantly reduced SC 

pool compared to neonatal constructs (Figure 5.3).  

We therefore expanded the adult myogenic cells (Figure 5.3A) in the presence of 

inflammation-related growth factors (GFs) shown recently by Fu et al. [152] in murine 

cells to maintain a high Pax7+ cell fraction during 20-passage expansion without loss of 

myogenic potential in vitro or in vivo. Similar to that study, the GF protocol resulted in 

[152] significantly increased Pax7+ fraction and proliferative potential of expanded cells 

to levels comparable with those of P0 neonatal cells. However, the resulting muscle 

bundles showed significantly inferior function, SC pool, and regenerative potential 

compared to the control adult-derived bundles (Figure 5.5). This result was similar to our 

findings with passaged neonatal cells when a higher bFGF concentration yielded more 

SCs in monolayers but less in 3D (Figure 4.6B&C). One likely reason for the lack of SC 

retention when using the GF-expanded cells could be the limited capacity for occurrence 
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of early fusion events. In chapter 3 we showed that even though freshly-isolated 

myogenic cells are expected to be more regenerative [80], they had less propensity for 

fusion compared to the adherent fraction and thus were not able to create a niche-like 

environment for SC homing (Figure 3.6). Importantly, the GF-expanded cells had a 

significantly lower fraction of myogenin+ cells, marking myoblasts that are primed to 

fusion and myotube formation (Figure 5.4C), as well as MyoD- cells, which in our 

experience represent a fibroblast population necessary for early compaction of 3D 

tissues and enhancement of cell-cell contacts and fusion (Figure 3.9 and 3.10). 

Additionally, the treated cells may have experienced epigenetic changes resulting in 

inhibited myogenic differentiation, suggested by a large number of mono-nucleated 

fibers found in the bundles (Figure 5.5B). In contrast, P0 neonatal cells which have 

similar numbers of Pax7+ cells in culture, yet are still capable of rapid fusion, were not 

exposed to factors inhibiting differentiation. These results emphasize the concept that an 

ideal mixture of activated and committed myogenic cells exists to yield the most 

functional and regenerative engineered muscle tissues and uncover potential negative 

effects of myogenic inhibitors for (immediate) engineered muscle formation. Although the 

murine GF-expanded cells were reported to undergo differentiation and the formation of 

myotubes in 2D [152], our system relies on this process occurring at a rapid rate upon 

introduction into the engineered construct. 

5.4.2 Enhancing the regeneration of adult-derived muscle 

 Even at similar SC densities to those of neonatal-derived muscle constructs, the 

adult-derived tissues were inferior in their ability to functionally recover from CTX injury 

(Figure 5.3C). As observed in studies of SC populations in aged mice, this may be due 

to increased p38α/β mitogen-activated protein kinase (MAPK) activity causing defective 
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function [4]. Supplementing three pro-regenerative factors[178, 235] IGF-1, IL10, or G-

CSF, all recently reported to enhance muscle regeneration in vivo [226-228], did not 

improve this inadequate self-repair capacity (Figure 5.7), potentially because these 

factors mostly enhance one aspect of the regeneration process, such as SC activation 

and proliferation [226] or differentiation into functional muscle [228]. Additionally, the 

therapeutic action of different GFs in native muscle may occur indirectly via the effects 

on non-myogenic muscle cells (e.g. vascular cells, neurons, fibro/adipocyte progenitors) 

or the recruitment and stimulation of the resident and blood-derived immune system 

cells [227, 228]. The actions of macrophages, in particular, aid in the activation and 

proliferation of SCs and subsequent differentiation into mature muscle [27, 238]. 

5.4.3 Effect of bone marrow-derived macrophages on regeneration 

Macrophages incorporated into our system were derived from bone marrow 

(BMDMs) due to a large yield of this protocol and potential scalability for future clinical 

applications. Crucial to the differentiation of non-polarized M0 BMDMs was the presence 

of M-CSF in culture medium [55] which resulted in nearly 100% CD68+ cells (Figure 

5.8B) [52]. The M0 BMDMs have been reported to induce myogenic cell proliferation in 

vitro [56, 57] and in vivo [52] and are more plastic than polarized pro-inflammatory M1 or 

anti-inflammatory M2 macrophages [239, 240]. The use of the more plastic M0 BMDMs 

could allow environmentally induced shift from M1 to M2 phenotype to occur and aid 

recovery from injury. While polarized macrophages can shift back to the non-polarized 

state with the depletion of cytokines in the media and become alternatively polarized 

(e.g. M1 to M2) in the presence of specific factors, both of these processes take days to 

occur [239, 240]. Of importance, incorporating the numbers of M0 BMDMs into 

engineered muscle that had no deteriorating effect on SC retention or function (Figure 



 

146 

5.8), still yielded remarkable structural and functional recovery upon CTX injury (Figures 

5.9&5.10). The macrophage phenotype proved to be critical to the regenerative 

response as bone marrow-derived MSCs were incapable of eliciting similar repair. 

5.4.4 Understanding the mechanisms behind BMDM-induced regeneration 

Analysis of SC activity in muscle-only and muscle-BMDM constructs following 

injury suggested the ability of SCs to respond appropriately through cellular proliferation 

and increases in Pax7, Ki67, and MyoD cell populations (Figures 5.12 and 5.13). 

However, the continual decline in function (Figure 5.9), cellular mass (Figure 5.10B&C), 

nuclei count (Figure 5.10D), and proliferating cell pool (Figure 5.13) occurring beyond 

the introduction of injury, made it clear that muscle degeneration was transpiring with the 

lack of BMDMs present. The events suggested apoptosis within the injured engineered 

muscle, a process commonly associated with CTX-induced injury in vivo [241]. Cleaved 

Caspase-3, a protein responsible for apoptosis through DNA fragmentation in myofibers 

in vivo [242-244] and in vitro [245], was present at high levels out to 10 days post-injury 

in the muscle-only condition. Although Caspase-3 was upregulated immediately upon 

injury in muscle-BMDM constructs (Figure 5.14A), this is consistent with injury models in 

vivo [246] and is known to stimulate proliferation in surrounding cells via paracrine 

actions [247]. BMDMs attenuated Caspase-3 expression by 2 days and cleaved-

Caspase-3 presence by 5 days post-injury (Figure 5.14A-C). Highlighting the importance 

of the anti-apoptotic effect of BMDMs, administration of a commercially available pan-

caspase inhibitor, Q-VD-OPh [248], for 10 days following injury significantly enhanced 

the regenerative ability in muscle-only bundles (Figure 5.15).  

Shared media experiments in which regeneration within muscle-only and muscle-

BMDM bundles was dependent on the extent of injury, identified that anti- and pro-
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regenerative extrinsic stimuli are acting in the system (Figures 5.16 and 5.17). One 

factor which may be a significant effector is tumor necrosis factor-α (TNFα). For one, 

TNFα and its receptor (TNFR1) is a major extrinsic apoptotic pathway upstream of 

Caspase-3 [249]. In skeletal muscle, increases in circulating and local TNFα 

concentrations are associated with aging [250] and disease [251] and are linked to 

increased apoptotic events and sarcopenia [250, 252]. Importantly, adult muscle is more 

susceptible to TNFα-induced apoptosis, linked to age-related differences in TNFα-

induced NF-κB activation [253] and a greater propensity of cross-talk between extrinsic 

and intrinsic apoptotic pathways [252]. TNFα is immediately upregulated in the 

engineered muscle upon injury (Figure 5.27), consistent with in vivo findings [251, 254] 

as the factor is known to stimulate the immune response and initiate regeneration [27]. 

In vivo suppression of TNFα occurs as anti-inflammatory macrophages attenuate pro-

inflammatory factors, including TNFα [27]. Without external stimuli, TNFα is known to 

self-regulate in instances of cell damage, increasing its secretion in an autocrine manner 

[255]. This continued propagation of the pro-apoptotic cytokine could explain the steady 

upregulation of TNFα and Caspase-3 over a 5 and 10 day span, respectively, and the 

subsequent spread of apoptotic events (Figures 5.14 and 5.27). Furthermore, as 

neonatal cells are less susceptible to apoptosis through this pathway, their ability to 

undergo the regenerative response may be less affected by the stimuli [252, 253]. 
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Figure 5.27. TNFα gene expression following injury.  Plot of quantitative RT PCR results 
showing TNFα gene expression at 0, 2, and 5 days post-CTX relative to pre-CTX levels. Error 
bars denote mean ± SEM. N = 3-4 isolations. *P<0.05 compared to pre-CTX expression at same 
time-point, 

#
P<0.05 between groups designated with line. 

The addition of BMDMs could affect apoptosis in a few ways. Previous studies 

report that BMDMs are capable of preventing apoptosis in SCs and myotubes through 

cell-cell contact-dependent signaling [56, 57]. As seen in Figure 5.28A, BMDMs within 

the engineered tissues do come in contact with regenerating myofibers which could aid 

in their survival and prevent autocrine increases in TNFα or other pro-apoptotic factors. 

However, considering the pro-regenerative paracrine effects in mild injury, it is more 

likely that BMDMs aid through cytokine release. Bone marrow-derived cells have been 

reported to secrete cell survival factors to limit apoptosis, including Akt and eNOS [256]. 

More specific to our system, BMDMs may offer suppression of TNFα-induced apoptosis. 

As the BMDMs within the engineered muscle resemble the M2 phenotype (Figures 5.20 

and 5.21) and M-CSF-exposure tends to drive differentiation in that direction [237], the 

cells may support the down-regulation of TNFα through secretion of anti-inflammatory 

factors such as IL-6 and IL-10 [27, 257]. Phagocytic events occurring following injury 

(Figure 5.28B) are also linked to the subsequent promotion of anti-inflammatory cytokine 

release and down-regulation of pro-inflammatory factors including TNFα [258]. In the 
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shared media setting, it could be expected that severe injury would result in too high of 

concentrations of TNFα for BMDMs to have an effect consistent with findings in chronic 

inflammatory diseases [250-252, 254]. 

 

Figure 5.28. BMDMs contribution during regeneration.  (A-B) CD206
+
 macrophages 

appearing to (A) be in cell-cell contact with a distraught myofiber at day 5 post-CTX and (B) 
participate in phagocytosis. 

5.4.5 Effect of BMDMs polarization on regeneration following CTX injury 

The addition of polarizing cytokines to stimulate pro- (M1) and anti-inflammatory 

(M2) phenotypes proved efficient in 2D monolayer and 3D engineered muscle culture 

(Figures 5.19 and 5.20). As functional results following the CTX injury revealed marginal 

differences in response compared to non-polarized M0, the general trend suggested 

enhanced repair in the presence of anti-inflammatory BMDMs (Figure 5.21). The varied 

results may stem from the negative effects of pro-inflammatory factors early in the 

regenerative process evidenced by significantly greater muscle loss in the M1-BMDMs 

constructs compared to M2 (Figure 5.22). Cell death may again be associated with 

TNFα expression which was upregulated in M1 and decreased in M2 polarization prior to 

injury (Figure 5.20) and commonly secreted and attenuated by the two phenotypes, 

respectively [27]. The significantly higher amount of EdU+ cells in the M1 vs. M2 
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condition at early time-points (Figure 5.22D) supports this claim as TNFα and other pro-

inflammatory cytokines are stimulants of SC proliferation [27]. The ability of M1-BMDMs 

to ultimately support regeneration may suggest a shift from pro- to anti-inflammatory 

phenotype during the regeneration process. The transition could have occurred due to 

the withdrawal of polarizing cytokines, as reported in a non-injury condition (Figure 

5.20A) and literature [239, 240]. Alternatively, events of phagocytosis [258] or 

environmental cues associated with M1 to M2 transition, including IGF-1 expression [45], 

may have triggered the conversion. 

Of further interest was the tendency of the M0 BMDMs to exhibit anti-

inflammatory properties when in co-culture with muscle cells as suggested by gene 

expression (Figures 5.19 and 5.20). As mentioned, M-CSF exposure results in a more 

M2-like phenotype without the presence of polarized factors [237]. An intriguing 

possibility is the adaptation of M0-BMDMs to a tissue-resident macrophage phenotype 

while in the engineered muscle. Muscle-resident macrophages are commonly M2-like 

and respond immediately to injury by attenuating the pro-inflammatory response [49] and 

aiding in apoptotic cell clearance through phagocytosis [50]. It would be of future interest 

to compare the characteristics of the BMDMs in our engineered muscle to the muscle-

resident population in natural muscle. Optimized conditions to induce recreation of the 

resident macrophage niche could further enhance regeneration and may contribute 

towards other therapeutic venues. 

5.4.6 Effect of BMDMs on in vivo vascularization, function, and survival of 
engineered muscle 

The ability of adult-derived engineered muscle to integrate, function, and survive 

in an in vivo setting was assessed through the use of the window chamber implantation 
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method described in chapter 4. Without the presence of BMDMs, muscle-only implants 

underwent marginal increases in vascular density and GCaMP activity over 15 days in 

vivo and experienced minimal changes in contractile force or muscle area (Figures 5.23, 

5.24, and 5.25). On the contrary, the BMDMs significantly enhanced vascular ingrowth 

and in vivo GCaMP activity when incorporated into the implants and resulted in greater 

vessel density, electrically-stimulated dF/F measurements, active force generation, and 

muscle area at 15 days PI compared to the muscle-only group (Figures 5.23, 5.24, and 

5.25). Importantly, the BMDMs inspired increases in all these values over time 

suggesting a steady maturation or recovery process occurring within the implant.  

The neonatal implantation studies highlighted the detrimental effects as a result 

of initial ischemic conditions. This result led us to associate the ability to survive and 

mature in vivo with the regenerative capacity to overcome the initial cellular stress. 

Similarly, we observed greater in vivo success with adult muscle-BMDM implants, also 

capable of in vitro self-repair. It was evident that in vitro regeneration was attributed to 

the anti-apoptotic effects of BMDMs, however it is not known if the cells are contributing 

to in vivo survival through a similar mechanism. In ischemia, skeletal muscle cells 

typically experience necrosis rather than apoptosis [259]. Unlike CTX-induced damage 

in vitro, the muscle-only implants did not experience continual degeneration indicating 

that apoptosis may not be occurring in vivo. This suggests that the ability of BMDMs to 

stimulate angiogenesis [33, 34, 233, 260] may have a greater influence on in vivo health 

than the anti-apoptotic effects associated with regeneration following CTX-induced 

injury. Supporting this claim is the observed association of functional increases with 

enhanced vascular density in the muscle-BMDM implants. Further, this is consistent with 

reports of myofiber maturation following increased nutrient supply in ischemic muscle in 
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vivo [261]. However, maintained survival attributed to BMDM localization within the 

implant could have triggered angiogenic events due to increased metabolic activity as 

proposed when comparing pre- vs. undifferentiated muscle constructs [222].  

Similar to our work in vitro, we assessed the impact of polarized BMDMs on 

success in vivo. As with SC activity, events of neo-vascularization are coordinated 

through actions of both M1 and M2 phenotypes [260]. Traditionally, pro-inflammatory M1 

cells initiate angiogenesis and the migration of vessels and anti-inflammatory M2 cells 

support the stabilization of the vascular network [260]. Our results showed steady 

vascular ingrowth in both settings (Figure 5.26A&B). Although not significant, anti-

inflammatory BMDMs tended to induce greater vessel density in the implant region than 

pro-inflammatory. This is consistent with recently reported results of enhanced 

angiogenesis with the implantation of M2 vs M1 macrophages [233]. M2-BMDMs did not 

differ from the use of M0-BMDMs in active force generation or muscle area at 15 days 

PI. However, the use of M1-BMDMs resulted in significant decreases in both tetanic 

force amplitude and musculature. Overall, the results of BMDM polarization on in vivo 

implantation coincide with the results of in vitro regeneration. In both conditions, anti-

inflammatory BMDMs seem more efficient in restoring musculature and functional 

following insult. It was proposed in vitro that the anti-inflammatory response contributed 

to a reduction in apoptotic events. Whether this is the same case in vivo and M2-BMDMs 

prevent cellular loss or if anti-inflammatory response is inducing enhanced vasculature, 

as previously reported [233], is still in question. 

 All-in-all, it is clear that the introduction of BMDMs supports implant success in 

vivo. The presence of the immune cell type encouraged increases in vasculature 

formation and function over time PI. Introducing macrophages into engineered tissues 
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prior to implantation may lead to a new paradigm in the field. As seen in Figure 5.29, 

CD68+ macrophages from the host are recruited to the implant region in both muscle-

only and BMDM conditions by day 15 PI. Localization of the BMDMs in the implant prior 

to implantation likely accelerates the beneficial effects of the immune response resulting 

in greater cell survival and function. 

 

Figure 5.29. Invasion of macrophages following implantation.  Representative cross-
sectional images showing high number of CD68

+
 cells in the host tissue surrounding the 

engineered muscle implant at 15 days PI. Of note, CD68
+
 cells are present within the muscle-

BMDM implant.  

5.5 Summary and Implications 

In this chapter, we reported the ability to construct adult-derived engineered 

muscle tissue and identified the ability of BMDMs to support its regenerative ability and 

function as an implant. Using an expanded adult myogenic population, we were able 

match the structure and force generating ability of neonatal muscle under the same 

condition. However, we revealed the inability of engineered tissues to respond to injury 

in vitro, unlike their neonatal counterpart. After failed attempts to enhance SC density 

and activity within the tissue, we discovered the remarkable benefits of the addition of 
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BMDMs to the 3D construct. BMDMs proved valuable in preventing apoptotic events and 

supporting the proliferation of SCs, the reformation of muscle, and recovery of function 

following injury. Inhibitor and shared media studies suggested that the mechanism 

governing the effect of BMDMs was upstream of cleaved caspase-3 activity and an 

extrinsic signal. Based on these results and gene expression data, we suspected that 

BMDMs may be involved in attenuating the TNFα-induced apoptosis pathway in our 

model. Using polarized M1 and M2 BMDMs, we revealed the benefit of anti-inflammatory 

macrophages in supporting in vitro regeneration events. Finally, we applied the muscle-

BMDMs to an in vivo setting using the dorsal window chamber implantation method. 

BMDMs proved beneficial in inducing vasculature ingrowth and enhancing muscle area 

and contractile function over time in vivo. The anti-inflammatory phenotype again proved 

more successful for implant survival. Together, these results can applied to further study 

adult models of muscle regeneration, growth, and disease in vitro and in vivo. 

Importantly, the muscle-BMDM system can be studied more extensively to unravel 

specific molecular pathways increases regenerative potential of muscle which may 

eventually lead to more effective therapeutics.  
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6. Summary 

Skeletal muscle tissue engineering presents a unique opportunity to create 3D 

tissues that recapitulate developmental, regenerative, and disease-related events in an 

in vitro setting. Researchers are able to isolate specific cellular components, control 

culture environment, and assess functional and structural results more efficiently than 

with animal studies. Further, methods can be applied to human isolates to enable drug 

screening and therapeutic testing in a non-invasive, patient-specific manner. Moreover, 

implantation studies using engineered constructs lay the foundation work for future 

procedures involving the replacement of large tissues. Identifying methods to enhance 

implant integration into the host, survival, and maturation may eventually lead to 

optimized structures capable of rapid and efficient contribution to natural function. In this 

thesis we were able to progress the field of tissue engineering, presenting methods to 

engineer biomimetic skeletal muscle constructs capable of accurate modeling of native 

tissue structure, function, growth, and regeneration. We also reported studies identifying 

optimal methods applying to in vivo survival and functional maturation of engineered-

tissues upon implantation. Through our work, we also developed tools to enable non-

invasive, real-time recording of cellular viability and function in vitro and in vivo. 

Initial in vitro work began with the creation of constructs capable of recreating the 

cellular composition, structure, and force generating abilities of natural muscle using 

neonatal myogenic cells isolates. We identified that selecting the adherent fraction of the 

isolated cells and culturing the tissue under dynamic conditions generated the most 

optimal tissue. The engineered muscle contained highly-aligned, contractile myofibers 

and a Pax7+ SC pool, was comprised of skeletal muscle-specific ECM proteins, and able 

to generate forces comparable to aged-matched native muscle. With increased time in 
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culture, the muscle demonstrated the capacity to undergo hypertrophy and functional 

maturation. Important to our work was the identification of processes that enabled SC 

maintenance within our engineered tissue. Tracking myogenesis at early time-points, we 

were able to witness the necessity of rapid myofiber formation to create a niche-like 

environment to home SCs and preserve their quiescence. 

For the first time, we were able to recreate the SC’s contribution to muscle 

regeneration in a 3D environment in vitro. We tracked the cellular activity during 

activation, proliferation, and differentiation as the SC pool regenerative actions resulted 

in the functional and cellular recovery following injury. Using methods to control SC 

density, we were able to show the importance of the cellular pool in stimulating muscle 

regrowth in our system. When transitioning to adult muscle isolates, we incorporated the 

optimized methods from our neonatal work in attempt to generate adult-derived engineer 

muscle also capable of modelling regeneration. However, even with a retained SC pool, 

the adult tissues proved unable to survive following induced injury. Using a real-time, in 

vitro regeneration assay we screened for therapeutics that could aid in recovery in these 

constructs. Through this assessment, we identified the remarkable benefit of bone 

marrow-derived macrophages (BMDMs) to contribute to regenerative events. 

BMDMs were initially added due to their role in natural regeneration to stimulate 

SC activation, proliferation, and differentiation [27]. Interestingly, in our system we 

identified that BMDMs were most crucial in preventing continued apoptotic events 

occurring in the injured adult muscle. Studies revealed the ability of SCs to respond to 

injury without and with the presence of BMDMs. However, in muscle-only constructs, 

pro-apoptotic stimuli induced the steady degeneration of cells past that of initial insult. 

BMDMs prevented apoptotic events and allow SCs to fulfill their contribution to functional 
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and cellular recovery. The effect of a pan-caspase inhibitor to enable regeneration 

without the presence of BMDMs furthered stressed the importance of anti-apoptotic 

mechanisms in our system. Shared media studies and work with polarized BMDMs 

phenotypes further suggested that extrinsic signaling was responsible for the induction 

of apoptosis and may be contributed to pro-inflammatory TNFα. TNFα-induced 

apoptosis, upstream of caspase-3, is commonly associated with muscle degeneration 

[251-254]. Gene expression data revealing the attenuation of the pro-inflammatory 

cytokine in muscle-BMDM constructs further strengthened the prospect of its effect in 

engineered muscle regeneration. 

Throughout the thesis, we also assessed the ability of neonatal- and adult-

derived engineered muscle to survive in vivo. To enable real-time, non-invasive 

monitoring of the implants we designed a novel system combining the dorsal widow 

chamber model with GCaMP transduction. This method allowed for intravital imaging of 

vascular ingrowth and cellular function marked by Ca2+ transients. Neonatal muscle 

proved capable of integrating into the vasculature network of the host and, upon 

recovery from initial insult, steady functional improvement and cell growth. Within our 

neonatal studies, we also revealed the benefit of pre- compared to un-differentiated 

muscle implants in inducing angiogenesis, providing initial structure, and increasing 

force generating abilities. Transitioning to adult-derived engineered muscle implantation, 

we revealed the advantages associated with the addition of BMDMs in the tissue once 

again. The BMDMs encouraged more rapid vascularization and functional improvements 

compared to the muscle only control. Additionally, we exhibited promotion of these 

events using anti- vs. pro-inflammatory cell types. In all, these results lay direction a 

strong foundation for future implantation studies.  
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7. Future Applications 

While the work reported in this dissertation contributes to the tissue engineering 

and muscle regeneration fields, it also suggests additional questions and applications 

that could be explored in future studies. In particular, our system could be applied to 

create regenerative human-derived muscle tissue, used to thoroughly investigate the 

interaction between macrophages and myogenic cells during regeneration, and 

implemented into more advanced and clinically-relevant implantation models. 

An obvious transition of the rodent work presented in this dissertation is towards 

the engineering of regenerative human-derived muscle. Our group has reported the 

ability to generate human muscle constructs from patient biopsies capable of contractile 

response to electrical and chemical stimuli; however, the tissues lack the ability for self-

repair [155]. Specific strategies identified in this work would be implemented to retain a 

functional SC pool in the human system. Following isolation, culture with inflammatory 

growth factors (GFs: TNFα, IL-13, IL-1β, and IFNγ [152]) identified to enhance Pax7+ 

cells in monolayers during expansion would be used to generate a starting population of 

SCs prior to engineered muscle formation. If unsuccessful, other protocols to enhance 

proliferation and self-renewal of SCs could also be attempted, including the use of 

different media supplements (SB202190 [150], forskolin/BIO [151], or LY364947 [262]), 

ECM coatings (fibronectin [263] or collagen VI [109]), and/or hypoxia [264]. Alternatively, 

iPSC technology could be used to generate human myogenic cells using a protocol to 

induce conditional expression of Pax7 [87] that will not require invasive extraction of 

muscle tissue. Upon the formation of engineered muscle, rapid fusion events proved 

critical for Pax7+ cell retention in the rodent work. To drive immediate formation of 

myofibers in the human system, we would implement administration of cytokines 
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inducing myogenic differentiation (IGF-1 or TGFβ [2]), the addition of contractile 

fibroblasts to enhance cell-cell interactions, and/or the withdrawal of culturing factors 

prior to use to avoid negative effects on fusion. If consistent with rodent results, adult 

human-derived engineered muscle may require the addition of macrophages to obtain 

regenerative potential. Two methods would be attempted to generate the immune cell 

source for incorporation into muscle constructs, 1) isolation of circulating monocytes 

from patient blood [265] and 2) derivation of monocytes from human iPSCs using 

reported protocols [266]. 

The generation of a regenerative human muscle could contribute significantly to 

advancements in personalized therapeutics associated with inefficient repair in cases of 

injury [24], age [150], or other myopathies [58]. The real-time, in vitro regeneration assay 

could be scaled down for application as a 96-well high-throughput system [224] to 

strengthen its utility as a screen. Additionally, a reporter generated by CRISPR/Cas9-

mediated incorporation of a florescent protein cassette into the genomic local of Pax7 

[267] could be utilized to specifically track SC dynamics in real-time following injury. 

Such a system would be able to identify patient-specific small molecule effectors of self-

repair and comprehensive study of human SCs in response to various stimuli and 

environments.  

Future studies will need to be performed to gain a more comprehensive 

mechanistic understanding the anti-apoptotic effects of BMDMs on myogenic cells 

during regeneration. TNFα was proposed as the effector molecule in the system, serving 

as an extrinsic signal to induce downstream caspase activity deduced through results 

from shared media experiments, gene expression, and the effect of pan-apoptotic 

inhibitors. Cytokine profiles will need to be evaluated through an enzyme-linked 
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immunosorbert assay (ELISA) to confirm the enhanced release of the TNFα protein 

following severe injury of muscle-only constructs. Further, antibodies targeting TNFα and 

its receptor (TNFR1) will be used in attempt neutralize the effect of the stimulus in 

muscle-only constructs following injury. If antibodies prove successful, clinically-used 

TNF-inhibitors for rheumatoid arthritis, including infliximab, adalimumab, etanercept, 

golimumab, and certolizumab-pegolb [268], will be screened to identify potential 

therapeutics. 

The specific mechanism in which BMDMs inhibit apoptosis will also need to be 

evaluated. Our shared media experiments suggested a paracrine effect of BMDMs and 

therefore two pathways will be explored: 1) cytokine release and 2) exosomal transfer. 

ELISA will be used to identify upregulated cytokines in conditioned media following CTX 

injury of muscle-BMDM constructs. Identified factors will be screened alone, or in 

combination, to assess whether they can stimulate regeneration in muscle-only bundles 

following severe injury. In the event of successful regeneration, QT-PCR will be applied 

to assess the effect of the specific factors on gene expression related to apoptosis with 

particular focus on the TNFα pathway. Exosomes, microvesicles carrying messenger 

RNA, micro-RNA, and cytokines, are known to regulate cellular behavior through cell-to-

cell transfer of functional RNA constructs and growth factors stimulating transcription 

[269]. Although much less investigated than cytokines, recent work has identified 

muscle-derived, either from resident progenitors [270] or differentiated  myofibers [271], 

and MSC-derived [272] exosomes to contribute and enhance regeneration. 

Macrophage-derived exosomes, the largest portion of circulating microvesicles [273], to 

our knowledge, have yet to be explored for their roles in muscle repair. Exosomes will be 

isolated from conditioned media following severe injury of muscle-BMDM constructs 
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using ultra-centrifugation methods. The purified vesicles will be applied to muscle-only 

bundles following injury to determine whether they can stimulate regeneration. If 

successful, exosomal miRNA will be isolated and screened using a miRNA assay to 

identify specific sequences responsible for the effect. Additionally, the effect of BMDMs 

on muscle repair will be assessed in vitro using injury modalities to better represent in 

vivo environments. These will include necrosis-stimulating BaCl2 administration and the 

use of hypoxic culture to simulate ischemia [274]. 

Lastly, our in vivo work provides a foundation for many future implantation 

studies. The ability of engineered muscle tissues to serve for volumetric muscle loss 

therapy [17, 24, 181] will need to be explored. We have developed an implantation 

model in which muscle bundles are inserted into the biceps femoris of a nude mouse 

following excision of ~40% of the tissue. Intra-muscular placement of the implant would 

enable assessment of functional integration, a process that cannot be studied in the 

window chamber model. Importantly, innervation of the engineered tissue could be 

assessed through GCaMP transduction of the implant and subsequent neuronal 

stimulation. Induced-GCaMP signal would confirm the capacity of the implant to function 

via integration into the neuromuscular system of the host. Additionally, the introduction of 

BMDMs into the engineered muscle could enable study of the role of macrophages in re-

innervation post-injury. In peripheral and central nervous system repair, anti-

inflammatory macrophages are considered to have beneficial effects on neural regrowth 

as pro-inflammatory cells contribute to neuronal damage, however, effects following 

muscle injury are still unknown [275-277]. Although initial implantation studies should 

target clinically-relevant replacement of small muscles (e.g. craniofacial reconstruction), 

methods to scale-up implant volume should be explored. Pre-vascularization techniques 
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utilizing endothelial cells to create existing vessel networks within the muscle implants 

may expedite the vascularization process. Upon implantation, rather than host 

vasculature migrating into full thickness of the engineered tissue, rapid anastomosis 

could link the existing vessel network to the host’s blood supply. Considering the in vitro 

limitations of developing large tissues, such a technique could be used in implantation of 

multiple small tissues to facilitate rapid vascularization and prevent hypoxia-induced cell 

death during large volume repair. Finally, the window chamber implantation method 

described within the dissertation could be applied to human-derived engineered muscle. 

The ability to track vascularization and function through intravital imaging would allow us 

to assess real-time effects of therapeutics or drugs on engineered human muscle in an 

in vivo environment. Additionally, in this setting, intravenous injections of drugs and/or 

muscle-specific, adeno-associated viruses would result in their vascular delivery into the 

implanted human muscle tissue in a clinically-relevant fashion. 
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