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Abstract

Proteins are specialized molecules that catalyze most of the reactions that can sustain

life, and they become functional by folding into a specific 3D structure. Despite

their importance, the question, “how do proteins fold?” - first pondered in in the

1930’s - is still listed as one of the top unanswered scientific questions as of 2005,

according to the journal Science. Answering this question would provide a foundation

for understanding protein function and would enable improved drug targeting, efficient

biofuel production, and stronger biomaterials. Much of what we currently know about

protein folding comes from studies on small, single-domain proteins, which may be

quite different from the folding of large, multidomain proteins that predominate the

proteomes of all organisms. In this thesis I will discuss my work to fill this gap in

understanding by studying the unfolding and refolding of large, multidomain proteins

using the powerful combination of single-molecule force-spectroscopy experiments and

molecular dynamic simulations. The three model proteins studied - Luciferase, Protein

S, and Streptavidin - lend insight into the inter-domain dependence for unfolding and

the subdomain stabilization of binding ligands, and ultimately provide new insight

into atomistic details of the intermediate states along the folding pathway.
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1

Introduction

It is only about ten years ago that the fact became known that completely

structure-less protein exercises all the essential functions of life, digestion,

excretion, movement, contraction, reaction to stimuli, and reproduction. -

Frederick Engels, 1883 [1].

The complete human genome, published in 2001 [2], has provided a key with which

many doors to new therapeutics for disease could finally be opened. This has since

provided a substantial new understanding of the molecular origin of disease that is

the basis of new methods for treating cancer, discovering evolutionary phylogeny,

and systematically decoding biology. The genome also gives us the entire sequence

of all physiological proteins. Surprisingly, the „3 billion base-pair human genome

encodes only „20,000 proteins („87,000 total isoforms) that are responsible for the

life and death of cells in the human body. The proteome has only recently been

“sequenced” in a high-throughput manner [3], although the structures of only a small

fraction of proteins have been solved. Most importantly, the function of proteins

is still not widely understood and several questions outlining the basic functioning
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of proteins remain unanswered. This thesis aims to increase our understanding of

basic biophysical properties of proteins, using novel computational and mechanical

biology methods, so that the the interpretation of current and future protein sequences

can be better interpreted in relation to their function and stability in the context of

promoting human health.

1.1 History of Protein Science

Protein science began with Gerardus Johannes Mulder (1802 to 1880), who was a

Dutch organic and analytic chemist. Like his contemporaries, Mulder was interested in

characterizing the atomic elements that comprise biological compounds. His methods

for purified protein were crude: myosin was extracted by freezing and crushing detached

frog muscles and subsequently purifying with a linen cloth [4]. Though primitive,

Mulder and other early chemists were able to distinguish proteins and identify the

absolute abundance of atoms that composed them. Mulder was intrigued that different

proteins from different animals had very similar absolute abundances (for Nitrogen,

Carbon, Phosphorous, and Oxygen), leading him to believe that they were an identical

substance, which he called “Grundstoff.” Mulder corresponded with Baron Jöns

Jacob Berzelius (1779 to 1848) (considered one of the founders of modern chemistry)

who suggested that Grundstoff be renamed as “protein.” The word “protein” comes

from the Greek word πρωτειoζ, meaning “standing in front” which, to Berzelius and

Mulder, seemed justified considering they thought the protein they had discovered

was the primordial substance transferable between all living things - essentially, the

key to life itself.

The idea that all proteins contain the same substance was soon discarded after

protein crystal formation was discovered and very different crystals were reported

for proteins from different species with similar elemental abundances. The advent

of crystallization in the late 1800’s also helped immensely with purification, which
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allowed the new generation of scientists to discover the macromolecular properties of

proteins and how they are arranged.

The discovery that proteins are composed of linked amino acids was made indepen-

dently by two scientists. Hermann Emil Louis Fischer (1852 to 1919) (who won the

1902 Nobel Prize for Purine Synthesis) demonstrated that proteins were actually linked

together by “peptide” bonds, and they were likely “polypeptide chains” (both terms

coined by Fischer) [5]. Fischer had the ambitious goal of synthesizing a new protein

to be used for fermentation and other health benefits, a goal that is only beginning to

be realized by modern scientists. Fischer’s contemporary, Franz Hofmeister (1850 to

1922) also deduced that proteins were composed of “peptide bonds” through logical

deduction. Hofmeister noted that proteins are not digested by trypsin, so he deduced

that peptide bonds could not be C-C, ether nor ester bonds. Hofmeister also noted that

R=C-N-C=R bonds could be eliminated because it would imply a much larger number

of carboxylate groups than experimentally observed. Together, yet independently,

Hofmeister and Fischer presented results on the peptide bond (HCR-C=O-NH) and

the 74th meeting of the Gesellschaft Deutscher Naturforscher und Ärzte in Karlsbad,

Czech Republic, in 1902, which is considered to be one of the most important events

in the history of protein science. Hofmeister went on to develop the salt purification

methods for protein purification, still used today and had the foresight to predict that

all cell processes are carried out by various proteins - an idea that took many more

years to be accepted as fact.

As more proteins were purified and discovered, a taxonomy of proteins was de-

veloped which still is in use today. This taxonomy was defined by solubility [6]:

“albumins” are soluble in pure water; “globulins” insoluble in water, but soluble in

neutral salt conditions; “glutelins” being soluble in dilute acid or base; and “histones”

are very soluble in water but mainly composed of basic amino acids and are thus

insoluble in dilute ammonia. Proteins were also characterized by the coagulability in
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heat, though the process of coagulation and denaturation were still debated (and to

some degrees, still are today).

Once proteins were defined, investigations of their properties began. Sir William

Bate Hardy (1864 to 1934), showed that proteins can move opposite directions in

an electric field, depending on pH. This discovery was pivotal in establishing that

proteins are multipoles with a surface charge and that they have an isoelectric point

(the point the motion changed direction in a electric field). William Thomas Astbury

(1898 to 1961) led early studies of X-ray diffraction on fibrous proteins. He proposed

that proteins were likely stabilized by hydrogen bonds, and recognized the protein

folding problem by acknowledging the paradox that proteins are potentially globular

yet also “chains” of polypeptides. Astbury’s X-ray diffraction experiments on wool

keratin fibers further hinted at two forms of protein structure: a compact and an

extended form. Astbury called the former α and the latter, β, a convention that

became the inspiration for α-helices and β-strands.

1.1.1 Early controversies

Throughout these early 20th century achievements, two main controversies needed to be

resolved. The first was whether proteins are enzymes. This question was controversial

because enzymatic reactions were thought to be only carried in the presence of whole

cells (though there had been evidence of cell lysates being able to ferment and digest

proteins) and that proteins were possibly only the carriers of enzymes, not the enzymes

themselves. This debate was settled in 1926 by James B. Sumner who demonstrated

that urease, an enzyme from jack bean plant, can be crystallized and is indeed protein

(this achievement warranted him the Nobel Prize in 1946). The example of urease,

and previous examples of trypsin, helped to adjust the belief of the community that

enzymes and proteins are one and the same.

The second major controversy was whether they were truly macromolecular and
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not simply an assembly of colloids. The understanding of protein denaturation then

held that denaturation was a process in which a protein colloid simply dissolved into

smaller pieces of globular protein. This matter was eventually put to rest by two

independent review articles by Pauling and Mirsky [7], and by Hsien Wu [8] (published

first but was recognized only later). These authors all recognized, among many things,

that proteins do not change molecular weight upon denaturing and thus must be

macromolecular, not colloidal. Both papers also set up a modern theory of protein

structure and folding, postulating that the internal structure is reversible, and that its

stability is due to hydrogen bonding, or second valence bonding, which was a relatively

new concept at the time.

Once the tools were in place and these major breakthroughs were made, progress

in protein science increased steadily. After DNA was recognized as the storage of

genetic information in the 1950s, protein chemists sought and quickly discovered the

relationship between codons and amino acids. The codons were discovered in 1961,

and within 5 years the 20 amino acids had their three-letter genetic code deciphered [9].

In the 1970s, proteins from cell membranes began to be investigated. New methods

constantly emerged to study protein structure and folding, and new theories about

their structure and function were formulated.

1.1.2 Unresolved questions

Two main unresolved questions that still persist today. The first concerns the structure

of proteins. This question was first investigated by Astbury and was pursued by John

Desmond Bernal (1901 to 1971) with help from Sir William Bragg (1862 to 1942).

Bernal took the first sharp X-ray diffraction of protein crystals of pepsin in 1934.

He helped confirm that proteins globular, and that there is a great deal of water

between protein molecules. Bernal’s student, Max Perutz (1914 to 2002), would later

determine the X-ray structure of hemoglobin and earn the Nobel Prize in 1962 with
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John Kendrew. The 3D structure of myoglobin by John Kendrew in 1958 provided

the first actual model of a protein [10], which provided unprecedented insight. This

structure showed complexity beyond imagination, eloquently stated by Kendrew:

“Perhaps the most remarkable features of the molecule are its complexity

and its lack of symmetry. The arrangement seems to be almost totally

lacking in the kind of regularities which one instinctively anticipates, and

it is more complicated than has been predicted by any theory of protein

structure.” - John Kendrew 1958

The ongoing work towards determining the structure of proteins remains very active,

every year „10,000 new structures are deposited in PDB.org. Human proteins are

close to being entirely known („7,000 of „20,000 human proteins are currently known

in full atomistic detail).

The second question which remains today is, how do proteins fold? This is the

question to which my thesis is devoted. Though the driving forces of protein folding

began to be elucidated 100 years ago, they remain highly debated. As early as

1925, Mortimer Anson (1901 to 1968) and Alfred Mirsky (1900 to 1974) discovered

that hemoglobin can be denatured and then renatured to combine with oxygen and

can also be crystallized. [11] This discovery was monumental, as it implied that

protein denaturation is an equilibrium process and that the transition is due to a

conformational reconfiguration defined by interaction free energies. Once the amino

acid sequences were discovered, the idea that protein folding is defined by the sequence

was solidified by Christian Anfinsen on studies of ribonuclease for which he was

awarded the 1972 Nobel Prize. Bernal in 1939 declared that ionic bonds could not be

the structural driving force as they would certainly hydrate, and he advocated for the

hydrophobic principle [12] which was first proposed (in the protein the context) by

Irving Langmuir (1881 to 1957) who won the Nobel Prize for investigating hydrophobic
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effects in surface chemistry and thought that these same principles applied to proteins

[13]. Interestingly, this idea would lose traction until it was carefully defended by

Walter Kauzmann in a review about protein denaturation in the 1950’s [14].

The question of “how proteins fold” is still vigorously debated today, and can be

separated into two lines of inquiry: the driving force and the folding route of protein

folding. The first is concerned with identifying predominant physical forces that help

produce the basic folding nucleus. The driving force is thought to be hydrophobic [15],

as suggested by Kauzmann [14], but standard textbooks identify hydrogen bonding as

the main driving force [16]. The folding route is the specific sequence of steps that

take place during folding. There are two theories prevailing: either the folding route is

consistent and undergoes a simple and systematic pathway, or an energy funnel allows

all possible paths to be sampled (according to their energy) [17]. This thesis serves to

shed more light on these two questions.

1.2 Thesis Aim

Modern techniques might see the structural determination of all human proteins in the

next ten years, but, the influx of structural information will never provide dynamic

information about how proteins fold. There are currently many methods available

to probe protein dynamics including circular dichroism, nuclear magnetic resonance,

thermal/chemical/pressure denaturation, stop-flow fluorescence measurements, single

molecule FRET, force-spectroscopy, and computer simulations. The usefulness of

these methods strongly depends on the dynamics studied and the level of space and

time resolution needed (of which there is generally a trade-off).

However, although these techniques are sophisticated and provide incredible

amounts of information, it will be impossible for humans to investigate the dynamics

of all possible 10130 sequences in the lifetime of our existence on earth. Therefore,

scientists are obligated to choose carefully what to study. In this case, it can be useful
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to first study “model” proteins for delineating features that can then be generalized

to other proteins. These model proteins can help to build upon a full understanding

of the physical mechanisms in protein structure and folding. The purpose of this

thesis is to use new sophisticated single-molecule tools to understand the

basic biophysical properties of several model proteins. Insight from these

studies will be able to generate new hypotheses, and possibly help answer age old

questions, and help to understand the vast space of unknown protein sequences.

This thesis is composed of eight chapters that explore the tools used and application

of those tools for understanding protein folding and unfolding.

Chapter 2 provides an in-depth look at the tools and the background of the

specific methods that are used in the rest of this thesis, namely single-molecule

force-spectroscopy (SMFS) and molecular dynamics simulations. I will discuss the

advantages and disadvantages of these techniques, and present viable alternatives that

are commonly used in the field of single-molecule protein dynamics.

Chapter 3 presents my research into designing new tools and improving tech-

niques for analyzing single-molecule force-spectroscopy experiments. This chapter

outlines the schematics I used to build a new atomic force microscope, and their

construction. It also delves into automated experimentation and analysis, and the new

algorithms developed. Finally, it explains how to further improve protein production

and purification especially for SMFS.

The first research project is described in Chapter 4, which is the experimentation

and analysis of a large multidomain protein Luciferase. In this chapter I detail the

mechanical unfolding pathway of Luciferase, as well as of chaperones on the refolding.

In Chapter 5, I further build upon results from Chapter 4 to investigate a theoretical

folding pathway of Luciferase using experimental methods. This chapter portrays one

of the first reconstructions of the folding pathway of a large multidomain, protein.

Chapter 6 describes the simulated and experimental mechanical unfolding pathway
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of another large, multidomain protein - Streptavidin. In these studies I particularly

study the mechanical effect of multimerization, and show that this effect is readily

determined by current theoretical methods. Results from this chapter have important

implications for designing new proteins based on multimerization.

In Chapter 7, I investigate the third and final multidomain protein - Protein S.

I determine its unfolding and folding pathway using experiment and simulation. I

also uncover a more realistic kinetic model of its folding behavior that goes beyond

two-state kinetics.

Finally, Chapter 8 is a summary of what is learned from this thesis and how it fits

into the larger scope of protein folding and dynamics. In this conclusion I also posit

what remains undiscovered from this thesis and suggest further research questions.
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2

Tools and methods

I have had a number of opportunities to teach single-molecule force-spectroscopy in

lectures and to write review articles. This chapter is an amalgamation of several

reviews I have written with colleagues that explains the basics of single-molecule

force-spectroscopy and its applications.

Scholl, Zackary N., Qing Li, and Piotr E. Marszalek. Single molecule

mechanical manipulation for studying biological properties of proteins,

DNA, and sugars. Wiley Interdisciplinary Reviews: Nanomedicine and

Nanobiotechnology 6.3 (2014): 211-229.

Li, Qing,* Zackary N. Scholl,* and Piotr E. Marszalek. Nanomechanics

of Single Biomacromolecules. Handbook of Nanomaterials Properties.

Springer Berlin Heidelberg, 2014. 1077-1123.

This chapter is based of these publications, and also from supplemental materials of

the publication for Chapter 4.
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2.1 Single-molecule force-spectroscopy

2.1.1 Background and history

Single-molecule force-spectroscopy (SMFS) is a general technique in which the mechan-

ical properties of individual biomacromolecules can be examined with high precision

[18, 19, 20, 21, 22, 23]. SMFS is performed by attaching individual macromolecules,

or their fragments, to a force probe and stretching using specialized instruments like

atomic force microscopes, biomembrane force probes, optical traps, or magnetic tweez-

ers. The separation between the probe and the attached macromolecule is accurately

measured, along with the applied force (tension) between the probe and the macro-

molecule [24]. The specific relationship between the elasticity of the macromolecule

and the extension of the macromolecule has been coined a “force spectrogram.” In this

thesis, the biomacromolecules studied are polymeric in nature, as they are composed of

many identical or similar units of monomers (amino acids). Their elasticity has most

contributions from entropic components [25, 26, 27, 28], because the macromolecule

at equilibrium experiences maximal entropy, and this entropy is gradually decreased

as the polymer ends are separated and monomers are forced to align in the direction

of the pulling force. This entropy reduction requires a work input, means that the

external agency needs to apply finite forces to the polymer ends to separate them.

Newtons third law dictates that the polymer then develops internal tension that pulls

the ends back towards each other. Thus, polymers are entropic springs. It typically

take little force to initially stretch a polymer to some 60-80% of its total (contour)

length. However, further stretching requires a significant and rapidly increasing force,

and in theory it would take an infinite force to fully separate the polymer ends and

completely align the chain with the pulling direction [28, 27]. In some molecules,

before such forces are attained entropically, some of the chemical and physical bonds

within the polymer that can gradually extend according to their stiffness, which results
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in a continually increasing contour length of the polymer, often called overstretching

[29, 30]. The overstretching of a polymer can manifest itself as an abrupt transition

in the force-extension curve in the form of a rupture event (or force peak), or force

plateau - in which individual bonds or groups of bonds undergo discrete force-induced

transitions [30, 29, 31, 32, 33].

SMFS is typically used to stretch and relax DNA, proteins and sugars either in

vitro, but also in vivo, on living cells [20, 22, 34, 35] to study their elasticity, unfolding,

refolding and binding behaviors. Typically, stretching macromolecules at low forces

(ă 20 pN) captures the highly nonlinear entropic elasticity of biomacromolecules.

In contrast, stretching at higher forces causes deviations from the purely entropic

elasticity. Deviations from purely entropic elasticity indicate that there are structural

transitions and conformational rearrangements that are induced by force on the

experimental time scale. An early example is the investigation of the elasticity at

various force regimes of individual protein domains that make up the titin molecule

and contribute to the passive elasticity of muscles [36]. It was discovered that the

entropic alignment of individual domains at low stretching forces provides passive

elasticity, while at higher forces domains can reversibly unfold and refold to provide

extra length when needed [37]. In addition to measuring elasticity of molecules, SMFS

is frequently used to probe the interaction strength between biomolecules, including

receptor and ligand pairs [38, 39, 40].

Instrument to perform SMFS can vary, and the chosen application often designates

the tool. In this thesis, an atomic force microscope (AFM) is often used for conducting

SMFS measurements. However, Optical Tweezers (OT) are also frequently used to

examine elasticity of biopolymers at low forces [41, 42, 43]. Magnetic Tweezers found

many applications to study torsional elastic properties of DNA and to follow the

work of special DNA enzymes that affect coiling properties of DNA (such as gyrases)

[44, 45]. Biomembrane Force Probe (BFP) techniques were found the particularly
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well-suited for measuring receptor-ligand interactions on live cells [46]. Nanopore

techniques have been used to study folding properties of biomacromolecules and to

examine the interactions between various biomolecules and they are continuously

improved for DNA sequencing applications [47, 48]. Recently, ultra-centrifugation and

flow techniques are used for biopolymer elasticity measurements and in conjunction

with fluorescence video microscopy are being applied to follow the interactions between

various biomacromolecules (e.g. DNA-protein interactions) [49, 50]. Briefly, here are

the advantages and disadvantages of this array of techniques.

1. Atomic Force Microscopy (AFM)

Advantages: excellent length resolution, good force range (5-5000 pN), constant-

velocity or constant-force conditions are available, no need for specialized attachment.

Disadvantages: Cantilever spring constants are difficult to determine accurately[51,

52] not suitable for probing events at low forces (ă 5 pN).

Background: AFM was invented in 1986 by Binning, Quate and Gerber[53] on the

basis of the scanning tunneling microscope (STM) [54, 55, 56]. AFM was initially

applied primarily as an imaging tool, but its power for mechanical manipulation of

individual biomolecules was soon realized [57]. In SMFS measurements by AFM,

molecules are attached at their termini or at random positions to a substrate and

to the AFM tip, either specifically through chemical bonds or using ligand-receptor

specificity (e.g. avidin-biotin) or even non-specifically through physisorption [24]. The

molecules that form a bridge between the substrate and the tip may be stretched

in solution, which is of significance to measurements on biomacromolecules. The

stretching process is controlled by means of a highly precise piezoelectric actuator

that moves the sample away from the AFM tip or vice versa. The force experienced

by the molecule (its tension) is determined through monitoring the bending of the

AFM cantilever, which is followed by a split photodiode that measures the position of
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a laser beam reflected off of the cantilever and projected onto the diode. Force and

length resolution of SMFS measurements by AFM are on the order of 1 pN and 1 nm.

The main advantages of AFM as a force spectrometer are its superb length resolution,

the ability to stretch short molecules, the ability to apply small forces (piconewton

order), and its unique capabilities allow probing large forces (tens of nanonewtons).

Furthermore, AFM force spectrometers are fast, and allow large loading rates (force /

time), which is important when studying the lifetimes of intermolecular bonds. SMFS

by AFM are typically carried out under constant extension rate [58] or force clamp

conditions [59].

2. Optical Tweezers

Advantages: Excellent force resolution and excellent length resolution at low forces

(0.1-10pN).

Disadvantages: Requires functionalized biopolymers to tether to bead.

Background: Optical tweezers[60, 61, 62]use a focused laser light to create a potential

well that traps dielectric objects, first as was observed by A. Ashkin in 1970 [63].

An appropriately surface-functionalized micron-size dielectric bead (e.g. coated with

avidin) can be used to attach to it a terminally functionalized biopolymer (e.g. biotin-

labeled DNA) and can be captured by an optical trap. The other end of the molecule

can be attached to a surface or to another bead kept in a glass pipette by suction. The

molecule is stretched by moving the surface or the second bead away from the optical

trap by means of piezoelectric actuator. A microscope-based video system accurately

monitors the position of the first bead relative to the center of the optical trap to

determine the applied force, while the translation of the second bead is accurately

measured to determine the molecule extension. Optical tweezers provide superb force

and length resolution on the order of 0.1 pN and 1 nm and are widely used in SMFS

of DNA and proteins.
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3. Magnetic tweezers

Advantages: Excellent force resolution at low and medium forces (0.01 to 100 pN),

simple method for applying torque.

Disadvantages: Requires functionalized biopolymers to tether to bead.

Background: Magnetic tweezers use micron-size superparamagnetic beads, which

develop a net magnetic moment in an external magnetic field and are pulled by

a magnetic force that is proportional to the field gradient [64, 44, 65]. Similar to

optical tweezers, a molecule of interest can be tethered between a surface (bead) and

a superparamagnetic bead and stretched by an external magnetic field. Forces on the

order of 0.01 to 100 pN can be easily exerted by magnetic tweezers [28]. In addition

to stretching, magnetic tweezers provide a very simple means of applying torque to a

molecule allowing it to be rotated and coiled [64, 65, 44, 66].

4. Biomembrane Force Probe

Advantages: High precision in cantilever spring constant measurement, excellent

force range (0.01 to 1000 pN).

Disadvantages: Limited to probing molecules that appear on the cell surface.

Background: In the biomembrane force probe assay (BFP) a small glassy bead is

biochemically glued to a pressurized membrane capsule (for instance, a red blood

cell membrane) that is held by a pipette through a controlled amount of suction

[67]. Different negative pressures results in different membrane tension so the probe

stiffness can be easily controlled and forces on the order of 0.01 to 1000 pN can be

generated. The bead itself is decorated at low surface density with the molecules of

interest that are brought to contact to their cognate receptors, presented on another

cell. By forming contacts between the bead and the surface of the investigated cell,

specific bonds between ligands (present on the bead) and receptor (present on the

cell surface) are formed and then ruptured by moving the bead away from the cell
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surface. In this way bonds strength and lifetimes can be accurately measured. Forces

and extensions are determined via optical microscopy by the amount of deformation

of the membrane transducer and the position of the glassy bead. Typical resolution is

0.5 pN and 5 nm [67, 68].

5. Nanopores

Advantages: Capabilities to uniquely measure size and charge of molecules.

Disadvantages: Method still in development.

Background: Molecules force to pass through a nanometer-size pore in a membrane

separating two compartments to which a potential gradient is applied, transiently

blocking the ionic current flowing through the pore, thus producing characteristic

current blockage fingerprints. These current patterns can be used to infer various

molecular properties of the traversing molecules, such as their size and charge. It was

proposed that natural or solid state nanopores could be used to sequence long DNA

strands, because characteristic blockage currents are different for different nucleobases

[48, 69, 70]. Electric field driven passage of charged biomacromolecules such as nucleic

acids or uncharged but terminally functionalized with a charged leader (e.g. a short

piece of DNA) molecules such as proteins can also be used to examine mechanical

properties of traversing molecules. This is because in most cases these molecules are

too bulky to pass through the pore and need to be stretched and unfolded before

they fit into a narrow pore [47, 71]. For direct measurements of the force applied to a

molecule traversing a nanopore, its end can be attached to a bead whose position is

accurately monitored in a force measuring optical trap [70].

6. Flow

Advantages: Readily simulate physiological flow conditions.

Disadvantages: Requires careful flow calibration to determine forces.
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Background: Mechanical properties of biomacromolecules can also be studied by

stretching them in an elongational flow [72, 49]. This can be achieved either directly

due to the coupling of the flowing fluid with the molecule of interest or indirectly by

attaching one end of the molecule to a surface and the other to a micron-size bead

which experiences a hydrodynamic force [73]. Also, to limit unwanted interactions

between the molecule and the surface during flow measurements, a magnetic bead

attached to the molecule of interest can be levitated magnetically, while subjected to

a horizontal hydrodynamic force[128]

7. Particle tether

Advantage: Simple, inexpensive system suitable to various microscopy methods.

The system does not involve external forces.

Disadvantage: Low spatial resolution.

Background: The tethered particle motion experiments (TPM) were first started

by Jeff Gelles and colleagues in the early 1990s to study transcription by single

RNA polymerase molecule [74, 75]. This method has been used to study DNA

looping[76, 77, 78, 79, 80, 81, 82, 83, 84, 85, 75], DNA transposition[86], promoter

sequences bending [87], and site-specific recombination [88, 89]. In a typical tethered

particle experiment a single polymer molecule is tethered between the microscope

coverslip surface and a microsphere through specific binding [90]. Brownian motion of

the bead is restricted to a semispherical region by the tethered polymer molecule and

can be captured by an optical microscopy. Variance in traveling scope of the particle

gives information about change in the length of the tethered polymer. TPM has the

advantage of simple implementation, easy combination with optical and magnetic

tweezers and straightforward data analysis methods. However, TPM has low time

resolution caused by the time cost by the probe to explore the region limited by the

polymer tether [91]. Attempts to improve the accuracy of TPM include investigation
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of the volume effects of the bead [92, 93], suppression of the Brownian motion of the

bead [94], simultaneous tracing of hundreds of single molecules by biochip [95] and

development of proper data analysis approaches to obtain reliable kinetic parameters

from TPM measurements [96, 97].

2.2 Atomic Force Microscopy (AFM)

Since the majority of this thesis deals with single-molecule force-spectroscopy ex-

periment by atomic force microscopy, it is worthwhile to present a more thorough

depiction and historical background of the tool.

The ability to visualize and manipulate atoms first appeared in the Scanning

Tunneling Microscope (STM), in 1981, and earned its inventors, Gerd Binnig and

Heinrich Roher the Nobel Prize in Physics in 1986 [55, 98]. This technology would

revolutionize nanotechnology by finally providing an opportunity to visualize single

atoms [56]. These tools also held the possibility of manipulating single molecules, like

proteins composed of tens of thousands of atoms, which would allow single-molecule

perturbations - an unprecedented idea at the time. This type of single-molecule

experiment is significant because it can capture properties displayed only by various

molecular sub populations and are absent in large populations.

AFM was invented in 1986 by Binning, Quate and Gerber [53] on the basis

of their earlier invention of the scanning tunneling microscope (STM). AFM was

initially applied primarily as an imaging tool, but soon its power for mechanical

manipulation of individual biomolecules was soon realized [57]. The process by which

AFM works can be summarized briefly: In SMFS measurements by AFM, molecules

are attached at their termini or at random positions to a substrate and to the AFM

tip, either specifically through chemical bonds or using ligand-receptor specificity (e.g.

avidin-biotin) or even non-specifically through physisorption. The molecules that

formed a bridge between substrate and the tip may be stretched in solution, which
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Figure 2.1: (A) Schematic of an AFM instrument and (B) close-up of the cell
containing the cantilever and probing the substrate. A laser probes the cantilever
deflection which is detected using the difference between the top and bottom of a
quadrant photodetector. The cantilever is suspended in a quartz cell over a substrate
(clean glass or freshly evaporated gold) that has a drop of solution with the molecule
of interest. A piezoelectric stack on the bottom controls the 3D movement of the
substrate to contact the cantilever and then move away at constant force or constant
velocity. Nonspecific attachment will allow the molecule (red lines) to attach to the
cantilever and stretch the molecule of interest. Schematic courtesy of Qing Li.

is of significance to measurements on biomacromolecules. The stretching process is

controlled by means of a highly precise piezoelectric actuator that moves the sample

away from the AFM tip or vice versa. The force experienced by the molecule (its

tension) is determined through monitoring the bending of the AFM cantilever, which

is followed by a split photodiode that measures the position of a laser beam reflected

off of the cantilever and projected onto the diode. Force and length resolution of SMFS

measurements by AFM are on the order of 1 pN and 1 nm. The main advantages of

AFM as a force spectrometer are: its superb length resolution, the ability to stretch

short molecules, the ability to apply small forces (piconewton order) and uniquely also

very large forces (tens of nanonewtons). Also, AFM force spectrometers are fast, and

allow large loading rates (force / time) that are of importance when studying lifetimes

of intermolecular bonds. SMFS by AFM are typically carried out under constant
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extension rate or force clamp conditions.

The seminal single-molecule measurements on titin[58, 99] were followed by a

number of interesting experimental and computational investigations that pinpointed

the origin of the mechanical resistance in proteins and unraveled relationships between

protein structures their elasticity and their mechanical unfolding properties. Generally,

proteins composed of beta strands and beta sheets with rich networks of internal

hydrogen bonds (such as titin [37], filamin [100], fibronectin [101, 102, 103], tenascin

[104], ubiquitin [105, 106, 107], GB1[108, 109]) offer a greater resistance to mechanical

unfolding and are slow to refold. Conversely, proteins composed of short alpha helical

segments and coiled coils (such as spectrins [110, 111]) unfold at relatively small

forces but seem to restore their structures faster than “all beta” proteins [112, 113].

Previous studies also examined similarities [114] and differences between chemical

(thermal) and mechanical unfolding pathways of proteins and an emerging view is that

these pathways may differ and that mechanical strength of proteins does not always

correlate with their thermodynamic stability [112]. The single-molecule AFM study of

titin also introduced a completely novel approach to studying protein unfolding and

refolding under physiological conditions without any use of un-physiological agents

like denaturing chemicals or extreme temperatures and pressures.

2.2.1 Design

The AFM is composed of four main elements: a probe, a detector, the sample, and

the piezo. Each of these elements has been carefully designed and refined since its

inception.

1. Cantilever probe

This element contains the device that will be modulated by the interaction with the

surface. In the original AFM [53], this was composed of a cantilever with a diamond
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tip. Currently the cantilever tip is usually made of silicon nitride or silicon. It is

very important that the tip be as sharp as possible, so that the molecular interaction

involves as few atoms between the probe and the substrate. Typically the radius of

curvature is on the order of nanometers.

The cantilever beam is used to detect deflections when imaging the surface or

when a molecule is resisting the pull from the AFM. The cantilever closely follows

standard beam mechanics, and at the simplest level can be thought to follow Hooke’s

law, that is

f “ kx (2.1)

where f is the force applied to the cantilever, k is the spring constant of the cantilever,

and x is the deflection.

Cantilevers can come in various size and shapes, depending on the spring constant

that is required for the experiment. Lower spring constants can be obtained by

lengthening the cantilever beam, or by making the beam thinner. Lower spring

constants are useful because they have more sensitivity, however their force range is

also smaller so they do not benefit certain applications. From beam mechanics, the

spring constant for a rectangular cantilever is given by

kc “
F

x
“
Ewt2c
4L3

(2.2)

where L is the length of the cantilever, E is Young’s modulus, w is the cantilever

width, and tc is the thickness [115].

While useful, sensitive cantilevers can be too sensitive to thermal fluctuations and

external noise, so it is always advisable to design them so that their resonant frequency

is higher than the noise of the building (typically 10-100 Hz). The resonance frequency

of this cantilever is then given by

w “ 0.1615
tc
L2

a

E{ρ (2.3)
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where ρ is the density of the cantilever material [115].

Immediately it can be seen that a perfect cantilever - with high sensitivity (low

spring constant) and a high resonant frequency - involves a trade off between length

and thickness. Making a cantilever too long does increase the sensitivity but also

decreases the resonant frequency making it more susceptible to noise. Thus, it is

generally advisable to make short cantilevers that are exceedingly thin, as to keep the

resonant frequency above the noise and also improve upon the sensitivity.

Cantilevers are typically made using photolithograpy in a process that requires

around 30 steps. Essentially, a Silicon wafer is oxidized and spin coated with photo-

sensitive resist and baked. A chromium/quartz mask for the cantilever tip is applied

so that UV light can etch a sharp hole in the resist. The tip can then be etched using

potassium hydroxide. The oxide is removed, and then reoxidized, and then a layer

of Silicon nitride is used to make the cantilever and tip. This is attached to a pyrex

wafer and often coated in gold to help produce more reflectivity.

2. Detector

The detector is important for measuring the cantilever probe deflection when perturbing

the sample or pulling on a molecule. The original method for detection used an scanning

tunneling microscope [53, 116, 117], however this is difficult to operate and requires a

vacuum so it is not ideal for biological samples.

The subsequent method for detection involved integrating a strain-gauge sensor

into the cantilever [118, 119]. These cantilevers have a good force range (µN - mN)

and are exceedingly precise. However AFM probes have small dimensions (length and

width being tens to hundreds of microns) which makes the alignment and construction

of these probes difficult and expensive.

The current preferred method in use by most commercial AFMs is the optical-lever

method [120] which measures the cantilever deflection using the reflection of a laser
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into a photodetector. The vertical deflection of the cantilever translates the position

of the beam hitting the position sensor, thus the deflection of the cantilever can be

accurately measured. For this method to work, however, it requires calibration, which

is discussed later on.

3. Piezo

The piezo, or scanner, is a crucial element of the AFM. The piezo is a piezoelectric

stack that performs movements to translate the sample in 3D relative to the cantilever

probe. The word piezo is derived from the Greek piezein which means “to squeeze

or press.” The piezo device was first discovered by Jaques and Pierre Curie in 1880

(Jaques later on married Marie Cure and the two shared a Nobel prize for their studies

on radiation). A piezo is essentially a crystal which contains an asymmetry in the ions

so that polarization is induced when the crystal is compressed. The opposite effect

also occurs - an electric potential on the surface can cause the compression.

There are many piezoelectric substances - including quartz, sucrose, dry bone,

DNA, wood, silk. Piezos are extremely versatile and were first developed for sonar,

but are now used for acoustic amplification, and printers and military equipment. The

piezo in AFM are modulated by voltage and can deliver an extension of up to 12

microns with sub-nanometer precision.

4. Sample

While the first three elements usually remain the same, the sample is depends entirely

on the experiment. For biological samples, a small amount of the dissolved macro-

molecule is placed upon a AFM slide. An AFM slide consists of a metal magnetic

disc (for adhering to the piezo stack) and a thin sheet of glass, gold-covered glass,

or freshly-cleaved mica. This surfaces have different hydrophobic and hydrophillic

properties and can be used for specific attachment types.
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The sample is prepared simply by depositing the molecule of interest in the relevant

substrate. Substrates commonly used for AFM single molecule force spectroscopy

experiments are gold or glass. In the most basic experiment, molecules attach

to the surface and the tip non-specifically. Since the attachment is nonspecific

the location that the molecule adsorbs to the tip and substrate is random. To

circumvent the random attachment there have been methods developed to control

attachment to the surface and tip, like thiol chemistry[35], HaloTag7 immobilization

[121], Strep-Tag immobilization[122] and Ni-NTA functionalization [123]. In any

kind of immobilization, it is important to have a positive control because for AFM

unfolding experiments because generally only about 1% of the data is usable. For

protein unfolding experiments, a positive control can be designed by flanking the

unknown protein of interest by previously characterized protein with known properties

so that their presence indicates the recording is of a single molecule of interest (e.g.

flanking unknown proteins by Ig27 domains which have a characteristic unfolding

force of 200pN and a contour length increment of 28nm).

Stock solutions containing macro-biomolecule (i.e. DNA, protein, polysaccharide)

are usually diluted to 10-1000 nM and incubated on the substrate for a period of time

ranging from a few minutes to overnight. Appropriate incubation time and substrate

choice are empirical and the ideal incubation case would allow the formation of a

monolayer of the molecule on the substrate. Usually proteins are incubated on gold or

functionalized glass for half an hour, DNAs are incubated on gold for more than 4

hours, and polysaccharides are incubated on glass overnight. After incubation, the

samples are usually washed several times before used for AFM pulling experiments to

remove excess molecules that are not tethered to the surface of the substrates.
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2.2.2 Calibration

The principle of the AFM is conceptually simple and very similar to the original

STM-based AFM: a small cantilever is first calibrated and then deflection of the

cantilever during the stretching of an attached molecule is measured to precisely

determine forces (from one to thousands of piconewtons) using Hookes law. However,

the exact application varies so here I will describe the setup and processing for the

AFM.

In the optical-lever AFM, the cantilever deflection is measured and recorded by

tracking voltage signal output from multi-segment photodiode detector (quadrant

detector module in most recent design). Thus, the measured signal is

V “ ∆VTB{Σ (2.4)

where ∆VTB is the voltage difference between top and bottom area of the photodiode,

and Σ is the voltage sum from both areas. V is usually multiplied by an operational

amplifier to improve the signal to noise ratio. The position of the sample is accurately

controlled by a piezo actuator via a feedback-control loop with 0.2-0.5 nm resolution.

These piezo actuator stages are usually equipped with capacitive or strain-gauge

position sensors.

The sensor signal output from the piezo controller is converted into distance using

the voltage constant of the piezo,

∆z “ C∆V (2.5)

where C is the constant measured and given by piezo actuator factory specifications,

∆z is the movement of the piezo, and ∆V is the sensor voltage signal output of the

piezo actuator.

Before performing AFM experiments, the cantilever must be calibrated so that

its force-response can be used to quantitatively determine the tension between the
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molecule and the probe. Cantilever calibration is based on thermal noise method one

of dynamic deflection methods proposed by Hutter and Bechhoefer [124, 38]. In this

method, the cantilever and the tip are treated together as a simple harmonic oscillator

with one degree of freedom. Thermal fluctuations are considered as the only motion

of the oscillator with the Hamiltonian

H “
p2

2m
`

1

2
kcx

2. (2.6)

The equipartition theorem then dictates that the each degree of freedom must

have kBT {2 energy, so the mean potential energy of the spring becomes

〈
1

2
kcxptq

2

〉
“

1

2
kBT (2.7)

where kB is the Boltzmann constant, kc is the spring constant of the oscillator, T is

the absolute temperature, and xptq is the displacement of the oscillator over time.

Therefore, kc can be obtained by measuring the mean-square spring displacement

〈xptq2〉 due to thermal fluctuations at room temperature,

kc “
kBT

〈xptq2〉
. (2.8)

However, there is not yet an efficient method to directly measure 〈xptq2〉 over time,

so instead we can make use of a transformation from time to the frequency domain

using Parseval’s equality. Namely,

ż 8

´8

|xpF q|2 dF “

ż 8

´8

|xptq|2 dt (2.9)

However, we also do not want to include all the vibrational modes, including the

low-frequency thermal noise, so instead one can takes the power-spectral density for
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the first mode in the cantilever power spectrum (Figure 2.2), so equation 2.8 becomes

kc “
kBT

PSD
σ2. (2.10)

where PSD is the power spectral density (in volts2) and σ is the sensitivity of the

cantilever (in volts / nanometer).
Vr

m
s 

(d
Bm

)

Figure 2.2: Example of the power spectrum for a typical cantilever. This cantilever
is a Bruker MLCT A cantilever, which has a spring constant of 20 pN/nm. This
power spectrum was taken in PBS buffer and shows that the cantilever has a resonant
frequency of about 1200 Hz.

The photodiode sensitivity is readily determined by pressing the cantilever against

the surface and the measuring the change in voltage signal when the piezo is pushed

further against the cantilever (Figure 2.3). Since the piezo is accurately calibrated, it

can be used as the guideline for accurately determining the conversion from photodiode

voltage to cantilever deflection.
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Figure 2.3: The photodiode sensitivity is readily determined by pressing the cantilever
against the surface and the measuring the change in voltage signal when the piezo is
pushed further against the cantilever.

2.2.3 Experiment

AFM pulling experiments are carried out by gently moving the substrate relative to

the cantilever tip through voltage applied to the piezo. An example experiment is

shown in Figure 2.4. The piezo can either control the height of the substrate relative

to an immobilized cantilever or control the height of the cantilever to an immobilized

substrate. Here we describe the procedure using nomenclature for the former method.

There are two modes of motion for each pulling cycle. In the “up” mode, initially the

tip rests above the surface, the pulling measurement starts with the substrate moving

up first to bring into contact with the tip under a voltage ramp generated by the

computer, and then descending to the original position. While in the “down” mode,

at first the tip presses slightly onto the substrate, the substrate begins to move down

to leave the tip, after that the substrate reverts to the origin. The stretching traces in

both modes are obtained when the substrate departs from the tip, accordingly the
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relaxing traces are acquired in the other half of the cycle.
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Figure 2.4: Example of an AFM experiment where the hypothetical situation is
shown in (a) and the extract force-extension curve is shown in (b). 1) The cantilever
presses against the surface and the piezo begins to pull at constant velocity. During
the pulling the cantilever may pick up nonspecific molecules (2), which are ruptured
immediately before the protein (3). The pulling continues to align the protein along the
pulling geometry (4) until the tension increase to a point at which one of the domains
in the polyprotein rupture (5). This process of rupturing single domains across the
polyprotein continues (6) until the molecule detaches from either the cantilever or the
surface (7). Red-dashed lines show the individual WLC fits to each domain of the
polyprotein (in this case, I27).

Sometimes after first cycle of pulling experiment, the cantilever tip still holds the

molecule, which can be judged by discrepancy of the stretching trace tail from the

horizontal line, since loss of the molecule would generate a horizontal baseline at the
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end of the stretching trace. Then refolding experiments can be realized by decreasing

the pulling size to the desired length to stretch and relax the molecule for another

several cycles.

Force-extension curves obtained from the AFM pulling experiments are selected

first with several criteria and later analyzed with freely-jointed chain (FJC) [30] or

worm-like chain (WLC) [27] model for polymer elasticity. The FJC model considers

the polymer chain segments (Kuhn segments) to be statistically independent while

the WLC model treats the polymer as an irregularly curved filament. In AFM studies,

proteins are usually described using the WLC model, while DNA and sugar are

depicted by revised FJC model.

The selection criteria for the force extension curve use a combination of heuristics.

Often a reference fingerprint pattern of the unfolding for a protein is used. The

fingerprint is obtained from a recording that has a number of force-extension recordings

with enough unfolding events of the flanking protein handles and the correct initial

contour length before the first unfolding. The theoretical value for initial contour

length which precedes the first unfolding peak of the reference protein can be calculated

out by the estimated length of the proteins when in their native form.

2.2.4 Analysis

Before any analysis proceeds, each recording must be determined to be a single molecule

fingerprint from a force-extension curve. Typical AFM experiments are designed to

produce a positive control for a single-molecule fingerprint using polyproteins, such

as polyI27 [114], or a series of Ig domains from filamin [100]. In this approach, a

new protein to be examined by SMFS is flanked by 3-4 I27 (or other) domains at

both termini. This is typically done at the DNA level using standard molecular

biology engineering by pasting the DNA coding for the protein of interest between the

sequences coding for the polyprotein domains [125]. An alternative approach to creating
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polyproteins involves chemical connections between domains using appropriately placed

cysteine residues that readily form di-sulfide bonds under oxidizing conditions[126] or

by exploiting maleimide-thiol coupling chemistry. The advantage of using polyproteins

in SMFS is threefold: they can be used as pulling handles that separate the protein

of interest from a direct contact with substrate and AFM tip and they provide an

internal force reference and a distinct mechanical fingerprint that allows to easily

identify true single molecule recordings from recordings that may involve multiple

molecules. This last point is particularly important when studying a new protein,

whose mechanical unfolding signature (force spectrum) is unknown.

AFM experiments on proteins can unlock parameters that characterize protein

unfolding - the contour length increment, the unfolding rate, the refolding rate, and the

distance to the transition state. Its important to note, however, that these parameters

are along the specific order parameter measured by the AFM. The sequence of amino

acids in a protein encodes the unique three dimensional structure which is attained

through folding. The folding and unfolding processes are stochastic although not all

conformational transitions are equally possible as the energy landscape (the space

of all conformations and associated free energies) is not flat. Each protein state has

an energetic contribution from configurational entropy and enthalpy from forming

hydrogen bonding or electrostatic networks. The states of the protein are also subject

to environmental factors such as temperature and concentration of denaturants,

and mechanical forces, which all contribute to the energy landscape. Since it is

currently experimentally unfeasible to monitor all possible order parameters, the

multidimensional landscape of protein folding is often studied by looking at a single

order parameter (e.g. N-C extension, GdmCl concentration, percent of native contacts)

which then describes a small part of the entire energy landscape. When proteins are

perturbed using force, such as using AFM-SMFS, the order parameter is along the

extension of protein, between the tethered ends (usually N-C extension).

31



The contour length of a molecule comes from the entropic elasticity which is

typically described by a Freely Jointed Chain (FJC) model [127], in which neighboring

polymer segments are able to assume any orientation relative to each other or by the

Worm Like Chain model [27, 128], which describes polymers as continuous flexible

tubes, or by various more realistic extensions of these two principal models. The

advantage of the FJC model is its simplicity: the FJC model essentially describes a

polymer as a random walk and the only parameters are the number of segments and

the length of each segment. At low forces it behaves like a Hookean spring and in the

high-force limit the extension approaches the contour length limit as 1 / force. The

WLC model is an extension to the FJC and adds a single parameter, the persistence

length, to account for the distance at which tangent-tangent correlations decrease.

The WLC is similar to the FJC in the low-force regime, but its advantage is that it is

significantly better at fitting experimental data at high forces near the contour length

limit where the extension scales as 1 / sqrt(force). Some biopolymers, such as cellulose

or certain single stranded DNA sequences, or unfolded polypeptide chains quite closely

follow these models of polymer elasticity. However, many biopolymers follow these

entropic models only in a limited range of forces and at higher forces they display more

or less pronounced deviations from these models that can be captured and exploited

by single-molecule force spectroscopy for characterization of forced-conformational

transitions in biopolymers.

The difference in contour lengths (or contour-length increment) of a protein stores

information about the protein structure. A protein, upon mechanical unfolding by

AFM or other SMFS tool, adopts an unstructured chain of amino acids that behave

in a worm-like chain manner in which their bonds tend to line up with the vector of

the pulling direction with greater probability at higher force. Polyproteins will have

several unfolding events as each protein domain contributes an unfolding event. The

contour length distance between two unfolding events - as measured by the Worm-like
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Figure 2.5: Example of the unfolding of I27 domains.

chain model - and the 3D crystal structure can be used to determine total extension

of an amino acid at high force. For instance, the unfolding of a single I27 protein[58]

domain produces a contour length increment of 28.5 nm before the next unfolding

event (Figure 2.5). Before the rupturing of the single domain it is assumed that the

polyproteins have completely aligned with the pulling vector in their native state

so that the extended chain distance is comprised of the increase in contour length

(28.5 nm) plus the distance between the N-terminus and C-terminus of the protein in

the native state, as measured by a NMR or X-ray crystal structure model (4 nm for

IgI27). Thus the total length 28.5 nm + 4 nm = 32.5 nm divided by the number of

amino acids, 89, gives the distance of a fully extended single amino acid unit of IgI27,

which is 3.65 . The mean length of a fully extended amino acid unit determined from

the corresponding proteins is 3.64 ˘ 0.04 angstroms (Mean ˘ SE, n=27) [129]. The

consistency between these measurements then allows for the contour length increment,

δLc, to be an important indicator of the number of amino acids unfolding within

each unfolding event, if the protein structure is known, by inverting the previous

calculation.

The unfolding force, Fu, for proteins ranges from as low as 5 pN up to 500 pN. The

nonzero unfolding force is the result of proteins resisting unfolding due to an energy
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barrier between the unfolded and folded state along the particular pathway. The

likelihood of unfolding increases exponentially with applied force because of thermal

activation of bond rupturing so that the unfolding force is logarithmically dependent on

the loading rate (cantilever stiffness x pulling velocity) [130]. The model derived from

this concept, called the Bell-Evans-Ritchie model, interprets the log-linear dependence

of the loading rate with force as an image of an energy barrier at a fixed location along

the pathway. The intrinsic unfolding rate, k0
u, can then be determined by relating

natural logarithm of the loading rate, r, to the most likely unfolding force, Fu, with

the formula

Fuprq “ pkBT q{xblnpprxbq{pk
0
ukBT qq. (2.11)

This model incorporates the parameter xb, which corresponds to the distance to the

fixed location along the pathway from the unfolding state and the top of the barrier

(the transition state). The experiments to determine these parameters is often referred

to as dynamic force spectroscopy which simply involves performing pulling experiments

at many loading rates (differing speeds and varying strengths of cantilever spring

constants) to get enough data to reliably fit the parameters in the Bell-Evans-Ritchie

model.

The intrinsic folding rate of proteins, kf0, can be determined using a polyprotein

and a “double-pulse” protocol. In this experiment, a polyprotein is unfolded during

the first pulse and the number of unfolded modules determined. Then, after waiting a

time t, a second pulse is applied and the number of modules unfolded are counted. The

modules unfolded in the second pulse were able to refold during the time delay t. Thus,

the proportion of the refolded protein modules out of the total unfolded modules in the

first pulse can be plotted against the time delay t and fit to an exponential function

to determine the intrinsic folding rate for each module, kf0. The 3D structure and

geometry of the pulling vectors also affects the unfolding force of proteins [131, 126].
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However, most proteins unfolded from the N-terminus to the C-terminus have an

unfolding force that correlates with contact density and their specific fold type.

These parameters, or a subset of these parameters, are often used for analysis of

the AFM experiments in order to draw accurate conclusions about the nature of the

protein or molecule of study.

2.3 Molecular dynamic simulations

2.3.1 Background and history

Molecular dynamics is much more recent because it required the advent of computers

to become feasible. The method, in its simplest incarnation, is simply to solve the

coupled translational and rotational equations of classical motion, using a predefined

force-field to account for long-range interactions between pairs of particles. The first

commercial computer, the UNIVAC, provided the tools to carry out the first molecular

dynamic simulations of 32 hard spheres under periodic boundary conditions, by Berni

Julian Alder (1925 to present) and Thomas Wainwright (1927 to 2007) [132]. The

sophistication of computers would have to improve before simulations of liquids with

realistic potentials were able to be carried out by Aneesur Rahman (1927 to 1987)

[133], who is considered the father of molecular dynamic simulations. These first

simulations of a model of liquid argon showed that the molecular dynamics was in good

agreement with experiments that measured the variability of the diffusion constant

with temperature. Later simulations showed that simulations can provide reasonable

estimations for more complicated liquids, such as water [134].

The molecular dynamics used for protein folding quickly followed. The first

description was by Michael Levitt (1947 to present) and Arieh Warshel (1940 to

present) who demonstrated a coarse-grained model of protein folding of the pancreatic

trypsin inhibitor. [135] Both Levitt and Warshel, with Martin Karplus, would later

receive the Nobel Prize in 2013 for their enormous contributions to this field by
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developing multiscale models for complex chemical systems. Molecular dynamics was

supplemented by many other methods, including harmonic analysis [136].

It would take until the late 1980’s for computers to be fast enough to simulate pro-

teins in explicit solvent, as demonstrated by Warshel [137]. The effects of mechanical

force on proteins was investigated early on. The first papers were by Helmet Grub-

mueller [138] who simulated the strength of the biotin binding pocket of Streptavidin.

Soon after, Klaus Schulten used a similar technique to investigate the mechanical

characteristics of the I27 molecule [139].

The methods developed in the past ten years are utilized here and their contribution

should not be understated. Of importance and of great use for this thesis is the

development of molecular visualization programs VMD [140], KiNG [141], and PyMOL

[142]. These programs aid the 3D visualization of molecules which is imperative for

any discussion of proteins which contain thousands of individual atoms. The second

development that was integral to this work is the development of program that can

carry out molecular dynamic simulations. These programs are configurable with force

fields, integration algorithms, thermostat and barostat controls and include NAMD2

[143] and GROMACS [144].

2.3.2 Application

Specific details of the molecular dynamics are given in each chapter. This thesis

broadly makes use of coarse-grained molecular dynamics, explicit solvent molecular

dynamics (classical), and steered molecular dynamics. Molecular dynamics is treated

in great depth elsewhere [145, 146, 147], but here it can be described succinctly. The

object of molecular dynamics is to efficiently and accurately model the dynamics of an

ensemble. The ensemble is governed by Newton’s laws, and in principle a molecular

dynamics program only consists of a loop with three steps: 1) calculation of forces, 2)

integration of equations of motion, and 3) increase the time step. In practice, there
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are also functions to modulate temperature, pressure, and volume, and sample specific

ensembles (canonical, microcanonical, etc.).

Force calculations

Force calculations in molecular dynamics are done for every pair of atoms, and thus

requires computing N ˆ pN ´ 1q{2 evaluations. Its useful to apply a cutoff scheme so

that the number of pair-calculations scales linearly. The force itself is calculated from

the negative gradient of the potential energy function,

Fprq “ ´∇Uprq (2.12)

where the potential energy function is simply a summation of the bonded and non-

bonded terms,

Uprq “
ÿ

Ubondedprq `
ÿ

Unonbondedprq. (2.13)

There are three bonded terms that are utilized in molecular dynamic simulations.

First, the harmonic vibrational motion between a pair of atoms pi, jq is given by a

quadratic potential term,

Ubond “ kbond prij ´ r0q
2 (2.14)

where r0 is the equilibrium distance for that particular bond, and k is the spring

constant for the vibrational motion and rij is the distance between the atoms. The

second bonded motion that is simulated is the angular vibrational motion occurring

between any triplet of covalently bonded atoms,

Uangle “ kangle pθ ´ θ0q
2 (2.15)

where θ is the angle between two pairs, and θ0 is the equilibrium angle. Like equa-

tion (2.14), this is a quadratic potential. The final bonded term occurs in long chains,

like polypeptides, and it describes the potential for the torsion angle of bonded atoms.
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Every quadruple of atoms forms a dihedral angle (an angle between angles of the

sequential triad angles), and the potential is given by

Utorsion “ ktorsion p1` cospnψ ` φqq , if n ą 0

“ ktorsion pψ ´ φq
2 , if n “ 0

(2.16)

where ψ is the angle between the two triad angles, φ is a phase-shift angle, and n

is the integer constant that indicates periodicity. For all these bonded terms, the

equilibrium values are determined from experiment and simulation on isolated forms

of the molecule in question.

There are two nonbonded terms that are necessary for the potential energy calcu-

lation (equation 2.13). The first is the intuitive electrostatic potential, which is given

by the classical potential for repulsive charges,

Uelectrostatic “
qiqj

4πε0rij
(2.17)

where qi, qj are the charges of the respective atoms, rij is the distance between them,

and ε0 is the dieletric constant (fixed for all interactions). The second term is the

canonical Lennard-Jones potential that accounts for weak dipole interactions for

distant atoms and also accounts for hard core repulsion between close atoms,

ULennard´Jones “ ´εij

«

ˆ

Rmin

rij

˙12

´ 2

ˆ

Rmin

rij

˙6
ff

(2.18)

where E is the depth of the well which occurs at a distance of Rmin, for the pair of

atoms whose distance is rij. While the repulsive term with r´6 dependence has a

physical origin in the quantum mechanical fluctuations in charge density, the r´12

repulsive term does not have a physical origin - it merely approximates the genuine

repulsion of all atoms. Again, the particular values for the Lennard-Jones potential is

determined experimentally or computationally for every pair of atoms of interest.
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The final potential calculation is done, then, by iterating over every pair of atoms

and calculating the result of equation 2.13 for its respective atom types and distances.

The force calculation can then be determined by using the current position and the

previous positions of the pairs of atoms (saved in memory).

An important note here, is that there is a variation on molecular dynamics called

the Steered Molecular Dynamics (SMD) which are especially important here, as

they are the computer analog for the force-spectroscopy pulling experiment. For these

simulations there is a special potential energy function. In this simulation, a new

atom is introduced, the “dummy atom,” which is connected to another real atom in

the system. This dummy atom then has a new potential,

Usmd “
k

2
rvt´ pr´ r0q ¨ ns

2 (2.19)

where k is the spring constant describing the harmonic potential between the two

atoms, r0 is the initial position of the dummy atom, r is the current position, n is

the direction of pulling, v is the velocity of pulling, and t is the time in the current

experiment. Note that this dummy atom has a totally redefined potential, and thus

does not interact with any other atom except for the one it is pulling.

Integration of equation of motion

After the forces are calculated, the main object is to predict the positions of all

the atoms and move them accordingly. The prototypical equation of motion for the

position of a particle at time t` δt is simply the Taylor expansion:

rpt`∆tq “ rptq `
dr

dt
∆t`

d2r

dt2
∆t2 `

d3r

dt3
∆t3 `Op∆t4q (2.20)

where the rptq terms represent the position, velocity, acceleration, and impulse,

respectively. The type of integration algorithm depends on the cutoff for the Taylor
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series. Here the cutoff is Op∆t4q terms, but other algorithms may cutoff earlier or later.

Of course, the more terms that can be included will help to improve the resistance

against propagating errors.

A common algorithm for integration is the Verlet algorithm which is simply the

sum of rpt`∆tq and rpt´∆tq terms, which gives

rpt`∆tq “ 2rptq ´ rpt´∆tq `
d2r

dt2
∆t2 (2.21)

which has been cutoff from Op∆t4q terms. The acceleration can be then replaced by

the force, so that it becomes

rpt`∆tq “ 2rptq ´ rpt´∆tq `
F ptq

m
∆t2 (2.22)

where rpt´∆tq comes from the previous location (in memory), F ptq comes from the

current force calculation, and m is the mass of the atom.

2.4 Summary

The development of single molecule manipulation techniques over the last 20 years

enabled direct measurements of the mechanical properties of individual biomacro-

molecules. The modeling of this process by molecular dynamic simulations underwent

a parallel improvement. The number of biopolymers tested is steadily increasing and

many fundamental observations and measurements were already repeated on the same

systems by independent groups and verified. The data about types of elasticity and

force-induced structural transitions obtained this way is invaluable for deciphering

molecular mechanisms supporting life processes and for using these biopolymers in

nanobiotechnology. Standardization of measurement conditions, automation of mea-

surements and analysis, and improvements of the accuracy of force sensors calibration

will continue to increase the quantity and reliability of single-molecule characterization

measurements.
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3

Improving the single-molecule force-spectroscopy
pipeline

As a student I’ve always tried to work smarter, not harder. I had noticed previous

graduate students spending 10-12 hours a day conducting a single experiment. It

seemed to me that a lot of this process could be automated, and the result was that I

was able to get 4-5 times the data in the same amount of time using parallelization

and optimized experimental automation. This increase in data also created a need

for facilitating more automatic and objective analysis, for which I also contributed to

producing. This chapter has currently resulted in two publications:

Scholl, Zackary N., and Piotr E. Marszalek. Improving single molecule

force spectroscopy through automated real-time data collection and quan-

tification of experimental conditions. Ultramicroscopy 136 (2014): 7-14.

Scholl, Zackary N., Eric Josephs, and Piotr E. Marszalek. A Modu-

lar, Non-Degenerate Polyprotein Scaffold for Atomic Force Spectroscopy.

Biomacromolecules (in press).
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This chapter is based of these publications, and also from supplemental materials of

the publication for Chapter 4.

3.1 Introduction

The benefits of single molecule force spectroscopy (SMFS) clearly outweigh the

challenges which include genetic engineering that is difficult to troubleshoot, small

sample sizes during experimentation, tedious data collection for experiments and

introduction of human bias during analysis because of subjective data selection. In

this section I will discuss the improvements I have made for all of these difficulties, to

greatly improve the SMFS pipeline.

3.2 Improving AFM design and hardware

All single-molecule force-spectroscopy experiments were performed on an atomic force

microscope (AFM) as described in Chapter 2.2.1. The system itself consists of a

commercial Veeco AFM head, which contains the optical lever path and outputs

the raw photodiode signals, and a circuit box for amplifying signals and a computer

system for handling the signals. This system is often referred to as a “hybrid” system

since it contains commercial elements (AFM head, PCI data acquisition card) and

homemade elements (software, electronic circuits). This section serves as a guide to

the homemade components and their respective improvements.

The system is built around the commercial Veeco Multimode AFM Head (Figure

3.1) which features a built-in laser, adjustment, and quadrant photodetector with

photodiode adjustment. The AFM head provides individual outputs for each quadrant

of the photodetector. The AFM head has a requirement for being powered with +15

and -15 volts (for the photodiode electronics), and with +5 volts (for powering the

laser). The 15-pin cable for this particular head is shown in Figure 3.2, and their

respective pin positions for these signals.
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Figure 3.1: Figure adapted from [148]. The AFM head from Veeco has calibration
screws for the photodiode, laser, and stage. The path of the laser is shown in orange,
and can be modulated by the mirror adjustment.

The pipeline for the experiment is fairly straightforward, and the schematic is

shown in Figure 3.2. The signals from the AFM head first pass through an electronic

circuit. The circuit takes the quadrants and computes the difference between the

top and bottom of the photodiode (the difference) and it computes the total sum

(the sum), and passes these through an amplifier. The amplified signal is sent to a

low-pass filter, which is sent directly to the computer via a data acquisition card (in

this case a NI PCI-6259 which supports 1 MS/s and 16-bit resolution). The computer

software performs further processing and analysis of the signal. The rest of the AFM

is controlled via a Piezo controller that also communicates via the data acquisition

card. The AFM head, and the circuit is powered by an external high precision power

supply.

3.2.1 Redesigning AFM electronics

As shown in Figure 3.2, there are important connections between the AFM head

and the computer that must be built (items in rectangular box). The previous

manifestations of these electronics were prone to failure because of several different

factors. In this section I will describe the improvements I made to overcome these
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Figure 3.2: This basic schematic shows the wiring of all the components of an AFM
system. All items in the main rectangular box are homemade or designed. Signals
from the AFM head first pass through an electronic circuit. The circuit takes the
quadrants and computes the difference between the top and bottom of the photodiode
(the difference) and it computes the total sum (the sum), and passes these through an
amplifier. The amplified signal is sent to a low-pass filter, which is sent directly to
the computer via a data acquisition card. The computer software performs further
processing and analysis of the signal. The rest of the AFM is controlled via a Piezo
controller that also communicates via the data acquisition card. The AFM head, and
the circuit is powered by an external high precision power supply.

problems.

The first step from the AFM head is the delineation of the signals from a 15-pin

cable. The previous versions of this step utilized the 9-pin VGA connector (Figure
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Figure 3.3: The previous and the updated NI DAQ card connections. This connector
served to interface the connections from the AFM head to be used in the circuit. The
BNC cable (left) is quite popular, but requires difficult soldering which is easy to
damage and hard to repair. I replaced this device with a simple screw terminal (right)
which provides the same functionality with much greater ease of assembling.

3.3, left). This added a failure point, in which the soldering to the 9-pin connector

would often result in shorts or broken connections. The simplification I made here is

to remove the soldering process by switching to a screw-terminal connector (Figure

3.3, right) which simplifies the connection process and is not prone to soldering issues.

It offers stability and simple troubleshooting and replacement.

The second, and most important step, for the signals from the AFM head is the

summing and difference via an electronic circuit. The schematic of this circuit is

shown in Figure 3.4. The summing and amplifying stages are provided by op-amps, of

which four are needed (three for summing, and one for amplification). Ideally these

op-amps should be low noise, and high speed, so that measurement sampling is not

limited by the electronic hardware. The best candidate for the op-amps (as of 2015)

is the LT1125ACN which provides low voltage noise of 2.7nV {
?
Hz - which is 20

45



-
+

-
+

-
+

A

B

C

D

A

B

C

D

DIP: MPY634KP

1

2

3

4

5

6

7

14

13

12

11

10

9

8

X1 Input

X2 Input

NC

Scale Factor

NC

Y1 Input

Y2 Input

+VS

NC

Output

Z1 Input

Z2 Input

NC

–VS

-
+

All resistors are 10k ohm
A,B,C,D come from photodiode
Use low noise, precision quad op-amp like LT1125

Di�erence 
    (to �lter)

Sum
    (to DAQ)

Circuit 1

Figure 3.4: This is the basic schematic for Circuit 1 for the AFM. It uses a
MPY634KP chip, which is a precision analog multiplier. The op-amps are best used
with the LT1125ACN, which is a signal package that can be ported next to the
MPY634KP.

times lower than the standard op-amp. It also features a fast slew rate (the maximum

rate of change of the output voltage) of 4.5V {µs, which is 10 times higher than the

normal op-amp. This chip is also optimal because it comes in a quad packaging which

eliminates the need for soldering two dual-op-amps (datasheet http://cds.linear.

com/docs/en/datasheet/11245ff.pdf). The divider for the difference circuit is

provided by a wide bandwidth precision analog multiplier, MPY634KP (datasheet:

http://www.ti.com/lit/ds/symlink/lm348-n.pdf). This chip provides a transfer

function of 10V pZ2´Z1q

pX1´X2q
` Y1, where the inputs should be defined by Z2 “ A ` B,

Z1 “ C `D, X1 “ A`B ` C `D, and X2 “ GND. It’s important to note that the

operation of this divider requires feedback from the output to be applied to Y2, as
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shown in the wiring schematic (Fig. 3.6).

LT1125ACNMPY634KP

A
B

C

D 
(connected 
underneath)

+15V
+5V

GND
-15V

A+B+C+D

(A+B-C-D)/
(A+B+C+D)

Figure 3.5: The previous and the updated AFM board design. The previous designs
of the AFM used a full PCB breadboard with no powerlines (left). The new design
I use (right) makes great use of the powerlines which helps to greatly compact and
simplify the circuit.

This circuit (Fig. 3.4) is straightforward to build, however previous implementations

were often not optimal and were difficult to troubleshoot (Figure 3.5, left). The

improve the actual soldering of this circuit I tried to maintain several principles: 1)

reduce amount of wires to shrink the total circuit size, 2) color-code wires for ease

of troubleshooting, and 3) use breadboards with powerrails to reduce solder points.

The detailed wiring diagram is shown in Figure 3.6 and its result is shown in (Figure

3.5, right. All wires are surface mounted, with the exception of the D input, which

should be back-mounted because of lack of pins. The connections can be soldered

with a normal lab soldering iron. Note, the schematic does not include additional

wires that may be connected to the GND conduit for connecting to other devices via

BNC cables. Grounding is especially important here, as improper grounding can have

serious consequences and may introduce artifacts or noise into the recording.

The third and final improvement was made for the connections between the output
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LT1125ACNMPY634KP

10k resistor
Connecting wire

A
B

C

D 
(connected 
underneath)

+15V
+5V

GND
-15V

A+B+C+D

(A+B-C-D)/
(A+B+C+D)

Connecting wire (LT1125 out)
Connecting wire (MPY634 out)

Quad-photodetector AFM Circuit diagram

Figure 3.6: This is the basic wiring diagram for a condensed version of Circuit 1.
The precision multiplication chip is on the left, while the quad-op amps is in the center,
with the signals coming in from the right. All wires are connected to the surface,
except D which must be soldered directly onto the back.

from the circuit and the input to the data acquisition card. Previously a special

connector block was used to interface directly with the card (Figure 3.7, left). However,

the soldering to this connector block is extremely unstable and prone to frequent errors.

The solution to this problem is to use a NI DAQ Breakout board which supplies screw

terminals for each of the pins in the NI DAQ cable (Figure 3.7, right). This easily

facilities connections between certain pins and also has an integrated connection block,

which eliminates the need to soldering all the ground pins in the connection block

itself.
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Figure 3.7: Previous interfacing with the DAQ card (left) relied on using a special
pin connector that requires soldering to each individual pin. This is extremely difficult
to create and often susceptible to degradation and accidental cross-wiring. I improved
this section by using a DAQ breakout board (right) which is commonly available via
eBay.

Even with this added improvements, problems easily arise from novice electricians.

Some of these problems may originate over time as exposed wires and solder joints

can oxidize and become “cold.” Here are some common problems that I have seen

and the remedies that could be implemented:

Symptom Probable Cause Possible solution
High-frequency spikes
in the power spectrum

Improper
grounding

Check to see whether BNC cables connecting
to filter for difference are properly grounded.
Also check to see whether the differential in-
puts are grounded for the NI-DAQ breakout
box.

Difference is only neg-
ative (between 0 and
-5) or only positive (be-
tween 0 and +5)

Divider chip is di-
viding by 0 and
saturating

Check the connections in the divider chip as
well as the connections from the C and D
channels in the head cable.

Frequent drift in the
difference signal

Bubbles in the
fluid chamber

Simply raise the head to disconnect the cell
fluid from the sample fluid and then bring
the head back to disperse the bubbles. If
continues, one may try flushing the chamber.
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3.2.2 Adding experimental automation

After the signals are transmitted to the data acquisition card, the rest of the processing

is handled by custom-build software (Figure 3.2). This software, shown in Figure 3.8,

was first written by Julio Fernandez and Andres Oberhauser around 1997. While this

software provides the basic implementation of a force-ramp experiment, there were

several improvements that needed to be made.

Figure 3.8: Software first created by Andres Oberhauser and Julio Fernandez in
1997. The improvements I implemented are shown in the right yellow rectangle which
include automatic rastering, cyclic detection, and force thresholds for automatic data
selection.

First I added automation to the current custom software. AFM instruments are

generally equipped with X, Y, and Z piezoelectric stages. The X-stage and Y-stage

can be used to scan the surface of the substrate automatically. We use the X-Y

piezoelectric stages to raster scan wide areas (50 m x 50 m) at small 500 nm intervals.

The Z-stage is critical for performing force spectroscopy experiments as it is used

to set the sample a small distance away from the cantilever, called the Z-set point
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AFM1

AFM2

Figure 3.9: Picture of the AFM setup with two of the four AFMs running simulta-
neously.

(usually set to 50% greater than the fully stretched length of a single molecule unless

cyclic measurements are to be performed). A measurement is performed by moving

the sample towards the cantilever tip and then moving back a distance prescribed by

setting a Z-scan size. The force exerted on the substrate surface from the tip during

this measurement can be controlled through the Z-scan size and the initial Z-set point.

The trained researcher makes sure that the Z-set point and the Z-scan size can capture

the entire unfolding of a protein and makes sure it does not exert too much force on

the substrate.

Often, the sample substrate or the AFM head is not perfectly flat and the initial

Z-set point becomes too close or too far from the sample as the cantilever moves across

the surface. This can be compensated by controlling the Z-stage when the range of

forces against the substrate exceeds or is less than expected. This is implemented by

performing a test during the raster scan on each X and Y move. The Z-scan size is

set to be constant and the Z-set point is either moved away from the substrate if the
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force is above a high force level or moved closer to the substrate if the force is below a

low force level. For the experiments in this study we used a low force level of 300 pN

and a high force level of 600 pN which corresponds to a distance of about 80 nm for

our sample and cantilevers spring constant.

In addition to automatic rastering, I implemented cyclic detection. In this mode,

the AFM would automatically detect the nature of a cyclic recording by testing whether

force baseline at the junction between the forward and reverse trace is much higher than

the nominal baseline (in which case a molecule will still be attached). Finally, I added

the ability to automatically save recordings based on their force threshold, or their

WFFT threshold (a method discussed in Chapter 3.4.3. The ability to automatically

raster and save recordings allowed multiple AFMs to run simultaneously with ease

(Figure 3.9). These improvements greatly facilitated simplified troubleshooting, and

much faster data acquisition.

3.3 Improving fitting of force-curves with the worm-like chain

AFM experiments provide abundant information regarding the force and the extension

of molecules. It is often very useful to consider the force-independent extension of

a molecule, called the contour-length (i.e. the extension at infinite force). This will

allow distances between rupture events to be compared to one another irrespective

of their unfolding force. This measure can be determined by picking an appropriate

model to fit the extension data and extrapolate the contour-length. The model used

throughout this thesis (except where noted) is the worm-like chain model.

The fitting of the worm-like chain model (derived in Appendix B) is not easily

accomplished as the data can often be noisy or have insufficient points to accurately

model. There are two things to consider when fitting - the persistence length and the

contour-length. The persistence length is typically fit in an ad hoc way, or by eye.

Here I describe an automatic way to determine the persistence length that is readily
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applicable in many settings. I also describe a set of corrections that are needed when

studying multidomain proteins so that the increments in contour-length are accurately

represented.

3.3.1 Automatic determination of persistence length in worm-like chain models

Persistence lengths are a common parameter in the worm-like chain model, however

the fitting is usually done through observation or estimation. To automatically fit the

persistence length of worm-like chain models, I used the following procedure.
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Data
Gamma �t

Figure 3.10: Distribution of root-mean square errors (RMSE) from fitting a worm-
like chain to peaks in the force-extension profile of Luciferase follow the gamma
distribution.

All curves of interest were simultaneously fit with a WLC of various persistence

lengths. The root mean square error (RMSE) was calculated for each fit for the 10

nm before the force peak. I observed that the RMSE distribution of these fits closely

follows the Gamma distribution, so the mode (peak of distribution) was used as a

metric of the fitting strength of a given persistence length.
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Figure 3.11: The calculated Gamma mode from fitting the persistence lengths
across thousands of recordings yield a distinct minimum which corresponds to the
best persistence length that fits the recordings globally.

The RMSE mode was plotted against a range of persistence lengths (0.1 nm to

1.0 nm) which created a smooth curve with a single minimum. The minimum of this

plot indicates the best overall fit to all of the data (lowest RMSE) and the value

of the persistence length at this point was used for all subsequent WLC fits. For

example, in Figure 3.11 I show the persistence length fitting of I27 which agrees well

with estimated the length per extended residue of 0.37 nm, which is consistent with

the value provided by Rief and colleagues [126].

3.3.2 Contour-length correction for multidomain proteins

Determining the number of amino acids unfolding from a force rip depends on the

crystal structure of the corresponding protein. For a simple protein, like I27, the

number of amino acids simply is equal to the sum of the initial N-C extension from

the crystal structure (the hidden residues) and the contour length increment measured
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by the AFM divided by the length per residue. And, vice-versa, the length per residue

can be calculated if the number of residues is known. Using I27 we calculated the

length per residue. The median contour length increment for I27 (28.8 nm) and

measured N-C extension (4.2 nm) and number of residues (89) estimated the length

per extended residue to be 0.37 nm which is consistent with the value provided by

Rief and colleagues [126].

For a protein composed of intricately interacting domains, however, the simple

initial N-C extension is not sufficient to capture the correct number of hidden residues.

During the unfolding of each domain and its separation from the rest of the folded

structure of the multidomain protein there is an associated re-orientation of the

remaining structure to align the rest of the protein to the new pulling direction. The

realignment can contribute to the experimentally measured contour length increment.

Thus, the contour length increment measured is actually the total length for the

residues in the domain minus the difference between the initial length of the new

re-oriented structure and the previous structure. This effect is illustrated in Fig. 2

and, if neglected, could significantly increase the uncertainty of the number of hidden

residues determined from the contour length increment.

Figure 3.12 shows a hypothetical protein containing two intricately interacting

domains (red/blue rectangles) being stretched between arbitrary protein handles (black

ovals). In this schematic we will assume that the protein handles are more mechanically

stable than the protein containing the interacting red/blue domains. The stretching

of this entire protein construct typically follows a worm-like chain model of polymer

elasticity [27]. The initial contour length of the whole, folded protein construct, L1,

has contributions from the protein handles (black ovals, each providing a contour

length of x) and from the N-terminal to C-terminal distance in the two-domain protein

(providing a contour length of I1).

When domain D1 unfolds and stretching of the entire polyprotein continues, the
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Figure 3.12: The contour length increments determined from the FE curve in
AFM stretching measurements of a multidomain protein directly relate to the lengths
of the polypeptide chain folded within the domains and also to their geometrical
arrangement within the protein. Here, a hypothetical protein containing two intricately
interacting domains (red/blue rectangles) is being stretched between arbitrary protein
handles (black ovals). The hypothetical force-extension curve is shown above each
molecular schematic. The contour length increment upon each domain unfolding, Lx,
is determined by the length of unfolded residues from each domain, U, as well as by
the gain in length due to the reorientation of the domains that remained folded within
the multidomain protein.

next contour length, L2, will now contain three contributions: 1) the unchanged length

of the protein handles (again each providing a contour length of x), 2) the length of
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the unfolded residues from D1 (which contribute a contour length U1, equal to the

number of residues times the length per residue), and c) the N-terminal to C-terminal

distance of domain D2 (which, after being re-oriented contributes now a contour

length of I2). Thus the difference between these two contour lengths, the contour

length increment Lc1, contains contributions from the initial length I1 of the entire

multidomain protein, the contour length U1 from the unfolded polypeptides in domain

D1, and the length I2 from the reorientation of domain D2 during alignment to the

pulling direction. Neglecting the reorientation of the domains in a multidomain protein

can easily overestimate or underestimate the number amino acids that contribute to

the contour length increment, as we will demonstrate below, limiting the precision of

domain boundaries estimation.

In general, the contour length increment provided by unfolding of domain i in a

multidomain protein (Lci) is equal to the contour length from the unfolded residues

in domain i, plus the N-C length of the remaining protein after unfolding domain

i, minus the N-C length of the protein before unfolding of domain i. The final

domain has a final contour length increment that contains contributions from only the

unfolded polypeptide from the last domain (domain D2 in Fig. 2), and contour length

contributions from the initial length (length I2 in Fig. 2). That is, the final domain

can be considered without any further contributions from re-orientation because there

are no further structural domains (e.g. I3 = 0 in Fig. 2). Thus, the calculation for

contour length increments in single-domain proteins is equivalent to the calculation

for the final domain of a multidomain protein.

The accuracy of this model is determined by residuals. The residuals are the

errors in this model associated with either a) U-errors which are caused by incorrect

assumptions about the boundaries of interacting domains, or b) I-errors that are

true deviations from the real native structure after a partial domain unfolds (i.e. it

is possible that the unfolding of a domain of a multidomain protein causes a total
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reconfiguration to which there is no crystal structure standard to compare). The

residual of a domain is given by the absolute difference between the measured contour

length increment and the expected contour length increment which is determined by

the unfolding length of the corresponding domain and the initial length of the protein

before and after unfolding of the domain (Figure 3.12). The total residual is the sum

of the residuals from all the domains.

The domains that correspond to mechanical unfolding can then be determined

by finding the correct domain partitioning that minimizes the total residual. This

can be done by iteratively solving for the total residuals of all possible sets of domain

boundaries, and selecting the domain boundaries that provide the minimum total

residual. The number of domains is always determined by the number of unfolding

events so the only parameters being determined are the residues which are at the

interface of each domain.

Applying this model to determine the domain boundaries is important because gross

errors will occur if the reorientation is not taken into account. Luciferase unfolding is

a test-case that exemplifies this scenario. Our force-spectroscopy data (Chapter 4)

indicates that Luciferase unfolds in three domains (no ligands), four domains (+ATP),

or five domains (+ATP and +Luciferin). Fortunately there is a model of the apo-form

of Luciferase (PDB:1BA3) and a model of the ligand bound form (PDB:2D1S) which

can be used for calculating residuals from all possible domain boundaries. After

determining boundaries that minimize the total residuals, we find that by accounting

for the reorientation gives an average total residual of 0.49 nm (apo: 0.35 nm; +ATP:

0.66 nm; +ATP, +Luciferin: 0.47 nm). This can be roughly interpreted to meaning

that the model is able to account for all but 2 residues. Conversely, by not accounting

for re-orientation (i.e. considering each interacting domain as a single domain) the

average total residual is 6.3 nm (apo: 1.78 nm; +ATP: 6.96 nm; +ATP, +Luciferin:

10.1 nm) which means that the model cannot account for 17 residues which is quite
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substantial considering some domains are ¡100 residues. These errors increase when

more domains are present as the reorientation would greatly affect each contour length

increment. Thus we believe that for multidomain proteins like Luciferase, which have

large interacting domains, it is absolutely crucial to account for re-orientation when

measuring mechanical domains by force spectroscopy to provide accurate estimates of

the domain boundaries.

3.4 Automatic force-spectroscopy rupture peak assignment

Though this field is promising, SMFS is hindered by the slow and tedious data collection

which is necessary in AFM experiments to ensure accurate and reproducible data. Even

with a positive control, the recording of a single molecule with the protein of interest

is a relatively rare event; often at least 50,000 recordings are needed before enough

unfolding events are selected to create a converged histogram of the characteristic

contour length increment and unfolding forces. Normally the researcher saves only a

few hundred recordings during data acquisition in order to save space and analysis

time. Dynamic force spectroscopy [149, 130, 150] experiments must be conducted

at several pulling speeds which increases the required amount of data by a factor of

four. Each recording is done at a speed of 5-5000 nm/s so a given recording may take

0.2-30 seconds; this means that the full mechanical characterization of a protein can

require 12-1400 hours of operating the AFM (not including gene engineering, protein

purification, and sample preparation).

Automation has become more recurrent in science fields, enabling better repro-

ducibility and allowing higher throughput of scientific data [151, 152]. A notable

example is the robot developed by Oliver et al. that generates hypotheses and per-

forms functional genomic assays which are simple - but laborious experiments [153].

Many drawbacks of AFM can be partially removed using an accurate automated

procedure for capturing and selecting data. Currently, most AFM operation is done by
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trained researchers except for a few recent advances that allow for the automation of

calibration of cantilever spring constants [154] and saving most recordings using a force

threshold [155]. This last method works well for many proteins. However, proteins

with weak unfolding events (less than 15 pN) would require setting the threshold near

the baseline which would capture nearly all empty or nonspecific recordings. Since

only 1% of data is usable it is not advisable to save the other 99%, which would require

additional storage and backup resources and make future reviewing cumbersome.

How, then, can one save only the usable force-extension recordings from AFM

experiments in real-time? Accurate analysis of force curves can be performed through

algorithms that use methods like force thresholds [155], fuzzy logic [156], peak detec-

tion [157], transformation into contour length space [158], pattern recognition [159],

convolution functions [160] or correlation functions [161] or combinations of these

methods [162, 163]. A given AFM experiment may yield only 0.5-1% of usable record-

ings, 20-30% nonspecific recordings, while the remainder are often blank recordings.

Thus, a successful real-time algorithm should be able to accept only the small fraction

of the recordings that are usable (positive selection) and efficiently reject all other

recordings (negative selection) to save space and time.

With these characteristics in mind, I developed an algorithm for accurate automa-

tion of real-time data collection for AFM stretching experiments of polyproteins. This

automation helped to increase the throughput of our laboratory because it allows

parallel experimentation and increased duration of experiments. Also, this procedure

instantly provides new information about the statistics of usable and nonspecific record-

ings which can be exploited to describe surface and tip chemistry effects on molecules

for AFM. This work serves as an important step toward creating a fully-automatic

AFM system that operates similarly to other spectroscopy machines.
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3.4.1 Generating test set of curves

To gauge efficiency of different peak detection algorithms, I need a systematic set of

data that accurately represents force recordings. For this reason I decided to generate

test force curves with similar characteristics to real force recordings. This has the

benefit in that I can choose the level of noise, the magnitude of the force rupture, the

distance between rupture events, and the presence of nonspecific adhesion.

1. Force curve generated from contour-length increments

2. Noise added to simulate normal piezo noise

3. Brownian �ucuations added to simulate drift

Figure 3.13: Method for generating a test-set of force-extension curves for testing
algorithms for automatic peak detection.

Test curves were generated as shown in Fig. 3.13. First, a force and contour length

61



increment was selected. Then the worm-like chain was used to generate multiple peaks

where the peak force was determined from a normal distribution with a mean set

from the initial parameters. A white-noise generator was used to then add RMS noise

to the curve at a specified threshold. After white-noise, Brownian noise was added

to simulate experimental drift with a modest diffusion coefficient. For subsequent

tests, at least 100 test curves were generated for any given tuple of force rupture level,

contour length increment, or noise level.

3.4.2 Automatic baseline correction

The force-spectroscopy data that is of highest value are the relative values between

points (between extension or between forces). However, to accurately determine fits

to worm-like chains or other contour-length models, the force-extension curve must

be normalized so that the curve starts at the origin (zero extension and zero force).

Since the raw forces and extension are arbitrary (they are converted from raw voltages

in the photodiode or strain-gauge sensor), they must be shifted in order to put the

recording on the correct axis.

To determine the baseline correct, I determine the point of intersection between

the baseline (where the force should be 0) and the beginning of the curve (where the

extension should be 0). First, the I performed least-square fitting with perpendicular

offsets to the beginning of the recording to get a vertical or near vertical line that

represents the extension. Then I fit the last 100 points using regular linear regression.

The intersection of these two lines allows the origin of the force-extension recording

to be determined, as shown in Figure 3.14. The entire recording is thus shifted

horizontally and vertically so that this intersection point will become the origin (zero

force and zero extension).
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(0,0)

Figure 3.14: An example of the procedure to automatically detect the baseline and
point of origin in the force-extension profile.

3.4.3 Windowed fast-Fourier transform for peak detection (WFFT method)

The first method I investigated for peak detection is the windowed fast-Fourier

transform method (WFFT). This method uses two steps, 1) using a windowed fast

Fourier transform across the recordings, and then 2) using preset force-extension

regimes to detect usable peaks and assess whether the recording is usable. This

method is efficient at capturing force peaks because of the discontinuity that occurs

when the force drops during an unfolding event. The force drop creates a discontinuity

in the signal causing the Fourier sums to overshoot the original function (known as
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the G̈ibbs phenomenon)̈. The overshooting of the Fourier sums at discontinuities

provides a signal containing peaks at each unfolding event, and allows for accurate

identification of unfolding events, even in the presence of noise.

The algorithm to produce a windowed fast Fourier transform of the data is as

follows (scripts and test sets of proteins are available at http://smfs.pratt.duke.

edu/downloads.html):

(a) Designate a window size that is smaller than the smallest unfolding contour

length increment. For this study a window size of 5 nm was used.

(b) Allocate an empty matrix to hold the FFT coefficients for each point of the

windowed recordings. The number of rows should be equal to the number of

windows to take the FFT and the number of columns should be equal to the

half of the window length.

(c) Set location to the beginning of the FE vector.

(d) Draw a window at the current location of the FE vector.

(e) Calculate the magnitude of the FFT of the windowed region at the current

location. The windowed region need not be a power-of-two as the small window

size can be efficiently calculated using a FFT algorithm that takes advantage of

small prime factors.

(f) Save the magnitude of the FFT coefficients to a new row in the matrix.

(g) Step to next point to take the next window and go back to step (d) until the

end of the FE vector is reached.

(h) The WFFT is calculated from the sum of the odd coefficients, by adding the

odd columns of the matrix. The corresponding sum is the vector containing the

WFFT.

64

http://smfs.pratt.duke.edu/downloads.html
http://smfs.pratt.duke.edu/downloads.html


The determination of the force-extension peaks is straightforward. First, all peaks

are detected by comparing each element of the WFFT to its neighboring values. A

local maximum is declared if it is larger than both its neighbors. The peaks are then

sorted in descending order according to their heights. Starting from the highest peak,

any subsequent peak separated by a distance smaller than the minimum FE regime

extension increment (Figure 3.15B) is ignored. Additionally, any peaks less than the

minimum force specified in the FE regime are ignored. To determine the type of

unfolding event for each local maximum, the user sets a 2D space for the possible

forces and extensions of a given molecule (Figure 3.15B). The force of peaks and

distances between peaks from the WFFT of the FE recording are analyzed and then

each peak is assigned specific types or declared nonspecific if no type is found.

Fidelity for different FE curves

To measure performance, I generated test curves at difference mean unfolding forces

and measured the true-positive rate (TPR) of selection and the false-positive rate

(FPR) of selection. The TPR quantifies the percentage of actual peaks (force level

and extension) that were correctly identified in the data, while the FPR quantifies

the percentage of peaks that were introduced during the analysis that are not actual

peaks in the data. These results are shown in Figure 3.16.

This shows that the WFFT is able to have near 100% accurate detection with 0%

false positives at forces above 40 pN and contour-length increments above 20 nm. The

peaks that are too small are unable to be captured by this method, as well as peaks

that are too close together. This is likely the case because the window size must be

small enough to encompass only a single rupture event, and the window size cannot

be decreased beyond a certain point as it will not have enough data to be able to

perform the transform.
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Figure 3.15: Example of procedure correctly identifying the unfolding events in
a recording of I273-NI10C-I273 (NI10C) which contains both small, tightly spaced
Ankyrin unfolding events, and high-force I27 unfolding events. (A) The windowed fast
Fourier transform (WFFT) of the force-extension (FE) curve is calculated as described
in 2.1.1. The local maxima (red triangles) are then determined by comparing each
element of the WFFT with its neighbors. (B) The user supplies the force-extension
regimes for necessary protein unfolding events. (C) The peaks are assigned to be
specific proteins based on distance between neighboring peaks and their force threshold
according to the force-regimes (here only regimes for Ank and I27 are used).

Effect of noise on the fidelity of algorithm

Noise is inherent in AFM experiments and can be alleviated using lower loading rates

and decreasing recording bandwidths for unfolding, or by sophisticated techniques
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Figure 3.16: True positive rate (left) and False positive rate (right) for test recordings
of varying contour-length increment (y-axis) and varying unfolding force (x-axis).

like Lock-in amplifiers [164]. Here we used a test set of proteins with various levels of

synthetic noise (as determined by RMS) added to the original signal. An example

is shown in Figure 3.17 and the results are tabulated in Table 2. The baseline RMS

noise in all recordings is between 3 pN and 10 pN. The FE of I27 proteins are resistant

to large amounts of noise because of their high unfolding force and large extension

increment. The sensitivity is unchanged upon adding up to 12 pN of noise and the

detection of recordings with only three I27 peaks becomes less sensitive upon adding

24 pN. The I27 force regime is also very specific, as adding up to 24 pN had no effect

on the negative selection. The FE of NI6C and NI10C proteins are also well defined

in their force regimes so that they remain perfectly sensitive for positive selection up

to 24 pN. However, adding more noise increases the chance of small nonspecific peaks

that resemble the Ank FE regime and the specificity decreases drastically between

adding 6 pN and 24 pN of noise. The FE of SNase is also well defined, although there

is a slight drop in sensitivity when adding 12 pN of noise. There is also a drastic drop

in sensitivity for SNase when increasing the noise level from 12 pN to 24 pN, because

the added noise is approaching the FE regime of SNase. As a result, more nonspecific

events become present.
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Figure 3.17: Representative example of adding noise to a recording of NI10C. The
detected peaks are shown with triangles and then amount of noise added is labeled
(RMS of the noise). The detection of the small Ank unfolding events become less
reliable as the noise is increased, but remain fairly stable until 12 pN of noise is added.
The identification of I27 events is very reliable up to 24 pN, although many nonspecific
events become present at this high level of noise.

3.4.4 Segmentation filtering for peak detection (SegM method)

The WFFT method is useful and viable for many scenarios, it seems to fail at lower

contour-length increments and rupture forces. I sought to improve the automatic peak

detection through a novel method - segmentation filtering (SegM). In this method,

a raw force-extension curve is filtered by taking the segments from a segmentation

method (like a linear Kalman filter) and using those as the proxies for the rupture

points. This method is fast and reliable based on a generated test set of recordings.

Peak detection was accomplished using a simple procedure. First, the raw force

curve data was divided into segments of constant levels using an algorithm of the

Kalman filter type (segm() in Matlab). The specific model used was yptq “ b1upt´ 1q
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Figure 3.18: Example of the SegM method. First the original data (blue) is
segmented using a Kalman-filter (red horizontal lines). The center of each segment is
used for tracing (pink) and the traced line is used to determined the peaks.

where b1 is the model parameter determining the piecewise constant level of the

estimated output, yptq. The midpoint of each segment was then used and a new curve

was built using linear interpolations between the captured midpoints. An example of

this procedure is shown in Figure 3.18. This method is very successful in removing

noise and allowing peak detection as shown in Figure 3.19.

Quantitative results are quite revealing. To measure performance, I again generated

test curves at difference mean unfolding forces and measured the true-positive rate

(TPR) of selection and the false-positive rate (FPR) of selection. The TPR quantifies

the percentage of actual peaks (force level and extension) that were correctly identified
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Figure 3.19: Example of the SegM method where the force-extension trace with
typical noise (top) is filtered using the SegM method (bottom) and the peaks are
determined (red dots).

in the data, while the FPR quantifies the percentage of peaks that were introduced

during the analysis that are not actual peaks in the data. These results are shown

in Figure 3.20. In general, the SegM method is good at determining peaks for any

contour-length increment, as long as forces are higher than „ 20 pN. This is a great

improvement upon the WFFT described earlier in this chapter which saw very fidelity

at small contour-length increments. However, the false-positive rate here is slightly

here at any peak-type, leveling around 10-20%. This may be because the high amount

of filtering on the raw data may create artificial peaks near the baseline, that are

getting adequately removed.
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Figure 3.20: True positive rate (left) and False positive rate (right) for test recordings
of varying contour-length increment (y-axis) and varying unfolding force (x-axis).

3.4.5 Contour-length transformation for peak detection (Lc method)

Though both the WFFT and SegM had useful characteristics, there was still yet another

method that could be developed for particular scenarios (or combined with the previous

methods for additional confidence). This method, denoted the Lc method, simply

tries to find a force-peak in between bounds generated by a contour-length histogram.

This has the benefit of relying heavily on the raw force-extension data and does not

require filtering.

The method for peak detection using the force-contour plot (Lc method) is as

follows. A force-extension curve (Figure 3.21, top) is transformed to a contour-length

histogram by computing the contour-length at each point and plotting the relative

frequencies. As seen in the bottom of Figure 3.21, their are several regions of high

density due to the curves carrying the same contour-length (though different forces)

for all the points leading up to the rupture event. Each of these distributions in the

contour-length histogram can be determined automatically used a Gaussian mixture

model. The 95% bounds of a single distribution can then be determined, which

provides two set points for contour-lengths. These contour-lengths can be transformed

back to the force-extension profile (red lines in Figure 3.21) and the rupture point is
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Figure 3.21: Example of Lc method for determining a peak. Top shows a force-
extension trace where the red lines are 95% bounds on the Gaussian peak that comes
from the force-contour trace (bottom). The peak determined is the maximum between
the red line bounds.

then found by finding the maximal point within these bounds. Additional examples

are shown in Figure 3.22.

As before, performances is evaluated using a test-set of curves that can be used to

quantify the true-positive rate (TPR) of selection and the false-positive rate (FPR) of

selection. The TPR quantifies the percentage of actual peaks (force level and extension)

that were correctly identified in the data, while the FPR quantifies the percentage

of peaks that were introduced during the analysis that are not actual peaks in the

data. These results are shown in Figure 3.23. In general, the SegM method is quite

sensitive at determining peaks for any contour-length increment, and any unfolding
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Figure 3.22: Further examples for determining the rupture peak (red dot) for
force-extension traces (black, top) from the force-contour traces (blue, bottom).

forces (Figure 3.23, left). However, this comes at the cost of a high false-positive rate,

as shown in Figure 3.23 (right). Though it could be further optimized, the Lc method

has the additional disadvantage in that it would perform worse if the force-extension

profile of a molecule does not follow the model for determining the contour-length.

Figure 3.23: True positive rate (left) and False positive rate (right) for test recordings
of varying contour-length increment (y-axis) and varying unfolding force (x-axis).

3.4.6 Conclusion

We show that there are feasible heuristics and software capabilities to automate

the SMFS experimentation for stretching experiments of polyproteins by correctly
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identifying usable recordings from nonspecific recordings. This step is useful for AFM

operators who spend tens to hundreds of hours manually operating AFM machines.

Unfortunately, the simple method of saving all recordings is not feasible here because

of the huge amounts of hard drive space necessary for data storage and preservation.

Previous methods for AFM force-extension analysis prioritize accurately identifying

each individual peak but this is too computationally intensive to be used in a real-

time setting. Thus, we developed an algorithm that performs selection of the usable

recordings from the unusable nonspecific recordings in a timely manner that is efficient

for real-time selection, which is applicable to weak and strong unfolding events in

proteins composed of repeated domains.

Automation is a simple procedure and provides an objective framework to the

subjective process of data collection and selection from force-extension recordings. We

hope researchers are encouraged to automate their systems to expedite the production

of high quality single molecule force spectroscopy data because there is still a great

deal of molecular information that can be probed with this powerful instrumentation.

We hope to further develop these automation techniques to adapt it to other forms

of single molecule measurements like AFM-FRET [165] or AFM-TIRF [166]. This

development is the first step on the way to creating a fully automatic AFM-based

force spectrometer that would operate similarly to traditional spectrometers such as

CD, UV, VIS, IR or NMR in that it would generate and save useful force spectra with

minimal User supervision.

3.5 Experimental evidence for optimal polyprotein tethers

Force-spectroscopy relies upon the tethering of the molecule of interest to a surface

in order to be able to forcefully unfold the molecule. This tethering is often done

“non-specifically”, that is the protein is not specifically modified to attach to the surface.

Here, we attempt to specifically attach the protein using a very simple chemistry -

74



thiol linkages provided between cysteines and a gold surface.

Using the automation procedure we were able to obtain statistics about the

frequency of force extension curves. As an example of the power of such statistics,

we quantified a common experimental practice of using single thiol group at the

N-terminus and Au-covered cantilever or substrate to record force-extension traces

with higher efficiency (more usable unfolding events) or with higher efficacy (more full

length molecules unfolded). This is an important aspect of force spectroscopy, because

there is a range of the number of domains that will be present during unfolding (Figure

3.24), although the maximum number is always optimal.

The application of the bond that forms between a thiol group of the Cysteine

residue and Au has been an important advance for biomolecular assembly [167]. It

has been exploited for specific adhesion of a molecule to a substrate in protein biology

[168], and biological membranes [169]. It has been shown that the specific adhesion of

a molecule to a cantilever tip can be attained through functional modification of the

cantilever tip [170, 171, 172]. However it is unknown whether the specific adhesion

between the protein and the tip will increase the probability of picking up full length

molecules.

To test experimental conditions for optimizing the number of full length recordings,

we performed AFM measurements on six systems using the Cys-I277 protein construct

and the I277 protein construct: 1) I277 with MLCT on glass, 2) I277 with OBL on

glass, 3) Cys-I277 with MLCT on glass, 4) Cys-I277 with OBL on glass, 5) I277 with

MLCT on gold, or 6) Cys-I277 with MLCT on gold. These systems were measured

over several prepared samples, with an average of 6,630 recordings per sample for an

average total of 60,749 recordings for each system ( 8 experiments for each). Each

system was used with old (¿3 month) and new (¡ 2 week old) proteins.

For this experiment we used a polyprotein composed of seven I27 domains connected

with short two amino acid linkers which we refer to as I277. The gene for I277 was
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Figure 3.24: Representation of the recordings used to count the number of modules
unfolded. Heuristics for selection (details in Materials and Methods) designate that
unfolded modules in the force-extension recording (black line) must fit to a worm like
chain (WLC) family (red dashed line) with contour length increment spacing of 28nm
and persistence length of 0.35nm and the peaks must be within acceptable force limits
for unfolding of I27.

obtained from modifying the 8th terminal of the poly(I27) pRSETa vector, a kind

gift from Jane Clarke [125], engineered to have a C-terminal 6xHis-tag. The Cys-I277
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Figure 3.25: The original vector, based on the pRSET-A vector, was mutated using
PCR extension. The forward primer contained base pairs 114 to 144 of our pRSET-A
based vector (5 ATCATCATCATCATCATTGTCTGGTTCCGCG 3) carrying the Gly-
¿Cys mutation in the 131st base pair. The reverse primer contained the complemented
base pairs 78 to 113 (5 GAGAACCCCGCATATGTATATCTCCTTCTTAAAGT 3).
These primers were phosphorylated on the 5 end to initiate ligation after PCR. The
PCR reaction was carried out using PfuUltra II Fusion HotStart DNA polymerase
(Agilent Technologies, Santa Clara, CA) according to their protocol. The PCR product
was directly ligated and transformed into Turbo competent E. coli (New England
BioLabs, Ipswich, MA). The cells were lysed and DNA precipitated and sequenced to
verify the desired mutation.

construct was made by mutating the Gly residue after the N-terminal 6xHis-tag into

a Cys, which should leave an unburied thiol group for reaction with the Au tip or

surface. The mutation was made using 5 phosphorylated primers with the desired

mutation and verified by sequencing (Figure 3.25). All engineered plasmids were

transformed into Escherichia coli C41(DE3)pLysS cells, and expression was induced

using isopropyl -D-thiogalactopyranoside and purified on a Ni-NTA column (Qiagen,

Valencia, CA) and stored in elution buffer (PBS pH 7.4 with 250 mM Imidazole) at

4C.

In addition to the engineered cysteines in the front of the plasmid, each I27

molecule could potentially contribute two thiol bonds from cysteines, Cys63 and
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Cys47. However, the crystal structure of I27 [173] shows that only Cys47 is exposed to

the solvent but that the sulfur atom is partially buried in a pocket made by the loop

region between stand C and strand D (Supplementary Figure S2). To test whether any

of these cysteines are reactive, we used attachment to 5 thiol modified DNA handles

as an assay. We followed the protocol for attaching 5 thiol modified DNA handles for

the I277 protein and the Cys-I277 protein (Supporting material) and visualized using

AFM imaging [174]. The number of full length DNA handles with zero, one, or more

than one protein attached was determined for each set of images. Whole DNA handles

were determined based on their length (0.35 nm = 1 bp) and the presence of a protein

attachment was determined by a 1-3 nm bump on the end of the DNA molecule.

DNA handles attached to a Cys-I277 protein in 10% of the handles while the other

90% of the DNA handles attached to no Cys-I277 proteins (n=281, Supplementary

Figure S4A). For the unmodified I277 protein we found that 0% of the DNA handles

attached to a protein (n=302) (Supplementary Figure S4B). This data indicates that

only the Cys-I277 protein construct is able to form a single thiol bond while the

unmodified I277 protein construct is incapable of forming thiol bonds. Therefore we

can test whether the thiol bond capable Cys-I277 protein construct can produce more

full length recordings due to the attachment to the gold-covered substrate or a gold

covered AFM tip.

To test the number of free thiol bonds in the I27 construct we developed an

assay using DNA handles instead of 2,2-dithiodipyridine (DTDP). The size exclusion

properties of DNA handles should be more realistic than using the small molecule

DTDP. We generated DNA handles of two sizes using PCR from the pRSET-A plasmid.

The primers were synthesized by Integrated DNA Technologies. The forward primer

was the same in each case, 5 GAAGCTTGATCCGGCTGC 3 with a 5 Thiol modifier

C6 S-S for attachment to the free thiols. A 916bp fragment was made using the reverse

primer 5 CAGGAAGGCAAAATGCCGC 3 and a 318bp fragment was made using
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Figure 3.26: Investigation of free thiols on native I27 using crystal structure 1WAA.
I27 normally has two Cysteine residues (Cys47 and Cys63). Using a probe radius of
0.14 nm shows that the protein surface exposes only Cys47 slightly to the solvent.
The sulfur atom of Cys47 is not likely reactive to a surface because it is buried in a
pocket made by the loop between strand C and strand D of the I27.

the reverse primer 5 GAAGAAAGCGAAAGGAGCGG 3. The PCR was verified by

gel electrophoresis (Figure S6). The 916bp and 318bp DNA handles were reacted with

the Cys7I27 and the 7I27 respectively according to the Cecconi et al. protocol.

Freshly cleaved mica slides were incubated with 1-(3-Aminopropyl)silatrane (APS)

according to the protocol by Shlyakhtenko et al. for AFM imaging. The DNA handle

reaction with protein was incubated on APS-mica for 3 minutes and then rinsed and
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Figure 3.27: Representative AFM images of proteins reacted with 5 Thiol modifier
C6 S-S DNA handles to test for thiol accessibility. Red arrows indicate full length
DNA handles, green arrows indicate proteins and purple arrows indicate DNA handle
reacted with protein. (A) I277 with 316bp DNA handles. (B) AFM image of Cys-
I277 with 918bp handles. We found that 0% (n=302) of the DNA handles reacted
any amount I277 protein, while 10% (n=281) of DNA handles reacted with a single
Cys-I277 protein and none more. This data indicates that even though each I27 has
two Cysteines, they are not accessible to size excluded volumes like DNA handles and
should not react with surfaces or tips of the cantilever.

dried with air. AFM images were taken with a Nanoscope IIIa MultiMode Scanning

Prove Microscope (Veeco Instruments Inc.) using Tapping mode in air with RTESP

proves (spring constant 20-80N/m and resonance frequency 275-315kHz). Images were

taken at a resolution of 512x512 pixels with a scan size of 0.5 2 m. Representative

images are shown in Figure 3.27 and show that the cysteines within the I27 domains

are not reactive.

3.5.1 Terminal Cysteine improves efficiency for tethering

An AFM system with high efficacy would have a high proportion of single molecule

recordings that unfold the full length molecule. Such a system will have a better

chance of unfolding the protein of interest and would be very useful for researchers

data collection. Efficacy results for the six systems are shown in Figure 3.32. The
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distributions for Cys-I277 OBL-Glass, I277 MLCT-Gold and Cys-I277 MLCT-Gold

had a great proportion of molecules with more unfolding events than either I277

MLCT-Glass, I277 OBL-Glass, or Cys-I277 MLCT-Glass (p ¡ 10-5 with Bonferroni

correction for all tests). The Cys-I277 MLCT-Gold shows higher proportion of full

length molecules than I277 MLCT-Gold, however this observation is not statistically

significant (p = 0.14 with Bonferroni correction).

It is possible that the Cys-I277 could react with itself to form an I277-Cys-Cys-I277

protein. This would result in a higher number of longer molecules when using an

unreactive substrate and tip as compared to using I277 with the same experimental

conditions. Comparing the distributions for Cys-I277 MLCT-Glass and I277 MLCT-

Glass we found that the null hypothesis that the distributions come from the same

underlying distribution could not be rejected (p=0.73). Thus the intra-molecular

connections formed between Cys-I277 did not influence the results.

Overall, these results are consistent with our hypothesis that an unburied thiol

group at the end of the molecule would increase the proportion of longer molecules

picked up by an Au-covered tip or on a gold coated surface. Surprisingly, the I277

MLCT-Gold system was also highly efficacious. This could be due to the inert

reactivity of gold. Glass may be stickier and better able to hold down the protein

than gold. However, combining the Cys-I277 protein with the Gold substrate and

MLCT cantilever seemed to have the best overall results, combining the assets of the

gold substrate and the connection between the free thiol and the gold surface.

An AFM system with high efficiency is able to pick up more single molecule

recordings, though not necessarily full length recordings. Efficiency for the six systems

was determined by counting the average number of positive recordings that were

obtained during a single experiment. A single experiment consisted of a freshly

prepared sample on newly cleaned glass and an average of 6,630 total force-extension

recordings. Since all samples were diluted to the same concentration and placed on
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Figure 3.28: The probability for detecting 1-7 force peaks is plotted, normalized
against the total number of molecules in which force peaks were detected.

the same substrate we expect that the density of molecules between each experiment

should be equal. We compiled the results from different tests on the six different

experimental setups and did ANOVA assuming that components contributing to the

variation were either protein type (I277 or Cys-I277), substrate type (gold or glass),

cantilever type (OBL or MLCT), protein age (old or new), or their interactions. The

only statistically significant source of variation was the protein age (p=0.008 with

Bonferroni correction) shown in Figure

3.6 Improving polyprotein design

Atomic force spectroscopy (AFS) is a versatile experimental technique for studying

protein dynamics with single-molecule resolution. In many AFS experiments, the

protein of interest is flanked by or entirely composed of a series of identical protein

domains known as a polyprotein that serves as both a positive control and simple

way to effectively increase the rate of experimental data collection. However, creating

new polyproteins presents a bottleneck because the identical DNA sequences required
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to produce the repeated tandem polypeptides hinder their cloning and make DNA

sequencing difficult. Here we present a solution to this bottleneck by developing a new

polyprotein scaffold wherein the codons of the repetitive domains have been shuffled in

order to eliminate that sequence similarity, allowing for simpler, more efficient cloning

and sequence verification. We verify that our polyprotein, which we have made avail-

able through the AddGene plasmid repository (https://www.addgene.org/74888/),

behaves as expected through sequencing and force-spectroscopy measurements.

Atomic force spectroscopy (AFS) is a technique in which a cantilever probe of an

atomic force microscope (AFM) is used to directly manipulate and pull on individual

protein molecules. In an AFS experiment proteins of interest are deposited onto a

surface and, after a protein comes into contact with the probe and is mechanically

stretched between the surface and the probe, the forces used to unfold the proteins

to an unstructured conformation can be directly determined (reviewed in Refs [175,

176, 177, 178, 179, 180, 181].). Such experiments can provide important insights into

the energetics of that proteins structure and protein folding or unfolding behavior

[182, 183, 184, 185, 186, 187, 188].

Polyproteins are polypeptide macromolecules that are composed of tandem identical

repeats of protein domains which are each connected by a short linker.1 Polyproteins

are often used in AFS experiments because they provide several benefits. First, using a

larger molecule increases the likelihood of contact between the cantilever probe and the

protein. Second, since these incidences of contacts are rare, it is useful to have several

proteins on the same molecule so that multiple measurements can be obtained from

a single successful pulling event. Third, and most importantly, when these tandem

identical repeats are used to flank another protein of interest, the polyprotein can

serve as pulling handles that protect the protein of interest from direct contact with

the substrate and the AFM tip, and as a positive control: the experimenter can be

certain that the probe is interacting with the single molecule of interest by the unique
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force-extension signature exhibited by the unfolding of the flanking repeats, which can

then be differentiated by those produced by the protein of interest. Identical tandem

repeats with well-characterized force-extension signatures that have been commonly

used as polyproteins include titin I91 domain (formerly known as I27) [114, 186],

immunoglobulin G domain GB1 [109], ubiquitin [189], fibronectin [190], protein G

[183], and SNase [191], among others.

Figure 3.29: The DNA sequences from the first 50 bp of each of the nine I91 cassettes
colored by their differences to show the shuffling of the codons dispersed throughout
the sequence. B: Schematic of the I91 polyprotein design (gray blocks). The unique
restriction sites between each cassette is shown, as well as the placement of a highly-
specific primer sequence (green blocks labeled Seq1, Seq2,...). The sequencing coverage
by the seven primers plus the T7 terminator and T7 promoter are shown as red arrows
above. The full sequence map is provided at https://www.addgene.org/74888/.

Though immensely useful, the experimental creation of polyproteins presents a

major bottleneck in AFS experiments. To streamline this process, Steward et al.

produced a plasmid containing repeating DNA cassettes that code for tandem repeat

domainseach of which were separated by unique restriction sitesa scheme which allows

for the DNA coding for the protein of interest to replace individual cassettes with
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simple cloning techniques [125]. More recently, Hoffman et al. used Gibson assembly

to combine these cassettes using specially designed linkers [192]. However, in order

to perform an AFS experiment successfully, the exact polypeptide sequences of the

molecules of interest must be known precisely, while in practice it is very difficult to

sequence the entire DNA sequence coding for the polyprotein to guarantee its fidelity

because of the sequence degeneracy of the identical tandem repeat domains. These

identical repeats are also subject to uncontrolled expansion or deletion by way of

homologous recombination (e.g. as in supporting information of Ref [187].). Non-

identical protein repeats can be used to circumvent this problem[193, 194], although

the force-extension signatures of these polyproteins can be more complex than those

from polyproteins derived from a single identical protein, a complication which is

non-ideal for many force-spectroscopy experiments.

To eliminate this problem, we have improved on earlier polyprotein designs to

generate a new plasmid backbone, pEMI91, that resolves these issues by using tandem

repeats with shuffled codons[195] that can be easily sequenced (Figure 3.29). The

polyprotein we designed contains nine cassettes that would each translate to the I91

domain from Homo sapiens TTN gene titin. Each of these cassettes is separated by

unique restriction sites for simple replacement of individual I91 cassettes with the

DNA coding for a protein of interest, and by virtue of using unique I91-coding DNA

sequences a series of primers have been developed that can be used to sequence across

the entire polyprotein (Table I). The polyprotein itself is flanked by a His-tag and a

Strep-tag to allow for simplified purification of the expressed protein.

Since recent studies on codon shuffling have revealed that modifying codons

can affect protein expression[196], protein structure[197], and folding[198], we have

verified that our new plasmid has similar properties as earlier examples of titin I91

polyproteins by conducting standard force-spectroscopy experiments to determine

that the loading-rate dependence, the distance to transition state, and the unfolding
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Figure 3.30: Schematic of the pEMI91 plasmid design. Nine cassettes were intro-
duced, each containing a DNA codon-shuffled sequence that translates to the I91
sequence from the Homo sapiens TTN gene. The unique restriction sites between each
cassette is shown, as well as the placement of a highly-specific primer sequence (Seq1,
Seq2, ...).

forces. The plasmid coding for this modular, non-degenerate polyprotein scaffold,

known as pEMI91 has been deposited into the AddGene repository (ID number 74888,

https://www.addgene.org/74888/) to be made available for use by researchers.

A new plasmid sequence containing tandem protein repeats was generated using
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the pET-15b plasmid sequence as a backbone (Figures 1A and S1). To generate

nine unique DNA sequences (SI), we used amino acid sequence from I91 (UniProtKB

Q8WZ42) and reverse translated and then codon shuffled using the Optimizer web

service [199, 200]. The nine tandem I91 domain sequences were checked for sequence

disparity using phylogenetic clustering[201, 202, 203] which showed that the minimum

proportion of substitutions between any pair of sequences was 8% (Figure 3.29B and

Supporting Information (SI)). This high sequence disparity allowed individual primers

for each cassette to be designed with high target specificity against the backbone

pET-15b plasmid sequence (Table I) [193]. This polyprotein-coding DNA insert was

synthesized by Genscript (Piscataway, NJ) and inserted into the pET-15b backbone.

Figure 3.31: A: SDS-gel of the denatured nine I91 domain polyprotein which runs
at the expected size 100kD. B: Schematic of the pulling experiment where the I91
polyprotein is tethered to a gold substrate and pulled from the end by a cantilever, with
representative examples of the force-extension signatures that result from unfolding of
the nine tandem I91 domains.

We tested whether this sequence degeneracy was sufficient to allow us to unam-

biguously sequence the entire polyprotein-coding DNA using eight designed primers

(Materials and Methods) in addition to primers derived from the sequences of the T7

promoter and T7 terminator sites that flank the I91 cassettes. Each primer was able

to provide high fidelity sequencing results up to 800 base pairs and the corresponding
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sequences matched the designed sequence as intended (red arrows in Figure 3.29B).

We verified the protein induction by purifying full length proteins from the plasmid

(details in Materials and Methods) which showed the expected size of 100 kDa on a

SDS-Gel (Figure 3.31A).

To further verify that our shuffled-sequence polyprotein displayed correct me-

chanical and folding behavior identical to that of the wild-type I91 polyprotein, we

performed standard force-spectroscopy experiments on the expressed polyprotein. The

polyprotein comprised of nine tandem I91 domains was pulled at 300 nm/s using a

cantilever with a spring constant of 16 pN/nm (more details in Materials and Methods).

The schematic of the experiment and representative force-extension curves are shown

in Figure 3.31B. The measured contour-length increment was 28.2 2.2 nm (mean and

standard deviation) and the unfolding force 202 22 pN (Figure 3.32). These values

match well the previously reported values of 28.4 0.3 nm and unfolding force of 200

pN [114].

We also verified the loading-rate dependence of the I9I domains unfolding by

performing experiments for an additional three different loading rates. We followed

established procedures for extracting the intrinsic unfolding rate and distance to

transition state parameters (see Methods and Materials). The intrinsic unfolding

rate determined is 2.1 1.2 10-4 s-1 (mean and standard deviation) and the distance

to transition state is 0.35 0.03 nm. These values compare very well to previous

measurements of an unfolding rate of 3.3 10-4 s-1 and distance to transition state of

0.25 0.3 nm [114, 58].

A major bottleneck in AFS experiments is the cloning and creation of plasmid

sequences for engineering polyproteins that flank a protein of interest, which must

contain identical tandem domains to serve as positive control and tethering points.

Here we present an improved plasmid backbone with a polyprotein insert containing

tandem titin I91 domains with shuffled DNA codons. These domains translate to the
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Figure 3.32: Left: The unfolding rate versus force data with error bars (dots) fit
by a model of the force-induced unfolding (black line) with an intrinsic unfolding
rate of 2.1 ˆ 10-4 s-1 and a distance to transition of 0.35 nm. (see Materials and
Methods) Right top: The unfolding force for experiments performed at 300 nm/s and
spring constant of 16 pN/nm. Right bottom: The contour-length increment of the I91
domains for all experiments.

prototypical I91 sequence, but allow facile sequencing through their sequence disparity

and simple restriction digestion through the incorporation of unique restriction sites.

We have verified that this sequence carries the expected properties of previous designs

of polyproteins, with the added benefit of full facile sequencing. We expect similar

strategies of codon shuffling can be used to generate different polyproteins of interest.

The nine I91 polyprotein insert was introduced into a plasmid which is available

as a resource to other researchers (AddGene plasmid number 74888, https://www.

addgene.org/74888/).
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4

Chaperone mediated folding of multidomain protein,
Luciferase

From the very beginning of graduate school, my advisors Piotr and Weitao encouraged

me to pursue cotranslational folding of proteins. For my prelim I had narrowed down

the choice of a protein to study to Luciferase or GFP. Since GFP had already been

studied by SMFS, I chose Luciferase. Though my attempts at using a cotranslational

system were unsuccessful, there was a wealth of information from the study of unfolding

and refolding of Luciferase in the absence of the ribosome. The results were published

in

Scholl, Zackary N., Weitao Yang, and Piotr E. Marszalek. Chaperones

rescue luciferase folding by separating its domains. Journal of Biological

Chemistry 289.41 (2014): 28607-28618.

This chapter is based of this publication.
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4.1 Introduction

Over the last 50 years significant progress has been made toward understanding

how small single-domain proteins fold, however very little is known about folding

mechanisms of medium and large multidomain proteins that predominate the proteomes

of all forms of life. Large proteins frequently fold cotranslationally and/or require

chaperones. Firefly (Photinus pyralis) luciferase (Luciferase) (550 residues) has

been a model of a cotranslationally folding protein whose extremely slow refolding

(approximately days) is catalyzed by chaperones. However, the mechanism by which

Luciferase misfolds and how chaperones assist Luciferase refolding remains unknown.

Here we combine single-molecule force-spectroscopy (AFM-SMFS) with computer

simulations (SMD) to unravel the mechanism of chaperone-assisted Luciferase refolding.

Our AFM and SMD results show that partially unfolded Luciferase - with the N-

terminal domain remaining folded - can robustly refold without chaperones. Complete

unfolding causes Luciferase to get trapped in very stable non-native configurations

involving interactions between N- and C-terminal residues. However, chaperones allow

the completely unfolded Luciferase to refold quickly in AFM experiments, strongly

suggesting that chaperones are able to sequester non-natively contacting residues.

More generally, we suggest that many chaperones, rather than actively promoting

the folding, mimic the ribosomal exit tunnel and physically separate protein domains

allowing them to fold in a cotranslational-like sequential process.

The structure and function of proteins is fundamental to almost all biological

processes, and the understanding of how proteins obtain their structure through

folding is crucial for the prevention of many diseases [204, 205]. There have been

many experiments over 50 years of research on proteins (for example see reviews

[206, 207, 208, 209, 210]) but there are still crucial aspects of protein folding that

need further study one being the understanding of the protein intermediates and
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the energy landscapes of protein folding (e.g. the space of protein conformations and

their associated free energies) [211]. A complete understanding of protein folding will

enable drugs to be designed specifically to protein intermediates, promising novel areas

of therapeutics. Numerous elegant experiments have shown that proteins evolved

by smoothing their folding energy landscapes to eliminate low energy non-native

intermediate conformations (or kinetic traps) [212, 213]. However, much of the work

on protein folding has been on small single-domain proteins though they only make

up less than 30% of the proteomes in all kingdoms of life [214]. It has become clear

that a simple smooth energy landscape does not apply to multidomain proteins since

multidomain proteins can have non-Anfinsen mechanisms like kinetic partitioning [215],

cotranslational folding [216, 217], co-existing intersecting folding pathways [218], or

confinement by chaperonins [219, 220]. Here we study the folding mechanism of Firefly

(Photinus pyralis) luciferase (Luciferase) as a model of a large multidomain protein

and determine if there are important differences between the folding of multidomain

proteins from single-domain proteins.

Luciferase is a monomeric 61kDa protein that uses MgATP to catalyze the oxidation

of D-(-)-Luciferin (Luciferin) to produce a photon [221, 222, 223]. The structural

conformation of the Firefly luciferase protein closely resembles other AMP-forming

ligases like acyl-CoA ligases [224] and nonribosomal peptide synthetases [225] as

it has a large N-terminal domain and a smaller C-terminal domain that are both

crucial for catalysis [226]. Previous studies using traditional biochemical methods

determined that once unfolded Luciferase does not refold in an appreciable amount

of time (10-72 hours) [227, 228]. The folding time of Luciferase decreases by orders

of magnitude (to minutes) by folding co-translationally on the ribosome, or when

given chaperones [228, 229, 230, 231]. Though these experiments are elucidating,

important questions remain: what prevents Luciferase from refolding quickly? How

does co-translational folding prevent misfolding? How exactly do chaperones allow
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relatively fast re-folding? Here we address these questions using single-molecule force

spectroscopy (SMFS). SMFS has two unique advantages over traditional methods

for studying large, multidomain proteins: a) their unfolding and refolding can be

examined for individual proteins in isolation, thus minimizing the opportunity for their

aggregation in the unfolded state, b) SMFS allows precise manipulation of proteins

and their subunits and therefore offers unprecedented control for denaturing single

domains/subunits within multidomain proteins [232, 233], This approach reduces

complexity of the folding reaction and facilitates relating the experimental data to

the structural information [232, 234, 235].

4.2 Methods

4.2.1 Engineering Luciferase for force-spectroscopy

Protein purification - We developed a construct containing full-length Firefly luciferase

(Promega Co.) or truncated Luciferase (Luc203, containing only residues 1 203)

flanked by three I27 domains and four I27 domains at the DNA level and containing

an N-terminal 6xHis tag and a C-terminal 2xCys. We purified protein produced from

C41(DE3)pLysS cells (Lucigen Corp.) using NiNTA columns (Qiagen). The resulting

purified protein was dialyzed into a buffer containing either 1x or 2x PBS pH 7.6 at a

concentration of 1-10mg/ml and used for AFM measurements. The protein was still

active when flanked by I27 domains (Figure 4.1).

4.2.2 AFM force-spectroscopy

AFM experiments were performed using custom-built instruments [113]. Proteins

were diluted to 150 µg/ml in a 1x PBS buffer or 2x PBS buffer (for Luc203) and

loaded onto a freshly evaporated gold substrate for one hour. Buffers with ATP also

contained 15 mM MgCl2 (to ensure 99% bound), 4 mM EGTA and 180 M to 1 mM

Luciferin (when noted). For measurements with chaperones we used PBS with 15 mM
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A: 2mM ATP + 4mM EGTA + 15mM MgCl2 + 1mM D-luciferin
B: I273-Luciferase-I274
C: I273-Luciferase-I274  + 
    2mM ATP + 4mM EGTA + 15mM MgCl2 + 1mM D-luciferin
D: Empty

Figure 4.1: Luciferase activity in the I27 flanked construct, I273-Luciferase-I274,
was tested for native enzymatic activity. As shown in (C), the protein construct
still maintains native activity when cofactors are present, indicating that the protein
construct maintains the native structure of the enzyme.

MgCl2, 2mM ATP, and Rabbit Reticulocyte Lysate, Untreated (Promega, L4151).

The substrate was then washed once and used for pulling experiments. We used either

OBL cantilevers (spring constant 6 pN / nm) or MLCT cantilevers (spring constant of

16 pN / nm) (Bruker). During experiments, the AFM cantilever was pressed against

the sample at a contact force of 100-500 pN to non-specifically bind to the protein.

The presence of at least five I27 domains (∆Lc of 28 nm and unfolding force of 200 pN)

allowed for the unequivocal determination of the unfolding pattern of the Luciferase

protein. The data was analyzed using Matlab 7.10 (Mathworks).
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4.3 Mechanical unfolding pathway of Luciferase

For mechanical unfolding and refolding experiments, we developed a Luciferase con-

struct at the DNA level containing three I27 domains at the N-terminus and four I27

domains at the C-terminus (Fig. 4.2A) using the I27 domains only as a single-molecule

fingerprint and handles for pick-up (Experimental Procedures). The expressed I273-

Luciferase-I274 protein construct still had native enzymatic activity (Fig. 4.1) and

was used directly for AFM pulling measurements at constant velocity (Experimental

Procedures). The Luciferase protein unfolds in three distinct stages (Fig. 3B). The

first peak (Peak 1, blue) has the smallest contour length increment (Lc = 35.8 pm 1.0

nm; mean pm SE; n=548) and the lowest unfolding force (Fu=20.5 pm 0.4 pN; mean

pm SE; n=548) (Fig. 4.2C). The second peak (Peak 2, green) increases in force and

contour length increment (Lc = 71.9 pm 1.0 nm, Fu=35.0 pm 0.5 pN; mean pm SE,

n=548), and the third peak (Peak 3, red) has the highest force and the largest contour

length increment (δLc = 86.6 pm 1.1 nm, Fu=50.5 pm 0.6 pN; mean pm SE; n=548).

These forces were determined at a constant loading rate of 3,900 pN/s. This was

the only pathway detected for unfolding as the peak locations and relative unfolding

forces followed the same pattern in all recordings although sometimes the first peak

in the force-extension trace was not detected or was possibly masked by breaking

nonspecific interactions between the AFM tip and the substrate.

4.4 Elastic network model of Luciferase

To identify the origin of these peaks we used a combination of computer models and

experimental techniques. We first looked at the large amplitude fluctuations and

dynamics of Luciferase using an elastic network model to probe the normal modes

of motion [236]. The lowest non-zero global modes from normal mode analysis were

calculated using the AD-ENM tool [237] using a model of the apo Luciferase. Models
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Figure 4.2: Unfolding of Luciferase flanked by I27 domains. (A) The schematic of
the experiment. Luciferase is flanked by three I27 domains at the N-terminus and four
I27 domains at the C-terminus. Cysteines on the C-terminus of the construct help to
specifically attach the protein to the gold substrate. A cantilever then picks up the
protein by nonspecific adhesion and stretches the molecule. (B) Representative trace of
the unfolding of a full protein. The seven peaks at the end correspond to the unfolding
of the seven I27 domains. The three peaks before the unfolding of I27 correspond to
the unfolding of Luciferase. Luciferase unfolds in a stepwise process, resulting in three
peaks (Peak 1 (blue) followed by Peak 2 (green) and then Peak 3 (red)) corresponding
to unfolding of specific domains. (C) The regime of the force and contour length
increments of all peaks (n=548). The force and contour length increment of I27 (δLc
= 28.5 nm, Fu = 197.4 pN) is consistent with previously published results.

of Luciferase showed that the dominant mode of motion was the rotation and hinge

motion of the C-terminal domain. There are 102 residues involved in this harmonic

motion, which corresponds very well to the number of residues predicted from the

contour length of the first peak: (32.5 nm + 3.3 nm initial length ) / 0.37 nm /

residue = 97 residues. Thus this model predicts that the first peak corresponds to the

C-terminal domain. All the dominant modes of motion corresponded to the C-terminal

domain which indicates that the large N-terminal domain of the protein (residues

1-450) does not have an obvious mechanical separation and cannot directly determine

the origins of Peak 2 or Peak 3.
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4.5 Simulated mechanical unfolding pathway of Luciferase

We also conducted steered molecular dynamic simulations on C models [238] of the

apo-form of the crystal structure of Luciferase at the folding temperature (Fig. 4.4,

Experimental Procedures). We used an open conformation structure to model the

Apo-conformation [239] of Luciferase and the closed conformation [240] to model the

ligand-bound unfolding pathways. Missing residues in the X-ray crystal structure

were modeled using the SWISS-MODEL repository [241], using models 1ba3A (open)

and 2d1sA (closed) [242]. The temperature was chosen so that both the unfolded

state and folded state were equally populated at long time scales ( 200ns, one week of

simulation time), as shown in Fig. 4.4. SMD results showed excellent agreement with

the AFM-FE curve of the apo-form of Luciferase (Fig. 4.3A,B left) suggesting that

Luciferase stretching results in sequential unfolding the C-terminal domain, the middle

domain, and the N-terminal domain, corresponding to Peak 1, 2 and 3 respectfully

(Fig. 4.2B, bottom). Similar results were obtained for pulling on the C-terminus with

respect to the N-terminus.

4.5.1 Comparison with experiment

Since the Luciferase ligands - ATP and Luciferin bind to residues within 250 aa

and 450 aa, then AFM and SMD experiments with ligands should only affect the

unfolding of the middle of Luciferase. We performed pulling experiments of the

Luciferase construct in the presence of its ligands, MgATP or MgATP with Luciferin

(Fig. 4.2). In the presence of MgATP there was a mixed population of AFM force-

extension recordings that either corresponded to the Apo type (Fig. 4.3A, left) or

a recording that had an additional peak, 2, immediately after Peak 2 (Fig. 4.3A,

middle). Interestingly, a third peak formed after Peak 2 appeared when Luciferin and

MgATP were added, denoted Peak 2 (Fig. 4.3A, right). For either condition, the only
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Figure 4.3: Superposition of unfolding traces of Luciferase with no ligand (blue),
+ATP (red), or +ATP +Luciferin (green). All horizontal scale bars depict 50 nm
extension and the vertical scale bars depict 50 pN. (A) The top panel shows unfolding
traces that were determined by experimental AFM measurements. Dashed lines are
WLC fits with a persistence length of 0.67 nm. (B) The bottom panel shows unfolding
traces that were determined by simulated steered molecular dynamics from appropriate
models of the structure (details in Experimental Procedures). (C) Overlay of unfolding
of Luciferase under all three conditions shows that the Peaks 1, 2, and 2 and 3 occur
in the same place across conditions (see also Fig. 4.5).

difference between any force-extension recordings of the unfolding of Luciferase is the

added presence/absence of Peak 2 and/or Peak 2 (Fig. 4.3C). The unfolding forces

across different conditions for Peak 1, Peak 2, Peak 2, and Peak 3 are comparable

at similar loading rates because the null hypothesis that the force distributions have

the same mean cannot be rejected after two-sample t-test (Fig. 4.5). Thus, the

addition of ligands is a local effect, and it only affects the unfolding of the domain

that corresponds to Peak 2 in the force-extension trace. The fact that the unfolding

force of Peak 3 is much less than the unfolding force of the preceding Peak 2 strongly

suggests that unfolding occurs from one end to the other as also suggested by our
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computer simulations. If the unfolding did not occur from end to the other, then that

part of the protein would be unfolded in the center which would mechanically separate

two domains. If two domains are mechanically separated (by the unfolded residues),

then the first to unfold would be the domain that has less mechanical stability. Since

this is not the case, and the unfolding of the Peak 2 occurs at a much higher force

than Peak 3, then the unfolding must not separate the domains and must happen from

one end to the other. We hypothesize that Peak 2 occurs at a higher unfolding force

than Peak 3 because the domain corresponding to Peak 3 is stabilized by the domain

corresponding to the unfolding event from Peak 2. Once the domain corresponding to

Peak 2 is unfolded, the domain corresponding to Peak 3 loses some of its mechanical

stability and unfolds at force lower than Peak 2.

We also did coarse grained simulations of models of Luciferase with ligands which

matched well to the results of the experimental unfolding. The closed conformation

of Luciferase [168] was used to model the ligand-bound unfolding pathways. The

unfolding simulation of Luciferase with a modeled ATP ligand split Peak 2 into a

doublet of Peak 2 and 2 and the simulations of models of Luciferase and a modeled

ATP ligand and a modeled Luciferin ligand split Peak 2 into a triplet of Peak 2, 2 and 2

(Fig. 4.2). The forces do not compare well to the experiment, as the unrealistic forces

of the simulations may be due to the simplistic contact model inherent in C model

potentials. However, again the relative effects compare very well with experiment

and again indicate the unfolding occurs in subdomains from the C-terminus to the

N-terminus, which is consistent with the simulations of the Apo form and with the

results of the AFM measurements.

4.6 Chemically-coupled mechanical unfolding of Luciferase

To further examine the unfolding pathway, we did experiments with denaturant

guanidinium chloride (GdmCl). Previous groups have measured equilibrium unfolding
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Figure 4.4: Coarse-grain simulations are internally consistent, but have a user-set
parameter of temperature that essentially determines the relative strength of the
contacts. The temperature was set such that the refolding simulations were able to
fold in a reasonable amount of time ( one week) but did not fold instantly when
quenched from a melting temperature of 300K. A temperature too hot (red, T=150)
is never able to refold, while a temperature too cold (blue, T=130) refolds instantly,
and the folding temperature (green, T=140) maintains a balance between these (the
folding temperature) and was used for all simulations.

in denaturants using tryptophan fluorescence and found that specific domains unfold at

various concentrations of GdmCl based on the quenching of the tryptophan fluorescence

[228, 229, 243]. Notably, Wang and colleagues made single-tryptophan mutants of

Luciferase with tryptophan residues placed at various locations of Luciferase which

allowed them to probe equilibrium unfolding of domains independently. These studies

found that many of the mutated tryptophan residues located in the middle domain of
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Figure 4.5: Left: The mean of each unfolding force and standard error is shown for
each condition and each peak. The unfolding forces of different peaks does not differ
across different conditions. The unfolding force increases steadily from Peak 1 to Peak
2, and then decreases for Peak 3. The presence of the ligands in the unfolding pathway
only have the effect of splitting the Peak 2 and creating new peaks (Peak 2, or Peak 2
and Peak 2) since the unfolding forces for Peak 1, 2, or 3 are not statistically different.
Right: The mean of each contour length increment from each peak and the associated
standard error is shown for each condition and each peak.

Luciferase are quenched at lower denaturants than the tryptophan residues located in

the N-terminal domain (Fig. 6B), indicating that only the middle domain unfolds at

low denaturant concentrations [228, 229, 243]. It is difficult to determine the stability

of the C-terminal domain since there was only one study that determined the effect of

GdmCl on a tryptophan in the C-terminal domain.

We hypothesized that, because the N-terminal domain remains folded at low

concentrations of denaturant and the middle domain unfolds at low concentrations

of denaturant, AFM measurements of Luciferase in low concentrations of denaturant

would still show Peak 3 but not Peak 2. When denaturant was added we found

that a proportion of force-extensions curves contained peaks 1, 2 and 3, and another

proportion only had Peak 3 (Fig. 4.6B). The recordings that only had Peak 3 had
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Figure 4.6: Unfolding experiments in the presence of denaturant. (A) The unfolding
force for Peak 2 and Peak 3 are plotted without denaturant (blue) and with denaturant
and showing all peaks (gold) and with denaturant but only showing Peak 3 (magenta).
The forces do not differ statistically, implying that the denaturant acts simply to
unfold the protein rather than destabilize and lower the mechanical unfolding force.
(B) Aggregates of FE curves for luciferase in the presence of GdmCl with all three
peaks appearing (gold) and with only the third peak present (magenta). (C) The
red, blue and green lines are measurements from references [228, 229, 243] shown
here for comparison with our own data (black). These colored lines show data from
chemical denaturation and subsequent evaluation of tryptophan apparent fluorescence
(normalized to 1 at 0 M GdmCl and normalized to 0 at 5 M GdmCl). Colors indicate
the location of residues in the protein (red = N-terminal residues, green = middle of
protein, blue = C-terminal domain of protein). SMFS measurements (shown as black)
counted the fraction of SMFS curves with Peak 2.

a long initial length which would indicate that the domains corresponding to Peak

1 and Peak 2 are unfolded under these conditions. This result further confirms our

hypothesis that the unfolding of the N-terminal domain gives rise to Peak 3.

The proportion of FE recordings that had all peaks was concentration dependent

and decreased to about 50% at 250 mM GdmCl. This trend follows very closely to
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equilibrium unfolding of the middle domain of Luciferase measured by tryptophan

fluorescence (Fig. 4.6C). We also note that the presence of GdmCl did not seem to

mechanically weaken the folded domains. This conclusion is based on the observation

that unfolding force of peaks that were recorded in the presence of denaturant were

indistinguishable from unfolding forces without denaturant (Fig. 4.6A). This suggests

that the denaturant acts to completely unfold and not simply mechanically weaken the

domain. Interestingly, this might indicate that the signal from tryptophan fluorescence

equilibrium unfolding may integrate two populations of Luciferase molecules: one that

is in the native state and one that has the second domain denatured.
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Figure 4.7: Luciferase was truncated to residues 1 to 203 to determine whether the
unfolding force was similar to Peak 3 (which should correspond to the unfolding of
the N-terminal domain). The unfolding FE curve is shown in (A) and the unfolding
force is not statistically different than Peak 3 in the apo form (B). However, the
contour-length increment is much smaller, due to the fact that large loops are left
without their normal contacts, making them unstructured and not contributing to the
unfolding event in the truncation, as shown in (C).

4.7 Luciferase truncation to validate unfolding hierarchy

To further validate the origin of Peak 3 being the N-terminal domain, we directly probed

the N-terminal domain by creating a truncated version of Luciferase, Luc203, containing
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residues 1 to 203 (Fig. 4.7). The contour length increment of the corresponding

unfolding event in the force-extension trace is 49.4 pm 3.9 nm (mean ˘ SD). The

force of Luc203 is very similar to the unfolding force of Peak 3 which indicates a

similar level of stability. Since it is unlikely a truncation would result in a higher force

than the original protein and that Peak 3 had the highest force of any peak, it is

very likely that the similar stability of Luc203 reflects that the N-terminal domain

corresponds to Peak 3. The difference in contour length increment (84.3 nm in the

full unfolding pathway for Peak 3 of Luciferase and 49.4 nm for the truncated Luc203)

can be explained by the long unstructured coils leftover from the truncation (Fig. 4.7,

right). The first 22 residues and residues 172-203 in Luciferase form long coils that

would normally interact with the middle domain of Luciferase (residues 230 400),

therefore it is expected that these residues will be unstructured in the truncated form.

Thus, assuming that these coils only contribute to the initial length, the contour

length increment should be equal to the length contributed by the number of residues

in the rest of the structure minus the N-C length of that structured fragment (149

residues * 0.37 nm / residue 2.8 nm = 52.3 nm). Thus, since the truncated Luciferase

does not contain the full structure it is expected to give only 52.3 nm of a contour

length increment which agrees well within the measured contour length increment of

49.4 pm 3.9 nm.

4.8 Assigning domains of Luciferase to unfolding pathway

We conclude that this combination of experimental and simulated forced-unfolding

shows unequivocally that Luciferase undergoes sequential unfolding, domain by domain,

from the C-terminus to the N-terminus. The precise structural domains can then

be accurately determined by using AFM-measured contour length increments and

measures of initial length from the crystal structure. By correlating the AFM contour

length increments to the number of residues gained during extension, while considering
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Figure 4.8: The unfolding domains corresponding to the peaks in the FE curves
was calculated (Experimental Procedures) and shown above as Experiment. The
domain boundaries from Simulation come from the unfolding trajectories in the
steered molecular dynamic simulations. The experimental boundaries are colored
upon the relevant structures (open for Apo and closed for the ligand bound) below.

all possible domain boundaries (Experimental Procedures), we have determined that

the C-terminal domain (which gives rise to Peak 1) consists of residues 443-550, and

the N-terminal domain (which gives rise to Peak 3) consists of residues 1-248 with a

total residual of 0.4 nm for the Apo-form (Fig. 4.8, left). These results are similar to

algorithm predictions (N-terminal domain: start-266, C-terminal domain: 434-end)

which consider multidomain proteins as collections of self-contained cooperative units

[244]. These divisions are also very similar to the simulated unfolding (Fig. 4.8).

Similar methods can be used to determine the structural location of the domain

unfolding events corresponding to Peak 2 and Peak 2 in the FE profile by assuming four

domains in the case of +ATP and five domains in the case of +ATP and +Luciferin

(Experimental Procedures). All possible interfaces were considered and the residuals

were minimized with respect to the interfacial residues. The residuals were 0.7 nm

for the +ATP experiments and 0.5 nm for the +ATP, +Luciferin experiments, which
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indicates that there is good agreement between the theoretically determined domains

and the experimentally determined contour length increments from those domains.

Since all other peaks remained at the same position (Fig. 4.3C) and same force

(Fig. 4.8), these additional unfolding events must have originated from the structural

rearrangement caused by ligand binding. Indeed, the boundary between Peak 1 and

Peak 2 and boundaries around Peak 3 are similar in each condition (Fig. 4.7).

When ligands are added, the Peak 2 has a contour length increment of 8 nm (Fig.

4.4, right). Using domain boundaries determined by minimizing residuals, this contour

length increment comes from the unfolding of residues 422 448. These residues have

an initial length of 1.5 nm (after accounting for the reorientation of the multidomain

protein) so its theoretical contour length increment would be 8.5 nm (27 residues * 0.37

nm / residue 1.5 nm) which corresponds very well with the expected contour length

increment of 8 nm. These residues correspond to a beta-hairpin directly after the

C-terminal hinge. The force required to rupture a single beta-hairpin is approximately

25-50 pN which is consistent with the force of Peak 2 ( 30 pN) [245]. In the apo-form

we expect this is also the origin of Peak 2 and that this unfolding event triggers a quick

and subsequent unfolding of the rest of the middle of the protein (residues 248-422)

which is otherwise stabilized by ligands in the ligand conditions. The structure that

gives rise to Peak 2 in force-extension curves with ATP is likely the coil-loop which

may make contacts with an unhydrolyzed ATP and the stabilization of Luciferin in

the middle of the protein likely gives rise to the Peak 2. This study is being followed

up by mutagenesis to confirm these structural origins.

4.9 Refolding of Luciferase by single-molecule force spectroscopy

4.9.1 Refolding of Luciferase truncation

First we examined only the N-terminal domain using the truncated Luciferase contain-

ing only residues 1-203 (Luc203). The mechanical stability of the truncated Luciferase
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in stretching measurements was similar to the stability of N-terminal domain in the full

length protein, as determined by Peak 3. Therefore we assumed that the mechanical

behavior of the isolated N-terminal domain is similar to its behavior in the complete

protein. After a single molecule of Luc203 was extended, it was retracted and allowed

to refold for 10 seconds, and then subsequent pulses of extension and retraction

were performed. On subsequent extension pulses a similar peak appeared, indicating

that the truncated N-terminal domain of Luciferase refolds (Fig. 10 2-5) (see also

Supplemental Information for Reviewers Fig. 1). The refolding of the truncated

Luciferase occurred in 56% of subsequent extension pulses (n=102, 12 molecules) with

a time delay of 10 seconds.

4.9.2 Refolding of full Luciferase

Next, we selectively unraveled Luciferase domains of the full Luciferase protein by

controlling the extension of stretching and tested their ability to refold from the

mechanically relaxed state. Using the entire Luciferase protein we performed similar

refolding experiments, first by selectively unfolding the C-terminal domain (Fig. 4.10A)

(see also Supplemental Information for Reviewers Fig. 2) which corresponds to Peak 1

in the full unfolding of Luciferase. Correct refolding produces a similar peak upon

the next pulse of unfolding (Fig. 4.10A, 2-5). When unfolding and refolding only

the C-terminal domain or the middle domain (Peak 1 and 2, extending to 40 nm or

60-80 nm, respectively) it is observed that the peaks corresponding to unfolding of

one of those domains reappear in subsequent pulling cycles indicating refolding in

about 78% of subsequent extension pulses (n=23, six molecules). An estimate of the

folding time can be obtained by decreasing the time delay between pulses. Refolding

occurred when separating pulses by a time delay for 2 seconds indicating a lower

bound of the refolding rate of about 0.5 s-1. We determined that throughout these

partial unfolding/refolding cyclic measurements the N-terminal domain remained
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Figure 4.9: Refolding experiments of the truncated Luciferase construct, I273-
Luc203-I274 (where Luc203 contains only residues 1-203), showing extension (red)
and retraction (blue) for sequential measurements (black is a template molecule of the
unfolding of truncated Luciferase). The time between extension pulses is 10 seconds,
which is enough for I27 domains to refold 100% of the time, and also allows Luc203 to
refold most of the time (correct Luc203 refolding events marked by *).

folded, because the complete extension of the protein following these measurements

captured its characteristic Peak.

When Luciferase is fully stretched (thus completely unfolded) (extension 150-200

nm, showing Peak 1, 2 and 3) and then relaxed, the original unfolding peaks are never
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Figure 4.10: Refolding experiments of the Luciferase construct showing extension
(red) and retraction (blue) for sequential measurements (black is a template molecule).
Correct refolding events are marked by *. (A) Luciferase is stretched only to the
extension corresponding to the unfolding event of Peak 1 or Peak 2 and then relaxed and
re-stretched with a time delay of 10-30 seconds, which robustly showed the reappearance
of Peak 1 and Peak 2. These peaks occur due to the unfolding of the C-terminal
and middle domain indicating that refolding occurs with a folded N-terminal domain.
(B) Luciferase is fully unfolded and then cyclic unfolding/refolding measurements are
performed after a delay of 30-180 seconds. In each cyclic measurement the peaks
do not reappear and instead large nonspecific forces predominate, indicating stable
misfolded states of Luciferase. (C) Luciferase is fully unfolded in the presence of
chaperones in the form of Rabbit Reticulocyte Lysate (RRL) and subsequent pulses
show peak reappearance indicating successful partial refolding of Luciferase and no
strong stable misfolded. Inset: The addition of RRL chaperones provides a statistically
significant increase in the proportion of subsequent unfolding FE curves with refolded
domains.

fully recovered in subsequent stretching cycles (Fig. 4.10B, 1-5) (see also Supplemental

Information for Reviewers Fig. 3), suggesting that refolding is inhibited in these

experiments. Instead, each pulse after the initial unfolding pulse shows irregular high

force events (100-200 pN). This result is observed even with a long time delay of 120

seconds (n=68, 30 molecules). This indicates an upper bound for the refolding rate of
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0.006 s-1, but since refolding was never fully observed it is likely that this is a liberal

upper-bound.

We also performed refolding simulations analogous to the AFM experiments.

The full Apo-model of Luciferase was extended only to unfold a single domain at

a time (indicated by Peak 1, Peak 2, or Peak 3) at which point the molecule was

retracted and then the force was taken off to allow complete relaxation and refolding.

If the N-terminal domain was left intact (extending past either Peak 1 or Peak 2)

then Luciferase would refold in ˙ 3 ns. When refolding from completely denatured

Luciferase, the refolding occurs domain by domain from the N-terminal domain to the

C-terminal (12 out of 13 simulations). From the unfolded state, the mean time for

the N-terminal domain to fold is 79 ˘ 41 ns, after which the middle domain would

fold in 3 ˘ 2 ns and then the C-terminal domain would refold in 9 ˘ 6 ns (mean ˘

SD). Thus, in simulations, the refolding rate when the N-terminal domain is folded is

over 20 times faster than when refolding from completely denatured protein. Both

simulations and experiments show that Luciferase refolds robustly and quickly when

the N-terminal domain is folded, and that the refolding time is much longer when

Luciferase is completely unfolded (MD results).

4.9.3 Refolding with chaperones

To determine whether the fully unfolded Luciferase can be rescued by chaperones,

we performed the AFM refolding experiments in the presence of Rabbit Reticulocyte

Lysate (RRL) which has been shown to renature Luciferase [231], due to the presence

of chaperone proteins at high concentration. With the addition of RRL, Luciferase

was fully extended and then relaxed for 120 seconds before extending again to monitor

refolding in the second pulse. The FE curve of the subsequent pulses frequently showed

similar peaks to the original, indicating that refolding was successful (Fig. 4.10C, Fig.

4.11).
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Figure 4.11: The force-peaks from refolding experiments are plotted by their
unfolding force and their contour-length increment. In each plot, the blue contour
lines indicate where 90% of the native Luciferase peaks lie. Events that refold to
native structure should have subsequent peaks that correspond to these contours.
The peaks of the first extension (no refolding) fall directly into these contours (A).
Without chaperones (B), the peaks fall mostly outside and above the contours as they
are mostly nonspecific and high force events. With the addition of chaperones (C),
the refolding peaks fall mostly inside contours which indicates native-like refolding.
The proportion of recordings with at least two refolding events were calculated for the
full extension with and without chaperones and plotted in Fig. 4.10(C) inset.

This effect was statistically significant, as the number of force-extension curves

with at least two refolded domains increases from 13% without RRL (95% CI: [6 to
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24%], n=68 on 30 molecules) to 46% with RRL (95% CI: [33 to 61%], n=54 on 16

molecules). This result suggests that the high-force peaks without RRL are due to

misfolded states stabilized by non-native contacts and that chaperones inhibit these

contacts helping the unfolded and relaxed protein to recover its native structure. We

are actively investigating the specific chaperones that enable refolding.

4.10 Summary

Firefly luciferase (Luciferase) is homologous to AMP-forming ligases and nonribosomal

peptide synthetases, and it is one of the first described large, multidomain proteins

shown to undergo cotranslational folding and chaperone-assisted refolding. Important

questions remain about how co-translational folding prevents misfolding, how chaper-

ones effectively refold the protein, and why Luciferase forms such a stable misfolded

state. To address these questions, we use single-molecule force-spectroscopy (SMFS)

and computer simulations to selectively denature the C-terminal domain, the middle

domain, or the full protein including N-terminal domain (corresponding to Peak 1,

Peak 2, and Peak 3 in the unfolding force-extension curve) and perform refolding

studies on individual protein molecules.

We note that the refolding studies on individual molecules with AFM has the draw-

back of possibly introducing unanticipated surface-protein effects since the molecule

of interest is attached to the surface non-specifically. We believe our results cir-

cumvent this issue for three main reasons: 1) all refolding measurements are done

after retracting the tip away from the surface by at least 15 nm before performing

any refolding, 2) all constructs are flanked by I27 domains which should provide an

additional buffer of 12-16 nm if tethered at the ends, 3) there are drastic differences

between the refolding in different experiments (truncated Luciferase, fully denatured

native Luciferase with/without chaperones, partially denatured Luciferase) which

would likely not be the case if nonspecific surface effects were prevalent. However, we
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are further investigating possible effects using a variety of surfaces.

Our first major observation is that Luciferase is able to prevent misfolding and

robustly refold if the N-terminal domain is left folded. The C-terminal and middle

domain of Luciferase can undergo many cycles of unfolding and refolding without

forming observable non-native intermediates as long as the N-terminal is folded. Their

refolding rate (lower limit 0.5 s-1) is also much faster than the typical co-translational

folding rate of Luciferase ( 0.005 s-1). This suggests that the bottle-neck of luciferase

folding is the folding of its N-terminal domain.

To probe the folding of the N-terminal domain by itself we used a truncated domain

consisting of only the first 203 residues (Luc203). This domain refolded robustly, but

not as efficiently as the C-terminal domains in the presence of the folded N-terminal

domain. We note that this experiment was on a truncated protein which may have

different properties than the native protein and we are further investigating this by

performing refolding with a pulling geometry that directly affects the N-terminal

domain within the native protein.

The refolding of the full protein was prevented when Luciferase was fully denatured

mechanically, which was previously observed using chemical denaturants [227, 228].

However, instead of attributing the lack of refolding to aggregation, we suggest that

it is due to misfolding, which was independently confirmed elsewhere [246]. Since

we observed that refolding can occur in an isolated N-terminal domain (by protein

truncation), and that refolding can occur in the C-terminal domains if the N-terminal

is folded, we suggest that the misfolding is due to the interaction between the unfolded

N-terminal and unfolded C-terminal residues of a single protein. Such misfolding

is easily prevented in the cell where the co-translational folding of the N-terminal

domain prevents interaction with the C-terminal residues, thereby preventing putative

very stable non-functional intermediates [247].

Finally, we observed that adding chaperones in the form of cell lysate can signifi-
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cantly increase the refolding of fully denatured Luciferase, as previously reported in

the literature using bulk methods [231]. However, our results with partial denaturation

and the truncated Luciferase also suggest a specific mechanism by which chaperones

could act on Luciferase. Because partial unfolding does not require chaperones for

efficient refolding, chaperones must act to specifically enable folding the N-terminal

domain which should then catalyze the refolding of the rest of the protein. Whether

this action is achieved by association of chaperones with the N-terminal domain

and separating it from C-terminal residues, or sequestering C-terminal residues from

the N-terminal residues, remains to be examined. The presence and action of these

chaperones seem to emulate the conditions provided by the ribosomal exit tunnel

assisting the nascent chain in the vectorial nature of co-translational folding. In this

way both the ribosome and the chaperone would allow the sequential folding in order

to avoid the kinetic traps inherent in the energy landscape of Luciferase. It is likely

that folding of other multidomain proteins may exploit a similar mechanism.
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5

Reconstructing folding pathway of Luciferase

After investigating Luciferase, it seemed that there was quite a few interesting aspects

to be explored that I could not fit into the previous paper. Weitao thought it would be

fascinating to use the folding simulations to look at a network of the folding times

and species along the folding pathway. At the same time, Piotr thought it could be

worthwhile to pursue mechanical unfolding of systematically created truncated variants

of proteins. These two ideas became the formation of this project - to use systematic

truncations to experimentally validate discrete steps along a coarse grain folding

pathway.

Scholl, Zackary N., Weitao Yang, and Piotr E. Marszalek. Reconstructing

the folding pathway of a large, multidomain protein, Luciferase. To be

submitted.

This chapter is based of this publication.
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5.1 Introduction

An understanding of how proteins incrementally obtain their structure through folding

is crucial for the prevention of diseases and development of new therapeutics [204,

205, 211]. The previous 50 years of protein folding research (see reviews [206, 207,

208, 209, 210]) produced excellent theoretical frameworks for understanding protein

folding of single-domain proteins, however, most proteins are multi-domain - they

comprise over 70% of the proteomes in all kingdoms of life [214] - and multidomain

protein folding behavior is not well understood. Recent experiments show that simple

smooth energy landscape theories typically do not apply to multidomain proteins which

often display non-Anfinsen mechanisms like kinetic partitioning [215], cotranslational

folding [248, 216, 217, 249, 250, 251], co-existing intersecting folding pathways [218],

or confinement by chaperonins [219, 220].

A model multidomain protein is Firefly Luciferase (Photinus pyralis, denoted

as Luciferase hereafter), which effectively cannot refold (refolding takes up to 72

hours[227, 228]), and only folds due to the involvement of molecular chaperones, or

the ribosome [228, 229, 230, 231]. In this study we ask the following: is the structural

topology of Luciferase inherently predisposed to folding cotranslationally and inhibiting

spontaneous refolding? To answer this question, we determine the atomistic structure

of several prominent intermediate states along the folding pathway and evaluate their

transition probabilities.

To determine the folding pathway, we use coarse-grained simulation to identify

autonomously folded core substructures [252, 253], and then use systematic truncation

experiments to realize their structure and stability [254, 255, 256, 257, 258, 259]. In

contrast to previous truncation studies that use traditional spectroscopic techniques

to evaluate stability [260, 261], we experimentally test the structure and stability of

the simulation-predicted structures using single-molecule force-spectroscopy (SMFS,
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reviewed in [262, 263, 181, 264, 180, 265]). This method takes advantage of the

observation that random or ill-formed truncations are unable to be measured by SMFS

[232]. SMFS has another particular advantage in that the flanking polyprotein used

for single-molecule detection[181] also eliminates the introduction of the C-terminal

carboxyl charge at the site of truncation, which should not be present in the true

polyprotein and may introduce anomalous charge interactions. The results from

SMFS can be directly compared to steered-molecular dynamic simulations to infer

whether the contour-length increment from unfolding is due to the appropriate model

of the protein. This powerful combination of simulation and experiment reveals that

Luciferase encounters topological barriers that are heavily diminished when folding

from the N-terminal domain to the C-terminal, as it would encounter cotranslationally.

5.2 Methods

5.2.1 Protein purification

We developed a construct containing full-length Firefly Luciferase (Promega Co.)

flanked by three I27 domains and four I27 domains, respectively, with a N-terminal

His-Tag. This Luciferase stays folded and active, though flanked by I27 domains [266].

Truncated versions of Luciferase were generated at the DNA level through mutagenesis

or gene synthesis from GenScript (Piscataway, NJ) at the residues specified. Plasmids

were transformed and over-expressed in C41(DE3)pLysS cells (Lucigen Corp.) and

then purified using NiNTA columns (Qiagen). The resulting purified protein was

dialyzed into a buffer containing either 1x or 2x PBS pH 7.6 at a concentration of

1-10mg/ml and used for AFM measurements.

5.2.2 Atomic Force Microscopy

AFM experiments were performed using custom-built instruments. Proteins were

diluted to 150 ug/ml in a 2x PBS buffer and loaded onto a freshly evaporated gold

117



substrate for one hour. The substrate was then washed once and used for pulling

experiments. We used either OBL cantilevers (spring constant 6 pN / nm) or MLCT

cantilevers (spring constant 16 pN / nm) (Bruker). During experiments, the AFM

cantilever was pressed against the sample at a contact force of 100-500 pN to non-

specifically bind to the protein. The presence of at least five I27 domains (Lc 28 nm

and unfolding force 200 pN) allowed for the unequivocal determination of the unfolding

pattern of the protein. The data was analyzed using Matlab 7.10 (Mathworks).

5.2.3 Steered molecular dynamics

Simulations were conducted using GROMACS 4.5.7 [267] using a coarse-grained Cα

model of Luciferase generated using SMOG [238, 268] from the apo-conformation crystal

structure of Luciferase [239]. Truncated variants of Luciferase were generated by

truncating contacts from the original Luciferase coarse-grain Cα model. Simulations

were conducted using a temperature of 150K. This temperature is near the heat

capacity for this particular coarse-grain Cα model of Luciferase, as shown previously

[266]. All simulations were performed as a speed of 1 nm/s using a spring constant of

6 pN/nm, by pulling from the N-terminus. Similar results were obtained when pulling

from the C-terminus (data not shown).

5.2.4 Molecular dynamics of Luciferase folding

Simulations were conducted using GROMACS 5.0.6 [269] using a coarse-grained Cα

model of the apo-conformation of Luciferase [239] generated using SMOG [238, 268].

Simulations were first initialized by heating the Luciferase model to 300K. We then

conducted 407 coarse-grained simulations starting from a randomly selected heat

denatured state and quenched the temperature to 150 temperature units. This

temperature is near the heat capacity for this particular coarse-grain Cα model of

Luciferase, as shown previously [266]. Simulations were done for 1,000,000,000 steps,
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with step size of 0.0005. Every 1,000,000 steps were saved to an output file, and

every 25th frame was used for analysis.

5.2.5 Analysis of MD folding simulations

Simulations were analyzed and clustered using Python 2.7.6 (Jun 22 2015) with

packages from scipy, numpy and scikit-learn [270, 271]. First, each frame from

the resulting trajectory was analyzed for the whether any of the 1,956 contacts of

Luciferase were present to create a contact vector. Frames with less than 20% of the

total contacts were automatically clustered as “Unfolded” while frames containing

more than 90% of the total contacts were automatically clustered as “Folded.” A

matrix containing the contact vector for every other frame was then used for clustering

via KMeans or DBSCAN. Similar results were obtained for both clustering methods, and

different size of clusters as shown in Fig. 5.6.

Markov chains were generated by using computing the normalized transition

probabilities between frames using the labels obtained from clustering [272]. Markov

chains were visualized using graphviz [273]. These visualizations omit the self-

transitions and transitions below a minimum threshold of 0.001%. Kinetics were

determined by using an initialization vector for relative occupancy, vp0q, and then

determining the subsequent relative occupancy through matrix multiplication,

vptq “ vp0q ˆ P t (5.1)

where P is the normalized transition probability matrix for the Markov chain and t is

the step. Results from kinetic calculations were also similar irrespective of cluster size

or method.

For the scope of this paper we will limit the discussion to the results from clustering

of Luciferase into 14 states, shown in Fig. 5.7 which are related by their transition

probabilities shown in Fig. 5.8. The results of all other clustering is shown in Fig. 5.9,
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5.10, 5.11, and 5.12.

The percentage of pathways shown in Fig. 5.2 was determined using the 14-state

cluster shown in Fig. 5.7. We simulated 10,000 trajectories by starting in the unfolded

ensemble and progressing via the probabilities outlined in the Markov transition matrix

until the folded state was reached. Trajectories that regressed back to the unfolded

ensemble or to any of the core domains were truncated to that state. The probabilities

represent the number of these trajectories that pass through that particular state.

The percentage of misfolding across a certain pathway was determined in a similar

way. Monte carlo simulations were performed, starting from the unfolded ensemble,

and continuing until either the folded state was reached or a misfolded state was

reached. The pathway was determined to be started from the N-terminal domain,

middle of the domain or the C-terminal domain based on whether the first state after

unfolded was 3 or 6 (N-terminal), 1 or 12 (middle), or 11 (C-terminal).

5.3 Results

Luciferase is a 550 amino acid, monomeric protein, that uses ATP to catalyze oxidation

of D-(-)-Luciferin (Luciferin) to produce a photon of light in Firefly insects [221, 222,

223]. The structural conformation of the Luciferase has high homology with other

AMP-forming ligases like acyl-CoA ligases [224] and non-ribosomal peptide synthetases

[225] as it has a large N-terminal domain and a smaller C-terminal domain that are

both crucial for catalysis [226]. While its structural domains are known [274], it is

unclear how the structural domains correspond to the structure of the folding domains.

The precise structural boundaries are also difficult to ascertain and will differentiate

depending on the method uses, as shown in Fig. 5.1 (colored bars). Most structural

studies indicate that there are three main structural domains to Luciferase - a N-

terminal, a middle, and a C-terminal domain. A recent method by Porter et al.

using a thermodynamic metric of protein domains determined that Luciferase has
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Figure 5.1: Colored bars show the partitioning of Luciferase domains, while black
bars show the domains under investigation in this paper (states refer to the clustering
in Fig. 5.7). The bars in black are the subject of this study.

four domains - residues 15-266, 267-337, 338-433 and 434-522 [244]. Protein Domain

Parser[275] determined that there are three domains - residues 18-218, 219-437, and

438-542. Crystallographers that determined a structure for Luciferase determined that

there are four structural domains. Domain 1 composed of residues 4-15 and 355-380

and 390-436. Domain 2 composed of residues 15-70 and residues 224-355. Domain

3 composed of residues 70-224 and 380 to 390. And domain 4 composed of residues

436 to 544 [274]. Previous results in our lab show that, experimental and simulated

mechanically unfolding and refolding occurs in three domains composed of residues

1-248, 249-443, and 444 to 550 [266]. However, these domain distinctions are still

relatively large (150-250 aa per domain) and its unclear which domain folds first, and

how the structure of the domain is incrementally obtained.

5.4 Folding simulations reveal three independent folding nuclei

We determined the folding domains with atomistic resolution using coarse-grained

simulations. Starting from the denatured state, we modeled hundreds of model-
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dependent folding trajectories and then subjected these simulations to unsupervised

clustering to generate definite structures and a transition matrix for Markov chain

analysis (more details in Materials and Methods).

Figure 5.2: Representation of the main folding routes from coarse-grain simulations
(backarrows representing unfolding not shown - for complete Markov chain see Fig.
5.8). The numbers above each state represent that state number for the 14-state
clustering (reference in Fig. 5.7), while the percentage is the probability of obtaining
that structure during any given folding pathway (see Materials and Methods). The
arrow size is the qualitative flux through that pathway. Structures with a star indicate
that they were evaluated experimentally by SMFS.

The prominent states determined from the folding simulations is shown in Fig. 5.2.

The transition probabilities (Fig. 5.8) indicate that there are only three states that

Luciferase can enter from the unfolded ensemble. These three states have the same

contact maps and transition probabilities, regardless of clustering method or number

of clusters as shown in Fig. 5.6. Though the clustering results are similar across a

number of clusters and method, this paper will focus on the 14-state clustering of the

coarse-grained folding trajectory of Luciferase whose Markov transition map is shown

in Fig. 5.8.

The states that are first occupied after being unfolded are states 11 (C-terminal

domain), 1 (core of middle domain), and 3 (core of N-terminal domain) whose
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structural representations are shown in Fig. 5.2 and contact maps are shown in Fig.

5.7. These three states (and self transitions) account for 99.998% of the transitions

from the unfolded ensemble, and offer three distinct pathways for folding.

The most frequent pathway, which goes through state 1, is composed of the core

of the second middle half of Luciferase, namely residues 332 to 440 (Fig. 5.2, orange

structure). The unfolded ensemble transitions to state 1 about 0.70% of the time.

While it is the most frequent state originating from the unfolded ensemble, this

state only results in reaching the final folded state 36% of the time. State 1 is also

moderately unstable, as it regresses back to the unfolded ensemble 3.3% of the time

and only transits further down the folding pathway 2.2% of the time (whereas the rest

of the time it transitions back to itself), as shown in the full Markov map in Fig. 5.8.

The second most frequent pathway passes through state 3, which has a probability

of 0.26% of folding into from the unfolded ensemble. This state is the core of the

Luciferase N-terminal domain, composed of residues 46 to 180, as shown in Fig. 5.2

as the blue structure. The N-terminal core is the most proficient at reaching the

final folded state, as 52% of the folding pathways originate from it. In contrast to

state middle domain of Luciferase, the N-terminal core is much more stable. While

it transitions back to the unfolded ensemble 0.9% of the time, it will transit further

down the folding pathway 9.7% percent of the time.

The third and final most frequented pathway from unfolding is state 11, which

corresponds to the C-terminal domain of Luciferase (Fig. 5.2 as the red structure).

The C-terminal domain is the least likely to be the origin for the final folded state,

as it is present in 4% of all folding pathways. This is because the unfolded ensemble

transitions to the C-terminal domain with a low probability of 0.13% and this state is

moderately unstable - similar to the middle domain of Luciferase - as it unfolds 3.7%

of the time and only continues along the folding pathway 1.5% of the time.
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5.5 Folding nuclei are experimentally stable

The three states, 11, 3, and 1, represent the folding nuclei of Luciferase from coarse-

grained simulations (Fig. 5.2). We determined whether these folding nuclei are

stable by testing the viability and stability of a truncated variant of the protein using

force-spectroscopy. We hypothesized that truly unstable structures would not be

mechanically stable as random or ill-formed truncations are not able to be measured

by SMFS [232].

Before experimentally perturbing with force, we first simulated the mechanical

force experiment using the prospective structures from state 3, state 1, and state 11

with steered molecular dynamics (Materials and Methods) to predict the expected

contour-length increments. These structures were generated by double-truncation of

the full model of Luciferase. These steered molecular dynamic simulations yielded a

single rupture event with a contour-length increment (dLc) as shown by a green bar

in Fig. 5.3. We would expect that experimental measurements of the contour-length

increment should yield a similar result, if the domain is folded in a similar way.

To test the stability and structure of these Luciferase cores experimentally, we

made these constructs at the DNA level and subjected them to mechanical force

(see Materials and Methods). Representative results of the force-extension curves are

shown in Fig. 5.14 and the distributions of contour-length increment and unfolding

force are shown in Fig. 5.3. As expected contour-length increment and the unfolding

forces of state 11 did not differ form the distributions of the full Luciferase unfolding

for Peak 1 (determined to be the C-terminal domain in Scholl et al. [266].), tested

using the Komologrov-Smirnov test and corrected for the multiple hypothesis testing.

Surprisingly, however, state 1 and state 3 showed distributions of contour-lengths

that peaked very close to the simulated contour-length increment determined from

SMD calculations, indicating that these truncated variants are all stable and near the
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Figure 5.3: Experimental SMFS results of the contour-length increment (left) and
unfolding force (right) for Luciferase nuclei. Previous results on the full Luciferase
[266] is shown at the bottom for comparison. The green bar shows the result for the
contour-length increment calculated from SMD simulations. The red bar indicates the
maximum possible contour-length increment given the number of amino acids in the
truncation.

predicted model structure.

5.6 Predominant folding transitions are experimentally stable

After the initial nucleus of folding, their are several predominant states along the

folding pathway of Luciferase. The Monte carlo simulations of folding (Fig. 5.2) and

in the Markov kinetics (Fig. 5.13) indicate that the states, 2, 6, and 12 which are

frequently observed along the folding pathway to the native state. States 2 and 6 are

expansions of the N-terminal core, containing residues 1-450 and 1-268 respectively,

as shown in Fig. 5.2 and 5.7. State 12 is an expansion on state 1 (Fig. 5.7) which

we chose not to further investigate experimentally in this study, as it lies on the less
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predominate pathway folding from state 1.

Figure 5.4: Experimental SMFS results for the contour-length increment (left) and
unfolding force (right) for Luciferase truncations that expand on the Luciferase cores.
Previous results on the full Luciferase [266] is shown at the bottom for comparison.
The green bar shows the result for the contour-length increment calculated from SMD
simulations. The red bar indicates the maximum possible contour-length increment
given the number of amino acids in the truncation.

To investigate, experimentally, whether states 2 and 6 are viable, we subjected these

states to a similar treatment of SMD simulation and AFM experiment as discussed in

the previous section. We also compare results from a previous truncation, another

expanded version of state 3, containing residues 1 to 203 that was previously published,

which is very similar to state 12 [266]. Representative experimental force-extension
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curves are shown in Fig. 5.14 and the results from the experimental force-spectroscopy

measurements are shown in Fig. 5.4.

Similar as before, the simulated contour-length increment calculated from SMD

simulations corresponds very well with the experimentally measured contour-length

increment, indicating that all the original models appropriately represent the folded

state of the Luciferase truncation. As expected, the truncation encompassing residues

1-450, that emulates state 2, results in two separate peaks. These two peaks match

match Peak 2 and Peak 3 of the full Luciferase unfolding as there contour-length

increment distributions and their rupture force distributions are not statistically

significantly different (as tested using the Komologorov-Smirnov test). This is in

line with previous results that posit that Peak 1 from the full Luciferase unfolding

originates from the unfolding of the C-terminal domain of Luciferase and that Peak 2

and Peak 3 correspond to the unfolding of the middle domain of Luciferase and the

N-terminal domain, respectively. These experiments indicate that these structures are

all folded as in the model structure as expected.

5.7 Misfolded states predicted from simulation

As can be seen in the kinetics from the Markov states (Fig. 5.13), there are three

additional states - 4, 7, and 10 - that are in equilibrium with the folded state after

the system reaches an equilibrium. These states represent topologically misfolded

species. Misfolding is not expected in these simulations since the molecular dynamics

energy function includes an attractive force for native contacts and a repulsive force

for non-native contacts, which effectively eliminates any non-native species. Despite

this, these misfolded species occur when there is a topological abnormality, such as a

knot, that can be made stable by allowing the rest of the protein from forming its

native contacts and securing the fold.

As shown in Fig. 5.5, all of these misfolded states involve an incorrect threading of
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Figure 5.5: Representative structures of the topologically misfolded states obtained
during folding of Luciferase, with the state labeled in bold (referring to 14-state
clustering in Fig. 5.8). The structures are colored from red (N-terminal residues) to
blue (C-terminal residues). The right side shows a template molecule of the correctly
folded form of Luciferase.

the N-terminal residues. In the first case, state 10, a beta hairpin at residues 36-52 is

interrupted because by residues 261 to 278. Normally residues 268 to 278 would form a

helix, however, because of the threading there is too many steric clashes for helicize, so

those contacts can not be acquired. The structure stable, still, because of surrounding

contacts are made without consequence. This state is most often obtained from state

5, with is along the pathway of state 1 and state 11 (the N-terminal domain remains
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unfolded).

In the second case, state 7, the linker residues 104 to 110 enter to loop formed by

the helix-turn-strand residues 73 to 95, instead of going around it. Because of this,

the helix between residues 109 and 121 cannot form properly, though the rest of the

native contacts are formed normally. This state transitions from the fully folded state

(though this could be mislabeling as the number of contacts are very similar), but it

also transitions often from state 8 which is a case where the N-terminal folds and the

C-terminal part of the middle domain folds - but the interface is not yet set.

In the third case of misfolding, state 4, the first helix, resides 19-34, are not natively

formed because the most N-terminal residues are caught between the a helix from

residues 82 to 95 and hairpin-helix composed of residues 36 to 67. The N-terminal

residues 1 to 15 normally form contacts with the middle domain of Luciferase (not

shown) and the rest of the contacts are enough to stabilize this fold. The states that

convert to this state are 5 and 9, which are both along the state 11 pathway.

The transition probabilities from the 14-state cluster (Materials and Methods)

can be used to determine which pathway is the most frequent origin for misfolding.

Using a Monte Carlo approach, we started simulations in the unfolded ensemble and

progressed the state until either a misfolded state or a fully folded state was reached.

The simulations which folded from the C-terminal domain (state 11) obtained one of

the misfolded states 88% of the time it started from the C-terminus. The simulations

which folded from the middle domain (state 1 or 12) obtained a misfolded state in

37% of its trajectories. The N-terminal (state 3 or 6) had the best avoidance, as

trajectories starting from this state only obtained a misfolded state in 16% of its

trajectories.
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5.8 Summary

In this study we simulate the folding pathway of a large multidomain protein, Luciferase,

and then experimentally validate the intermediate structures by probing truncated

Luciferase proteins with SMFS. The unsupervised clustering of simulated folding data

revealed distinct and consistent states where Luciferase incrementally acquires its

native fold (Fig. 5.2). Irrespective of the clustering size or method, there were three

possibilities for transitioning from the unfolded ensemble. These possibilities were

either a folded core of the N-terminal domain (state 3), or a folded core of the middle

of the protein (state 1) or the C-terminal domain (state 11). Interestingly, these

states have a high correspondence to the domain boundaries determined previously

through various methods (Fig. 5.1). Previous experiments using proteolysis[229], and

using SMFS [266] indicate that the N-terminal domain is stable and folds on its own,

and its residues are similar to the state 3 determined here. Also, theoretical domain

prediction[244] successfully predicted the middle domain nucleus, state 1, as shown in

Fig. 5.1.

The simulated structures served as the starting point to generate real truncated

polypeptides. The structural stability of these variants was experimentally tested

using single-molecule force-spectroscopy (SMFS), which has the benefit that unstable

truncations should not be detected by SMFS [232]. SMFS also uses flanking polyprotein

for single-molecule detection[181] which eliminates the introduction of artificial C-

terminal carboxyl charge at the site of truncation which could introduce artificial

charged interactions. The contour-length increments measured from SMFS can be

directly compared to steered-molecular dynamic simulations to infer whether the

contour-length increment from unfolding is due to the appropriate model of the

protein.

Interestingly, all the structures tested (starred structures in Fig. 5.2) were stable,
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as they have a contour-length increment expected from the hypothetical structure

and a well-defined mechanical stability (Fig. 5.3, 5.4). Experiments show that the

mechanical stability of the three core structures increases from state 11 to state 1 to

state 3 (Fig. 5.3). Since mechanical stability is inversely related the unfolding rate

of the protein[276], it is evident that the unfolding rate decreases from state 11 to

state 1 to state 3, which is in line with theoretical predictions of transition rates from

simulation (Fig. 5.7).

The wildtype Luciferase, once denatured, takes over 72 hours to refold to equilib-

rium levels, due to misfolding [228], however it is able to fold relatively quickly in

the cotranslational context [229]. Our simulations also show some correspondence

with these observations, as the three core structures are not sampled equally from the

unfolded ensemble. The simulations show that the unfolded ensemble transits into

either the N-terminal, middle, or C-terminal domain, which continues on to the folded

state with probability 52%, 36%, and 4% respectively. Thus, the N-terminal domain is

the most frequent folding pathway, which may serve to advantage the Luciferase from

falling into kinetic traps and misfolded states and also serve to bolster its aptitude for

cotranslational folding.

The simulation also lends insight into the type of misfolding that can occur. Though

the simulations are based on a model-dependent potential that should always fold,

there were consistent and specific clusters that were unable to fold completely (Fig.

5.5). All examples of the misfolding were caused by incorrect wiring in the loops

between helices, but ultimately the instability of the slightly denatured helix was not

enough to overpower the rest of the natively folded residues. Monte carlo simulations

from the Markov transition matrix indicate that the misfolding originated from the

C-terminal domain, middle domain, and N-terminal domain with probability 88%,

36% and 17% respectively. Interestingly, this indicates that the simulated misfolding

might have been avoided by folding cotranslationally - from the N-terminal domain
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to the C-terminal domain, since its the opposite direction that can introduce the

most problems. Because there is no restriction to cotranslational folding here, it is

possible that the presence of the C-terminal residues indeed prevents the Luciferase

from natively folding by complicating the topology.

Figure 5.6: The first three states and there relative transition probabilities are
shown for each clustering. Clustering results are similar, irrespective of the number of
clusters or clustering method.

Though much is known about protein folding in general, the folding of large,

multidomain proteins is still a difficult problem that has not been solved. Here

we make the use of coarse-grained simulation and SMFS to broach several steps in

the folding of Luciferase, a model multidomain protein. Our results indicate that

Luciferase most often folds from a core N-terminal domain that expands from the

the N-terminal domain to the C-terminal domain, and that this vectorial folding is
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Figure 5.7: Markov transition probabilities for prominent states clustered using
KMeans. Self-transitions and transitions below a certain threshold omitted for read-
ability.

able to avoid misfolding intermediates. We posit that the topology of Luciferase, and

many multidomain proteins, may be wired to fold from the N-terminal domain to the

C-terminal to avoid misfolding and to take advantage of molecular machines that may

sequester contacts (like the ribosome and chaperone unfoldases).
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Figure 5.8: Contact maps for the clusters obtained in 5.7.

Figure 5.9: Markov transition probabilities for prominent states clustered using
KMeans. Self-transitions and transitions below a certain threshold omitted for read-
ability.
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Figure 5.10: Contact maps for the clusters obtained in 5.9.
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Figure 5.11: Contact maps for the clusters obtained in 5.12.
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Figure 5.12: Markov transition probabilities for prominent states clustered using
DBSCAN. Self-transitions and transitions below a certain threshold omitted for
readability.
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Figure 5.13: Kinetics calculated directly from the Markov states determined from
clustering of trajectories for folding of the coarse-grained model of Luciferase. Top
shows the progression of the unfolded and folded states. Bottom shows a zoom of the
top, focusing on the predominant states that appear at intermediate times during the
simulation.
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Figure 5.14: Three representative examples of experimental force-spectroscopy
recordings obtained for each construct in this study. All the vertical scale bars
represent 100 pN and the horizontal scale bars all represent 50 nm. Arrows indicate
the force rupture event used in analysis.
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6

Multimer stabilization in Streptavidin
oligomerization states

One of the first applications of AFM was to study the mechanical forces for unbinding

biotin from Streptavidin. Piotr remarked to me that it was strange that lots of force-

spectroscopy had been done on understanding this interaction, but their had not yet

been a study on the mechanical unfolding of the protein in question: Streptavidin. So I

cloned our Streptavidin gene, previously used by other graduate students, and saw the

mechanical unfolding was quite interesting. This led down a logical path of pursuing

variants of Streptavidin that changed multimericity, which resulted in the following

paper,

Scholl, Zackary N., Weitao Yang, and Piotr E. Marszalek. Direct observa-

tion of multimer stabilization in the mechanical unfolding pathway of a

protein undergoing oligomerization. ACS nano 9.2 (2015): 1189-1197.

This chapter is based on the publication.
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6.1 Introduction

Multimeric proteins make up 80% of proteomes, although less than 5% of model

proteins used in protein folding studies are multimeric [277]. It is well known that

the stability of a protein monomer can be drastically affected by its environment,

it remains unclear how the process of multimerization influences monomer stability.

Understanding the stability of proteins in the context of their quaternary structure

is important for deciphering protein interfaces in viruses [278] and designing new

biomaterials [279, 280] or drug delivery systems through the use of protein cages

[281]. Using AFM-based single-molecule force-spectroscopy (SMFS, reviewed in [262,

263, 181, 264, 180, 265]), we investigate how multimerization affects the mechanical

unfolding pathway of a protein. SMFS allows for the precise characterization of protein

(un)folding pathways [58, 282, 114, 283, 59, 284, 285, 286, 112, 287, 288, 289, 290, 233],

which are measured along any almost arbitrarily chosen but well-defined reaction

coordinate that is consistent with the direction in which the protein is pulled.

Numerous SMFS measurements have also been helpful in determining how ligand

binding affects the mechanical stability of proteins [292, 293, 294, 191] and have been

successfully applied to measure a variety of protein-ligand interactions [38, 295, 296,

149, 297, 130, 35, 298, 299] including studies that determined the mechanical strength

between oligomer interfaces [300, 301]. However, SMFS studies of the stability effects

by oligomerizing proteins remain scarce [302, 303] though such proteins predominate

the proteomes. In a rare recent study, the mechanical effects of aggregation in the

intrinsically disordered protein of α-synuclein were examined and found to have

mechanical stability that increased with the size of the oligomeric structure [304]. In

that particular approach, α-synuclein monomers were covalently linked into dimeric

and tetrameric constructs by short peptide linkers. It remains to be studied how

mechanical stability of a protein monomer is influenced by typical quaternary structures
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Figure 6.1: Cartoon of dimer-dimer interaction from PDB 1SWE [291]. Streptavidin
first forms a strong dimer (blue or red) which then dimerize together, and this
dimerization is stabilized by a long arm (seen easily in blue) that reaches over to the
other dimer. This arm contains Trp120 which greatly stabilizes the interaction with
biotin.

that are naturally and commonly formed through non-covalent interactions between

participating monomers.

We chose Streptavidin (SA) as a model protein of multimerization. SA is normally

a homo tetramer [305]: two SA monomers (SM) combine first to form a SA dimer

(Figure 6.1), and then two SA dimers associate to form a tetramer. SA is a good

model system because it has been extensively studied using a variety of chemical

approaches including mutational analysis that identified critical mutations within the

SA monomer to form only a dimer [306, 307, 308] or to stay monomeric [309, 310].

These findings allow three forms of quaternary structure to be generated and tested

by SMFS. Since the process of multimerization increases the thermal stability of SA
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tetramers [309, 311], we predict that it may also increase the mechanical stability

(although the two are not always correlated [131, 312]). Previously, the mechanical

strength of various interfaces within SA tetramers was investigated with AFM, and

the interface between two dimers was found to be significantly weaker as compared to

the strength of the interface between two monomers [300].

Table 6.1: Mutant Streptavidin properties from literature

Biotin
Log10(Ka)

Multimer
-ization

SMwt 13.4 [313] Tet [305].
SMW120F 11.7 [314] Tet [306].
SMW120A 7* [315] Tet.* [315]
SMdim 7.2 [307, 308] Dim [307, 308].
SMmon 6.7 [310] Mon [310].

These measurements were achieved by pulling on SA tetramers via polypeptide

handles that were attached to different monomers within one dimer or monomers

belonging to two different dimers [300]. In contrast, here we probe the mechanical

unfolding pathways and the mechanical strength of SA monomer by directly pulling on

its N and C termini through pulling handles, while allowing the monomer to engage in

dimeric or tetrameric complexes (Fig. 6.2). In each of our experiments, the unfolding

reaction coordinate is defined by the direction and distance between the N and C

termini, and the measurements are carried on SA monomers that are allowed to form

on higher order oligomers or on various SA mutants that have a reduced ability to

form oligomers.

SA has exceptionally high affinity for biotin [313], and we use this ligand binding to

obtain new information about how the ligand affects the strength of multimerization

in SA. Because the biotin binding comes from a loop donated across the interface

between dimers (Fig. 6.1), we hypothesize that biotin can only increase the mechanical

stability in the unfolding pathway for SA that is able to form a tetramer rather than
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F
Monomeric Dimeric Tetrameric

Figure 6.2: Schematic of a I272-SM-I274 AFM unfolding experiment. In each
experiment we pull directly on the monomer of Streptavidin (yellow arrows indicate
forces). The pulling of a monomeric, dimeric, and tetrameric is controlled through
variants of the Streptavidin monomer (SM), which are always flanked by the I27
handles. In the dimeric and tetrameric pulling experiments we still pull directly on a
single monomer through I27 handles (green) while the handles from the multimerized
molecule (gray) are not directly affecting the experiment.

the event in which the formation of only a dimer or a monomer is possible. We can

determine the extent to which the biotin binding stabilizes the complex by performing

experiments with SA that has mutations to the critical residues. There are already

well documented mutations that can modify the biotin binding ability of Streptavidin,

as well as the oligomerization ability, as in Table 6.1.

6.2 Methods

6.2.1 Engineering Streptavidin for pulling

To perform pulling experiments we flanked the protein Streptavidin monomer (SM)

by I27 protein domains at the DNA level. The addition of I27 domains as handles

facilitate the pickup of the molecule and serve as a positive control and fingerprint of

a single molecule event [178]. The final construct is composed of two I27 domains, the

Streptavidin domain, and four I27 domains - each connected with short two amino

acid linkers (I272-SM-I274). This construct was obtained from replacing the 3rd and

4th modules of the poly(I27) pRSETa vector, a kind gift from Jane Clarke [125], with
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Streptavidin monomer.

Variants for Streptavidin were made by directly mutating the wildtype SM or

synthesized directly and re-inserted into the poly(I27) pRSETa vector. The variants

include: 1) W120F, 2) W120K (denoted SMdim because it forms dimeric SA), 3)

W120A and K121A, and 4) V55T, T76R, L109T, and V125R (denoted SMmon because

it forms monomeric SA). All engineered plasmids were transformed into Escherichia

coli C41(DE3)pLysS cells, and expression was induced using IPTG. Cell lysate was

run through a Ni-NTA column (Qiagen, Valencia, CA) and the protein collected and

stored in 40% glycerol and 60% PBS pH 7.4 at -20C.

    SAwt      SAmon S Adim        SAW120A    SAW120F
K121A

    SAwt        SAmon         S Adim        SAW120A      SAW120F
K121A

-Biotin +Biotin

SAwt, SAmon, SAdim , and SAW120A molecular weight ~ 77 kDa (6 total �anking I27 domains)

 SAW120F molecular weight ~ 87 kDa (7 total �anking I27 domains)

K121A
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Figure 6.3: SDS-Gel of the Streptavidin proteins used in this study.

The eluted wildtype SA (I272-SMwt-I274) was analyzed by SDS-gel (Fig. 6.3)

and found to be similar to previous SA-I27 chimeras [300, 298]. Before loading, the

proteins were heat-denatured at 70C for 10 minutes. In principle, this should allow all
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non-covalent interactions to be disrupted and allow each protein to run as a unfolded

polypeptide. As can be seen in Figure 6.3, most proteins have a theoretical molecular

weight of „ 77 kDa (except for SA W120F which contained an additional I27 domain)

and the most prominent band corresponds well with their theoretical weight.

The SDS-gel also shows, unexpectedly, that for I272-SA-I274 with and without

biotin, and I273-SAW120F-I274 with biotin, there are also top bands which have an

average molecular weight of 310 kDa which corresponds very well to the molecular

weight of a tetramer (4 ˆ molecular weight of monomer). These bands are surprising

because it shows that the Streptavidin wildtype tetramerization is a strong enough

noncovalent interaction to resist heat and SDS denaturation. The ability for wildtype

Streptavidin to still form tetramers indicates that I27 domains do not have a detri-

mental effect on tetramerization or stability. The observation that the dimeric and the

double mutated Streptavidin (W120A and K121A) do not form higher multimerization

is itself not a definitive result as these are heat-denatured proteins and would unlikely

show multimerization unless they have exceptionally strong noncovalent interactions

(like wildtype Streptavidin).

For additional verification of the I27 flanked Streptavidin viability, we directly

determined the multimerization state using AFM Imaging, as shown in Figure 6.4.

AFM imaging has the capacity to measure multimeric states of proteins [316]. AFM

images were taken using a Nanoscope V MultiMode scanning probe microscope (Veeco

Instruments, Plainview, New York) using AFM&LFM mode. Samples were prepared

by depositing 1-5 nM protein onto freshly cleaved mica for 5-10 seconds before washing

gently with water and drying with filtered air. All measurements were done in air using

a single RTESPA probe (Bruker, Billerica, Massachusetts), which had a resonance

frequency of 305.5 kHz. Images were collected at a scan rate of 2.0 Hz with a a scan

resolution of 512ˆ 512 pixels, and a scan size of 2800 nanometers. In each experiment,

8-10 images were captured and 200-300 proteins total were analyzed.
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Figure 6.4: Left: Example of AFM images for each variation of I27-flanked Strepta-
vidin complex used in this study. AFM images were taken and analyzed according
to Materials and Methods. Right: The volume mean and 95% confidence intervals
calculated from the individual particles from each AFM image. The difference between
monomeric and dimeric, as well as between dimeric and tetrameric, are statistically
significant (p-value ă 10´6).

Image analysis was done by first flattening the image using the Nanoscope 7.3

software. Images were then imported into Gwyddion [317] for subsequent analysis.

The particles in each image were masked in order to calculate the volume. The

selection of individual particles to mask was done blindly - by a person not familiar

with the experiment who also had no knowledge of the type of particle in any image.

This control allows the selection step to be done without introducing subjective bias.
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The volume was then calculated for each masked particle using the grain minimum

basis volume to account for local background. Example of images and the evaluated

mean volume is shown in figure 6.4. These volumes correspond well to the known

multimerization state of each protein. The difference between monomeric and dimeric,

as well as between dimeric and tetrameric, are statistically significant (p-value ă 10´6).

Also, as expected, the volumes also increase roughly linearly from monomeric, to

dimeric to tetrameric. This AFM imaging again confirms that Streptavidin can

assemble into its oligomerization state despite being flanked by I27 domains.

6.2.2 AFM-SMFS of Streptavidin

All AFM measurements were obtained using a custom-built AFM instrument [112].

Automation routines to control the AFM [318] were implemented in Labview 7.0

(National Instruments, Austin, Texas). Cantilever spring constants were calibrated in

the buffer solution using the energy equipartition theorem [319]. All measurements

were done at a constant velocity of 300 nm/s, in a PBS pH 7.4 solution at room

temperature or PBS pH 7.4 with 2 mM biotin (when specified). In all experiments

the purified protein was diluted to 150 µg/ml, and applied to recently evaporated gold

and incubated for an hour. Measurements were performed using MLCT cantilevers

(Bruker, Camarillo, CA) which have a spring constant of 16˘ 3 pN/nm.

A worm-like chain (WLC) model with persistence of 0.4 nm was fit to each peak

in order to measure contour length increments in the force-extension (FE) data [320].

The contour-length increments from every peak in every recording were fit using a

mixture model with two distributions (for I27 domains and Streptavidin domains)

(Fig. 6.6E). The 95% confidence intervals for the contour length increments of the

two distributions were used for labeling an unfolding event as I27 (23.5 nm to 34.6

nm) or labeling an unfolding event as unfolding of Streptavidin monomer (34.6 nm to

59.6 nm) in order to eliminate human-bias in data selection.
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The unfolding forces for this entire study were compared using a total of 15

tests (comparing to wildtype, comparing between ligand-bound and apo, etc.). For

statistical significance, then, we used a Bonferroni corrected p-value of 0.05/15 =

0.0033. Comparisons were made using a two-sample t-test with null hypothesis that

both distributions are normal with the same means.
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 CDF p<0.05 (Bonferroni corrected)
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Figure 6.5: Tests of the standard normal distribution (Kolmogorov-Smirnov test)
for each of the unfolding distributions in Fig. 6.18. All distributions were found to be
unable to reject the null hypothesis that they deviate from normality.

The assumption of equal variances in the two-sample t-test was used only if null

hypothesis of the two-sample F-test that the variances are equal could not be rejected.

The assumption of normality for the distributions is also valid when doing the two-

sample t-test because the null hypothesis that the data comes from a normal could not

be rejected when subjected to the one-sample Kolmogorov-Smirnov test (Fig. 6.5).
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6.3 Streptavidin monomers have increased mechanical strength
in dimeric and tetrameric structures

We first determined the strength of the monomeric Streptavidin monomer (SMmon)

using four mutations that stabilize SA in a monomeric form: V55T, T76R, L109T,

and V125R, as reported by Wu et al. [310] These mutations replace residues in the

interface between the dimers and in the interface between the monomers with bulky

arginine residues that prevents multimerization, but does not affect stability or the

ability to bind biotin (though affinity is decreased) [310]. SMmon was flanked by I27

domains and pulled using the I27 handles at constant velocity, as in Fig. 6.2, with

the ends of a single molecule tethered to both tip and substrate. Single-molecule

events are readily distinguished from multiple-molecule events by recording five to six

force peaks that report the unfolding of I27 domains and have normal contour-length

increments of I27 domains.

The normal unfolding force-extension trace of I272- SMmon-I274 is shown in Fig.

6.6(A) and Fig. 6.16, which shows the unfolding of SMmon followed by the six I27

domains. The contour-length increments were measured for each peak and were fitted

to two normal distributions at 29.2 ˘ 2.9 nm and at 47.1 ˘ 6.4 nm (Fig. 6.6(E)).

The protein I27 is expected to have an unfolding contour length increment of 28.7 nm

[114], which corresponds well with the measured 29.2 nm. A Streptavidin monomer

has 132 residues and an initial length of 1.1 nm, and has a theoretical contour-length

increment of 47 nm (132 residues * 0.365 nm / residue [126] ´1.1 nm initial length),

which corresponds well to the measured contour-length increment of 47.1 nm.

The difference between contour-length increments between I27 domains and SM

domains provides a simple way of distinguishing Streptavidin unfolding events from

I27 unfolding events. The SMmon unfolds at mean force of 109 ˘ 5 pN (mean ˘ SE;

Fig. 6.6,6.7,6.18; Table 6.1). The unfolding force of SMmon is significantly lower than
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Figure 6.6: The unfolding of the Streptavidin monomer (SM) flanked by I27 domains.
(A-C) Shows typical unfolding patterns of Streptavidin monomer (marked by * ) where
(A) shows monomeric SM, (B) shows tetrameric SM and (C) tetrameric SM with
biotin. (D) Shows the fit of a worm-like chain (red) to the unfolding events and the
contour length increment measurement, Lc for a typical force-extension curve. (E) A
histogram of all contour length increments shows two distributions, centered around
29.2 nm and at 47.1 nm which correspond well to the theoretical contour length
increment of I27 and Streptavidin, respectively.

the unfolding force of I27 (199 ˘ 1 pN; mean ˘ SE; n=969, Fig. 6.17) and therefore

appears first in the force-extension (FE) curve [321].

Table 6.2: Experimentally measured mechanical Streptavidin properties

Funf -biotin
mean ˘ SE (n)

Funf +biotin
mean ˘ SE (n)

% change
r95% CIs

p-value

SMwt 190˘ 5 p211q 284˘ 5 p303q `50 r43, 58s 10´32

SMW120F 188˘ 6 p67q 293˘ 11 p52q `56 r42, 70s 6ˆ 10´12

SMW120A,K121A 180˘ 3 p35q 226˘ 8 p93q `25 r11, 39s 5ˆ 10´4

SMdim 153˘ 7 p54q 169˘ 6 p71q N.C. 0.09
SMmon 109˘ 5 p53q 116˘ 4 p90q N.C. 0.4
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forces measured in PBS + 2 mM biotin. The red line indicates the median, the edges
of the blue rectangle represent the 25th and 75th percentiles, and the dashed lines
represent 99.3% coverage of the data. The red dots represent outliers.

We then characterized the mechanical strength of a monomer within the dimeric

Streptavidin (SMdim). The wildtype SA can be made dimeric using the single mutation

W120K, where the bulky lysine interferes with the interface between the dimers and

prevents tetramerization [307, 308]. The presence of I27 handles did not affect the

dimerization of Streptavidin as confirmed by AFM imaging (Fig. 6.4). The FE curves

of I272-SMdim-I274 are similar to the I272-SMmon-I274 (Fig. 6.16), except that the

unfolding force of SMdim is increased to 153 ˘ 7 pN (n=54). Thus, the dimerization

increases the unfolding force of the SM by 40% (95% CI: [24, 56], p=3ˆ 10´6).
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We then characterized the wildtype tetrameric Streptavidin monomer (SMwt)

which normally forms a highly stable tetramer [305] even when attached to polyI27

domains [300, 298]. The flanking I27 domains in the I272-SMwt-I274 construct did not

disturb the tetramerization as confirmed by SDS-gel and AFM imaging (Fig. 6.4 and

Fig. 6.3), we expect that SMwt will unfold while it is still tetramerized to the other

I272-SMwt-I274 constructs (Fig. 6.15).

The FE of I272- SMwt-I274, shown in Fig. 6.6(B), is also similar to I272-SMmon-I274

except that the unfolding force of SMwt has increased to 190 ˘ 5 pN (n=211). This is

an increase of 24% compared to the unfolding of SMdim (95% CI: [10, 37], p=7ˆ 10´4).

6.4 Simulated unfolding forces correlate with experimental unfolding
forces for different multimeric states

We used coarse-grained steered molecular dynamic simulations to test our interpreta-

tion that the stabilization is provided through the interfaces generated by multimer-

ization. We simulated the forced unfolding of a SA monomer coarse-grained model in

monomeric, dimeric, and tetrameric Streptavidin (Methods).

Structure based models were generated using the SMOG web server [322] from

PDB 1SWE [291]. In this coarse-grained model each residue is modeled as a single

pseudo-atom. Steered molecular dynamics are conducted on this model with the

forces determined by a coarse-grain potential. This potential contains terms for bonds,

angles, improper angles, which have equilibrium values based on the initial structure.

All residues identified as a contact have an attractive 12-6 potential and residues

identified as non-contacts have a repulsive 12 potential. More information about

parameter values are described by Clementi et al.[323] .

The temperature used for all calculations was the folding temperature at which

the folded state and the unfolded state of the monomeric Streptavidin are equally

populated. The folding temperature was found by determining where the specific heat
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Figure 6.8: Specific heat calculations for simulations of the coarse-grain model of
the Streptavidin monomer had a maximum at T=148.

is maximal (Fig. 6.8). Simulations were conducted using GROMACS 4.5.5 [324] by

pulling on the N-terminus with reference to the C-terminus, at 0.1 nm/ns and using

spring constant of 6 pN/nm. The pulling geometry was the same for the monomer,

dimer, and tetramer form of Streptavidin. Examples of force-extension traces are

shown in Fig. 6.9. We conducted 8 to 20 simulations for each type of Streptavidin

experiment to estimate the mean simulated peak unfolding force. The simulated

unfolding for the monomeric SM resulted in a single force peak (Fig. 6.9, blue) similar

to experiment.

The peak involves the rupture of the two beta-strands, a strand at the N-terminus

(residues 17-24) and a strand at the C-terminus (residues 122-130). The simulated

unfolding of the dimer and tetramer also resulted in a first peak from the rupture of the
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Figure 6.9: Examples of force-extension curves from coarse-grained simulation of
Streptavidin unfolding.

N-terminal and C-terminal beta strands, however was followed by sequential unfolding

of other strands which make inter-molecular contacts. However, it is unlikely that the

unfolding events after the first correlate with reality because the first unfolding event

ruptures two beta strands on the outside of the barrel of Streptavidin.

Like most proteins, Streptavidin contains the majority of its hydrophobic residues

within the protein core (Fig. 6.10) which protects these residues from the polar

environment. However, in these coarse-grained simulations there is no solvent, so the

interactions between hydrophobic residues and its environment are neglected. Thus,
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Figure 6.10: Polar (blue) and hydrophobic residues (red) of Streptavidin (gray)
monomer.

we compare only the forces of the first rupture peak in the simulation against the

forces found in the experiments, in Fig. 6.11A, which should still approximate the

effect of mechanical denaturation on a protein.

The unfolding forces between simulation and experimental correlate extremely

well indicating that the stabilization is indeed due to the multimerization. In-

terestingly, there is also a high correlation between the number of contacts in a
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Figure 6.11: A) Simulated peak unfolding force plotted against experimental unfold-
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force (vertical too small to be seen). B) Number of residue contacts available to a
monomer within the multimeric states plotted against the experimental unfolding
force.

monomer/dimer/tetramer versus its unfolding force (Fig. 6.11B). This has previously

been found to be true for the unfolding forces of very homologous proteins [185], and

in general it is true for proteins when they are normalized against the number of amino

acids (comparing contact density) [129], however, to our knowledge, it has never been

demonstrated for multimerization. This indicates that the unfolding force may be

most dependent on only the organization and strength of contacts and that a coarse

grain model may be a simple tool to calculate these and predict mechanical strength.

6.5 Biotin-modulated strengthening requires dimer-dimer interface
from tetrameric state

We also tested the unfolding pathways of SMwt, SMdim, and SMmon in the presence

of their cofactor, biotin (affinities in Table 6.2), to determine whether biotin binding

would provide further strengthening and whether it would be dependent on the
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multimeric state. The crystal structure of Streptavidin [305] suggests that the loops

of Streptavidin (residues 114 to 122) cross over the dimer-dimer interface to cap the

biotin-binding pocket, ultimately forming favorable interactions between Trp120 and

biotin (Fig. 6.1). Since both SMdim and SMmon are missing a interface between the

dimers, the extra stabilization provided through the biotin-loop interaction are absent,

which would eliminate any further stabilization from biotin. Thus, we hypothesized

that only tetrameric Streptavidin is strengthened by biotin binding.

Wildtype
W120F
W120A

Biotin

Figure 6.12: Structure of Streptavidin Mutants Biotin-binding pocket.

Indeed, the tetrameric SMwt is greatly affected by biotin: the SMwt unfolding force

increases by 50% (Table 6.2), as shown in Fig. 6.6(C) and Fig. 6.16. The unfolding

forces of both SMdim and SMmon are unaffected by biotin (no change in unfolding

force, p=0.09 and p=0.4 respectfully, Table 6.2), which supports our hypothesis.

To verify whether the stabilization of the SMwt with biotin is due to the bind-

ing loop, we tested the unfolding force of the monomer with mutations to critical

residues in the binding loop. We first made the mutation W120F, which has been

characterized to reduce the binding affinity by two orders of magnitude but does not

affect tetramerization [314]. We found that the flanking I27 domains do not affect

the tetramerization of SMW120F (Fig. 6.4) . The unfolding force of SMW120F without

biotin is indistinguishable from the wildtype SMwt without biotin (p=0.9), indicating

that SMW120F forms a tetramer similar to wildtype. Surprisingly, the unfolding force
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with biotin is also indistinguishable from wildtype SMwt with biotin (p=0.5), an

indication that the phenylalanine can form a similar interaction as the tryptophan

and can still provide considerable mechanical stability.

We then made a more severe double mutation to the biotin-binding loop using

W120A and K121A (SMW120A,K121A) mutations. The single-mutation W120A in SA

has a substantial effect on biotin binding by reducing the association constant by

seven orders of magnitude although the protein remains as a tetramer [315]. We chose

to test the double-mutation W120A and K121A instead of just the single-mutation

W120A because the crystal structure of SA with W120A [325] shows that K121 can

adopt a rotamer that forms favorable interactions with biotin, possibly alleviating the

effects of W120A during mechanical unfolding (Fig. 6.12).

Since the single-mutation W120A still forms a tetramer, we expected the double-

mutant would also stay tetrameric, and this was confirmed by AFM imaging (Fig.

6.4). Indeed, comparisons of the unfolding force without biotin for SMW120A,K121A is

indistinguishable from the unfolding force for the tetrameric wildtype SMwt without

biotin (p=0.5). However, the double-mutant W120A-K121A mutation had a large

effect on the unfolding force with biotin, as it resulted in a decrease in the unfolding

force by 21% as compared to the wildtype with biotin (95% CI: [-28, -13], p=4ˆ 10´8).

6.6 Increased mechanical stability reflects increased folding stability

The distribution of unfolding forces from SMFS experiments can be directly related

to the unfolding rates to determine underlying energy landscape at zero force, as

described previously [187, 326, 276, 327]. The process of unfolding of a protein along

the N-C extension reaction coordinate can be thought of as rate of escape over a

barrier for a process that undergoes one-dimensional diffusion, where the force applied

enters as a linear potential that modulates the height of the barrier. Previous work

by Dudko et al [187, 326]. provide the framework for this analysis that allows for
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extracting parameters of the energy landscape at zero force from distributions of

unfolding forces. The model used in this paper comes from [187]:

kpfq “ k0

ˆ

1´
νfxb
∆G

˙1{ν´1

exp

˜

∆G

kBT

«

1´

ˆ

1´
νfxb
∆G

˙1{ν
ff¸

(6.1)

where ν is a general parameter that adjusts for the shape of the barrier (ν “ 1{2 used

here to model a harmonic-cusp potential), xb is the distance from the well minimum

to the barrier (distance to transition state), ∆G is the barrier height, and k0 is the

intrinsic unfolding rate (at zero force).

This model requires knowing the unfolding rate at a given force, kpfq. By assuming

that the unfolding is a Markovian process, the force-dependent unfolding rate can be

readily determined from force-distributions and is given by the following equation,

derived by [276] and [327]:

kpFkq “
∆Nunf pkq ¨ rpFkq

∆F ¨NfoldedpFkq
. (6.2)

The k subscript here represents a bin in the histogram of forces, ∆Nunf pkq represents

the number of events in bin k, ∆F is the bin size, NfoldedpFkq is the total number of

events still folded at force Fk, and rpFkq is the loading rate calculated at that force.

Errors associated with using a given bin size of the histogram can also be estimated

as from [327] as

σln kpfq «

„

1

∆Nunf pkq
`

1

NfoldedpFkq



. (6.3)

The loading rate can be calculated two ways: by simply taking the slope right before

the force-rupture of the force vs. time plot (as in [327]) or by using a highly accurate

approximation of the loading rate using a worm-like chain interpolation formula (as
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in [326]):

rpF q “ V

„

1

KAFM

`
2Lcbp1` Fbq

3` 5Fb` 8pFbq5{2

´1

(6.4)

where V is the speed, KAFM is the cantilever stiffness, Lc is the contour length and

b “ p{kBT where p is the persistence length. In this study we used the interpolation

formula, however we obtained similar results with both methods.

For fitting our data, we first extracted the force-dependent unfolding rates using

Eq. 6.2 and Eq. 6.4 and determined their associated errors. We then performed a

nonlinear regression using Matlab (nlinfit) using the force-dependent unfolding rates

and Eq. 6.1 and obtained confidence intervals for one standard deviation. As a control,

we included analysis of the I27 unfolding events in the table which are very close to

what has been previously reported for I27 using this model [187].

Using these models we determined the parameters of the energy landscape associ-

ated with the unfolding of Streptavidin along the N-C extension (see Materials and

Methods for full description of analysis). The fits of this model are shown in Figure

6.13, and the parameters of this energy landscape - intrinsic unfolding rate, distance

to transition state, and free energy - are shown in Table 6.3. The parameters for I27

were also determined and are comparable with previously determined parameters for

I27 using this model [187].

The relative unfolding rates correspond to the mechanical stabilities, as the un-

folding rates decrease as the multimeric state increases. Interestingly, the cause of

this decreasing unfolding rate seems to be due to a modest increase in barrier height

(„ 0.5 kBT ), as well as a slight decrease in the distance to the transition state with

each increasing multimeric state. Thus, providing multimerization not only increases

the barrier height but also makes the energy well of the native state more narrow and

thus creates a steeper barrier. We are further investigating the nature of these energy

wells using all-atom explicit-solvent simulations.
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Figure 6.13: Left: Unfolding rate-force map for variants of Streptavidin and fits
associated with the one-dimensional diffusion over a barrier with applied force (see Ma-
terials and Methods). Unfolding rates generally decrease when going from monomeric
to tetrameric, in line with what we observed for the effects on mechanical strengthening.
Right: Cartoon of the energy landscape showing that we are directly measuring the
transition from the folded to unfolded state of a monomer in a protein of varying
multimerization states.

Table 6.3: Summary of fit parameters to Streptavidin unfolding

Streptavidin
state

Intrinsic unfold-
ing rate, kunf
[s´1]

Distance to transi-
tion state, xb [nm]

Barrier height, G
[kBT ]

Monomer 0.40˘ 0.30 0.26˘ 0.07 8.0˘ 1.1
Dimer 0.23˘ 0.09 0.21˘ 0.02 8.5˘ 0.4
Tetramer 0.13˘ 0.03 0.19˘ 0.01 9.0˘ 0.3
Tetramer
+Biotin

0.06˘ 0.02 0.14˘ 0.01 8.9˘ 0.4

I27 9.8˘ 5.2ˆ 10´4 0.31˘ 0.02 15.2˘ 0.4

Values shown are best fit ˘ one standard deviation.

It is worth noting that the unfolding rate of Streptavidin in the tetramer determined

here (« 0.13 s´1) differs by many orders of magnitude to the unfolding rate determined

by chemical denaturation (« 2ˆ10´8 s´1) [328]. The difference between these unfolding

rates is likely due to the reaction coordinate under study - here we study the unfolding

along the reaction coordinate defined by the N-C extension. In some cases the unfolding

rate determine along the N-C reaction coordinate is very similar to that obtained by
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chemical denaturation [329] but this is protein dependent and in principle may not be

the same [330].

6.7 Summary

The mechanical stability and unfolding rate of a protein monomer in a multimer is not

as well understood as the mechanical stability and unfolding behavior of single-domain

monomeric proteins. Here, we have shown how multimerization affects the mechanical

unfolding pathway of Streptavidin (SA). We find that there are substantial increases

in stability as the quaternary structure grows from monomer to dimer and to tetramer.

Interestingly the simple increase of contacts caused by progression of quaternary

structure had a high correlation to the mechanical stability (Fig. 6.11).

The experimental unfolding force of the wildtype Streptavidin monomer increases

50% in the presence of biotin, which is similar to the increases seen in other protein-

ligand complexes (typically 40-120%) [129]. This increased strength is likely due

to the biotin-binding loop that bridges the dimer-dimer interface and is supported

by our observations that the unfolding forces of SMdim and SMmon (both devoid

of a interface between dimers) are unaffected by biotin. Also, the strengthening of

the biotin binding loop is supported by our observation that the unfolding force of

the SMW120A,K121A, which carries a mutated biotin-binding loop, was considerably

weaker than the wildtype. Interestingly, unlike other studied protein-ligand complexes

that strengthen the mechanical stability of a single monomer, the biotin ligand in

Streptavidin is an inter-molecular strengthening provided only when the Streptavidin

dimers are associated into their tetrameric structure.

These results provide direct evidence that multimerization not only provides

significant mechanical folding stability due to the neighboring interfaces but also

provides additional strengthening mechanisms through ligand-multimer interactions.

These findings are important for understanding the stability of protein complexes
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in the cell and for designing novel multimeric proteins for the development of new

biomaterials and drug delivery systems.

6.7.1 Protein Sequences

Protein sequences of constructs used in this study (mutations from wildtype highlighted

in red):
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Figure 6.14: Anisotropy of SA peaks. We found that, with biotin, SA mostly
unfolded after either two I27 domains, or after four I27 domains (Fig. 6.16, left)
whereas the order of unfolding should follow the order of mechanical stabilities in
a covalently tethered molecule. Since this construct contains SA flanked by two
I27 domains on the N-terminal side and four I27 domains on the C-terminal side,
this unfolding pattern implies that, with biotin, only half of the protein construct is
available for forced unfolding. It seems likely then, the effect is simply due to the
stabilized tetramerization which allow other handles to stick non-specifically to the
surface and effectively transmit the force from the tip through the handles instead of
the end of the molecule. Once the SA unfolds, the tetramerization is destroyed and
force transmits through the other handle (Fig. 6.15).
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Figure 6.15: Cartoon of the multiple-attachment that leads to unfolding events after
either two I27 events (shown) or after four I27 events. A single molecule (green I27
flanking the red SA monomer) is pulled, but is tethered to a second location through
the cyan I27 which are attached to another SA monomer that binds to the first SA
non-covalently. Unfolding of the first two I27 domains (green) unfold normally, but
the force to the last four I27 domains (green, tethered) is not as strong because of the
cyan I27 domains tethering. Once the red SA unfolds, the tetramerization is disrupted
and the unfolding proceeds along the single covalent polypeptide chain. Evidence of
this was seen through the anisotropy of the SA peaks on either side, Figure 6.14.
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Figure 6.16: Examples of the force-extension curves for unfolding SMmon, SMdim

and SM (wildtype) without biotin (blue) and with biotin (red).
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Figure 6.17: Comparing distributions between different experiments. This shows
the mean and standard deviation from unfolding forces of the I27 domains in the
experiments with different SA mutants in different conditions (PBS or PBS +2mM
Biotin). The mean unfolding force of I27 in all experiments is 204.6 pN. Any mean of
a given experiment only differs from this mean by -11.0 to +5.6 pN which is far less
than the changes seen in Streptavidin unfolding (main text). This serves as a negative
control and shows that unfolding forces of SA can be compared without systematic
error between experiments. The biotin has no effect on the unfolding force of I27
(mean difference is 0.4 pN; p=0.7).
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Figure 6.18: Distributions of unfolding forces for Streptavidin in each of the studied
mutants, without and with added biotin.
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7

Folding of Protein S

Studying multidomain proteins had become very fruitful since it yielded many enlight-

ening new observations in the case of Luciferase and Streptavidin. Piotr saw a great

review by Dr. Jane Clarke’s group [214] which had a useful table of proteins with

thermodynamic and kinetics on the single- and multidomain forms. This table included

two proteins which had never been studied using single-molecule puling or simulation:

PGK and Protein S. These were ideal to study since their would be traditional bulk

experiment data to compare to. Piotr encouraged me and my colleague, Qing Li to

fully investigate these two proteins, together. I would spearhead the study of Protein S

and my colleague, Qing Li, would spearhead study the PGK. This study yielded the

following publication:

Zackary N. Scholl, Qing Li, Weitao Yang, and Piotr E. Marszalek. Single-

molecule force-spectroscopy reveals the calcium dependency of the alterna-

tive conformations in the native state of a βγ-crystallin protein. Journal

of Biological Chemistry (2016).

This chapter is based on the publication.
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7.1 Introduction

Multidomain proteins are highly prevalent in the proteomes of all organisms [277],

however there is still little known about their folding pathways and interaction

with ligands [331], as compared to small, single-domain proteins. This is because

large, multidomain proteins may exhibit significant structural dynamics and transient

interactions between domains that are rather difficult to capture and analyze. An

important example of this class of proteins are the calcium-binding proteins which

are effectors for stimulating cellular signals [332, 333] and buffering calcium levels

[334]. Currently, of particular interest are the calcium-binding βγ-crystallin proteins

which are implicated in several human diseases [335, 336, 337]. The complexity of

these proteins may best be understood through single-molecule methods that are able

to deconvolve their conformational heterogeneity. While there have been exciting

recent single-molecule studies of the multidomain calmodulin including the impact of

domains’ interactions on calcium binding [235] and studies on mechanical unfolding of

βγ-crystallins that captured their interesting domain swapping behavior [182], there

has not yet been any single-molecule study of the calcium dependence on folding and

mechanics for multidomain βγ-crystallins.

Here, we ask what is the mechanical stability of the domains of Protein S in

isolation, and how do the multiple domains of wildtype Protein S interact with calcium

and with each other. To investigate, we use the single-molecule force-spectroscopy

(SMFS) using an atomic force microscope (reviewed in [262, 263, 181, 264, 180, 265]).

SMFS has an unprecedented ability to distinguish between populations from a mixture

of conformations and allows precise monitoring of changes in stability or structure

during unfolding and refolding. SMFS and computer simulation are the methods

of choice for studying multidomain proteins as it minimizes protein aggregation
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and allows the study of the intrinsically asynchronous processes involved in folding

[338, 235, 266, 339, 233].

We chose to study the model protein, Protein S [214], as it is the founding

member of the βγ-crystallin superfamily [340] and exhibits calcium-dependent folding

[341]. The βγ-crystallin superfamily contains proteins that have two domains, each

containing an 8-stranded β-sandwich composed of two similar “Greek key” motifs

[342, 340, 343]. The βγ-crystallins are found in all kingdoms of life, commonly

found at high protein concentrations, typically conferring stress resistance [344]. In

humans, the βγ-crystallin proteins include AIM1, a protein associated with melanoma

tumors [335], as well as many different eye-lens proteins [345] whose misfolding has

been implicated in cortical cataracts [336, 337]. It is well known that βγ-crystallins

bind calcium [346, 347, 348], and without calcium βγ-crystallins are often less stable

[349, 350, 351, 352] or unstructured [353]. However, there is little known about

conformational heterogeneity of these proteins [354], and the role of calcium and

multidomain interactions supporting their stability.

The previous ensemble studies on truncated domains of Protein S [355, 356,

341, 357] suggested that the domains are less stable in absence of calcium but the

mechanistic origin of this instability remains poorly understood. We confirmed these

earlier observations using SMFS on isolated domains, and then performed a novel

single-molecule study of the complete multidomain Protein S that identifies the

origin of the domains’ instability and the resulting conformational heterogeneity in the

absence of calcium due to electrical properties of the structure surrounding the calcium

binding site. We also identified a new “compensatory” mechanism that, in the absence

of the ligand, helps stabilize the weakened domains through specific inter-domain

interactions.
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7.2 Methods

7.2.1 Protein engineering

All proteins for force-spectroscopy experiments (Protein S, Protein S D11Q, E70P, and

E71T, truncated N-terminal domain, truncated C-terminal domain) were designed

to have I27 flanking the protein of interest. The addition of flanking I27 domains

serves to facilitate the pickup of the molecule and also serves as a positive control and

fingerprint of a single-molecule event [178]. All Protein S sequences were synthesized

(GenScript USA Inc., Piscataway, NJ) and placed into the 3rd module of the poly(I27)

pRSETa vector, a kind gift from Jane Clarke [125]. The 8th module was replaced

with a StrepTag. All engineered plasmids were transformed into Escherichia coli

C41(DE3)pLysS cells (Lucigen Corp., Middleton, WI) and expression was induced

using IPTG. Proteins were purified by running cell lysate through a Strep-tag – Strep-

Tactin column (IBA, Olivette, MO). Protein was then run through size-exclusion

columns and resuspended in Tris-HCl pH 7.2 and stored at 4˝C for subsequent use.

Fresh protein was prepared every two weeks for experiments.

7.2.2 AFM spectroscopy

All AFM measurements were obtained using a custom-built AFM instrument [112].

Automation routines to control the AFM [318] were implemented in Labview 7.0

(National Instruments, Austin, Texas). Cantilever spring constants were calibrated

in the buffer solution using the energy equipartition theorem [319]. Purified protein

was dialyzed and concentrated in Tris-HCl pH 7.2 with 1mM EGTA for experiments

without Ca2` or dialyzed into TrisHCl pH 7.2 with 4 mM CaCl2 for experiments

with Ca2`. Measurements were done in either Tris-HCl pH 7.2 with 1mM EDTA,

Tris-HCl pH 7.2 with 2 mM CaCl2, or Citrate buffer pH 3.7-4.5 (when specified). In

all experiments the purified protein was diluted to 50-150 µg/ml.
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Protein attachment to the substrate and cantilever was achieved using nonspecific

absorption, without any tip functionalization. Slides for AFM spectroscopy were

prepared by first incubating 100 µL of diluted protein onto a gold slide, for one

hour. Gold slides were prepared by cleaning glass with Piranha solution and then

evaporating 80 nm of chromium and 250 nm of gold onto the surface. Gold slides are

stored in Argon to prevent oxidation, until use. Protein on the gold surface sticks

non-specifically through absorption. To remove un-adsorbed protein, we carefully

draw off 60 µL from the deposited protein on the slide before measurements.

Measurements were performed using MLCT cantilevers (Bruker, Camarillo, CA)

which have a spring constant of 51 ˘ 10 pN/nm. Each force-extension profile was

generated by a constant velocity extension and retraction at a speed of 300 nm/s.

Protein was adsorbed to the cantilever non-specifically, by bringing the cantilever in

contact with the surface with a force of „ 200 pN. If a protein molecule adsorbed to

the cantilever tip, and also to the surface, the retraction of the cantilever would unravel

the protein through the tension applied during the measurement. A single-molecule

recording was determined through the presence of at least four I27 domains which

would guarantee that the middle domain has been unfolded. A worm-like chain (WLC)

model with [342] persistence length of 0.4 nm was fit to each peak in order to measure

contour length increments in the force-extension (FE) data [320].

7.2.3 Coarse-grain simulation

Structure based models were generated using the SMOG web server Version 1.2.2 [322]

from the PDB 1PRS [358]. In this coarse-grained model each residue is modeled as a

single sphere and forces are determined by a coarse-grain potential. This potential

contains terms for bonds, angles, improper angles, which have equilibrium values

based on the initial structure. All residues identified as a contact have an attractive

12-6 potential and residues identified as non-contacts have a repulsive 12 potential.
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More information about parameter values are described by Clementi et al. [323]. The

temperature used for all calculations was the folding temperature at which the folded

state and the unfolded state are equally populated. The folding temperature was

found by determining where the specific heat is maximal. Simulations were conducted

using GROMACS 4.5.5 [324].

7.2.4 All-atom molecular dynamics simulation

All-atom models for explicit-solvent molecular dynamics were generated from the

PDB 1PRS [358]. The truncated N-terminal domain was generated by deleting the

last 83 residues and the truncated C-terminal domain was generated by deleting the

first 89 residues. Hydrogen atoms were added using VMD Automatic PSF Builder

[140]. A waterbox was created around each model to encompass the structure and

allow a 2.8 nm water margin from each side. The salt was added to replace water

molecules until the concentration reached 150 mM and the charge was neutralized.

For simulations with CaCl2, the bound Ca2` in the 1PRS structure was not removed,

and additional Ca2` and Cl´ ions were added to a concentration of 1mM. Structures

were then minimized and equilibrated at constant pressure for 1 ns using NAMD2

Version 2.10b1 [359]. Production simulations were then done for 10 ns at constant

volume.

7.2.5 Modeling refolding kinetics

Kinetics were modeled using the complete three-state folding model of a protein

U
k1

Õ
k2

P
k3

Õ
k4

F

and

U
k5

Õ
k6

F
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which is described by the three ordinary differential equations

dUptq

dt
“ ´pk1 ` k5qUptq ` k2P ptq ` k6F ptq

dP ptq

dt
“ k1Uptq ´ k2P ptq ´ k3P ptq ` k4F ptq

dF ptq

dt
“ k5Uptq ` k3P ptq ´ pk4 ` k6qF ptq

where Uptq, P ptq, and F ptq are the normalized probability of detecting the unfolded,

partially folded, or fully folded state at time t, respectfully. The initial conditions

were such that pU, P, F q “ p1, 0, 0q at t “ 0. The final conditions come from unfolding

where pU, P, F q reflects the proportion of unfolded, partially folded, or fully folded

molecules determined from fully unfolding molecules. Partially folded events were

classified by having a unfolding force less than two standard deviations from the mean

of the unfolding distribution (or the higher mean of the two unfolding distributions in

the case of multimodal distributions). The data for the intermediate time points comes

from refolding experiments using the same classification criterion. The 95% confidence

intervals for these proportions were determined using Binomial proportion confidence

intervals. The three-state folding model equations are solved numerically using a

simplex solver that minimizes the difference between the experimentally measured

and calculated Uptq, P ptq, and F ptq. The simplex solver was run for 500 iterations,

though it converged after 200 iterations. The errors estimated for the rates are from

20 iterations from the simplex solver starting from randomized initial conditions.

7.2.6 Analysis of known protein charge densities

We analyzed the charge density by computing the total charge of a binding site and

dividing by the number of residues in the binding site. A binding site was defined to

include all the known binding residues and the immediate flanking residues. Protein

176



sequence and feature information was downloaded from the NCBI Protein database

using the query “het[Feature key] OR Het[Feature key] OR HET[Feature key] OR

Ca2[Title] OR Calcium[Title] OR ca2[Title] OR calcium[Title]”. The resulting 79,297

data files were parsed for heterogens of the type “CA” and their binding sites located.

The data was analyzed using custom Python scripts utilizing Biopython [360] to parse

GenPept data. Data deduplication was performed by merging entries that contain

the same amino acid sequence and the same binding sites. Entries that had only one

amino acid in the binding were not used for analysis; this procedure resulted in 7,830

entries (list in Supplemental Information). Each of these entries had the total charge

determined using the sequence and the binding site information, computing -1 for

D and E, +1 for R and K, and 0 otherwise. The results for the charge density of each

binding site in each protein is plotted in Figure 7.17.

7.3 Truncated N-terminal domain of Protein S is in equilibrium with
an alternative conformation in absence of Ca2`

To understand how the Protein S domains interact in the multidomain protein, we first

studied the truncated N-terminal and truncated C-terminal domains. The N-terminal

domain truncation (NTD-PS) was made, at the DNA level, by cloning the Protein S

N-terminal domain containing residues 1-88 of Protein S into a construct such that

it would be flanked on either side by three I27 domains from titin [58, 114]. The I27

domains serve as a positive control of full unfolding of the NTD-PS molecule (as long

as at least four I27 domains are unfolded in the force-extension profile) and also allows

unequivocal detection of single-molecule events (if clear unfolding of I27 is seen, it is

likely a single-molecule event and not a multiple-molecule recording).

The NTD-PS molecule was stretched along the N-C pulling geometry through

tethering from the surface to the cantilever tip (Fig. 7.2). A representative force-

extension profile of the unfolding of NTD-PS is shown in Fig. 7.2A in red and the
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Figure 7.1: Cartoon structure of Protein S colored from N-terminus (blue) to C-
terminus (red) in cartoon representation (top) and all-atom sphere representation
(bottom). Figure generated using PyMol [142].

subsequent unfolding of the I27 domains is in blue. It can be seen that NTD-PS

unfolding creates a single peak in the force-extension spectrum. The unfolding of

I27 can be discerned from the unfolding of Protein S since the unfolding forces

and contour-length increments do not overlap (Fig. 7.2B). The crystal structure

measurements indicate that the initial length of each domain is 1.0 nm. Given

that an extended polypeptide provides 0.365 nm of extension [126], the unfolding of

the N-terminal domain should theoretically provide a contour length increment of

0.365ˆ89.5´1.0 “ 31.5 nm which agrees with the measured contour-length increment

of 31.9˘ 3.4 nm (mean ˘ SD), also shown in Fig. 7.3B.

The unfolding forces of NTD-PS indicate that it is less stable than I27 (and hence
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Figure 7.2: (A) Representative force-extension curves from the unfolding of I27-
flanked NTD-PS (truncated N-terminal domain), CTD-PS (truncated C-terminal
domain) and PS (full Protein S). (B) Probability density of peaks having a given force
and contour-length increment for I27 (blue) and Protein S (red). Protein S peaks
can be readily discerned from I27 peaks due to their non-overlapping densities. (C)
Schematic of the unfolding experiment of Protein S flanked by three I27 domains on
either side.

unfolds first) as the peak typically unfold between 40 to 120 pN while I27 unfolds at

207˘28 pN (at 4500 pN / s). Interestingly, the null hypothesis that the distribution of

unfolding forces for the NTD-PS comes from a normal distribution is rejected (p=0.026,

Komolgorov-Smirnov test for normality). The histogram of rupture forces (n = 236

total recordings) of NTD-PS is bimodal and can be fit by two normal distributions

(Fig. 7.3A) with mean ˘ SD of 49˘ 14 pN (55˘ 6% of recordings) and 93˘ 14 pN

(45˘ 6% of recordings).

Why is the force distribution of NTD-PS bimodal? It is possible that the two
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Figure 7.3: NTD-PS distributions for force and contour-length increment in absence
of Ca2` (A,B), in the presence of Ca2` (C,D), and in absence of Ca2` at low pH (E,F).

states could come from transitions induced by the pulling experiment itself [361]. To

test this hypothesis, we conducted experiments at a speed that was 15-fold faster

than previous experiments under the assumption that the faster speed would decrease

any likelihood of conformational changes during the pulling measurements. These

experiments show that the bimodality still exists and that the proportions of states

are not statistically significant from the proportions at the slower speed (Chi-square

test, pą0.05, Fig. 7.4), indicating that the pulling experiment itself has no effect on

the proportions of the recordings with low or high force peaks. While it is possible

that we may need to reach higher pulling extremes to detect the pulling-induced
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Figure 7.4: NTD-PS distributions for force in absence of Ca2` (top), and in
the presence of Ca2` (bottom) for pulling experiments done at a high-loading rate
(216,000 pN/s). Approximately 46˘8% of recordings exhibiting a mechanically weaker
unfolding event and 54˘8% exhibiting a mechanically stronger unfolding event. These
proportions are slightly shifted from the experiments with lower loading rates, but
not statistically significant (Chi-square p¿0.05).

transition, our interpretation is consistent with previous NMR experiments that

identified slow-exchanging intermediates in NTD-PS in equilibrium [357].

Since the bimodality is not an artifact of the pulling experiment we hypothesized

that the lower unfolding force distribution comes from the unfolding of an alterna-

tive conformation of NTD-PS that contains only a fraction of the contacts. This is

supported by the fact that while force-distribution is multimodal, the contour-length

increment distribution is not (Fig. 7.3B). When the measured contour-length incre-

ments are filtered based on the force, the mean ˘ SD of the contour-length increment
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of the low-force distribution (ă 71 pN) is 31.6˘ 2.7 nm and the high-force distribution

(ě 71 pN) is 31.8˘ 2.6 nm, which are not statistically significantly different (p = 0.4)

and also not statistically significantly different than what would be expected for the

full NTD-PS domain (p = 0.6). Since the contour-length increment is unchanged the

structural position of the N-terminal and C-terminal residues of the NTD-PS domain

must be fixed. The fact that the mechanical stability is decreased in the alternative

conformation would imply that contacts are missing in that state compared to the

higher-force state as contact-density highly correlates with unfolding force [362, 185].

The βγ-crystallin proteins are often stabilized by Ca2` [346, 347, 348], and it

is known that Protein S can bind calcium [363] though the location of the binding

sites has not reached a consensus[363, 355]. We hypothesized that the alternative

conformation might be due to charge repulsion, which then could be converted to

a single native configuration by the addition of Ca2` or lowering pH. Interestingly,

the addition of Ca2` produced an unfolding distribution for NTD-PS that was not

bimodal, which had a mean ˘ SD of 90˘ 23 pN (Fig. 7.3C). The effect of Ca2` on

the unfolding modality was also speed-independent (Fig. 7.4). Similarly, the presence

of an acidic environment (pH 3.7-4.4) also has unfolding forces of NTD-PS in a single

distribution at 99 ˘ 23 pN (Fig. 7.3D). In both of these cases, the contour-length

increment matches the unfolding of NTD-PS without CaCl2 (Fig. 7.3B,D,F). Thus, the

presence of Ca2` or an acidic environment acts to convert the alternative conformation

to a single conformation. These observations are also consistent with independent

NMR experiments on the NTD-PS which show that an intermediate is undetectable

in conditions with CaCl2 or an acidic pH [357].
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7.4 Truncated C-terminal domain of Protein S has higher mechanical
stability as compared to the truncated N-terminal domain

The C-terminal domain of Protein S is highly similar to the N-terminal domain with

55% sequence identity and an RMSD between matched Cα atoms of 2.0 Å. Because

of the high similarity, we hypothesized that the truncated C-terminal domain would

also show bimodal distributions of force rupture events due to the presence of an

also similar alternative conformation. A I27-flanked truncated C-terminal domain

(CTD-PS) was used for pulling and a representative force-extension curve of CTD-PS

is shown in Fig. 7.2A.

Figure 7.5: CTD-PS distributions for force and contour-length increment in absence
of Ca2` (A,B), in the presence of Ca2` (C,D).

Contrary to our hypothesis, the unfolding of CTD-PS in the absence of Ca2` shows

a force distribution that is unimodal and not bimodal. The CTD-PS force distribution

can be fit with a single normal distribution with mean and SD of 96˘ 21 pN. This

stability is very similar to the high-force conformation of the N-terminal domain of
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Protein S. The contour-length increment is 31.7˘2.4 which is similar to the calculated

contour-length increment of the C-terminal domain of Protein S indicating that the

full protein unfolds. The C-terminal domain of Protein S also binds Ca2` which

could increase stabilization. In the presence of Ca2` the unfolding force of CTD-PS

increased to 115˘ 17 pN. Though the C-terminal domain has very high similarity to

the N-terminal domain it does not show evidence of a stable alternative conformation

at equilibrium, with or without Ca2`. Instead, Ca2` directly stabilizes the native fold

of the C-terminal domain. Interestingly, In some proteins, proline isomerization may

introduce alternative conformations [364]. Indeed Protein S has twelve prolines which

could assume isomerization states. However since both domains have the same number

of prolines, but only NTD-PS adopts the alternative conformations, we hypothesize

that this effect is not the origin of the alternative conformation. This will be further

tested in future studies.

7.5 Protein S N-terminal domain adopts alternative conformation in
absence of Ca2`

To study the extent to which the truncated domains of Protein S contribute to the

mechanically stability of the full Protein S we performed similar single-molecule force

spectroscopy experiments on the full Protein S (PS) in the presence and absence of

Ca2`. Protein S was flanked by I27 domains and unfolded along the N-C coordinate

by pulling at constant velocity. As can be seen from the representative force-extension

curve shown in Fig. 7.2A, the unfolding occurs in two steps which are denoted ”Peak

1” and ”Peak 2”. The force distribution and contour length distributions for both

peaks in the absence of Ca2` are shown in Fig. 7.6(A-D).

The contour-length increments of Peak 1 and Peak 2 agree with the theoretical

extension of the N-terminal or C-terminal domain, however since the number of

residues in each domain are nearly the same, the contour-length increment cannot
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Figure 7.6: PS distributions of force and contour-length increment for both Peak 1
and Peak 2 in absence of Ca2` (A-D), in the presence of Ca2` (E-H).

be used to accurately assign the unfolding of a particular domain to a peak in the

force-extension curve. To assign Peak 1 and Peak 2 to the unfolding of a particular

domain we tested whether their mechanical stabilities matched that of the truncated

domains. We tested each pair of distributions against one another (under the same

condition of CaCl2) using the null hypothesis that the distributions come from the

same continuous distribution (Fig. 7.7). The null hypothesis was rejected if the

p-value was below a Bonferroni-corrected p-value of 0.05. This analysis shows that

the only cases in which the null hypothesis cannot be rejected are NTD-PS (+CaCl2)

and PS-1 (+CaCl2), NTD-PS (-CaCl2) and PS-1 (-CaCl2), CTD-PS (+CaCl2) and

PS-2 (+CaCl2), and finally CTD-PS (-CaCl2) and PS-2 (-CaCl2). This indicates that

the stability of the truncated CTD-PS domain corresponds to the mechanical stability

of the domain that gives rise to Peak 2 in Protein S and the stability of the truncated

NTD-PS domain has similar mechanical stability to the domain that gives rise to Peak

1 in Protein S. Thus the mechanical unfolding of Protein S begins with the unfolding

of the N-terminal domain and is followed by the unfolding of the C-terminal domain.

The mechanical stability of the N-terminal domain of Protein S (Peak 1), like the

NTD-PS, has a multimodal force distribution for Peak 1 (p = 0.009, Komolgorov-

Smirnov test for normality). The force distribution for Peak 1 can be fit by two normal
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Figure 7.7: Each pair of force distributions are paired and tested using the
null hypothesis that the distributions come from the same continuous distribution
(Kolmogorov-Smirnov test). Pairs that reject the null hypothesis are shown in gray
and pairs that cannot reject the null hypothesis are shown in black. Pairs that do not
have the CaCl2 conditions are untested, shown in white. Similar results were obtained
using the more stringent Anderson-Darling test for comparison.

distributions with mean ˘ SD of 53˘ 8 pN and 82˘ 19 pN (Fig 7.6A). The recordings

with lower force were only a minor fraction of the total recordings, accounting for

34% of all the recordings (n=258). Also similar to the NTD-PS, the presence of

a minor fraction in the force-distribution is absent when the experiments are done

in a solution containing Ca2` ions (Fig 7.6E). These results indicate that the full

Protein S, in the absence of Ca2`, also contains an alternative conformation in the

N-terminal domain, that has similar mechanical stability as the truncated N-terminal

domain (Fig. 7.3A). While the NTD-PS had 55% of recordings in the alternative

conformation, the N-terminal domain in the full PS has only 34% of recordings in

the alternative conformation, likely due to stabilization provided from the C-terminal
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domain. Indeed, the crystal structure shows that the C-terminal domain provides a

Lysine which interacts closely with the N-terminal domain (Figure 7.8), which may

act as a compensating mechanism for increasing stability in absence of calcium.

Figure 7.8: In the absence of calcium, there is a cluster of four negatively charged
residues in the N-terminal domain of Protein S (Glu10, Asp11, Glu70, and Glu71).
The C-terminal domain provides a lysine (Lys104) that may interact with this cluster
in order to provide further stabilization in the absence of calcium.

7.6 Charge destabilized conformation of N-terminal domain confirmed
by molecular dynamics simulations and mutagenesis

Why do experiments show that the truncated N-terminal domain of Protein S has a

stable alternative conformation while the highly homologous C-terminal domain does

not? Though the structures have high similarity, one major difference between the

domains is that the N-terminal domain has a cluster of four negatively charged residues,
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which is absent in the C-terminal domain (Fig. 7.9A,B). Thus we hypothesize that, in

the absence of the C-terminal residues or in the absence of Ca2` in the solution, these

residues may repel and destabilize the loop, resulting in an alternative conformation

where the N-terminal domain loops have a different configuration. The destabilization

of these loops could decrease the mechanical stability of the protein, but would not

affect the contour-length increment since these residues are not part of the beta strands

that clinch the N-terminal and C-terminal residues of NTD-PS.

Figure 7.9: Charge distributions of the N-terminal domain (A) and C-terminal
domain (B)shown in all-atom representation (left) and zoomed in on the residues in
structure (right). All structural representations are aligned, in the same orientation.

We used molecular dynamic simulations to investigate whether the cluster of charge

residues (Fig. 7.9) in the N-terminal domain cause a destabilization of the loops

in the truncated domain, without Ca2`. We monitored the E10 to E70 distance in
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simulations of the truncated N-terminal domain of Protein S with and without Ca2`,

and the N-terminal domain within the full Protein S without Ca2`. To compare

with the C-terminal domain, we also conducted a simulation of the truncated C-

terminal domain and monitored the analogous loop distances between Q100 and P158.

Simulations revealed that only the truncated N-terminal domain in the absence of the

C-terminal domain and in the absence of Ca2` showed a significant deviation in the

loop stability (Fig. 7.10A).

Figure 7.10: (A) Shows the molecular dynamic time trace of the distance between
two loops in Protein S (distance between E10 and E70 in N-terminal domain and
distance between Q100 and P158 in C-terminal domain). Without a C-terminal
domain and without Ca2`, the N-terminal domain (green) clearly has the two loops
repelling from one another. (B) Snapshot of the loop regions of the four constructs.
(same color code as in (A)).

In the simulation of the truncated N-terminal domain without Ca2` the E10 loop
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had been completely repelled away from the E70 loop (Fig. 7.10B). However, for all

other simulations (truncated N-terminal domain with Ca2`, truncated C-terminal

domain, or N-terminal domain in the full Protein S) there was no major conformational

change between the loops. In each case, the loop was stabilized by an increased net

charge. For instance, in the case of the truncated N-terminal domain with Ca2`, we

observed Ca2` transiently bind to the charged residues which prevented loop repulsion.

Also, in the case of the full Protein S, we observed a C-terminal domain lysine (K104)

interact with the charged residues of the N-terminal domain, again supporting the

hypothesis that the multiple domains work in unison as a compensatory mechanism

for promoting stability.

Figure 7.11: Protein S domains sequence alignment. For mutagenesis experiments,
the blue residues of the N-terminal domain were mutated to the red residues of the
C-terminal domain.

To experimentally verify the observation that the charged loop region is responsible

for the alternative conformation we generated a mutant Protein S with the negatively

charged residues in the N-terminal domain converted to their C-terminal domain

counterparts, namely D11Q, E70P, and E71T. The mutations for disrupting the

charge repulsion site where determined through alignment between the N-terminal

domain of Protein S and the C-terminal domain of Protein S shown in Fig. 7.12. The

highly charged site site of the N-terminal domain (in blue) was then converted to the

corresponding residues in the C-terminal domain (in red) so that the final Protein S

mutant would have the D11Q, E70P, and E71T mutations. The sequence homology

after the mutation increased from 55% to 59%.
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Figure 7.12: Protein S D11Q, E70P, and E71T was pulled and the rupture force was
measured, without calcium, for Peak 1 (A) and Peak 2 (B). The same measurements
were done with calcium for Peak 1 (C) and Peak 2 (D).

We performed force-spectroscopy on this mutant and measured the distribution of

unfolding forces (Figure 7.12). We observed that the mean unfolding force for Peak 2

was unaffected by this mutation (Student’s t-test, p = 0.09 and p = 0.30 with and

without added Ca2`, respectively), which indicates that Peak 2 likely corresponds

to the unfolding of the C-terminal domain, as in wildtype, and that the mutations

on the N-terminal domain have no effect on the C-terminal domain. Interestingly,

the unfolding force distribution for Peak 1 lost all bimodality without Ca2`. This

indicates that the residues 10-11 and 70-71 in the wildtype Protein S are likely the

source of the instability that leads to an alternative conformation.

7.7 Speed of Protein S refolding is calcium-dependent

We examined the calcium dependency for refolding of the full Protein S using force-

spectroscopy cyclic-pulse experiments [282, 58]. Using a smaller extension, the molecule

was stretched enough to unfold only Protein S and upon retraction the tip was moved

10-20 nm away from the surface to prevent surface interaction. Then subsequent
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extension/retract cycles were enacted with a specified time delay in between each

pulse which varied between 100 milliseconds to 10 seconds (plus an additional 260

ms from the deadtime during relaxation). During this time delay the protein can

spontaneously refold. Refolding is detected by a subsequent unfolding pulse which will

probe the conformation reached in the time interval. As can be seen in Fig. 7.13, the

longest refolding time (10.3 seconds) has the higher probability of showing refolding

as judged by the force-extension resembling that of a natively folded protein. The

smallest time delay corresponds to almost no fully folded proteins (no force peaks in

the force-extension curve.

The presence of an alternative configuration from the refolding was quantified

using the previously determined force distributions (Fig. 7.6). Any force rupture event

that is at least two standard deviations from the mean of the previously determined

force distributions of Peak 1 and Peak 2 is selected as an event in which the domain

reached its native state. For Peak 1 without CaCl2 the normal distribution with

higher mean was used to determine the cutoff. The types of recovered events can then

fall into one of the following six categories defined by the number of peaks and the

rupture force of each peak: 1) No unfolding events, 2) One low-force event (defined by

the previously characterized force distributions in Fig. 7.6), 3) One normal event, 4)

Two low-force events, 5) One low-force + one normal event, 6) Two normal events. In

this taxonomy 1) indicates ”fully unfolded” while 6) indicates ”fully folded” and 2)-5)

indicate alternative conformations which we refer to as ”partially folded”.

Refolding experiments were performed in the presence of or absence of CaCl2 at

five different total refolding times – 360 milliseconds, 0.8 seconds, 1.3 second, 3.3

seconds, and 10.3 seconds. A pie chart for the taxonomy of recovered events is shown

in Fig 7.14. All six of the possible events were detected as shown in Fig. 7.14 with

overlapped examples of the extension recordings after refolding (red) shown over

examples of a normal Protein S unfolding without refolding (blue). These results show
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Figure 7.13: Force-extension curves obtained from refolding experiments on Protein
S. The force-extension in red shows the extension and in blue shows the retraction
for a particular molecule. Each column is a single experiment starting with the first
extension and retraction (bottom) and then each subsequent extension and retraction
after a designated amount of time (0.1, 1, or 10 seconds). The number of domains
that appear increases with the time delay.

that the presence of CaCl2 increases the rate of refolding as the number of fully folded

Protein S molecules is much higher at shorter delays with the addition of CaCl2.

Interestingly, there is a small fraction of events in conditions with, and without,

Ca2` which show two small peaks (#4 in taxonomy, cyan in Figure 7.14). This

force-extension recording is only possible if both the N-terminal domain and the

C-terminal domain adopt a less stable alternative conformation during the unfolding.

The alternative conformation is likely very similar in both cases because the contour-

length increment obtained is the same as it is for the native protein. However, it

193



Figure 7.14: Statistics from the refolding experiments on Protein S. Six types of
events were observed shown in (A) with examples in red overlayed the normal unfolding
of Protein S (blue). The proportions of each type are shown in (B) with CaCl2 (left)
and without without CaCl2 (right). All proportions have 95% confidence intervals
between ˘5% and ˘10% of the stated value (Binomial confidence intervals).

is clear from the previous measurements that at equilibrium the presence of the

C-terminal domain alternative conformation is never observed (Fig. 7.5A and Fig.

7.6C,G). Thus these refolding experiments indicate that both the N-terminal domain

and the C-terminal domain may transiently sample the alternative conformation

during refolding. These observations suggest that the alternative conformations of

the N- and C-terminal domains may possibly be folding intermediates; however, this

warrants further investigation.

To better understand the effects of Ca2` on kinetics, we modeled the refolding as a

three-state system, where the states 2)-5) in the taxonomy represent a partially folded

ensemble of conformations that may transit to the fully folded state (#6 in taxonomy)

or transition from the unfolded state (#1 in taxonomy) we can describe the kinetics
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Figure 7.15: (A) and (B) show the complete three-state kinetic model fits for Protein
S folding with (A) and without (B) CaCl2. Solid lines indicate the model fit, while
the the dots correspond to experimentally measured proportions of molecules with
standard deviation. Equilibrium measurements come from unfolding results (Fig. 7.6).

by the three-state process (see Experimental procedures). The refolding experiments

provide time points for 0.3 to 10.3 seconds and the proportion of recordings calculated

to be in the folded state or partially folded from unfolding at equilibrium can be

considered to be at a time point of 8. These data can be fit by a model of kinetics

that uses three coupled ordinary differential equations (Figure 7.15, see Experimental

procedures).

Under the simple complete three-state model (detailed in Experimental procedures),

the fit kinetics for Protein S without CaCl2 is

U
0.5˘ 0.04

Õ
9˘ 3ˆ10´3

P
3˘ 0.8ˆ10´2

Õ
8˘ 6ˆ10´3

F

U
5˘ 3ˆ10´2

Õ
8˘ 7ˆ10´3

F.

The fit kinetics for Protein S with CaCl2 is

U
0.7˘ 0.04

Õ
8˘ 6ˆ10´3

P
0.1˘ 0.02

Õ
6˘ 4ˆ10´3

F

U
0.1˘ 0.05

Õ
2˘ 3ˆ10´4

F.
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As described previously, U is unfolded, P is partially folded, and F is fully folded

(all rate constants are in units s´1). The errors shown are standard deviation from

iterations from a randomized seed of the simplex algorithm fitting (Experimental

Methods).

These kinetics indicate that the presence of Ca2` increases the PÑF transition rate

and may decrease the FÑU transition rate which implies that the native states may

be stabilized with Ca2` and the barrier to the folded state diminished (Figure 7.15).

However, we note that since our data has no information about the interconversion

between the states #2-#5, so we cannot rule out a higher-order model incorporating

more states. Also the unfolding rates determined here imply a waiting time much

longer than the timespan of our experiment, so these rates should be viewed as upper

limits on the unfolding rate. We are further investigating this kinetic scheme using

stop-flow measurements and force-clamp spectroscopy.

7.8 Configuration of Protein S alternative conformation

How do we interpret the nature of the alternative conformations for both the PS

N-terminal and C-terminal domains? To obtain a possible interpretation we used

coarse-grained simulations which can simulate topological and energetic factors to

compute probable transition states of proteins [323, 365]. The protein was modeled as

a Cα model [322] and denatured at a high temperature. The temperature was then

quenched to a folding temperature (see Experimental procedures) and the folding

was quantified by the percent of native contacts. Refolding proceeds either from the

N-terminal domain first or C-terminal domain first, but results for the transition states

for both were similar as shown in Fig. 7.16.

The configurations in between the unfolded and folded state (percent of native

contacts between 25% and 60%) showed a distinct configuration consisting of five of

the core beta-strands in the beta Greek key fold. The results were similar for the

196



N-terminal domain and C-terminal domain. In both cases, the beta strands on either

end of a domain were in the native state, thus clinching the protein into a meta-stable

fold. This structure, if measured using force-spectroscopy would reveal a contour

length increment of the entire protein (since the end beta strands are clinched) and

would likely rupture at a force that is lower than the normal rupture force of the

domain due to the lack of a fully native configuration.

Though charge is not represented in the coarse-grained model, it can be seen that

the charged residues of the N-terminal domain (residues 10-11 and 70-71) do not

form during the transition state (Fig. 7.16B). The fact that these residues only form

after the core of protein folds may indicate why these residues only have a minor

influence on the N-terminal domain, to decrease the mechanical stability slightly.

Thus, the interpretation of these simulations have qualitative agreement with the

force-spectroscopy measurements of the alternative conformation and also provide

new evidence to support previously hypothesized folding routes of a single domain of

Protein S [357].

7.9 Summary

Here we study a calcium-dependent, multidomain protein from the βγ-crystallin family,

Protein S, to ascertain, for the first time, the interaction between protein domains

and calcium-dependence of its folding and unfolding pathways. Using single-molecule

force-spectroscopy (SMFS) we found that Protein S exists in two stable conformations

in the absence of Ca2`: a mechanically strong native conformation and a mechanically

weaker alternative conformation. Through mutagenesis experiments and computer

simulation, we determined that the alternative conformation resides in the N-terminal

domain and is caused by a structural instability due to intra-domain charge repulsion

in a high density cluster of negatively charged residues. The alternative conformation

becomes undetectable in the presence of Ca2` or acidic pH, as the cluster of negatively
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charged residues becomes partially or completely neutralized. Interestingly, the

equilibrium between conformations shifts from the alternative conformation to the

native conformation when the C-terminal domain is present, as a C-terminal lysine

partially neutralizes the negative charge in the N-terminal domain, in the absence of

calcium (Figure 7.8). These data offer three significant observations and conclusions.

Firstly, unlike in other multidomain proteins, the alternative conformation of

Protein S is not a molten globule - rather, it is a highly structured, mechanically stable

state. In protein evolution, and in protein design, a cluster of negatively charged

residues can coordinate metals which, generally, will promote stability, by creating

new strong ionic bonds between distant residues. However, many proteins that have a

cluster of negatively charged residues are found to be unstable in the absence of a metal

[349, 350, 351, 352, 366, 367, 368, 369] - likely due to the charge repulsion. Similar

to Protein S, this charge induced instability manifests itself in a lower mechanical

stability [370]. This instability can be alleviated by mutating the electronegative

residues to neutral residues, which consequently increases the protein stability in

the absence of calcium, such as what we observed in Protein S and what has been

observed elsewhere [366]. However, the most frequent observation from studies on

calcium-binding proteins is that the absence of metal produces a “molten globule”

[353, 368, 369, 371]. Our data shows that, instead of a molten globule, the alternative

conformation is defined by a consistent mechanical stability and the contour-length

increment following its mechanical denaturation remains the same as for the native

ensemble (Figure 7.3). It is tempting to speculate that the “molten globule” structures

observed in bulk measurements, in the absence of metal ligand, may actually preserve

some residual structures that could be identified through SMFS measurements.

Secondly, we discovered a compensatory mechanism in Protein S which provides

stability in the absence of calcium. This compensatory mechanism seems to be only

available to multidomain or multimeric proteins: the C-terminal domain of Protein S

198



has a lysine that binds to the charged pocket of the N-terminal domain (Figure 7.8).

Simulations showed that this lysine prevents destabilization of the N-terminal loop

(Figure 7.10), while experiments show that the C-terminal domain helps to shift the

ensemble from 55% in the alternative conformation (Figure 7.3) to only 34% in the

alternative conformation (Figure 7.6) in the absence of calcium. This mechanism is a

novel property that multidomain proteins may have evolved to provide another level

of stability control, especially in the absence of calcium.

Thirdly, there are many multidomain proteins that have exceptionally electroneg-

ative binding sites, similar to Protein S. These binding sites are designed to allow

proteins to buffer calcium levels [334] or for producing conformational changes that can

stimulate cellular signaling [332]. An analysis of all known calcium-binding proteins

(Experimental Methods) shows that only 1% of all known calcium binding proteins

have sites with charge density similar or higher than the site on the N-terminal domain

of Protein S (Figure 7.17, a full list is in the Supplemental Information). These

proteins with highly charged binding sites share common biological functions for

conformational switching or calcium titration, for example: calsequestrin [372], human

Hsp70 [373], and a Na+/Ca2+ exchanger binding domain [374] have a similarly high

charge density binding pocket as Protein S. Many of these proteins with exceptionally

electronegative binding sites have already been reported to harbor great structural

instability in the absence of calcium [373, 372, 374, 368, 369, 375, 371, 376] or have

increases in folding speed due to calcium [377]. Since many of these proteins are also

multidomain, our results on Protein S may apply to many of the proteins with high

charge density sites.

Calcium binding is one of the most important and ubiquitous mechanisms for

signaling, which is maintained through a variety of proteins, especially multidomain

proteins. Through Protein S we have shown that there exists a multitude of ways to

modulate calcium-binding through sites of high charge density and domain-interactions.
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Since the majority of proteins are multidomain, we speculate that these mechanisms

of interaction may be highly prevalent and help to avoid aggregation-prone “molten

globules” and instead allow well-defined conformational ensembles in the unbound

state.

200



Figure 7.16: Simulations indicate an interpretation of the alternative conformation.
(A) Two examples of the transient partially folded state obtained when the N-terminal
domain folds (left) or when the C-terminal domain folds (right) where there is transient
state at which 25% and 60% native contacts are formed. The contact maps for the
N-terminal intermediate (B) and the C-terminal intermediate (C) are shown, colored
by the relative frequency of interaction. The structures are colored to show the
alternative conformations where colored residues represent secondary structure that is
present at least 50% of the time.
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Figure 7.17: The charge density of each binding site, and flanking residues, of all
known calcium-binding proteins is plotted (more details in Experimental Procedures).
The charge density of the binding site in the N-terminal domain of Protein S (-0.66)
is higher than 99% of all known proteins. In contrast, the charge density of the
C-terminal domain is neutral.
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8

Conclusions

In the cases in which we know of no intermediate or transitional states,

we should be very cautious in concluding that none could have existed. -

Charles Darwin, in The Origin of Species [378].

Protein science began with the hypothesis that all proteins were derived from a

single, special molecule that might hold the key to life [4] (Chapter 1.1). This field has

since substantially evolved, as we now know that there exist millions, if not billions, of

different proteins, and none of them are exactly the same. Also, we now understand

that proteins are made from a linear chain of amino acids that later self-assembles

into a stable structure, the functional state, through a series of intermediate steps that

is called “folding.” And, though it is widely understood that folding takes place due

to fundamental laws of physics (namely the competition between the conformational

entropy and the energy from making hydrogen bonds and salt bridges), the process of

folding still cannot be systematically predicted from any computational means the

folding process is virtually unknown for almost all proteins. The question “how do

proteins fold?” that was first posited almost one hundred years ago, is still one of
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the most important scientific questions today. The answer to this question would

invariably lead to the ability to specifically design drugs to protein intermediate

states which would drastically and fundamentally change the way therapeutics can be

derived.

This thesis hopefully illustrates, using a few model proteins, that there also exist a

multitude of intermediate states which can be readily observed using a combination of

single-molecule force-spectroscopy and computer simulations. While this approach, in

general, is still unable to resolve all atomistic details of the intermediate states, it is

an important step and novel contribution to understanding coarse-grained dynamics

of protein unfolding and protein folding. The combination of these model proteins

has provided for some key insights which are summarized below.

8.1 Elimination of roadblocks to single-molecule studies by AFM

Single-molecule studies are vastly useful, though inherently slow because they rely

on sophisticated equipment and huge inputs of time in order to get a single piece

of data. In my thesis, I have shown that experiments for single-molecule force-

spectroscopy on the atomic force microscope need not be slow or tedious. I successfully

implemented automation routines in LabView that enable automatic data acquisition

during experimentation, which allows a single scientist to conduct multiple experiments

simultaneously (Chapter 3.2.2). This allows one to collect many more datapoints, or

perform many more experiments on different molecules. In the future I will continue

to optimize the LabView software for experiments by collaborating with a programmer

to produce a new, open-source AFM software that provides much higher reliability

and stabilization to the AFM experiments. These designs should also provide the

ability to do force-clamp experiments and asymmetric force-ramp experiments, which

previously were not available.

The process of parallelization inevitably removes one bottleneck and then creates a
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new one further down the pipeline of scientific discovery. In this case, the parallelization

of the experiments led to a deluge of data which required new analysis software for

automatic analysis. I was able to lessen this second bottleneck by improving on the

software used in AFM experiments, namely by creating novel protocols for automatic

peak detection for systematic and unbiased analysis (Chapter 3.4.6). I hope to continue

these efforts as well, as I have been creating new implementation for clustering and

cataloging force-extension curves which would eliminate much of the need for a human

researcher to select and detain curves based on heuristics.

Finally, the AFM experiments require a tool that can be expensive to buy com-

mercially and difficult to maintain for homemade solutions. To solve these issues, I

designed a schematic that can be used to quickly and efficiently build the electronics

for an AFM experiment. These schematics are simple, so they are fast to implement

(a new AFM can be built in hours instead of days/weeks), and they are also much

easier to troubleshoot (Chapter 3.2.2). Such an improvement is a useful step for

other AFM researchers or enthusiasts who wish to build their own hardware for a

commercial AFM head. I hope to further improve this hardware by adding more

sophisticated equipment, such as a lock-in amplifier, which may help reduce noise in

an AFM system.

8.2 Inter-domain dependence on protein folding

The second major aspect of this thesis is showing the previously mostly ignored

inter-domain dependence on protein folding which can manifest itself in different ways.

Most proteins are multidomain, but the interaction between the domains is hardly

known for almost all proteins. Yet, these domain-domain interactions (or quaternary

structure) may be crucial toward protein functionality and the prevention of instability

that may lead to aggregation and disease.

The first aspect of inter-domain interactions on protein folding was seen in Lu-
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ciferase (Chapter 4 and Chapter 5). Luciferase was observed to not refold, unless

the N-terminal domain was folded. Simulations corroborated this view, that the

N-terminal domain was the foundation of the structure which then allowed fast and

efficient refolding. This type of interaction provided a novel observation: a folded

domain of a multidomain protein can possibly catalyze the folding of the protein. In

the case of Luciferase, it is absolutely crucial to fold the N-terminal domain; but this

is easily done as it folds cotranslationally and thus catalyzes the rest of the folding

process. It is likely that all proteins fold cotranslationally, so evolution may have

produced similar properties in all proteins - that the N-terminal may catalyze folding

in some aspects - if evolution sought to preserve highly stable folding proteins. I

hope to continue investigating Luciferase, to test how its individual domains refold

and whether there are similar effects for the C-terminal to catalyze the folding of the

N-terminal domain.

The study of Protein S (Chapter 7) and Streptavidin (Chapter 6) have also showed

specialized dependence on multidomain interactions for folding. I have termed these

interactions “compensatory mechanisms” that essentially provides compensation to the

mechanical stability or prevents instability. In the case of Protein S, the C-terminal

domain provides a Lysine residue which neutralizes a negatively charged site on

the N-terminal domain, thus preventing instability. In the case of Streptavidin, a

tryptophan from a neighboring subunit provides the mechanical stabilization during

tetramerization with biotin. In both cases, the presence of the other domain interacts

to provide extra stability which is an important feature of stable and functional

proteins. I hope to continue studying these domain interactions, especially for Protein

S, which is a model system that can be perturbed in many different ways to modulate

the charged interaction between the domains and study the prevention of instability.
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8.3 Mechanical stabilization through ligands and multimerization

Another theme of this thesis is that the mechanical stabilization of proteins occurs

in distinct ways through their ligands or multimerization. Most interestingly, the

multimerization of Streptavidin (Chapter 6) provided mechanical stability with a

strict linear dependence on the number of native contacts. This stability from

multimerization can even be predicted in a systematic way if the crystal structure is

known. This information is highly useful for building protein-based materials that are

designed with specific nanomolecular interactions.

The presence of a ligand, such as in Protein S, Luciferase, and Streptavidin, usually

elevated the mechanical stability of the protein. However, in the case of Luciferase,

the ligands actually changed the unfolding pathway - likely due to stabilization of

subdomains within Luciferase because of the interaction with ligands. This was a fas-

cinating result and necessitates further investigation by mutagenesis experiments, and

it might allow specific and systematic mapping of the ligand-modulated subdomains

of multidomain proteins. Since many multidomain proteins are used in drug discovery

and as drug targets, understanding modulation of the unfolding pathway by ligands is

of great medical importance. In the future I would also like to continue investigating

these aspects of ligand-binding pathway modulation.

8.4 Atomistic structure of the intermediate states involved in protein
folding, in vivo

The most ambitious part of this thesis is the steps to possibly uncover the atomistic

details of the folding process, in vivo. These studies began with Luciferase, which is a

model protein as it is known to undergo cotranslational folding, in vivo. Though I was

unable to perform experiments on the ribosome, I was able to learn new information

about the folding process of Luciferase - namely that it necessitates the folding of
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the N-terminal domain to catalyze the folding of the protein. I then used carefully

planned and systematic truncations of the Luciferase protein along its folding pathway

to help delineate real intermediate structures in its pathway (Chapter 5). These types

of studies help to provide support for folding-based simulations which can provide

folding pathways but which cannot provide their authenticity.

Similar to Luciferase, I also investigated the folding pathway of Protein S and

determined intermediate states that are encountered along the folding route (Chapter

7). These intermediate states are consistent with experiments on the refolding of

Protein S, but direct observation of the intermediates is still lacking. I hope to augment

this by performing new studies on mutated versions of Protein S that bias the protein

towards the intermediate state.

Though difficult, there is much to be gained by understanding the atomistic

structure of intermediate states in protein folding. Ultimately, it would allow numerous

targets for designing therapeutics for treating disease. Also, a better understanding of

how proteins fold in vivo, i.e. if through cotranslational folding processes, may finally

provide the key in which the full understanding of the physical processes determining

folding so that the intermediate states themselves can easily be predicted through

computational or theoretical means.

8.5 Summary

In my thesis I conducted novel investigations using experiment and simulation to

probe the unfolding and folding of large, multidomain proteins that have special

interactions with their domains and with their surroundings. Though this research

was done for the pleasure of discovery, the real tangible benefit of this research is to

better understand the intermediate steps in the protein (un)folding pathway which

may lead to better methods for systematic protein structure prediction and design of

therapeutics to target molecular diseases. While no single thesis may ever provide
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the definitive answer to the question of “how do proteins fold?”, this thesis provides

numerous new insights, observations, and hypotheses which will serve well for fueling

the empirical cycle of the scientific method for future work to thoroughly and finally

address this unresolved question.
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Appendix A

Nanomolecular Kinematics

A.1 Introduction

There are three main observations that separate the physics of the macroscopic world

- that we normally experience - from the physics of the nanoscopic world inhabited by

proteins. These observations are succinctly described by Dr. Steven Chu’s “laws of

microscopic physics” which attempts to complement the laws of nanoscopic bodies

using Newton’s laws of classical physics [379]:

Newton’s Laws (macroscopic) Chu’s “Laws” (nanoscopic)
1. An object in motion, stays in motion. An object in motion will quickly

come to rest.
2. An object at rest, stays at rest. An object at rest will have no net

motion, but will jiggle constantly.
3. F “ ma F “ γv where γ describes the vicious

drag.

While Newton’s laws will always apply, Chu’s “laws” are really a summary of

the predominant effects that take place in nanometer sized bodies. Chu’s first law
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summarizes the flucuation-dissipation theorem. In the early 19th century, Robert

Brown observed that nanomolecular inorganic particles in a microscope were able to

move on their own [380]. The phenomenon came to bear his name, Brownian Motion,

and it led to formulation of a mathematical foundation [381, 382] which was later

verified experimentally [383] and now seen as the first unequivocal evidence of the

discontinuous nature of matter. This movement occurs because, on the nanoscale, the

temperature of the system is generally capable of providing energy to break bonds

and creating movement. In 1928, Harry Nyquist, formalized these notions as part

of the flucuation dissipation theorem which dictates that when a process disspiates

energy into heat (like an inorganic particle with frictional dragging through a fluid),

then there is a reverse process related to the thermal flucuations.

Chu’s second law summarizes the idea that in nanoscale environments, the environ-

ment his highly dominated by friction instead of the inertial forces that dominate in

the human world. The Reynold’s number captures the divergence between the human

and nanoscale world, where the Reynold’s number is defined as: Re “ av
ν

where a

is the typical dimension (radius), v is the velocity, ν is the kinematic viscosity [384].

Our typical intuition deals with things that have dimensions on the order of 1 m and

speeds on the order of 1 m{s which with the kinematic viscosity of water being 10´2

cm2{s gives Re ąą 1. However, it immediately becomes apparent that with dealing

with proteins (a „ 10´8 m and v „ 10´10 m/s) or even bacteria, then the Re ăă 1.

The manifestation of the low Reynolds appears in the the Navier-Stokes equation of

flow (here rewritten in terms of the Reynolds number):

∇P

η
`∇2v “

Re

av

ˆ

Bv

Bt
` pv ¨∇qv

˙

. (A.1)

The terms that dictate the inertial dependence become negligible and the viscous

forces become dominant. These forces are drag forces and they are proportional to the

velocity. These types of kinematics are not ordinary in our macroenviroment, unless
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you were to trying to sail a boat through a vat of honey. These two key concepts were

necessary for the eventual discovery of equations relating the reaction rates of protein

molecules and their response to force.

A.2 Model-independent forced-unfolding kinetics

In forced-unfolding experiments we measure the force as a protein is being extended.

The force-extension of a given molecule can be used to determine the work of the

stretching process. In theory, many of these force-extension curves can be used to

explicitly determine the free energy profile of the forced-unfolding prcoess. Jarzynski’s

identity [385] gives a direct relationship between the free energy and average Boltmann-

weighted work of a given process

exp

ˆ

´
∆G

kBT

˙

“

〈
exp

ˆ

´
W

kBT

˙〉
. (A.2)

However, in practice, it is very difficulty to apply this equation to unfolding [386, 387,

388, 389]. Force-spectroscopy is very time-consuming so typically only hundreds of

measurements on a given molecule are obtained (at best). This makes the calculation

of the free energy difficulty to do at high accuracy since it requires taking an average

of an exponential quantity. However, this is a generally applicable method that works

for many simple cases of forced-unfolding.

Thus, in single-molecule force-spectroscopy, experiments tend to try to approximate

the unfolding rate and the refolding rate which can be later used to calculate the free

energy barrier to these rate-activated processes. The unfolding rate can be determined

by the forces of unfolding at different loading rates and then extrapolated to zero-force

using specified models (discussed in detail later). The refolding rates can be determined

by using double-pulse protocols and fitting the probability of domain resurgence in

the force-extension profile when the time delay between pulses is varied (discussed in

Chapter 2.2.3).
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A.2.1 Protein unfolding as a first-order Markovian kinetic scheme

A simple, but effective, model-independent way of determining the force dependence of

unfolding rates has been derived by Evan Evans and colleagues [276, 390] and later by

Olga Dudko and colleagues [327]. The spontanteous unfolding of a protein is assumed

to be a Markov process, such that the unfolding depends only on the factors at a given

time and not the previous history of events. We also assume that the rupture event is

a quasi-adiabatic process, which implies that the characteristic time of relaxation of

the system in the folded state is much faster than the escape over the barrier. The

probability that a molecule undergoing a transition is simply

dPfoldedptq

dt
“ ´kunfPfoldedptq (A.3)

where Pfoldedptq is the cumulative probability distribution for the probability that a

molecule remains folded at time t and kunf is the characteristic unfolding rate.

However, when the molecule is further perturbed by a time-dependent force, then

the unfolding rate also becomes dependent, kunf “ kunf pF ptqq, so

dPfoldedptq

dt
“ ´kunf pF ptqqPfoldedptq. (A.4)

Force-spectroscopy measurements naturally deal with force, so it is useful to use

a change of variables to collect these quantities in terms of the force, F ptq, which is

most important to the molecular state so,

BPfoldedpF ptqq

BF

BF

Bt
“ ´kunf pF ptqqPfoldedpF ptqq. (A.5)

A.2.2 Force-spectroscopy experiment measurements

Before proceeding with the kinetics, its useful to understand the mathematics behind

the constant-velocity force-spectroscopy experiments (of subject throughout the thesis).
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In this type experiment, a polyprotein is being pulled by a cantilever while the cantilever

moves away from the substrate at constant velocity.

There are two observables from the AFM experiment: firstly, there is the distance

between the base of the cantilever and the surface of the substrate as measured by the

piezo electric device zpt̂q. Secondly, the deflection of the cantilever, δpt̂q, is measured

as it flucuates or is perturbed by a resistant protein. Both of these observables are

recorded over the course of the experimental time, t̂. Note that this experimental

time t̂ is not the same as the time t in equation A.5. The experimental time increases

monotonically during the experiment, while the time t is specific lifetime of the

molecule of interest.

When the experiment starts, at t̂ “ 0, the base of the cantilever (which has no

deflection) moves with velocity v until the experiment reaches a specified relative

distance from the substrate, zpt̂q. The distance between the base of the cantilever and

the substrate is always given by simply

zpt̂q “ vt̂. (A.6)

The measured deflection, δpt̂q, can be converted to the biologically relevant force

using Hooke’s law,

F pt̂q “ kcδpt̂q (A.7)

where kc is the spring constant of the cantilever in use. This force is essentially the

tension applied to the pulled molecule.

When a molecule adsorbs to the cantilever tip while attached to the substrate, it

will resist the force according to its physical properties. A simple polymer will balance

the entropic and enthalpic and external forces so that it extends a force-dependent

amount, xpF pt̂qq. This molecule will thus affect the deflection of the cantilever. The

molecular extension and the deflection of the cantilever must always sum to the total
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relative distance between the base of the cantilever and the substrate,

zpt̂q “ δpt̂q ` xpF pt̂qq. (A.8)

The form of xpF pt̂qq will be discussed later on.

A.2.3 Derivation of the loading rate

In order to solve for the Markovian kinetics of the folding probabilities in equation

A.5, we will need a solution to the loading rate, BF
Bt̂

. It can be given using equation

A.7, and then substituting equation A.8 and equation A.6 to get

BF

Bt̂
“ kc

Bδpt̂q

Bt̂
“ kc

˜

Bzpt̂q

Bt̂
´
Bx

`

F pt̂q
˘

Bt̂

¸

“ kc

ˆ

t̂´
Bx pF q

BF

BF

Bt̂

˙

. (A.9)

As can be seen in equation A.9, the presence the molecular extension means that the

loading rate will be a function of the loading rate itself. Rearranging equation A.9

gives

BF

Bt̂
“ v

ˆ

1

kc
`
Bx pF q

BF

˙´1

(A.10)

which is the force-balanced equation of the loading-rate at constant velocity. For a

typical protein, the linkers in the protein tend to behave like a worm-like chain so that

the function x pF q is WLCpF q. However, solving the worm-like chain is analytically

intractable. Still, a highly accurate approximation has been derived [187] that can be

used for molecular extensions that behave like a worm-like chain,

BF

Bt̂
“ v

„

1

kc
`

2βLcpp1` βFpq

3` 5βFp` 8pβFpq5{2

´1

(A.11)

where the parameters are associated with the worm-like chain: β for 1{kBT , p for the

persistence length, and Lc for the contour-length. Fortunately, here the experimental
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time dependence is completely eliminated and the force loading rate can simply be

calculated by knowing the contour-length of the protein, which is easily measured

from the force-extension plot.

A.2.4 Force-spectroscopy observables

The utility of equation A.5 lies in finding force-spectroscopy observables that can be

used to describe the probability distributions. In fact, as pointed out by Evans et al

[276, 390]. and later by Zhang et al [327]., there is a clever rearrangement of equation

A.5 that will make this practical. To see this, we can first solve for the unfolding rate

in equation A.5,

kunf pF q “ ´
1

PfoldedpF q

ˆ

BPfoldedpF q

BF

BF

Bt

˙

. (A.12)

The probability of remaining folded at some force, PfoldedpF q, is directly related

to a experimental observable of how many events “survive” past a given force. A

set of experiments will yield hundreds of rupture force measurements. One can sort

the rupture forces in increasing order and then compute the inverse of the estimated

cumulative distribution across bins of size ∆F so that

PfoldedpF q “ NfoldedpFkq{Ntotal (A.13)

where NfoldedpFkq are the number of molecules that are still folded in force bin Fk and

Ntotal is the total number of rupture forces.

The change in the cumulative probability distribution of being folded,
BPfoldedpF q

BF

also has an experimental observable by transforming to a probability density. Note that

BPfoldedpF q

BF
is equivalent to

Bp1´PunfoldedpF qq

BF
. By definition, the derivative of a cumulative

probability distribution is equal to the probability density, so that

BPfoldedpF q

BF
“
Bp1´ PunfoldedpF qq

BF
“ ´

BPunfoldedpF q

BF
“ ´punfoldedpF q (A.14)
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where punfoldedpF q is the probability density of being unfolded at force F . This quantity

is easily extracted from experimental observables through a normalized histogram of

unfolding forces,

punfoldedpF q “
NunfoldedpFkq

Ntotal∆F
(A.15)

where NunfoldedpFkq are the number of rupture events that fall into bin Fk with a bin

size of ∆F .

Finally, combining equations A.15, A.14 and A.13 into A.12 gives a simple equation

for force-dependent loading rate,

kunf pF q “
NunfoldedpFkq

NfoldedpFkq∆F

BF

Bt
(A.16)

which is entirely dependent on force-spectroscopy observables from constant-velocity

experiments.

Thus we have a simple transformation of unfolding forces to force-dependent

unfolding rates. However, we are interested in the zero-force unfolding rate which

must still be extrapolated by a reasonable model. In the rest of this appendix I will

detail the development of such models.

A.3 Theory of kinetic rates (no force)

It is instructive to begin with the history of chemical kinetics to determine the

relationship to forced unfolding kinetics. The field of chemical kinetics had its start

with chemical equilibrium developed by Jacobs van ’t Hoff (1852-1911). Jacobs van’t

Hoff was a Dutch chemist working on determining the relationship equilibrium of water

splitting and changes in temperature. He won the first Nobel Prize for his various

contributions which constitute the foundation of modern physical chemistry. Among

his many accomplishments, he successfully described the temperature-dependence of
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water splitting using the enthalpy of the reaction , ∆H,

δ lnKeq

δ p1{T q
“ ´

∆H

kB
(A.17)

which is famously known as the Van’t Hoff equation [391].

Van’t Hoff had a contemporary named Svante Arrhenius (1859-1927) who would

later receive two Nobel Prizes for his work on electrolytic theory of dissociation (1903)

and organic dyes (1905). He also discovered the greenhouse effect, and predicted global

warming from burning fossil fuels, although he was, unfortunately, an advocate for

development of Racial Biology institutes. Arrehnius was puzzled by the observation

that chemical reaction rates generally double for every 10K increase in temperature.

Arrhenius was inspired by the Van’t Hoff equation and theorized that for a given

reaction there could be a transition state separated by energies Ea, Eb which are

surmounted at a rate of kf and kr respectfully. Arrenhius assumed that these reaction

rates are related to the chemical equilibrium by Keq “ kf{kr and that the enthalpy is

related to the difference in energies of the barriers ∆H “ Eb ´Ea. By integrating the

Van’t Hoff equation with these new variables gives

kf “ A ¨ expp´∆E;a{kBT q. (A.18)

which is now known as the Arrhenius equation [392]. The prefactor, A, was an

empirical parameter that determined the ’attempt frequency’ to cross the barrier, but

the analytical origin of this factor was unknown. Even so, Arrehnius’ equation was

very successful for describing reaction rates for Hydrogen Iodide reactions.

Interestingly, reaction rate theory did not change much until the development of

statistical mechanics which allowed for a more precise treatment of stochastic processes.

When statistical mechanics was developed, Henry Eyring (1901-1981) quickly realized

the connection to reaction rates. Eyring was working to develop a derivation fo the

rate of decomposition of a nonlinear molecule consisting of n atoms [393] when he
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discovered the analogy and he determined a precise definition of the attempt frequency

based on the partition functions of the molecular components.

Eyring’s equations can be applied to protein unfolding and folding. However,

the attempt frequency (A in the Arrehnius equation) given by Eyring’s equation is

independent of solvent effects. This became an issue, as it was discovered in the latter

20th century that protein folding rates scale inversely with solvent viscosity. This

observation implied that the attempt frequency must depend on the environmental

factors. This relationship was first shown for myoglobin [394] and quickly followed by

many other proteins [395, 396, 397, 398]. This viscosity-dependence in the folding and

unfolding processes is better explained by a barrier-crossing process that is diffusion

limited, which is described in the next section.

A.4 Barrier crossing with diffusion

A.4.1 Derivation of Diffusion equation

Assume a particle is at position px, tq in one dimension. After an interval τ the particle

will take a step of length |χ| with probability P pχq. This probability distribution is

normalized so that
ş8

´8
P pχq dχ “ 1. Also, these particles are defined to have an step

of average size 0 and variance σ2. The probability distribution of the position of a

particle after one step can then be given by integrating over all possible step sizes:

Cpx, t` τq “

ż 8

´8

P pχqCpx` χ, tq dχ (A.19)

. where Cpx, tq is effectively the concentration or probability particles at position x

and at time t.

The time interval can be assumed to be small so a Taylor expansion can be used

Cpx, t` τq “ Cpx, tq ` τ

ˆ

BCpx, tq

Bt
`
BCpx, tq

Bx

Bx

Bt

˙

, (A.20)
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but here the intrinsic velocity of a particle is neglected (particles in a force field will

be discussed later), so Bx
Bt
“ 0 and it simplifies to

Cpx, t` τq “ Cpx, tq ` τ
BCpx, tq

Bt
. (A.21)

Similarly, since the length of each step is small, a Taylor expansion can also be used

in the space-dependence of the probability distribution. It will be useful to include

the second order terms here:

Cpx` χ, tq “ Cpx, tq ` χ
BCpx, tq

Bx
`
χ2

2

B2Cpx, tq

Bx2
. (A.22)

The expansions from A.21 and A.22 can then be plugged into the original probability

in A.19 to get

Cpx, tq ` τ
BCpx, tq

Bt
“

ż 8

´8

P pχq

ˆ

Cpx, tq ` χ
BCpx, tq

Bx
`
χ2

2

B2Cpx, tq

Bx2

˙

dχ

“ Cpx, tq

ż 8

´8

P pχq dχ`
BCpx, tq

Bx

ż 8

´8

P pχqχ dχ

`
1

2

B2Cpx, tq

Bx2

ż 8

´8

P pχqχ2 dχ

(A.23)

The integrands are simply the normalization, average, and variance of the probability

distribution P pχq, respectively, which was defined above. Thus, A.23 simplifies to

BCpx, tq

Bt
“
σ2

2τ

B2Cpx, tq

Bx2
(A.24)

By setting a coefficient, D “ σ2

2τ
, it becomes the Diffusion Equation:

BCpx, tq

Bt
“ D

B2Cpx, tq

Bx2
(A.25)

A.4.2 Derivation of Smoluchowski-Einstein Diffusion equation

Now we similarly derive a diffusion equation but allow the particles to experience

a force field so that their velocity may not be zero. This is done using the same
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procedure to derive Diffusion Equation (A.25) but now using A.20 instead of A.21

since now the position depends on time. It can easily seen that the Diffusion Equation

now becomes

BCpx, tq

Bt
“ ´

BCpx, tq

Bx

Bx

Bt
`D

B2Cpx, tq

Bx2
, (A.26)

which is often refered to as the Smoluchowski equation.

The observation that particles inherently undergo Brownian motion led the proto-

typical equation describing their movement: the Langevin equation [399],

m
B2x

Bt2
“ ´γ

Bx

Bt
´
BV

Bx
` F ptq (A.27)

where the random fluctuations appear in the Gaussian distributed force, F ptq, and

the particles undergo a flow according to a potential V pxq with a frictional coefficient

of γ. In the environment of the nano-molecule the inertial forces are nearly absent

(as described in the beginning of this appendix) so we set mB2x
Bt2
“ 0. For analytical

purposes the random fluctuations will be neglected so that the velocity dependence

emerges as

Bx

Bt
“ ´

1

γ

BV

Bx
(A.28)

Substituting this A.28 into A.26 gives the Smoluchowski equation:

BCpx, tq

Bt
“

1

γ

BCpx, tq

Bx

BV

Bx
`D

B2Cpx, tq

Bx2
. (A.29)

By setting this system at thermal equilibrium the distribution would become time

invariant, BCpx,tq
Bt

“ 0, so that

0 “
B

Bx

ˆ

1

γ
Cpxq

BV

Bx
`D

BCpx, tq

Bx

˙

. (A.30)

Also, at thermal equilibrium, the energy levels can be described by Maxwell-Boltmann
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statistics. Namely, the probability of finding a particle at position x would be given by

Cpxq “ A exp

ˆ

´
V pxq

kBT

˙

, (A.31)

and its change in probability

BCpx, tq

Bt
“ ´

A

kBT

BV

Bx
exp

ˆ

´
V pxq

kBT

˙

. (A.32)

To solve the system at steady state we can plug in A.31 and ?? into A.30 to get

0 “
1

γ
A exp

ˆ

´
V pxq

kBT

˙

BV

Bx
´D

A

kBT

BV

Bx
exp

ˆ

´
V pxq

kBT

˙

0 “ A exp

ˆ

´
V pxq

kBT

˙

BV

Bx

ˆ

1

γ
´

D

kBT

˙

.

(A.33)

which gives a solution for the diffusion coefficient,

D “
kBT

γ
(A.34)

which is known as the Einstein-Smoluchowski relation [381, 382].

A.4.3 Kramer’s theory of diffusion over barrier

The development of the Einstein-Smoluchowski equations led Prof. Hans Kramers to

develop a model of diffusion over an energy barrier which has become a foundation

in understanding of chemical processes including bond-breaking, bond formation,

reaction rates [400]. The basis is simple: an energy landscape describes the premise of

many chemical reactions, where the y-axis represents the Gibb’s free energy and the

x-axis represents a hypothetical reaction coordinate.

Framed as a SMFS experiment, the reaction coordinate may coincide with the

length of a bond where the equilibrium length is at the bottom of the first well (xmin)

and the bond breaks if it crosses a barrier of height ∆G at position x:. At equilibrium,

222



xmin

xmin- δ xmin+ δ

x†

ΔG

k0

G
ib

b’
s 

Fr
ee

 e
ne

rg
y

Figure A.1: Schematic of the energy barrier for a typical diffusion-limited escape
over a barrier process.

most particles should exist near the lowest energy, near the xmin of the first well.

Thermal flucuations allow diffusion of particles to either side of the well. We will

assume that the left side of the well, xmin ´ pxb ` αq will be a reflecting barrier that

pushes the particles back towards the minimum. If particles make it over the barrier

at x: they will be adsorbed onto the other side (an irreversible reaction, like bond

breaking).

The equations that determine the rate of barrier crossing come from the conser-

vation of mass and Einstein-Smoluchowski diffusion for Brownian movement which

Kramer’s used to derive his founding equation. The basic equation is quite simple, as

we aim to derive a barrier crossing rate defined by the flux per particle,

k “ J{N. (A.35)

Calculating the flux, J

The conservation of mass dictates that matter cannot be created or destroyed, so

the change in concentration over time can only be due to spatial flux (J), here in

one-dimension:

BC

Bt
`
BJ

Bx
“ 0 (A.36)
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This form similar to the Smoluchowski equation (equation A.29), now reorganized and

substituting the Einstein-Smoluchowski relation for the diffusion coefficient,

BCpx, tq

Bt
“
B

Bx

ˆ

Cpx, tq

γ

BV pxq

Bx
`
kBT

γ

BCpx, tq

Bx

˙

. (A.37)

It can be seen that that the terms inside the parentheses constitute the negative flux,

´J . The first term describes the drift and the second term describes the diffusion. At

thermal equilibrium we have

´J “
Cpxq

γ

BV pxq

Bx
`
kBT

γ

BCpxq

Bx

´
γ

kBT
J “

Cpxq

kBT

BV pxq

Bx
`
BCpxq

Bx

(A.38)

Multiplying both sides by an integrating factor of exp
´

V pxq
kBT

¯

and using Chain Rule

in reverse gives

´
γ

kBT
J ¨ exp

ˆ

V pxq

kBT

˙

“
B

Bx

ˆ

Cpxq exp

ˆ

V pxq

kBT

˙˙

(A.39)

Integrating both sides from the well minimum to the barrier gives

J “
kBT

γ

ˆ

Cpxminq exp

ˆ

V pxminq

kBT

˙

´ Cpx:q exp

ˆ

V px:q

kBT

˙˙

˜

ż x:

xmin

exp

ˆ

V pxq

kBT

˙

dx

¸´1

.

(A.40)

Assuming that ∆G ąą 0 then the barrier crossing will be an exceedingly rare event

such that Cpx:q « 0. Thus equation A.40 simplifies to

J “
kBT

γ
Cpxminq ¨ exp

ˆ

V pxminq

kBT

˙

˜

ż x:

xmin

e
V pxq
kBT dx

¸´1

. (A.41)
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Calculating the number of particles, N

Most of the particles exist the bottom of the well at xmin and their flux is « 0 so that

A.38 can be written as

0 “
Cpxq

γ

BV pxq

Bx
`
kBT

γ

BCpxq

Bx

BCpxq

Bx
“ ´

Cpxq

kBT

BV pxq

Bx

(A.42)

Integrating from the minimum of the well now gives the concentration

BCpxq

Cpxq
“ ´

1

kBT

BV pxq

Bx
Bx

ż x

xmin

BCpxq

Cpxq
“ ´

ż x

xmin

1

kBT

BV pxq

Bx
Bx

ñ Cpxq “ Cpxminqe
V pxminq´V pxq

kBT

(A.43)

Then, the number of particles in the bottom of the well can be determined by

integrating the concentration in an interval the bottom of the well (xmin´ δ, xmin` δ):

N “

ż xmin`δ

xmin´δ

Cpxq dx “ Cpxminq

ż xmin`δ

xmin´δ

e
V pxminq´V px

q

kBT dx. (A.44)

Combining the equations for flux and number of particles

The escape rate, k0 is defined simply as the flux per particle so that

k0 “ J{N “
kBT

γ
Cpxminqe

V pxminq

kBT

˜

ż x:

xmin

e
V pxq
kBT dx

¸´1
ˆ

Cpxminq

ż xmin`δ

xmin´δ

e
V pxminq´V pxq

kBT dx

˙´1

“
kBT

γ

˜

ż x:

xmin

e
V pxq
kBT dx

¸´1
ˆ
ż xmin`δ

xmin´δ

e
´
V pxq

kBT dx

˙´1

(A.45)

which is one of the main results of Kramer’s escape rate. This result is sometimes

simplified as

k “ D

„ˆ
ż

well

exp

ˆ

V pxq

kBT

˙

dx

˙ˆ
ż

barrier

exp

ˆ

´
V pxq

kBT

˙

dx

˙´1

(A.46)
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Kramer went on to apply a parabolic potential to derive a intrinsic escape rate.

The potential around the left well is assumed to be V pxq “
w2
min

2
px´ xminq

2 and the

potential for the barrier for the flux is assumed to be V pxq “ ∆G´
w2
:

2
px´ x:q

2.

The first integral in A.45 can then be evaluated:

ż x:`δ

xmin

e
V pxq
kBT dx “

ż x:`δ

xmin

e
∆G´

w2
:

2 px´x:q
2

kBT dx

“ e
∆G
kBT

ż x:`δ

xmin

e
´
w2
:
px´x:q

2

2kBT dx

“ e
∆G
kBT

ˆ
?

2kBT

w:

˙
ż

w:δ?
2kBT

w:pxmin´x:q?
2kBT

e´z
2

dz

“ e
∆G
kBT

ˆ
?

2kBT

w:

˙ˆ?
π

2

˙ˆ

Erf

ˆ

w:δ
?

2kbT

˙

´ Erf

ˆ

w:pxmin ´ x:q
?

2kbT

˙˙

“ e
∆G
kBT

ˆ
?

2πkBT

w:

˙

(A.47)

where the last step assumes that
w:pxmin´x:q?

2kBT
ă ´2 and

w:δ?
2kBT

ą 2 so that the error

function evaluates to -1 and +1, respectfully..

The second integral in A.45 can then be evaluated using the potential for the

bottom of the well:

ż xmin`δ

xmin´δ

e
´
V pxq
kBT dx “

ż xmin`δ

xmin´δ

e
´
w2
minpx´xminq

2

2kBT dx

“

?
2kBT

wmin

ż `
wminδ?

2kbT

´
wminδ?

2kBT

e´z
2

dz

“

?
2kBT

wmin

ˆ?
π

2

˙ˆ

Erf

ˆ

wminδ
?

2kBT

˙

´ Erf

ˆ

´
wminδ
?

2kbT

˙˙

“

?
2πkBT

wmin

(A.48)
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where the last step assumes that
ˇ

ˇ

ˇ

w2
:
pxmin´x:q

2

kBT

ˇ

ˇ

ˇ
ą 2 so that the error function evaluates

to 1 and -1, respectfully. The evaluations from the integrals in A.47 and A.48 can

now be plugged into the escape rate equation (A.45):

k0 “
kBT

γ
e
´ ∆G
kBT

ˆ

w:
?

2πkBT

˙ˆ

wmin
?

2πkbT

˙

(A.49)

which simplifies to

k0 “
wminw:

2πγ
e
´ ∆G
kBT (A.50)

which gives the intrinsic barrier crossing rate for the Smoluchowski limit, overdamped

one-dimensional diffusion case. The term,
wminw:

2πγ
is the “attempt frequency” and

it depends on the viscosity, which is line with what is observed in protein folding

experiments.

A.5 Barrier crossing under force

A.5.1 Phenomenological model

The phenomenological model of forced reactions essentially use an ansatz based on

A.50. This model was made famous by Dr. George Bell in application of cell-cell

adhesion [401]. Modifying the intrinsic barrier crossing rate (A.50) by a force f gives

kpfq “
wminw:

2πγ
e
´

∆G´fxb
kBT (A.51)

which can be simplified to

kpfq “ k0e
fxb
kBT , (A.52)

where k0 is the intrinsic unfolding rate in the absence of force. This equation is often

denoted Bell’s model for a forced unbinding reaction.

Bell’s model can be written another way when addressing constant velocity

pulling experiments. In a typical force ramp AFM experiment a cantilever base is
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moved at constant velocity, v. The cantilever tip (attached to a molecule) starts at

an equilibirum position, z0, and then over time the tip will move according to the

molecular resistance of the protein, zptq. The potential energy between the molecule

and the cantilever is given by the energy of spring, U “ 1{2kcxptq
2. The deflection,

xptq, is given by the difference between the position of the cantilever base, v ¨ t, and

the current molecular extension of the molecule, zptq ´ z0. Thus the potential energy

in a typical experiment is simply

U “
1

2
kcpvt´ pzptq ´ z0qq

2 (A.53)

The force applied over time, ´BU
Bz

, can be simplified since the molecular extensions,

zptq, are very small

fptq “ ´
BU

Bz
“ kcvt “ rt (A.54)

where kc is the spring constant, and v is the velocity, and r is the loading rate. Now

the unfolding rate can be expressed in terms of the probe loading rate and time:

kptq “ k0e
rtxb
kBT , (A.55)

This model is based on the assumption that the process of crossing the barrier

follows a Markov process. The probability distribution, Pf ptq determines the probabil-

ity that a particle resides in the lower well and does not escape at time t - i.e. the

probability a protein stays folded, or the probability a bond stays bound. A Markov

process describing the evolution of this probability is then

BPf ptq

Bt
“ ´kptqPf ptq (A.56)

whose solution is

Pf ptq “ exp

ˆ

´

ż t

0

kpt1q dt1
˙

. (A.57)
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Then, substituting equation (A.55) for kpt1q and integrating gives

Pf ptq “ exp

ˆ

´
k0kBT

rxb

´

e
rtxb
kBT ´ 1

¯

˙

(A.58)

The experimental observations are often a histogram of unfolding forces. Thus, the

relevant parameter would be the probability density of unfolding which is related

to the probability distribution of being folded by
BPf
Bt
“ ´puptq. One of the first

applications of this phenomenological model used the maximum of the probability

density which can be found by solving for the roots of Bpuptq
Bt

“ 0.

0 “
B

Bt

ˆ

k0e
rtxb
kBT exp

ˆ

´
k0kBT

rxb

´

e
rtxb
kBT ´ 1

¯

˙˙

“ k0

ˆ

rxb
kBT

´ k0e
rtxb
kBT

˙ˆ

e
rtxb
kBT exp

ˆ

´
k0kBT

rxb

´

e
rtxb
kBT ´ 1

¯

˙˙

ñ 0 “
rxb
kBT

´ k0e
rtxb
kBT

(A.59)

which can be used with the relationship to force, F “ rt, to get an equation for the

force maximum, F ˚:

e
F˚xb
kBT “

rxb
kBTk0

F ˚ “

ˆ

kBT

xb

˙

ln

ˆ

rxb
kBTk0

˙

.

(A.60)

This equation is known as the Bell-Evans equation, and was the foundation for

single-molecule force-spectroscopy experiments for collecting the intrinsic unfolding

rates from experimental data of unbinding/unfolding forces [402, 149, 46]. It shows

that F ˚ „ lnprq so that a log-linear plot of peak forces against loading rates should

allow for a fit of the intrinsic rate k0 and the distance to the transition state xb.

As a sidenote, this result of equation (A.60) which uses the most probable force

does not differ too much from using the mean of the force distribution. The mean
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force, 〈f〉 “ 〈t〉 r where 〈t〉 is the inverse of the rate and can be thought of as the mean

first-passage time. The density of the mean first-passage times is the same probabilty

density as the probability density for unfolding/unbinding at time t. Thus the mean

can be found by prescription:

〈f〉 “ 〈t〉 r “ r

ż 8

0

puptqt dt “ r

ż 8

0

kPf ptqt dt “ r

ż 8

0

Pf ptq dt

“ r

ż 8

0

exp

ˆ

´
k0kBT

rxb

´

e
rtxb
kBT ´ 1

¯

˙

dt

“ r

ˆ

e
k0kBT

rxb

˙
ż 8

0

exp

ˆ

´
k0kBT

rxb
e
rtxb
kBT

˙

dt

(A.61)

where the identity of equation (A.56) was used to convert the probability density to a

probability distribution that is known. The solution of solving of this integral using

an integration trick by replacing the variables with

A “
k0kBT

rxb

z “ e
rtxb
kBT

dz “
rxb
kBT

e
rtxb
kBT dt “

rxb
kbT

zdt

(A.62)

so that the equation becomes

〈f〉 “
ˆ

e
k0kBT

rxb

˙ˆ

kBT

xb

˙
ż 8

1

exp p´Azq

z
dz (A.63)

with the integral now taking the form of an Exponential Integral which is defined

by the integral of an exponential function,

E1pAq “

ż 8

1

exp p´Azq

z
dz (A.64)

and has the Taylor expansion

E1pAq “ ´γ ´ lnA´
8
ÿ

k“1

p´Aqk

k ¨ k !
(A.65)
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The dimensionless ratio A “ k0kBT
rxb

however has a very limited range which will allow

further approximation. Typical parameter ranges are

k0 P p10´5, 1q
`

unfolding rate [s´1]
˘

r P p6ˆ 102, 1ˆ 105
q
`

loading rate [pN s´1]
˘

xb P p0.1, 0.5q pdistance to transition state [nm]q

(A.66)

Taking extrema from these parameter values then A has the range A P p8.2 ˆ

10´10, 0.07q. Since these values are vanishingly small, an approximation can be made

so that the exponential integral is simply

E1pAq « ´γ ´ lnA “ ´ ln pAeγq (A.67)

which has ă 3% error for an extreme case though more typical values will deviate by

ă .004%. Thus equation (A.63) becomes

〈f〉 “
ˆ

e
k0kBT

rxb

˙ˆ

kBT

xb

˙

ln

ˆ

1

Aeγ

˙

“

ˆ

e
k0kBT

rxb

˙ˆ

kBT

xb

˙

ln

ˆ

rxb
k0kBTeγ

˙

which also can be approximated to

〈f〉 «
ˆ

kBT

xb

˙

ln

ˆ

rxb
k0kBTeγ

˙

(A.68)

with ă .05% error for typical values of experimental parameters. Thus it can be seen

that the mean from equation (A.68) is slight shifted to the right of the equation for

the peak force (equation (A.60) on page 228).

A.5.2 Kramer’s theory with force

Finally, one would like to derive an analytical form of Kramer’s equation (equation

A.50) under force. Here the potential is modified by the applied force so that the
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potential V pxq “ Upxq ´ fx. The basic potential we will consider here will be the

cusp-like potential (shown in Figure A.2), defined by Upxq “ ∆G
x2
b
x2 where xb is the

distance to the barrier and ∆G is the depth of the well without force. For simplicity

we will let xmin “ 0. As soon as the barrier is crossed, the particle is adsorbed so

effectively V pxbq “ ´8. On the other side, the barrier is reflecting so effectively

V p´xbδq “ 8. Now Kramer’s escape rate (A.45) becomes

kpfq “
kBT

γ

ˆ
ż xb

0

e
Upxq´fx
kBT dx

˙´1 ˆż xb

´xbδ

e
´Upxq`fx

kBT dx

˙´1

(A.69)

-∞

ΔG

xmin

(0,0)

xb

+∞
f>0

f=0

Figure A.2: Cusp-like potential with an adsorbing and reflecting boundary. The
application of force causes deformation of the potential, effectively reducing the barrier
and decreasing the distance to the transition state.
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Solving the well integral

Following a similar procedure for determining the unforced barrier escape-rate (section

A.4.3), we can start by solving the well integral
ż

well

exp

ˆ

V pxq

kBT

˙

dx “

ż xb

´xbδ

exp

ˆ

´Upxq ` fx

kBT

˙

dx

“

ż xb

´xbδ

exp

˜

´∆G
x2
b
x2 ` fx

kBT

¸

dx

“ xb

ż 1

´δ

exp

ˆ

´
∆G

kBT

ˆ

y2
´
xbfy

2∆G

˙˙

dy

(A.70)

by substitution of x “ xby. Then by completing the square the integral becomes

ż

well

exp

ˆ

V pxq

kBT

˙

dx “ L exp

ˆ

pxbfq
2

4∆GkBT

˙
ż 1

´δ

exp

˜

´
∆G

kBT

ˆ

y ´
xbf

2∆G

˙2
¸

dy

“ L

c

kBT

∆G
exp

ˆ

pxbfq
2

4∆GkBT

˙
ż

b

∆G
kBT

´

1´
xbf

2∆G

¯

´
b

∆G
kBT

´

δ´
xbf

2∆G

¯

e´z
2

dz

(A.71)

by another substiution for z “
b

∆G
kBT

`

y ´ xbf
2∆G

˘

. In this form, it can be readily

translated to the Error function

ż b

a

e´z
2

dz “

?
π

2
pErfpbq ´ Erfpaqq (A.72)

. The solution then follows that
ż

well

exp

ˆ

V pxq

kBT

˙

dx “ xb

?
π

2

c

kBT

∆G
exp

ˆ

pxbfq
2

4∆GkbT

˙

ˆ

„

Erf

ˆ

c

∆G

kBT

ˆ

1´
xbf

2∆G

˙˙

´ Erf

ˆ

´

c

∆G

kBT

ˆ

δ ´
xbf

2∆G

˙˙

.

(A.73)

The approximation
b

∆G
kBT

`

1´ xbf
2∆G

˘

ą 2 and ´
b

∆G
kBT

`

δ ´ xbf
2∆G

˘

ă ´2 can be used so

that the error functions converge to +1 and -1 respectfully. In this approximation,
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which is suitable for typical values in protein unfolding experiments, the well integral

becomes simply
ż

well

exp

ˆ

V pxq

kBT

˙

dx “ xb

c

kBTπ

∆G
exp

ˆ

pxbfq
2

4∆GkBT

˙

. (A.74)

Solving the barrier integral

Now the same procedure can be followed for determining the the integral for the

barrier integral.
ż

barrier

exp

ˆ

´
V pxq

kBT

˙

dx “

ż xb

0

exp

ˆ

Upxq ´ fx

kBT

˙

dx

“

ż xb

0

exp

˜

∆G
x2
b
x2 ´ fx

kBT

¸

dx.

(A.75)

Now, doing similar as before we can complete the square and make a change of

variables to end with
ż

barrier

exp

ˆ

´
V pxq

kBT

˙

dx “ xb

c

kBT

∆G
exp

ˆ

´
pfxbq

2

4∆GkBT

˙
ż

b

∆G
kBT

´

1´
fxb
2∆G

¯

´
b

∆G
kBT

fxb
2∆G

ez
2

dz.

(A.76)

This equation is very close to a useful form that will allow a good approximation of

the exponential integral. Its useful to make an approximation here, since for typical

values of force-extension experiments, (1-200 pN of unfolding force, barriers of 80 kT

to 150 kT, barrier distance of 0.1 - 0.4 nm), the first integrand is aproximately zero,

´

b

∆G
kBT

fxb
2∆G

« 0 and we can then evaluate, instead, the following

ż

barrier

exp

ˆ

´
V pxq

kBT

˙

dx “ xb

c

kBT

∆G
exp

ˆ

´
pfxbq

2

4∆GkBT

˙
ż

b

∆G
kBT

´

1´
fxb
2∆G

¯

0

ez
2

dz.

(A.77)

This form is very useful, because we can now make use of the Dawson’s Integral

which is defined as

Dawsonpxq “ e´x
2

ż x

0

ey
2

dy «
1

2x
`

1

4x3
` ... (A.78)
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The Taylor expansion can be used for approximation if x is sufficiently large, so that

ż x

0

ey
2

dy « ex
2 1

2x
. (A.79)

Is x sufficiently large here to be able to use this approximation without grevious

errors? A typical unfolding force is 100 pN, a typical barrier is about 0.2 nm, and

a typical energy barrier is about 80 kBT so the limits of the integrand would have

x « 8. Thus, taking the first approximation as the Dawson’s integral will only have

an error of 0.8%. Thus, the use of this approximation is appropriate. By utilizing

Dawson’s integral approximation of equation A.79, then equation A.77 becomes
ż

barrier

exp

ˆ

´
V pxq

kBT

˙

dx “ xb

c

kBT

∆G
exp

ˆ

´
pfxbq

2

4∆GkBT

˙

exp

˜

∆G

kBT

ˆ

1´
fxb

2∆G

˙2
¸

ˆ

ˆ

2

c

∆G

kBT

ˆ

1´
fxb

2∆G

˙˙´1

,

(A.80)

which can be simplified to
ż

barrier

exp

ˆ

´
V pxq

kBT

˙

dx “
xbkBT

2∆G

ˆ

1´
fxb

2∆G

˙´1

exp

ˆ

∆G´ fxb
kBT

˙

. (A.81)

Final equation for unfolding rate with force

By plugging in the solved integral for the barrier (equation A.81) and the solved

integral for the well (equation A.74) we can find the final analytic equation for the

rate,

kpfq “
kBT

γ

2∆G

xbkBT

ˆ

1´
fxb

2∆G

˙

exp

ˆ

´
∆G´ fxb
kBT

˙

1

xb

c

∆G

kBTπ
exp

ˆ

´
pxbfq

2

4∆GkBT

˙

“

ˆ

2p∆Gq3{2

γx2
b

?
kBT

˙ˆ

1´
fxb

2∆G

˙

exp

˜

´
∆G

kBT

ˆ

1´
fxb

2∆G

˙2
¸

“ k0e
∆G
kBT

ˆ

1´
fxb

2∆G

˙

exp

˜

´
∆G

kBT

ˆ

1´
fxb

2∆G

˙2
¸

(A.82)

235



where k0 is the intrinsic rate of unfolding

k0 “

ˆ

2p∆Gq3{2

γx2
b

?
kBT

˙

e
´ ∆G
kBT (A.83)

which has a prefactor,
´

2p∆Gq3{2

γx2
b

?
kBT

¯

, that is the attempt frequency.

A.5.3 Generalized model

The unfolding rate can be determined based on assumptions about the model of the

energy barrier (phenemological, linear-cubic, cusp). This was realized in a paper by

Dudko et al. [187, 403, 326] who derived a generalized formula for the type of potential

depending on a parameter. Their formula:

kpfq “ k0e
∆G
kBT

ˆ

1´
νfxb
∆G

˙1{ν´1

exp

˜

´
∆G

kBT

ˆ

1´
νfxb
∆G

˙1{ν
¸

(A.84)

covers the three types of energy surfaces: phenomelogical (ν “ 1), cusp (ν “ 1{2) and

another common potential not discussed so far - the linear-cubic surface (ν “ 2{3).
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Appendix B

Derivation of worm-like chain approximation from
first principles

B.1 Introduction

The canonical worm-like chain approximation [27] is given by

Fp

kBT
“
x

L
`

1

4 p1´ x{Lq2
´

1

4
(B.1)

where p is the persistence length, x is the extended length, L is the contour-length

at full extension, and F is the force. This equation is very useful in comparing

force-extension signatures of biomolecules because it allows one to measure length

differences independent of force, by using the contour-length, which is independent of

force. This equation comes from first relating beam mechanics to molecular elasticity

and then by using approximating the partition function for polymer entropy and

bending elasticity. This process is described in detail in the following section.
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B.2 Beam mechanics and elasticity

A biomolecule polymer can be considered as a simplified beam - such as a cylindrical

tube, like a garden hose or an earthworm. There are several deformations that can

be applied to beams - stretching, twisting and bending deformations. The bending

deformation is the most important for the derivation of the worm-like chain. A worm-

like chain normally has bends (due to being the most probable entropic configuration),

but the chain becomes straightened when an external agent applies tension.

To mathematically describe the deformations, it is useful to approximate a beam

as a bundle of microscopic springs (Figure B.1). In this representation, when the beam

undergoes a bending deformation, the microscopic springs experience the deformation

in different ways. The microscopic springs on the outside of the bend will actually

stretch, as the arc length is longest there. The beams on the inside of the bend will

compress, as they must shorten themselves to compensate. The microscopic springs in

the middle remain unchanged - this is refered to as the neutral plane. Thus the bending

of the macroscopic beam causes the compression or stretching of the microscopic

springs resulting in strain of the microscopic springs. The strain is defined as the

normalized change in length from the equilibrium length, that is

ε “
Lpzq ´ Lp0q

Lp0q
(B.2)

where Lpzq is the length of the microscopic spring that is distance z away from the

neutral plane (where there is no deformation).

The length of a given spring can be determined by the arc length of the osculating

circle tangent to that section of the macroscopic beam. We can define the radius,

Rpsq, at position s along the beam, to be the radius of the osculating circle tangent

to the neutral plane. The radius of the osculating circle at the other positions in the

beam is thus given by Rpsq ` z where z is again the distance from the neutral plane.
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R(s)

θ

Neutral plane

z

L(z)

Osculating circle

Figure B.1: Schematic of bending deformation. A beam is modeled as a bundle of
springs, which upon bending deformations causes springs that are not at the neutral
plane to contract or lengthen. The strain is computed by determining the arc length,
Lpzq which can be computed using the radius of the osculating circle (Rpsq), the
distance from the neutral plane (z), and the angle (θ).

The lengths of the microscopic springs at a given position along the beam, s, can be

simply computed by the arc length then using

Lpzq “ pRpsq ` zqθ (B.3)

where θ is the angle of deformation. The strain given by eq. B.2 then becomes

εpsq “
z

Rpsq
. (B.4)

To determine the energy of bending then, we can use Hooke’s law which dictates

that the deformation (strain) is proprotional to the stress applied to it

F “ pE ¨ Aqεpsq (B.5)
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where pE ¨ Aq is the proportionality factor. In the bulk material, E is the Young’s

modulus of elasticity and A is the cross-sectional area that the force is applied. The

energy density is then given by:

W pεpsqq “
pE ¨ Aq

2
εpsq2 (B.6)

Then, by substituting the stress equation (equation B.4), and integrating over the

area perpindicular to the beam axis and across the length, the energy of the beam

from bending is then

Ebend “
E

2

ż

Ω

z2dA

ż L

0

1

Rpsq2
ds. (B.7)

where L is the total length of the polymer. The integral
ş

Ω
z2dA is referred to as the

geometric moment. We assume that it remains constant (as the beam area remains

the same across the beam) so that the above equation simplifies to

Ebend “
Keff

2

ż L

0

1

Rpsq2
ds. (B.8)

where we have introduced the flexural rigidty, Keff which encompasses the material

properties of elasticity from the Young’s modulus and the geometric shape from the

geometric moment.

The curvature is defined to be the inverse of the radius of curvature κpsq “ 1
Rpsq

and is also equal to the derivative of the tangent vector κpsq “ dt
ds

so the energy of

bending can be written as

Ebend “
Keff

2

ż L

0

∣∣∣∣dtds
∣∣∣∣2 ds. (B.9)

B.3 Persistence length as thermally normalized flexural rigidity

The flexural rigidity, Keff can be written more accurately for a molecular polymer as

a measure of the length scale which encompasses the competition between entropy of

240



the chain and the elasticity. The nominal length scale is called the persistence length

and it is defined to be roughly equal to the length of the polymer for which the radius

of curvature is equal to the length of the polymer itself - that is, the average smallest

distance that the polymer seems straight.

More precisely, we define the persistence length, p, as the characteristic decrease

in the correlation function of the unit-tangent vectors along a particular length of

polymer, s,

gpsq “ 〈tpsq ¨ tp0q〉 “ 〈cos pθpsqq〉 “ e´s{p. (B.10)

To derive the corresponding relationship to the flexural rigidty we must consider a

polymer whose length, s, is much smaller than its persistence length, s ăă p. We can

then use this relationship to solve for the bending energy, Ebend, from eq. B.8 except

since the beam is short enough that the radius of curvature, Rpsq can be considered

to be constant R,

Ebend “
Keff

2

ż s

0

1

pRq2
ds “

Keff

2R2
s (B.11)

Given that the length, s, is simply given by the arc length from the radius of

curvature s “ Rθ where θ is the angle of deformation, then this simplifies to

Ebend “
Keff

2R2
s “

Keff θ
2

2s
. (B.12)

Given the short beam, we can assume that the angles of deflection are small

(θpsq ăă 1) so that the correlation function in eq. B.10 can be written as a Taylor

expansion neglecting Opθpsq4q terms and above

gpsq “ 〈cos pθpsqq〉 “
〈

1´
θpsq2

2

〉
. (B.13)

The mean square θ in equation B.13 can be computed using the partition function

〈
θ2
〉
“

1

Z

ż 2π

0

dφ

ż π

0

dθ sinθ pθq2 exp

ˆ

´Ebendpsq

kBT

˙

(B.14)
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where

Z “

ż 2π

0

dφ

ż π

0

dθ sinθ exp

ˆ

´Ebendpsq

kBT

˙

. (B.15)

The partition function can be simplified by substituting the energy and letting

u “
Keff

2skBT
to get

〈
θ2
〉
“

1

Z

ż 2π

0

dφ

ż π

0

dθ sinθ pθq2 exp
`

´u θ2
˘

(B.16)

and

Z “

ż 2π

0

dφ

ż π

0

dθ sinθ exp
`

´uθ2
˘

. (B.17)

It can be seen that equation B.16 can now be rewritten as

〈
θ2
〉
“

1

Z

ˆ

´
δZ

δu

˙

“ ´
δ lnZ

δu
(B.18)

which thus requires only solving the partition function, Z.

To solve for Z we can make an approximation for sinθ « θ since we have already

made the assumption that the angles of deflection are small. This gives

Z “

ż 2π

0

dφ

ż π

0

dθ θ exp
`

´uθ2
˘

(B.19)

which can be solved using an integration factor of v “ uθ2 to be

Z “
π

u
(B.20)

and the solution for the mean square theta angle becomes

〈
θ2
〉
“ ´

δ lnZ

δu
“

1

u
“

2kBT

Keff

s. (B.21)

Plugging this back into the correlation function from eq. B.13 gives

gpsq “

〈
1´

kBT

Keff

s

〉
“ 1´

kBT

Keff

s. (B.22)
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Now, since s{p ăă 1 we can approximate equation B.10 by expanding the Taylor

series to first order

gpsq “ e´s{p “ 1´ s{p (B.23)

which can be compared to the cosine expansion of the tangent-tangent correlation

function from equation B.22 to observe that the persitence length, p, is related to the

flexural rigidity,

p “
Keff

kBT
. (B.24)

Thus, the bending energy of a polymer can be described using the persistence

length, p, and the thermal energy, kBT ,

Ebend “
pkBT

2

ż L

0

∣∣∣∣ dtds
∣∣∣∣2 ds. (B.25)

B.4 Derivation of the Worm-like chain

B.4.1 Partition function for the worm-like chain

The worm-like chain accounts for the entropic and elasticity of a polymer chain. The

competition between the chain entropy and elasticity can be completely described

using the partition function,

Z “

ż

Dtpsq exp

ˆ

´
Ebend
kBT

˙

(B.26)

where
ş

Dtpsq is the Feynman path integral over all possible conformations of the

biomolecular polymer with tpsq being the tangent vector of the curve.

When force is applied, the partition function aquires an additional energy term

from the external force, Eext “ ´F
şL

0
tzds, where this force is defined to be only along

the z-direction. The partition function now becomes

Z “

ż

Dtpsq exp

ˆ

´
pEbend ` Eextq

kBT

˙

(B.27)
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One can, in principle, use this partition function to solve for the average extension

at a given applied force,

〈z〉 “ 1

ZpF q

ż

Dtpsq z exp

ˆ

´
pEbend ` Eextq

kBT

˙

(B.28)

however in practice this can not be solved exactly, but only closely approximated

numerically. We can, however, derive from this an analytical expression for the

worm-like chain that deviates at most only 10% from the closely approximated

numerical result. In any case, this equation can be further simplified because z is a

thermodynamic conjugate of the force, so that

〈z〉 “ d lnZpF q

dF
(B.29)

The approximate form can be derived by taking the limits of the partition function

for the low-force regime and the high-force regime. First, plugging in the equations

for Ebend and Eext, the partition function becomes

Zpfq “

ż

Dtpsq exp

˜

´
p

2

ż L

0

∣∣∣∣dtds
∣∣∣∣2 ds` f ż L

0

tzds

¸

(B.30)

where the force, F has been simplified to a reduced force f “ F
kBT

.

B.4.2 Approximation to the worm-like chain

Low-force regime

In the low force regime, the bending energy dominates so that F
kBT

ăă p. A typical

persistence length of a protein polymer is 0.365 nm and kBT is roughly 4.1 pN nm, so

this regime is where F ăă 1.5 pN. In this limit the partition function can be expanded
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in terms of the reduced force, f

Zpfq “

ż

Dtpsq exp

˜

´
p

2

ż L

0

∣∣∣∣ dtds
∣∣∣∣2 ds

¸

ˆ

ˆ

1` f

ż L

0

tzds`
f 2

2

ż L

0

tzpsqds

ż L

0

tzpuqdu`Opf 3
q

˙

(B.31)

This can be simplified and rewritten in terms of the zero-force partition function,

equation B.26. This simplification also allows the tangent vectors to be rewritten as

the average from evaluating at the zero-force partition function 〈...〉0,

Zpfq “ Zp0q

ˆ

1` f

ż L

0

〈tzpsq〉0 ds`
f 2

2

ż L

0

ż L

0

dsdu 〈tzpsqtzpuq〉0

˙

(B.32)

In the zero-force case, the average tangent vector in z is zero, so
şL

0
〈tzpsq〉0 ds “ 0. Since

the worm-like chain energy is invariant under rotations 〈tzpsqtzpuq〉0 “
1
3
〈tzpsqtzpuq〉0.

Also, it has been previously established that we have defined the persistence length as

the characterstic decorrelation of the tangent vectors so that

〈tzpsqtzpuq〉0 “ exp

ˆ

´|s´ u|
p

˙

Thus equation B.32 simplifies to

Zpfq “ Zp0q

ˆ

1` 0`
f 2

2

ż L

0

ż L

0

dsdu
1

3
exp

ˆ

´|s´ u|
p

˙˙

“ Zp0q

ˆ

1`
f 2Lp

3

˙

(B.33)

since
şL

0

şL

0
dsdu exp

´

´|s´u|
p

¯

“
şL

0

şs

0
duds exp

´

´ps´uq
p

¯

`
şL

0

şu

0
dsdu exp

´

´pu´sq
p

¯

«

2Lp when L ąą p, which holds here.

The mean extension can now be related to the partition function using eq. B.29

〈z〉 “ 2fLp

3` f 2Lp
«

2fLp

3
(B.34)

245



since in the low-force regime f 2Lp ăă 3 as long as F ă 1.2 pN. This can then be

solved in terms of fp to get

fp “
3 〈z〉
2L

(B.35)

High-force regime

In the high-force regime we have the polymer aligned to the pulling direction. In this

regime, most of the tangent vectors will be pointing in the t̂z direction. Since the

tangent vectors are normalized, ||tpsq|| “ 1, then the tangent vectors can be written

as tpsq “
´

tx, ty,
b

1´ pt2x ` t
2
yq

¯

. Since most of the tangent vectors are pointed along

the t̂z direction, the other tangent vectors are small and the tangent vector can be

approximated as

tpsq «

ˆ

tx, ty, 1´
1

2
pt2x ` t

2
yq

˙

(B.36)

by taking the Taylor expansion to the first order.

The total energy used in the in the partition function in eq. B.30 is simply the

contribution to bending elasticity and from the external force:

Etotal “ Ebend ` Eext “

˜

pkBT

2

ż L

0

∣∣∣∣dtds
∣∣∣∣2 ds

¸

´

ˆ

kBTf

ż L

0

tzds

˙

(B.37)

which can be expanded into the individual tangent vectors from the approximation

made in eq. B.36

Etotal “
pkBT

2

ż L

0

«

ˆ

dtx
ds

˙2

´

ˆ

dty
ds

˙2

´

ˆ

dt2x
ds

˙2

´

ˆ

dt2y
ds

˙2
ff

ds´

fkBT

ż L

0

1´
1

2

`

txpsq
2
` typsq

2
˘

ds

(B.38)

The components
´

dt2α
ds

¯2

can be neglected since the deviations α P px, yq are very small.
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Thus this equation simplifies to

Etotal “
pkBT

2

ż L

0

«

ˆ

dtx
ds

˙2

`

ˆ

dty
ds

˙2
ff

ds`
fkBT

2

ż L

0

`

t2x ` t
2
y

˘

ds´ fLkbT (B.39)

The average length in this regime can be computed by integrating over the tangent

vectors in the z-direction using eq. B.36

〈z〉 “
〈
ż L

0

tzds

〉
“

ż L

0

〈
1´

1

2
pt2x ` t

2
yq

〉
ds “ L´

1

2

ż L

0

〈
t2x ` t

2
y

〉
ds. (B.40)

The average of the tangent vectors in the x- and y-directions can be computed with

respect to the partition function. To do this, we can take the Fourier transform of

the total energy, Etotal, and expressing the tangent vectors in terms of their Fourier

components,

tαpsq “
ÿ

w

e´iwstαpwq (B.41)

for α P px, yq where w “ 2πj{L for j “ 1, 2, 3.... Then taking the Fourier transform of

eq. B.39 gives

Etotal “
pkBT

2
L
ÿ

w

`

w2 |txpwq|` w2 |typwq|
˘

´
fkBT

2
L
ÿ

w

p|txpwq|` |typwq|q

“
LkBT

2

ÿ

w

`

w2p` f
˘

p|txpwq|` |typwq|q
(B.42)

This yields an expression for the mean Fourier components of the tangent vectors

when we invoke the equipartition theorem which dictates that the average energy for

each quadratic degree of freedom is kBT {2 so that the sum of the two components is

kBT , 〈
LkBT

2

`

w2p` f
˘

p|txpwq|` |typwq|q
〉
“ kBT. (B.43)
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Rearranging this equation gives

〈|txpwq|` |typwq|〉 “
2

L

1

w2p` f
. (B.44)

We can also take the Fourier transform of the integrand in eq. B.40 to get

〈z〉 “ L´
1

2
L
ÿ

w

〈|txpwq|` |typwq|〉 . (B.45)

And it follows by substituting B.44 into B.45 we can get a simplification of the average

extension, z,

〈z〉 “ L´
ÿ

w

1

w2p` f
. (B.46)

This sum can be computed by taking the sum back to the continuum limit,
ř

w Ñ

L{2π
ş8

´8
dw so it becomes

〈z〉 “ L´
L

2π

ż 8

´8

1

w2p` f
dw “ L´

L

2π

ˆ

π
?
pf

˙

“ L´
L

2
?
fp
. (B.47)

and then solved in terms of fp,

fp “
1

4p1´ 〈z〉 {Lq2
. (B.48)

B.4.3 Combining high-force and low-force approximation

Now we can combine the low-force approximation, equation B.35, and the high-force

approximation from equation B.53, to get

fp “
3 〈z〉
2L

`
1

4p1´ 〈z〉 {Lq2
. (B.49)

To finalize this approximation, however, we must adjust this equation to force certain

conditions. The first condition is that the force be zero at zero extension, so we must
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supplement the equation with ´1{4 to get

fp “
3 〈z〉
2L

`
1

4p1´ 〈z〉 {Lq2
´

1

4
. (B.50)

The other condition we must enforce is that the behavior at small extensions 〈z〉 ăă L

behaves as the low-force approximation, 3〈z〉
2L

. This can be forced by using a fudge-

factor, y to produce this behavior. Mathematically, this means that the following

holds true,

lim
〈z〉{LÑ0

„

y
3 〈z〉
2L

`
1

4p1´ 〈z〉 {Lq2
´

1

4
“

3 〈z〉
2L



. (B.51)

Solving for the fudge-factor, y, gives

y “ lim
〈z〉{LÑ0

«

4L
x

2
´ 11L

x
` 6

6L
x

2
´ 12L

x
` 6

ff

“
2

3
. (B.52)

This fudge-factor is then applied as in equation B.51 so that the final equation for the

worm-like chain is

fp “
〈z〉
L
`

1

4p1´ 〈z〉 {Lq2
´

1

4
. (B.53)

This approximation deviates by an average 10% from the close-to-exact solution. The

close-to-exact solution is given by Bouchiat et al [128]. which derives a 7th order

approximation to the original partition functions.
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[180] Gabriel Žoldák and Matthias Rief. Force as a single molecule probe of multi-
dimensional protein energy landscapes. Current opinion in structural biology,
23(1):48–57, 2013.

[181] Toni Hoffmann and Lorna Dougan. Single molecule force spectroscopy using
polyproteins. Chemical Society Reviews, 41(14):4781–4796, 2012.

[182] Sergi Garcia-Manyes, David Giganti, Carmen L Badilla, Ainhoa Lezamiz, Judit
Perales-Calvo, Amy EM Beedle, and Julio M Fernndez. Single molecule force
spectroscopy predicts a misfolded, domain-swapped conformation in human
d-crystallin. Journal of Biological Chemistry, page jbc. M115. 673871, 2015.

[183] Yi Cao, MM Balamurali, Deepak Sharma, and Hongbin Li. A functional single-
molecule binding assay via force spectroscopy. Proceedings of the National
Academy of Sciences, 104(40):15677–15681, 2007.

264



[184] Chengzhi He, Chunguang Hu, Xiaodong Hu, Xiaotang Hu, Adam Xiao,
Thomas T Perkins, and Hongbin Li. Direct observation of the reversible twostate
unfolding and refolding of an / protein by singlemolecule atomic force microscopy.
Angewandte Chemie, 127(34):10059–10063, 2015.

[185] Hema Chandra Kotamarthi, Riddhi Sharma, and Sri Rama Koti Ainavarapu.
Single-molecule studies on polysumo proteins reveal their mechanical flexibility.
Biophysical journal, 104(10):2273–2281, 2013.

[186] Felix Rico, Laura Gonzalez, Ignacio Casuso, Manel Puig-Vidal, and Simon
Scheuring. High-speed force spectroscopy unfolds titin at the velocity of molecular
dynamics simulations. Science, 342(6159):741–743, 2013.

[187] O. K. Dudko, G. Hummer, and A. Szabo. Intrinsic rates and activation free
energies from single-molecule pulling experiments. Physical Review Letters,
96(10), 2006.

[188] Jessica Valle-Orero, Edward C Eckels, Guillaume Stirnemann, Ionel Popa, Ronen
Berkovich, and Julio M Fernandez. The elastic free energy of a tandem modular
protein under force. Biochemical and biophysical research communications,
460(2):434–438, 2015.

[189] Jasna Bruji, Kirstin A Walther, and Julio M Fernandez. Single-molecule force
spectroscopy reveals signatures of glassy dynamics in the energy landscape of
ubiquitin. Nature Physics, 2(4):282–286, 2006.

[190] L. W. Li, H. H. L. Huang, C. L. Badilla, and J. M. Fernandez. Mechanical
unfolding intermediates observed by single-molecule force spectroscopy in a
fibronectin type iii module. Journal of Molecular Biology, 345(4):817–826, 2005.

[191] Chien-Chung Wang, Tian-Yow Tsong, Yau-Heiu Hsu, and Piotr E. Marszalek.
Inhibitor binding increases the mechanical stability of staphylococcal nuclease.
Biophysical Journal, 100(4):1094–1099, 2011.

[192] Toni Hoffmann, Katarzyna M Tych, Thomas Crosskey, Bob Schiffrin, David J
Brockwell, and Lorna Dougan. Rapid and robust polyprotein production facili-
tates single-molecule mechanical characterization of -barrel assembly machinery
polypeptide transport associated domains. ACS nano, 9(9):8811–8821, 2015.

[193] Jian Ye, George Coulouris, Irena Zaretskaya, Ioana Cutcutache, Steve Rozen,
and Thomas L Madden. Primer-blast: a tool to design target-specific primers
for polymerase chain reaction. BMC bioinformatics, 13(1):1, 2012.

[194] Michael Schlierf and Matthias Rief. Temperature softening of a protein in
single-molecule experiments. Journal of molecular biology, 354(2):497–503, 2005.

265



[195] Nicholas C Tang and Ashutosh Chilkoti. Combinatorial codon scrambling enables
scalable gene synthesis and amplification of repetitive proteins. Nature materials,
2016.

[196] Claes Gustafsson, Sridhar Govindarajan, and Jeremy Minshull. Codon bias and
heterologous protein expression. Trends in biotechnology, 22(7):346–353, 2004.

[197] Mian Zhou, Jinhu Guo, Joonseok Cha, Michael Chae, She Chen, Jose M. Barral,
Matthew S. Sachs, and Yi Liu. Non-optimal codon usage affects expression,
structure and function of clock protein frq. Nature, 495(7439):111–115, 2013.

[198] Evelina Angov. Codon usage: nature’s roadmap to expression and folding of
proteins. Biotechnology journal, 6(6):650–659, 2011.

[199] Pere Puigb, Eduard Guzmn, Antoni Romeu, and Santiago Garcia-Vallv. Opti-
mizer: a web server for optimizing the codon usage of dna sequences. Nucleic
acids research, 35(suppl 2):W126–W131, 2007.

[200] Pere Puigb, Antoni Romeu, and Santiago Garcia-Vallv. Heg-db: a database
of predicted highly expressed genes in prokaryotic complete genomes under
translational selection. Nucleic acids research, 36(suppl 1):D524–D527, 2008.

[201] Mickael Goujon, Hamish McWilliam, Weizhong Li, Franck Valentin, Silvano
Squizzato, Juri Paern, and Rodrigo Lopez. A new bioinformatics analysis tools
framework at emblebi. Nucleic acids research, 38(suppl 2):W695–W699, 2010.

[202] Hamish McWilliam, Weizhong Li, Mahmut Uludag, Silvano Squizzato, Young Mi
Park, Nicola Buso, Andrew Peter Cowley, and Rodrigo Lopez. Analysis tool
web services from the embl-ebi. Nucleic acids research, 41(W1):W597–W600,
2013.

[203] Fabian Sievers, Andreas Wilm, David Dineen, Toby J Gibson, Kevin Karplus,
Weizhong Li, Rodrigo Lopez, Hamish McWilliam, Michael Remmert, and Jo-
hannes Sding. Fast, scalable generation of highquality protein multiple sequence
alignments using clustal omega. Molecular systems biology, 7(1), 2011.

[204] C. M. Dobson. Protein folding and misfolding. Nature, 426(6968):884–890, 2003.

[205] Alan Fersht. Structure and mechanism in protein science: a guide to enzyme
catalysis and protein folding. Macmillan, 1999.

[206] Alice I. Bartlett and Sheena E. Radford. An expanding arsenal of experimental
methods yields an explosion of insights into protein folding mechanisms. Nat
Struct Mol Biol, 16(6):582–588, 2009.

266



[207] S. W. Englander, L. Mayne, and M. M. G. Krishna. Protein folding and misfold-
ing: mechanism and principles. Quarterly Reviews of Biophysics, 40(4):287–326,
2007.

[208] Jose Nelson Onuchic and Peter G Wolynes. Theory of protein folding. Current
opinion in structural biology, 14(1):70–75, 2004.

[209] William A Eaton, Victor Muoz, Stephen J Hagen, Gouri S Jas, Lisa J Lapidus,
Eric R Henry, and James Hofrichter. Fast kinetics and mechanisms in protein
folding 1. Annual review of biophysics and biomolecular structure, 29(1):327–359,
2000.

[210] Ora Schueler-Furman, Chu Wang, Phil Bradley, Kira Misura, and David
Baker. Progress in modeling of protein structures and interactions. Science,
310(5748):638–642, 2005.

[211] Ken A Dill and Justin L MacCallum. The protein-folding problem, 50 years on.
science, 338(6110):1042–1046, 2012.

[212] J. N. Onuchic, Z. LutheySchulten, and P. G. Wolynes. Theory of protein
folding: The energy landscape perspective. Annual Review of Physical Chemistry,
48(1):545–600, 1997.

[213] PG Wolynes. Recent successes of the energy landscape theory of protein folding
and function. Quarterly reviews of biophysics, 38(04):405–410, 2005.

[214] Jung-Hoon Han, Sarah Batey, Adrian A Nickson, Sarah A Teichmann, and Jane
Clarke. The folding and evolution of multidomain proteins. Nature Reviews
Molecular Cell Biology, 8(4), 2007.

[215] Qing Peng and Hongbin Li. Atomic force microscopy reveals parallel mechanical
unfolding pathways of t4 lysozyme: evidence for a kinetic partitioning mechanism.
Proceedings of the National Academy of Sciences, 105(6):1885–1890, 2008.

[216] Christian M Kaiser, Daniel H Goldman, John D Chodera, Ignacio Tinoco, and
Carlos Bustamante. The ribosome modulates nascent protein folding. Science,
334(6063):1723–1727, 2011.

[217] Chava Kimchi-Sarfaty, Jung Mi Oh, In-Wha Kim, Zuben E Sauna, Anna Maria
Calcagno, Suresh V Ambudkar, and Michael M Gottesman. A ”silent” polymor-
phism in the mdr1 gene changes substrate specificity. Science, 315(5811):525–528,
2007.

[218] Menahem Pirchi, Guy Ziv, Inbal Riven, Sharona Sedghani Cohen, Nir Zohar,
Yoav Barak, and Gilad Haran. Single-molecule fluorescence spectroscopy maps
the folding landscape of a large protein. Nature communications, 2:493, 2011.

267



[219] Kausik Chakraborty, Manal Chatila, Jyoti Sinha, Qiaoyun Shi, Bernhard C
Poschner, Martin Sikor, Guoxin Jiang, Don C Lamb, F Ulrich Hartl, and Manajit
Hayer-Hartl. Chaperonin-catalyzed rescue of kinetically trapped states in protein
folding. Cell, 142(1):112–122, 2010.

[220] Huan-Xiang Zhou and Ken A Dill. Stabilization of proteins in confined spaces.
Biochemistry, 40(38):11289–11293, 2001.

[221] J. L. Denburg, R. T. Lee, and W. D. McElroy. Substrate-binding properties of
firefly luciferase. i. luciferin-binding site. Arch Biochem Biophys, 134(2):381–94,
1969.

[222] R. T. Lee, J. L. Denburg, and W. D. McElroy. Substrate-binding properties of
firefly luciferase. ii. atp-binding site. Arch Biochem Biophys, 141(1):38–52, 1970.

[223] M. DeLuca and W. D. McElroy. Kinetics of the firefly luciferase catalyzed
reactions. Biochemistry, 13(5):921–5, 1974.

[224] K. H. Chang, H. Xiang, and D. Dunaway-Mariano. Acyl-adenylate motif of the
acyl-adenylate/thioester-forming enzyme superfamily: a site-directed mutagene-
sis study with the pseudomonas sp. strain cbs3 4-chlorobenzoate:coenzyme a
ligase. Biochemistry, 36(50):15650–9, 1997.

[225] H. Kleinkauf and H. Von Dohren. A nonribosomal system of peptide biosynthesis.
Eur J Biochem, 236(2):335–51, 1996.

[226] Takeaki Ozawa, Asami Kaihara, Moritoshi Sato, Kazunari Tachihara, and
Yoshio Umezawa. Split luciferase as an optical probe for detecting protein-
protein interactions in mammalian cells based on protein splicing. Analytical
chemistry, 73(11):2516–2521, 2001.

[227] R. Herbst, U. Schafer, and R. Seckler. Equilibrium intermediates in the reversible
unfolding of firefly (photinus pyralis) luciferase. J Biol Chem, 272(11):7099–105,
1997.

[228] R. Herbst, K. Gast, and R. Seckler. Folding of firefly (photinus pyralis) lu-
ciferase: aggregation and reactivation of unfolding intermediates. Biochemistry,
37(18):6586–97, 1998.

[229] J. Frydman, H. Erdjument-Bromage, P. Tempst, and F. U. Hartl. Co-
translational domain folding as the structural basis for the rapid de novo folding
of firefly luciferase. Nat Struct Biol, 6(7):697–705, 1999.

[230] Maxim S Svetlov, Aigar Kommer, Vyacheslav A Kolb, and Alexander S Spirin.
Effective cotranslational folding of firefly luciferase without chaperones of the
hsp70 family. Protein science, 15(2):242–247, 2006.

268



[231] Robert J Schumacher, Robin Hurst, William P Sullivan, Nancy J McMahon,
David O Toft, and Robert L Matts. Atp-dependent chaperoning activity of
reticulocyte lysate. Journal of Biological Chemistry, 269(13):9493–9499, 1994.

[232] Morten Bertz and Matthias Rief. Mechanical unfoldons as building blocks of
maltose-binding protein. Journal of molecular biology, 378(2):447–458, 2008.

[233] Whasil Lee, Xiancheng Zeng, Huan-Xiang Zhou, Vann Bennett, Weitao Yang,
and Piotr E. Marszalek. Full reconstruction of a vectorial protein folding pathway
by atomic force microscopy and molecular dynamics simulations. Journal of
Biological Chemistry, 285(49):38167–38172, 2010.

[234] Elizabeth A. Shank, Ciro Cecconi, Jesse W. Dill, Susan Marqusee, and Carlos
Bustamante. The folding cooperativity of a protein is controlled by its chain
topology. Nature, 465(7298):637–640, 2010.

[235] Johannes Stigler, Fabian Ziegler, Anja Gieseke, J. Christof M. Gebhardt, and
Matthias Rief. The complex folding network of single calmodulin molecules.
Science, 334(6055):512–516, 2011.

[236] Wenjun Zheng, Bernard R Brooks, and D Thirumalai. Low-frequency normal
modes that describe allosteric transitions in biological nanomachines are ro-
bust to sequence variations. Proceedings of the National Academy of Sciences,
103(20):7664–7669, 2006.

[237] Wenjun Zheng and Sebastian Doniach. A comparative study of motor-protein
motions by using a simple elastic-network model. Proceedings of the National
Academy of Sciences, 100(23):13253–13258, 2003.

[238] Cecilia Clementi. Coarse-grained models of protein folding: toy models or
predictive tools? Current opinion in structural biology, 18(1):10–15, 2008.

[239] N. P. Franks, A. Jenkins, E. Conti, W. R. Lieb, and P. Brick. Structural
basis for the inhibition of firefly luciferase by a general anesthetic. Biophys J,
75(5):2205–11, 1998.

[240] T. Nakatsu, S. Ichiyama, J. Hiratake, A. Saldanha, N. Kobashi, K. Sakata, and
H. Kato. Structural basis for the spectral difference in luciferase bioluminescence.
Nature, 440(7082):372–6, 2006.

[241] Nicolas Guex, Manuel C Peitsch, and Torsten Schwede. Automated comparative
protein structure modeling with swiss-model and swiss-pdbviewer: A historical
perspective. Electrophoresis, 30(S1):S162–S173, 2009.

[242] F. Kiefer, K. Arnold, M. Kunzli, L. Bordoli, and T. Schwede. The swiss-
model repository and associated resources. Nucleic Acids Res, 37(Database
issue):D387–92, 2009.

269



[243] Wei-Qing Wang, Qin Xu, Yu-Fei Shan, and Gen-Jun Xu. Probing local confor-
mational changes during equilibrium unfolding of firefly luciferase: fluorescence
and circular dichroism studies of single tryptophan mutants. Biochemical and
biophysical research communications, 282(1):28–33, 2001.

[244] Lauren L Porter and George D Rose. A thermodynamic definition of protein
domains. Proceedings of the National Academy of Sciences, 109(24):9420–9425,
2012.

[245] K Tanuj Sapra, Mehdi Damaghi, Stefan Kster, zkan Yildiz, Werner Khlbrandt,
and Daniel J Muller. One beta hairpin after the other: Exploring mechanical
unfolding pathways of the transmembrane beta-barrel protein ompg. Angewandte
Chemie International Edition, 48(44):8306–8308, 2009.

[246] Alireza Mashaghi, Samaneh Mashaghi, and Sander J Tans. Misfolding of
luciferase at the single-molecule level. Angewandte Chemie International Edition,
53(39):10390–10393, 2014.

[247] Patricia L Clark. Protein folding in the cell: reshaping the folding funnel. Trends
in biochemical sciences, 29(10):527–534, 2004.

[248] Ian M Sander, Julie L Chaney, and Patricia L Clark. Expanding anfinsens
principle: contributions of synonymous codon selection to rational protein
design. Journal of the American Chemical Society, 136(3):858–861, 2014.

[249] Julie L Chaney and Patricia L Clark. Roles for synonymous codon usage in
protein biogenesis. Annual review of biophysics, 44:143–166, 2015.

[250] F Ulrich Hartl and Manajit Hayer-Hartl. Converging concepts of protein folding
in vitro and in vivo. Nature structural & molecular biology, 16(6):574–581, 2009.

[251] Felix Gloge, Annemarie H Becker, Günter Kramer, and Bernd Bukau. Co-
translational mechanisms of protein maturation. Current opinion in structural
biology, 24:24–33, 2014.

[252] Feng Ding, Weihua Guo, Nikolay V Dokholyan, Eugene I Shakhnovich, and
Joan-Emma Shea. Reconstruction of the src-sh3 protein domain transition state
ensemble using multiscale molecular dynamics simulations. Journal of molecular
biology, 350(5):1035–1050, 2005.

[253] David E. Shaw, Paul Maragakis, Kresten Lindorff-Larsen, Stefano Piana, Ron O.
Dror, Michael P. Eastwood, Joseph A. Bank, John M. Jumper, John K. Salmon,
Yibing Shan, and Willy Wriggers. Atomic-level characterization of the structural
dynamics of proteins. Science, 330(6002):341–346, 2010.

270
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