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Abstract 
The central dogma of molecular biology relies on the correct Watson-Crick (WC) 

geometry of canonical deoxyribonucleic acid (DNA) dG•dC and dA•dT base pairs to 

replicate and transcribe genetic information with speed and an astonishing level of 

fidelity. In addition, the Watson-Crick geometry of canonical ribonucleic acid (RNA) 

rG•rC and rA•rU base pairs is highly conserved to ensure that proteins are translated 

with high-fidelity. However, numerous other potential nucleobase tautomeric and ionic 

configurations are possible that can give rise to entirely new pairing modes between the 

nucleotide bases. Very early on, James Watson and Francis Crick recognized their 

importance and in 1953 postulated that if bases adopted one of their less energetically 

disfavored tautomeric forms (and later ionic forms) during replication it could lead to 

the formation of a mismatch with a Watson-Crick-like geometry and could give rise to 

“natural mutations.”  

Since this time numerous studies have provided evidence in support of this 

hypothesis and have expanded upon it; computational studies have addressed the 

energetic feasibilities of different nucleobases’ tautomeric and ionic forms in siico; 

crystallographic studies have trapped different mismatches with WC-like geometries in 

polymerase or ribosome active sites. However, no direct evidence has been given for (i) 

the direct existence of these WC-like mismatches in canonical DNA duplex, RNA 
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duplexes, or non-coding RNAs; (ii) which, if any, tautomeric or ionic form stabilizes the 

WC-like geometry. This thesis utilizes nuclear magnetic resonance (NMR) spectroscopy 

and rotating frame relaxation dispersion (R1ρ RD) in combination with density functional 

theory (DFT), biochemical assays, and targeted chemical perturbations to show that (i) 

dG•dT mismatches in DNA duplexes, as well as rG•rU mismatches RNA duplexes and 

non-coding RNAs, transiently adopt a WC-like geometry that is stabilized by (ii) an 

interconnected network of rapidly interconverting rare tautomers and anionic bases. 

These results support Watson and Crick’s tautomer hypothesis, but additionally support 

subsequent hypotheses invoking anionic mismatches and ultimately tie them together. 

This dissertation shows that a common mismatch can adopt a Watson-Crick-like 

geometry globally, in both DNA and RNA, and whose geometry is stabilized by a 

kinetically linked network of rare tautomeric and anionic bases. The studies herein also 

provide compelling evidence for their involvement in spontaneous replication and 

translation errors. 
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1. Introduction 

1.1 DNA replication fidelity 

Genomic DNA is replicated with astonishing accuracy, fidelity, and speed. DNA 

genomes vary in complexity (1) and size; smaller genomes range from 1,800 bases (1.8 

kilobases, Kb) for a small single-stranded DNA porcine circovirus (2) to 2,900,000 bases 

(2.9 megabases, Mb) (3) for the eukaryotic parasite Encephalitozoon cuniculi; larger 

genomes range from ≈149,000,000,000 (≈149 gigabase, Gb) for the Japanese flower Paris 

japonica (4), to an estimated 670 Gb for the amoeba Polychaos dubium (5).  

To gain a better picture of the astonishing speed and fidelity of replication we 

can look to the prokaryotic genome of Escherichia coli (E. coli) and the eukaryotic genome 

of Homo sapiens (humans). The circular genome of E. coli consists of ≈4.6 Mb and is 

completely duplicated in roughly 40 minutes (6). Here, the duplication begins at a single 

replication origin, generating two replication forks that proceed in opposite directions at 

a speed of ≈580-930 bases/second (6, 7). By contrast, the human genome consists of 

roughly 3 Gb (8, 9) and is completely duplicated in ≈8 hours (10). This overall speed of 

≈10,420 bases/second is made possible by many replication complexes operating 

simultaneously across multiple replication origins (6, 10), continuously copying DNA at 

an average speed of ≈33-88 bases/second (10-12), depending on a number of factors 

including polymerase composition.  
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DNA genomes of varying sizes (13) are duplicated with this exceptional speed; in 

spite of their complexity (1) and the endogenous (14-16) and exogenous stresses (17) 

they face. However, replicative alacrity is not sufficient, genetic information must also 

be duplicated with exceptional fidelity. If too many mistakes are made while copying 

organismal genetic information, or too few mistakes are corrected, mutations and 

diseases such as cancer will arise (15, 16, 18-24). Therefore, genetic information is also 

copied with an astonishing fidelity; typically incurring one mistake per 108-1011 bases 

copied in normal cells (14, 25-34), depending on a very wide range of factors including 

taxonomy, organism type, cell cycle, and environmental factors. 
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Figure 1.1: Replicative fidelity sources and contributions 

Given information on prokaryotic and eukaryotic systems (26, 29, 35), a highly 

generalized picture emerges for the relative contributions to overall replication fidelity 

(with focus given to base substitution errors and mismatch repair). 
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Figure 1.2: DNA polymerase families 

Polymerase families are shown near the center of the hexagon. Polymerase names for 

each family (prokaryotic, eukaryotic, and viral) are given in each wedge. Coloring of 

polymerase name denotes a broad generalization of polymerase fidelity, as given by 

base substitution errors (35-46). Green denotes high-fidelity, blue denotes moderate-

fidelity, red denotes low-fidelity, and black is shown when the relative fidelity cannot be 

defined. Accompanying “+” or “-“ signs denote presence or absence of intrinsic 3′-5′ 

exonucleolytic activity (proofreading).  
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There are many ways by which the fidelity of genomic DNA can be 

compromised both during and after replication, and in which mutations can be incurred. 

These include: spontaneous base substitutions, insertions/deletions, double-strand 

breaks, spontaneous deamination and depurination, as well as oxidative, UV, and 

chemical damage (6, 27, 47, 48). In spite of all of these, a high overall genomic fidelity is 

achieved by three key fidelity checkpoints; (i) correct initial deoxynucleotide 

triphosphate (dNTP) selection by replicating polymerases (14, 27, 29), (ii) exonucleolytic 

proofreading of misinserted bases (49), and (iii) DNA damage repair (including 

mismatch repair (31, 50, 51), nucleotide excision repair (52), and base excision repair 

(47)). In order to present a global but simplified view of DNA fidelity we can look 

specifically at how unmodified bases are correctly incorporated during replication and 

how misincorporated bases are proofread or repaired during and after replication 

(Figure 1.1). 

While replicating DNA at astonishing speeds, polymerases must precisely select 

the correct dNTPs to be paired with the template base being copied. Different families of 

polymerases are used to accomplish this feat across organisms found in eukaryotes and 

prokaryotes (42, 53-55) with varying degrees of accuracy. DNA polymerases in 

prokaryotes and eukaryotes (and some viruses) are classified in to 6 different families by 

sequence homology. These polymerase families are: A, B, C, X, Y, and reverse-

transcriptases (RT) (Figure 1.2). DNA polymerases serve a multitude of functions 
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including: chromosomal replication, DNA repair, replication priming, and translesion 

bypass (35, 42, 45, 55, 56). Moreover, the variety of roles they play in copying and 

maintaining the genome leads to highly variable accuracies in replication, ranging from 

≈100 to ≈10-7 base substitutions per base replicated (35-46). Low-fidelity polymerases 

such as pol ι (39), pol κ (57), and pol η (40) often serve to replicate through DNA lesions, 

such as bases damaged by alkylating agents or UV, that would otherwise stall moderate- 

to high-fidelity polymerases, and are thus inherently more error prone (35, 56).  

Accurate dNTP selection by moderate- and high-fidelity polymerases accounts 

for the largest portion of overall fidelity (Figure 1.1) and will be a focal point in relating 

the findings of this research to a key biological process. In most moderate- and high-

fidelity polymerases such as pols α, β, γ, and ε (45) (Figure 1.2) that lack intrinsic 

proofreading capabilities, or which have been mutated to be deficient in 3′-5′ 

exonuclease activity, the wrong base pair is copied roughly once every 1,000 to 1,000,000 

attempts (≈10-3-10-6) (14, 29, 35, 45). These moderate- and high-fidelity polymerases are 

able to discriminate against mismatched or damaged dNTPs, as well as ribonucleotide 

triphosphates (rNTPs), in a very efficient manner through a number of structural and 

kinetic checkpoints within the polymerase. As we briefly survey these diverse fidelity 

checks, a common theme arises; correct dNTP selection across higher-fidelity 

polymerases has a stringent requirement for the correct Watson and Crick (WC) 

geometry of the template base and the incoming dNTP (Figure 1.3). Mismatched dNTP-
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template base pairs are readily rejected as they almost always violate this geometric 

requirement (Figure 1.3) and thus lead to violations in one or a number of the 

polymerase fidelity checks for initial dNTP selection. In order to select the correct dNTP 

to be paired with the template base, higher-fidelity polymerases employ a number of 

strategies (Figure 1.4), though these can vary in different polymerases. 
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Figure 1.3: Watson-Crick versus non-Watson-Crick base pair geometry 

The canonical dG•dC and dA•dT Watson-Crick geometries are shown on the left. 

Representative dG•dT and dA+•dC mismatches (purine-pyrimidine wobbles) are 

shown on the right in red. Green boxes surrounding the dG•dC and dA•dT base pairs 

represent a generalized WC geometry. Red boxes surrounding the dG•dT and dA+•dC 

mismatches highlight their geometric violations of this WC geometry. A protonated dA+-

N1 is also shown in red. 
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Figure 1.4: dNTP selection fidelity checks 

Structural fidelity checks often seen for initial dNTP selection by moderate- and high-

fidelity polymerases to ensure the correct base pair is replicated. Black dashed oval 

denotes generalized binding pocket steric restraints for dNTP/template base pair 

geometry. Orange dashed circle denotes sugar steric gate check for forbidden ribose 2′ 

hydroxyl group on incoming NTP. Waters do not reflect fixed positions and vary 

depending on a number of factors. 
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1.1.1 Initial dNTP selection 

1.1.1.1 Steric discrimination of non-Watson-Crick base pairs in polymerase active 
site 

The base pair binding pocket of many higher fidelity polymerases are tuned to 

accept a dNTP-template base pair with WC geometry (Figure 1.4), and sterically reject 

one with non-WC geometry (14, 27, 29, 34, 46, 58-63). This feature of polymerase dNTP 

discrimination was proposed decades ago by the Goodman group (14). The Kool group 

has extensively experimentally tested this hypothesis through the use of an array of 

chemically modified nucleotide and nucleoside analogues. These modified bases were 

designed to mimic the shape of the canonical nucleobases but lack key functional groups 

which canonical WC pairs have (58, 59). It was shown that these base analogues could be 

efficiently incorporated owing largely to WC shape complementarity with polymerase 

active sites (59). Moreover, bases that were modified to violate WC shape mimicry were 

much less efficiently incorporated (64). However, claims that base pair shape – and not 

hydrogen bonding (H-bonding) (65) – were the key determinant of dNTP selection have 

more recently been challenged and revised (66-69). 

1.1.1.2 Interbase hydrogen bonding 

Watson and Crick showed that hydrogen bonding between bases is crucial to 

forming the correct DNA duplex structure and proposed that these base-base hydrogen 

bonds have significant implications in proper DNA replication (Figure 1.4) (70, 71). As 

discussed above, steady state kinetic studies conducted by the Kool group challenged 
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the involvement in base-base hydrogen bonding in DNA replication fidelity in the late 

1990s and early 2000s (58, 65, 66, 72) and instead advocated for steric shape 

complementarity (59) as being a key driver of dNTP discrimination. However, 

subsequent pre-steady, single-turnover kinetic studies have shown that interbase 

hydrogen bonding plays a significant role in replication fidelity. Studies of human pol γ 

have shown that interbase hydrogen bonding accounts for ≈2-3 kcal mol-1 towards dNTP 

discrimination (68, 69), and hydrogen bonding in the i-1 base pair is especially crucial 

for primer extension (68). Moreover, studies in E. coli pol I and bacteriophage RB69 pol α 

showed that lack of hydrogen bonding decreased polymerase efficiency by 30-1000x (67) 

and >122x (34, 73) , respectively. 

1.1.1.3 Minor-groove hydrogen bonding 

Structural and kinetics studies of high-fidelity polymerases have extensively 

characterized the role of minor groove hydrogen bonding between the dNTP-template 

base pair and the key polymerase side chains (sometimes mediated by water bridges, 

Figure 1.4) in selecting the correct dNTP (34, 60, 74-79). Here, the minor-groove facing 

deoxyadenosine/deoxyguanosine-N3 and thymidine/deoxycytidine-O2 exocyclic groups 

participate in hydrogen bonding either directly with polymerase side chains or 

indirectly via networks of water molecules (60, 62, 75, 77, 79). Kinetics studies have been 

conducted on E. coli and T. aquaticus pol I, calf thymus pol α, human pol β, HIV-I RT, 

and bacteriophage T7 and RB69 polymerases using modified dNTPs and template bases 
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where these functional groups have been removed or replaced with non-polar groups 

(76, 78, 79). These studies have shown that removing these interactions can make 

replication 100-1000x less efficient or stall replication completely (76, 78, 79). Moreover, 

mismatches which cannot form one or more of these key interactions are significantly 

discriminated against (60, 62, 77). 

1.1.1.4 Catalytic metal ions and amino acids 

In order for the dNTP to be incorporated in to the growing primer, the α, β, and 

γ phosphates of the triphosphate moiety (Figure 1.4) must be correctly positioned such 

that a nucleophilic attack can be carried out between the 3’OH group of the primer 

terminus and the α phosphate of the dNTP (53, 69, 80). To carry-out this nucleophilic 

attack, two divalent metal ions (possibly three, given very recent studies (81)) and 

catalytic amino acid residues on the “fingers” of some DNA polymerases (Figure 1.4) are 

used (69, 80, 82). Magnesium ions are the most commonly used metals to facilitate the 

dNTP incorporation. The two partially hydrated metal ions occupy two sites (A and B); 

Mg2+ A is coordinated to the triphosphate and interacts with the primer 3’-hydroxyl. 

Mg2+ A is believed to help charge stabilize the backbone and lower the pKa of the 3’OH 

to enable the nucleophilic attack on the α phosphate where it also stabilizes the charge 

buildup in the transition-state (53, 69, 80). Mg2+ B is also believed to play a role in charge 

neutralization, stabilizing the transition-state, and stabilization of the leaving 

pyrophosphate (β and γ) moiety (53, 69, 80). 



 

13 

If the Mg2+ ions in sites A and/or B are replaced with Mn2+, polymerases are 

nearly universally more promiscuous in which dNTPs they incorporate and therefore 

make more mistakes (61, 69, 83). The pro-mutagenic behavior of manganese is believed 

to arise, in part, because Mn2+ accelerates the rate of reaction with misaligned dNTPs (i.e. 

mismatched dNTP-template base pairs) (69). Moreover, it has been hypothesized that 

Mn2+ stabilizes the catalytically competent “closed” conformation of some polymerases, 

even with incorrect dNTP substrates (61). Catalytic side chains of the “fingers” portion 

of DNA polymerases can also be involved in discrimination by helping to charge 

stabilize the β and γ phosphates and contributing to the correct alignment of the α 

phosphate for catalysis (69). 

1.1.1.5 Sugar steric gate 

Polymerases have a wide range of substrates to choose from when replicating 

DNA; they must discriminate not just between correct and incorrect dNTPs, but also 

between dNTPs and rNTPs. It has been shown that in S. cerevisiae there is a tremendous 

cellular imbalance between dNTP and rNTP concentrations; rNTP concentrations are 

≈36-190x greater than dNTP concentrations (84). This imbalance means that polymerases 

are much more frequently presented with a choice of rNTP substrates rather than the 

correct dNTP substrates. In fact, misinserting ribonucleotides is the most common 

replicative error in yeast (51, 84, 85). However, polymerases have still evolved highly 
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efficient methods for discriminating against rNTPs in spite of their structural similarities 

to dNTPs (86-89).  

Structural and kinetics studies have provided evidence for a “steric gate” in 

DNA polymerases that prevents rNTP incorporation, often by projecting a bulky residue 

in to the active site that would otherwise clash with the 2′OH of a ribonucleotide (Figure 

1.4) (89). The steric gate may also entail more complicated H-bonding interactions with 

the sugar in addition to steric repulsion (89). This gating is most often achieved by a 

tyrosine residue, though glutamic acid, glycine, or phenylalanine residues have also 

been reported (89). These steric gates have been observed across nearly all polymerase 

families, including reverse-transcriptases, and can account for ≈101-106 selectivity against 

rNTPs (89). 

1.1.1.6 Hydration and enthalpic/entropic compensation 

Early attempts to explain polymerase fidelity and discrimination against 

mismatches invoked the relative free-energy differences between canonical WC base 

pairs and the less stable mismatches in duplex DNA (90, 91). It was reasoned that 

polymerases could discriminate against, and reject, a mismatched dNTP-template base 

pair owing at least in part to the relative instability of mismatches. However, this 

hypothesis quickly fell out of favor owing to the fact that the energetic differences 

between mismatches and canonical pairs in DNA duplexes in free solution (<1 kcal mol-

1) (90-92) are insufficient to explain the level of fidelity achieved by polymerases, even in 
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the absence of proofreading (≈10-3-10-6 or ≈4-8.5 kcal mol-1) (14, 27, 29, 35, 90-92). Though 

a recent revision to this hypothesis has been put forth (93), it has been challenged on 

experimental grounds (92). 

Instead of purely relying on relative free-energy differences in free solution (<1 

kcal mol-1), it has been posited that other factors can amplify these differences into the 

range needed to explain the observed misinsertion frequencies (≈4-8.5 kcal mol-1) (29, 

92). Studies have shown that, in comparison to the free energy differences of duplexes in 

free solution, the energetic difference of mismatches in polymerase active sites are 

significantly elevated to levels comparable to that expected for the observed polymerase 

infidelity (90-92, 94). It is believed that these significant energetic differences are 

achieved by changes in solvation in the mismatches owing to steric exclusion of waters, 

in addition to the WC shape complementarity of polymerase active sites. Such steric 

exclusion of waters has been shown to magnify enthalpic, and reduce entropic 

differences and contribute to overall discrimination against mismatches (90-92, 94).  

1.1.1.7 dNTP interactions with primer 3′ terminus 

Stacking and solvation play a large role in overall duplex stability, and they also 

play a significant role in dNTP selection and genetic fidelity (Figure 1.4). It has been 

shown that the composition of the 3′ primer base (and i-1 base pair) can have a large 

effect on the stacking of the incoming dNTP and, in-turn, effect fidelity (34, 95). 

Moreover, the 3′ primer base plays a direct and in-direct role in fostering proper 
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solvation of the dNTP that contributes to extension efficiency (34, 95). Together, the 

composition of the 3′ primer base and that of the dNTP leads to a complex set of 

stacking, partial charge, and solvation interactions that play a role in extension efficiency 

and fidelity (34, 95). 

1.1.2 3'→5' exonucleolytic proofreading 

If the fidelity checks employed in initial dNTP selection are bypassed, and a 

mismatched dNTP is incorporated, the next major fidelity checkpoint employed by 

many polymerases (Figure 1.2) is exonucleolytic proofreading (14, 27, 29, 49, 96-99). In 

contrast to initial dNTP selection that has a very strong reliance on dNTP-template base 

pair geometry, the mechanism of proofreading seems to be dominated by kinetics and 

the stability of the mismatched i-1 base pair (the previously misincorporated dNTP, now 

mismatched primer terminus). Incorporation of a mismatch at the i-1 position of the 

growing strand can stall extension of the incoming dNTP-template base pair by up to 

10,000x relative to correct i-1 pair (27, 29, 98, 99). When put in to purely kinetic terms, 

the rate of incorporation (≈300 s-1) and extension (≈300 s-1) of a correct pair is significantly 

faster than that of the incorporation (≈0.03 s-1) and extension (0.01 s-1) of a mismatched 

pair (27, 98, 99). Competing with extension is the exonucleolytic pathway which shuttles 

the growing strand to a separate domain of the polymerase where the last incorporated 

base is excised (27, 98, 99). Here, kinetic competition between the rate of extension of a 

mismatched primer terminus (≈0.01 s-1) and the rate of the mismatch sliding in to the 
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exonuclease domain (≈2.3 s-1) are the crucial in determining proofreading efficiency. In 

this example, the rate of proofreading is ≈230x faster than extension for the mismatched 

primer terminus. For correct pair extension (≈300 s-1) versus correct pair exonucleolytic 

activity (≈0.2 s-1), the rate of extension is ≈1500x faster than proofreading (27, 98, 99). 

It has been shown that a significant portion of what governs these rates are the 

stability of the i-1 base pair in the growing strand, rather than steric geometric 

constraints as seen with other fidelity checks in initial dNTP selection (Figure 1.4) (100). 

However, hydrogen bonding with the i-1 base pair still plays a significant role in 

dictating the proofreading kinetics (101). 

1.1.3 Mismatch repair 

Initial dNTP selection and exonucleolytic proofreading together can elevate 

replicative fidelity to an error rate of just ≈10-7-10-8 (Figure 1.1) (26, 27, 29, 34, 35, 45). 

However, this is still orders of magnitude insufficient to account for the overall error 

rates observed in cells (Figure 1.1; 108-1011) (14, 25-34). To achieve this level of fidelity, 

post-replicative DNA repair mechanisms are employed to repair damaged DNA (47, 52), 

as well as correcting mismatches that evade the initial replication selection (26, 31, 50, 

51) or which arise due to other processes such as spontaneous deamination (31, 102). 

Mismatch repair (MMR), in particular, can enhance genetic fidelity by an additional 50-

1000x (31). The components of eukaryotic and prokaryotic MMR complexes, the 

mechanisms by which they search for mistakes, and the complex modes of repair are 
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outside of the focus, and beyond the scope, of the research presented in this dissertation. 

Pioneering studies from the labs of Matthew Meselson (103, 104), Paul Modrich (104-

107), Miroslav Radman (108), Sanford Lacks (109), Hans-Joachim Fritz (110), and others 

have characterized the components and mechanisms of mismatch repair in prokaryotes 

and eukaryotes. These have been extensively reviewed elsewhere (31, 48, 50, 51, 111-

114). 
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1.2 Rare tautomers, anions, and the Watson-Crick theory of 
spontaneous mutagenesis 

When James Watson and Francis Crick first proposed the helical model for the 

DNA duplex (115) they immediately recognized its implications in storing and copying 

genetic information (70, 115). Their proposed model of deoxyadenosine pairing with 

thymidine (dA•dT) and deoxyguanosine pairing with deoxycytidine (dG•dC) (Figure 

1.3) rested upon the bases being in their “most plausible tautomeric forms” (Figure 1.5) 

to allow for the correct pairing geometry and hydrogen bonds (115). Briefly, all 

nucleobases have different tautomeric forms which are structural isomers that vary by 

the position of an exchangeable proton and a π-bond (116), some of which are more 

favored than others. The favored tautomeric form for guanine and thymine is the “keto” 

form, while the disfavored form is “enol” form. The favored tautomeric form for 

adenine and cytosine are the “amino” form, while the disfavored form is “imino” form 

(Figure 1.5). The fact that their model required the bases to be in their dominant 

tautomeric form lead them to the revelation that if the bases occasionally adopted their 

less likely tautomeric forms, incorrectly paired purine-pyrimidine bases (dA•dC and 

dG•dT) could form mismatches with WC geometry (Figure 1.6) (70, 71). Watson and 

Crick further postulated that if these “WC-like” mismatches occasionally occurred 

during replication, they could give rise to spontaneous mutations (71). If, for example, a 

rare tautomeric WC-like dG•dTTP formed during replication, the parent strand could 

continue to code for dG•dC and while the daughter strand would thereafter encode 
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dA•dT in subsequent generations (Figure 1.7), owing to the semi-conservative nature of 

DNA replication (6). This hypothesis set in motion decades of experimental and 

computational studies to explore their theory on the origin of spontaneous mutations 

and on which this dissertation is focused and advances. 
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Figure 1.5: Nucleobase tautomers and tautomerization 

Energetically most favored and next least favored (disfavored) tautomeric forms in 

water shown for each base. Other less energetically favored tautomeric forms can exist 

but are not shown here. A hypothetical tautomerization reaction for guanosine is also 

shown. 
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Figure 1.6: Watson-Crick purine-pyrimidine tautomeric mismatches 
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Figure 1.7: Substitution mutations 

If dG•dTTP spontaneously adopts a WC-like geometry by dG or dTTP adopting one of 

their less likely tautomeric forms, they may evade the polymerases’ initial fidelity checks 

and be misincorporated. If the dG•dT mismatch evades proofreading and MMR, they 

may cause base substitution mutations in subsequent generations.  
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In order to put the history of the Watson and Crick theory of spontaneous 

mutagenesis in to perspective, one can look back to the discovery of the nucleobases and 

nucleic acid. In 1845 Bodo Unger first discovered the nucleobases guanine and xanthine 

in bat droppings (guano) (117). Decades later in 1871 Friedrich Miescher discovered a 

novel biomolecule in leukocytes that was neither protein nor lipids which he termed 

“nuclein” to reflect the nuclei of cells from which it came (118, 119). Nuclein was later 

revised and renamed “nucleic acid” by Richard Altmann in 1889 to reflect its acid nature 

(119). However, it was more than 30 years later before Albrecht Kossel uncovered the 

chemical composition of these nucleic acids, a set of discoveries that earned him the 1910 

Nobel Prize in Physiology or Medicine. In 1884-1885 Kossel discovered that nucleic acids 

from the thymus glands of chickens contained the purine bases, guanine and adenine, 

the latter of which he named after the Greek term for gland – aden (120, 121). Kossel and 

co-workers subsequently uncovered the pyrimidine constituents; thymine in 1893 (122) 

and cytosine in 1894 (123). 

It was around this time that the concept of tautomerism emerged and was being 

called the “hottest [field] in the recent history of organic chemistry” (124) by the turn of 

the century. Conrad Laar conceived of tautomerism in 1886 (125) to explain how labile 

isomers of the same compound can interconvert by intramolecular shuffling of a weakly 

held proton (116, 124). In spite of significant interest and experimental studies, primarily 

using ultraviolet and infrared spectroscopy (126-128), there was significant uncertainty 
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as to the dominant tautomeric form of the DNA nucleobases and nucleotides in the 

years immediately preceding (127-132) Watson and Crick’s seminal paper on the DNA 

duplex structure (115). 

Indeed, the incorrect assignment of the tautomeric forms of the nucleobases 

initially stymied their attempts to solve the structure of the DNA duplex. James Watson 

had been using the incorrect enol tautomeric forms of the guanosine and thymine 

(Figure 1.5), which did not permit the proper pairing to complete the model. Jerry 

Donohue, a visiting scientist sharing an office with Watson, instead argued that the 

tautomeric forms Watson was copying from current chemistry textbooks were wrong 

and that he should be using the keto forms instead. With this modification, the pieces 

began to fall in to place and the bases could be paired correctly (133). 

 Preceding and immediately following Watson and Crick’s hypothesis on the 

origins of spontaneous mutagenesis, there was much effort was directed towards fully 

resolving the tautomeric forms and equilibria of the various nucleobases and nucleotides 

in order to understand which tautomeric configurations are formed and in what ratio 

(134-136). Early experimental measurements of of the 1-/9-methyl nucleobases were 

observed to form the disfavored tautomers approximately ≈10-4-10-5 relative to the 

dominant tautomeric form (137-140). These tautomeric constants were estimated given 

the ratios of pKas of the two heavy atoms that exchanged the labile proton (Equation 

1.1). Early experiments gained rough measurements of these pKas by “locking” one of 



 

26 

the atoms with a methyl group, then titrating in acid or base until they protonated or 

deprotonated the other heavy atom and could thus calculate its pKa. This was then 

repeated for the other heavy atom. 

Equation 1.1: Tautomeric constant 

Kt =
10 pKa1

10 pKa 2
 

 Around this time, Per-Olov Löwdin published a key theoretical paper on proton 

tunneling in nucleic acids and how it may contribute to spontaneous mutagenesis (141). 

Löwdin’s proposed model involved the nucleobases and proton tunneling – the 

“barrierless” quantum tunneling of a proton from one atom to another. Löwdin 

proposed that proton tunneling in dG•dC and dA•dT base pairs could give rise to pairs 

of disfavored tautomers (dGenol•dCimino and dAimino•dTenol) via a double proton transfer, 

and these tautomers could then give rise to spontaneous mutations in the next round of 

replication (141). Löwdin’s paper was a landmark article in the burgeoning field of 

quantum biology and has stimulated innumerous computational studies on the 

quantum mechanical origins of mutations and diseases that continue to this day. 

 The years of basic research after Watson and Crick’s initial hypothesis 

culminated in a key paper by Michael Topal and Jacques Fresco in 1976 (142) which 

expanded upon Watson and Crick’s theory spontaneous mutagenesis. Topal and Fresco 

argued that beyond just the purine-pyrimidine mismatches Watson and Crick proposed, 

purine-purine mismatches could also satisfy the steric constraints of the DNA double 
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helix by adopting a range of disfavored tautomeric forms and by flipping a purine base 

from anti to syn (142). In this model, purine-pyrimidine mismatches would lead to 

transition mutations (mutating purine→purine or pyrimidine→pyrimidine) and purine-

purine mismatches would lead to transversion mutations (mutating purine→pyrimidine 

or pyrimidine→purine). In addition, they proposed that the frequency at which these 

nucleobases adopted their less likely tautomeric forms (10-4-10-5 based on early estimates 

(137-140)), or in which a purine in a purine-purine mismatch flipped from anti to syn, 

was a key determinant of the frequency of errors. While this frequency is insufficient to 

account for the observed rates of spontaneous mutations in DNA (10-8-10-11), they 

proposed that this could be accommodated by requiring the same rare event to happen 

at two sequential fidelity checkpoints; 10-4-10-5 at initial selection followed by an 

additional 10-4-10-5 at proofreading (142). 

 The early 1980s marked a revolution in high-resolution structural studies of 

DNA using X-ray crystallography and NMR. The Dickerson lab was the first to solve the 

high-resolution structure of a complete turn of a B-DNA helix (143), as opposed to the 

fiber diffraction model given by Watson and Crick (115). In concert with 

crystallography, pioneering 1H/31P NMR studies by Dinshaw Patel and others were 

teasing apart the conformation and dynamics of DNA in solution (144, 145). Soon after, 

the structure of a dG•dT mismatch in a DNA duplex was solved but they found no 

evidence for the formation of the disfavored tautomeric forms (146) – instead finding the 
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now widely recognized wobble geometry (Figure 1.3). Other studies seeking to explore 

the structure of various mismatches in DNA duplexes (147-149) found no immediate 

evidence in support of the Watson-Crick theory of spontaneous mutagenesis (or Topal 

and Fresco’s addendum). Instead, biochemical evidence for the tautomer mutagenesis 

hypothesis emerged in chemically modified bases such as N4-methoxy-2′-deoxycytosine 

(150) and the highly carcinogenic and mutagenic (151) O6-methyl-2′-deoxyguanosine 

(m6dG). m6dG was shown to stimulate misincorporation opposite a template dT (152, 153), 

and subsequent NMR (154) and X-ray (155) studies showed that the m6dG•dT mismatch 

adopted a WC-like geometry in duplexes, with the O6-methyl locking an “enol-like” 

configuration analogous to the expected disfavored tautomeric form (Figure 1.5). Such 

chemical modifications can variably “tilt” the tautomeric equilibrium in favor of the 

typically disfavored tautomeric forms (enol and imino). 

 As a rapidly growing number of studies were being conducted on DNA 

mismatches, a series of papers starting in late 1980s significantly altered the Watson and 

Crick theory of spontaneous mutagenesis. In 1959 Ernst Freese showed that the 

modified base 5-bromo-2′-deoxyuridine (5BrdU – a modified thymine with the C5-methyl 

group replaced with a bromine; Figure 1.8) was mutagenic and stimulated significant 

dG•5BrdU misincorporation errors (156). He attributed this increase in misincorporation 

to the formation of a WC-like dG•5BrdUenol tautomer, where the C5-bromine stabilized 

the disfavored enol tautomeric form relative to dT (156, 157). This was supported, in 
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part, soon after by studies showing that the 5BrdUenol nucleobases was 10x more stable 

than dTenol (138). However, in 1962 Lawley and Brookes postulated that spontaneous 

mutations could also arise from anionization of dG, dT, or 5BrdU which would in turn 

allow for a two H-bond stabilized dG•dT or dG•5BrdU mismatch with WC-like 

geometry (Figure 1.8) (158). However, subsequent structural studies showed that 

dG•5BrdU mismatches form a wobble geometry instead of a WC-like conformation (159). 

In 1988, Driggers and Beatty carried out pH-dependent misincorporation studies on 

dG•dTTP and dG•5BrdUTP with various polymerases and found that increasing the pH 

of the reaction stimulated increased dG•5BrdUTP misincorporation. They generally 

hypothesized that ionization of 5BrdUTP was more favorable because of its lowered N3 

pKa (8.1 for 5BrdU versus 9.8 for dT (158, 160)) and ionization was stimulating 

misincorporation (157). The Goodman group immediately thereafter published pH-

dependent NMR structural studies of dG•5BrdU and dG•5FdU mismatches in DNA 

duplexes that showed strong evidence for an interconversion between the expected 

wobble geometry and a WC-like anion (≈10% at pH 7.5 for dG•5BrdU–) (161, 162). These 

studies were followed up by a comprehensive pH-dependent kinetic misincorporation 

(163) study on dG•dTTP, dGTP•dT, dG•5BrdUTP, dG•5FdUTP, dGTP•5BrdU, and 

dGTP•5FdU (38). All combinations showed that misincorporation increased with 

increasing pH and strongly supported the expansion of the Watson and Crick 
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spontaneous mutagenesis hypothesis to include WC-like anions in addition to WC-like 

tautomers (38). 
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Figure 1.8: 5-bromo-2′-deoxyuridine 

Shown are the structures of the modified thymidine nucleobase, 5-bromo-2′-

deoxyuridine (5BrdU), as well as the wobble dG•5BrdU, tautomeric WC-like dG•5BrdUenol, 

and anionic dG•5BrdU– mismatches. 
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The 1990s and early 2000s were marked by an upwelling of spectroscopic and 

quantum mechanical studies aimed at teasing apart, piecemeal, different aspects of the 

spontaneous mutagenesis hypothesis too numerous to be effectively covered here (164-

169). Of particular note were DFT studies directly testing the tautomeric versus anionic 

aspects of the spontaneous mutagenesis (170, 171). 

Substantial experimental support for the tautomeric component of the 

spontaneous mutagenesis hypothesis came in 2003 from Victoria Harris et al. (172). 

Using modified nucleoside analogues with varying tautomeric constants, Harris was 

able to show a general correlation between the tautomeric constants and the frequency 

with which mismatches involving these analogues could be misincorporated by 

polymerases lacking proofreading capabilities (172). This is to say that a modified base, 

which can more easily adopt a less-favored tautomeric form, can more easily evade the 

initial dNTP selection fidelity check than its natural counterpart. What was lacking from 

this study, however, was structural evidence that the proposed tautomeric (Figure 1.6) 

or anionic (Figure 1.8) WC-like mismatches could form in polymerase active sites, but 

without chemical modifications. Some years later, two papers would provide this 

evidence. 

While previous NMR and X-ray studies provided evidence for the formation of 

WC-like chemically modified mismatches (161, 162, 173), it was not until 2011 that high-

resolution crystallographic studies were able to show that unmodified dA•dC and 
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dG•dT mismatches could adopt a WC-like geometry in DNA polymerase active sites. 

Wang and Beese (61) characterized the conformations of dA•dCTP(Mg2+) and 

dA•dCTP(Mn2+) mismatches in the active site of Bacillus stearothermophilus pol I (Figure 

1.2). They observed that while dA•dCTP(Mg2+) adopted the conventional protonated 

wobble geometry previously observed in duplexes (149), the dA•dCTP coordinated to 

the pro-mutagenic Mn2+ ion formed a WC-like geometry originally hypothesized Watson 

and Crick (Figure 1.9) (70). Moreover, they found that the WC-like mismatch is poised 

for misincorporation with the conserved minor groove H-bond forming between water 

and the mismatched dCTP-O2 (61). They hypothesized that the WC-like geometry is 

stabilized by a rare dAimino•dC or dA•dCimino tautomer (Figure 1.6), but owing to the 

limitations in X-ray crystallography they are unable to directly visualize the positions of 

protons and thus were unable resolve which tautomeric form was involved. This study 

provided strong structural evidence in support of the original tautomer spontaneous 

mutagenesis hypothesis. 

In the same year, Bebenek and Kunkel (46) were able to solve the structure of a 

mutant of human DNA pol λ (Figure 1.2) containing a WC-like dGTP(Mg2+)•dT 

mismatch in the polymerase active site, poised for misincorporation (Figure 1.9). Unlike 

with dA•dC mismatches, dG•dT mismatch geometry can be ascribed to four different 

tautomeric or anionic configurations: dGTPenol•dT, dGTP•dTenol, dGTP–•dT, or 

dGTP•dT– (Figure 1.6 and see Figure 2.1). They performed pH-dependent kinetic 
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dGTP•dT misincorporation studies on pol λ and were able to show that 

misincorporation frequency increased by 13-90x when the pH was increased from 7 to 9 

(46). However, they were unable to definitively rule out tautomeric configurations and 

moreover were unable to definitively resolve which anionic form was responsible for the 

WC-like geometry (46). Several subsequent X-ray studies provided additional evidence 

for the spontaneous mutagenesis hypothesis in different DNA polymerase active sites 

including human pol β (174) and bacteriophage RB69 pol I (175). These studies 

contribute to our understanding of the spontaneous mutagenesis hypothesis, though 

many questions remain about which tautomeric or anionic configuration account for the 

observed WC-like geometry, or if these WC-like mismatches were being stabilized by 

the polymerases or crystallization conditions.  

This dissertation provides NMR evidence in support of both the tautomeric (70, 

71) and anionic (158) theories of spontaneous mutagenesis (176). We show that dG•dT 

mismatches spontaneously form dGenol•dT, dG•dTenol, and dGTP•dT– WC-like 

mismatches (see Figure 2.1) in solution in a range of DNA sequence contexts, and in the 

absence of any exogenous factors, with frequencies ranging from 10-3-10-5 (176). 

Moreover, these frequencies are robustly correlated to the frequencies with which high-

fidelity polymerases misincorporate dG•dTTP/dGTP•dT mismatches in the initial 

dNTP fidelity check, prior to proofreading. In addition, this dissertation unravels a 

kinetic network that links together the various tautomeric and anionic forms and which 
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may help to explain sequence dependence and strand directionality dependence of 

misincorporation (11, 177). 
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Figure 1.9: Watson-Crick dA•dCTP and dGTP•dT mismatches in polymerase active 
sites 

Watson-Crick dA•dCTP(Mn2+) mismatch structure solved by Wang and Beese (61) and 

re-produced from PDB 3PXG (63). Watson-Crick dGTP(Mg2+)•dT mismatch structure 

solved by Bebenek and Kunkel (46) and re-produced from PDB 3PML (63). 
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1.3 Tautomers and anions in translational fidelity, catalysis, and 
ligand recognition 

RNA structure is complex (178), dynamic (179), and plays critical functional roles 

in transcription, translation, RNA localization, disease and decay (180, 181). The 

ribonucleotides that form the foundation of these complex RNAs are structurally very 

similar to the DNA bases, differing only in the presence of a 2′OH group on all 

nucleotides and the absence of a C5-methyl group on uridine compared to thymidine. 

The RNA bases are also typically assumed to be in their neutral dominant tautomeric 

form (Figure 1.5). However, it has been well established that the canonical bases 

riboadenosine (rA) and ribocytosine (rC) can be protonated at rA-N1 (182, 183) and rC-

N3 (184); this allows for expanding pairing capabilities (183) and functionality (184). 

Though less well studied, it has also long been suspected that the bases can adopt their 

rare tautomeric forms or can be ionized to form anionic riboguanosine (rG) and 

ribouridine (rU). Such bases have been implicated in the catalytic activities of ribozymes 

(116, 185-188), ligand binding and recognition (189-191), and translational fidelity (192). 

1.3.1 Translational fidelity 

In simple terms, translation is the process by which mRNA is decoded by the 

ribosome to assemble proteins from amino acids that are covalently linked to tRNAs (aa-

tRNA). A three-nucleotide stretch of mRNA, a codon, generally codes for 1 of 20 amino 

acids; the codon is decoded and translated into an amino acid by pairing with the 

complimentary anti-codon on an amino acid containing tRNA within the A-site of the 
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ribosome complex (Figure 1.10). When presented with varying tRNAs, the ribosome 

helps to pair the correct (cognate) tRNA with the correct codon and thus selects the 

correct amino acid to decode. Cognate tRNA have anti-codon loops that are 

complimentary to the codon being read, near-cognate tRNA have anti-codons that are 

sufficiently similar to the codon to be misread with a low frequency, and non-cognate 

tRNA have anti-codons that are non-complimentary to the mRNA (193). Following a 

chain of intricate processes, the selected tRNA is translocated (194) through the P- then 

E-sites following large conformational changes and hydrolysis of GTP, after which its 

amino acid is transferred to the growing peptide chain (Figure 1.10) (193). As such, 

translation is a highly complex and dynamic process (194-197) in which multiple RNA 

and protein complexes must act in concert to ensure that the mRNA is decoded 

efficiently and with high-fidelity (193, 198, 199). On average, in vivo, 5-20 amino-acid 

charged tRNAs (aa-tRNA) encounter the ribosome each second (200, 201) and as many 

are selected for per second (≈20 per second (193)). Owing to the complexity and speed 

with which translation occurs, RNA translation also maintains a high-fidelity by initial 

tRNA selection and proofreading checkpoints (199, 201, 202). These fidelity checks help 

to ensure that the correct amino acid is decoded, however, errors do occur. In vivo the 

wrong amino acid is misincorporated – by decoding a near-cognate or non-cognate 

tRNA – at a frequency 10-3-10-5 (193, 200, 203); similar to the initial dNTP selection 

fidelity during replication (Figure 1.1). In vitro it has been shown that high 
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concentrations of magnesium can stimulate more translation errors than would be seen 

in vivo (193, 204). 

The initial tRNA selection fidelity check is achieved in large part by a stringent 

requirement for Watson-Crick geometry of the base pairs formed at the 1st and 2nd codon 

positions of the mRNA:tRNA mini-helix formed in the A-site. There is a less stringent 

geometric requirement for the 3rd, or wobble, codon position. Three conserved rRNA 

bases (rA1492, rA1493, and rG530 (205)) are responsible for the requirement for WC 

geometry at the 1st/2nd codon positions, but allow for wobble geometry at the 3rd codon 

(205, 206). These bases make specific contacts with the minor groove edge of the bases in 

the high-fidelity codon positions which maintain WC geometry, but are unable to 

hydrogen bond with wobble or other mismatches (Figure 1.11) (198, 199, 205). These 

contacts have been shown to contribute additional binding free energy to the correct 

pairing that can help to account for the ability to discriminate cognate from near- or non-

cognate tRNAs (193, 205). 
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Figure 1.10: Cartoon depiction of a ribosome and an aa-tRNA 
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Figure 1.11: A-minor interactions with first codon position 

Left: rG(tRNA)•rC(mRNA) base pair at 1st codon position showing rA1492 A-minor 

interactions with minor groove of the rG•rC pair. Right: rG(tRNA)•rU(mRNA) 

mismatch at 1st codon position showing that wobble geometry prohibits rA1492 

interactions with recessed wobble base. 
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The spontaneous mutagenesis hypothesis involving disfavored tautomers was 

adapted and extended to translation in 1976 by Topal and Fresco (192). Similar to the 

way in which the initial dNTP selection fidelity checkpoint can be evaded by WC-like 

mismatches in their rare tautomeric forms during replication, Topal and Fresco 

hypothesized that RNA mismatches which adopted a WC-like geometry in the 

codon/anti-codon could bypass translational fidelity checks and lead to amino acid 

misincorporation (Figure 1.12) (192). Here, a WC-like mismatch in the high-fidelity 

codon positions could lead to the ribosome decoding an incorrect amino acid and thus 

generating a mutated protein (Figure 1.12). Years later, in 2002, a pioneering 

crystallographic study on the selection of tRNA by the ribosome and mechanisms of 

translation by the Ramakrishnan lab revealed that a rG(tRNASer)•rU(mRNA) mismatch 

at the second codon position of the A-site tRNA:mRNA mini-helix could adopt a WC-

like geometry (198). The authors posited that the geometry could be afforded due to the 

disfavored tautomers of either rG or rU, and highlighted the importance of WC 

geometry in tRNA selection (198), providing early evidence for a spontaneous amino 

acid mutation hypothesis in translation.  

rG•rU base pairs are the most common mismatches in RNA and can be found 

throughout the transcriptome (207) and can act as genetic information mediators (208, 

209). In addition, rG•rU mismatches at any codon position of the tRNA:mRNA mini-

helix formed in the ribosome during translation account for the majority of observed 
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amino acid misincorporations in proteins expressed in E. coli, hamster ovary cells, and 

humans (203) with different sequence contexts and codon positions displaying differing 

levels of fidelity for correct tRNA selection (203, 210). From 2007-2012, additional 

crystallographic studies were carried out which were able to show that canonical and 

post-transcriptionally modified rG•rU mismatches can adopt a WC-like geometry at the 

high-fidelity (211) and wobble (209, 212) codon positions in the A site of the ribosome. 

The authors theorized that their WC-like geometry was due to either rG or rU adopting 

their disfavored enolic tautomeric forms (Figure 1.12) and have implicated their 

formation in translational infidelity (213) or expanded decoding capabilities (209). These 

studies provided solid structural evidence in support of the rare tautomeric hypothesis 

of translational mutagenesis, but again were unable to resolve which tautomeric form 

involved.  

In 2015, research (176) contained in this dissertation expanded this hypothesis 

even further. We were able to show that both DNA dG•dT and RNA rG•rU mismatches 

can adopt a WC-like geometry across numerous DNA duplexes, RNA duplexes, and a 

range of non-coding RNAs. Moreover, we provide strong evidence for the formation of 

WC-like rG•rU mismatches stabilized by different tautomeric (rGenol•rU and rG•rUenol) 

and anionic (rG•rU–) states (Figure 1.12). In addition, we are able to broadly correlate 

the probability with which WC-like rG•rU tautomers and anions form in RNA duplexes 
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(176) with the probability that rG•rU mismatches lead to amino acid misincorporations 

in animals (203). 

Subsequent structural studies (214-216) on various mismatches in the 

mRNA:tRNA mini-helix in the ribosome have significantly supported the role of rare 

tautomers and anions in Watson-Crick mimicry and translational infidelity. These 

studies have shown that formation of WC-like rG•rU mismatches is not limited to the 

ribosomal A-site (216), but have observed that these rare tautomeric or anionic 

mismatches can also form at the 1st and 2nd codon positions of the P-site as well (Figure 

1.10) (214). This study also showed that rA•rC and rA•rA mismatches are less stable 

and less likely to form WC-like geometries in the ribosome decoding center (214). These 

results are broadly consistent with enzymatic studies showing that translational errors 

are much less like to occur from rA•rC and rA•rA mismatches than rG•rU (217) and 

that rG•rU mismatches at the high-fidelity codon positions can contribute to 

translational error hotspots (210). Though recent molecular dynamics simulations have 

not supported tautomerization as a cause of translational error (218), the NMR studies 

carried out in this dissertation, along with these structural studies provide strong 

evidence for a mechanism in which mismatches can adopt WC-like geometry via 

tautomerization or ionization and stimulate amino acid miscoding and lead to 

spontaneous amino acid mutations. 
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Figure 1.12: Spontaneous amino acid misincorporation by tautomeric or anionic 
mismatches 

Above: Decoding of cognate (left) and near-cognate (right) tRNAs leads to the 

incorporation of the correct and incorrect amino acid, respectively. Below: Watson-

Crick-like rG•rU tautomers and anions can form competent and requisite interactions 

with the ribosomal A-minor motif.   
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1.3.2 Catalysis 

Though RNA is comprised of only a limited number of repeating nucleobases, it 

is dynamic (219-224) and able to adopt a range of complex 3D conformations that allow 

it to carry out a range of functions (180). RNAs that act as catalysts are called 

‘ribozymes’ (225) and can catalyze reactions such as peptidyl transfer between tRNA 

and a growing peptide chain (226) or hydrolysis of phosphoryl groups (185, 227). An 

especially well studied and important group of catalytic RNAs are self-cleaving 

ribozymes (185, 225, 228). Self-cleaving ribozymes are RNAs that fold in to distinct 3D 

conformations which allow them to cleave their own phosphate backbone at a conserved 

sequence, most often by a general acid/base mechanism (187, 227), in order to direct 

replicative processing or control gene expression (227). 

Disfavored nucleobase tautomers and anions are not limited to roles in 

replication and translation errors. Studies have supported a role for anionic or 

tautomeric rG that can act as a catalytic general base for a subset of self-cleaving 

ribozymes, including the glmS (229), hammerhead (230), and hairpin (231) ribozymes 

(116). Here, the anionic or tautomeric rG-N1 is believed to donate a lone pair of electrons 

to stabilize the catalytic 2′OH, which cleaves the 3′ phosphate group (116, 185). Studies 

of the recently discovered twister ribozyme have also implicated an anionic rG-N1 as a 

catalytic base in the mechanism of self-cleavage (232). While structural and biochemical 
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evidence supports the involvement of an anionic rG in these ribozymes, more studies 

are needed to elucidate the potential involvement of tautomeric forms. 

1.3.3 Ligand recognition 

Structured RNAs are also able to play dynamic roles in gene expression. Bacterial 

RNAs called “riboswitches” are able to respond to cellular cues by binding to 

metabolites with high affinity (233-235) and can then exert an influence on transcription 

and translation (236, 237). Riboswitch structure is generally divided in to two domains; 

the aptamer domain is responsible for high affinity ligand binding while the expression 

platform translates the binding event in to a force on gene expression (237). Upon 

metabolite binding in the aptamer domain, the riboswitch undergoes large structural 

changes where after the expression platform can serve to block transcriptional 

machinery, sequester translation initiation sites to prevent protein synthesis (236), or 

enhance gene expression (233). To achieve this high affinity for binding, riboswitches 

have evolved precisely tuned binding pockets composed of RNA bases that make 

specific hydrogen bonding and stacking interactions with the ligands (189, 235). Purine 

binding riboswitches, such as Bacillus subtilis xpt-pbuX (xptG riboswitch) (238), can bind 

purine metabolites such as adenine, guanine, and xanthine with exceptional affinity (Kd 

≈ 4-470 nM (189)) and thereby regulate gene expression. For example, the xptG 

riboswitch binds a guanine ligand by making very specific Watson-Crick hydrogen 



 

48 

bonds to a riboswitch rC (Figure 1.13), as well as sugar and Hoogsteen edge hydrogen 

bonding to other riboswitch residues (238). 

A limited number recent structural studies have pointed to a potential role for 

disfavored tautomers in riboswitch ligand recognition (189, 190). A crystallographic 

study on the xptG riboswitch provides structural evidence for the involvement of the 

disfavored tautomeric form of xanthine in adaptive ligand recognition (189). While the 

riboswitch has evolved to bind guanine with remarkable affinity (Kd = 4 nM), it was 

shown that it can also bind xanthine (Kd = 760 nM) in its disfavored tautomeric form 

(Figure 1.13) (189). A subsequent study employing 2D IR, NMR, and DFT provided 

evidence that the thiamine pyrophosphate riboswitch bound the ligand oxythiamine (a 

modified thymidine analogue) in a disfavored tautomeric form (190). These studies 

support an expanded role for disfavored tautomeric forms of RNA bases, though 

additional studies are needed to establish a broader role for rare tautomers or ionic bases 

in riboswitch binding. 
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Figure 1.13: Tautomerization and riboswitch ligand binding 

xptG riboswitch active site accommodates and binds a guanine ligand in its dominant 

tautomeric form (238) and a xanthine ligand in a minor tautomeric form (189). 
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1.4 Nuclear magnetic resonance and the characterization of rare 
tautomers and anions in DNA and RNA 

A growing body of structural and biochemical evidence strongly suggests that rare 

tautomers and anions play important roles in replication, translation, and RNA 

biochemistry. However, the direct characterization of rare tautomeric and anionic bases 

remains a considerable challenge in structural biology and biophysics because they are 

predicted to exist in low abundance (≈10-4-10-5) and for short periods of time. Their 

defining characteristic is the intramolecular movement, or loss, of protons and 

repositioning of π-bonds that are exceedingly difficult to capture at the atomic level. 

Although X-ray crystallography and cryo-electron microscopy are well suited to 

resolving the structure of complex biomolecules, they are unable to directly resolve the 

positions of the nucleobases’ protons and thus the tautomeric and ionic states of the 

bases from these studies most often remain unknown. These methods also require 

samples to be prepared under non-deal conditions that can introduce artifacts (239) or 

limit intrinsic conformational freedom (240). Moreover, they are inherently limited in 

their capability to report on subtle conformational or configurational dynamics such as 

those being investigated in this dissertation, though recent methodological advances are 

helping to overcome these limitations (240-244). Alternative spectroscopic methods such 

as 2D infrared spectroscopy tend to suffer from spectral overlap that can limit their 

atomic resolving power to much smaller molecules. NMR, however, is poised to answer 

a number of outstanding questions regarding the structure, population, and lifetimes of 
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disfavored nucleic acid tautomers. By using 15N relaxation dispersion (RD) NMR 

experiments (245, 246) and exploiting the large changes in 15N chemical shift (CS) arising 

due to deprotonation of imino N1 and N3 groups (176), we were able to observe the 

formation and dynamics rare tautomers and anions in both DNA dG•dT and RNA 

rG•rU mismatches. 

1.4.1 Chemical shifts of tautomers and anions 

NMR is a spectroscopic method that provides direct information about the local 

environment of the individual atoms within different molecules. In a strong magnetic 

field, the distinct electronic environment of each atom gives rise to a unique resonant 

frequency. These unique frequencies can be recorded and then converted to peaks in the 

frequency domain by a mathematical algorithm called a ‘fast Fourier Transform’ (247). 

Through subsequent analysis, these peaks can provide rich information regarding the 

local structure and dynamics of each atom that is examined. 

The atoms that most commonly comprise nucleic acids (hydrogen, carbon, 

nitrogen, phosphorous, and oxygen) have nuclei that are themselves comprised of 

protons and neutrons. Protons and neutrons have an intrinsic quantum property called 

‘spin’, which is a form of angular momentum. Nuclei that have an odd number of 

neutrons plus protons have half-integer nuclear spin (e.g. 1/2 and 3/2) and are NMR 

observable, though nuclear spin numbers other than ½ have undesirable qualities that 

are not amenable to conventional biomolecular NMR (247). In nucleic acids, the isotopes 
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of atoms that have the desired nuclear spin ½ are 1H, 13C, 15N, and 31P. However, 13C and 

15N are not naturally abundant and thus DNA and RNA NMR samples are often made 

with nucleobases synthetically enriched in these rare isotopes. These are in-turn called 

“13C-labeled”, “15N-labeled”, or “C/N-labeled” samples.  

Though perhaps overly simplified, one may think of the spin ½ nuclei of these 

atoms as positively charged tops spinning about an axis. This spinning generates a 

miniscule electric current that, in turn, generates a miniscule magnetic field. When these 

atoms are exposed to a powerful external magnetic field (B0; often 11.7-21.1 Tesla or 

≈180,000-330,000x as strong as the Earth’s magnetic field), the nuclei align with the 

magnetic field and begin to precess about it (Figure 1.14). This precessional frequency is 

the Larmor frequency (ν0, Hz), and it is a product of the strength of B0 and the 

gyromagnetic ratio (γ). Alternatively, it can be expressed in terms of angular frequency 

(ω0, rad s-1) – which will be used in later chapters in this dissertation. 

Equation 1.2: Larmor frequency 

ν0 =
γB0
2π

 

ω0 = γB0  

Here, γ is a known ratio of a given atom type and essentially describes how fast the top 

will spin in a given magnetic field and is given in units of radians / [second × Tesla].  

Each atom in a complex biomolecule, however, can experience the external 

magnetic field differently given its local environment. Factors such as covalent bonding, 
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stacking, and hydrogen bonding involve the movement of electrons in an external 

magnetic field that, in turn, induces a magnetic field which can act to locally “shield” or 

“deshield” the nuclei from the external magnetic field; often attenuating the strength of 

B0 felt by the local nuclei. This nuclear shielding of B0 is quantified by the shielding 

constant σ. Although σ is a tensor comprised of the principal components σ11, σ22, and 

σ33, in solution NMR the isotropic tumbling of molecules leads to rapid averaging and 

thus can be expressed as a single constant (247). 

Equation 1.3: Beff 

Beff = (1−σ )B0  

νatom =
γBeff
2π  

By referencing the resonant frequencies of each type of atom to a standard, we 

can quantify the impact the local environment has on the resonant frequency of each 

atom and thus determine the “chemical shift” (δ, later denoted as ω) for each in a unit 

that remains constant across different field strengths (parts per million). This is 

accomplished by using IUPAC-defined chemical standards such as 4,4-dimethyl-4-

silapentane-1-sulfonic acid (DMS) for 1H and 13C, and liquid ammonia for 15N as 

references.  

Equation 1.4: Chemical shift 

δ =106
νatom −ν ref

ν ref  
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Thus, if the atom being examined has the same ν as the standard, both the atom 

of interest and reference will show up as overlapping peaks at 0 p.p.m. However, as is 

often the case, the local electronic environment serves to shield the atomic nuclei from 

the external magnetic field and therefore the chemical shift of the atoms of interest are 

different than the standard (Figure 1.15). The larger the chemical shift, the more 

“downfield” the chemical shift is; the nuclei are less shielded (Figure 1.16). The smaller 

the chemical shift, the more “upfield” the chemical shift is; the nuclei are more shielded 

(Figure 1.16). For example, the carbon atoms in a nucleotide stacked inside of an RNA 

helix likely does not have the same resonant frequency as the same nucleotide outside of 

the helix (Figure 1.16). 
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Figure 1.14: Larmor precessional frequency 

Spinning nucleus precesses about an axis in an external magnetic field at its Larmor 

frequency. 
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Figure 1.15: Atomic chemical shifts 

Artificial peaks representing atoms in unique electronic environments (green) are shown 

as having different chemical shifts than those of their respective standards (black). 

Arbitrary representative chemical shifts are given for the green peaks.  
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Figure 1.16: Influence of local environment on the chemical shift of a nucleic acid base 

A cartoon RNA helix showing a 13C chemical shift of a nucleobase when flipped out 

(blue) versus flipped in (red). This cartoon is meant to highlight how changes in local 

environment can influence the chemical shift of an atom. 
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The chemical shift provides an extremely rich source of structural and dynamic 

information as it is influenced by number of complex factors involving its local 

electronic environment. This rich information in the chemical shift is derived in large 

part by the factors that influence the shielding constant, σ, described in Equation 1.3. In 

simplest terms, the overall shielding constant for different atoms can be broadly 

expressed as the summation of the contributions of the individual shielding terms: 

diamagnetic (σdia), ring current (σring), neighbor anisotropy (σanis), hydrogen bonding 

(σhbnd), solvation (σsolv), and paramagnetic (σpara) (248). However, it must be noted that 

this is a generalized treatment of the origins of chemical shielding; a greater complexity 

arises when addressing the chemical shifts of protons with simple spherical s-orbitals 

and the more involved interactions of the p-orbitals of heavier atoms with the external 

magnetic field (248).  

In order to understand how to detect rare tautomers or anions by NMR, it is 

necessary to understand how each term contributes to the observed chemical shift and, 

crucially, how one can exploit the influence of the paramagnetic term of chemical 

shielding in order to detect low populated and transient tautomeric and anionic 

nucleobases. 
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1.4.1.1 Diamagnetic shielding – σdia 

Diamagnetic shielding arises from electrons circulating in spherical s-orbitals 

around nuclei, which induces a local magnetic field (Bind) in opposition of B0 (Figure 1.17; 

see Lenz’s law). It was first quantified by Willis Lamb in 1941 (249).  

Equation 1.5: Diamagnetic shielding 

σ dia =
e2

3mc2
ri
−1

i
∑  

Where e is the charge on the electron and ri
−1  is average inverse distance of the 

electron i from the nucleus, summed over all electrons in the spherical orbital.  

This effect shields the nuclei from B0 and is prominent in hydrogen atoms but has 

a fairly negligible effect on heavier atoms such as carbon, nitrogen, or phosphorous 

atoms. It is most easily intuited in terms of electron density around the nucleus; the 

more electrons around the nucleus, the more shielded and upfield shifted it is. 

1.4.1.2 Ring current – σring 

In aromatic rings, such as the purines and pyrimidines of nucleic acids, electrons 

circulate throughout the p-orbitals of conjugated π bonds. When the plane of the rings 

are aligned perpendicular to the direction of B0 it induces a magnetic field, which 

opposes B0 in the center of the ring but reinforces B0 on the outside of the ring (Figure 

1.17). Therefore, the induced magnetic field tends to deshield the s-orbitals of aromatic 
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protons and lead to downfield shifted 1H resonances, as well as influence other atomic 

nuclei.  

1.4.1.3 Neighbor group anisotropy – σanis 

The local induced field on one atomic nucleus can distally influence the shielding 

of another, although in an anisotropic manner. The relative orientation of one atom with 

respect to the other dictates how σanis contributes to nuclear shielding (Figure 1.17). 

Differences in orientation between two atomic nuclei mean their local induced magnetic 

fields can shield or deshield the non-local nuclei depending on their relative orientation. 

As with σdia, σanis contributes a few p.p.m. difference in shielding, affecting primarily the 

s-orbitals of protons. 

1.4.1.4 Hydrogen bonding – σhbnd 

A gain in hydrogen bonding leads to deshielding of the bonded hydrogen and 

larger downfield shifts. In forming a H-bond, electron density around the donor and 

acceptor atoms is changed. From the perspective of the hydrogen, the H-bond acceptor 

pulls electron density away from the hydrogen and deshields the nuclei. The influence 

of hydrogen bonding on the non-spherical p-orbitals of the heavy atoms, such as 15N, 

involved is more complex and involves contributions from the paramagnetic term of 

shielding. 
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1.4.1.5 Solvation – σsolv 

The effect of solvent on chemical shift can be pronounced and its origins are 

complex. The solvation shielding term can be further divided into substituent terms 

involving: electrostatic and van der Waals interactions, solvent dielectric (ε), magnetic 

susceptibility and anisotropy (250). A full description of these terms is beyond the scope 

of this dissertation. For simplicity, we can think of solvation in terms of electrostatic 

effects and solvent dielectic. Solvents such as water can transiently hydrogen bond with 

macromolecular atoms and alter the nuclear shielding accordingly. The dielectric 

medium of a solvent can also effect nuclear shielding as the polar groups of solutes can 

induce magnetic fields that can transiently alter the shielding felt by nearby atomic 

nuclei. 
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Figure 1.17: Diamagnetic, neighbor group anisotropy, and ring current contributions 

to nuclear shielding 
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1.4.1.6 Paramagnetic contribution – σpara 

While the other shielding terms contribute important and complex structural 

information regarding macromolecules, for the heavier atoms such as carbon and 

nitrogen, the paramagnetic term dominates. If one looks at the range of chemical shifts 

for the different atoms, one sees that 1H reaches down to ≈15 p.p.m., whereas the heavier 

atoms with p-orbitals span a much greater range (13C ≈300 p.p.m., 15N ≈900 p.p.m., and 

31P ≈500 p.p.m. (251)). This range of chemical shifts for the heavier atoms is due to the 

paramagnetic shielding contribution. σpara is also the most important term in probing for 

different tautomeric or ionic configurations; it is a very sensitive reporter of changes in 

protonation states that occur upon tautomerization and ionization (Figure 1.5). 

Martin Karplus and John Pople first quantified the paramagnetic term of 

chemical shielding for carbons in conjugated systems in 1961 (252). This discovery arose 

because the magnitude of the contribution of σdia to the spherical orbitals of conjugated 

carbons was insufficient to explain the observed ≈160 p.p.m. chemical shift of the 

aromatic systems they were studying (252). While σdia is a shielding term, σpara by nature 

is deshielding; the larger σpara is the further downfield shifted atoms are.  

When placed in an external magnetic field, electrons in p-orbitals can mix 

between the ground state HOMO and the excited state LUMO, if after a 90° rotation 

both the HOMO and LUMO maintain the same symmetry (Figure 1.18). This mixing 

occurs by σ→π*, π→σ*, σ→σ*, n→π*, and n→π* transitions; incorrect symmetry 
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prohibits π→π* transitions (251, 253). Thereafter, the electrons can circulate between the 

X and Y lobes of the p-orbitals and this circulation generates a large paramagnetic effect 

that acts to deshield the nucleus by reinforcing B0 (Figure 1.18); even minor amounts of 

paramagnetic circulation can lead to dramatic deshielding. σpara deshielding of atoms 

with p-orbitals is proportional to three factors: (i) the energy gap (∆E) between the 

HOMO and LUMO, (ii) the radius of the carbon pZ-orbitals, and (iii) a bond order term. 

Equation 1.6: Paramagnetic shielding 

σ para
i ∝−

1
ΔE

1
ri
3

pZ

Qij
j≠i
∑

 

Addressing the terms in reverse order, the bond order term, Q, has to deal with 

the contribution of π-bonds to the shielding term. For example, it helps explain why the 

carbons in ethane (≈6 p.p.m.) are much less downfield shifted than the carbons of ethyne 

(≈72 p.p.m.) (253). However, its contributions toward discriminating between different 

tautomeric and ionic base forms are not particularly informative, and thus it will not be 

discussed in detail.  

σpara is also dependent upon average cubic inverse radius of the pZ-orbitals of the 

nuclei of interest. Intuitively, this can be directly related to the charge density. Here, a 

partial negative charge buildup on an atom would lead to an increased orbital radius (r) 

and therefore σpara will decrease and the nuclei will be more shielded. In contrast, a 

partial positive charge will lead to deshielding by increasing the σpara term. However, in 
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cases where there is a full +/- charge on an atom, the contribution from the change in r 

can be dwarfed by a change in the energy gap.  

If the energy gap between the HOMO and LUMO is large (Figure 1.18), fewer 

electrons are promoted to the excited state, which leads to less to paramagnetic 

circulation and thus the nearby nuclei are less downfield shifted. Moreover, of the 

available transitions for a given atom, the one with the lowest energy gap contributes 

the most to σpara. This term is critical in detecting the formation of rare tautomeric or 

ionic bases in nucleic acids. 

The imino nitrogens G-N1 and T/U-N3 in DNA and RNA have σ-bonded 

protons in their dominant tautomeric form. The dominant shielding term for these imino 

nitrogens arises from σpara, specifically paramagnetic circulation generated by p-orbital 

mixing via the σ→π* transition. Because of this, the guanine N1 has an average chemical 

shift of ≈148 p.p.m., while thymidine/uridine N3 has an average chemical shift of ≈160 

p.p.m. If we look at a distribution of G-N1 and T/U-N3 chemical shifts taken from an 

online database of chemical shifts (254), we see a Gaussian distribution whose standard 

deviation is roughly ±5 p.p.m. This range of chemical shifts can be attributed to a variety 

of factors influencing the imino nitrogens including changes in stacking (Figure 1.16), 

differences in hydrogen bonding, and sequence amongst other influences. However, 

these minor perturbations do not allow us to unambiguously detect rare tautomers or 

anions. 
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Crucially, the formation of disfavored tautomeric or anionic G or T/U entails the 

movement or loss of the G-H1 and T/U-H3 imino proton (Figure 1.5), leaving G-N1 or 

T/U-N3 instead with a lone pair of electrons (n). The loss of this σ-bonded proton 

produces an immense effect on G-N1 or T/U-N3. Upon deprotonation of G-N1 or T/U-

N3, the p-orbital electrons no longer circulate via a σ→π* but instead via n→π*; this 

reduces the energy gap for mixing between the electrons in the ground state HOMO and 

excited state LUMO (Figure 1.18). This in turn leads to increased mixing of electrons and 

a greater paramagnetic circulation, which results in a significant downfield chemical 

shift of ≈+50-60 p.p.m. from their dominant tautomeric configuration chemical shift 

(Figure 1.18). The large downfield shift that arises in either G-N1 or T/U-N3 upon 

formation of disfavored tautomeric or ionic forms provides us with a very distinct and 

unique chemical shift fingerprint that we can use to definitively assign a resonance to a 

tautomeric or ionic form (Figure 1.18). 

The opposite is observed in the case of DNA and RNA A-N1 and C-N3. As 

neither have a σ-bonded proton in their dominant tautomeric form, the σpara shielding 

arises in large part from the n→π* transition. Tautomerization or protonation of A or C 

entails the gain of a σ-bonded proton (Figure 1.5) and therefore changes the mixing of 

HOMO/LUMO to that of a σ→π* transition. Thus, the transition is less favored and the 

σpara term is diminished and the nucleus experiences greater shielding and is upfield 

shifted by ≈50-60 p.p.m. relative to the default tautomeric form. The paramagnetic effect 
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given upon A-N1 or C-N3 protonation extends to the carbons immediately adjacent to 

the imino nitrogen (e.g. pur-C2/C6 or pyr-C2/C4); it influences them in the same manner 

but to a lesser magnitude. For example, upon protonation of A-N1 in the lead-

dependent ribozyme, A-C2 shifts upfield by ≈6-8 p.p.m. relative to the non-protonated 

form (182). 

Taken together, exploitation of the σpara term of chemical shielding provides a 

unique and definitive way of observing the formation of rare tautomeric and ionic 

nucleobases in DNA and RNA. While we have a distinct chemical shift fingerprint for 

these disfavored tautomeric and ionic states, they are rare. Based on measured and 

predicted tautomeric constants (137-140) and pKas (171) for the isolated bases, one might 

expect them to form <0.1% of the time (10-3-10-5). Moreover, they can be expected to be 

transiently exchanging with their dominant tautomeric form such that they may not 

exist for very long before they convert back. Therefore, we use the highly sensitive NMR 

method called rotating frame (R1ρ) relaxation dispersion to look for these rare states in 

DNA and RNA biomolecules in solution. 
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Figure 1.18: Paramagnetic deshielding and chemical shift perturbations upon 
tautomerization and ionization 

Top left: isolated p-orbital shows electron circulation between pX and pY orbitals which 

results in deshielding of nucleus. Top middle: permitted symmetry for transition 

between HOMO and LUMO in bonded p-orbital. Top right: representative ∆E for the 

transition of the dominant tautomer of uridine, and the smaller ∆E for the transition of 

the rare tautomeric and anionic uridines. Bottom: tautomerization and anionization of 

guanine and thymidine/uridine gives rise to a large downfield chemical shift, well 

beyond the normal range of G-N1 and T/U-N3 chemical shifts (254). 
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1.4.2 Chemical exchange and relaxation dispersion 

1.4.2.1 Relaxation 

When molecules are placed in an external magnetic field, a small majority of the 

nuclear spin ½ nuclei align parallel with B0 along +Z in Cartesian space (247, 255). We 

can treat the sum of these individual nuclear spin vectors as a bulk magnetic vector (M) 

projected along +Z (Figure 1.19). This can be expressed in vector notation as the 

individual components in the X, Y, and Z planes (MX = 0, MY = 0, and MZ = 1 at 

Boltzmann equilibrium). By applying a weak radiofrequency (RF) pulse along the XY 

plane (transverse plane), we can manipulate the bulk vector and tilt it away from +Z 

(Figure 1.19). Conventionally, we apply the RF pulse long enough to tilt the vector away 

from +Z towards the transverse plane, such that the bulk vector has a large component 

in the XY plane, but little or no component along +Z. This generates coherence in the 

spins. For example, a RF pulse along –X for a specified amount of time (usually around 8 

µs for 1H) would tilt the bulk vector by 90° to rest completely along +Y (0, 1, 0) (Figure 

1.19). 

In doing this, we are forcing the nuclear spins away from their favored 

Boltzmann equilibrium. Once the weak RF field is halted, the bulk magnetization vector 

will “relax” back to +Z. For simple systems, the bulk vector relaxes back to equilibrium 

in two ways. The longitudinal relaxation rate (R1) governs the rate at which the vector 

relaxes vertically back to +Z (Figure 1.19). The transverse relaxation rate (R2) governs the 

rate at which the vector loses its component in the XY plane; the rate of decoherence of 
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the transverse component (Figure 1.19). Both rates are exponential in nature and are 

given by the Bloch equations (247, 256), and the evolution of the MZ and MXY 

components as a function of time can be expressed as follows: 

Equation 1.7: Longitudinal magnetization 

MZ =M0 (1− exp(−R1 × t))  

Equation 1.8: Transverse magnetization 

MXY =M0 exp(−R2 × t)  

The rates of R1 and R2 are governed in large part by the conformational and 

configurational dynamics of the macromolecule. The underlying mechanisms by which 

these dynamics influence the intrinsic relaxation rates pertain to the modulation of 

chemical shift anisotropy (CSA) and dipole-dipole (DD) interactions (247). These 

dynamics can span a broad range of timescales ranging from picoseconds to seconds 

(255). Therefore the relaxation rates can contain valuable information pertaining to 

dynamical processes of biomolecules, including nucleic acids. There are different NMR 

methods devised to extract meaningful dynamical information from the intrinsic 

relaxation rates at different timescales. Of particular interest is the aforementioned R1ρ 

experiment, which is aptly suited to report on the microsecond-to-millisecond timescale 

motions, and which is used here to detect the chemical exchange between the canonical 

bases and rare tautomers and anions in DNA and RNA. 
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Figure 1.19: Bulk magnetization and intrinsic relaxation 

Many individual spins are represented as a bulk magnetization vector (M), which is in 

turn comprised of MX, MY, and MZ components. M can be manipulated by the 

application of a weak radiofrequency (RF) pulse and will relax (R1 and R2) back to its 

Boltzmann equilibrium along +Z. Diagram depicts relaxation occurring in a rotating 

frame of reference. 
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1.4.2.2 Chemical exchange and R1ρ 

Macromolecular dynamics can leave informative and valuable marks on the 

NMR observables. Dynamics give rise to what is called “chemical exchange” in NMR. 

Chemical exchange describes a process in which the observable nucleus of an atom 

dynamically exchanges between two or more unique environments that have different 

chemical shifts, relaxation rates, and more. The influence of chemical exchange on the 

evolution of the bulk magnetic vector and intrinsic relaxation rates (Figure 1.19) can be 

expressed semi-classically as a system of first-order linear differential equations called 

the Bloch-McConnell (B-M) equations (257, 258). These equations describe the time-

dependent evolution of M, which is composed of n individual states exchanging with 

one another. The expressions of n-state B-M equations are given by Trott and Palmer 

(258). 

Equation 1.9: n-state Bloch-McConnell equation 

d
dt
!
M = D

!
M +
!
B , 

Where the individual components comprising the bulk vector M is given by, 

!
M =

!
M1!
M2

"
!
Mn

⎛

⎝

⎜
⎜
⎜
⎜
⎜

⎞

⎠

⎟
⎟
⎟
⎟
⎟

and
!
Mn = Mx,n,My,n,Mz,n( ) , 

D = L +K ⊗1s , 
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Where⊗denotes the direct product of K and 1s, and where 1s is the 3×3 identity matrix. 

L =⊕i=1
n Li =

L1
L2
!

Ln

⎛

⎝

⎜
⎜
⎜
⎜
⎜

⎞

⎠

⎟
⎟
⎟
⎟
⎟

, 

Where⊕denotes the direct sum of the L matrices. 

Li =
−R2i −δi 0
δi −R2i −ω

0 ω −R1i

⎛

⎝

⎜
⎜
⎜⎜

⎞

⎠

⎟
⎟
⎟⎟

, 

Where R1i and R2i are the intrinsic relaxation rate constants for each individual state. 

δi =Ωi −ωrf , 

Here, Ωi is the resonant frequency of the ith state (e.g. the chemical shift frequency of 

the different tautomers) and ωrf is the frequency and amplitude of the applied 

“spinlock”. The spinlock being an RF pulse that is continually applied with variable 

power and frequency that acts to “lock” the spins undergoing chemical exchange (247).  

K =

−s1 k21 ! kn1
k12 −s2 ! kn2
" " # "
k1n k2n ! −sn

⎛

⎝

⎜
⎜
⎜
⎜
⎜

⎞

⎠

⎟
⎟
⎟
⎟
⎟

, 

−si = − kij
j=1
j≠i

n

∑ , 
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Where kij is the rate of exchange between the ith and jth states. Xi⇔ji

ij
X j . 

!
B =

R11
!
M01

R12
!
M02

"
R1n
!
M0n

⎛

⎝

⎜
⎜
⎜
⎜
⎜

⎞

⎠

⎟
⎟
⎟
⎟
⎟

. 

Where 
!
M0n is the magnetization vector of the nth state at t = 0. 

 From the B-M equations one can extract rich structural and dynamical 

information about the exchanging states including: individual chemical shifts and 

lifetimes, relaxation rates R1 and R2 of each state, forward and reverse exchange rates 

between the different states, and the relative populations of each state. For example, for 

a simple 2-state system, the relative populations of each is calculated as: p1 =
k21

k12 + k21
and

p2 =
k12

k12 + k21
. 

The timescale of chemical exchange is defined as the rate of interconversion 

between the states (kex = k12 + k21) relative to the chemical shift difference (∆ω = ω2 – ω1) 

between them: kex ∆ω-1, ∆ω given in rad s-1 (259). In the example of tautomers, a 

guanosine base in its dominant keto tautomeric form (dGketo) may transiently 

interconvert with its disfavored and much more downfield shifted enolic tautomeric 

form (dGenol; Figure 1.20). If we imagine that dGketo has the same population as dGenol, we 

can look at their dG-N1 peaks as a function of increasing rates of interconversion (Figure 
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1.20). At the limit of very slow interconversion (kex ∆ω-1 = 0.01), we will observe two 

equivalent peaks at their respective chemical shifts. As kex is increased, the two peaks 

begin to broaden and shift towards one another. At the limit of intermediate exchange 

(kex ∆ω-1 = 1), the two peaks begin to coalesce. Once the fast exchange limit is achieved 

(kex ∆ω-1 >≈10), the two tautomeric forms will appear as one peak at a population 

weighted chemical shift average (ωave = ωketo × pketo + ωenol × penol). Therefore, if the 

population of the disfavored tautomer (or anion) was approximately as populated as the 

dominant keto form, and they were interconverting slowly, it would be possible to 

directly detect it. However, as noted previously, studies have suggested that isolated 

disfavored tautomeric and ionic bases are expected to have a population of <≈0.1%. 

Moreover, the rate of exchange between the different forms in DNA and RNA is 

unknown. 
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Figure 1.20: Chemical exchange 

Chemical exchange simulated using B-M equations (Equation 1.9). 
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Chemical exchange between states of asymmetric populations gives rise to new 

complexities and difficulties (Figure 1.20). If instead of having of equivalent populations, 

dGketo is much more populated than dGenol (for example 95% keto to 5% enol), then the 

peak corresponding to the minor dGenol (hereafter referred to as the “excited state”) 

would be much smaller than that of the major dGketo peak (the “ground state”), 

assuming slow exchange between the two (Figure 1.20). However, as kex increases, the 

minor dGenol peak rapidly broadens out such that it is seemingly undetectable at the 

intermediate/slow regime and beyond. Further still, the 5% dGenol peak shown in Figure 

1.20 is expected to be at least 50-5000x larger than the actual disfavored tautomeric and 

anionic forms. Based on these factors, it would be exceptionally difficult to directly 

detect disfavored nucleic acid tautomeric or ionic bases using conventional methods. 

At the same time the minor dGenol peak is broadened in to the baseline, the 

ground state dGketo peak is broadened by an amount proportional to that of the dGenol 

state, and it is also shifted toward the now “invisible” excited state dGenol (Figure 1.20). 

Therefore, information about the invisible excited state is encoded on the observable 

ground state dGketo peak. This information can be decoded using the NMR R1ρ relaxation 

dispersion method. 

R1ρ itself describes the rate at which a spin undergoing chemical exchange relaxes 

back to equilibrium under an applied spinlock of varying power and offset frequency. 

R1ρ is proportional to the largest real eigenvalue of the D matrix in Equation 1.9 (258). R1ρ 
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can also be approximated algebraically using some assumptions. These algebraic 

approximations provide an intuitive insight as to how the different exchange parameters 

contribute to the overall chemical exchange. In a simple 2-state asymmetric (p1 >> p2) 

exchange scenario, an approximation derived by the Palmer lab shows the contributions 

to chemical exchange under the intermediate/fast regime (245, 260). 

Equation 1.10: Algebraic approximation of B-M equations 

R1ρ = R1 cos
2θ + (R2 + Rex )sin

2θ  

The chemical exchange contribution (Rex) is given as, 

Equation 1.11: Chemical exchange component of algebraic approximation 

Rex =
p1p2Δω

2kex
ω 2
1eω

2
2e

ωavg,e
2

⎛

⎝
⎜⎜

⎞

⎠
⎟⎟+ kex

2

, 

Where the tilt angle is given by θ. 

θ = arccot
δavg
ωSL

⎛

⎝
⎜

⎞

⎠
⎟ , 

Here, the effective spinlock (ωSL) felt on average, and at the ground and excited states is 

given by:  

ω 2
avg,e =ωSL

2 +δavg
2 , 

ω 2
1e =ωSL

2 +δ1
2 , 

ω 2
2e =ωSL

2 +δ2
2 , 

Where the average and individual chemical shifts are given by: 
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δavg = p1δ1 + p2δ2 , 

δ1 =Ω1 −ΩSL , 

δ2 =Ω2 −ΩSL , 

Here, Ω describes the resonance-offset frequency of a given spin (Ω1 and Ω2) or applied 

spinlock (ΩSL) from the carrier frequency, usually referenced to 0. The chemical shift 

difference is therefore expressed as the difference of the offset frequencies of the ground 

and excited states. 

Δω =Ω2 −Ω1 . 

One can experimentally measure R1ρ of the observable ground state peak (Figure 

1.20) as a function of varying spinlock powers (ωSL) and offset frequencies (ΩSL). R1ρ is 

measured by tilting the ground state bulk vector from +Z towards the transverse plane 

(Figure 1.19), allowing the vector to relax for a certain amount of time (Trelax) under an 

applied spinlock of varying ωSL and ΩSL, and recording the peak intensity as a function 

of Trelax (Figure 1.21). This gives rise to a plot of exponentially decaying peak intensities 

as a function of Trelax that can be fit to a simple monoexponential to obtain the R1ρ value 

for a given combination of ωSL and ΩSL (Figure 1.21). 

Equation 1.12: Exponential peak intensity decay 

I(t) = Aexp(−R1ρ ×Trelax )  
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Figure 1.21: Rotating frame (R1ρ) relaxation dispersion 

Below: Observable ground state peak intensity is measured as a function of Trelax for a 

given combination of ωSL and ΩSL. Fitting the intensity gives a single R1ρ value for that 

nucleus at the given spinlock conditions. A combination of R1ρ values measured at 

varying combinations of ωSL and ΩSL comprise an R1ρ RD profile (above). Shown are 

numerical solutions to the B-M equations (Above; Equation 1.9) and exponential decay 

function (Below; Equation 1.12). 
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Repeating this procedure many times with different ωSL and ΩSL combinations 

gives rise to what is called a “RD profile” (Figure 1.21). In an R1ρ RD profile, the peak 

centered at the carrier (Ω 2π-1 = 0 Hz; where Ω ≈ δ1 = Ω1 - ΩSL when p1 >> pi, and which 

defines the offset frequency of the applied spinlock from the ground state) is the 

observable ground state peak (Figure 1.22). For a ground state dGketo-N1 in slow 

exchange with a low-populated dGenol-N1 (pop = 0.1%) tautomer, for example, the 

otherwise “invisible” state shows up as a second peak or shoulder downfield from the 

major dGketo-N1 peak (Figure 1.22). In order to better visualize the chemical exchange 

contribution to the R1ρ RD profile, we can re-express R1ρ in terms of R2 + Rex (Figure 1.22). 

Equation 1.13: R2 + Rex 

R2 + Rex =
R1ρ
sin2θ

+
R1

tan2θ
 

These data can then be fit to the B-M numerical solutions (Equation 1.9) or 

algebraic approximations (Equation 1.10) to detect the invisible rare tautomeric or 

anionic excited states and derive their chemical shifts, populations, lifetimes, and 

intrinsic relaxation rates as well as their rates exchange with the ground state. Crucially, 

Rex depends on the square of the chemical shift difference between the ground and 

excited states ( Rex ∝Δω
2 ; Equation 1.11). We are therefore able to exploit the large 

chemical shift difference between the imino nitrogens of the dominant tautomeric forms 

and the rare tautomers or anions (|∆ω| ≈ 50-60 p.p.m.; Figure 1.18) in order to detect 

these exceedingly low populated states (Figure 1.22). 
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Therefore, NMR relaxation dispersion presents a powerful method to directly 

detect rare and transient tautomeric or ionic states in nucleic acids. When used in 

combination with computational methods such as density functional theory, we will be 

able to characterize their structure, population, lifetimes, and exchange rates. This 

method is applied to a range DNAs and RNAs containing to visualize the formation of 

long-hypothesized Watson-Crick-like dG•dT and rG•rU mismatches. 

  



 

83 

 
Figure 1.22: Influence of ∆ω on chemical exchange 

Shown are plots of B-M simulated R1ρ RD profiles (Equation 1.9; left) as well as R2 + Rex 

RD profiles (Equation 1.13; right) as a function of ∆ω, highlighting the influence of 

excited state chemical shift on increasing the sensitivity limits of R1ρ RD. 
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2. Visualizing Transient Watson-Crick-Like Mismatches 
in DNA and RNA Duplexes 

Rare tautomeric and anionic nucleobases are believed to play fundamental 

biological roles but their prevalence and functional importance has remained elusive 

because they exist transiently, in low-abundance, and involve subtle movements of 

protons that are difficult to visualize. Using NMR relaxation dispersion, we show that 

wobble dG•dT and rG•rU mismatches in DNA and RNA duplexes exist in dynamic 

equilibrium with short-lived, low-populated Watson-Crick like mismatches that are 

stabilized by rare enolic or anionic bases. These mismatches can evade Watson-Crick 

fidelity checkpoints and form with probabilities (10-3-10-5) that strongly imply a 

universal role in replication and translation errors. Our results indicate that rare 

tautomeric and anionic bases are widespread in nucleic acids, expanding their structural 

and functional complexity beyond that attainable with canonical bases. 

2.1 Introduction 

Nucleic acid bases exist predominantly in one neutral tautomeric form. This in 

turn gives rise to the strict Watson-Crick (WC) pairing rules (Figure 2.1) that govern 

how genetic information is replicated, transcribed, and translated. However, if bases 

adopt alternative energetically disfavored tautomeric or anionic forms (Figure 2.1), 

pairing rules can be violated and new functions can emerge. For example, although 

rarely observed, minor tautomeric and anionic bases can form WC-like dG•dT (46, 174, 

175), dA•dC (61), and rG•rU (198, 211) mismatches that are believed to contribute to 
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spontaneous mutations (46, 71, 142, 172) and translational errors (192). Chemical 

modifications that stabilize or lock bases in their anionic or enol-like forms can be 

mutagenic (162, 261) or expand the decoding capacity of tRNAs (209, 262). In addition, 

anionic and tautomeric forms of the bases are believed to play crucial roles in nucleic 

acid catalysis (185, 263), RNA-ligand recognition  (189, 190), and in the therapeutic 

mechanisms of nucleic acid base analogues (264).  
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Figure 2.1: Watson-Crick-like mismatches’ pairing geometries 

WC dG•dC, sterically prohibited WC dG•dT, and WB dG•dT (R1ρ measured nuclei 

highlighted in red ovals). Below are four WC-like tautomeric and anionic (implied 

charge delocalization) bps. 
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Despite growing evidence that rare tautomeric and anionic bases play important 

roles in nucleic acids, their occurrence, stabilities, and biological significance has 

remained elusive. Characterizing rare tautomeric and anionic bases in polynucleotides is 

a longstanding problem because such energetically unfavorable species typically exist in 

low abundance, for short periods of time, and involve movements of protons that are 

difficult to visualize at the atomic level. NMR relaxation dispersion (RD) techniques 

(245, 265, 266) are making it possible to characterize low-populated (populations of 

0.1%-10%) transient (lifetimes of micro-to-milliseconds) states of nucleic acids (267-269) 

that are often referred to as ‘excited states’ (ES). Here, we use NMR RD to characterize 

transient WC-like dG•dT and rG•rU mismatches in DNA and RNA that are stabilized 

by rare tautomeric and anionic bases and obtain evidence that they play universal roles 

in misincorporation during replication and translation.  

2.2 Transient Watson-Crick-like dG•dT tautomer mismatches 

dG•dT mismatches generally adopt a distinct ‘wobble’ (WB) geometry (Figure 

2.1) since a WC geometry results in a steric clash between imino protons (Figure 2.1). 

However, enol tautomers of dG or dT, or their anionic form, can alleviate this steric 

clash, and allow formation of WC-like dG•dT mismatches (Figure 2.1). Soon after the 

discovery of the DNA double helix, Watson and Crick hypothesized that such WC-like 

mismatches could provide a basis for spontaneous mutations (71). We used NMR 

rotating frame spin relaxation (R1ρ) RD (245, 270, 271) to examine whether wobble 
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dG•dT mismatches can transiently morph into such WC-like dG•dT mismatches in 

canonical DNA duplexes. For these studies we used a hairpin DNA duplex (hpTG-CGC) 

containing a site-specifically 13C/15N-labeled dG•dT wobble mismatch (Figure 2.2 and 

Supporting Figure 2.1). Exchange between WB and WC dG•dT mismatches entails 

deprotonation of either dG-N1 or dT-N3 via tautomerization (neutral) or ionization 

(charged), both of which would induce large changes in N1/3 chemical shifts (CSs) and 

therefore give rise to significant 15N RD. In contrast, because a WB-to-WC transition 

preserves an anti base and C2′-endo sugar pucker, it is expected to induce smaller 

changes in the sugar (dG-C1′ and dT-C1′) and base (dG-C8 and dT-C6) carbon CSs and 

therefore induce more limited 13C RD. Indeed, we observed very significant 15N RD at 

base imino dG-N1 and to a lesser extent at dT-N3, much less significant 13C RD at base 

dG-C8 and dT-C6, and essentially no 13C RD at sugar dG-C1′ and dT-C1′ at pH 6.9 and 

25 °C (Figure 2.3 and Supporting Figure 2.2-Supporting Figure 2.3). This unique pattern 

of RD is consistent with exchange directed toward a transient WC-like mismatch (Figure 

2.1). It is inconsistent with exchange directed toward other base pair (bp) geometries 

such as Hoogsteen (268) or base opened states (Supporting Discussion 2.8.1 and 

Supporting Figure 2.4). A second exchange process was apparent at pH 8.4 (Figure 2.4) 

and this will be discussed further below. Similar RD profiles were observed in a 

different DNA duplex (Supporting Figure 2.1-Supporting Figure 2.2), indicating that the 

observed dG•dT exchange occurs robustly in DNA duplexes. 
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Figure 2.2: hpTG-CGC DNA duplex with a 13C/15N site-labeled dG•dT mismatch 
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Figure 2.3: dG•dT chemical exchange at neutral pH 

Relaxation dispersion (RD) profiles for dG•dT (25 °C and pH 6.9) showing R2+Rex as a 

function of the spin lock offset (Ωeff 2π-1) and power (ωSL 2π-1, in insets) with global fits 

to dG-N1, dG-C8, dT-N3, and dT-C6. Error bars represent experimental uncertainty (one 

s.d., see Methods). 
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Figure 2.4: dG•dT chemical exchange at high pH 

RD profiles showing 3-state exchange (25 °C and pH 8.4) and global 3-state fit to dG-N1 

and dT-N3. 
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The RD data measured at dG-N1, dT-N3, dG-C8 and dT-C6 could be globally 

fitted (Data Table 2.1 and Supporting Figure 2.2-Supporting Figure 2.3) to a single 

exchange process directed toward an excited state (ES1) that has a population (pES1) of 

≈0.17% and a lifetime (τES1) of ≈0.38 ms (Figure 2.5). ES1 is characterized by 15N CSs that 

are significantly downfield shifted for dG-N1 (∆ωN1 +36 p.p.m.) and to a lesser extent dT-

N3 (∆ωN3 +18 p.p.m.; Figure 2.6 and Supporting Figure 2.4). The downfield shifted imino 

nitrogen CSs are unprecedented for nucleic acids, and are directed toward the CSs of 

bases (dG and dT) that have been deprotonated due to ionization or modifications that 

lock an enol-like form (∆ω ≈50-60 p.p.m.; Supporting Figure 2.5) (272-274). On the other 

hand, ES1 features much smaller changes in carbon CSs (Figure 2.6), consistent with a 

WB-to-WC transition.  
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Figure 2.5: Watson-Crick-like dG•dT populations and lifetimes 

Population and lifetime of dG•dT ES1/ES2 measured in hpTG-CGC as a function of 

temperature (at pH 6.9) and pH (at 25 °C). Errors in fitted parameters denote s.e. from 

the weighted global fit. 
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Figure 2.6: Watson-Crick-like dG•dT excited state chemical shifts 

Differences between the ground state (GS; referenced to 0 p.p.m.) and excited state (ES; 

∆ω = ωES - ωGS) CSs for hpTG-CGC. 

  



 

96 

It would be highly energetically disfavored to simultaneously deprotonate dG-

N1 and dT-N3 when forming ES1. Moreover, though the magnitude of the ES1 N1/N3 

downfield CSs strongly suggests deprotonation, it is not as far downfield shifted as 

expected based on deprotonation of nucleotides in free solution (Supporting Figure 2.5). 

Therefore, the strongly but incompletely downfield shifted dG-N1 and dT-N3 CSs 

suggest that ES1 consists of at least two WC-like species in rapid exchange on the NMR 

timescale in which either dG-N1 (dGenol•dT or dG–•dT) or dT-N3 (dG•dTenol or dG•dT–) 

is deprotonated (Figure 2.1). The ES1 population and CSs are largely independent of pH 

within the pH range of 6.0-7.9 (Figure 2.5 and Supporting Discussion 2.8.2). This is 

inconsistent with exchange directed toward ionic dG–•dT and dG•dT– (Supporting 

Figure 2.5). Rather, the population of ES1 increases with temperature (Figure 2.5) as 

expected for tautomeric species dGenol•dT and dG•dTenol.  

Based on the measured pES1 and τES1, the free energy difference (∆G) between GS 

and ES1 is ≈3.8 kcal mol-1 and the forward free energy barrier (∆G‡) is ≈16.4 kcal mol-1 

(Supporting Figure 2.6). These values are in good agreement with computationally 

predicted parameters (2.8-5.6 kcal mol-1 (275) and ≈17-21 kcal mol-1 (275, 276), 

respectively) for dG•dT WB-to-WC tautomer transitions.  

These computational studies also predict that dGenol•dT likely exists in fast 

exchange on the NMR timescale (free energy barrier ≈5-6 kcal mol-1 (275)) with a minor 

dG•dTenol (20%) species (Figure 2.1 and Supporting Discussion 2.8.3-Supporting 
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Discussion 2.8.4). Under these conditions, the measured ES1 CSs would represent a 

population-weighted average of the two tautomeric states (Methods). We find that all 

ES1 CSs (dG-N1, dT-N3, dG-C8 and dT-C6) are in quantitative agreement with values 

predicted by density functional theory (DFT) (277) calculations for a weighted 

dGenol•dT(80%)⇌dG•dTenol(20%) equilibrium (Figure 2.7-Figure 2.8). 
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Figure 2.7: Measured chemical shifts for dG•dT ES1 plotted against DFT-predicted 
values 
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Figure 2.8: Multi-state equilibrium between WB and WC-like dG•dT mismatches 

ES1 and ES2 populations and weights are shown (25 °C and pH 6.9). pES2 at neutral pH is 

estimated based on the observed apparent pKa. 
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2.3 Transient Watson-Crick-like dG•dT– anionic mismatch 

Interestingly, upon increasing the pH to 8.4, we observed evidence for a second 

excited state (ES2), which is seen as a second peak in the off-resonance RD profile of dT-

N3 (Figure 2.4). Global fitting of this RD data (Supporting Figure 2.2-Supporting Figure 

2.3) revealed two excited states (ES1 and ES2) that are most likely arranged in a linear 

topology (ES1⇌dG•dT⇌ES2). 
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Figure 2.9: Chemical shift fingerprinting dG•dT excited states 

Chemical shift (CS) fingerprinting dG•dT ES1/ES2 using chemical modifications and 

structure-based DFT predictions of CSs. ES1 DFT CSs are given for 80:20 

dGenol•dT:dG•dTenol weighting. 
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Compared to ES1, ES2 (∆G‡ 16.4 and ∆G 4.59 kcal mol-1) has a considerably lower 

population (pES2 ≈0.04%) and lifetime (τES2 ≈70 µs) at pH 8.4 (Figure 2.5). The dG-N1 and 

dT-N3 ES2 CSs are not only ‘swapped’ relative to ES1 such that dT-N3 experiences the 

larger downfield shift (∆ωN3 +56 p.p.m.) while dG-N1 experiences a smaller downfield 

shift (∆ωN1 +9 p.p.m.; Figure 2.6); they are also more asymmetric in favor of a 

deprotonated dT species. In addition, unlike pES1, pES2 increases significantly with pH, 

consistent with ionization and the formation of dG•dT– (Figure 2.8). The ES2 CSs are in 

excellent agreement with values computed using DFT assuming a WC-like dG•dT– 

(100%) species (Figure 2.8-Figure 2.9). However, we cannot rule out that dG•dT– is in 

rapid equilibrium with a WC-like dG–•dT or an inverted wobble (iWB) geometry (60, 

175, 278) (Supporting Figure 2.4 and Supporting Discussion 2.8.1) that falls outside 

detection limits (Figure 2.8). 
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Figure 2.10: m6dG•dT structure 

‘*’ denotes a near Watson-Crick-like geometry. 
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Figure 2.11: Multi-state equilibrium between WB and WC-like dG•5BrdU mismatches 

dG•5BrdU– ES2 stabilized relative to dG•dT– ES2. Populations and weights (10 °C and 

pH 6.9) are shown. 
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2.4 Fingerprinting the dG•dT excited states 

We adapted a mutate-and-CS fingerprint strategy (268, 269) to test the proposed 

ES1 and ES2 (Figure 2.8). Here, chemical modifications are used to trap an ES, or induce 

specific perturbations to the GS⇌ES equilibrium. We trapped ES1 (dGenol•dT) using the 

mutagenic base O6-methyl-2′-deoxyguanosine (m6dG; Figure 2.10 and Supporting Figure 

2.7) which is known to adopt a distorted WC dGenol•dT-like mismatch (261, 274). 

Relative to the WB, this modification resulted in negligible changes in dG-C1′ (∆ωC1′ -0.1 

p.p.m.) and dT-C1′ (∆ωC1′ +0.7 p.p.m.) CSs, and a small downfield shift in dG-C8 (∆ωC8 +1 

p.p.m.), consistent with the RD-derived ES1 CSs (Figure 2.9 and Supporting Figure 2.7). 

The modification induced a small upfield shift in dT-C6 (∆ωC6 -0.5 p.p.m.) that is 

inconsistent with the downfield dT-C6 CS (Figure 2.9) observed by RD. However, such a 

deviation is expected based on DFT calculations (∆ωC6 -2.3 p.p.m. for dT-C6 in the 

m6dG•T pair; Supporting Discussion 2.8.5) and can be attributed to minor deviations 

from an ideal dGenol•dT WC-like mismatch geometry (Figure 2.10) (261, 274). Severe line 

broadening did not permit measurement of the dT-N3 CSs in these non-isotopically 

enriched samples. 

To test the proposed dG•dT– ES2, we measured the difference in dT-N3 CS 

between neutral and anionic dTTP (∆ωN3 +55 p.p.m.) and found them to be in excellent 

agreement with the dT-N3 CS differences measured by RD (∆ωN3 +56 p.p.m.; Figure 2.9 

and Supporting Figure 2.5). In addition, we used the mutagenic thymidine-analogue, 5-
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bromo-2′-deoxyuridine (5BrdU) to push the equilibrium toward dG•5BrdU– (Figure 2.11). 

This modification lowers the pKa of 5BrdU-N3 (≈8.6) and favors a WC-like dG•5BrdU– 

geometry at high pH (162). This modification increased the population of ES2 (∆G‡ 15.1 

and ∆G 3.37 kcal mol-1) by over two orders of magnitude at the expense of ES1 (∆G‡ 16.0 

and ∆G 4.67 kcal mol-1) while minimally affecting the ES1 and ES2 CSs (Figure 2.9). The 

consistencies in ES2 CSs between dG•dT– and dG•5BrdU– mismatches further support a 

dominant WC-like ES2, rather than an iWB bp, in naked DNA. The unaffected ES1 CSs 

indicate that 5BrdU does not significantly impact the dGenol•5BrdU⇌dG•5BrdUenol 

equilibrium (Figure 2.11) relative to dG•dT (Figure 2.8), consistent with prior 

computational studies (170, 275). 

2.5 Transient Watson-Crick-like rG•rU mismatches in RNA 

If the observed ESs correspond to WC-like dG•dT mismatches, one would 

predict that similar ESs should arise in rG•rU mismatches in RNA where WC bps are 

also readily accommodated within the A-form helix. To test this hypothesis, we carried 

out analogous pH- and temperature-dependent RD measurements on two RNA 

duplexes. RD profiles measured for rG•rU in A-form RNA (Figure 2.12 and Supporting 

Figure 2.8) are very similar to those measured for dG•dT in B-form DNA (Figure 2.3-

Figure 2.4). Global analyses of the RD data (Data Table 2.1) revealed an apparent 3-state 

exchange process at pH ≥7.9 (Supporting Figure 2.3). The RD-derived CSs (Figure 2.13 

and Supporting Figure 2.9), together with the pH and temperature dependence of the 
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populations and lifetimes (Figure 2.14), are consistent with rG•rUenol⇌rGenol•rU as ES1 

and rG•rU– as ES2 (Figure 2.15) as observed in DNA. The rG•rU ES1 forward free 

energy barrier (∆G‡ 15.7 and ∆G 3.86 kcal mol-1) is consistent with barriers measured for 

dG•dT ES1 (16.4 kcal mol-1) and computationally predicted barriers for G•U 

tautomerization (17.1 kcal mol-1) (276). 

  



 

108 

 

Figure 2.12: Transient tautomeric and anionic Watson-Crick-like RD in A-RNA 

RNA duplex and R1ρ RD profiles with 3-state global fits to rG-N1 and rU-N3 (20 °C and 

pH 7.9). 
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Figure 2.13: Chemical shift fingerprinting rG•rU excited states 

CSs for rG•rU ES1/ES2 compared to structure-based DFT predictions and rUTP 

ionization. 
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Figure 2.14: Watson-Crick-like rG•rU populations and lifetimes 

Population and lifetime of rG•rU ES1/ES2 measured as a function of temperature (at pH 

6.9) and pH (at 20 °C). dG•dT ES1 and ES2 shown (in grey) for comparison. 
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Figure 2.15: Multi-state equilibrium between wobble and Watson-Crick-like rG•rU 
mismatches 

Multi-state equilibrium between WB and WC-like rG•rU mismatches (20 °C and pH 

7.9). 
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Computational studies (170) show that dG•dUenol is stabilized relative to 

dG•dTenol. This is predicted to tilt the rapid rGenol•rU⇌rG•rUenol equilibrium in favor of 

rG•rUenol (40%) in RNA as compared to dG•dTenol (20%) in DNA (Methods). We find 

that in RNA, the ES1 rU-N3 CSs are slightly more downfield shifted (∆ωN3 +30 p.p.m.) 

than rG-N1 (∆ωN1 +26 p.p.m.; Figure 2.13). Reweighting the DFT-predicted CSs 

assuming 60:40 ratios of rGenol•rU:rG•rUenol gives an excellent fit to RD-derived values 

(Figure 2.13), and are in better agreement than 80:20 rGenol•rU:rG•rUenol (Supporting 

Figure 2.9). We note that we observe changes in the ES1 CSs at higher pH that suggest a 

potentially more complex exchange process (Supporting Discussion 2.8.6). As with 

dG•dT–, the WC-like rG•rU– may exist in equilibrium with both a WC-like rG–•rU 

and/or an iWB rG•rU– (Figure 2.15). 

rG•rU wobbles are widespread in RNA where they play important structural 

and functional roles (279). We therefore examined whether the ESs observed here would 

occur in more complex RNA structural contexts. Indeed, the rU-N3 15N RD profiles 

measured for two wobble rG•rU mismatches in a 69-nt Bacillus subtilis guanine 

riboswitch (Supporting Figure 2.8) provide initial evidence (∆ωN3 +44-47 p.p.m. and pES 

≈0.04% at pH 7.9) for WC-like rG•rU– mismatches in more complex RNA structures 

(Supporting Figure 2.9 and Supporting Discussion 2.8.7). Therefore, we can expect that 

transient WC-like rG•rU mismatches exist robustly across the RNA transcriptome.  
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2.6 Biological implications 

Initial selection of NTPs during replication, and tRNAs during translation, 

strongly relies on WC stereochemical geometry as a means of discriminating against 

mismatches (27, 193). The low error rate (10-3-10-6) during initial selection accounts for 

most of the overall fidelity of replication (≈10-6-10-10) (26, 29, 34) and translation (≈10-3-10-

5) (199, 202, 203). By stereochemically mimicking the WC geometry, the ES WC-like 

dG•dT and rG•rU mismatches observed here can provide a mechanism for evading WC 

fidelity checks during initial substrate selection (46, 142, 192). The intrinsic probabilities 

with which WC-like mismatches form have long been suspected as important 

determinants of substitution mutation probability (142, 192). By carrying out the first 

measurements of the intrinsic probabilities with which WC-like dG•dT and rG•rU 

mismatches form in native DNA/RNA systems, we are able to obtain unique insights 

into the mechanisms of misincorporation and the potential roles of ES1/ES2. 

We find that the probabilities with which WC-like dG•dT ES1 and ES2 form in 

duplex DNA (10-3-10-5) span the dGTP•dT/dG•dTTP misincorporation and base 

substitution probabilities seen during replication using high-fidelity polymerases with 

little/no proofreading capabilities (Figure 2.16, Supporting Figure 2.10 and Supporting 

Discussion 2.8.8) (38, 280, 281). Similarly, the WC-like rG•rU ES1 and ES2 probabilities 

(10-3-10-4) span the majority of amino acid misincorporation probabilities arising 

specifically due to rG•rU pairing at any codon position (10-3-10-5) (199, 203) (Figure 2.17 
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and Supporting Discussion 2.8.8). Note that some of the amino acid misincorporation 

probabilities (10-5) are lower than the measured rG•rU ES2 probability, which could be 

due to translational proofreading (202) and/or lower pH conditions that destabilize ES2. 

These results, together with previous structural studies showing that WB and WC-like 

mismatches can exist within polymerase (46, 174, 175) and ribosome (198, 209, 211) 

active sites, strongly suggest that energetic competition between WB and WC-like 

mismatches is robust and is a key determinant of misincorporation probability during 

replication and translation (Supporting Discussion 2.8.9). However, additional studies 

are needed to determine the probabilities with which WC-like mismatches form within 

the unique environment of polymerases and ribosomes. A recent MD study found that 

rGenol•rU tautomers can be stabilized in a ribosome context, but challenges their 

involvement in decoding errors based on predicted tRNA binding energies (218). 
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Figure 2.16: Correlation between Watson-Crick-like dG•dT mismatches and 
misincorporation 

dG•dT ES1 (blue square) and ES2 (green triangle) probabilities. pH-dependent 

dGTP•dT*/dG•dTTP* misincorporation probabilities (errors as published) (38). 

Averaged dGTP•dT/dG•dTTP misincorporation and base substitution probabilities; 

error bars reflect the s.d. (Supporting Discussion 2.8.8). ES2 fit to Henderson-

Hasselbalch equation shown as green line (see Methods). A blue line connects ES1 

points for visualization purposes. 
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Figure 2.17: Probability of amino acid misincorporation and formation of Watson-
Crick-like rG•rU mismatches 

rG•rU ES1 (blue square) and ES2 (green triangle) probabilities measured at varied 

conditions (Data Table 2.1), and amino acid misincorporation probabilities (red ‘X’) due 

to rG•rU mismatches (Zhang et al. (203)).   
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The pH-dependent dG•dT misincorporation probability (38, 157, 281) points to 

the involvement of an anionic species in misincorporation (46). Our results strongly 

suggest that this species is most likely ES2 dG•dT– and not the energetically disfavored 

dG–•dT. We observe excellent agreement between the pKa-predicted probability of 

forming ES2 dG•dT– and pH-dependent dGTP•dT/dG•dTTP misincorporation 

probabilities measured for a reverse transcriptase (38) which lacks any proofreading 

ability (Figure 2.18 and Supporting Figure 2.10). We note that the correlation is reduced 

at more extreme pH, near the pKas of other ionizable groups in proteins and DNAs 

(Supporting Figure 2.10 and Supporting Discussion 2.8.10). We also find that dG•5BrdU– 

enhances the probability of forming a WC-like ES2 (Figure 2.11) and correspondingly 

results in an ≈8-fold increase dG•5BrdU misincorporation (38). These data suggest that 

for this polymerase, misincorporation proceeds predominantly via a WC-like dG•dT–. It 

is very likely that parameters such as polymerase types, DNA sequence, and the 

chemical environment can affect the relative stabilities and lifetimes of the anionic, 

tautomeric, and WB mismatches (175). Therefore we can expect this to affect the 

flux(282) through distinct misincorporation pathways involving different WC and WB 

conformations, which may help to explain the broad range of misincorporation 

probabilities. 
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Figure 2.18: Watson-Crick-like dG•dT– formation correlated with 
dGTP•dT/dG•dTTP misincorporation 

The probabilities of dGTP•dT/dG•dTTP misincorporation (error as given) by avian 

myeloblastosis virus reverse-transcriptase (Yu et al. (38)) versus the pKa-predicted 

probability of forming a WC-like dG•dT– mismatch as a function of pH. 
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2.7 Conclusions 

Our findings suggest that unconventional enol tautomeric and anionic bases 

exist robustly in genomes. We anticipate these rare tautomeric and anionic bases play 

unique roles in DNA damage induction and repair, nucleic acid recognition, chemical 

modifications of nucleic acids, and catalysis. The NMR methods outlined here can 

immediately be applied to characterize tautomeric and anionic species, which we believe 

will not be restricted to dG•dT and rG•rU mismatches, but rather will be widespread 

across diverse nucleic acid motifs. 
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2.8 Supporting Discussions 

Supporting Discussion 2.8.1: Observed excited states are 
inconsistent with Hoogsteen, base opened, and other states 

Excited state 1 (ES1) and excited state 2 (ES2) chemical shifts (CSs) are 

inconsistent with Hoogsteen (HG) bps. Whereas for HG dG•dC and dA•dT bps the dG-

N1 and dT-N3 experience small upfield CSs (∆ωN1/N3 = ωES – ωGS = -1 to -3 p.p.m.) (246), 

the excited states reported here for dG•dT and rG•rU show very large downfield CSs 

(∆ωN1/N3 +15-56 p.p.m.; Data Table 2.1). Furthermore, in HG bps the purine base (dA or 

dG) rotates by ≈180° about Χ, giving rise to large downfield sugar C1′ CSs for the purine 

(∆ωC1′ ≈3-4 p.p.m.) (268). For dG•dT ES1 we observe a near absence of chemical 

exchange for both dG-C1′ and dT-C1′, and for dG•dT ES2 the population is too small to 

fit the 13C R1ρ relaxation dispersion (RD) data. Finally, dG•dC and dA•dT HG bps are 

strongly favored at low pH (268, 283), whereas dG•dT and rG•rU ES1 are largely pH-

independent, while the dG•dT and rG•rU ES2s are strongly favored at high pH. 

In addition, we are able to rule out a Hoogsteen dGenol•dT pair (Supporting 

Figure 2.4) as ES1 based on the absence of chemical exchange on the purine C1′. It has 

been previously shown that the anti-to-syn transition of dG in a canonical dG•dC pair to 

form a dG•dC+ HG bp (268) gives rise to significant chemical exchange on dG-C1′ which 

is not observed in the dG•dT ES1. 



 

121 

ES1 and ES2 are also inconsistent with a base opened state. Though the base 

opened state model and lifetimes for dG•dT and rG•rU mismatches are contested (<3.8 

µs by NMR (284) and ≈10 ms by single-molecule studies (285)), both the sign and 

magnitude of the observed dG-N1, dT-N3, rG-N1 and rU-N3 CSs for all dG•dT and 

rG•rU transient states reported herein are inconsistent with a base opened state. In the 

base opened state, solvent-exposed base opened H-bond donors would lead to small 

upfield 15N CSs on either d/rG-N1, dT-N3 or rU-N3 imino nitrogens (Supporting Figure 

2.4) owing to a loss of H-bonding (246, 274). Moreover, the absence of any detectable 

chemical exchange at C1′ in the dG•dT pair (Supporting Figure 2.2) is inconsistent with 

base opening which would be expected to change the glycosidic bond angle and/or 

sugar pucker (286) and therefore give rise to large changes in C1′ CSs (285). The 

observed exchange rates for all states of dG•dT and rG•rU pairs also differ by >1-2 

orders of magnitude relative to values reported for base opening (284, 285). 

Furthermore, a base opened ES1 in which dG-N1 or dT-N3 is deprotonated via 

tautomerization or ionization is expected to be exceedingly energetically unfavorable 

given the cumulative energetic cost of base opening coupled with deprotonation 

without a gain of stable H-bonding. Finally, the thermodynamic parameters for dG•dT 

and rG•rU ES1 (Supporting Figure 2.6), particularly the enthalpy differences for the 

transition to ES1, are inconsistent with an opened state, as argued previously for 

transient HG bps (268). Finally, chemical modifications (8BrdG•dT and dG•5BrdU) which 
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destabilize the WB GS (apparent by lowered melting temperature and higher imino 

proton exchange) do not increase the population of ES1, as would be expected if ES1 was 

a base opened state.  

For dG•dT ES2 we have also considered a state in which dT is anionic but does 

not adopt WC-like geometry. Because the ionization of dT does not permit the formation 

of a third H-bond as in ES1, we have to consider that the WC-like dG•dT– can 

transiently slip in to an inverted wobble (iWB) geometry that has been previously 

observed by X-ray crystallography (60, 175) and computational studies (278) (Figure 2.8 

and Supporting Figure 2.4). Here, dG-N1 is H-bonded to dT-O4 and dT-N3 is H-bonded 

to dG-N2 (60, 175, 278). However, the predicted CSs for the anionic iWB (∆ωdT-N3 +46 

p.p.m.) are in poor agreement with the experimentally measured values (∆ωdT-N3 +56 

p.p.m.), which are in better agreement with values predicted for the WC-like dG•dT– 

mismatch (ωdT-N3 +54 p.p.m.). Nevertheless, we cannot rule out the possibility that the 

WC-like dG•dT– exists in dynamic equilibrium with such a minor iWB or other species 

that fall outside the detection limits of the RD experiments. 

We are also able to rule out that the observed ESs represent a stable dGenol•dTenol 

WB “double tautomer” (287). Computational studies suggest this species would be 

greatly destabilized relative to the canonical GS WB by 14.5 kcal mol-1 (287), which is an 

order of magnitude less stable than the ESs observed here (≈3-5 kcal mol-1; Supporting 

Figure 2.6). Moreover, such a species would entail 100% tautomeric species of both dG 
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and dT. Full deprotonation of both bases would be expected to give rise to significantly 

downfield shifted imino nitrogens for both dG-N1 and dT-N3 on the order of ≈45-60 

p.p.m. (Supporting Figure 2.4-Supporting Figure 2.5). Our observed dG•dT ES1 and ES2 

chemical shifts are strongly inconsistent with simultaneous deprotonation of both dG-

N1 and dT-N3 (Supporting Figure 2.4). 

Finally, we have also considered an alternative tautomeric form in which dG-N7 

is protonated and dG-N1 is deprotonated, resulting in an overall charge neutral WC-like 

structure analogous to that observed for the m7dG•dT mismatch (288). Based on 

protonation of dGTP at pH 2.1 (data not shown), protonation of dG-N7 should result in 

an upfield shift in dG-C8 (∆ωC8 -1.9 p.p.m.). However, dG•dT ES1 features a small 

downfield CS on dG-C8 (∆ωC8 +1.6 p.p.m.). In contrast, this downfield shift is consistent 

with a dGenol•dT form (Figure 2.8). 

Supporting Discussion 2.8.2: Additional exchange contributions at 
low pH 

For hpTG-CGC at pH 6.0, we observe both the expected dG•dT ES1 tautomeric 

form (pES1 ≈0.17%), but also another unique exchange process characterized by a much 

larger population (pES2* ≈0.97%) that increases with decreasing pH, and a slower 

exchange rate (kex 766 s-1). This alternative second excited state (referred to as ES2*) is 

distinct from the anionic dG•dT– ES2 apparent at high pH. ES2* is apparent only at low 

pH and does not feature CSs characteristic with deprotonation of dT-N3 or dG-N1. 

Rather, ES2* exchange parameters and its pH dependence are in very strong agreement 
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with exchange parameters reported for transient HG bps in canonical dG•dC WC bps 

(268). The ES2* therefore represents the dG•dT mismatch remotely sensing transitions 

toward HG bps in the adjacent dG•dC bps. The ES CSs feature very small changes in 

CSs for dG-N1 (∆ωN1 +1.31 p.p.m.), dG15-C8 (∆ωC8 +0.75 p.p.m.), dT5-N3 (∆ωN3 -0.86 

p.p.m.) and dT5-C6 (∆ωC6 +0.86 p.p.m.; Data Table 2.1). While these are inconsistent with 

formation of a HG bp, they are in strong agreement with changes in CS expected for a 

bp adjacent to a dG•dC bp undergoing exchange to a HG dG•dC+ bp (268, 283). Indeed, 

two dG•dC pairs flank the central site-labeled dG•dT mismatch, and studies show that 

the population of ES dG•dC+ HG bps increase with lowering pH (268). Thus, this 

exchange process most likely reflects the dG•dT mismatch passively sensing the WC-to-

HG transition in neighboring bps. Note that exchange contributions from WC-to-HG 

transitions in dG•dC+ bps are negligible at neutral pH (268, 283), and are therefore not 

expected to contribute to the measured RD at pH ≥6.9.  

Supporting Discussion 2.8.3: Hydrogen bonding in the Watson-Crick-
like excited states 

Imino nitrogen CSs are highly sensitive to H-bonding (274, 289). It is well 

documented that a loss of N-H- -N or N-H- -O hydrogen bonding in WC pairs leads to a 

small upfield shift in the 15N CSs of protonated imino N1/3 H-bond donors and a larger 

downfield shift for the non-protonated N1/N3 H-bond acceptors (Supporting Figure 2.4) 

(246, 274, 289). The ES1 dT-N3 and ES2 dG-N1 CSs are downfield shifted relative to the 

GS WB, consistent with a gain in WC-like H-bonding during the WB-to-WC transition. 
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For the H-bond acceptors N1 and N3, the dominant factor is deprotonation, which leads 

to a large downfield shift for ES1 dG-N1 and ES2 dT-N3. Here, a gain in H-bonding can 

be expected to attenuate the magnitude of the downfield shift. Indeed, this is what is 

observed when comparing ES1 dG-N1 and ES2 dT-N3 (Supporting Figure 2.4) with the 

isolated dGTP-N1 and dTTP-N3 CSs (Supporting Figure 2.5). Rapid averaging between 

multiple WC-like states (dGenol•dT⇌dG•dTenol or dG–•dT⇌dG•dT–) is another 

important factor that can contribute to the observed 15N CSs. Both H-bonding effects and 

rapid averaging among tautomeric/anionic states are taken into account in the presented 

DFT analysis of CSs (see Methods). 

Supporting Discussion 2.8.4: Inter-base distance dependent chemical 
shifts 

It has been previously shown by ab initio studies that constriction of the N1- -N3 

distance in a WC G•C base pair can give rise to large changes in the N1 and N3 15N CSs 

(289). We performed similar DFT studies on a WC-like dGenol•dT mismatch (see 

Methods). Another potential explanation for the observed downfield shifted dG-N1 and 

dT-N3 ES1 CSs could be that they reflect a dGenol•dT with constricted N1- -N3 distance 

(Supporting Figure 2.4) rather than a rapid equilibrium with dG•dTenol (Figure 2.8). 

Although DFT calculations (see Methods) indicate that constricting the dG-N1 to dT-N3 

distance from the optimized distance of ≈2.86Å to 2.54Å could explain the observed 

N1/N3 CSs for dG•dT ES1 (Supporting Figure 2.4), the resulting distance is significantly 

smaller than that normally observed in nucleic acid structures (≈2.89±0.17Å, based on a 
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survey of 7749 canonical WC dG•dC pairs in X-ray structures of naked DNA and DNA-

protein complexes). Furthermore, in the case of RNA, no single distance between rG-N1 

and rU-N3 in rGenol•rU (data not shown) can explain the near equivalent rG•rU ES1 15N 

CSs (Figure 2.13). In contrast, all of the dG•dT and rG•rU ES1 CSs can be explained by a 

rapid exchange with dG•dTenol or rG•rUenol, respectively. Independent evidence for 

dGenol•dT⇌dG•dTenol exchange is also available based on computational studies (275, 

290). Finally, the rapid exchange between dGenol•dT and dG•dTenol is consistent with the 

absence of CS perturbations with the modification 5BrdU, which could impact other 

aspects of base pairing.  

Supporting Discussion 2.8.5: Chemical shift discrepancy for dT-C6 in 
m6dG•dT mismatch 

The observed CSs for m6dG-C8, m6dG-C1′, and dT-C1′ of our m6dG•dT mismatches 

(Figure 2.9 and Supporting Figure 2.7) are consistent with a dominant dGenol•dT bp. The 

discrepancy with the dT-C6 CS can be attributed to deviations from an ideal WC-like 

geometry. Here, the m6dG•dT mismatch geometry shown in Figure 2.10 is based on 

previous NMR and X-ray crystallography (154, 261, 274) studies on m6dG•dT which 

show that the dT is opened away from the paired m6dG. The H-bonding pattern was 

established in solution via a 15N NMR study (274) that showed direct evidence for a 

stable H-bond between m6dG-N2 and dT-O2, and the lack of a stable H-bond between 

m6dG-N1 and dT-N3. However, a crystallographic study has provided indirect evidence 

for a CH- -O H-bond between the m6-methyl protons and dT-O4 (261). 
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DFT calculations on m6dG•dT show that relative to a geometry-optimized dG•dT 

wobble, this distortion is predicted to minimally affect the m6dG-C8 CSs, but will induce 

a more significant upfield shift in dT-C6 (∆ωdT-C6(DFT m6dG•dT – DFT dGenol•dT) -2.7 p.p.m.), 

consistent with the CSs observed for the m6dG•dT mismatch (∆ωdT-C6(m6dG•dT – ES1 dGenol•dT) -

2.1 p.p.m.; Figure 2.9). 

Supporting Discussion 2.8.6: Potential for a more complex exchange 
process in rG•rU mismatches 

The rG•rU ES1 population and CSs are largely independent of temperature at 

pH 6.9 (Figure 2.14 and Data Table 2.1) as observed for DNA at the same pH (Figure 2.5-

Figure 2.6). Indeed, we find excellent agreement between the thermodynamic 

parameters describing dG•dT and rG•rU ES1 at pH 6.9 (Supporting Figure 2.6). 

However, upon increasing the pH to ≥7.9 in the hpUG-CGC construct we observe 

deviations in CS for both ES1 rG-N1 (∆ωES1(pH6.9)→ES1(pH7.9) +6.1 p.p.m.) and rU-N3 

(∆ωES1(pH6.9)→ES1(pH7.9) +3.6 p.p.m.) that are not observed in DNA (Supporting Figure 2.9). 

These results suggest a more complex exchange process at higher pH. 

Supporting Discussion 2.8.7: Evidence for uridine deprotonation in a 
guanine riboswitch 

15N R1ρ RD data was collected for two uridines (rU17 and rU69) involved in 

rG•rU pairing in a 69 nucleotide Bacillus subtilis guanine riboswitch (termed xptG) (238). 

RD data collected at pH 7.9 reveals strongly downfield shifted ES CSs for rU17-N3 and 

rU69-N3 that are consistent with deprotonation (Supporting Figure 2.9). The large 
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downfield shift and small population are consistent with a WC-like rG•rU– mismatch as 

observed in RNA duplexes. On-resonance 15N RD was collected for rU17-N3 and rU69-

N3 at pH 6.7 and suggests there is limited chemical exchange, but it cannot be ruled out 

that the same exchange process occurs further off-resonance from the carrier position as 

is seen at pH 7.9 (Supporting Figure 2.8). 

Supporting Discussion 2.8.8: Probabilities of misincorporation and 
base substitutions 

The misincorporation and base substitution probabilities shown in Figure 2.16 

and Supporting Figure 2.10 span a variety of reaction conditions (38, 281), 

template/primer sequence contexts (177) and polymerases (280) including high-fidelity 

prokaryotic and eukaryotic polymerases and viral reverse-transcriptases with limited or 

no proofreading capabilities. The DNA misincorporation and base substitution data 

points for these figures were taken from 9 different publications (38, 163, 177, 280, 281, 

291-294). Care was taken to ensure the correct reported pH value was assigned to each 

respective misincorporation probability, though in some cases the authors omitted 

directly stating the reaction pH and instead reference conditions in another paper. Note 

that we can expect that buffers will have slightly different pH values at differing 

temperatures, and we were unable to account for this if the original authors have not 

already. Moreover, the selection of kinetic misincorporation and base substitution 

studies used is not meant to be comprehensive. It can be expected that some studies 

which report on different polymerases at different conditions may not fall within a 
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range governed by dG•dT ES1 or ES2. This is most likely for polymerase families (ex. 

Family Y, etc) that do not rely as stringently on correct WC geometry for incorporation 

(ex. pol ι). Moreover, we expect that differing sequence contexts, temperatures, pH, and 

ionic strength will affect the relative stabilities of these ESs (175) such that it may help to 

explain the broad range of misincorporation probabilities (Figure 2.16 and Supporting 

Figure 2.10) (38, 177, 280, 281). Initial evidence for this can be seen in the differing 

probabilities of forming dG•dT ES1 for hpTG-CGC (pES1 0.17%) and DickersonTG-CGA 

ES1 (pES1 0.25%; Data Table 2.1).  

While DNA kinetic misincorporation and base substitution studies using 

exonuclease-deficient polymerases can report on the role of initial dNTP selection on the 

overall fidelity of replication, deconvoluting the contribution of different fidelity checks 

(202, 295) during translation presents a challenge. It is likely that the range of amino acid 

misincorporation shown (203) (Figure 2.17) represents a combination of initial tRNA 

selection in addition to proofreading (199, 200, 202). While we observe transient WC-like 

rG•rU mismatches wth probabilities on the order of ≈10-3-10-4, a number of the reported 

amino acid misincorporation probabilities are on the order of ≈10-5. It is likely that 

ribosomal proofreading capabilities explain the 10-1 difference observed for the lower 

limit of amino acid misincorporation (10-5) versus ES1/ES2 probability (10-4). Though it 

should also be noted that the probability of forming ES2 is strongly pH-dependent and 

thus a lower pH could account for the probability of ES2 formation in the range of 10-5.  
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The rG•rU-dependent amino acid misincorporation data (Figure 2.17) was taken 

from Zhang et al. (203). The data shown for amino acid misincorporation probabilities 

reflect that of proteins taken from recombinant E. coli, Chinese Hamster ovary cells 

(antibodies), and from humans (human serum albumin). Because there is no reported 

specific temperature or pH value associated with the amino acid misincorporation rates, 

we could not specifically correlate our rG•rU ES1 or ES2 probabilities at a given pH or 

temperature. Instead, we can observe that the amino acid misincorporation probabilities 

observed in cells is largely spanned by the probability with which rG•rU mismatches 

transiently adopt a WC-like tautomeric or anionic state. Further studies are needed to 

explore more direct correlations between amino acid misincorporation and the WC-like 

rG•rU ES1 and ES2 probabilities. 

Supporting Discussion 2.8.9: Watson-Crick-like dG•dT mismatches 
and their role in misincorporation 

These results indicate that there are potentially multiple misincorporation 

pathways funneling through either tautomeric (dGenol•dT and dG•dTenol) or anionic 

(dG•dT– and dG–•dT) mismatches, with WC-like enol tautomers being generally more 

strongly discriminated against during initial selection or becoming energetically less 

favorable within the polymerase active site.  

In contrast to the probabilities of misincorporation and base substitutions during 

replication (10-3-10-6), the probability of ionization (38) or tautomerization (170, 171) of 

NTPs in free solution is expected to deviate by several orders of magnitude from the 
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observed misincorporation probabilities. Therefore, it is unlikely that misincorporation 

is driven by tautomerization or ionization of isolated NTPs. 

While the data presented in Figure 2.16 and Figure 2.18 shows clear correlations 

between the probability of dGTP•dT/dG•dTTP misincorporation and the probability of 

forming a WC-like dG•dT ES in a duplex DNA, additional studies are needed to better 

understand how the complex environment within cells might modify the intrinsic 

duplex energetics. Moreover, while in vitro studies have established that base ionization 

is possible within a DNA polymerase active site (38, 46, 157, 296), and crystallographic 

studies have established that WC dG•dT and rG•rU mismatches can form within 

polymerase and ribosome active sites through either tautomerization or ionization (46, 

174, 175, 211), to the best of our knowledge, it is not known if base ionization and/or 

tautomerization is possible within the active sites of polymerase and ribosomes within 

living cells. 

Supporting Discussion 2.8.10: The effect of high-pH on 
misincorporation and base substitution probabilities 

The strong correlation between experimentally measured kinetic 

misincorporation probabilities of dGTP•dT/dG•dTTP and the predicted probability of 

forming dG•dT– in a duplex (Figure 2.18) begins to diverge at less physiologically 

relevant pH values (pH 9-9.5; Supporting Figure 2.10). This suggests a more complicated 

model, possibly due to ionization of other protein and nucleic acid functional groups. 

We also note that divergent misincorporation probabilities have been reported at pH ≥9, 
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with kinetic misincorporation studies using AMV RT reporting an upper limit of 

dGTP•dT/dG•dTTP misincorporation (38) while base substitution studies performed 

using an exonuclease-deficient Klenow polymerase shows a continuing exponential 

increase in base substitution frequencies (281). 
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2.9 Supporting Figures 

 

Supporting Figure 2.1: NMR spectra of site- and selectively-labeled dG•dT mismatch 
DNA constructs 
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Shown are the (A) hpTG-CGC and (B) DickersonTG-CGA constructs with 13C/15N 

labeled dG•dT mismatches highlighted in red along with 2D imino [15N, 1H] HSQC, 2D 

aromatic [13C, 1H] HSQC and 2D C1′ [13C, 1H] HSQC spectra (pH 6.9, 25 °C). 
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Supporting Figure 2.2: Rotating frame relaxation dispersion profiles of dG•dT 
mismatches in hpTG-CGC and DickersonTG-CGA constructs 
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RD profiles showing chemical exchange (R2+Rex) in the dG•dT mismatch as a function of 

the spin lock offset (Ωeff 2π-1) and spin lock power (ωSL 2π-1, color coded in insets). 

Shown are (A) 15N and (B) 13C RD profiles in hpTG-CGC. On-resonance profiles showing 

solid and dashed black lines indicate fits assuming no chemical exchange (solid) and 

simplified 2-state exchange process (dash). The hpTG-CGC dG15-N1 and dT5-N3 in 

brackets denote duplicate profiles (with an additional 800 Hz spinlock power for each) 

collected at pH 8.4 and 25 °C collected on a different spectrometer from the preceding 

profiles. (C) 15N and 13C RD profiles for DickersonTG-CGA. Sample conditions are 

indicated on each profile. Error bars represent experimental uncertainty (one s.d., see 

Methods). 
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Supporting Figure 2.3: Multiple site exchange comparison and numerical solutions 

Global fitting of (A) hpTG-CGC and (B) hpUG-CGC N1 and N3 RD profiles to 2-state 

algebraic equation (Equation 2.1, fit χ 2  shown in inset) and 3-state algebraic equation 

(Equation 2.2, fit χ 2  shown in inset). Numerical solutions to the Bloch-McConnell 3-

state equations assuming no minor exchange and input exchange parameters obtained 

based on the 3-state algebraic fit are also shown to establish the validity of the 3-state 

expression under these exchange scenarios (Equation 2.2, see Methods). Sample 

conditions are indicated on each profile. Error bars represent experimental uncertainty 

(one s.d., see Methods). 
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Supporting Figure 2.4: Chemical shift fingerprinting dG•dT excited states 

(A) RD-derived dG15-N1 and dT5-N3 chemical shifts (CSs; referenced to GS WB) for ES1 

(25 °C and pH 6.9) and ES2 (25 °C and pH 8.4) of hpTG-CGC and ES1 of DickersonTG-

CGA (25 °C and pH 6.9) are shown. Errors in all RD-derived fitted parameters (e.g. Δω) 

denote s.e. from the weighted global fit (see Methods). (B) RD-derived hpTG-CGC 

dG•dT ES1 (blue) and ES2 (green) 15N CSs are shown as a function of temperature and 

pH for both dG15-N1 (square) and dT5-N3 (circle). (C) Scheme used to calculate CSs 
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using DFT (see Methods). Shown is a schematic representation of scenario used to for 

calculating CSs using DFT. Idealized B-form DNA helix is generated to give a central 

dG•dT mismatch (red) that is flanked by canonical dG•dC pairs, analogous to the 

hpTG-CGC construct. Residues are trimmed to 1-/9-methyl bases and i+1/i-1 pairs are 

frozen in place for subsequent geometry optimizations and NMR CS calculations. (D) 

DFT-calculated CSs (referenced to an energy optimized WB geometry) are shown for 

various tautomeric and anionic configurations, where dGenol•dT/dG•dTenol represents 

population weighted average over dGenol•dT (80%) and dG•dTenol (20%). (E) RD-derived 

ES1 and ES2 CSs are plotted against DFT-calculated CSs of base opened dG•dT 

mismatches, taken from X-ray structures and pruned to 1-/9-methyl bases. (F) DFT-

calculated CSs (referenced to an energy optimized WB geometry) are plotted as a 

function of dG-N1- -dT-N3 inter-atomic distance for a WC-like dGenol•dT tautomeric 

pair. (G) Computational studies (275, 276, 297) predict that the tautomeric pathway 

proceeds via a planar dG+•dT– ion pair (charge delocalization is implied) that is 

highlighted by a network of five H-bonds. (H) Predicted pair geometry of an anionic 

dG•dT– inverted wobble. Deprotonated dT-N3 is highlighted in red (charge 

delocalization is implied). (I) Predicted pair geometry of a dGenol•dT Hoogsteen 

mismatch. 
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Supporting Figure 2.5: Attempts to trap anionic dG 

(A) 1D 13C spectra (without 13C-13C homonuclear decoupling) of the aromatic carbon 

region of protonated dGTP (black) and anionic dGTP (red) showing CS perturbations 

induced upon deprotonation of dGTP-N1. (B) 13C spectra (without 13C-13C homonuclear 
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decoupling) of the aromatic carbon region of protonated dTTP (black) and anionic dTTP 

(red) showing CS perturbations induced upon deprotonation of dTTP-N3. (C) 2D [15N, 

13C] HMQC spectra of dGTP showing CS of dGTP-N1 induced upon deprotonation. The 

spectra is rotated by 90°, to depict 15N CS along x-axis for visualization purposes. Red 

circles on inset structure highlight measured resonances (C6 and N1). (D) 2D [15N, 13C] 

HMQC spectra of dTTP showing CS perturbation of dTTP-N3 induced upon 

deprotonation. The spectra is rotated by 90°, to depict 15N CS along x-axis for 

visualization purposes. Red circles on inset structure highlight measured resonances (C4 

and N3). (E) hpTG-CGC spectra of the dG/dT aromatic carbons upon increase in pH 

from 6.9 (black) to 10.7 (red). Minor upfield CSs are observed for dT5-C6 and dG9-C8, 

but not dG15-C8, indicating the dT5 in the dG•dT mismatch is likely undergoing 

deprotonation and not the paired dG15. (F) 8BrdG15-hpTG-CGC construct bearing a 

13C/15N site-labeled dT5 paired with a 8-bromo-2′-deoxyguanosine is shown (left) along 

with the 15N RD profile for the paired dT5-N3. Error bars represent experimental 

uncertainty (one s.d., see Methods). 
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Supporting Figure 2.6: Kinetic-thermodynamic plots and parameters 

(A) Kinetic-thermodynamic diagram for exchange between GS and ES1 via a transition 

state for hpTG-CGC ES1 (left) and hpUG-CGC ES1 (right), showing activation (G‡) and 

net free energy (G), enthalpy (H), and entropy (TS) changes (referenced to 0). (B) Kinetic-

thermodynamic parameters derived from RD data. Asterisk denotes parameters 

calculated using only a single temperature (see Methods), wherein enthalpic and 

entropic parameters cannot be derived. Here, dG15•dT5 ES2 values were calculated at 

25.05 °C, rG16•rU5 ES2 values were calculated at 20.05 °C, and dG15•5BrdU5 ES1 and 

ES2 values were calculated at 10.05 °C. Error is given by the s.e. of the weighted global 

fits of the corresponding RD profiles. Error is propagated using the respective 

uncertainties in kex and pES. 
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Supporting Figure 2.7: Trapping or stabilizing dG•dT ES1 and ES2 
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(A) m6dG15-hpTG-CGC construct is shown (left) where dG15 is methylated at the O6 

position to trap a near-WC “dGenol•dT”-like geometry (Figure 2.10). CS perturbations 

induced in the aromatic (center) and sugar (right) resonances upon O6-methylation 

(blue) with the hpTG-CGC spectra (black) with the resonances for the dG•dT mismatch 

from hpTG-CGC in red. m6dG15•dT mismatch and CSs are highlighted in red. (B) 

Similarly, m6dG4-DickersonTG-CGA construct is shown (left) where dG4 is O6-

methylated to trap a WC-like state, with similar color scheme as (A). (C), 5BrdU5-hpTG-

CGC construct bearing a 13C/15N site-labeled dG15 paired with a 5-bromo-2′-

deoxythymidine is shown (left) along with the 15N RD profile for the paired dG15-N1. 

Error bars represent experimental uncertainty (one s.d., see Methods). 
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Supporting Figure 2.8: Rotating frame relaxation dispersion profiles for rG•rU 
mismatches in hpUG-CGC, hpUG-UGC and xptG constructs 

RNA constructs and the imino [15N, 1H] HSQC zoomed into the rG•rU wobble region of 

the spectra for (A) hpUG-CGC and (B) hpUG-UGC. rG•rU mismatch resonances are 

shown in red. (C) The Bacillus subtilis guanine binding riboswitch (xptG) (238) construct 

and full imino [15N, 1H] HSQC of folded and guanine ligand-bound riboswitch. rG•rU 

mismatch resonances are shown in red. 15N RD profiles for (D) hpUG-CGC, (E) hpUG-



 

146 

UGC, and (F) xptG riboswitch. Error bars represent experimental uncertainty (one s.d., 

see Methods). 
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Supporting Figure 2.9: Chemical shift fingerprinting rG•rU excited states 

(A) RD-derived rG16-N1 and rU5-N3 CSs (referenced to GS WB) are shown for ES1 (20 

°C and pH 6.9) and ES2 of hpUG-CGC (20 °C and pH 7.9) and ES1 rG18-N1 and rU7-N3 

CSs of hpUG-UGC (25 °C and pH 6.9). Errors in all RD-derived fitted parameters (eg. 

Δω) denote s.e. from the weighted global fit (see Methods). (B) RD-derived CSs 

(referenced to GS WB) are shown for the ES of xptG riboswitch (rU17-N3 and rU69-N3) 

at 25 °C and pH 7.9. (C) 2D [15N, 13C] HMQC spectra of rUTP showing CS of rUTP-N3 

induced upon deprotonation. The spectra is rotated by 90°, to depict 15N CS along x-axis 

for visualization purposes. Red circles on inset structure highlight measured resonances 
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(C4 and N3). (D) 2D [15N, 13C] HMQC spectra of rGTP showing CS of rGTP-N1 induced 

upon deprotonation. The spectra is rotated by 90°, to depict 15N CS along x-axis for 

visualization purposes. Red circles on inset structure highlight measured resonances (C6 

and N1). (E) RD-derived hpUG-CGC rG•rU ES1 (blue) and ES2 (green) CSs are shown 

as a function of temperature and pH for both rG16-N1 (square) and rU5-N3 (circle). (F) 

Scheme used to calculate CSs using DFT. Idealized A-form RNA helix is generated to 

give a central rG•rU mismatch (red) that is flanked by canonical rG•rC and rA•rU 

pairs, analogous to the hpUG-UGC construct. Residues are trimmed to 1-/9-methyl bases 

and i+1/i-1 pairs are frozen in place for subsequent geometry optimizations and CS 

calculations (see Methods). (G) DFT-predicted CSs (referenced to an energy optimized 

WB geometry) are shown for various tautomeric and anionic configurations, where 

rGenol•rU/rG•rUenol represents population weighted average CSs of rGenol•rU (60%) and 

rG•rUenol (40%). (H) 15N rG-N1 and rU-N3 CS comparison between RD-derived ES1 CSs 

and population weighted DFT-predicted CSs (60:40 vs. 80:20). (I) Computational studies 

(276) predict that the tautomeric pathway for a rG•rU pair can proceed via a planar 

rG+•rU– ion pair (charge delocalization is implied) that is highlighted by a network of 

five H-bonds. (J) Pair geometry of an anionic rG•rU– inverted wobble. Deprotonated rU-

N3 is highlighted in red (charge delocalization is implied). 
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Supporting Figure 2.10: dG•dT misincorporation probabilities and correlation 
to Watson-Crick-like excited states 

(A) Explicit dGTP•dT and dG•dTTP kinetic misincorporation and base substitution 

probabilities (n=53) and associated errors (38, 163, 177, 280, 281, 291-294) (see Supporting 

Discussion 2.8.8) are plotted against hpTG-CGC dG•dT ES1 (blue squares) and ES2 

(green triangles). The pKa fit of ES2 probabilities to the Henderson-Hasselbalch equation 

(Equation 2.5, see Methods) is shown as the green trend line. (B) Red trend line shows 

the pKa fit to dGTP•dT misincorporation probabilities (38) from pH 6.5-8.6 to the 

Henderson-Hasselbalch equation. The fit was weighted using reported experimental 

errors and gave a χ 2  of 3.56. Extrapolated dG•dT– ES2 probability (s.e. from the 
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weighted global fit) is plotted against (C) dGTP•dT and (D) dG•dTTP misincorporation 

probabilities (errors as given (38)) from pH 6.5–9.5. 
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2.10 Data Tables 

Data Table 2.1: R1ρ spinlock powers, offsets, and fits 

Spinlock power and offset combinations used for all measured RD profiles is given in 

this table. In addition, 2- and 3-state algebraic R1ρ RD fits for each reported resonance is 

given. Data is archived with the Al-Hashimi lab and is available online at: 

http://sites.duke.edu/alhashimilab/ 

2.11 Materials and Methods 

2.11.1 NMR buffer. 

All duplex DNA and RNA samples were buffer exchanged using a centrifugal 

concentrator (EMD Millipore) into a solution containing 25 mM sodium chloride (100 

mM sodium chloride for DickersonTG-CGA), 15 mM sodium phosphate, 0.1 mM EDTA, 

and 10% D2O with variable pH (6.0, 6.4, 6.8, 6.9, 7.9). pH values of 8.4 were obtained for 

hpTG-CGC and hpUG-CGC samples by direct titration of pH 7.9 samples with filtered 

0.5 M NaOH solution. Monovalent ion concentration subsequently increased by a small 

amount proportional to the NaOH titrated in but did not affect DNA/RNA conformation 

as confirmed by NMR. Natural isotopic abundance oligonucleotide sample 

concentrations ranged from 2-3.5 mM. 13C/15N-labeled oligonucleotide sample 

concentrations ranged from 0.7-3.5 mM. xptG riboswitch sample was diluted to ≈30 µM 

in a solution containing saturated guanine, denatured, and annealed on ice. Sample was 

buffer exchanged against either potassium acetate (pH 6.7) or sodium phosphate (pH 

http://sites.duke.edu/alhashimilab/
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7.9) buffer and concentrated to 0.7-1.7 mM. Mg2+ was titrated in until total concentration 

was ≈5 mM.  

2.11.2 Site-specifically 13C/15N-labeled DNA samples. 

Selectively 13C/15N-labeled DNA samples (hpTG-CGC, 5BrdU5-hpTG-CGC and 

8BrdG15-hpTG-CGC) were purchased from the Yale Keck Oligonucleotide Synthesis 

Facility and were synthesized using commercially available 2′-deoxyguanosine DMT-

phosphoramidite (98% 13C10, 98% 15N5) and 2′-deoxythymidine phosphoramidite (98% 

13C10, 98% 15N2) purchased from Cambridge Isotope Labs. hpTG-CGC was selectively 

13C/15N-labeled at dT5 and dG15, 5BrdU5-hpTG-CGC was 13C/15N-labeled at dG15, and 

8BrdG15-hpTG-CGC was 13C/15N-labeled at dT5. Samples were purified using RP-HPLC 

prior to buffer exchange. NMR experiments were used to confirm native folding of 

hpTG-CGC, 5BrdU5-hpTG-CGC, and 8BrdG15-hpTG-CGC constructs. 

2.11.3 Enzymatic synthesis of 13C/15N-labeled DNA samples. 

The DickersonTG-CGA sample was synthesized in vitro using uniformly 

enriched 13C/15N dGTP and dTTP (Silantes GmbH) as previously described (298). 

Reaction mixture was centrifuged and filtered to remove excess pyrophosphate and 

concentrated down to 1 mL in a 3 kDa molecular weight cut-off centrifugal concentrator 

(EMD Millipore). Sample was mixed with 1 mL of a formamide-based denaturing 

loading dye, denatured at 95 °C for 5 min, and loaded onto a 33x102 cm sequencing gel 

(20% polyacrylamide/8M urea) and run for 12 hours to resolve target oligonucleotide 
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from template and other nucleic acid species. Target band was shadowed briefly using a 

UV hand-lamp and excised prior to gel electroelution (Whatman, GE Healthcare), 

followed by ethanol precipitation. Sample purity was confirmed using gel 

electrophoresis (20% polyacrylamide/8M urea) stained with SybrGOLD prior to buffer 

exchange. 

2.11.4 Enzymatic synthesis of 13C/15N-labeled RNA samples.  

The hpUG-CGC, hpUG-UGC and xptG riboswitch RNA samples were prepared 

using in vitro transcription as previously described (269) using uniformly enriched 

13C/15N ribonucleotide triphosphates (hpUG-CGC: rGTP & rUTP only, hpUG-UGC: All 

and xptG: All). Purification was carried out as described above for 13C/15N-labeled DNA 

construct. 

2.11.5 Unlabeled and unlabeled-modified DNA samples. 

hpTG-CGC and DickersonTG-CGA constructs at natural isotopic abundance 

were purchased from Integrated DNA Technologies. The O6-Methyl-2′-deoxyguanosine 

mismatch constructs (m6dG15-hpTG-CGC and m6dG4-DickersonTG-CGA) were 

purchased from the Yale Keck Oligonucleotide Synthesis Facility. hpTG-CGC and 

DickersonTG-CGA constructs were desalted prior to buffer exchange. Unlabeled-

modified samples were purified using RP-HPLC prior to buffer exchange. 
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2.11.6 Isotopically enriched dNTP and rNTP samples.  

Uniformly 13C/15N enriched dGTP, dTTP, rGTP and rUTP samples were 

purchased (Silantes GmbH) and added to an NMR buffer (25 mM sodium chloride, 15 

mM sodium phosphate, 0.1 mM EDTA and 10% D2O at pH 6.9). Sample was adjusted to 

pH ≈12.5 directly using 5 M NaOH. 

2.11.7 Resonance assignment.  

The CS assignment for DNA and RNA constructs were obtained using aromatic 

[13C, 1H], aliphatic [13C, 1H], imino [15N, 1H] heteronuclear and [1H, 1H] NOESY 

homonuclear correlation experiments. The data for all DNA constructs were acquired on 

an 18.8T Agilent spectrometer equipped with a triple resonance HCN cryogenic probe, 

for the uniformly 13C/15N-labeled hpUG-UGC construct on a 14.1T Bruker Avance 

spectrometer equipped with a triple-resonance HCN cryogenic probe, and for the xptG 

riboswitch on a 14.1T Agilent spectrometer equipped with a Bruker HCPN cryogenic 

probe. All data were processed and analyzed using the software NMRpipe (299) and 

SPARKY (T. D. Goddard and D. G. Kneller, SPARKY 3, University of California, San 

Francisco), respectively. Resonance assignment for exchangeable and non-exchangeable 

1H was performed using the 2D [1H, 1H] WATERGATE NOESY experiment (247) 

(mixing time 250 ms) as described previously (271, 300), and their covalently bonded 

13C/15N nuclei were assigned using heteronuclear single/multiple quantum coherence 

correlation experiments (HSQC or HMQC). For the labeled RNA constructs 
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conventional HSQC experiments (247) were acquired for all spins, while for unlabeled 

DNA constructs conventional HSQC was used for the aliphatic C1′ spins and SOFAST-

HMQC (301, 302) were employed for the imino and aromatic spins. 

2.11.8 15N R1ρ relaxation dispersion.  

1D 15N R1ρ RD experiments (246, 271) targeting imino nitrogen resonances of 

interest were carried out at 14.1T (hpTG-CGC, 5BrdU5-hpTG-CGC, DickersonTG-CGA 

and hpUG-UGC) and 16.4T (hpUG-CGC) as previously described (246). Raw data were 

processed using NMRpipe (299) to generate a series of peak intensities. On- and off-

resonance R1ρ RD profiles were recorded using spinlock powers (ωSL 2π-1) ranging from 

100-2000 Hz, with the absolute offset frequencies (Ω 2π-1 Hz) ranging from 0-3.5x the 

applied spinlock power (Data Table 2.1). Offset frequencies greater than 3.5x the given 

spinlock power were not used owing to significant R1 relaxation contributions (271). 

Magnetization of the spins of interest was allowed to relax under an applied spinlock for 

the following durations: [0 – 120 ms] for N1/N3 of hpTG-CGC, 5BrdU5-hpTG-CGC, 

DickersonTG-CGA and hpUG-UGC and [0 – 100 ms] for N1/N3 of hpUG-CGC, and [0 – 

80 ms], [0 – 74 ms], [0 – 68 ms] for N3 of the xptG riboswitch.  

2.11.9 13C R1ρ relaxation dispersion.  

13C R1ρ RD experiments targeting carbon resonances of interest were carried out 

at 14.1T as previously described (268, 271). On- and off-resonance R1ρ RD profiles were 

measured using spinlock powers (ωSL) ranging from 150-3500 Hz, with the absolute 
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offset frequencies (Ω 2π-1, Hz) ranging from 0-3.5x the applied spinlock power (Data 

Table 2.1). Magnetization of the spins of interest were allowed to relax under an applied 

spinlock for the following durations: [0 – 60 ms] for C1′/C6/C8 of hpTG-CGC and C1′ of 

DickersonTG-CGA, [0 – 50 ms] for C6/C8 DickersonTG-CGA.  

2.11.10 13C/15N chemical shifts of ionized dNTPs and rNTPs.  

Carbon and nitrogen CSs of neutral and deprotonated dNTPs and rNTPs were 

collected at 25 °C and pH ≈6.9 and ≈12.5 using a 2D [15N, 13C] HMQC experiment on a 

14.1T Agilent spectrometer equipped with a Bruker HNCP cryoprobe. 

2.11.11 Fitting of 13C and 15N R1ρ data. 

R1ρ values were calculated by fitting the decay of peak intensity versus relaxation 

delay to a monoexponential (303). Errors in R1ρ were estimated using spectral noise and 

duplicate R1ρ data points using a suite of Mathematica notebooks (303). Measured on- 

and off-resonance R1ρ data were globally fit to algebraic equations describing N-site 

chemical exchange using a Levenberg-Marquardt method, weighted to the experimental 

error in the R1ρ data. For 2-state exchange, data was fit to the Laguerre Equation 2.1 (304) 

under the valid assumption that the populations are highly asymmetric, such that pGS >> 

pES where pES < 0.3. For the 3-state chemical exchange model where kBC = kCB = 0, data was 

fit to both the 3-state Laguerre Equation 2.2 as well as the general starlike 3-state 

Equation 2.3 (304), where pGS >> pES and pES < 0.1. Fitted parameters derived from 

Equation 2.2 and Equation 2.3 are in excellent agreement with one another (Data Table 
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2.1). Statistical tests, F-Test and Akaike information criterion (AIC) (305), were used to 

select the best-fit N-state exchange model (268) (Supporting Figure 2.3). 13C and 15N RD 

data from the dG•dT or rG•rU mismatch resonances for each construct, at each 

temperature and pH condition were fitted globally (where kex and pB are the shared-

parameters) when possible. In the cases where 15N RD data was available but 13C RD 

data showed no chemical exchange, did not exhibit 3-state exchange, or was not 

collected, the 15N N1/N3 RD data were globally fitted as described above. Bloch-

McConnell (B-M) (257) numerical simulations were used to validate the algebraic 

approximations’ for 2- and 3-state exchange scenarios (258, 269, 304, 306).  

Equation 2.1: 2-state Laguerre 

 

Equation 2.2: 3-state Laguerre with no minor exchange 

 

Equation 2.3: 3-state starlike algebraic expression with no minor exchange 
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exchange rates are defined as kexi = kGS→ESi + kESi→GS, where kGS→ESi = pESikexi and kESi→GS = 

pGSkexi and where i = 1 or 2. The CS difference between the GS and ESs is given by ∆ωESi = 

ΩESi - ΩGS, where Ω = Ωobs - ωrf defines the resonance offset from the carrier frequency 

(ωrf), Ωobs = (ΩGSpGS + ΩES1pES1) or Ωobs = (ΩGSpGS + ΩES1pES1 + ΩES2pES2), and where Ωobs ≈ ΩGS 

when pGS >> pESi, as is the case in the ESs measured. The average effective spinlock field 

in the rotating frame is given by ω2eff = Ω2 + ω2SL and ω2GS = (ΩGS – ωrf)2 + ω2SL, ω2ESi = (ΩESi 

– ωrf)2 + ω2SL and ωSL is the spinlock power. The tilt angle in the rotating frame is given by 

θ = arctan(ωSL/Ω). 

2.11.12 Analysis of the 3-state exchange model.  

We repeated measurements of RD profiles for hpTG-CGC dG-N1 and dT-N3 at 

pH 8.4 and 25 °C on a different spectrometer and also obtained data that is consistent 

with 3-state exchange (Supporting Figure 2.3 and Data Table 2.1). In addition, we 

collected one additional spinlock power (800 Hz) for both resonances, and find that the 

inclusion of this extra spinlock power has negligible effect on the fitted exchange 

parameters indicating that they are robustly determined by the measured data. We note 

that differences in the RD profiles and fitted parameters between spectrometers are 

largely within error, with minor differences likely arising due to small differences in 

temperature and/or spinlock calibrations. 

The dT-N3 resonance of hpTG-CGC at 25 °C and pH 7.9 was also individually 

refit assuming both 2-state and 3-state exchange. The individual dT-N3 3-state fit gave 
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very similar fitted parameters as the dT-N3 in the 3-state global fit with dG-N1. The F-

test (at 0.05 significance level) favored the 3-state individual fit model over the 2-state 

individual fit model. AIC also favored the 3-state model, estimating the 3-state model to 

be 3.1x1015 times more likely to be the correct model than the 2-state model. The 

individual 2-state and 3-state fits to dG-N1 RD profiles give similar agreement ( χ 2  

≈0.83) when the ES2 CS is fixed based on the globally fitted value; however, statistical 

tests slightly favor the simpler model (AIC favors 2-state by approximately two-fold). 

The 3-state model is supported by statistical tests (F-test and AIC favor the 3-

state over 2-state exchange model) and also by B-M simulations (data not shown) for the 

hpTG-CGC dG-N1 and dT-N3 data at pH 7.9. Here, R1ρ values were simulated, noise 

corrupted, and evaluated for the ability to report on the 3-state exchange following the 

procedure reported in Bothe et al. (259). 

2.11.13 Bloch-McConnell 3-state numerical simulations.  

Parameters derived from the algebraic 3-state fits, along with the ωrf and ωSL, 

were used to simulate numerical solutions to the 3-state B-M equations (257) 

(Supporting Figure 2.3). The B-M simulations were carried out using a procedure similar 

to that described recently for 2-state exchange (259). Simulations were carried out 

assuming a 0.25 second relaxation delay under the applied ωSL.  
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2.11.14 Thermodynamic analysis of R1ρ RD-derived parameters. 

Temperature-dependent analysis of forward and reverse exchange rates in the 

site-labeled (dG15•dT5 13C/15N) hpTG-CGC and G/U labeled hpUG-CGC samples were 

carried out as previously described (268). This analysis employed the ES populations 

and exchange rates obtained based on 2-state global fitting of dG15-N1 and dT5-N3 RD 

data measured in hpTG-CGC at 10, 20, 25 and 30 °C. For hpUG-CGC, the analysis 

employed populations and exchange rates obtained based on 2-state and 3-state global 

fitting of rG16-N1 and rU5-N3 RD data measured at 10, 20, 25 and 30 °C at pH 6.9. 

Errors in the fitted thermodynamic parameters are given by weighted fits of the 

modified van’t Hoff equation (268) to the RD-derived forward and reverse exchange 

rates and their errors. The NMR sample temperature was calibrated using 99.8% 

methanol-d4 (Cambridge Isotope Laboratories) using the equation: 

Equation 2.4: NMR sample temperature calibration 

T = -16.7467(∆δ)2 – 52.5130(∆δ) + 419.1381 

Where ∆δ is the difference in CS (p.p.m.) between the hydroxyl and methyl proton (307). 

2.11.15 Density functional theory geometry optimizations and 
chemical shift calculations 

All DFT calculations (277) were performed using Gaussian 09c (Gaussian, Inc.) 

(308) and carried out on the University of Michigan’s Advanced Research Computing 

HPC cluster, Flux, as previously described (268) with minor modifications to DFT 

method and basis set used. Geometry optimizations were carried out using the empirical 
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exchange-correlation functional, M06-2X (309), with the 6-31+G(d,p) basis-set. The 13C 

and 15N isotropic magnetic shielding (σ13C and σ15N) were calculated using the GIAO 

method with M06-2X/6-31+G(d,p). CSs of the nucleobases (δ13C and δ15N) were calculated 

by δ13C/15N = σ13C/15N – σTMS/NH3, where σTMS and σNH3 are the isotropic magnetic shieldings 

calculated for the reference compounds trimethylsilane (13C) and NH3 (15N), respectively. 

2.11.16 Input structures for DFT calculations. 

We generated idealized B-/A-form helices corresponding to our sequence 

contexts (hpTG-CGC and hpUG-UGC) using make-NA (J. Stroud, make-NA, 

http://structure.usc.edu/make-na/server.html 2011). The duplexes were truncated to the 

trinucleotide step centered on the target mismatch (GTG/CGC for hpTG-CGC and 

GUA/UGC for hpUG-UGC). The sugar and phosphate moieties were removed and 

replaced with a methyl for i (dG•dT or rG•rU mismatch), i+1, and i-1 base pairs to save 

on computational time. Although the structures lack a 2′-deoxyribose or ribose sugar 

moieties, they will be denoted as dG•dT or rG•rU to avoid confusion. All heavy atoms 

were frozen for the i+1 and i-1 base pairs while geometry optimizations were carried out 

for protons and heavy atoms of the central dG•dT or rG•rU base pair as well as the 

protons of the i+1/i-1 pairs. We performed full geometry optimizations on: dG•dT and 

rG•rU GS WB pairs, dGenol•dT, dG•dTenol, rGenol•rU, rG•rUenol, and dG–•dT and rG–•rU 

ES WC-like pairs. All converged to the expected WB or WC-like geometries. In the 

instance where the geometry optimizations of dG•dT– and rG•rU– starting states failed 
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to converge to a stable WC-like dG•dT–/rG•rU– geometry (and instead converged to an 

iWB geometry, in vacuum), the WC-like dG•dTenol/rG•rUenol states were converted to 

dG•dT–/rG•rU– and geometry optimizations were carried out on the protons only. CSs 

for each state were calculated and later used in calculating population weighted CSs 

assuming different populations of these mismatch species. In addition, while the sugar 

moieties were truncated to methyl groups to save on computation time, it should be 

noted that previous DFT studies of nucleotides have shown that tautomerization, 

primarily of pyrimidines, can have an affect on the sugar conformation (310). However, 

we can rule out large changes in sugar pucker arising in ES1 based on the negligibly 

small chemical exchange contributions to both dG-C1′ and dT-C1′ (see Supporting 

Figure 2.2) and only very small changes in dG-C1′ and dT-C1′ CSs upon locking the 

enol-like form with m6dG•dT (|∆ωC1′| ≤ 0.7 p.p.m.; see Figure 2.9 and Supporting Figure 

2.7). Finally, while the CSs of the anionic pairs are predicted assuming planar pair 

geometry, prior computational studies of G•T– and G–•T nucleobase pairs in isolation 

have shown that they can favor non-planar and non-WC geometry (278). 

2.11.17 dGenol•dT distance dependent DFT calculations. 

We carried out distance dependent DFT calculations (289) on a pair of WC-like 

dGenol•dT N1/N9-methyl nucleobases in vacuum using the M06-2X method and 6-

31+G(d,p) basis-set, as described above. The geometry of a dG•dT wobble pair and 

dGenol•dT WC-like pair was optimized with no constraints prior to CS calculations. The 
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ideal N1-N3 distance of the dGenol•dT WC-like mismatch was then manually varied 

from 2.44Å to 3.8Å in increments of 0.1Å from 2.44-3.04Å and then to 3.8Å (Supporting 

Figure 2.4). At every increment the proton positions alone were optimized and CSs were 

calculated relative to an optimized dG•dT wobble base pair.  

2.11.18 Population-weighted average DFT-predicted chemical shift 
calculations. 

Based on the computationally predicted energetic differences between 

interconverting dGenol•dT and dG•dTenol base mismatches in water (∆G 0.7-0.8 kcal mol-

1) (275) and in a weakly polar medium (∆G 0.99 kcal mol-1) (290), we can predict that the 

dG•dT ES1 CSs represent a population weighted average between interconverting 

dGenol•dT(≈80%)⇌dG•dTenol(≈20%) states. Thus, the DFT-predicted CSs for dGenol•dT 

and dG•dTenol were summed in a population-weighted manner. It is noted that the 

computationally predicted energetic stabilities of the tautomeric states differ when 

calculated in water versus vacuum, or a weakly polar medium, with the values 

predicted in water giving the greatest agreement with our experimental results. 

In the case of rG•rU ES1, computational studies have shown that dG•dUenol is ≈1 

kcal mol-1 more stable than dG•dTenol in a DNA fragment (170), suggesting that an 

rGenol•rU⇌rG•rUenol equilibrium should be titled slightly more towards rG•rUenol than 

dG•dTenol in DNA. We can qualitatively estimate the relative stability between rGenol•rU 

and rG•rUenol to be 60:40 based on a best fit to the RD-derived CSs.  
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2.11.19 pKa fitting and probability estimation 

The apparent pKas for hpTG-CGC ES2, 5BrU-hpTG-CGC ES2, and dGTP•dT 

misincorporation (pH 6.5-8.6) were fit to the Henderson-Hasselbalch equation using a 

Monte-Carlo (MC) approach. Here, 106 pBs at pH 7.9 and/or 8.4 were selected from a 

Gaussian distribution with mean pB value and standard deviation representing the 

uncertainty in pB based on fitting of the RD data. 106 fits to Equation 2.5 were then 

carried out assuming these pB values to generate 106 pKas. 

Equation 2.5: Estimating pKa from excited state population 

 

Where pB is the probability of forming ES2 or dGTP•dT misincorporation 

probability at a given pH. The resulting fitted pKa values were fitted to a Gaussian 

distribution. The mean value of the Gaussian distribution is the reported pKa value and 

the standard deviation is assumed to be the error. An analogous approach was used to 

back-calculate predicted pBs at a given pH using the pKa derived by the above method.  
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3. A Sequence-Dependent Kinetic Network Links 
Wobble, Tautomeric and Anionic Mismatches 

Watson-Crick-like mismatches stabilized by rare tautomeric and anionic bases 

can evade fidelity checkpoints and contribute to replication and translation errors. By 

combining NMR relaxation dispersion with sequence, structure, and chemical 

perturbations designed to variably tilt tautomeric equilibria, we have successfully 

resolved an ultra-fast (kforward+kreverse >≈500,000-1,000,000 s-1) equilibrium involving two 

low-abundance (population <0.4%) tautomeric Watson-Crick-like G•T/U mismatches 

(Genol•T/U⇌G•Tenol/Uenol) within the helical environments of DNA and RNA. In 

addition, we provide evidence for a slower (kforward+kreverse ≈1,440-8,870 s-1) dynamic 

equilibrium between tautomeric and anionic (G•T–/U–) Watson-Crick-like mismatches 

that can kinetically couple their contributions to replication and translation errors. The 

rate of inter-conversion between wobble and Watson-Crick-like mismatches can vary by 

several orders of magnitude depending on sequence context. Thus, a complex, highly 

sequence-dependent triangular kinetic network involving multiple tautomeric and 

anionic species underlies the earliest events leading to replication and translation errors. 

3.1 Introduction 

In their paper describing the structure of the DNA double helix (71), Watson and 

Crick proposed that if nucleotide bases were to adopt their unconventional and 

energetically unfavorable tautomeric forms, mismatches could pair up in a Watson-
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Crick-like (WC-like) geometry and potentially give rise to spontaneous mutations. 

Decades later, it is well established that the replicative and translational machinery use 

the unique WC geometry to discriminate against mismatches (92, 193), and that both 

tautomeric (46, 61, 176, 214) as well as anionic (38, 46, 174, 176, 214) WC-like mismatches 

(Figure 3.1) can evade such fidelity check points and give rise to replication and 

translation errors. Despite their centrality to the fidelity of information transfer in the 

central dogma of molecular biology, the very existence of these species and the processes 

that link them remains to be definitively established experimentally within 

oligonucleotides. 
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Figure 3.1: Chemical structures of wobble and Watson-Crick-like G•T/U mismatches 

Wobble (left) and excited state tautomeric (top) and anionic (bottom) WC-like G•T/U (X 

= H or CH3 for uridine and thymidine, respectively) mismatches. 
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Not only are the tautomeric and anionic mismatches short-lived and sparsely 

populated, and therefore difficult to characterize at the atomic level, they come in a 

variety of energetically feasible forms that prove very difficult to distinguish 

experimentally. For example, G•T/U mismatches can adopt a WC-like geometry in 

which either the guanine (Genol•T/U and G–•T/U) or thymidine/uridine (G•Tenol/Uenol and 

G•T–/U–) base in DNA or RNA, respectively, assumes a rare enolic or anionic form 

(Figure 3.1). Multiple tautomeric and ionic forms also exist for other WC-like purine-

purine and pyrimidine-pyrimidine mismatches (Supporting Figure 3.1). Whether all or a 

subset of these WC-like mismatches contribute to replication and translation errors also 

remains largely unknown. Factors that stabilize anionic WC-like dG•dT, including 

elevated pH (38, 46, 174, 281) and mutagenic chemical modifications such as 5-bromo-2′-

deoxyuridine (5BrdU) (38), result in increased misincorporation and base substitution 

probabilities. This, together with NMR measurements of the intrinsic probabilities of 

forming WC-like species within naked DNA and RNA duplexes (176), provides strong 

evidence that WC-like anionic G•T–/U– significantly contributes toward spontaneous 

misincorporation in polymerases and ribosomes in vitro. However, mutagenic chemical 

modifications, such as O6-methyl-2′-deoxyguanosine (m6dG) which stabilize tautomeric-

like species (261), also result in increased misincorporation probabilities; indicating that 

tautomeric species can also contribute to replication errors (294). The misincorporation 
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probabilities can also vary significantly with sequence context through mechanisms that 

remain poorly understood (11, 177).  

Distinguishing between the various WC-like tautomeric and anionic mismatches 

presents a formidable challenge to current biophysical methods because they differ by 

the mere placement of a single proton (Figure 3.1). Protons are generally invisible to X-

ray crystallography and consequently it has not been possible to unambiguously resolve 

the identity of WC-like mismatches that have been captured within active sites of 

polymerases (46, 61, 174, 175) and the A-site of ribosomes by X-ray crystallography (198, 

214). Moreover, WC-like mismatches are predicted by quantum mechanical calculations 

to exist in rapid tautomeric (e.g. Genol•T/U⇌G•Tenol/Uenol) (275, 290) or anionic (e.g. G–

•T/U⇌G•T–/U–) equilibria; this makes these exceptionally short-lived proton flickering 

species particularly challenging to capture experimentally. 

3.2 Tilting the tautomeric equilibrium 

Recent developments in NMR relaxation dispersion (RD) techniques (245, 265, 

271, 311, 312) have made it possible to characterize low-abundance short-lived 

conformational states in biomolecules that are often referred to as ‘excited states’ (ESs) 

(313). Using NMR RD, we recently provided evidence for short-lived low-abundance 

tautomeric (ES1) and anionic (ES2) WC-like G•T/U mismatches within DNA and RNA 

duplexes (176). While the ES1 chemical shifts measured for the guanine N1 (G-N1) and 

thymidine/uridine N3 (T/U-N3) were consistent with a tautomeric Genol•T/U species, 
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they were partially skewed toward values expected for a tautomeric G•Tenol/Uenol species. 

These results were interpreted as evidence for a rapid (on the NMR chemical shift 

timescale) dynamic equilibrium involving a major Genol•T/U and minor G•Tenol/Uenol 

species, i.e. Genol•T/U⇌G•Tenol/Uenol (176). Such an equilibrium was predicted previously 

based on density functional theory (DFT) calculations (275, 290). However, alternative 

explanations including a single Genol•T/U species with elongated N-H—N hydrogen-

bonds could not be entirely ruled out (176).  

To experimentally establish the existence of two distinct tautomeric species in an 

ultrafast equilibrium within the nucleic acid duplex environment, we measured the ES1 

G-N1 and T/U-N3 chemical shifts using NMR RD for G•T/U mismatches embedded in 

distinct sequence and structural contexts (Figure 3.2). We reasoned that changing the 

environment around the mismatch may variably tilt the tautomeric equilibrium (Ktaut = 

[pGenol] [pTenol/Uenol]-1). This in turn should change the average ES1 chemical shift <ωES1> 

(where the angular brackets denotes an average over the two tautomeric species) relative 

to the ground state (GS) wobble (ωGS), which can be measured by NMR RD (<∆ωG-N1> = 

<ωG-N1(ES1)> - ωG-N1(GS) and <∆ωT/U-N3> = <ωT/U-N3(ES1)> - ωT/U-N3(GS)). Tilting the equilibrium 

toward Genol•T/U should give rise to a more downfield shifted ES1 G-N1 relative to the 

GS (i.e. a larger <∆ωG-N1>) due to the increase in the fractional population of 

deprotonated Genol and a correspondingly smaller downfield shifted ES1 T/U-N3 (i.e. a 

smaller <∆ωT/U-N3>) due to the concomitant decrease in the fractional population of 
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deprotonated Tenol/Uenol (Figure 3.3). The opposite behavior is expected when tilting the 

equilibrium in favor of G•Tenol/Uenol (Figure 3.3). A plot of <∆ωT/U-N3> versus <∆ωG-N1> 

measured by RD (Figure 3.3) is predicted to be linear with a negative slope and an 

intercept determined by the chemical shifts of the underlying tautomeric species. Due to 

the large difference between the imino nitrogen chemical shifts in the two tautomeric 

species (≈53-59 p.p.m.), even small perturbations to the equilibrium should be 

observable. 
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Figure 3.2: Sequence, structure, and chemical modifications tilt tautomeric 
equilibrium 

Tilting rapid tautomeric equilibrium using sequence (cyan), structure (red), and 

chemical modifications (green). X-X′ and Y-Y′ denote WC base pairs adjacent to the 

G•T/U mismatches. 
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Figure 3.3: Tautomeric equilibrium tilting chemical shift perturbations 

Perturbations that differentially tilt the tautomeric equilibrium are expected to give rise to 

anti-correlated linear changes in the <∆ωG-N1> and <∆ωT/U-N3> values (color-coded). 
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3.3 A sequence-dependent wobble⇌tautomer equilibrium 

We carried out 15N RD measurements on five dG•dT mismatches embedded 

within five DNA duplexes with distinct sequence contexts and thirteen rG•rU 

mismatches embedded within nine non-coding RNAs that have distinct 3D structures 

(Figure 3.4 and Supporting Figure 3.2-Supporting Figure 3.3). We measured G-N1 and 

T/U-N3 spin relaxation rates in the rotating frame (R1ρ) during a relaxation period in 

which a radiofrequency field is applied with variable offset (Ω 2π-1, in Hz) and power (ω 

2π-1, in Hz) to suppress the chemical exchange contribution (Rex) to the intrinsic 

transverse spin relaxation rate (R2) arising due to exchange between the energetically 

more stable ground state (GS) and ES. These RD profiles were measured at near-neutral 

pH conditions (6.4-6.9) so as to keep the abundance of the anionic G•T–/U– ES2 species 

below the RD detection threshold (176).  

We observed G-N1 and T/U-N3 RD consistent with chemical exchange directed 

toward tautomeric WC-like ES1 species for all five dG•dT and eight rG•rU mismatches 

located within helical environments (Figure 3.5 and Supporting Figure 3.4A). These 

results establish the widespread and robust occurrence of tautomeric WC-like dG•dT 

and rG•rU mismatches in DNA and RNA duplexes under these conditions. In stark 

contrast, no RD was observed (Supporting Figure 3.4B) for all five measurable rG•rU 

mismatches that were adjacent to apical loops, three-way junctions, or bulges 

(Supporting Figure 3.3). This is most likely because the WC-like mismatches are less 
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stable outside the helical environment, and this reduces their abundance below the 

detection threshold of the RD experiment (<≈0.001%). However, we cannot entirely rule 

out that the exchange is orders of magnitude faster thus diminishing the apparent Rex 

contribution. The lower abundance of WC-like species outside the helical environment is 

consistent with computational studies showing that rGenol•rU is energetically less stable 

(by 4.9 kcal mol-1) in the first as compared to the second codon position in the mini-helix 

formed between the mRNA codon and tRNA anti-codon within the ribosomal A-site 

(218). This may also help to explain why translational error hotspots for rG•rU 

mismatches can occur more frequently at the second codon rather than the first codon 

position (210). 
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Figure 3.4: Representative constructs used to tilt tautomeric equilibrium 

Representative examples of DNA (black) and RNA (red) sequence contexts and chemical 

modifications (green) used to shift the tautomeric equilibrium. A full list of the different 

contexts is provided in Supporting Figure 3.3. Naming convention reflects construct and 

trinucleotide sequence context (5′ to 3′) around the G mismatch. 
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Figure 3.5: Relaxation dispersion profiles depicting tilted tautomeric equilibria 

Representative examples of G-N1 and T/U-N3 RD profiles measured at pH 6.8-6.9 and 

25 °C (700 MHz 1H frequency) showing R2 + Rex versus spinlock power (ω 2π-1 Hz) and 

offset (Ω 2π-1 kHz, where Ω = Ωobs - ωrf). Red vertical line is the average chemical shift 

for the top panel projected to lower panels. Purple and cyan vertical lines represent the 

fundamental Genol•T/U and G•Tenol/Uenol tautomer chemical shifts deduced by 

equilibrium titling and fitting of the RD profiles. Note that the values of ∆ωTenol/Uenol-N1 

and ∆ωGenol-N3 (canonical) are small compared to ∆ωTenol/Uenol-N3 and ∆ωGenol-N1 (tautomeric). 

The lines through the RD data represent the best fit to the Bloch-McConnell (B-M) 

equations. Data for 8BrdG15-hpTG-CGC was collected at 600 MHz 1H frequency. Data 

reflects mean ± s.d. 
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Two-state analysis (GS⇌ES1) of the RD profiles (Data Table 3.1-Data Table 3.2) 

allowed for the determination of the ES1 population (pES1 = pGenol + pTenol/Uenol = 0.03-0.36%), 

forward (k1 = 0.6-22 s-1) and reverse (k-1 = 1,306-12,140 s-1) rate constants, and the <∆ωG-N1> 

and <∆ωT/U-N3>. Interestingly, we observe very large sequence-specific variations in these 

exchange parameters; the ES1 population varies 3-fold for DNA and 9-fold for RNA 

while k1 and k-1 vary by 4/38- and 5/6-fold for DNA/RNA, respectively (Data Table 3.1). 

We observe even larger variations with changes in temperature and pH (Data Table 3.3). 

These variations are of considerable interest as they may give rise to sequence and 

condition-specific replication and translation errors (177, 210).  

Importantly, we also observed large variations in the measured <∆ωG-N1> and 

<∆ωT/U-N3> chemical shifts, which manifest as variations in position of the ‘peak’ in the 

RD profiles (Figure 3.5). Strikingly, the <∆ωG-N1> and <∆ωT/U-N3> values measured across 

different mismatches fell along a line (Figure 3.6) exactly as predicted from variable 

tilting of a rapid Genol•T/U⇌G•Tenol/Uenol equilibrium (Figure 3.1). As a negative control, 

no correlation was observed when comparing the corresponding G-N1 and T/U-N3 

chemical shifts for the GS G•T/U wobble (Supporting Figure 3.4C). 
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Figure 3.6: Deriving the fundamental tautomer chemical shifts 

A plot of <∆ωT/U-N3> versus <∆ωG-N1> ES1 chemical shifts measured by NMR RD. Solid 

blue line is the fit to the experimental data with the four fundamental tautomer chemical 

shifts as variables (Data Table 3.5). Red dashed line is the prediction based on the DFT-

predicted fundamental tautomer chemical shifts (Data Table 3.5). Green and purple 

dashed lines represent the measured <∆ωG-N1> for dG•dU and dG•5BrdU, respectively; 

orange dashed line represents the measured <∆ωT/U-N3> for 8BrdG•dT.   
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3.4 Tilting tautomeric equilibrium using chemical modifications 

Interestingly, compared to RNA, the <∆ωES1> values measured in DNA were 

more biased toward dGenol•dT, i.e. a larger Ktaut (Figure 3.6). This is consistent with 

computational studies showing that the C5-methyl group in dT destabilizes dG•dTenol 

by ≈1 kcal mol-1 as compared to rG•rUenol (170). We exploited this bias and introduced 

chemical modifications that are designed to specifically tilt the tautomeric equilibrium in 

DNA (Figure 3.1). We omitted the thymidine methyl group and indeed observed that 

dG•dU tilts the equilibrium in favor of dG•dTenol (Figure 3.6 and Data Table 3.2). In 

contrast, replacement of the methyl group with a more moderately electron-

withdrawing bromine tilted the equilibrium to a lesser degree in favor of dG•5BrdUenol 

(Figure 3.6 and Data Table 3.2). These results are in general agreement with 

computational studies showing a preference for forming the Tenol/Uenol tautomer in 1-

methyl nucleobases follows the general order: Uenol > 5BrUenol > Tenol (170). Conversely, 

replacing the 2′-deoxyguanosine H8 with bromine tilted the equilibrium more in favor 

of dGenol•dT (Figure 3.6 and Data Table 3.2). While the RNA data is less biased to 

rGenol•rU, it also features larger variations in the <∆ωES1> values; likely due to the much 

more varied structural contexts (Figure 3.6). Taken together, these results establish the 

existence of two distinct Genol•T/U and G•Tenol/Uenol species (Data Table 3.4) in ultra-fast 

chemical exchange within the nucleic acid helical environment.  

 



 

182 

3.5 Resolving Genol•T/U and G•Tenol/Uenol 

A linear fit to the combined <∆ωT/U-N3> versus <∆ωG-N1> chemical shifts measured 

in DNA and RNA, assuming physically reasonable ranges for the nitrogen chemical 

shifts, allowed us to obtain initial estimates for the mismatch- and tautomer-specific 

populations pGenol (0.01-0.3%) and pTenol/Uenol (0.02-0.12%), Ktaut (Data Table 3.4), and the 

fundamental chemical shifts for the tautomeric species (∆ωGenol-N1, ∆ωTenol/Uenol-N1, ∆ωGenol-N3, 

and ∆ωTenol/Uenol-N3; Data Table 3.5). The latter are in excellent agreement with values 

predicted by DFT calculations (Figure 3.6 and Data Table 3.5) (176). To further verify the 

consistency of these values with the RD data, and also refine the mismatch specific 

exchange parameters, we used these parameters and their uncertainties as initial guesses 

to re-fit the RD profiles to a 3-state model with a specific linear topology 

(wobble⇌G•Tenol/Uenol⇌Genol•T/U) that is supported by computational modeling (275). 

A satisfactory fit was obtained in all cases (Data Table 3.4) yielding pGenol, pTenol/Uenol, and 

Ktaut values similar to the initial estimates.  

In DNA, Ktaut varies by 2-fold (Ktaut = 2.1-4.6; Data Table 3.4) across the different 

mismatches, in good agreement with values predicted computationally (≈3-5-fold) (275, 

290). The variations in RNA are ≈4-fold (Ktaut = 0.3-1.1; Data Table 3.4), possibly due to 

the more diverse structural environments. Purine-rich neighbors flanking dT tend to 

favor a smaller Ktaut in DNA whereas they tend to favor a larger Ktaut in the case of rU in 

RNA (Supporting Figure 3.3 and Data Table 3.4). Interestingly, for both DNA and RNA, 
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we observe a strong correlation between pGenol and Ktaut, but nearly no correlation 

between pTenol/Uenol and Ktaut (Data Table 3.4). The mismatch-specific fundamental 

tautomeric chemical shifts obtained from this analysis vary by ≈9/4 p.p.m. for ∆ωGenol-

N1/∆ωGenol-N3 and ≈10/9 p.p.m. for ∆ωTenol/Uenol-N3/∆ωTenol/Uenol-N1 (Data Table 3.4) which are ~2-

4-fold greater than the variations observed for the GS chemicals shift (Supporting Figure 

3.4C).  

Due to the large difference between chemical shifts of the two tautomeric species, 

the above analysis also allowed us to deduce a lower bound for the fast rate of 

tautomeric exchange (ktaut = kt + k-t >≈500,000-1,000,000 s-1;  Figure 3.1) that is at least an 

order of magnitude faster than other exchange processes characterized by similar NMR 

RD methods (Figure 3.7 and Supporting Figure 3.5) (314). The kt translates to a 

G•Tenol/Uenol→Genol•T/U transition state barrier of <9-10 kcal mol-1 (assuming transition 

state theory with the preexponential factor = kBT h-1 (315) and κ = 1) that is consistent 

with transition state barriers (≈11.5 kcal mol-1) reported previously using computational 

methods (275). 
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Figure 3.7: Establishing the lower bounds of ktaut 

Determining lower bounds for the rate of tautomeric Genol•T/U⇌G•Tenol/Uenol exchange 

(ktaut = kt + k-t). Contour plots showing scaled χ 2  weights (see Methods) for various 

combinations of kTenol/Uenol (k1* + k-1*) versus ktaut. 
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3.6 Sequence-dependent wobble⇌anion equilibrium 

The strong sequence-dependence of wobble⇌tautomer exchange prompted us to 

examine sequence dependence of exchange between the wobble and anionic WC-like 

G•T–/U– (Figure 3.1) mismatch which is strongly implicated in the mechanisms of DNA 

misincorporation (38, 46, 174). The anionic WC-like G•T–/U– mismatch (characterized by 

the exchange rate kES2 = k2 + k-2; Supporting Figure 3.6A) is observed by RD at high pH 

(≥7.8) as a second ES (ES2) that has a more downfield shifted T/U-N3 (∆ωT/U-N3(ES2) ≈54 

p.p.m.) and less downfield shifted G-N1 (∆ωG-N1(ES2) ≈9 p.p.m.) (176). We carried out 

additional RD measurements at high pH ≥7.8 for G•T/U mismatches in a subset of our 

DNA and RNA constructs and in all cases obtained evidence for wobble⇌anion 

exchange (Data Table 3.6-Data Table 3.13). Strikingly, we observed even larger 

sequence-specific variations in the wobble⇌anion exchange parameters; k2 and k-2 vary 

by 109/28-fold and 37/21-fold in DNA/RNA, respectively (Data Table 3.7). These large 

sequence-specific variations are robustly observed across a wider range of temperatures 

(10-30 °C) and pH (7.8-9.3), with larger variations observed with changes in pH and 

temperature (Data Table 3.8).  
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3.7 Evidence for a tautomer⇌anion equilibrium 

In our prior study (176), the emergence of anionic ES2 at high pH in hpUG-CGC 

was accompanied by unexpected changes in the average ES1 tautomeric chemical shifts. 

Similar deviations were observed for a subset of RD profiles measured here in both RNA 

and DNA, particularly in cases where the population of the anionic species (pES2) was 

large (Data Table 3.13). These deviations were surprising since the tautomeric species 

should not be affected by changes in pH (38); indeed this was the case for both DNA and 

RNA so long as the pH was sufficiently low (<7.8) so as to render ES2 undetectable (176). 

Moreover, these peculiarities in the RD measurements could not be explained by factors 

such as variations in the intrinsic R2 rates between the GS and ESs (Supporting Figure 

3.6B).  

Rather, we postulated that ‘minor’ chemical exchange (kminor = k3 + k-3; Supporting 

Figure 3.6A) (258) between the excited state wobble and anionic species, i.e. 

tautomer⇌anion, could ‘mix’ their chemical shift contributions and give rise to such 

deviations. This was verified using simulations, which showed that minor exchange can 

indeed introduce asymmetry to the RD profiles (Supporting Figure 3.6B) (258), which 

can skew the apparent ES1 chemical shift if not properly accounted for (Supporting 

Figure 3.6C-Supporting Figure 3.6D). Direct tautomer⇌anion exchange has never been 

predicted or characterized previously, but can be of great significance as this can couple 

the wobble, tautomeric, and anionic contributions to replication and translation errors.  
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We therefore refit the RD profiles measured at high pH in both RNA and DNA 

(Data Table 3.7) assuming a 3-state model with starlike (ES1⇌GS⇌ES2), linear 

(GS⇌ES1⇌ES2 or GS⇌ES2⇌ES1), and triangular topologies (258) (Supporting Figure 

3.6A, Supporting Figure 3.6E, and Data Table 3.6-Data Table 3.8). All five RD profiles 

showing peculiar ES1 chemical shifts showed a statistically significant improvement in 

the fit (Figure 3.8-Figure 3.10, Supporting Figure 3.6E and Supporting Figure 3.7, and 

Data Table 3.6, Data Table 3.7, and Data Table 3.13) when assuming a 3-state model with 

minor exchange in a triangular rather than a starlike topology. The validity of the 3-state 

starlike fit could be independently verified based on two additional observations: (i) the 

fits yielded tautomeric ES1 15N rG-N1 and rU-N3 chemical shifts that vary less 

significantly with pH (Figure 3.9 and Data Table 3.13) and (ii) rate constants (k3 and k-3) 

for minor tautomer⇌anion exchange exhibit the expected temperature dependence at 

two different pH conditions in both DNA and RNA (Figure 3.11), neither of which are to 

be expected if the RD data was being spuriously overfitted. k3 and k-3 vary by 5- and 19-

fold across different sequence contexts (Data Table 3.7), with larger variations seen with 

changes in pH and temperature (Data Table 3.8). 
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Figure 3.8: Minor tautomer⇌anion exchange in rG•rU 

3-State exchange with triangular topology and minor exchange between tautomeric and 

anionic WC-like excited states. Comparison of 3-state B-M fit with triangular (left) and 

starlike (right) topology to the RD profiles measured in hpUG-CGC. Statistical AIC 

(wAIC) and BIC (wBIC) weights (305) comparing starlike and triangular topologies are 

shown. 
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Figure 3.9: Excited state chemical shift perturbations with starlike topology 

The ES1 <∆ωrG-N1> and <∆ωrU-N3> values as a function of pH deduced from the 3-state B-M 

fit with triangular and starlike topology. 
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Figure 3.10: Minor tautomer⇌anion exchange in dG•dT 

Comparison of 3-state B-M fit with triangular (left) and star-like (right) topology to the 

RD profiles measured in hpTG-GGC. wAIC and wBIC comparing starlike and triangular 

topologies are shown. 
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Figure 3.11: Temperature dependence of minor exchange 

Forward (k3) and reverse (k-3) minor exchange rates for hpTG-GGC (pH 8 and 8.4) and 

hpUG-CGC (pH 7.9 and 8.4) are shown as a function of temperature. Data reflect mean ± 

s.d.  
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The DNA and RNA mismatches that did not call for a triangular topology (Data 

Table 3.7) were best fit with the 3-state starlike topology (Supporting Figure 3.6E and 

Supporting Figure 3.7, and Data Table 3.6-Data Table 3.8). It should be noted that 

starlike and triangular topologies, and to a lesser extent alternative linear topologies 

(Supporting Figure 3.6A), can be difficult to resolve; particularly when the RD data is 

limited or the quality is poor (Data Table 3.6). Indeed, prior studies have emphasized 

these difficulties in the dynamics of superoxide dismutase (316). While additional 

experiments are ultimately needed to further support the triangular topology, the minor 

tautomer⇌anion exchange implied by the RD data could easily proceed via 

deprotonation of T/U-O4 in G•Tenol/Uenol accompanied by reshuffling of π-bonds to form 

G•T–/U–. 

3.8 Biological implications 

The sequence-dependent kinetic pathways interconnecting wobble and multiple 

WC-like mismatches characterized in this work (Figure 3.12) are important considering 

that there is strong evidence for kinetic control in the initial dNTP selection during DNA 

replication (92). Indeed, the rate at which the wobble dG•dT forms either WC-like 

tautomeric or anionic mismatch (k1 =0.3-22 s-1 and k2 = 0.6-124 s-1; Data Table 3.1, Data 

Table 3.4, and Data Table 3.7) can be up to ≈900-fold slower than the rate of 

incorporating the correct nucleotide (25-275 s-1) (11, 317) but comparable to the slower 

rate of misincorporating dG•dT (0.16-1.16 s-1) (11, 317). The concordance of these rates 
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strongly suggests that the formation of WC-like mismatches may be rate limiting during 

dG•dTTP or dGTP•dT misincorporation and may constitute key steps that exert kinetic 

control.  

The strong sequence dependence of the observed rates and abundances of WC-

like mismatches could therefore account for the wide range of misincorporation 

probabilities that are observed across polymerases (29, 280), sequence contexts (11, 177), 

and solution conditions (38, 46, 174, 281); most of which remain poorly understood. The 

scale of these variations (Figure 3.13, Supporting Figure 3.8, and Data Table 3.7-Data 

Table 3.8) encompasses the ≈10-17-fold sequence-specific variations in misincorporation 

probability measured in a reverse transcriptase (177), DNA pol α (177), as well as DNA 

pol γ (11). Moreover, they are in line with sequence dependent variations in amino acid 

misincorporation owing to rG•rU mismatches at the second codon position (≈8-81-fold) 

(203). 

In addition, the minor tautomer⇌anion exchange can kinetically couple the 

misincorporation contributions of tautomeric and anionic species. In particular, in both 

DNA and RNA, the rate constants for tautomer⇌anion exchange are orders of 

magnitude faster than the rate constants for wobble→tautomer and wobble→anion 

transitions (Figure 3.13). Since the populations of the tautomeric and anionic species are 

also comparable under the NMR conditions, a significant portion (>10%) of the flux (282) 

from the GS wobble toward either the anionic or tautomeric species proceeds via the 
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indirect tautomeric or anionic intermediate (Figure 3.14 and Supporting Figure 3.8). In 

this manner, the tautomeric species can kinetically contribute to misincorporation even 

if the anionic species is the one being misincorporated, and vice versa. For example, the 

increase in misincorporation probability observed with increasing pH, which has been 

interpreted as evidence in favor of misincorporation of anionic species (38, 46, 174, 281), 

could at least in part reflect more efficient misincorporation of tautomeric species 

because it forms more rapidly with increasing pH via the anionic intermediate pathway 

(Figure 3.14). Thus, the triangular topology couples the tautomeric and anionic species 

in such a way that their individual contributions to replication and translation errors can 

no longer be treated independently.  
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Figure 3.12: A kinetic network linking wobble and Watson-Crick-like geometries 

Triangular exchange between ground state wobble G•T/U mispair, rapidly 

interconverting WC-like tautomers (Genol•T/U⇌G•Tenol/Uenol), and anionic WC-like G•T–

/U–. Exchange between anionic G•T–/U– and a low-abundance short-lived anionic G–

•T/U or other non-WC species that fall outside RD detection cannot be ruled out. Shown 

are the range of populations for all RD measured at pH 7.8-9.3 and 5-30 °C (Data Table 

3.8). 
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Figure 3.13: Variations in rates connecting wobble and Watson-Crick-like geometries 

Individual rate constants as a function of DNA and RNA sequence contexts at varying 

pH and temperature. 
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Figure 3.14: Fractional flux to Watson-Crick-like tautomers and anions 

Flux toward WC-like tautomeric or anionic mismatches (highlighted with filled box) via 

direct or indirect pathways. Explicit values are shown for hpTG-CGC at pH 8.4 and 10 

°C. Ranges reflect values computed for the DNA sequences in Data Table 3.7. 
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3.9 Conclusion 

The triangular network uncovered in this work can respond to a variety of 

cellular cues (sequence, polymerase type, mutagens, and environmental conditions) to 

give rise to complex variability in the frequencies of spontaneous replication, 

transcription, and translation errors and may even play roles in the mechanisms of DNA 

repair (318). While it remains to be seen whether the strong sequence dependence of 

these dynamics observed in nucleic acid duplexes is preserved within the unique 

environment of polymerase active sites and the ribosomal A-site, the data presented 

here raise the possibility that encoded within nucleic acid sequences are intrinsic 

sequence-specific propensities for replication and translation errors. The ability to 

resolve rapid tautomeric and anionic equilibria using the methodology described here 

renders it possible to broaden these studies to include the structure and dynamics of 

other WC-like mismatches. 
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3.10 Supporting Figures 

 

Supporting Figure 3.1: Watson-Crick-like mismatches stabilized by tautomeric and 
ionic base forms 

For G•T/U mismatches, X = H or CH3 for uridines and thymidine, respectively. 
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Supporting Figure 3.2: 2D HSQC spectra of DNA and RNA constructs 

2D [15N, 1H] HSQC spectra of DNA and RNA constructs used in this study showing the 

imino resonances of G-N1/H1 and T/U-N3H3 targeted for relaxation dispersion 

measurements. Spectra shown for xptG was collected at pH 6.7 and 25 °C in potassium 

acetate buffer described elsewhere (176). 
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Supporting Figure 3.3: Secondary structure of DNA and RNA constructs 

Shown are the secondary structures of the various DNA and RNA constructs used in 

this study. G•T/U mismatches that show signs of chemical exchange directed toward 

tautomeric and/or anionic WC-like mismatches are highlighted in blue and green, 

respectively. G•T/U mismatches that show no evidence for WC-like RD are highlighted 

in brown. The value of Ktaut measured at near-neutral pH is shown next to each 

mismatch (Data Table 3.2 and Data Table 3.4). 
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Supporting Figure 3.4: Relaxation dispersion profiles measured in DNA and RNA at 
near-neutral pH 

(A) 15N G-N1 and T/U-N3 RD measured for G•T/U mismatches at pH 6.4-6.9 and 10-25 

°C showing wobble⇌tautomer exchange. Note that in addition to wobble⇌tautomer 

exchange, tp5abc undergoes an independent slower exchange process involving a 
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change in secondary structure that is described in detail elsewhere (319). The trend line 

represents a Bloch-McConnell (B-M) 2-state fit. (B) Absence of 15N RD for rG•rU 

mismatches near bulges, apical loops, or three-way junctions. (C) No correlation is 

observed between ground state (GS) wobble G-N1 and T/U-N3 chemical shifts. 
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Supporting Figure 3.5: Establishing lower limits on rapid tautomeric exchange 
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Agreement between measured and predicted R1ρ values (scaled  𝜒! weight; Equation 3.2) 

when varying the wobble⇌G•Tenol/Uenol (kTenol/Uenol) and G•Tenol/Uenol ⇌Genol•T/U (ktaut) 

rate of exchange. See Methods for additional details. 

  



 

206 

 

Supporting Figure 3.6: Discerning minor exchange between WC-like tautomeric and 
anionic rG•rU mismatches in RNA 

(A) Topologies used to model chemical exchange. Individual rate constants are shown 

for each leg of the different topologies. (B) Left: B-M simulations showing that minor 

exchange between two ESs in a triangular topology induces asymmetry in the RD 

profiles and opposite changes in the apparent chemical shift for the two ESs. Right: B-M 

simulations showing that when R2(GS) ≠ R2(ES1) and R2(GS) ≠ R2(ES2) no apparent peak 
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asymmetry is observed. (C) B-M simulations (solid lines) showing the fitted exchange 

parameters for hpUG-CGC at pH 8.4 and 10 °C (Data Table 3.7) when including minor 

exchange in a triangular topology. For comparison, simulations using the same 

parameters without minor exchange (k3 = 0 and k-3 = 0) are also shown (dashed lines). (D) 

Dashed lines denote 3-state B-M best fit to starlike topology (k3 = 0 and k-3 = 0) to data 

simulated with triangular topology with minor exchange (solid lines). Shown to the 

right is the over/under estimation of the true (green) versus fitted (red) ES chemical 

shifts when fitting RD profiles with triangular topology with minor exchange to a 

starlike model that has no minor exchange. (E) B-M 3-state fits of RNA 15N RD data for 

starlike and triangular topologies. The relative statistical Akaike’s Information Criterion 

(wAIC) and Bayesian Information Criterion (wBIC) weights (305, 320) for each fit was used 

to select the model (representative starlike versus triangular, comparisons with linear 

models shown in Data Table 3.6). 
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Supporting Figure 3.7: Discerning minor exchange between WC-like tautomeric and 
anionic dG•dT mismatches in DNA 

B-M 3-state fits of DNA 15N RD data with starlike and triangular topologies. The relative 

statistical AIC and BIC weights (305, 320) for each fit was used to select the best-fit 

model (representative starlike versus triangular, comparisons with linear models shown 

in Data Table 3.6).  
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Supporting Figure 3.8: Kinetic and thermodynamic exchange parameters measured in 
DNA and RNA at high pH 

Populations (given as probability), rate constants, and fractional flux (282) are shown for 

all measured DNA and RNA constructs at various temperatures and pH values >7.8 

(Data Table 3.8). Where bar is omitted, no value could be measured or calculated. 
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3.11 Data Tables 

Data is archived with the Al-Hashimi lab and is available online at: 

http://sites.duke.edu/alhashimilab/ 

Data Table 3.1: Exchange parameters and statistics for fitting 
tautomeric ES1 RD profiles in DNA and RNA at near-neutral pH in 
unmodified constructs 

B-M 2-state fits of RD profiles measured in unmodified DNA and RNA at near-neutral 

pH for data shown in Figure 3.5, Figure 3.6, and Figure 3.7. Listed are the B-M fitted 

chemical exchange parameters, measurement conditions, and buffer composition. 

tp5abc-AGG undergoes slow exchange with a second independent ES characterized 

elsewhere (319).  

Data Table 3.2: Exchange parameters and statistics for fitting 
tautomeric ES1 RD profiles in DNA and RNA at near-neutral pH in 
modified constructs 

B-M 2-state and 3-state starlike fits of RD profiles measured in modified DNA at near-

neutral pH, including data shown in Figure 3.5 and Figure 3.6. Listed are the B-M fitted 

chemical exchange parameters, measurement conditions, and buffer composition. 

Data Table 3.3: Comprehensive list of exchange parameters and 
statistics for fitting tautomeric ES1 RD profiles in DNA and RNA at 
various conditions 

B-M 2-state fits of RD profiles measured in unmodified DNA and RNA across a wider 

range of temperature (10-30 °C) and pH (6-6.9) conditions. Listed are the B-M fitted 

chemical exchange parameters, measurement conditions, and buffer composition. 

http://sites.duke.edu/alhashimilab/
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tp5abc-AGG undergoes slow exchange with a second independent ES characterized 

elsewhere (319). 

Data Table 3.4: Exchange parameters and statistics for explicit rapid-
tautomer 3-state fit in DNA and RNA at neutral pH 

B-M 3-state fits of RD profiles in Data Table 3.1 assuming the linear 

wobble⇌G•Tenol/Uenol ⇌Genol•T/U topology (275). Listed are the B-M fitted chemical 

exchange parameters, measurement conditions, and buffer composition. 

Data Table 3.5: Fundamental tautomer chemical shifts 

A table of the fundamental tautomer chemical shifts derived from experimental 

measurements and from density functional theory predictions (176). 

Data Table 3.6: Statistical comparisons of exchange parameters 
obtained from B-M fitting RD profiles assuming starlike, linear, and 
triangular topologies 

Shown are the fitted exchange parameters and statistical weights (wAIC and wBIC) for 

DNA and RNA constructs given in Data Table 3.7 assuming 3-state starlike, linear, and 

triangular toplogies. 

Data Table 3.7: Select 3-state fits of RD profiles measured in DNA and 
RNA at high pH assuming starlike and triangular topologies 

Selected B-M 3-state fits of RD profiles for data shown in Figure 3.13 at pH ≥ 7.8. Listed 

are the B-M fitted chemical exchange parameters, measurement conditions, and buffer 

composition. 
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Data Table 3.8: Comprehensive list of 3-state fits of RD profiles 
measured in DNA and RNA assuming starlike and triangular 
topologies at various temperatures and pH conditions 

All measured B-M 3-state fits (with and without minor exchange) for data at various 

temperatures and pH (≥ 7.8) conditions. Listed are the B-M fitted chemical exchange 

parameters, measurement conditions, and buffer composition. 

Data Table 3.9: Spinlock powers and offsets for hpTG-GGC at pH 6.9 
and 10 °C 

Data Table 3.10: Spinlock powers and offsets for hpTG-GGC at pH 8.4 
and 10 °C 

Data Table 3.11: Spinlock powers and offsets for hpUG-CGC at pH 6.9 
and 10 °C 

Data Table 3.12: Spinlock powers and offsets for hpUG-CGC at pH 8.4 
and 10 °C 

Data Table 3.13: Comparison of ES1 <∆ωG-N1> and <∆ωT/U-N3> chemical 
shifts in starlike versus triangular topologies 

Reference ES1 <∆ωG-N1> and <∆ωT/U-N3> chemical shifts derived from low pH (<7.8) RD 

data in the absence of the influence of ES2 are shown. ES1 <∆ωG-N1> and <∆ωT/U-N3> 

chemical shifts for each corresponding construct at high pH (≥7.8) fit to starlike and 

triangular topologies are shown for comparison. Calculated residuals between starlike 

and reference; linear and reference chemical shifts reflect similarity between 

starlike/triangular and reference chemical shifts. The lower residuals indicate that 

inclusion of minor exchange lowers the ES1 chemical shift peculiarities and brings them 

closer to the reference ES1 chemical shifts. 



 

213 

3.12 Materials and Methods 

3.12.1 NMR sample conditions 

All duplex DNA and RNA as well as non-coding RNA samples were exchanged 

into their respective buffers (listed in Data Table 3.2, Data Table 3.3, and Data Table 3.8) 

using a centrifugal concentrator (EMD Millipore). The exchange was repeated to ensure 

>99.5% exchange into the target buffer. When the desired pH was >8.0, the sample pH 

was directly adjusted using stock solutions of 50 mM NaOH and/or 50 mM HCl. The 

glnA and xptG riboswitch samples contained approximately 5 and 10 mM magnesium, 

respectively, which was directly added to the samples to the desired concentration. D2O 

(≈5-10%) was added to all NMR samples. The DNA and RNA concentration in the NMR 

samples ranged between ≈0.5 and 3.5 mM.  

3.12.2 Chemical synthesis of selectively 13C/15N-labeled DNA samples 

DNA samples containing residue-specific 13C/15N-labeled nucleotides at the 

dG•dT mismatch positions (hpTG-CGC, hpTG-GGC, hpTG-GGG, hpTG-TGA, 5BrdU5-

hpTG-CGC, dU5-hpTG-CGC, and 8BrdG15-hpTG-CGC) were purchased from the Yale 

Keck Oligonucleotide Synthesis Facility. The 13C/15N-selectively labeled 

phosphoramidites were purchased from Cambridge Isotope Labs (98% 13C/15N 2′-

deoxyguanosine DMT-phosphoramidites and 98% 13C/15N 2′-deoxythymidine 

phosphoramidites). All synthesized oligos were purified using RP-HPLC or GlenPak 

cartridges (Glen Research). The purity of each sample was assessed and confirmed by 
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HPLC, mass spectrometry, and NMR. NMR experiments were also used to confirm 

proper duplex formation and folding. 

3.12.3 In vitro synthesis of 13C/15N-labeled DNA sample 

The uniformly 13C/15N-labeled DickersonTG-CGA DNA sample was synthesized 

using the Crothers-Zimmerman primer extension procedure as described previously 

(176, 298) using uniformly 13C/15N-labeled deoxynucleotide triphosphates (Cambridge 

Isotope Labs). The sample was purified using polyacrylamide gel electrophoresis 

(PAGE) (20% polyacrylamide in 1X Tris/Borate/EDTA buffer) and gel electroelution 

(Whatman, GE Healthcare). 

3.12.4 In vitro synthesis of 13C/15N-labeled RNA samples 

All duplex and non-coding RNA samples were prepared using in vitro 

transcription using uniformly 13C/15N-labeled ribonucleotide triphosphates (Silantes 

GmbH) as described previously (269, 319). Samples were purified using PAGE (10-20% 

polyacrylamide in 1X Tris/Borate/EDTA buffer) and gel electroelution (Whatman, GE 

Healthcare). 

3.12.5 Resonance assignments 

The H1/H3 and N1/N3 resonance assignments for all DNA and RNA constructs 

were obtained using imino [15N, 1H] heteronuclear and [1H, 1H] NOESY homonuclear 

correlation experiments as previously described (176). Assignment experiments were 

collected on 600 and 700 MHz Bruker Avance spectrometers equipped with HCNP and 
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HCN cryogenic probes, respectively, and an 800 MHz Agilent spectrometer equipped 

with a HCN cryogenic probe. Data was processed using NMRpipe software package 

(299) and analyzed using SPARKY (T. D. Goddard and D. G. Kneller, SPARKY 3, 

University of California, San Francisco).  

3.12.6 Analysis of R1ρ data 

All RD data were measured on 600 and 700 MHz Bruker Avance spectrometers 

equipped with HCNP and HCN cryogenic probes, respectively, using the 1D 15N R1ρ 

experiment (245, 271) as described previously (176, 321). Raw data were processed as a 

pseudo-2D assuming a Lorentzian peak-shape using NMRpipe (299) to generate a series 

of time-dependent peak intensities. Data was collected at varying spinlock powers (ω 

2π-1 Hz) and offset frequencies (Ω 2π-1 Hz, where Ω = Ωobs - ωrf and ωrf is the carrier 

frequency) given in the respective RD profiles (Figure 3.5 and Figure 3.8-Figure 3.10, 

Supporting Figure 3.4A, Supporting Figure 3.4B, Supporting Figure 3.6E, and 

Supporting Figure 3.7). Representative spin lock power and offsets are provided in Data 

Table 3.9-Data Table 3.12. The spins of interest were allowed to relax under an applied 

spinlock for the varying durations, ranging from 0 – 120 ms. R1ρ values for a given 

spinlock power and offset combination were calculated by fitting the decaying peak 

intensities to a monoexponential decay (176, 321). The R1ρ uncertainty was calculated 

using a Monte-Carlo approach (500 iterations) using the root-mean-square spectral noise 

to estimate uncertainty in intensity values as described previously (259).  
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3.12.7 Fitting n-state chemical exchange using the Bloch–McConnell 
equations 

The chemical exchange parameters of interest were obtained by fitting the 

experimentally measured 15N R1ρ values to numerical solutions of the Bloch–McConnell 

(B-M) equations (245, 258) describing n-site chemical exchange. Briefly, for a given set of 

chemical exchange parameters and combinations of Ω and ωSL, R1ρ can be simulated by 

solving the BM equations (245, 259). Exchange parameters were obtained by finding 

values that best reproduce the experimentally measured R1ρ and their associated 

uncertainties. The residual sum of squares of the experimental and simulated R1ρ data 

were minimized using a bounded (322) least-squares algorithm to give the exchange 

parameters that best-fit the experimental data. The uncertainty in the fitted chemical 

exchange parameters were computed based on the standard error of the fit, or by a 

Monte-Carlo approach (259) in the case of the rapid tautomer B-M fits shown in Data 

Table 3.4. For all RD data reported, fits were carried out assuming equivalent intrinsic 

longitudinal (R1) and transverse (R2) relaxation rates for the GS and ES. Here, 

R1(GS)=R1(ES1)=R1(ES2) and R2(GS)=R2(ES1)=R2(ES2) (258, 311, 323), which is a good approximation 

for low-populated ES (<≈0.5%). 

3.12.8 Global B-M fitting 

When available, both the RD data measured in G-N1 and T/U-N3 of the same 

mismatch under identical conditions were globally fitted, sharing the ES populations 

and exchange rates (k1, k2, k3, k-1, k-2, k-3, kt, and k-t) as described previously (176). The very 
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similar chemical exchange parameters were generally obtained from individual versus 

global fits. We also note that the linear correlation shown in Figure 3.6 is also observed 

when individually fitting the G-N1 and T/U-N3 RD data, giving identical results within 

error (Data Table 3.5). Individual fits were reported in cases where only one base in the 

G•T/U mismatch was 15N-labeled (dG in 5BrdU5-hpTG-CGC and dU5-hpTG-CGC; dT in 

8BrdG15-hpTG-CGC; Data Table 3.2).  

3.12.9 Model comparison and model selection 

Model selection (2-state or 3-state with four distinct topologies; Supporting 

Figure 3.6A) in fitting the R1ρ data was carried out by calculating the Akaike’s (wAIC) and 

Bayesian information criterion (wBIC) weights (305, 320) for each model and selecting the 

model with the highest relative probability. AIC and BIC weights shown in Figure 3.8 

and Figure 3.10, and Supporting Figure 3.6E and Supporting Figure 3.7 reflect 

comparison between starlike and triangular topologies. Representative comparisons 

between starlike, linear, and triangular topologies are given in Data Table 3.6 for the 

resonances and conditions measured in Figure 3.13.  

3.12.10 Expressions for chemical shifts and tautomeric equilibria 
used to interpret equilibrium tilting experiments 

 The <∆ωG-N1> and <∆ωT/U-N3> values measured for ES1 at near neutral pH (Data 

Table 3.1) from two state fitting of the RD data are given by: 

<∆ωG-N1> = <ωG-N1(ES1)> - ωG-N1(GS) 

<∆ωT/U-N3> = <ωT/U-N3(ES1)> - ωT/U-N3(GS) 
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Where ω(ES1) and ω(GS) represent the 15N chemical shifts of the ES1 and GS, 

respectively. The angular bracket denotes a population (p) weighted average over the 

Genol•T/U and G•Tenol/Uenol species. Below we use fGenol and fTenol/Uenol to denote the relative 

populations of Genol and Tenol/Uenol, whose sum is equal to 1.  

<∆ωG-N1> = fGenol x ∆ωGenol-N1 + fTenol/Uenol x ∆ωTenol/Uenol-N1 

= fGenol x ∆ωGenol-N1 + (1-fGenol) x ∆ωTenol/Uenol-N1 

<∆ωT/U-N3> = fGenol x ∆ωGenol-N3 + fTenol/Uenol x ∆ωTenol/Uenol-N3 

= fGenol x ∆ωGenol-N3 + (1-fGenol) x ∆ωTenol/Uenol-N3 

In which: 

∆ωGenol-N1 = ωGenol-N1(ES1) - ωG-N1(GS) 

∆ωTenol/Uenol-N1 = ωTenol/Uenol-N1(ES1) - ωG-N1(GS) 

∆ωGenol-N3 = ωGenol-N3(ES1) - ωG-N3(GS) 

∆ωTenol/Uenol-N3 = ωTenol/Uenol-N3(ES1) - ωT/U-N3(GS) 

Here, ωGenol-N1(ES1) and ωTenol/Uenol-N1(ES1) are the G-N1 chemical shifts in the Genol•T/U 

and G•Tenol/Uenol tautomeric species, respectively. ωGenol-N3(ES1) and ωTenol/Uenol-N3(ES1) are the 

T/U-N3 chemical shifts in the Genol•T/U and G•Tenol/Uenol tautomeric species, 

respectively. For simplicity we drop the “ES1” and “GS” arguments below. Substituting 

fGenol = (<∆ωT/U-N3>-∆ωTenol/Uenol-N3) (∆ωGenol-N3 - ∆ωTenol/Uenol-N3)-1 into the expression for <∆ωG-

N1> yields the following relationship between <∆ωG-N1> and <∆ωT/U-N3>: 
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Equation 3.1: Fundamental tautomer chemical shifts 

ΔωG−N1 = ΔωU−N 3
ΔωGenol−N1 −ΔωUenol−N1

ΔωGenol−N 3 −ΔωUenol−N 3

⎛

⎝
⎜

⎞

⎠
⎟+

ΔωGenol−N 3 ×ΔωUenol−N1 −ΔωGenol−N1 ×ΔωUenol−N 3

ΔωGenol−N 3 −ΔωUenol−N 3

⎛

⎝
⎜

⎞

⎠
⎟  

Equivalent expressions for DNA are obtained by replacement of “U” with “T”. 

The above equation shows that a plot of <∆ωG-N1> versus <∆ωT/U-N3> is linear with slope 

and intercept determined by the four fundamental chemical shifts of the tautomeric 

species ∆ωGenol-N1; ∆ωGenol-N3; ∆ωTenol/Uenol-N3; and ∆ωTenol/Uenol-N1. 

The measured <∆ωG-N1> and <∆ωT/U-N3> values were fitted to the above expression 

under the assumption that the chemical shifts for the enolic bases (∆ωGenol-N1 and 

∆ωTenol/Uenol-N3) range between -10 to +70 ppm while the corresponding chemical shift for 

paired bases (∆ωGenol-N3 and ∆ωT/Uenol-N1) range between -10 to +10 ppm. These ranges are 

plausible given that deprotonation of G-N1 and T/U-N3 is known to give rise to large 

downfield chemical shifts (176), whereas small changes in H-bonding (as seen for ∆ωGenol-

N3 and ∆ωTenol/Uenol-N1) and stacking are not expected to give rise to deviations beyond that 

observed in the BioMagResBank (254). This analysis also assumes that the underlying 

basis tautomer chemical shifts (∆ωGenol-N1, ∆ωGenol-N3, ∆ωTenol/Uenol-N3, and ∆ωTenol/Uenol-N1; Data 

Table 3.5) are, within error, the same for various mismatches in DNA and RNA and that 

sequence-specific variations are negligible because they are likely comparable to those 

sequence specific variations seen in the GS (≈2.5/4 p.p.m. for G-N1 and T/U-N3, 
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respectively). We carried out a grid search of over all possible combinations of ∆ωGenol-N1, 

∆ωGenol-N3, ∆ωTenol/Uenol-N3, and ∆ωTenol/Uenol-N1 in 1 p.p.m. increments over their respective 

ranges (2,893,401 possible combinations). For each combination we used orthogonal 

distance regression (324) to calculate the residual variance between the experimental 

<∆ωG-N1> and <∆ωT/U-N3> chemical shifts, and their respective uncertainties (Data Table 

3.1), and those calculated using Equation 3.1. The top 1% of these combinations with the 

lowest residual variance was selected. The values of ∆ωGenol-N1, ∆ωGenol-N3, ∆ωTenol/Uenol-N3, 

and ∆ωTenol/Uenol-N1 were given by the mean of their respective distributions. The errors in 

each case were given by the standard deviation of the distributions. The deduced 

tautomeric ∆ωGenol-N1, ∆ωGenol-N3, ∆ωTenol/Uenol-N3, and ∆ωTenol/Uenol-N1 and measured values of 

<∆ωG-N1> and <∆ωT/U-N3> were then used to solve for pGenol for each mismatch, from which 

an initial estimate of Ktaut = [pGenol] [1-pGenol]-1 was calculated and used in B-M fitting 

simulations described below. 

3.12.11 Resolving the individual tautomers by constrained linear 3-
state B-M fits 

We also carried out a 3-state fit assuming a linear 

wobble⇌G•Tenol/Uenol⇌Genol•T/U pathway (275) to the RD data measured at low pH for 

constructs listed in Data Table 3.1 using the B-M equations. The purpose of this analysis 

was to (i) verify that the tautomeric chemical shifts (∆ωGenol-N1; ∆ωGenol-N3; ∆ωTenol/Uenol-N3; 

∆ωTenol/Uenol-N1) and Ktaut values obtained from linear analysis of the <∆ωG-N1> and <∆ωT/U-N3> 

values are consistent with the measured RD data, (ii) allow for further optimization of 
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the mismatch specific Ktaut values, (iii) to relax the assumption of a single global set of 

tautomeric chemical shifts and allow for variations across different mismatches, and (iv) 

determine rate constants for a linear 3-state model supported by computational methods 

(176, 275) in which the wobble initially transitions into G•Tenol/Uenol (kTenol/Uenol, described 

by rate constants k1* and k-1*) followed by rapid tautomeric exchange (described by rate 

constants kt and k-t), i.e. wobble⇌G•Tenol/Uenol⇌ Genol•T/U. In this analysis, initial values 

for the tautomeric chemical shifts were equal to those deduced from the linear plot <∆ωG-

N1> versus <∆ωT/U-N3> (Figure 3.6) and were allowed to float by an amount determined by 

the uncertainty in the fitted values (Data Table 3.5). The initial values for Genol•T/U and 

G•Tenol/Uenol were obtained using the Ktaut value obtained in the linear fit (see section 

above) and the ES1 population (pES1) deduced from a 2-state fit to the RD data (Data 

Table 3.1). The initial exchange rates were those given in Data Table 3.1. The initial value 

for ktaut was set to 1,000,000 s-1 but was allowed to vary from 1-15,000,000 s-1. All 

parameters, except ∆ωGenol-N1, ∆ωGenol-N3, ∆ωTenol/Uenol-N3, and ∆ωTenol/Uenol-N1, were allowed to 

float within a large range of parameter space (pES1 and pES2 from 0-0.5, kwobble⇌Tenol/Uenol 

from 1-1,000,000 s-1, R1 from 10-6-20 s-1 and R2 from 10-6-200 s-1. While the fits converged to 

a singular ktaut value we can only assign a lower bounds to the rapid tautomeric 

exchange (see below) owing to experimental limitations that result in equally good fits 

for rates of ktaut >≈500,000-1,000,000 s-1 (Supporting Figure 3.5). 
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3.12.12 Calculating Ktaut 

In cases where we were unable to fit for the individual tautomeric probabilities 

owing to additional anionic exchange, Ktaut was calculated by directly solving for pGenol 

and pTenol/Uenol using the back-calculated fundamental tautomeric chemical shifts (Data 

Table 3.5) and the fitted <∆ωG-N1> and <∆ωT/U-N3> chemical shifts. 

pGenol = pES1 [(<∆ωG-N1> - ∆ωTenol/Uenol-N1) (∆ωGenol-N1 - ∆ωTenol/Uenol-N1)-1] 

pTenol/Uenol = pES1 [(<∆ωT/U-N3> - ∆ωGenol-N3) (∆ωTenol/Uenol-N3 - ∆ωGenol-N3)-1] 

3.12.13 Defining the lower limits of rapid tautomeric exchange 

Owing to experimental limitations, it was not possible to uniquely determine ktaut 

for each fitted resonance (Data Table 3.4). Instead, we were able to determine the lower 

bounds for ktaut by performing a grid search (259) over kTenol/Uenol versus ktaut parameter 

space while all other parameters were held constant to those values reported in Data 

Table 3.3. kTenol/Uenol was iterated near the B-M fitted value reported (Data Table 3.4) in 31 

logarithmically spaced increments. Simultaneously, ktaut was iterated from 103 to 108 s-1 in 

31 logarithmically spaced increments. For each of the 961 combinations of kTenol/Uenol and 

ktaut we calculated 𝜒!for the simulated versus known R1ρ values. The combinations of 

kTenol/Uenol versus ktaut were each given a weight, calculated as: 

Equation 3.2: Fit weight 

Zi (χ
2
) = e−0.5Δχ i

2

e−0.5Δχ k
2

k=1

K
∑  
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Where Δχ i
2 = χ i

2 −min χ 2 . Here, the largest Z value reflects the most probable fit 

compared to all other possible combinations. Values are then scaled from 0 to 1, with 1 

(red) the most and 0 (blue) the least probable solution (Figure 3.7 and Supporting Figure 

3.5). 
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4. Conclusions and future directions 
The research presented in Chapters 2 and 3 shows that dG•dT and rG•rU 

mismatches in DNA and RNA, respectively, can transiently form a Watson-Crick-like 

geometry via both tautomerization and anionization (Figure 3.12) (176), as previously 

predicted by Watson and Crick and others (70, 158). Moreover, we have shown that 

these WC-like mismatches are kinetically linked and able to transiently interconvert 

between alternative WC-like states with varying rates and frequencies, often depending 

on local sequence context. This realization allowed us to compare the probability of 

forming WC-like G•T/U tautomers and anions to the probabilities of misincorporating 

the wrong dNTP or near-/non-cognate tRNA. We observed a strong, linear dependence 

between the pH-dependent probabilities of a high-fidelity polymerase misincorporating 

dGTP•dT/dG•dTTP and the probability of forming a WC-like dG•dT– anion in duplex 

DNA. This strongly supports the hypothesis that the intrinsic ability to form a WC-like 

anion mismatch in naked DNA is a possible mechanism of spontaneous 

misincorporation during replication. We also observe broad agreement between the 

range of WC-like rG•rU tautomer and anion formation and the frequency of 

misincorporating amino acids. However, these comparisons neglect the kinetic 

component of misincorporation, for which is RD perfectly poised to expand upon.  
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4.1 Kinetics of WC-like dG•dT formation and their role in 
misincorporation 

Future directions include the systematic study of the kinetics of WC-like 

mismatch formation in DNA and RNA and their potential involvement in the kinetics of 

misincorporation of dNTPs and amino acids. If the thesis put forth in this dissertation is 

to be supported, additional studies will be needed to correlate not only the RD-derived 

thermodynamic parameters to misincorporation, but also the kinetic parameters. Studies 

in the Al-Hashimi lab are being pursued to this end with respect to dG•dT mismatches. 

Generalized kinetic schemas have been devised for the path for correct dNTP 

incorporation as well as misincorporation (30, 325), therefore the RD-derived kinetic 

parameters of WC-like dG•dT tautomer and anion formation can be inserted in to these 

existing schemes and their influence on subsequent kinetic simulations of 

misincorporation rates and frequencies can be deciphered. Through the use of NMR RD, 

in vitro kinetic incorporation/misincorporation rates, and kinetic modeling it should be 

possible to deconvolute the contribution of the different WC-like tautomeric and anionic 

states measured by NMR to the misincorporation events measured in vitro. Moreover, a 

more thorough examination of the kinetic data of WC mismatch formation may allow 

for the deconvolution of both the thermodynamic and kinetic contributions to 

misincorporation. 
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4.2 Detecting and characterizing other Watson-Crick-like 
mismatches 

The results presented in this dissertation were aimed at characterizing the WC-

like states of dG•dT and rG•rU mismatches (176), as well as their modified 

counterparts. The G•T/U mismatches were chosen because of their crucial importance to 

the central dogma of molecular biology, their roles in nucleic acid structure (279, 326, 

327), their frequent occurrence in DNA and RNA genomes (279), as well as intrinsic 

structural properties that made them amenable to study by NMR RD. However, many 

other mismatches have been proposed to adopt WC-like geometries (Supporting Figure 

3.1) (142) and remain to be studied by R1ρ RD. Complex exchange scenarios and NMR 

limitations are likely to make it increasingly difficult to study these other DNA and 

RNA mismatches and will necessitate the use of more advanced isotopic labeling 

schemes or the development of novel NMR methods to overcome experimental 

limitations.  

Mismatches such as the purine-purine G•A (Supporting Figure 3.1) exhibit 

complex sequence and pH-dependent anti-to-syn transitions in the ground states of 

either G or A (328, 329), as well as pH-dependent protonation of adenosine. Therefore, 

we might expect R1ρ RD studies to yield complex and multi-state RD profiles that will 

require an overabundance of experimental data to resolve in order to detect the 

formation of a WC-like state. Mismatches containing adenosine or cytosine, such as the 

A•C (Figure 1.6) mismatch, present a unique challenge for R1ρ RD studies. The imino 
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nitrogens (A-N1 and C-N3) that report clearly on changes in tautomeric or ionic states 

lack an attached imino proton that is used to “boost” the sensitivity of the nitrogen. This 

renders the conventional 15N R1ρ experiment (245, 246) infeasible and it will therefore be 

necessary to develop the methods to overcome this limitation. In the A•C mismatch, the 

amino nitrogens (A-N6 and C-N4) provide an NMR amenable protonated nitrogen that 

reports strongly on changes in tautomeric or ionic states. However, limitations due to 

couplings between the geminal protons in the amino group give rise to undesirable 

relaxation properties that would complicate conventional R1ρ RD experiments (330) and 

necessitate the development of novel methods to bypass these limitations. Moreover, the 

carbons immediately bonded to the nitrogen losing of gaining the σ-bonded proton feel 

the changes in paramagnetic circulation (∆ω ≈6-10 p.p.m. for A-C2; (182)). However, the 

key carbons A-C6 and C-C4 lack attached protons to make them amenable to 

conventional R1ρ RD studies. Therefore, it will be necessary to develop new R1ρ RD 

methods to transfer magnetization from A-N6/C-N4 to these carbons. The above 

methods would be useful for different mismatch combinations where they could be 

applied to resolving their respective WC-like states. 

4.3 Directly characterizing tautomeric and ionic states of 
mismatches in polymerase active sites 

Previous crystallographic studies of dG•dT (46, 174, 175) and dA•dC (61, 174) 

mismatches have shown that it is possible for them to adopt a WC-like geometry in 

polymerase active sites, though the stabilizing tautomeric or ionic state remains 
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unknown. The research presented in this dissertation shows that G•T/U mismatches 

transiently interconvert between multiple WC-like states in duplex DNA and RNA. 

However, the exact tautomeric or ionic state of the mismatch in polymerase active sites 

remains to be discovered. To remedy this, it would be pertinent to directly visualize the 

tautomeric or anionic states of selectively 13C/15N-labeled dG•dTTP or dGTP•dT 

mismatches trapped in a polymerase active site using solid state NMR (ssNMR) 

spectroscopy and 13C-15N REDOR (331, 332). While solution NMR is limited in the size of 

the molecules that can be efficiently studied, ssNMR does not have such limitations and 

therefore a polymerase/DNA complex is suitable for characterization. The use of site-

specifically labeled mismatches in the polymerase active site will reduce potential 

spectral overlap and permit the direct visualization of the dG-N1 and dT-N3 chemical 

shifts. If the site-labeled mismatch undergoes chemical exchange, recently developed 

ssNMR R1ρ RD methods (333, 334) would allow for a limited characterization of the 

exchange process. This approach would provide the most direct and biologically 

relevant evidence for the exact tautomeric and ionic states of mismatches in polymerase 

active sites, and will more strongly support their role in spontaneous mutagenesis and 

other biological processes. 
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Appendix A 
All R1ρ RD simulations, R1ρ RD fits and fit profiles presented in Chapters 1 and 3 

were carried out using a program (Bloch-McConnell Numerical Simulator or BMNS) 

devised and coded in Python by the author. The program is maintained at 

https://github.com/IsaacJK/BMNS under a MIT License. 

BMNS simulates R1ρ values by solving the n-state B-M equations (Equation 1.9). 

BMNS is capable of carrying out individual or shared parameter fits to experimentally 

measured R1ρ data by fitting locally (finding a local minimum) using a constrained least-

squares algorithm. The program can also attempt to find a global minimum using the 

Adaptive Memory Program for Global Optimization solver 

(http://infinity77.net/global_optimization/) or by performing a time-intensive grid search 

over n parameters in linear or log space and selecting the combination of parameters 

with the lowest χ 2 . Other features and functionalities are described in the code 

repository. 

  

https://github.com/IsaacJK/BMNS
http://infinity77.net/global_optimization/
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