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Abstract 

Microbes are the foundation of all ecosystems and crucial players in major 

ecosystem processes. However, most of our ecological theory was developed for plants 

and animals and thus may not help us understand these important communities. 

Previous syntheses have found mixed evidence for ecological patterns in observational 

data of microbes. In my dissertation, I combine observation and experiments to identify 

forces structuring microbial communities and how these are similar or different from 

those at play in systems of macroorganisms. In two chapters, I test new ecological 

hypotheses in soil microbial communities. In later chapters, I draw on similar ecological 

theory to explore the relative importance of host and microbial control for the gut 

microbiota.  

In chapter one, I analyze insect, fungal, and bacterial responses to urbanization 

and habitat fragmentation. This study is the first of its kind to compare scaling 

relationships between macro- and micro-organisms in the same habitats. I find that 

microbial communities were vastly more immune than even the smallest of animals to 

human perturbation. 

In chapter two, I seek to identify the drivers responsible for microbial 

community assembly during secondary succession. I use a fully factorial microcosm 

experiment that manipulates both biotic and abiotic factors in microcosms emulating 
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old-fields. I find that both plant community and soil conditions are important for 

determining microbial community composition but that unique taxa respond to each 

driver.  

In chapter three,  I aim to quantify and document the impact of gut nitrogen 

availability on the microbiota. I find that stoichiometric mismatch between microbes and 

gut resources is pervasive for mammals, indicating that nitrogen may be limiting. 

Furthermore, I show that nitrogen availability in the gut is under host control, with host 

secreted nitrogen serving as a dynamic means for the host to manipulate microbial 

composition.  

In chapter four, I use both in and ex vivo approaches to document shifts in 

composition and changes in the environment in the gut following antibiotic treatment. I 

find that the most significant abiotic shift is an increase in redox potential, which is due 

primarily to changes in microbial metabolism rather than a host response. Feedbacks 

between the environment and the microbial community, as well as dispersal limitation, 

then contribute to compositional change during post-antibiotic succession.  
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Introduction 

Microbes are the foundation of all ecosystems, where they drive both evolution 

and ecology. Microbial communities are critical for terrestrial, aquatic, and marine 

ecosystem functioning—from impacting nutrient cycling and performing primary 

production to forming soil (Azam and Malfatti 2007, Battin et al. 2008, Falkowski et al. 

2008, van der Heijden et al. 2008, Klironomos et al. 2011). Microbes also are important in 

host-associated systems—aiding in host nutrient and waste processing, pathogen 

resistance, and immune regulation (Fuller and Reeds 1998, Backhed et al. 2005, 

Mazmanian et al. 2008, Hooper and Macpherson 2010, Sekirov et al. 2010). Fully 

understanding the functioning of these abundant and diverse communities requires 

theory that scales within and between systems, for which researchers are increasingly 

turning to ecology.  

While most ecological theory was developed on plant and animal communities, 

there is growing evidence that it may apply to microbes as well despite their small size, 

fast evolution, and unique biology (Prosser et al. 2007). Bacteria and fungi exhibit 

biogeographical patterns similar to larger organisms including distance-decay and taxa-

area relationships (Green et al. 2004, Bell et al. 2005, Martiny et al. 2006, Hanson et al. 

2012, Horner-Devine et al. 2014). Microbes can also be subject to environmental filtering 

(Fierer et al. 2003, Hawkes et al. 2011, Kivlin et al. 2011, Stegen et al. 2012, Ramirez et al. 

2014) and perform ecosystem engineering (Goddard 2008, Gerbersdorf et al. 2009). These 
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commonalities indicate that much of the knowledge gained from macroorganisms can 

inform our study of microorganisms. Moreover, microbial communities can serve as 

valuable tests of the generality of ecological theory beyond plant and animal systems 

(Prosser et al. 2007).    

My dissertation research focuses on identifying the forces structuring 

communities by applying ecological theories to microbial systems. In particular, I draw 

on experimental approaches to isolate the effects of multiple drivers when their impacts 

are hard to disentangle with observation alone. This work was carried out in soil and in 

the gut. Soil microbial communities are some of the most-well surveyed and are home to 

immense diversity (Curtis et al. 2002, Wardle 2002). However, the relative influence of 

different ecological factors for sustaining this diversity still remains incompletely 

understood. The ecology of the gut microbiota is even less well understood, not least 

because the presence of the host can negate normal ecological dynamics. As such, this 

system can serve as a particularly important testing ground for ecological theory 

(Costello et al. 2012). Furthermore, beyond its theoretical use, greater understanding of 

the ecology of the gut could improve host and environmental health.   

In my first chapter, I address how biological diversity and composition of 

microorganisms is impacted by urbanization. In general, biological diversity is predicted 

to be limited by habitat size, which for green areas is often reduced in cities, and by 

chronic disturbance (stress). These hypotheses have not previously been tested in 
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microbial systems in direct comparison to macroorganisms. We analyzed bacterial, 

fungal, and ant communities in small road medians (average area 0.0008 km2) and larger 

parks (average area 0.64 km2) across Manhattan (New York City, New York). Results 

from this study show bacterial species richness was not different between medians and 

parks, but community composition was significantly distinct. In contrast, ant 

communities differed both in composition and richness with fewer ant species in 

medians than parks. Fungi showed no significant variation in composition or richness 

but had few shared taxa between habitats or sites. Overall, the diversity and 

composition of microbes appears less sensitive to habitat patchiness or urban stress than 

those of macroorganisms. This chapter was published in The ISME Journal in January 

2016 (Reese et al. 2016). 

In chapter two, I use an experimental approach to compare the relative 

importance of biotic and abiotic conditions for shaping soil microbial composition and 

diversity. We established a fully factorial experiment manipulating soil conditions and 

plant cover on old-field microcosms across a latitudinal gradient and analyzed free-

living bacterial communities in the soil after three years. We found the largest variation 

in composition was due to between-site variation, but, having corrected for that, we still 

observed significant effects of both plant and soil treatments on microbial composition. 

Separate phyla were associated with each treatment type with no interactions between 

soil and plant treatment. In contrast, soil microbial diversity was only associated with 
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site and not experimental treatment. Plant community treatment explained more 

variation than soil treatment, a result not previously appreciated because it is difficult to 

dissociate plant composition and soil quality in observational studies across gradients. 

This chapter is in preparation for submission to The Journal of Ecology.  

In chapter three, I seek to understand how nitrogen limitation manifests in host-

associated microbes in the gut; its implication for community composition; and, finally, 

how it is shaped by host action. Previous research has focused on the importance of 

carbon availability in the gut, but we predicted that competition between host and 

microbes for nitrogen should result in limited nitrogen availability in the large intestine. 

We find evidence that gut microbiota confront nitrogen limitation, in the form of 

stoichiometric mismatch, in the large intestines of 29 mammal species spanning 5 orders 

of magnitude in body mass, regardless of diet or digestive physiology. Colonic nitrogen 

limitation results from hosts’ absorption of dietary nutrients, producing a stoichiometric 

gradient along the intestine. However, using stable-isotope labeling, we showed that 

animals mitigate nitrogen limitation of gut microbes via internal secretions. These 

secretions were dynamic and diminished when bacterial loads were reduced, suggesting 

that host secretions are a response to, and not independent of, population sizes of gut 

microbes. Single-cell spectrometry suggested select members of the phylum 

Bacteroidetes are the primary foragers of nitrogen in the colon, and we found that these 

taxa, in particular, are depleted when secretions are reduced. Together, our findings 
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indicate that nitrogen limitation arises from primary host access to dietary nutrients and 

subsequently enables hosts to selectively regulate microbial communities in the large 

intestine. Host control of nutrient availability presents a metabolic cost, but provides 

mammals with a mechanism for maintaining a mutualistic gut microbiota. This chapter 

is currently under revision for resubmission to the journal Nature.  

Lastly, in chapter four, I explore response of the gut microbiota to antibiotics and 

that community’s recovery from the disturbance. While antibiotics are well-known to 

disrupt the structure and function of gut microbial communities, the precise ecological 

mechanisms by which these drugs reshape the microbiota remain incompletely 

understood. We used a combination of mouse and ex vivo experiments to show that the 

redox potential of the mouse gut increased within hours of an antibiotic dose. These 

shifts coincided with transient spikes in luminal oxygen levels and shifts in enteric 

immune activation in vivo, but more notably redox levels in the mouse gut were linked 

to slowdowns in microbial metabolism. Redox potentials also increased after antibiotic 

treatment in a host-free ex vivo gut model, indicating the preeminence of microbial 

control over redox levels. Moreover, the return to redox homeostasis after antibiotic 

treatment could be directly linked to the dynamics of facultative anaerobes during and 

after treatment. Together, these findings show that antibiotic use can be characterized by 

an immediate and persistent disruption of bacterial respiratory metabolism in the gut. 

More broadly, the results suggest that availability of electron acceptors is a key 
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ecological factor structuring gut microbial communities.  This paper is currently under 

review at PNAS.    

As is often the case, when trying to understand the forces structuring microbial 

communities, the answer to the question does this ecological theory apply is: it depends. 

Contrary to what we expect from the urbanization literature, we found that even at the 

scale of street medians, soil bacterial diversity seems immune to the stress of small 

habitat size and urbanization. In contrast, the importance of environmental filtering in 

the form of variation in soil type and vegetation cover does have meaningful impacts on 

old-field soil bacterial composition. Similarly, while host biology is the primary 

determinant of nitrogen limitation in the gut, microbial action alone seems responsible 

for redox chemistry dynamics under disturbance. Independently, this work provides 

new insights into the functioning of these systems. Taken together, this seemingly 

motley set of results highlights the importance of testing ecology theory in microbial 

systems, even ones as well studied as soil. The relative importance of ecological drivers 

can be especially hard to predict a priori in microbial communities. Thus, experimental 

tests of ecological theory in these systems are essential.   
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1. Urban stress is associated with variation in microbial 
species composition—but not richness—in Manhattan 

1.1 Introduction 

Urban habitats are among the most rapidly expanding biomes on Earth and are 

the one in which most people live (Grimm et al. 2008). But cities are not uniform. Each 

city contains a mosaic of green habitat patches of varying sizes that are subject to 

differing degrees of chronic environmental stress, where stressors are factors such as 

increased heat, pollution, disturbance, and habitat fragmentation (Niemelä et al. 2011) 

that alter the rates of biochemical reactions or exert physical force on organisms (Menge 

and Sutherland 1987). This stress is predicted to reduce diversity beyond the predicted 

reduction due to small habitat patch size, while intermediate disturbances (e.g., 

suburban development) may lead to local diversity peaks. Plant and animal 

communities often show these expected patterns of intermediate optima, while minimal 

diversity is seen in the most urbanized sites (e.g., Blair 1996, Blair and Launer 1997, Cam 

et al. 2000, Marzluff 2005, McKinney 2008, Minor and Urban 2010, Saito and Koike 2013). 

Response to urbanization varies within a city depending on site characteristics 

(Sushinsky et al. 2013) as well as on the species assemblage and the spatial scale 

investigated (Concepción et al. 2015). It also varies between cities, with the amount of 

species loss best explained best by land cover and city age (Aronson et al. 2014). 

It is worth noting, however, that the very most urbanized sites are often not 

studied. Little is known about the walls of buildings, for instance, although they occupy 
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a large surface area. Or, if our focus is confined to green spaces, the most common green 

spaces in growing cities are the ones embedded in cement, such as street medians or tree 

pits, and these have been little considered. While these small patches are unlikely to 

provide habitat to many charismatic vertebrates, their ability to sustain the smaller 

organisms in cities, including insects but also microbes, is unclear. 

Microbes in soils are central to global biogeochemical cycles (Falkowski et al. 

2008), but also local nutrient cycles (Wall 2004), such that the composition of microbes in 

urban soils is likely to govern the fate of nutrients much as it does elsewhere. Globally, 

soil microbes are also a source of discovery in medicine and biotechnology (Bull 2004, 

Challis 2008) and conservation of microbial biodiversity is increasingly discussed 

(Colwell 1997, Cockell and Jones 2009, Sutherland et al. 2010, Bodelier 2011). 

Furthermore, a growing literature suggests that the failure of children to be exposed to a 

diversity of microbes threatens the health of those children, particularly through its 

relation to allergic and autoimmune diseases (e.g., Rook 2009, Hanski et al. 2012). The 

large literature linking microbial diversity and human health tends to assume that the 

diversity of microbes to which children are exposed in urban environments is less than 

that in rural environments (e.g., Hanski et al. 2012). However, although urbanization can 

be a major threat to conservation efforts of macroorganisms (Grimm et al. 2008), our 

understanding of the response of microorganisms to urbanization is poor.  
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We might expect the loss of diversity with urbanization for microbes, including 

archaea, bacteria and fungi, if microscopic taxa respond similarly to urbanization and 

habitat fragmentation as macroscopic organisms. Species-area relationships, with fewer 

species in smaller sites, have been observed for microbes (Green et al. 2004, Bell et al. 

2005, Horner-Devine et al. 2014) in habitats such as tree holes due to the greater 

potential for colonization and quantity and diversity of available resources and habitats. 

At least for macroorganisms, urban, habitat area has a positive influence on biodiversity 

(Basham et al. 2010, Shanahan et al. 2011, Beninde et al. 2015). If urban habitat patches 

act analogously to tree holes, we expect to find fewer microbial species in smaller 

habitats in cities. In addition, stress associated with urban development and pollution 

can disturb soil, altering its properties and leading to degradation (Parker 2010) and this 

stress may be greatest in small patches. For instance, small patches of habitat in New 

York City, those associated with street medians, have been found to be hotter, drier, 

have less canopy, and are surrounded by more impervious surface relative to nearby 

parks (Youngsteadt et al. 2015). These stresses may reduce microbial diversity in 

addition to the direct influence of area. 

On the other hand, when large habitats in cities are compared to habitats outside 

of cites, the total diversity of urban microbes appears high. Ramirez et al. (2014) recently 

found similar diversity of bacteria in a global dataset as what they found in the soil of 

Central Park. Barberán et al. (2015a) also found that the microbes present in dust in cities 
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were no less diverse than those in samples from outside of cities. However, compared to 

most green patches within cities, Central Park is very large (3.41km2 compared to the 

average park size of 0.004km2) as is the scale of analysis in Barberán et al. (2015a). It 

remains unknown whether the diversity of microbes that persists in smaller and more 

isolated patches in cities is comparable to the diversity encountered across whole cities 

or in the largest parks.  

Here, we consider the influence of habitat area and stress on soil microbes and 

one group of insects, ants, in Manhattan. In addition to having a number of relatively 

large parks, New York City, and Manhattan in particular, has many smaller patches of 

green, including gardens and abandoned lots, but also the smallest common type of 

green patch, street medians. In doing so, we addressed the following questions: (i) What 

is the relative microbial diversity in the soil of small, high stress urban habitats (street 

medians) compared to larger, low stress urban habitats (city parks)? Based on studies of 

animals and plants in urban ecosystems, we expected that species richness would be 

lower in street medians than in city parks. Additionally, we expected the composition of 

microbial communities to be distinct in the two habitat types because previous studies 

have shown that persisting in high stress habitats and/or maintaining viable populations 

in small habitat patches can be strongly influenced by species-specific traits (Schleicher 

et al. 2011, Slade et al. 2013, Concepción et al. 2015).  
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Next, we asked (ii) How do the patterns of bacterial, fungal, and ant diversity 

compare? Fungi are intermediate in size (typical eukaryotic cells are between 1-2 orders 

of magnitude larger than bacteria and archaea) and perhaps dispersal ability relative to 

ants and bacteria. Both ants and fungi are common and abundant in ground 

communities in urban ecosystems, and previous work has shown that these groups can 

be sensitive to urbanization and habitat patch size (Newbound et al. 2010, Savage et al. 

2015). To our knowledge, this is the first analysis of intra-city diversity patterns for 

microbes with direct comparison to macroorganisms.  

1.2 Methods 

1.2.1 Sampling: bacteria, archaea, fungi 

We collected soil samples May 30-June 06, 2013 from medians (n=21) and parks 

(n=25) in Manhattan (NYC). The medians were located along Broadway (n=7) and the 

corridor along 12th Ave, 11th Ave, and West St. (n=14, Figure 22). Parks were chosen 

based on their proximity to street medians, and included parklands (with sports fields 

and playgrounds) and urban forests (Figure 22). We sampled two sites for each park 

except Central Park (3 sites), Battery Park (3 sites), and Washington Market Park (1 site). 

A single site was sampled for each median. 

At each site, we used an open end soil probe (AMS, American Falls, Idaho) to 

collect a total of 5 soil cores (2.5cm wide x 10cm deep, with one collected every 4 meters 

along a 20m transect). We immediately pooled the soil cores from each site by 
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combining them in a sterile Whirlpak bag. The soil corer was cleaned with 70% ethanol 

between samples to avoid cross-contamination. Soils were frozen at -20 °C on the same 

day of collection. Across all sites, we sampled equal areas to control sampling effort. We 

treated individual sites within a single park as separate sites; they had equal area and 

were a minimum of 65m apart. 

Microbial DNA was isolated using Power Soil extraction kit (MoBio, Carlsbad, 

CA) and three DNA extractions were pooled for each sample prior to sequencing. 

Bacterial DNA was sequenced for all sites using the16S rRNA gene using the 515-F and 

806-R primer pair (Fierer et al., 2012). Fungal DNA was sequenced for 26 sites (13 parks 

and 13 medians; Figure 22) using the ITS1 region of rRNA was amplified using the ITS1-

F and ITS2 primer pair (McGuire et al. 2013). Quantification of PCR products was 

accomplished using the PicoGreen dsDNA assay and equimolar concentrations of 

amplicons were sequenced using the Illumina MiSeq platform at the University of 

Colorado Next Generation Sequencing Facility. Raw sequence data were processed 

using a custom Python script (https://github.com/leffj/helper-code-for-uparse) and 

processed with the UPARSE pipeline (Edgar 2013). Samples were rarified to 10,000 

sequences per sample for fungal analyses and 14,300 sequences per sample for bacterial 

analyses. Operational taxonomic units (OTUs) were delineated using a 97% similarity 

threshold and taxonomy was determined using the RDP classifier for bacteria (Wang et 

al. 2007) and the UNITE database for fungi (Abarenkov et al. 2010). The 16S and ITS 
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rRNA nucleotide sequences generated in this study can be downloaded from the 

European Nucleotide Archive (ENA) under study accession number PRJEB9616.  

1.2.2 Soil analyses 

To homogenize soil samples and remove non-soil fragments, soils were passed 

through a sterile, 2.0 mm sieve prior to processing. Total carbon and nitrogen were 

quantified by combustion using an Elementar Vario Macro CNS analyzer and macro- 

and micronutrients were measured using a Mehlich 1 extraction (Mehlich 1953) followed 

by inductively coupled plasma spectrometry (Varian Vista MPX Radial ICP-OES). All 

soil nutrient analyses were completed at the Auburn University Soil Testing Laboratory 

(AL, USA). 

1.2.3 Sampling: ants 

We collected ants across medians and parks in the Upper West Side of 

Manhattan (NYC) across 2 consecutive years (14-24 June 2011 & 20 August-07 September 

2012). In sum, the samples included 21 street medians along Broadway and 26 parks 

(Figure 22). As above, we sampled equal areas of all sites. As described in more detail in 

Savage et al. (2015) ants were sampled by extraction from leaf-litter, such that an ant 

sample is a measure of the composition of ants in a standardized amount of litter on the 

forest floor. In each site, we collected ants using both hand collection and Winkler 

sifting. Because we were focused on comparing street medians to all parks, we used a 
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single park category in our analyses rather than splitting the sites into forests and 

parklands, as Savage et al. (2015) did. 

1.2.4 Statistical analyses  

All statistical analyses were conducted using R (version 3.1.1; www.r-

project.org). Soil chemistry differences between habitat types were tested using a Mann-

Whitney U test. Richness of each sample was calculated using the package BiodiversityR 

(Roeland Kindt, R) and compared between habitat types using a Mann-Whitney U test. 

We calculated sample-based species accumulation curves for each habitat type using 100 

permutations in the specaccum function in vegan (Jari Oksanen, R). We tested for 

differences between the accumulation curves using a two-way Kolmogorov-Smirnov 

test. We ran a linear regression to test for a relationship between richness and habitat 

area.  

We conducted non-metric multidimensional scaling (NMS) ordinations with the 

metaMDS function in vegan. We then tested whether community level compositional 

variation was related to our environmental predictors by fitting the ordination scores to 

habitat type and size with the envfit function in vegan. Phyla and class level abundance 

was analyzed using ANOVA with Tukey’s honestly significant difference test post-hoc. 

The abundance of potentially pathogenic bacteria was calculated following Kembel et al. 

(2012) and analyzed using a t-test. Indicator family analysis was conducted with 9999 

permutations using the multipatt function in indicspecies (Miquel De Caceres, R). To 
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test for the relationship between physical distances and community dissimilarity in 

microbial samples, we ran a Mantel Test with 9999 permutations using R package ade4 

(Aurélie Siberchicot, R). We compared linear distances between sampling points 

(measured in Google Earth) with Bray-Curtis dissimilarity table produced using the 

vegdist function in vegan.  

1.3 Results  

1.3.1 Diversity patterns 

Median soils had significantly more copper (P=0.002), less nitrogen (P=0.007), 

and more zinc (P=0.003, Mann-Whitney U tests) than parks. They were also significantly 

more basic (P=0.012), and, altogether, the medians were smaller than parks (P<0.001, 

Mann-Whitney U tests). Park and median soils did not differ, however, in lead, carbon, 

calcium, potassium, magnesium, phosphorous, aluminum, boron, barium, iron, 

manganese, sodium, or nickel (Table 1).  

Richness of bacteria did not differ between parks and medians (P=0.117, Mann-

Whitney U test; Figure 1A) and there was no difference between park and median 

species accumulation curves (P=0.076, Kolmogorov-Smirnov test; Figure 1D). Archaea 

also do not show a difference in richness (P=0.5866, Mann-Whitney U test) although 

species accumulated more slowly across medians (P=0.002, Kolmogorov-Smirnov test; 

Figure 23). (Archaea represent a small portion (0.5%) of the phylotypes observed likely  
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Table 1: Size and some soil characteristics vary between parks and medians. 

 
95%CI indicates confidence interval. * indicates P<0.05, Mann-Whitney U test. 
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Figure 1: Species richness responses differ across taxonomic groups. Richness in medians (grey) and parks (black) for bacteria 

(A), fungi (B), and ants (C). *** denotes p<0.001 Mann-Whitney U test results. Species accumulation curves for medians (grey) 

and parks (black) for bacteria and archaea (D), fungi (E), and ants (F). *** denotes p<0.001 Kolmogorov-Smirnov test results.
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due to the sequencing protocol so henceforth we will report only 16S rRNA results for 

bacteria.) 

Fungi trended towards decreased richness in medians (P=0.08, Mann-Whitney U 

test; Figure 1B) but did not show significant difference in the accumulation curve 

functions (P=0.588, Kolmogorov-Smirnov test; Figure 1E). To test whether the fungal 

species missing from medians were primarily plant associated, we explored the 

diversity patterns of just arbuscular mycorrhizal fungi (phylum Glomeromycota). These 

fungi show no differences in richness (P=0.797, Mann-Whitney U test) or species 

accumulation (P=0.814, Kolmogorov-Smirnov test; Figure 24), such that their absence 

does not account for the trend towards reduced fungal richness reduction in medians.  

The microbial results contrast with those for ant communities, which were 

significantly less abundant in medians than parks (P<0.001, Mann-Whitney U test; 

Figure 1C) and showed significant reduction in diversity in the median species 

accumulation curve (P<0.001, Kolmogorov-Smirnov test; Figure 1F).  

Across all green spaces sampled, bacterial communities did not exhibit a 

relationship between size of habitat and species richness (P=0.804, linear regression; 

Figure 2A). In contrast, fungal richness increased with habitat area (P=0.036, R2=0.1357, 

linear regression; Figure 2B). Habitat area explained the most variation in species 

richness for ant communities (P<0.001, R2=0.260, linear regression; Figure 2C). The 

observed relationships between habitat area and species richness did not hold when  
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Figure 2: Species richness is a function of habitat size (m2) for fungi (P=0.036, R2=0.14, linear regression; B) and ants 

(P<0.001, R2=0.26, linear regression; C) but not for bacteria (A). Median sites are indicated with circles, park sites are 

indicated with triangles.
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within medians or within parks for fungi (P=0.34 and P=0.43, linear regression, 

respectively) or ants (P=0.48 and P=0.48, linear regression, respectively) such that these 

relationships appear driven by differences between parks and medians. 

1.3.2 Compositional patterns 

In contrast to the large differences in richness response between ants and 

bacteria, these groups had similar patterns of species composition response. Specifically, 

bacterial composition was significantly different in medians and parks (2D stress=0.149, 

P=0.004, R2=0.163; Figure 3A) as it was in ants (2D stress=0.180, P=0.001, R2=0.38, 

environmental fit test; Figure 3C). Similarly, size was significantly correlated with 

composition in both bacteria (P=0.001, R2=0.367) and ants (P=0.044, R2=0.13). However, 

fungal species composition did not differ significantly between parks and medians (2D 

stress=0.164, P=0.187, environmental fit test; Figure 3B) and did not correlate with size 

(P=0.144).  

Each taxonomic group demonstrated different patterns of species overlap 

between medians and parks. For bacteria, the majority of OTUs were shared between 

medians and parks, but each habitat type still had a significant fraction (>20%) of unique 

taxa (Figure 3D). For fungi, less than half of OTUs were shared between medians and 

parks, with each habitat type supporting mostly unique communities (Figure 3E). For 

ants, the median communities were almost entirely a nested subset of the taxa found in 

the parks (Figure 3F). 
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Figure 3: Composition differs between medians and parks for some taxa. Nonmetric multidimensional scaling ordination plots 

for bacteria (A), fungi (B), and ants (C). Circles are median plots and triangles are parks. Species/OTU overlap is unique for 

bacteria and archaea (D), fungi (E), and ants (F).
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There were few patterns of differences between microbial composition in parks 

and medians at higher taxonomic levels. We found no differences between the 

abundance of any of the nine most common bacterial phyla (P>0.05, Tukey’s Honestly 

Significant Difference test; Figure 4A). Of the 252 named bacterial families, 9 were 

significantly associated with either medians or parks. Three families from the phylum 

Actinobacteria were associated with medians: Promicromonosporaceae (P=0.0062), 

Rubrobacteraceae (P=0.0252), and AKIW874 (P=0.0194, indicator species analysis). 

However, in medians the summed abundance of these taxa represent, on average, only 

1.76x10-4 % 2.09x10-4. Six families were associated with parks: Aeromonadaceae 

(P<0.001), JTB38 (P=0.045), Gallionellaceae (P=0.004), Spirochaetaceae (P=0.007), 

Ktedonobacteraceae (P=0.023), and Ruminococcaceae (P=0.035, indicator species 

analysis). The average sum abundance of these families in parks is only 0.0007%  

0.0005. In addition, the abundance of potentially pathogenic bacteria was not 

significantly different between parks and medians (P=0.8413, two sample t-test; Figure 

25).  

Similarly, there were no significant differences between any of the ten most 

common fungal classes (P>0.05, Tukey’s Honestly Significant Difference test; Figure 4B). 

Only one fungal family was significantly indicative of medians—Liptomycetaceae 

(P=0.0091, indicator species analysis)—but its average abundance in medians was only 

0.0144% 0.016. Only two families were associated with parks— Hyaloscyphaceae 



 

 45 

(P<0.001) and Annulatascaceae (P<0.036, indicator species analysis)—but together these 

were, on average, only 0.0087% 0.0072 of the fungi found in parks.  

To assess whether distance between sites was a potential confounding variable in 

our analysis of compositional variation, we conducted Mantel tests comparing physical 

distance matrices with Bray-Curtis dissimilarity matrices. The test was not significant for 

bacteria (P=0.3473) or fungi (P=0.13, mantel test)—indicating that microbial samples 

from sites closer together were not necessarily more compositionally similar. Similarly, 

Savage et al. (2015) found no effect of distance on ant community composition across 

Manhattan when controlling for habitat type.   

1.4 Discussion 

Soils harbor vast repertoires of microbial diversity, which are critical for 

ecosystem functions, drug discovery, and perhaps even human health. Urban stress can 

limit diversity of aboveground, macroorganisms, and we tested whether this pattern 

also holds for microbes. We predicted that microbial diversity would be limited in urban 

medians, which, compared to larger urban parks, are small (average size 819 822m2), 

alkaline, nitrogen poor, isolated, hot, dry, exposed, high in copper, and surrounded by 

cement and other impervious surfaces (this study; Youngsteadt et al. 2015). Instead, 

microbial diversity in these small, high stress median sites, was as high as that of the 

parks and was not associated with habitat area. In contrast, the diversity of ants was 

lower in medians than in parks and positively correlated with habitat area. Fungi  
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Figure 4: Park and median composition are similar amongst the most common phyla. Boxplots of the relative abundances of 

the most dominant bacterial phyla (A) and fungal classes (B) show no significant differences (P>0.05, Tukey’s Honestly 

Significant Difference test) in relative abundance between parks (black) and medians (grey).
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showed an intermediate pattern. Ant and bacterial (but not fungal) community 

composition differed between parks and medians.  

As has already been shown for ants in Manhattan (Savage et al. 2015), as well as 

for plants, vertebrates, and insects elsewhere (Blair 1996, Blair and Launer 1997, Cam et 

al. 2000, Minor and Urban 2010, Saito and Koike 2013, Concepción et al. 2015), we re-

acknowledge that many macroorganisms decline in diversity in cities relative to rural 

areas and that some species are absent in cities, resulting in changes in composition. 

Recent work (Beninde et al. 2015) has surveyed the causes of intra-urban biodiversity 

variation for a range of macroorganisms and found that to a great extent shifts in 

composition and declines in diversity in cities are due to the effects of habitat area and 

connectivity, with the most affected green spaces in cities being both small and 

disconnected.  

Notably, we found that habitat area was related only to fungal and ant richness, 

not bacterial richness. Habitat size is known to affect microbial richness elsewhere. For 

example, taxa-area relationships predict fungal richness in undeveloped arid soil (Green 

et al., 2004) and bacterial richness in a salt marsh (Horner-Devine et al., 2004), but in both 

cases the slope of the species-area relationship was low relative to relationships for 

macroorganisms. We did not consider connectivity, though we note that the medians 

considered are surrounded by pavement and hence relatively disconnected for most 

organisms. However, we found that physical distance between sites—a proxy for 
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dispersal limitation and thus potentially related to connectivity—was not predictive of 

community similarity for the microbes or ants. Future work on urban microbes might 

consider additional site characteristics assessed in Beninde et al. (2015) including 

management history and biotic and abiotic factors.   

In this study, we show that overall fungi showed some tendency towards the 

loss of biodiversity with decreases in habitat size and increases in stress while bacteria 

did not. Similar results have been found in Central Park, where microbial eukaryotes but 

not bacteria and archaea were a subset of the global population (Ramirez et al. 2014). 

Additionally, on treetop “islands” macro- and meso-fauna diversity tended to decrease 

with decreases in habitat size while microbial diversity did not (Wardle et al. 2003). Our 

results extend these patterns to one of the most extreme terrestrial habitats on Earth in 

which plants are still the primary producers. Whether these patterns hold in other mega-

cities or smaller, more suburban areas of human development remains to be seen.  

The compositional changes we observed in the fungal community are not 

consistent with the expected nested subset pattern wherein a subset of the species found 

in parks would be found in medians. We might also have expected a decline in 

arbuscular mychorrhizal fungi, which are tightly associated with host plants, in 

response to the decline in plant diversity in medians. However, the arbuscular 

mycorrhizal fungi did not decline in diversity in medians. Instead, the majority of 

arbuscular mycorrhizal fungal phylotypes found in medians were not also found in 
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parks. One of the only other studies evaluating fungi in NYC also found that arbuscular 

mycorrhizal fungi were distinct in different green spaces (McGuire et al. 2013), 

suggesting that this functional guild of fungi is strongly structured by microsite 

conditions. The only family of fungi found to be indicative of medians was a member of 

the class Saccharomycetes and the families indicative of parks were a Leotimycetes and 

a Sordariomycetes. Both of those families are associated with growth on dead wood.  

In contrast to the fungi, bacterial richness did not differ between parks and 

medians nor did it correlate with habitat size; however, bacterial composition did differ 

between parks and medians, albeit subtly. The pattern in richness is interesting in terms 

of the basic biology of bacteria, because it suggests that there is both very effective 

dispersal and sufficient environmental heterogeneity—even at these small scales—to 

maintain relatively high diversity. The imperfect overlap between parks and medians in 

composition may be due to differences in the microhabitat of these sites and the novel 

microhabitats and resources present in medians, including those associated with 

pollution, such that a significant number of bacterial taxa (>20%) were only present in 

medians. Interestingly, while Ramirez et al. (2014) documented an elevated abundance 

of pathogens in Central Park relative to a global dataset, we did not find a concomitant 

difference in abundance between parks and medians. Medians (and, in our dataset, 

parks) are unlike indoor environments, which are dominated by human-associated 

microbes (Lax et al. 2014). This is true even though the medians are, in many cases, just 
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feet above the subway system in which human-associated microbes are most abundant 

(Afshinnekoo et al. 2015). 

For ants, differences in composition appear associated with differences in 

function (e.g., how fast discarded food is removed; Youngsteadt et al. 2015). The same 

might be true for microbes; a key next step is directly assay microbial function in these 

habitats as a function of composition and diversity. Experimental loss of diversity and 

simplification of soil communities has recently been shown to lead to changes in 

decomposition, nutrient retention, and nutrient cycling as well as affecting aboveground 

plant communities in grassland microcosms (Waag et al. 2014). Assaying function is 

particularly important in these urban soils because urbanization has been found to lead 

to enhanced carbon cycling rates, altered regional carbon budgets, and heightened soil 

respiration in lawns relative to adjacent native and agricultural systems (Kaye et al. 

2005), but it is unknown whether these changes were due to changes in bacterial 

composition, fungal composition or simply the physiology of key species. Additionally, 

green roofs have been found to harbor many fungi that are associated with organic 

contaminants, but it is unknown if these taxa are present because they are resistant to 

pollutants or because they are actively involved in degradation (McGuire et al. 2013). 

We found some of these contaminant-associated taxa in our samples but only at very 

low abundance and with no relationship to habitat type (data not shown).  
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Beyond the potential for differences in function, our results also have 

implications both for conservation and for human health. The finding that increased 

urban stress does not reduce bacterial or fungal diversity relative to parks implies that 

cities may have very different consequences with regard to microbial conservation 

relative to the conservation of animals and plants. In fact, the presence of unique taxa 

found only in medians highlights the possibility that extreme habitats, even if they are 

man-made, can have unique conservation value. Nevertheless, these extreme sites could 

not serve as replacements if we were to lose less urbanized spaces. Conservation of the 

diversity and function of soil microbial communities will need to involve, but also 

extend beyond, urban sites.  

It has been shown that the psychological benefits that humans gain from 

encountering urban greenspaces increase with the species-richness of these greenspaces 

(Fuller et al. 2007). The medians in New York (and we suspect similar patches of habitat 

in other megacities) are sufficiently extreme to reduce diversity, even of disturbance-

tolerant taxa such as ants. Thus the public, who encounter nature primarily in such 

patches (Dunn et al. 2006), are left with a narrow set of visually observable species with 

which to engage. Surprisingly, even this narrow set is relatively poorly studied—for 

example, one of the most common ant species in the medians does not have a species 

name and one has only been studied three times in North America (Savage et al. 2015). 
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We know of no evidence that the diversity of microbes has psychological benefits 

(though one might imagine such benefits via the influence of microbes on volatile 

chemicals and, more generally, the odor of soils and plants). However, in the context of 

human health, it has been suggested that a reduced exposure to a diversity of microbes 

predisposes children in modern, developed environments to autoimmune disorders 

(e.g., Riedler et al. 2001, Hanski et al. 2012). Our results suggest that if such an effect does 

exist it is likely not simply due to people in developed areas having lower diversity of 

soil microbes in their environment. Much of the diversity of the bacteria found in the 

world is present in Central Park (Ramirez et al. 2014) and the diversity of bacteria in the 

medians and in Central Park is similar (this study). Instead, it may be differences in 

exposure to environmental microbes or the identity of the environmental microbes 

present between rural and developed areas that contributes to altered immune 

development.  

1.4.1 Conclusion 

 Our results indicate that how we think about a global theory of diversity needs 

to be adjusted when we include microbes. The scale of both movement and habitat are 

critical elements affecting which individuals are able to reach and thrive in stressful 

environments, like those commonly found in cities. As stressful habitats become more 

common due to human development and global climate change (Grimm et al. 2008, 

Niemelä et al. 2011, Elmqvist et al. 2013), a cohesive theory about how diversity changes 
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in these environments will be crucial. Birds, mammals, and even insects may respond 

strongly to the stresses of urban life, but smaller organisms may not be as responsive. 

This difference may, in part, be one of scale. Relative to an individual bacterial cell, a 

street median is still enormous, virtually a continent of heterogeneity. Therefore, 

forecasts of impact on microbial responses to environmental change may need to 

consider different spatial grains and extremes than those typically evaluated in the 

context of macroorganisms. This task may prove challenging. Yet, because microbial 

taxa play an outsized role in major ecosystem services, it is also crucial to include them if 

we are to fully understand global change. 
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2. Plant community and soil conditions individually 
affect soil microbial community assembly in 
experimental old-field microcosms 

2.1 Introduction 

Soil microbial communities are among the most diverse microbiomes on the 

planet (Curtis et al. 2002, Wardle 2002), reflecting great heterogeneity within and 

between sites. These communities are critical for ecosystem functioning including 

nutrient acquisition, nutrient cycling, and soil formation (van der Heijden et al. 2008). 

Through their ecosystem effects, as well as direct interactions, soil microbes play an 

outsize role in determining plant productivity and diversity (van der Heijden et al. 2008, 

Klironomos et al. 2011). Because of their functional importance, as well as their 

monumental diversity, we need to understand what shapes soil microbial communities 

and, in particular, how they assemble.  

To date, efforts have been applied to describe relationships between alpha- and 

beta-diversity with environmental parameters. Alpha diversity of soil bacteria has been 

associated with edaphic conditions, most notably pH (Fierer and Jackson 2006), but not 

plant diversity or composition (Fierer and Jackson 2006, Wardle 2006, Prober et al. 2014). 

The evidence for other predicted diversity relationships are more mixed, for example 

elevational gradients have been observed (Bryant et al. 2008) and not observed (Fierer et 

al. 2012).  
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There are often multiple factors that structure bacterial community beta-diversity 

in soils. Composition is associated with edaphic conditions including pH (Fierer and 

Jackson 2006, Hogberg et al. 2007, Lauber et al. 2008, Lauber et al. 2009, Rousk et al. 

2010), carbon mineralization rates (Fierer et al. 2007), and C:N (Hogberg et al. 2007), but 

pH seems to explain the most variation in surveys across continental scales (Fierer and 

Jackson 2006, Rousk et al. 2010). Biotic factors, in particular the plant community, can 

also play a role in shaping microbial composition—both directly and indirectly by 

altering edaphic conditions (Wardle et al. 2004, van der Heijden et al. 2008). Significant 

relationships between plant and bacterial composition are often found, and, within 

biomes, the plant communities often predict microbial beta-diversity more than edaphic 

factors (Mitchell et al. 2010, Prober et al. 2014, Barberán et al. 2015b). It is, of course, 

possible for both abiotic and biotic factors to shape microbial community composition 

conjointly (e.g., Mitchell et al. 2010, Prober et al. 2014, Barberán et al. 2015b), but in some 

studies only one or the other dominates (e.g., Cline and Zak 2015). These inconsistencies 

may reflect site specificity of variation or differences in the scale at which each force 

structures communities.  

Soil microbial communities are not made up solely of bacteria, however. The 

fungal communities in soil are shaped by similar forces as bacteria but are often found to 

be less affected by pH and more by plant cover (Rousk et al. 2010, Cline and Zak 2015). 

This is often explained as reflecting greater tolerance of wide pH ranges and more direct 
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interactions with plant hosts. In contrast, little is known about archaea in soils and how 

they may or may not behave like bacteria (although see Leff et al. (2015) for discussion of 

archaeal responses to N fertilization).  

To date, studies on the drivers of microbial composition have primarily relied on 

surveys of natural communities across pre-existing gradients. Such observational 

approaches are limited, though, in their ability to disentangle drivers of patterns from 

covariation and can also suffer from misdirected causality. Direct tests of the 

relationships shaping microbial communities are still generally lacking, although recent 

efforts have begun to corroborate observational research. In particular, experimental 

fertilization studies have captured consistent responses in microbial biomass, function, 

and composition, although rarely diversity, in response to nitrogen addition (Frey et al. 

2004, Ramirez et al. 2010, Ramirez et al. 2012, Leff et al. 2015). Explorations of other 

potential drivers have been limited, primarily focusing on responses to climate change 

(Zhang et al. 2005, Waldrop and Firestone 2006, Castro et al. 2010, Liang et al. 2015). 

Furthermore, experiments manipulating multiple potential drivers are even more rare 

(but see: Castro et al. 2010, Shen et al. 2014, Lee et al. 2015). The most extensive survey of 

fertilization effects on grasslands did test for correlations between the magnitude of 

bacterial response to the soil and plant changes and found that the variation in bacterial 

composition was directly related to the magnitude of shifts in plant community 

composition more so than edaphic changes or changes in productivity (Leff et al. 2015). 
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This finding suggests that at a local scale, or under meaningful disturbance regimes, 

plant community composition may be more important than edaphic characteristics for 

determining microbial composition. 

 Here we used an experimental microcosm setup to directly assess the relative 

importance of biotic and abiotic variability in shaping non-eukaryotic microbial 

(bacterial and archaeal) community assembly. The microcosms varied in site across a 13° 

latitudinal gradient, with replicated manipulations of soil conditions and plant 

composition within sites, to capture various manifestations of old-field succession. 

Recently, Cline and Zak (2015) found that that edaphic conditions were more predictive 

of bacterial community structure than changes in plant communities in old-fields. Their 

study, which was the first to use amplicon sequencing to query composition in old-field 

soils, provides a crucial insight into how secondary succession affects microbial and 

plant communities conjointly, but it is limited by its space-for-time substitution design. 

Explicit tests of the relative importance of biotic and abiotic factors require multi-

factorial experimental designs such as the approach we employed. This experiment 

specifically allows us to determine whether edaphic factors or dominant vegetation 

determine microbial diversity (or maybe composition) and their relative strength across 

sites.  
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2.2 Methods  

2.2.1 Experimental design 

Parallel experiments were established at five sites across the eastern United 

States in spring 2012 to explore soil, competition, and climate impacts on old-field 

succession. We chose sites that spanned nearly the extent of the Eastern Deciduous 

Forest (Braun 1950) and that vary in average temperature (Table 2). At each site, we set 

up raised beds with randomly assigned set soil and herbaceous community treatments 

in a fully factorial design (Figure 26). There were 6 replicates of each treatment arranged 

in blocks. Beds had holes drilled in the bottom to allow for drainage but were placed on 

top of woven landscape cloth to isolate them from the native soil and limit weed growth 

between beds.  

Table 2: Average site conditions. 
Table	1

Site Locality Latitude	

Average	

T(max)	°C

Average	

T(min)	°C

Precipitation	

(cm)

SYR Syracuse,	NY 43°	20' 13.8 3.2 104

IES Millbrook,	NY 41°	47' 15.8 4.4 131

HMF Franklin	Township,	NJ 40°	30' 17.5 6.2 122

NC Durham,	NC 36°	00' 21.6 8.6 119

FL Tallahassee,	FL 30°	40' 26.5 13.4 139
 

2.1.1.1 Soil treatments 

Prior to addition of vegetation, each bed was filled with a randomly assigned soil 

treatment. These treatments consisted of a gradient of four soil textures (100% topsoil; 

75:25 topsoil: sand; 50:50 topsoil: sand; and 25:75 topsoil: sand). Topsoil was sourced 
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from local commercial sources, and so there were site differences in macro- and micro-

nutrient availability. Nevertheless there were generally consistent trends in pH 

(measured with Hach (Loveland, CO) pH meter), soil moisture (calculated as function of 

difference between fresh soil mass and oven dried soil mass as a function of fresh soil 

mass), soil organic matter (calculated as function of difference between oven dried soil 

mass and muffled dried soil mass as a function of oven dried soil mass), phosphorous 

(measured in Melich III extracting solution on Beckman-Coulter (Brea, CA) 

Spectrophotometer), and cation availability (measured in Melich III extracting solution 

on atomic absorption spectrometer (Perkin Elmer, Waltham, MA)) between the 

treatments at all sites (Table 3). At the end of the experiment, there were consistent 

trends in variation in nitrogen content, measured as C:N ratio using a Carlo Erba 

(Lakewood, NJ) Elemental Analyzer with zero-blank autosampler, between treatments 

at all sites (Table 4). 

2.1.1.2 Vegetation treatments 

There were three herbaceous community treatments: bunchgrass dominated 

(including Andropogon virginicus and Schizachyrium scoparium), Solidago dominated 

(including S. altissima and S. nemoralis), or control plots, which were weeded bi-annually 

for the first two years of the experiment and then allowed to seed from the surrounding 

old-field. The vegetation treatments were chosen to emulate two stages in old-field 

succession and included plants present along the latitudinal gradient (Fridley and 
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Wright 2011). Bunchgrasses were started in a greenhouse and then shipped as plugs to 

all sites. Solidago rhizomes were collected from Durham, NC (S. altissima) and Syracuse, 

NY (S. nemoralis) and kept on ice and in the dark for shipment to all of the sites for 

transplant. Herbaceous treatments were randomly assigned and transplant occurred in 

spring 2012 with a subsequent addition of Solidago rhizomes in fall of 2013. In fall 2013, 

all pools received an addition of woody species seeds.  

2.1.1.3 Sample collection 

Three and a half years after establishment of the pools, soil cores (2.5cm x 10cm) 

were collected from all grass and Solidago pools at all sites between September and 

December 2015. In addition, we collected soil cores from the control pools at the NC and 

SYR sites. Soil cores were stored on ice immediately after collection and preserved at -20 

C. The soil corer was cleaned with ethanol between pools. All samples were processed 

at Duke University.  

2.2.2 Assessment of microbial community composition and diversity 

Microbial community diversity and composition were assessed using targeted 

amplicon sequencing of the 16S rRNA gene for Bacteria and Archaea domains. Soil cores 

were homogenized and passed through a 2mm sieve. DNA was extracted from ~0.25g 

soil using the PowerSoil DNA extraction kit (Mo Bio Laboratories, Inc.) following 

manufacturer’s instructions. The V4 region of the 16S rRNA gene was amplified, 

cleaned, and quantified using custom barcoded primers (515f/806r primer pair; 
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Caporaso et al. 2011)  following published protocols (Caporaso et al. 2011, Caporaso et 

al. 2012, Maurice et al. 2013). All samples were sequenced in a single MiSeq lane with 

paired end 250bp reads and reagent kit v3 (Illumina, San Diego, CA). Raw sequence 

data were processed using scripts from QIIME version 1.8 (Caporaso et al. 2010). 

Operational taxonomic units (OTUs) were picked at 97% similarity against the 

Greengenes reference database (DeSantis et al. 2006). We discarded all samples with 

fewer than 5000 reads per sample for insufficient sequence coverage. The 16S rRNA 

nucleotide sequences generated in this study can be downloaded from the European 

Nucleotide Archive under study PRJEB14323. 

2.2.3 Statistical analyses 

Microbial diversity including both archaea and bacterial OTUs was calculated as 

Shannon diversity, the preferred method for microbial sequence data from complex 

communities (Haegeman et al. 2013), and OTU richness. We performed Kruskal-Wallis 

tests to determine whether there were significant differences in diversity among sites. 

We used linear mixed effect models to test for the effects of soil and herb treatment 

(fixed effects) with site and block as random effects. Here we report P values of 

ANOVAs comparing the null and treatment models 

We used permutational multivariate ANOVA (PERMANOVA) to test for 

significant shifts in overall community composition (including both bacterial and 

archaeal OTUs) between sites and in response to experimental treatments. A Bray-Curtis 
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dissimilarity matrix computed from square-root transformed abundance was used to 

represent community composition. First, we tested for differences due solely to site-to-

site variation. Then, soil and herb treatments were used as predictor variables with site 

as “strata,” which limits permutations to within sites, and block as a random effect. The 

interaction term between soil and vegetation was not found to be significant, and so we 

did not include it in the final model.     

To test for differences in relative abundance at higher taxonomic levels, we used 

linear mixed-effects models with soil and herb treatment as fixed effects and site and 

block as random effects. Tests were run on phyla representing on average more than 2% 

relative abundance. We compared between models including soil treatment and/or herb 

treatment with a null model only including the random effects. No interaction terms 

were ever found to be significant. Here we report P values of ANOVAs comparing the 

null and treatment models with a Bonferroni multiple hypothesis correction. We also 

performed Kruskal-Wallis tests to determine whether there were significant differences 

among sites.  

We computed the physical distances between pools and compared these to the 

compositional differences within a site to assess the impact of physical proximity on 

community similarity. We used a Mantel test to calculate the spearman correlation 

between the physical distance matrix and the Bray-Curtis dissimilarity matrix computed 

from square-root transformed OTU abundance. 
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All statistical tests were carried out in R (version 3.2.3; R Core Team, 2015). 

Linear mixed effect models were computed using the lme4 package (Douglas Bates, R). 

PERMANOVA was implemented with the ‘adonis’ function and mantel tests with the 

mantel function in the vegan package (Jari Oksanen, R).  

2.3 Results  

2.3.1 Diversity patterns 

There was significant between-site variation in Shannon diversity (p<0.001, 

Kruskal-Wallis test; Figure 5A) regardless of treatment. We also observed a greater than 

4-fold range of richness, which also significantly varied between sites independent of 

treatment (p<0.001, Kruskal-Wallist test; Figure 5D). However, diversity (Shannon or 

richness) was not significantly associated with soil (p>0.05, Figure 5B,E) or herb 

treatment (p>0.05, linear mixed effects model likelihood test; Figure 5C,F). 

2.3.2 Compositional patterns 

 In contrast, microbial community composition responded significantly to both 

treatments. While a majority of variation between samples was contributed by site-to-

site variation (R2=0.515, p=0.001, PERMANOVA; Figure 27), we still observed significant 

treatment effects once we had controlled for site. Herb treatment explained a greater 

proportion of the remaining variation (R2=0.034, p=0.001, Figure 6A) than did soil 

treatment (R2=0.022, p=0.001, PERMANOVA; Figure 6B). We observed no significant 

interaction between herb and soil treatments. 
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Figure 5: Microbial diversity varies with site but not by treatment. Boxplots of microbial Shannon diversity between sites (A), 

soil treatment (B), and herb treatment (C); richness between sites (D), soil treatment (E), and herb treatment (F). Only site has 

a significant effect on diversity metrics (P<0.05, Kruskal-Wallis test). Boxplots show quartiles.
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Figure 6: Microbial community composition differs between experimental treatments. Nonmetric multidimensional scaling 

ordinations illustrating differences between total microbial communities based on herb treatment (A) and soil treatment (B). 

Points indicate individual beds and are colored by treatment. R2 and P values refer to PERMANOVA results.
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Some of those compositional differences were driven by high-level taxonomic trends 

between treatments. Herb treatments were associated with shifts in the relative 

abundance of Actinobacteria (P=0.02), Planctomycetes (P=0.002), and Firmicutes  

(P<0.001, linear mixed effects model likelihood test; Figure 7A). Increasing sand content 

in the beds was associated with higher Bacteroidetes (P<0.001) and Cyanobacteria 

(P=0.03) relative abundance as well as a decrease in Acidobacteria (P<0.001, linear mixed 

effects model likelihood test; Figure 7B). No models supported significant interactions 

between soil and herb treatment. Proteobacteria, Verrucomicrobia, and 

Gemmatimonadetes were the only other phyla with more than 2% average abundance, 

but none were associated with soil or herb treatment. All phyla did significantly vary by 

site (P<0.001, except Planctomycetes P=0.02, Kruskal-Wallis test; Figure 28).  

Archaea represent much less of the community (2.15% 2.48) than bacteria, but 

they also vary significantly between sites (P<0.001, Kruskal-Wallis test) and treatment. 

Correcting for site-to-site variation (Figure 27), we observed a relationship between total 

archaeal relative abundance and herb treatment (P=0.03, linear mixed effects model 

likelihood test). For the two most abundant archaeal phyla, we observed an effect of 

herb treatment on Crenarchaeota (P=0.03; Figure 7C) and an effect of soil treatment on 

Euryarchaeota (P=0.001, linear mixed effects model likelihood test; Figure 7D).  

To determine if nearby pools were more similar, we compared physical distance 

matrices to community dissimilarity matrices. At four of the five sites, physical  



 

 67 

 

Figure 7: Relative abundance of some higher-level taxa respond to experimental 

treatment. Bacterial taxa differ based on herb (A) and soil treatment (B). Archaeal 

taxa also differ based on herb (C) and soil treatment (D). Boxplots show quartiles. 

Only taxa with greater than 2% average abundance are shown. * indicates P<0.05 

for linear mixed effects model likelihood test comparing models including treatment 

to those only including site. 
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proximity was not associated with increased compositional similarity (p>0.05, Mantel 

test). At the Syracuse site, physical distance was significantly correlated with square root 

transformed Bray-Curtis dissimilarity (Mantel statistic r=0.14, significance=0.019). This 

result indicates that beds closer together in space were more similar in composition. 

2.4 Discussion  

This work is among the first to report a fully factorial experiment documenting 

the effects of biotic and abiotic conditions on soil community assembly. After controlling 

for the large between-site effects, we observed significant influence of both treatments 

on composition, but plant community composition explained more of the variation in 

beta-diversity. In contrast, while we documented site-to-site variation, we found no 

significant influence of soil or herb treatment on alpha-diversity.  

Microbial community assembly, like all ecological community assembly, is 

mediated by the forces of selection, dispersal, diversification, and drift (Nemergut et al. 

2013). In many ways, microbial assembly resembles plant primary succession (Fierer et 

al. 2010), but the impact of dormancy and rapid evolution, as well as the immense 

diversity of microbes, can elicit unique patterns. Furthermore, the feedbacks between 

microbes and plants may be critical for the development of both communities (e.g.,  

colonization of plants associated with nitrogen-fixers in glacial forelands (Matthews 

1992)). In this study, we were able to isolate the effects of plant communities and soil 

conditions to explore their relative importance for soil bacteria and archaea. By allowing 
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multiple years to pass after establishing the experimental beds, we could allow some 

succession to play out and the effects of our treatments to more fully manifest. 

Furthermore, the predominant lack of local scale spatial signal indicates that dispersal 

between beds was not an important factor, further accentuating the impact of our 

treatments.  

The microcosms received microbial inocula that were similar between pools 

within a site, including microbes sourced from the soil and the transplanted plants. Site-

to-site variation (the largest variation we observed in this dataset) was likely driven by 

differences in the soil sourced inocula because different commercial soils were used at 

each site. In addition, sites varied in climate including temperature and precipitation 

throughout the experiment, which may have contributed to continued divergence 

between sites during assembly. Nevertheless all of our soil communities were 

dominated by members of eight out of the nine phyla that are most often encountered in 

soil (Janssen 2006), and so are likely representative of how natural soil microbial 

communities can respond to abiotic and biotic conditions. Our analyses, which corrected 

for site-to-site variation, were focused on determining the relative impact of those 

conditions on local assembly of microbial communities.   

The variation in microbial composition due to plant community type manifested 

in both bacterial and archaeal taxa. Crenarchaeota, which were the most abundant 

archaea by an order of magnitude, were relatively more common in the grass-dominated 
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plots. Crenarchaeota include ammonia oxidizers and have been suggested to play 

important functional roles in carbon metabolism (Kemnitz et al. 2007) and nitrogen 

cycling in soils (Schauss et al. 2009, Gubry-Rangin et al. 2010). They are known to 

respond positively to nitrogen addition (Leff et al. 2015), and diversity within the 

Crenarchaeota has also been shown to increase during primary succession (Nicol et al. 

2005). That increase was associated primarily with changes in niche availability but not 

changes in plant species, which differs from our result that abundance of Crenarchaeota 

is associated with grass rather than Solidago dominated plots. 

The three bacterial phyla that responded to vegetation treatment were 

Actinobacteria, Firmicutes, and Planctomycetes. Actinobacteria are generally considered 

to be copiotrophic and typically increase in response to soil fertilization (Ramirez et al. 

2010, Leff et al. 2015). The variation here—highest abundance in control pools and 

lowest abundance in Solidago pools—may be related to this life history strategy, or other 

non-resource mediated mechanisms. The roles of Firmicutes and Planctomycetes in soil 

are less well understood (Buckley et al. 2006, Fierer et al. 2007), but these results indicate 

that future work should focus on their interactions with plant communities. 

Experimental Solidago invasion has been shown to alter microbial biomass (increasing 

fungal/bacterial ratio) in wetland soils (Scharfy et al. 2010), but to our knowledge no 

research has been conducted on Solidago associations with specific soil microbial taxa. 

Our results suggest that such research would be fruitful. Grass identity has not been 
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found to affect experimental microbial communities (Singh et al. 2007), but the 

difference between grass and forb associated microbial community composition has not 

been tested previously (although see Stephan et al. (2000) for discussion of functional 

diversity varying between grass and forb communities). The presence of fungi has been 

shown to alter plant competition between grasses and forbs (Marler et al. 1999, Callaway 

et al. 2003); our results here suggest that the identify of plants may also mediate 

interactions between microbes. More generally, because herb treatment explained 

relatively more of the variation in the composition dissimilarity matrix but was only 

significant in less abundant phyla, further exploration of the fine-scale variation in 

communities in response to changes in plant composition will be necessary.  

 The taxonomic responses to soil treatment were observed in an entirely different 

suite of bacteria and archaea. Euryarchaeota decreased in abundance with increasing 

sand content. This result is contrary to what we might expect given that Euryarchaeota 

includes N-fixing methanogens which are at a competitive advantage under low 

nitrogen conditions (Leff et al. 2015). Similarly, we might have expected Acidobacteria, a 

largely oligotrophic phylum, to decrease with increasing nitrogen content (i.e., 

increasing topsoil content; Ramirez et al. 2010, Leff et al. 2015) and Bacteroidetes, a 

copiotrophic phylum (Fierer et al. 2007), to increase, but we found the opposite. Our 

results indicate that more than just nitrogen variation between our soil treatments was 

likely driving compositional variation in response to soil treatment. Finally, 
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Cyanobacteria were fairly consistent except for a marked increase in abundance in the 

75% sand beds, which may be due to increased light availability in the upper soil crust.  

Similar to previous work (e.g., Fierer and Jackson 2006, Wardle 2006, Prober et al. 

2014), microbial diversity did not respond to experimental plant treatments. The lack of 

soil effect here, which contradicts findings elsewhere (Fierer and Jackson 2006), may be 

due to the relatively small experimental effects on pH relative to inter-site variation 

(Table 3).  

 None of our analyses identified interactions between the soil and plant 

treatments. Previous research has found interactions between plant species and soil 

fertility on microbial functioning (Innes et al. 2004). In contrast, our result indicates that 

the microbial community composition may be disjunct in its response to drivers. Future 

experiments may not need to be fully factorial, therefore, but multi-driver experiments 

will certainly be necessary to identify all the relevant forces structuring microbial 

assembly. Many experiments to date have focused on nitrogen addition (Frey et al. 2004, 

Ramirez et al. 2010, Ramirez et al. 2012, Leff et al. 2015) and simulating climate change 

(increased temperature and CO2, decreased soil moisture; e.g., Waldrop and Firestone 

2006, Castro et al. 2010). These experiments are certainly crucial to predict responses to 

expected global changes due to human activities. However, our understanding of 

assembly and structure of these communities is still incomplete enough to require 
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additional basic experiments to supplement the extensive observational biogeography 

data (Fierer and Jackson 2006, Hogberg et al. 2007, Barberán et al. 2015b).  

2.4.1 Conclusion 

Understanding the forces that shape microbial communities from a basic 

perspective is crucial for understanding global biogeochemical cycles and how they will 

be impacted by anthropogenic change. Here, we were able to dissociate the effects of 

changes in biotic and abiotic conditions to identify their separate impacts. Notably, 

while much research has focused on nutrient addition or other changes in soil 

conditions, we found that plant community composition explained more variation than 

edaphic treatment at a local scale. Additional research will be necessary to understand 

the mechanism by which plants shape microbial composition and functioning in order 

to resist change under altered climate and nutrient regimes.  

 



 

 74 

3. Mammals both induce and attenuate microbial 
nitrogen limitation in the large intestine 

3.1 Introduction 

The mammalian large intestine is typically considered a hospitable environment 

for microbes. Colonic microbial communities are among the densest on the planet (~1013 

cells from hundreds to thousands of species) (McFall-Ngai 2007, Sender et al. 2016) and 

are full of active, functioning cells (Lennon and Jones 2011); they aid in host nutrient 

acquisition, waste processing, pathogen resistance, and immune regulation (Fuller and 

Reeds 1998, Backhed et al. 2005, Hooper and Macpherson 2010). Relative to elsewhere in 

the gut, the large intestine has a more neutral pH, larger volume, and longer retention 

time, leading to a greater proliferation of microbes (Walter and Ley 2011). At the same 

time, the host’s primary uptake of dietary proteins, fatty acids, and simple 

carbohydrates occurs in the small intestine (Borgstrom et al. 1957, Carmody and 

Turnbaugh 2012). We therefore hypothesized that concentrations of essential elements 

are diminished, especially relative to demand, and become limiting for growth of the 

microbiota in the large intestine.  

Nitrogen is likely to be among the limiting nutrients for bacteria in the large 

intestine, or colon, as it is for myriad organisms in diverse environments worldwide 

(Elser et al. 2007). Animals are among the organisms that can be nitrogen limited and 

have therefore evolved multiple physiological strategies to capture sufficient nitrogen  
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from food (Fuller and Reeds 1998), including peptide transport systems (Gardner 1988), 

precise regulation of amino acid transporters (Ferraris and Carey 2000), and the 

cultivation of obligate symbionts to furnish additional nitrogen (Vecherskii et al. 2006, 

McCutcheon et al. 2009). Studies using germfree mammals have demonstrated that the 

microbiota can significantly increase the protein requirement of their hosts (Wostman 

1981). Because bacterial cells have even higher nitrogen requirements than do eukaryotic 

cells (Sterner and Elser 2002), and because hosts are able to access nitrogen before 

colonic microbes, nitrogen limitation is likely to constrain bacterial population growth 

and community composition in the mammalian gut.  

If nitrogen is limiting for the bacteria in the large intestine, we predict a 

mismatch between the carbon:nitrogen (C:N) ratio of gut microbes and digesta or feces. 

Elevated C:N in a microbial environment, relative to the C:N ratio of microbial cells, 

indicates that large amounts of food must be processed to gain sufficient nitrogen for 

cell maintenance and growth (Sterner and Elser 2002). Excess digested carbon must then 

be excreted to maintain the stoichiometric balance required, which in turn is expected to 

diminish growth efficiency (Elser et al. 2000). Because the range of carbon content in 

organisms is generally narrow, C:N is a effective indicator of overall nitrogen 

availability (Sterner and Elser 2002). Thus, if the C:N ratio of gut contents, including 

both microbial cells and environmental material, is higher than microbial C:N, nitrogen 

is likely to be stoichiometrically limiting for microbial growth in the gut.  
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3.2 Methods 

3.2.1 Animal studies 

3.2.1.1 Mouse experiments 

All animal experiments were conducted at in accordance with National Institute 

of Health Guide for the Care and Use of Laboratory Animals using protocols approved 

by the Duke University Institutional Animal Care & Use Committee. Male C57BL/6 mice 

(Charles River Laboratories) 8-10 weeks of age with a native microbiota were used for all 

manipulative experiments. Mice were kept in a conventional laboratory animal facility 

at Duke University.  

3.2.1.2 Other animal studies 

Yellow baboon (Papio cynocephalus, n=8) feces were collected from free-living 

baboons living in the Amboseli basin of Kenya. Freshly-dropped samples are collected 

within minutes when a known animal is observed defecating. The sample was 

homogenized and then stored in 95% ethanol at a 2.5:1 ratio of ethanol to feces for 

transportation to the University of Nairobi. There the ethanol was allowed to evaporate 

off and then the sample was stored at -20 °C until freeze-drying at 30mTorr to below -

50°C. Samples were then sifted and stored at -80 °C until processing for elemental 

analysis. Gut length was extracted from data on olive baboon (Papio anubis) (Stevens and 

Hume 1995). 
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Gunther’s dik dik (Madoqua guentheri, n=10), impala (Aepyceros melampus, n=10), 

domestic Boran cattle (Bos indicus, n=10), cape buffalo (Syncerus caffer, n=10), plains zebra 

(Equus quagga, n=10), Grevy’s zebra (Equus grevyi, n=9), African elephant (Loxodonta 

africana, n=10), southern white rhinoceros (Ceratotherium simum, n=5), vervet monkey 

(Chlorocebus pygerythrus, n=1), eastern black rhinoceros (Diceros bicornis, n=7), reticulated 

giraffe (Giraffa caemlopardalis reticulata, n=5), hippopotamus (Hippopotamus amphibious, 

n=5), crested porcupine (Hystrix cristata, n=2), white=tailed mongoose (Ichneumia 

albicauda, n=1), warthog (Phacochoerus africanus, n=6), rock hyrax (Procavia capensis, n=2), 

aardwolf (Proteles cristata, n=1) samples obtained from the Mpala Research Centre and 

Conservancy in Kenya during both wet and dry seasons, following previously published 

methods for the analysis of ungulate diets (Kartzinel et al. 2015). Season did not 

significantly affect C:N (P=0.34, Mann-Whitney U test), and so all data were combined 

for further analyses. Gut length was identified for Madoqua guentheri, Equus quagga, and 

Loxodonta africana (Stevens and Hume 1995) as well as cattle (species unspecified) 

(Kararli 1995). Only African Bos indicus data and not North American cattle (Bos taurus) 

were used for analyzing length and C:N relationships because the former are free 

ranging and have ultimate control over their dietary intake. 

Domestic sheep (Ovis aries, n=10), horse (Equus ferus caballus, n=4), and cattle (Bos 

taurus, n=10) samples were obtained from farms in New Jersey, USA as part of this same 
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study (Kartzinel et al. 2015). Gut length was identified for Ovis aries (Stevens and Hume 

1995) and Equus ferus caballus (Kararli 1995). 

Meerkat (Suricata suricatta, n=9) samples were collected from a wild population 

in South Africa’s Kalahari desert.  

Healthy human subjects (n=5) with no use of antibiotics within the past year 

provided a single donation of stool with informed consent following a protocol 

approved by the Duke Internal Review Board. Subjects collected samples by placing 

disposable commode specimen containers (Claflin Medical Equipment, Warwick, RI) 

under their toilet seats before bowel movements. Intact stool samples (~10g) briefly 

stored in personal −20 °C freezers before transport to the laboratory for long term 

storage at -80 °C in sterile collection tubes. Gut length data was taken from a previous 

report (Stevens and Hume 1995). 

Snowshoe hares (Lepus americanus, n=15) adults, collected from wild populations 

in Washington and Montana, were kept in a photoperiod and temperature controlled 

research facility at the NCSU College of Veterinary Medicine. Samples were collected 

within 8 hours of defecation and frozen at -20 °C. Gut length was extracted from data on 

European rabbit (Oryctolagus cuniculus) (Stevens and Hume 1995). 

Grey mouse lemur (Microcebus murinus, n=8) and Aye-aye (Daubentoia 

madagascariensis, n=4) adults were housed in a breeding colony at the Duke Lemur 

Center. Fecal samples from mouse lemurs were collected fresh during regular technician 
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handling during the non-torpor season then stored at -80 °C. Fecal samples from aye-

ayes were collected after an individual was observed defecating then stored at -80 °C.  

Prairie vole (Microtus ochrogaster, n=10) adults (4-5 months old) were sampled 

from a breeding population housed at NCSU for genetic and behavioral studies. Voles of 

both genders in either single or group housing had feces collected fresh during normal 

technician handling. Gut length was extracted from data on meadow vole Microtus 

pennsylvanicus) (Stevens and Hume 1995). 

Dog samples (Canis lupus familiaris, n=5) were collected from a genetic model 

population of glycogen storage disease. Samples were collected fresh following feeding 

and then were prepared immediately for analysis. Gut length data was extracted from a 

previous report (Kararli 1995).    

WT mouse (Mus musculus) data was extracted from baseline, control animals 

(n=10) in the antibiotic experiments (see below). Gut length was extracted from the 

control values in a previous report (Aust et al. 2013). 

Germfree C57BL/6 mouse samples were collected in a sterile manner during 

regular technician handling from the National Gnotobiotic Rodent Research Center at 

University of North Carolina at Chapel Hill and from the Duke Vivarium. Samples were 

stored at -80 °C.  
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3.2.1.3 Whole gut samples 

Untreated mice were humanely sacrificed and then we immediately dissected 

out their complete gastrointestinal tract. For total gut content analyses (n=10), lumen and 

mucosal contents were scraped from the proximal small intestine, the distal small 

intestine, the cecum, and the large intestine. For compartment analyses (n=3), the lumen 

contents were washed gently then the mucosal layer was scraped from the epithelium.   

DNA from total gut samples was extracted using the MoBio PowerSoil extraction 

kit. To estimate total bacterial abundance, quantitative PCR was performed on fecal 

DNA using the following primers: forward, 5’-ACTCCTACGGGAGGCAGCAGT-3’, 

reverse, 5’-GTATTACCGCGGCTGCTGGCAC-3’ (Bergström et al. 2012). qPCR assays 

were run using SYBR FAST qPCR Master Mix (KAPA) on a 7900HT Fast Real-Time PCR 

System (Applied Biosystems, Foster City, CA). Ct values were standardized against a 

dilution curve of known concentration and then adjusted for the weight of fecal matter 

extracted.  

3.2.1.4 C:N analyses 

All samples were dried to constant weight at 72 C in a vacuum oven and then 

ground and homogenized. Samples were packed into aluminum cups and processed on 

a Carlo Erba (Lakewood, NJ) Elemental Analyzer with zero-blank autosampler except 

for Kenyan and New Jersey samples which were analyzed analyzed for δ13C and δ15N at 

the University of California Santa Cruz Stable Isotope Facility (Dumas combustion in a 
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Carlo Erba 1108 elemental analyzer coupled to a ThermoFinnigan (San Jose, CA) Delta 

Plus XP isotope ratio mass spectrometer). Fecal C:N measurements were conducted on 

whole feces which includes microbial cells, dietary material, host secretions, and 

sloughed host cells.  

3.2.1.5 Reconstructing large herbivore diets with DNA metabarcoding  

Grass typically has a higher C:N than woody plants and other herbs (Tjoelker et 

al. 2005) and so a diet rich in grass is expected to increase herbivore fecal C:N. Herbivore 

dietary composition was reconstructed using δ13C stable isotope data (Cerling et al. 2003) 

as well as DNA metabarcoding as in Kartzinel et al. (2015) on DNA extracted from the 

same African herbivore samples as prepared for elemental analysis. In short, DNA was 

extracted using the Zymo Xpedition Soil/Fecal Mini Kit and the composition of plant 

DNA was quantified through targeted amplicon sequencing of the chloroplast trnL-P6 

marker. Grass consumption by each herbivore was estimated using the relative read 

abundance (RRA) of the grass family, Poaceae, which is calculated as the proportion of all 

trnL-P6 sequence reads that were identified as grasses relative to non-grasses. These 

data are highly correlated with 13C enrichment (data not shown), a well-established 

proxy for the consumption of C4 grasses relative to C3 plants (i.e., trees, shrubs, and 

herbs) by herbivores in African savannas (Cerling et al. 2003, Kartzinel et al. 2015). 

The present analysis builds on data available from Kartzinel et al. (2015) in two 

ways. First, 4-5 additional fecal samples were collected from each of the 7 wild 
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herbivores at the same study site in Kenya during October 2014, and these were 

analyzed for C:N, δ13C, and DNA. Thus, there is a larger sample size. Second, the DNA 

metabarcode data were combined with raw data used in the analyses of Kartzinel et al. 

(2015). In conjunction with improvements in local plant DNA reference library used to 

identify trnL-P6 DNA sequences, which now includes 1,657 fertile plant vouchers (~427 

species), measures of grass RRA are based on this improved dataset are likely to 

improve accuracy of the estimates. For the subset of samples included in both analyses, 

however, estimates of grass RRA were highly correlated (R2 = 0.99). 

Our correlation between C:N and grass consumption (i.e., RRA and 13C) 

included five outliers with high C:N despite low grass content (Figure 9A,B). All of these 

points correspond to elephants, whose diets included large amounts woody trees (Acacia 

spp. RRA = 0.65±0.15), which likely included large quantities of bark and stem and thus 

exhibit exceptionally high C:N relative to grass consumption. Overall, however, the 

proportion of grass in an individual’s diet provides a proxy for diet quality.  

3.2.2 Gut isolate strain C:N  

The average C:N of bacterial strains is 4.671.38  based on published values. But 

these measurements have been carried out solely with environmental bacterial strains 

(Mouginot et al. 2014, Zimmerman et al. 2014). Here, we collected clonal population C:N 

values for 35 strains of 26 species of bacteria (Table 5). These species represent the five 

most abundant phyla in the mammalian gut (Ley et al. 2008).  
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Bacterial strains were isolated from a single human fecal donor or sourced from a 

commercial strain collection of gut isolates (ATCC; Table 5). Human gut isolate 

taxonomy was confirmed with whole 16s rRNA gene Sanger sequencing (27-f and 1492-r 

numbered according to E. coli reference (Frank et al. 2008)). Samples were cultured 

anaerobically at 37 °C on blood agar plates and checked for growth at 24 and 48 hours. 

These were then used to inoculate 5mL of modified Gifu Anaerobic Broth (mGifu; Gifu 

Anaerobic Medium (HiMedia Laboratories, Mumbai, India), 2mL/L hemin, 5mL/L 

menadione). The media has a C:N ratio of 3.77. After 24 hours of anaerobic incubation at 

37 °C, these liquid cultures were used to inoculate sterile 250 mL bottles containing 

150mL of mGifu. After another 24 hours of anaerobic incubation at 37 °C, OD600 levels 

of the cultures were measured using an Eppendorf BioPhotometer (Hamburg, 

Germany). If the OD600 levels did not exceed 1, cultures were re-incubated 

anaerobically for 24 hours. Once the OD600 levels exceeded 1, the bottle was removed 

from the incubator and centrifuged at 5000-7000 rpm for at least 10 minutes in an 

ultrafuge. The resulting supernatant was decanted. The pelleted cells were dried at 72 °C 

for 48 hours to a constant weight. The dried cells were then measured with a Carlo Erba 

Elemental Analyzer with zero-blank autosampler.  

3.2.3 Ex vivo experiments 

 Human stool from four healthy human donors was used to assay microbial 

growth response to substrate amendment. 2.5g freshly voided stool was homogenized in 
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25ml of a control (filtered deionized water); carbon source (C—glucose (5.6mM), xylan 

(12mM)); nitrogen source (N—ammonium chloride (18.7mM)); or complex nitrogen 

source (CN—mucin (4g/L), peptone (2g/L), L-threonine (0.4mM), or yeast extract (2g/L)). 

The incubations were sampled at the time of preparation to serve as a baseline and then 

again after 24 hours of growth at 37 °C in an anaerobic chamber. DNA was extracted 

from 750μl sample with the MoBio PowerSoil kit and then 16S rRNA copy number was 

quantified using qPCR as above (see Whole Gut Samples above). Growth after 24 hours 

was relativized to controls (growth in water using only resources naturally available in 

feces). Duplicate incubations were averaged for four individual human donors. Donor 

had no use of antibiotics within the past month and each provided a single donation of 

stool with informed consent following a protocol approved by the Duke Internal Review 

Board. Significant enrichment of growth was tested for by performing one sample t-tests 

for each substrate or substrate type (carbon, simple nitrogen, or complex nitrogen) with 

the null hypothesis that growth would not differ from controls (i.e., μ=1). See Figure 35 

for response to individual substrates.  

 Snowshoe hare (Lepus americanus; see above for husbandry conditions) feces from 

12 individuals was used to assay microbial response to substrate amendment that 

controlled for stoichiometry. A single fecal pellet was homogenized in 10ml deionized 

water that was supplemented either with 5mM glucose, 2mM ammonium chloride, or a 

combination thereof for a final C:N ratio of 5:1, 10:1 or 30:1. Incubations were sampled at 
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the time of preparation and then again after 24 hours of growth at 37 °C in an anaerobic 

chamber. DNA was extracted from 750μl sample with the MoBio PowerSoil kit and then 

16S rRNA copy number was quantified using qPCR. Growth after 24 hours was 

relativized to controls (growth in water using only resources naturally available in 

feces). Significant enrichment of growth was tested for by performing one sample 

Wilcoxon tests for each incubation condition with the null hypothesis that growth would 

not differ from controls (i.e., μ=1). 

3.2.4 15N Tracer experiments 

3.2.4.1 Tracer treatments 

To quantify microbial utilization of host and dietary nitrogen, we performed a 

stable isotope tracer experiment (Figure 30). All mice were fasted overnight and then 

offered chow with all protein sourced from Spirulina cells (Cambridge Isotope 

Laboratories, Tewksbury, MA) for one hour before being returned to normal mouse 

chow for four hours before sacrifice. The dietary treatment group (n=10) received one 

hour of chow with 15N labeled Spirulina and no other treatment. The secretion group 

(n=10) were offered 14N Spirulina chow for one hour before receiving 1.8umol 15N/13C 

threonine in autoclaved deionized water via a 50l lateral tail vein injection (Berry et al. 

2013). The control group (n=10) received 14N chow and a 14N/12C L-threonine (Sigma-

Aldrich) injection. The dual labeling (15N/13C) of injected threonine allows for 

differentiating between primary foraging of secretions (cells will be labeled with both 
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15N and 13C) and foraging of downstream products (e.g., ammonia) produced by primary 

foragers (cells will be labeled with only 15N) (Berry et al. 2013). The mice were randomly 

assigned a group, but researchers were not blinded to treatment during sample 

collection. The sample size was chosen following a power analysis to allow for β less 

than 0.1. 

Immediately after sacrifice, the gut contents were dissected out and all lumen 

and mucosal material was scraped from the large intestine and small intestine. Samples 

were homogenized for each compartment for each mouse. Of these gut contents, 2/3 

were immediately frozen for downstream metagenomic and elemental analysis; 1/3 were 

fixed in 2% PFA overnight at 4 °C and then washed in PBS before being stored at -20 °C 

in 40% PBS 60% ethanol until preparation for FISH.  

3.2.4.2 Bulk analyses 

We performed 16S rRNA gene amplicon sequencing using custom barcoded 

primers (515f/806r primer pair; Caporaso et al. 2011) following published protocols 

(Caporaso et al. 2011, Caporaso et al. 2012, Maurice et al. 2013). DNA was extracted from 

frozen samples using the MoBio PowerSoil DNA extraction kit. Sequencing was 

conducted on an Illumina MiSeq with paired end 250bp reads using the V3 kit. The 

experimental procedures did not result in significant differences in microbial 

community composition (P>0.05, PERMANOVA computed with adonis function in the 

vegan package (Jari Oksanen, R); Figure 31A). We did observe differences between the 
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large intestine and small intestine composition across all treatment groups (R2=0.60 

P=0.001, PERMANOVA).  

Samples were prepared as above for C:N analysis and sent to the Cornell Isotope 

Laboratory for isotope enrichment analysis on a ThermoFinnigan MAT Delta Plus 

paired with a Carlo Erba NC2500 elemental analyzer equipped with a low blank AS200 

auto-sampler. δ 15N and δ 13C values were calculated with the atmospheric air and 

Vienna Pee Dee Belemnite as a primary reference scales, respectively. Overall, both 

treatments produced significant enrichment relative to 14N controls (P<0.001, Kruskal-

Wallis test; Figure 31B) indicating that they could be used to track microbial uptake. 

Similar to the compositional patterns, bulk C:N measurements were not affected by 

treatment (P=0.09, Kruskal-Wallis test) but did vary between compartments (P=0.02, 

Mann-Whitney U test; Figure 31C).  

3.2.4.3 Single cell analysis 

Duplicate samples, randomly selected from each treatment group, were chosen 

for single cell analysis. Flushed gut contents fixed with 4% formaldehyde stored in a 

60% PBS/40% ethanol solution were used for fluorescence in situ hybridization (FISH) 

and nano-scale resolution secondary ion mass spectrometry (NanoSIMS) imaging. FISH 

was performed with fluorescently-labeled rRNA-targeted oligonucleotide probes(Berry 

et al. 2013) Bac303 (S-*-Bacto-0303-a-A-17-Cy3, 5’-CCA ATG TGG GGG ACC TT -3’) and 

Erec482 (S-*-Erec-0482-a-A-179-Cy5; GCT TCT TAG TCA RGT ACC G) (see Table 7) 
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using a standard protocol (Daims et al. 2005). To evaluate potential non-specific FISH 

probe binding, parallel samples were hybridized with the reverse complement of the 

bacterial probe EUB338 (NONEUB-5’-ACTCCTACGGGAGGCAGC-3’; (Berry et al. 

2013)). Samples were subsequently stained with DAPI (1 μg/mL; Sigma– Aldrich) for 5 

min. Hybridized, DAPI-stained samples were imaged and marked on an epifluorescence 

laser microdissection microscope (LMD, Leica LMD 7000) as previously described (Berry 

et al. 2013). 

NanoSIMS measurements were performed on an NS50L (Cameca, Gennevilliers 

France). Data were recorded as multilayer image stacks obtained by sequential scanning 

of a finely focused Cs+ primary ion beam (ca. 80 nm spot size with 2 pA beam current) 

and detection of negative secondary ions and secondary electrons. Recorded images had 

a 512 x 512 pixel resolution and a field-of-view ranging from 47 x 47 to 72 x 72 µm2. The 

mass spectrometer was tuned to achieve a mass resolving power (MRP) of > 10.000 

(according to Cameca's definition) for detection of C2- and CN- secondary ions. Prior to 

data acquisition, which comprised sampling of entire cells, analysis areas were gently 

pre-sputtered by application of a Cs+ dose density in the range from 2,3E15 to 7,0E15 

at/cm2. All images were recorded with a dwell time of 5-10 msec/pixel/cycle. 

NanoSIMS images were processed using the WinImage software package 

(Cameca). Cells were identified in drift-corrected, stack-accumulated NanoSIMS images 

and manually verified with aligned FISH images (see Figure 36 for representative 
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images). Signal intensities were corrected for detector dead time on a per-pixel basis and 

quasi-simultaneous arrival (QSA) of C2- and CN- secondary ions on a per-ROI basis. The 

QSA correction was performed according to the formalism suggested by previous 

work61, applying sensitivity factors of 1,06 and 1,05 for C2- and CN- ions, respectively 

(experimentally determined on dried yeast cells - data not shown). 13C/(12C + 13C) and 

15N/(14N + 15N)  isotope fractions, designated as atom percent (at%) 13C and (at%) 15N 

throughout the text, were calculated from 12C2-, 12C13C- and 12C14N-, 12C15N- signal 

intensities via 13C/(12C + 13C) = 12C13C-/(2*12C2- + 12C13C-) and 15N/(14N + 15N) = 12C14N-

/(12C14N- + 12C15N-).  Summary statistics from each region of interest were calculated for 

single-cell analysis. A single field of view was collected for each treatment with technical 

replicates of 91–162 cells per field of view. Individual cells were considered significantly 

enriched in 15N or 13C if the mean cellular at% 15N or at% 13C (respectively) was greater 

than 5 standard deviations above the mean at% 15N or at% 13C of the unlabeled control 

cells (adjusted or unadjusted for bulk enrichment as appropriate) and if the 

measurement error (1σ, Poisson) was smaller than the difference between the at% of the 

labeled cell and the mean at% of unlabeled control cells.  

For overall utilization, single cell enrichment was relativized to the bulk 

enrichment levels to correct for overall isotope delivery. These corrections allow for 

comparisons between delivery routes but are limited by the fact that they do not take 

into account differences in delivery dynamics (all samples were collected at a single time 
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point selected to allow for delivery of 15N labeled chow to reach the large intestine but 

limit the likelihood of digested 15N from chow to begin circulating into secretions). For 

taxa level analyses, comparisons were only made within a treatment group and so were 

uncorrected. 

3.2.4.4 Isotope notation 

Isotopic enrichment is reported as atom percent. For an element X, with heavy 

isotope H, and light isotope L, atom percent is calculated as: at %
H X = H/(

 
H+L) * 100; in 

percent (%). 

3.2.5 Antibiotic treatment to alter microbial load 

3.2.5.1 Antibiotic treatment  

Baseline fecal samples were collected at least twenty-four hours before the first 

dose and then mice were placed in individual housing with supplementary enrichment. 

Mice were orally gavaged with either 0.25ml autoclaved deionized water (control, n=10) 

or 0.25ml of an antibiotic cocktail (treated, n=10) daily for five days. The mice were 

randomly assigned a group with an equal number of mice in each group, and 

researchers collecting data were blinded to the groupings until after the final dose was 

administered. The sample size was chosen following a power analysis to allow for β less 

than 0.1. The antibiotic cocktail consisted of ampicillin (Gold Biotechnology, St. Louis, 

MO) 1mg/ml, vancomycin (Alfa Aeser, Haverhill, MA) 5mg/ml, neomycin (EMD 

Millipore, Billerica, MA) 10mg/ml, and metronidazole (Alfa Aeser, Haverhill, MA) 
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10mg/ml (after (Reikvam et al. 2011)). Fresh antibiotic cocktails were prepared every 

day. Throughout the experiment freshly voided fecal samples were collected and stored 

at -80 °C for downstream analysis.  

3.2.5.2 Microbial community analyses 

Fecal DNA was extracted using the MoBio PowerSoil extraction kit. To 

determine microbial load, we measured 16S copy number using qPCR (see Whole Gut 

Samples above). We also performed 16S rRNA gene amplicon sequencing as above to 

quantify community composition. Bacteroidetes and Bacteroidaceae relative abundance 

data were extracted from the phyla and family level summary of results, respectively. 

Results for Bacteroidetes and Bacteroidaceae were similar in trend and magnitude; only 

Bacteroidaceae results are reported here.  

3.2.5.3 Metabolomics 

Fecal pellets were mixed with 200 l phosphate buffered saline (PBS) prepared in 

D2O, pH 7.5. Samples were homogenized for 5 min at 30Hz. Samples were then 

centrifuged for 10 min at 14K x g at 4 °C. The supernatant was filtered through a 0.22 m 

centrifugal filter. The pellet from the first centrifugation was reextracted with another 

200 l PBS in 95% D2O, pH 7.5. The second slurry was homogenized for 5 min at 30Hz, 

followed by centrifugation with the supernatant filtered through a 0.22 m filter as 

before. The supernatants were combined and 300 l was taken and mixed with 300 l of 
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99.9 % D2O containing 500 M 3-(trimethylsilyl)-1-propanesulfonic acid-d6 , sodium salt 

(DSS-d6).   

NMR analysis was carried out on a Avance III 700MHz NMR spectrometer 

(Bruker, Billerica, MA) with a TXI triple resonance probe operating at 25 °C. Spectra 

were collected with a 1D NOESY pulse sequence covering 12 ppm. The spectra were 

digitized with 32768 points during a 3.9 second acquisition time. The mixing time was 

set to 100 ms and the relaxation delay between scans was set to 2.0 seconds.   

The data were processed using Advanced Chemistry Development Spectrus 

Processor (version 2016.1, Toronto, Canada). The spectra were zero filled to 65536 

points, apodized using a 0.3Hz decaying exponential function and fast Fourier 

transformed. Automated phase correction and 3rd order polynomial baseline correction 

was applied to all samples. The short chain fatty acid concentrations were calculated as 

the sum of acetate, butyrate, formate, and propionate and quantified using the Chenomx 

NMR Suite (version 8.2, Edmonton, Canada). The DSS-d6 was used as a chemical shift 

and quantification reference for all spectra and was set to a chemical shift of 0.00 and a 

concentration of 250 M. The Chenomx 700MHz library included acetate, butyrate, 

formate, and propionate and the fitting of each spectrum was carried out in batch mode. 

Manual adjustment of the fitting was carried out in some samples to correct for errors 

arising from spectral overlap.  
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3.2.5.4 RNA isolation and RT-PCR 

Host mucin production was quantified as Muc2 expression (Muc2 is the major 

murine intestinal mucin (Park et al. 2009)) measured in feces. Total RNA was isolated 

from fecal pellets stored in RNALater (Thermo Fisher, Waltham, MA) using the MoBio 

PowerMicrobiome RNA Isolation kit with an added phenol chloroform extraction step. 

15ng RNA was reverse transcribed using cDNA Prep Reverse Transcription Master 

Mix (Fluidigm, South San Francisco, CA) following manufacturer’s instructions. Target 

transcripts were preamplified for 18 cycles and then diluted 10x. RT-PCR was 

performed using a BioMark (Fluidigm) on a 48 x 48 chip with Taqman Fast Advanced 

Master Mix (Thermo Fisher). Three ERCC RNA Spike-in Mix (Thermo Fisher) positive 

controls and a nontarget negative control of nuclease-free water were also run on the 

chip. Muc2 expression levels were normalized to mouse Actb (Ct) expression for each 

time point for each mouse and then compared to the average of control mice for that 

time point (Ct). Fold change (2^Ct) is represented.  

3.2.5.5 Ex vivo bioreactor model 

Gut microbiota were cultured from human stool in a flow-through bioreactor 

system (Infors, Basel, Switzerland) following previous work (McDonald et al. 2013). All 

vessels had N2 gas bubbled in and a daily turnover time for the media to emulate the 24 

hour average passage time of the human gut. Treated vessels were subject to daily 

3.896ml antibiotic treatments for two days following a two-day adjustment period 
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(Figure 34A). Antibiotics were prepared as above for mice. Samples were collected daily 

and frozen immediately at -80 °C. They were then dried and processed as above for 

elemental analysis. Three control/treated paired experiments were run each with a 

unique healthy donor with no antibiotic use in the past year. 

3.2.6 Statistical analysis 

We performed an analysis of covariance (ANCOVA) to determine the impact of 

physiology on mammal species C:N. Individual physiological data was not available, so 

species mean C:N was calculated. Log large intestine length, gut physiology (simple, 

hindgut fermenter, or ruminant (Ley et al. 2008)), and total body length were extracted 

from the literature (see Other animal studies above) and included as predictor variables.  

We performed linear mixed effects analysis to determine the effects of antibiotics 

on C:N, microbial load, short chain fatty acids, and mouse weight. As fixed effects, we 

entered antibiotic treatment and time with an interaction term into the model. We 

included mouse identity as a random effect. P values were obtained by likelihood ratio 

tests comparing the full model against a model including only time and mouse identity 

and were performed with the anova function in the lme4 package (Douglas Bates, R). 

These and all other statistical analyses were carried out in R (R core team, version 3.3). 

All statistical tests performed were non-parametric except where a Shapiro-Wilks test 

indicated that data were normally distributed, in which case parametric tests were used.  
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3.3 Results and Discussion 

3.3.1 Fecal C:N ratio varies with diet and physiology  

Fecal C:N of all 29 tested mammal species was greater than the gut bacterial 

average (4.070.24; Table 5). This result is consistent with our hypothesis that nitrogen 

limitation is a general feature of bacteria in the mammalian large intestine. The relatively 

low C:N of microbial cells and their high abundance in fecal material (Stephen and 

Cummings 1980) means that when total fecal C:N is higher than that of bacteria, the 

non-microbial material in feces must have an even higher C:N than that measured. In 

the mammals sampled, C:N values were high (22.88 11.20) for both wild (n=19) and 

domestic/captive species (n=10; Table 6), but values varied more than fourfold among 

species, with greater C:N in herbivores (Figure 8). Thus, the gut microbiotas of diverse 

mammal species appear to be generally nitrogen-limited. 

In addition to this difference arising from broad diet type, we expected 

differences in nitrogen limitation due to subtler variation within feeding guilds. Animals 

that eat plants with low C:N, such as woody plants and forbs (Tjoelker et al. 2005), 

should have intestines in which nitrogen is less limiting than animals that feed primarily 

on comparatively high-C:N grasses. Indeed, within a group of African large herbivores, 

we found a significant positive correlation between grass consumption (as assessed 

using both DNA metabarcoding and stable-isotope analysis (Kartzinel et al. 2015)) and 

C:N (ρ=0.47, P<0.001 and ρ =0.49, P<0.001, respectively, Spearman correlation;  
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Figure 8: Stoichiometric mismatch between gut microbes and their environment is common. Fecal C:N from 29 mammal 

species (n=1-15 per species) shown against average bacterial C:N (dashed line). Data are shown as means ± SD.
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Figure 9A,B). Digestive physiology, including intestine length and gut type (i.e. simple, 

hindgut fermenter, or ruminant), were also associated with C:N (P=0.007 and P=0.01, 

respectively, ANCOVA; Figure 9C). These associations may reflect the well-known 

ability of hindgut fermenters and larger animals to subsist on lower-quality (i.e., higher 

C:N) food than ruminants (Kleynhans et al. 2011) and smaller animals (Müller et al., 

2013) respectively. Therefore, the magnitude of nitrogen-limitation can increase 

dramatically with fine-scale variation in dietary composition, with highest nitrogen 

limitation in species that consume diets rich in carbon relative to nitrogen.  

3.3.2 Changing nitrogen availability alters microbial growth ex vivo  

If nitrogen is stoichiometrically limiting in the gut, then we expect the addition of 

more nitrogenous substrates to enhance microbial growth. To test this hypothesis, we 

performed ex vivo experiments (Maurice et al. 2013), supplementing the nutrients 

remaining in feces and tracking the growth response of fecal microbiota normalized to a 

control (water-only) treatment. We found that adding nitrogen-free carbohydrates 

(glucose, xylan) did not accelerate microbial growth of the human gut microbiota 

(P=0.36, one sample t-test; Figure 10), consistent with our hypothesis that gut microbe 

growth is limited by nitrogen rather than carbon supply. By contrast, adding substrates 

including both nitrogen and carbon (mucin, peptone, L-threonine) or nitrogen, 

phosphorous, and carbon (yeast extract) significantly enhanced human gut
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Figure 9: C:N varies with diet and physiology. Fecal C:N from East African herbivores was positively correlated with 

estimates of grass consumption based on DNA metabarcoding (ρ =0.47, P<0.0001, Spearman correlation; n=67; A) and 

enrichment of 13C stable isotopes (ρ =0.49, P<0.0001, Spearman correlation; n=68; B), indicating that species with higher grass 

consumption have higher fecal C:N ratios. Plot includes linear fit. (C) Fecal C:N was also associated with the log of the length 

of the large intestine and gut architecture but not total body length (P=0.01, P=0.02, and P>0.05 respectively, ANCOVA; n=3-6 

per physiological group).
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microbial growth relative to the control (P=0.006). Interestingly, the addition of a simple 

nitrogen source that lacked any carbon (ammonium-chloride) did not increase growth 

relative to control (P=0.25). Our findings are consistent with the notion that nitrogen is 

stoichiometrically limiting, as supplementation with proteinaceous resources with C:N 

similar to that of bacteria was the only treatment that significantly enhanced growth 

relative to control.  

To test this more explicitly, we performed a similar experiment using Snowshoe 

Hare feces to limit inter-individual variation in diet and increase the likelihood of 

nitrogen limitation as Snowshoe Hare have the highest C:N ratio of any captive animals. 

We provided amendments of either glucose, ammonium-chloride, or a mixture of the 

two which varied in C:N. In this test, we found that addition of glucose or of glucose 

and ammonium-chloride in any ratio boosted growth relative to controls (P<0.05, 

Bonferroni-corrected one-sample Wilcoxon test; Figure 10). Together these results 

indicate nitrogen is likely not the sole limiting resource in the large intestine (Kaspari 

and Powers 2016)—in particular we would  predict that phosphorous limitation is 

pervasive as well (Elser et al. 2003)—so adding more complex substrates or a 

combination of resources would alleviate co-limitation.  
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Figure 10: Nitrogen addition alters microbial growth. Ex vivo human fecal 

microbiota growth is enhanced relative to controls (dashed line) with 

supplementation of substrates including carbon and nitrogen (P=0.006, one-sample 

t-test; n=15) but not carbon (P=0.36; n=7) or nitrogen (P=0.25, n=3). For individual 

substrate responses see Figure 35. Ex vivo hare fecal microbiota growth is enhanced 

with addition of glucose or glucose and ammonium-chloride in combination (P<0.05, 

one-sample Wilcoxon test; n=12). Data are shown as means ± SD. 

3.3.3 C:N ratio varies along the gut 

We next examined how nitrogen limitation is generated in the colon. Since 80-

90% of host absorption of dietary nitrogen takes place in the small intestine (Borgstrom 

et al. 1957), we expected to observe a longitudinal gradient of nitrogen availability 

through the gut. Indeed, we found that C:N increased from the proximal small intestine 

through to the large intestine in laboratory mice (Figure 11). The distal small intestine 

and the large intestine had significantly higher C:N than the proximal small intestine 

(P<0.05, Tukey’s Honestly Significant Difference test). This variation was independent of 

microbial load (P=0.14, Spearman correlation; Figure 29), suggesting that the C:N 

gradient is not an artifact of colonic samples harboring more bacterial cells which are 
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rich in nitrogen. Our findings of increasing C:N ratios along the mouse gut support a 

model where nitrogen limitation stems from host absorption of dietary nutrients 

upstream of colonic microbes.  

 

Figure 11: C:N varies within the gut of mice. Stoichiometric mismatch is highest in 

the large intestine (P<0.001, Kruskal-Wallis test; n=10 per compartment). Data are 

shown as means ± SD. 

3.3.4 Microbial use of nitrogen depends on delivery pathway 

To determine the source of nitrogen for bacteria in the large intestine, we 

performed stable-isotope tracer experiments in mice. To track microbial utilization of 

dietary nitrogen, we offered mice food in which all nitrogen was in the form of 15N. 

Because microbes are also known to use nitrogen sourced from host-secreted mucins 

and other glycans (Koropatkin et al. 2012, Berry et al. 2013) in addition to dietary amino 

acids (Dai et al. 2010)—and because microbes were responsive to the addition of mucin 
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in our ex vivo incubations—we also considered the effect of host-secreted resources on 

nitrogen availability in the gut by providing another cohort of mice 15N/13C labeled 

threonine via tail-vein injection (Berry et al. 2013). Since host control of C:N is related to 

proximal digestion of dietary material, we predicted that dietary nitrogen would be less 

utilized by microbes in the large intestine than would secreted nitrogen.  

Using high-resolution secondary ion mass spectrometry (NanoSIMS) and FISH, we 

quantified taxon-specific, single-cell uptake of both host- and diet-sourced 15N (Figure 

12A, Figure 30). In the large intestine, the secreted 15N label was assimilated into 

microbial cells in proportion to its abundance in the total gut contents (lumen and 

mucosa). By contrast, dietary 15N was less abundant in cells than secreted 15N (P<0.001, 

Mann-Whitney U test; Figure 12B). These results suggest, in keeping with our 

prediction, that nitrogen from host secretions is more fully used—and thus relatively 

more important to microbial growth—than nitrogen from dietary nutrients. 

3.3.5 Antibiotics change the nitrogen landscape by altering host 
secretions 

We next investigated if host provisioning of nitrogen could be altered. Previously 

it has been shown that secretions of nitrogen-rich glycoproteins like mucins vary with 

changes in microbial composition (Everard et al. 2013) and the concentration of short 

chain fatty acids (Burger-van Paassen et al. 2009), which are major microbial metabolic 

products. As such, the microbiota are likely able to stimulate host secretions with   
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Figure 12: Microbial utilization of nitrogen depends on source and taxa. Single cell 

isotopic enrichment was quantified for samples from two randomly selected mice 

from each group on a NanoSIMS. (A) Stable isotope treatment through diet or 

injected threonine resulted in significant single-cell enrichment with 15N (P<0.001, 

Kruskal-Wallis test; n= 2 mice/treatment, n= 78-185 cells/treatment). (B) Microbes 

use more nitrogen from secretions than from diet as indicated by cell enrichment 

relative to overall bulk enrichment (P<0.001, Mann-Whitney U test) but do not 

differ from controls. Boxplots indicate median, quartiles, and (1.5*Interquartile 

Range). 

metabolic signaling. From the host’s perspective, linking nitrogen provisioning to 

bacterial load could allow it to maintain the benefits accruing from the gut microbiota 

but only expend the energy to do so when necessary. Therefore, we predicted that 

lowering the colonic microbial load would reduce host nitrogen secretion.  

In support of this hypothesis, we found that mice treated with a course of a 

broad-spectrum antibiotic cocktail (ampicillin, vancomycin, metronidazole, and 

neomycin (Reikvam et al. 2011)) showed significantly reduced microbial load and short 

chain fatty acid concentration (P<0.05, linear mixed effects model likelihood tests; Figure 

32A,B) and also shifted fecal C:N (Figure 13A). Because the mucosa in normal mice has 
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significantly lower C:N than the lumen of the large intestine (P=0.005, Paired t-test, 

Figure 33A), we expected a reduction in mucosal secretions to increase C:N ratios in 

mouse feces. Indeed, fecal C:N nearly doubled within 48 hours in treated mice (P<0.001, 

Bonferroni-corrected Mann-Whitney U test; Figure 13A) and overall treatment 

significantly increased C:N relative to untreated animals (P<0.001, linear mixed effects 

model likelihood test).  

 

Figure 13: Antibiotics change the nitrogen landscape. Antibiotic cocktail (ampicillin, 

vancomycin, metronidazole, and neomycin) treatment induces a significant increase 

in (A) fecal C:N (P<0.0001, linear mixed effects model likelihood test; n=9-10 mice 

per treatment group) and a significant decrease in (B) host mucin secretion as 

indicated by Muc2 expression relative to control levels during treatment (P<0.05, 

Wilcoxon signed rank tests; n= 6 mice). Data are shown as means ± SD. Red bar 

indicates course of antibiotic treatment. 

An alternative interpretation could be that the loss of bacteria with relatively low 

C:N simply increases fecal C:N. Data isolating the effects of changes in microbial load 

from the host response do not support this alternative. In an artificial ex vivo gut system, 
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based on a flow-through chemostat model (McDonald et al. 2013) (see Methods; Figure 

34A), antibiotics did not significantly increase C:N but rather led to a slight but 

significant decrease (P=0.015, two-way ANOVA; Figure 34C), likely due to washout of 

previously adherent microbes. Similarly, the absence of microbiota in germfree mice did 

not increase in fecal C:N relative to that obtained from conventionally raised mice 

(P=0.9, Mann-Whitney U test; Figure 33B). Together, these ex vivo and germfree mouse 

findings suggest that changes in host secretions, not microbial load, are responsible for 

the increase in C:N.  

Our antibiotic experiments in mice further suggested that dynamic regulation of 

nitrogen secretion was achieved, at least in part, by changes in mucin levels. Direct 

measurement of host mucin production (Muc2 expression) in antibiotic-treated mouse 

feces was on average 80% of control levels at the beginning and end of antibiotic 

treatment (P<0.05, Wilcoxon signed rank tests; Figure 13B), which is consistent with 

previous associations of thinner mucosa under antibiotic use (Wlodarska et al. 2011). A 

decrease in mucin production supports a model in which microbiota provisioning via 

secreted nitrogen comes at a cost for the host by reallocating resources from growth to 

the microbiota. Attenuation of this cost by varying secretion levels may provide one 

mechanism for antibiotic associated weight gain (Cho et al. 2012), a phenomenon 

observed in our mice (P<0.001, linear mixed effects model likelihood test; Figure 32C).  
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3.3.6 Microbial groups differ in their uptake of nitrogen and response 
to changes in nitrogen secretion 

Finally, we considered if the microbiota equally consume available nitrogen or if 

select taxa exhibited differential utilization. In our stable isotope experiments, the 

highest 15N enrichment regardless of labeling route was observed in members of the 

phylum Bacteroidetes, specifically the order Bacteroidales (Table 7). We confirmed 

previous observations (Berry et al. 2013), that the Bacteroidales were primary initial 

foragers (defined by uptake of both 15N and 13C as compared to secondary consumption 

indicated by only 15N enrichment; see Methods) of nitrogen from host secretions (P<0.05, 

Bonferroni-corrected Mann-Whitney U tests; Figure 14A). We also found that the 

Bacteroidales were the majority of consumers of dietary nitrogen (P<0.05, Bonferroni-

corrected Mann-Whitney U tests; Figure 14B).  

Further evidence for the primary metabolism of nitrogen by members of the 

Bacteroidales came from our antibiotic treatments. In these experiments, Bacteroidaceae 

were the most abundant members of the Bacteroidales, and we observed a strong 

correlation between Bacteroidaceae relative abundance in the gut and fecal C:N (ρ =-0.58, 

P<0.001, Spearman correlation; Figure 15A) as well as between Bacteroidaceae abundance 

and host mucin production (ρ =0.7, P<0.001, Spearman correlation; Figure 15B). These 

findings suggest levels of the Bacteroidales may be maintained via nitrogen secretion, a 

model consistent with known enrichments for the phylum Bacteroidetes in hibernating 
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(Carey et al. 2013) and fasting (Costello et al. 2010) animals, where secretions are the 

primary source of all nutrients to the microbiota. 

 

 

Figure 14: Bacteroidales are disproportionate nitrogen foragers. Cells targeted by 

the Bacteroidales probe (Bac303) were more highly enriched for both 13C and 15N 

from labeled threonine (n= 2 mice/treatment, n=72-110 cells per target; A) 

indicating primary foraging of secretions and were also more enriched for 15N from 

diet (n= 2 mice/treatment, n=42-62 cells per target; B) than the Clostridium cluster 

XIVa and XIVb-specific (Erec482) or other DAPI stained cells (P<0.05, Bonferroni-

corrected Mann-Whitney U tests). Isotope enrichment is reported as atom percent 

which is the proportion of heavy isotope to total isotope count (heavy and light) 

times 100 (see Methods). Blue points are significantly enriched in 15N (for plots a and 

b this includes dual labeled cells); green points are significantly enriched in both 15N 

and 13C. Boxplots indicate median, quartiles, and (1.5*Interquartile Range). 
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Figure 15: Antibiotics change the abundance of the nitrogen foraging 

Bacteroidaceae. Bacteroidaceae relative abundance in the gut microbiota is 

negatively correlated with fecal C:N (ρ =-0.58, P<0.001, Spearman correlation; A) 

and positively correlated with Muc2 expression (ρ =0.7, P<0.001, Spearman 

correlation; B) across both antibiotic-treated and control mice. Data are shown as 

means ± SD. 

 

3.3.7 Conclusions 

Our findings linking the Bacteroidales to nitrogen secretion suggest how 

mammals could benefit from attenuating microbial nitrogen limitation in the gut. The 

Bacteroidetes, and the Bacteroidales specifically, are known to contribute to intestinal 

health (Mazmanian et al. 2005, Ley et al. 2006, De Filippo et al. 2010). These microbes are 

particularly notable for their role in the metabolism of carbohydrates, which are 

nitrogen-poor compounds (Karlsson et al. 2011). Members of the Bacteroidales liberate 

mono- and oligo-saccharides for host uptake (Sonnenburg et al. 2005) and digest glycans 

into products that other commensal microbiota can feed upon (Rakoff-Nahoum et al. 
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2014, Rakoff-Nahoum et al. 2016). By actively compensating for nitrogen shortfalls in the 

gut, mammals may selectively regulate their mutualism with microbiota (Schluter and 

Foster 2012), trading nitrogen for crucial bacterial metabolic functions provided by 

particular bacterial taxa. Such a mechanism would hinge on some underlying level of 

microbial nitrogen limitation, however, and we would predict that hosts’ regulatory 

ability would disappear (and mutualistic benefits be reduced) if nitrogen limitation was 

entirely eliminated. Indeed, when nitrogen is delivered in excess (e.g. with high-protein 

diet interventions), the microbiota quickly shift composition (Lubbs et al. 2009, David et 

al. 2014, Liu et al. 2014, Mu et al. 2016), and harmful metabolic products including 

ammonia, nitrosamines, and sulfide accumulate (Scott et al. 2013). Thus, loss of 

microbial nitrogen limitation in the gut may resemble the environmental phenomenon 

of eutrophication in which excess nutrient delivery alters community composition and 

degrades ecosystem services (Smith et al. 1999). 
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4. Antibiotic induced changes in the microbiota disrupt 
redox dynamics in the mouse gut 

4.1 Introduction 

Mammalian gut microbial communities are likely to be structured by both host- 

and microbial-associated factors. Extensive research to date has focused on how host 

factors like diet (Claesson et al. 2012, David et al. 2014), genetics (Goodrich et al. 2014), 

geography (De Filippo et al. 2010, Arumugam et al. 2011, Yatsunenko et al. 2012), and 

immune state (Hooper et al. 2012) shape the gut microbiota. Yet, work in free-living 

microbial systems reveals that bacteria typically play active roles in shaping their own 

environment (Gobbetti 1998, Shi and Norton 2000, Osono 2005, Goddard 2008, 

Gerbersdorf et al. 2009, Rui et al. 2009). Identifying how these drivers interact is 

necessary both for a more complete understanding of the gut microbiota and for 

developing rational interventions. If ecological forces prove important, then 

compositional changes will likely be the result of feedbacks between the microbes and 

their environment. 

Redox potential, a metric of the environmental capacity for reducing reactions 

(the gain of electrons) to occur, is a composite measurement of various factors that 

influence gut microbiota structure (Dhall et al. 2014, Cowley et al. 2015, Friedman et al. 

2017). Much of our knowledge for how gut redox potentials are determined involves 

host-associated pathways (Spees et al. 2013, Rivera-Chavez et al. 2016). Passive diffusion  
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of oxygen from the epithelium increases redox potential and stimulates growth of 

aerobic microbes (Espey 2013, Albenberg et al. 2015). Secretion of redox-active immune 

molecules, particularly reactive oxygen species (e.g., nitric oxide), is known to be a 

feature of inflammation that imposes oxidative stress on commensal microbes and can 

be exploited by select pathogens to colonize the intestine (Winter et al. 2010, Spees et al. 

2013, Winter et al. 2013, David et al. 2015, Kelly et al. 2015, Faber et al. 2016, Rivera-

Chavez et al. 2016). Maintenance of redox homeostasis in host tissue can also have 

spillover effects on luminal redox state (Circu and Aw 2011). Yet, redox potential is 

likely to also be shaped by microbial metabolism. In free-living microbial communities, 

variation in available electron acceptors (a major determinant of redox potential) dictates 

whether microbes that employ respiration can thrive; the differential microbial 

metabolism which follows can then produce further changes in electron acceptor 

availability (Noll et al. 2005, Orcutt et al. 2011, Morris and Schmidt 2013, Chen et al. 

2017). Moreover, microbial metabolism has been proposed as a mechanism for low 

redox potential states in the lung of cystic fibrosis patients (Cowley et al. 2015).  

Here, we investigated the nature of redox potential dynamics under antibiotic 

treatment to assess the relative importance of host and microbial forces in structuring 

gut bacterial communities. Antibiotics directly disturb the microbiota but are also 

expected to alter host biology related to redox potential. Specifically, antibiotics have 

been found to increase gut epithelium oxygenation as a result of altered microbial 
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composition and metabolic signaling to the host (Kelly et al. 2015, Rivera-Chavez et al. 

2016). Increases in luminal oxygen due to diffusion from the microvasculature supplying 

the epithelium would lead to a higher redox potential under antibiotic treatment. In 

addition, host inflammation responses to antibiotic treatment and antibiotic-associated 

pathogen colonization have been shown to produce electron acceptors and other redox 

active molecules that cause oxidative stress (Winter et al. 2010, Spees et al. 2013, Winter 

et al. 2013, Faber et al. 2016). While these pathways have been demonstrated previously, 

their overall impact on redox potential has not been measured. Furthermore, the 

contribution of microbial metabolism to gut redox potential has not been tested, 

although it is known that a wide range of resident gut bacteria can respire aerobically 

and anaerobically (Ravcheev and Thiele 2014). We predicted that antibiotic-driven 

bacterial inhibition would increase the availability of electron acceptors and thus 

increase gut redox potential.  

Changes in redox potential under antibiotics are in turn expected to provide 

added insights into forces structuring the composition and function of the microbiota. 

Elevated redox potential due to host inflammation response could restrict the microbiota 

beyond direct antibiotic mortality as the increase would produce additional oxidative 

stress in the system. In contrast, elevated redox potential due to the accumulation of 

oxygen or anaerobic electron acceptors would foster the growth of respiring bacteria. 

Antibiotic disturbance produces reproducible community succession in the gut 
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following treatment (Antonopoulos et al. 2009, David et al. 2015), but the role of redox 

potential during this succession has not previously been studied. If redox potential 

changes due to antibiotic treatment, we would predict that redox state recovery would 

be necessary for compositional recovery to occur and that feedbacks between the 

community and their environment would drive further redox potential changes during 

the successional period. Such a pattern would highlight the potential to use 

manipulation of redox potential to alter community dynamics after disturbance.  

Altogether, we hypothesize that antibiotic treatment should cause an increase in 

gut redox potential via both host and microbial pathways. Here, we ask specifically (i) if 

redox potential changes during and following antibiotic treatment and (ii) what 

elements of host and microbial action contribute to these changes. We do this by pairing 

in vivo measurements of host and microbial features with an ex vivo model of the human 

gut microbiota in the absence of the host. In addition, we ask (iii) how redox potential 

contributes to post-antibiotic succession to determine the importance of this 

environmental parameter for structuring the gut microbiota more generally.  

4.2 Methods 

4.2.1 Mouse experiments  

All animal experiments were conducted in accordance with National Institute of 

Health Guide for the Care and Use of Laboratory Animals using protocols approved by 

the Duke University Institutional Animal Care & Use Committee. Male C57BL/6 mice 
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(Charles River Laboratories) 8-10 weeks of age with a native microbiota were used for all 

experiments. Mice were kept in a conventional laboratory animal facility at Duke 

University. Baseline measurements and fecal samples were collected at least twenty-four 

hours before the first dose and then mice were placed in individual housing with 

supplementary enrichment.  

4.2.2 Antibiotic treatment 

Mice were orally gavaged with either 0.25ml autoclaved deionized water 

(control; n=10) or 0.25ml of an antibiotic cocktail (treated; n=10) daily for five days. The 

mice were randomly assigned a group and researchers collecting data were blinded to 

the groupings until after the final dose was administered. The antibiotic cocktail 

consisted of ampicillin (Gold Biotechnology) 1 mg/ml, vancomycin (Alfa Aeser) 5 

mg/ml, neomycin (EMD Millipore) 10 mg/ml, and metronidazole (Alfa Aeser) 10 mg/ml 

(after Reikvam et al. 2011). Fresh antibiotic cocktails were prepared every day. 

Throughout the experiment freshly voided fecal samples were collected and stored at -

80 °C for subsequent analysis. The sample size was chosen following a power analysis to 

allow for β less than 0.1.   

4.2.3 Recovery cohousing  

One day after the final gavage, mice were randomly assigned to cohousing 

groups (Figure 37B). Cohousing control cages (N=8, 4 each from treated and control) 

contained single mice that were kept in individual housing throughout the recovery 
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period. Cohousing cages (N=5) contained a control and treated mouse from the same 

litter that were placed together in the control mouse cage and kept together throughout 

the recovery period. Treated mice were marked to allow for continued sampling. 

Throughout recovery, freshly voided fecal samples were collected and stored at -80 °C 

for subsequent analysis. 

4.2.4 Oxygen measurements  

We measured oxygen concentration in vivo using a hydrogel oxygen microsensor 

coupled with an optical reader. The microsensors are composed of a biocompatible 

hydrogel, poly (2-hydroxyethyl methacrylate) (pHEMA) and a near infrared (NIR) 

oxygen-sensitive palladium-benzoporphyrin molecule (Pd-MABP) (Gamsey et al. 2016). 

The microsensor measures oxygen based on the principle of phosphorescence quenching 

of metalloporphyrins, a well-established technique with excellent sensitivity and 

specificity to physiologic oxygen (Rumsey et al. 1988, Lo et al. 1996, Vinogradov et al. 

2003, Wilson et al. 2006). The pHEMA hydrogel is biocompatible, has good oxygen 

permeability, excellent mechanical properties, and a long history of use in medical 

devices (Montheard et al. 1992). The Pd-MABP molecules are covalently attached to the 

pHEMA hydrogel, ensuring that the sensing chemistry is retained in the hydrogel 

structure. The miniature sensors (0.75 mm x 0.75 mm x 2.5 mm) are soft and tissue-like 

to minimize stress at the material-tissue interface.  
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The non-invasive optical reader was manually positioned and a LED pulsed 

illumination light into the skin above the sensor. A photodetector collected emission 

light emanating from the sensor. The phosphorescent lifetime, a property of the oxygen 

sensitive dye, was measured, thereby providing a signal unaffected by optical path 

permutations such as sensor depth, blood flow fluctuations, oxy/deoxyhemoglobin ratio, 

melanin content and hydration (Montheard et al. 1992). The current oxygen sensing 

system measures lifetime to within 2 µs or better, which equates to ~1 µM O2. The 

temperature was assumed to be at 37 °C to convert the lifetime measurement to oxygen 

concentration. 

The oxygen sensor was placed via rectal insertion in the distal large intestine (~1 

cm from anus) of mice under isofluorane anesthesia. The phosphorescent signal was 

collected for two minutes using the optical reader and all values were averaged before 

conversion to oxygen concentration. Upon reawakening from anesthesia, the sensor was 

passed naturally from the mouse via peristalsis.   

4.2.5 Redox potential measurements  

We measured redox potential in fresh fecal pellets using a redox electrode with a 

tip diameter of 500 µm in tandem with an Ag/AgCl reference electrode (Unisense). The 

values are given relative to the standard hydrogen electrode and were determined by 

measuring the offset of the reference electrode in saturated quinhydrone buffer solutions 
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(pH 4 and pH 7) with known redox potentials. Calibrations were done at 20 °C. The 

electrode has a detection limit of 0.10 mV (Pang and Zhang 1998).  

Fecal pellets were placed on an agar plate, resting against the reference electrode. 

The electrode was inserted into the pellet using a micromanipulator and data were 

collected continuously for three minutes. The data presented are the average across 

three minutes. 

4.2.6 Sequencing analyses  

4.2.6.1 DNA isolation from mouse fecal samples  

Fresh fecal samples were collected throughout the experiment and stored at -80 

°C. Metagenomic DNA was isolated from frozen fecal samples using the MoBio 

PowerSoil DNA extraction kit following the manufacturer’s instructions (David et al. 

2014, David et al. 2015). 

4.2.6.2 16S rRNA gene sequencing and processing 

We performed 16S rRNA gene amplicon sequencing using custom barcoded 

primers targeting the V4 region of the gene (Caporaso et al. 2011) and published 

protocols (Caporaso et al. 2011, Caporaso et al. 2012, Maurice et al. 2013). Sequencing 

was conducted on an Illumina MiSeq with paired end 250 bp reads using the V3 kit. All 

samples with fewer than 5000 reads were discarded. Sequencing data were processed 

using QIIME (version 1.8)(Caporaso et al. 2010) to produce an OTU table with 97% 
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cluster similarity. For family level analyses, abundant bacteria were defined as groups 

present in more than 10% of samples and with an average abundance of at least 0.1%. 

4.2.6.3 qPCR: primers and conditions 

To estimate total bacterial abundance, PCR was performed on DNA extracted 

from feces using the following primers: forward, 5’-ACTCCTACGGGAGGCAGCAGT-3’, 

reverse, 5’-GTATTACCGCGGCTGCTGGCAC-3’ (Bergström et al. 2012). qPCR assays were run 

using SYBR FAST qPCR Master Mix (KAPA) on a 7900HT Fast Real-Time PCR System 

(Applied Biosystems). Ct values were standardized against a dilution curve of known 

concentration and then adjusted for the weight of fecal matter extracted.  

4.2.6.4 RNA isolation and RT-PCR 

Host inflammatory and immune response was quantified using RT-PCR of RNA 

from feces. Total RNA was isolated from fecal pellets stored in RNALater (Thermo 

Fisher, Waltham, MA) using the MoBio PowerMicrobiome RNA Isolation kit with an 

added phenol chloroform extraction step. 15ng RNA was reverse transcribed using 

cDNA Prep Reverse Transcription Master Mix (Fluidigm, South San Francisco, CA) 

following manufacturer’s instructions. Target transcripts were preamplified for 18 cycles 

and then diluted 10x. RT-PCR was performed using a BioMark (Fluidigm) on a 48 x 48 

chip with Taqman Fast Advanced Master Mix (Thermo Fisher). Three ERCC RNA Spike-

in Mix (Thermo Fisher) positive controls and a nontarget negative control of nuclease-

free water were also run on the chip. Expression of the following genes was quantified: 
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Actb, Apoa4, Atr, Birc3, Cck, Cxcl1, Fadd, Gapdh, Gcg, Ghrl, Il10, Il12a, Il12b, 

Il16, Il17, Il22, Insr, Lpl, Lyz2, Nfkb1, Nos2, Ppara, Ptgs2, Rela, Scd1, Ssr, Tlr2, Tlr4, 

Tlr6, Tlr9, Tnf, Vlm.  Expression levels for all genes were normalized to Actb (Ct) 

expression for each time point for each mouse and then compared to the average of 

control mice for that time point (Ct). Fold change (2^Ct) is represented.  

4.2.7 Inflammation assays 

Fecal lipocalin 2 (Lcn-2) was used as a noninvasive biomarker for host intestinal 

inflammation. Lcn-2 was quantified by ELISA following Chassaing et al. Chassaing et al. 

(2012). Assays were conducted with mouse lipocalin-2/ngal duo set ELISA kit from R&D 

Systems using a BioTek ELx405rs plate washer and a BioTek Synergy HT plate reader 

(Bio-Rad) at the UNC Center for Gastrointestinal Biology and Disease Advanced 

Analytics Core.  

4.2.8 NMR metabolomics 

Samples were prepared by mixing fecal pellets with 200 l phosphate buffered 

saline (PBS) prepared in D2O, pH 7.5 and homogenizing for 5 min at 30 Hz.  Cell debris 

was removed by centrifuging the samples for 10 min at 14K x g at 4 °C. The supernatant 

was filtered through a 0.22 m centrifugal filter. To maximize the metabolite extraction, 

each pellet from the first centrifugation was mixed with 200 l PBS in 95% D2O, pH 7.5 

and homogenized for 5 min at 30Hz.  The solutions were filtered through a 0.22 m 

centrifugal filter as before. The supernatants were combined and 300 l was taken and 
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mixed with 300 l of 99.9 % D2O containing 500 M 3-(trimethylsilyl)-1-propanesulfonic 

acid-d6 , sodium salt (DSS-d6).   

NMR spectra were collected on an Avance III 700MHz NMR spectrometer 

(Bruker Biospin, Billerica, MA, USA) with a TXI triple resonance probe operating at 25C.  

A 1D NOESY pulse sequence was used with a spectral width of 12 ppm. Each spectrum 

was digitized with 32768 points over a 3.9 second total acquisition time. The sequence 

used a 100 ms mixing time and an inter scan relaxation delay of 2.0 seconds. 

The spectra were processed using Advanced Chemistry Development Spectrus 

Processor (version 2016.1, Toronto, ON, Canada). Processing parameters included zero 

filling to 65526 points, 0.3 Hz decaying exponential multiplication.  Phase correction was 

applied using the automated algorithms in the ACD software and a 3rd order polynomial 

baseline correction was applied to all samples. Quantitative profiling of the metabolites 

was carried out with the Chenomx NMR Suite (version 8.2, Edmonton, AL, Canada). 

The chemical shifts and concentrations were referenced using DSS-d6 added to each 

sample at a concentration of 250 uM and set to a chemical shift of 0.00 ppm.  The 

Chenomx 700MHz library included acetate, acetoacetate, acetoin, alanine, asparagine, 

aspartate, B-hydroxybutyrate, butyrate, DSS-d6, ethanol, formate, glucose, glutamine, 

glutamate, glycine, isoleucine, isopropanol, lactate, leucine, lysine, methionine, 

propionate, sarcosine, threonine, and valine.  Signals in the bile acid regions of the 

spectrum, from approximately 0.6 to 0.9 ppm, were fit as synthetic Lorentizan functions 
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and each signal given a generic assignment as a bile acid methyl group.  Concentration 

for bile acids are presented as arbitrary concentration units and relative comparisons 

should be made.  The fitting of each spectrum was carried out in batch mode. Manual 

adjustment of the fitting was carried out in some samples to correct for errors arising 

from spectral overlap.  

4.2.9 Ex vivo antibiotic treatment 

Gut microbiota were cultured from human stool in a flow-through bioreactor 

system (Infors) following previous work (McDonald et al. 2013). All vessels had a total 

vessel volume of 400ml and a daily turnover time of 400 ml per day for the media to 

emulate the 24 hour average passage time of the human gut. The bioreactor 

communities were subject to a two-day adjustment period before treatment began 

(Figure 42A). Antibiotic treated vessels were subject to daily single doses of 3.896 ml 

antibiotic treatments on two consecutive days. Antibiotics were prepared as above for 

mice. Air treated vessels had ambient air passed through a 0.2um filter and then 

bubbled in at 2 L per minute for two days; control and antibiotic along vessels had 1 L 

per minute N2 gas bubbled in. Antibiotic+Air treated vessels received both experimental 

manipulations. Redox was measured continuously with Hamilton EasyFerm Plus ORP 

K8 225 probes, which has a measuring range of +/- 2000 mV. Oxygen concentration was 

measured continuously with Hamilton VisiFerm DO Arc 225 probes. The DO probe 

functions with optical sensor that measures via oxygen dependent luminescence 
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quenching technology and provides a %-dissolved oxygen concentration based on the 

two point calibration performed with nitrogen flowing at 1 LPM as the zero point 

calibration and room air flowing at 1 LPM as the 100% calibration point.  Samples were 

collected daily and frozen immediately at -80 °C for subsequent analysis of microbial 

community composition. Abiotic data were averaged over five minute increments for 

analysis.   

4.2.10 Statistical analysis 

We performed linear mixed effects analysis to determine the effects of antibiotics 

on redox potential, oxygen concentration, fecal lipocalin-2 concentration, and Bray-

Curtis dissimilarity. As fixed effects, we entered antibiotic treatment and time with an 

interaction term into the model. We included mouse identity as a random effect. P 

values were obtained by likelihood ratio tests comparing the full model against a model 

including only time and mouse identity and were performed with the anova function in 

the lme4 package (Douglas Bates, R). These and all other statistical analyses were carried 

out in R (R core team, version 3.3). All statistical tests performed were non-parametric 

except where a Shapiro-Wilks test indicated that data were normally distributed, in 

which case parametric tests were used.  
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4.3 Results   

4.3.1 Antibiotics caused a significant increase in mouse fecal redox 
potential within a day of treatment 

For five days, we orally gavaged a cohort of conventional mice with a cocktail of 

antibiotics (ampicillin, vancomycin, metronidazole, and neomycin (Reikvam et al. 2011)) 

to broadly inhibit gut bacteria (Figure 37A). We measured redox potential in freshly 

voided feces with a microelectrode paired with a reference electrode daily. Within 

sixteen hours after the first dose of antibiotics, redox potential significantly increased 

from 37±164 mV at baseline to 227±45mV (P=0.04 Bonferroni corrected Mann-Whitney U 

test; Figure 16A). Throughout treatment, redox potential differed overall between 

treated and control mice (P=0.005, linear mixed effects model likelihood tests). These 

dynamics were replicated in a second mouse cohort (Figure 40).  

4.3.2 Limited evidence antibiotics alter host biology to increase redox 
potential 

We considered first whether antibiotics affected redox potential through direct 

host effects. To test if increased host epithelial oxygenation led to higher redox state via 

elevated luminal oxygen levels, we measured oxygen with a novel in vivo sensor system. 

We observed a significant increase in luminal oxygen levels the day after antibiotic 

treatment (3.7±3.6 Torr at baseline to 26.5±26.1 Torr; P=0.02, Bonferroni corrected Mann-

Whitney U test; Figure 16B). However, oxygen levels in antibiotic treated mice returned 

to control levels by forty-eight hours after the first dose (P>0.05, Bonferroni corrected 
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Mann-Whitney U test), and antibiotics were not associated with an overall effect on 

oxygen levels (P>0.05 linear mixed effects model likelihood tests). Moreover, among 

treated mice, oxygen levels were not correlated with redox potential (P>0.05, Spearman 

correlation; Figure 41A). These data together suggest that increased luminal oxygenation 

during antibiotic treatment may contribute to early shifts in redox potential, but were 

not responsible for persistent redox shifts.   

We next tested the hypothesis that antibiotics alter gut redox potential by 

directly triggering a host innate immune response. Expression of three host genes in 

fecal samples provided some support for this hypothesis. We measured increases 

relative to controls in Rela, which has been found to contribute to IBD type inflammation 

in mice via a proinflammatory cytokine response (Waddell et al. 2013); increases relative 

to controls in Nos2, which is linked to reactive nitrogen species levels (Dedon and 

Tannenbaum 2004, Winterbourn 2008); and, decreases relative to controls in apoa4, 

which has known anti-inflammatory function (Broedl et al. 2007) (P<0.05, Bonferroni 

corrected one-sample t-tests; Figure 16C). Yet, other biomarkers did not associate 

antibiotic treatment with an immune response. Nfkb1 expression, which is associated 

with inflammation suppression (Cartwright et al. 2016), increased after antibiotic 

treatment. Antibiotic treatment was also followed by a small, but significant, decrease in 

lipocalin-2 levels, which is a protein biomarker of inflammation (Chassaing et al. 2012) 

(P<0.001 linear mixed effects model likelihood tests; Figure 16D). Taken together, our 
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Figure 16: Antibiotic treatment in the absence of infection or subsequent pathogen 

colonization is sufficient to alter redox state but does not occur due to increases in 

oxygen availability or host inflammation. (A) Redox state measured in freshly 

voided feces of treated (red) and control mice (black; n=9-10 per treatment). (B) 

Large intestine luminal oxygen concentration measured in vivo (n=9-10 per 

treatment). (C) Antibiotic treated mouse gene expression differs significantly from 

controls for four inflammation associated genes measured with RT-QPCR of RNA 

isolated from feces on the final day of antibiotic treatment (N=6-7). (D) Intestinal 

inflammation measured as fecal concentration of the biomarker Lipocalin-2 (n=9-10 

per treatment). Data are shown as means ± SD. * indicates time points where post-

hoc tests indicate significant difference from control (P<0.05 Bonferroni corrected 

Mann-Whitney U test). Antibiotic treatment began after Day 0 measurement; red 

bars indicate treatment duration.
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biomarker assays provided equivocal evidence for intestinal inflammation in antibiotic-

treated mice.    

4.3.3 Bacterial responses to antibiotics associated with redox 
potential shift 

We confirmed that direct inhibition of bacterial populations by antibiotics was sufficient 

to induce redox potential shifts using an ex vivo human gut system based on a chemostat 

bioreactor (McDonald et al. 2013). This setup allowed the propagation of a stable 

microbial community representative of the human gut microbiota with all major phyla 

represented (Figure 42C). Treating this system with the same antibiotic cocktail as used 

in the mouse study led to an increase in redox potential relative to an untreated control 

(P=0.005, linear mixed effects model likelihood tests; Figure 17). Redox potential 

increased by 59±47 mV within fifteen hours of the first antibiotic dose, mirroring the 

rapidity with which redox shifts occurred in vivo (Figure 16A). Redox potential in our ex 

vivo model increased again by another 141±37 mV after a second antibiotic dose (Figure 

42C). Redox potential could also be altered via the addition of air or via antibiotic 

treatment coupled with air (to emulate a gut system experiencing elevated oxygen) 

(P<0.05 linear mixed effects model likelihood tests; Figure 42C). Thus, in the absence of 

direct interactions between antibiotics and a host, antibiotic treatment can produce shifts 

in environmental redox potential experienced by a gut microbial community. 
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Figure 17: Redox potential increase is associated with microbial action. Redox 

potential differs significantly (P=0.005, linear mixed effects model likelihood tests) 

between control or antibiotic treated bioreactor vessels culturing human gut 

microbial communities which remove host impacts (n=3 vessels). Data are shown as 

means ± SD. Antibiotic treatment began after Hour 0 measurement; red bar 

indicates treatment duration. 

4.3.4 Fecal redox potential under antibiotics is associated with 
bacterial metabolism 

To understand how antibiotic effects on bacterial populations led to shifts in gut redox 

potential, we investigated the dynamics and metabolism of microbiota across treatment 

in mice. We observed depressed levels of bacterial load and metabolic activity that 

occurred within hours of initial redox potential shifts. Fecal bacterial concentrations 

decreased significantly within twelve hours of antibiotic treatment (P=0.01, Bonferroni 

corrected Mann-Whitney U test; Figure 18A, Figure 38), and remained significantly  
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below controls after five days of treatment (P<0.001, Bonferroni corrected Mann-

Whitney U test). Using NMR-based metabolomics, we found that the short-chain fatty 

acids propionate and acetate, end products of key microbial metabolic pathways, 

decreased eight hours after antibiotic treatment (P<0.05, Bonferroni corrected Mann-

Whitney U tests; Table 8). Twenty-one of twenty-eight metabolites measured, including 

other short-chain fatty acids, amino acids, branched-chain amino acids, and a group of 

bile acids, later decreased significantly under antibiotic treatment (P<0.05, Bonferroni 

corrected Mann-Whitney U tests; Table 8, Figure 18B). The dynamics of twelve of those 

was significantly associated with treatment overall (P<0.05, linear mixed effects model 

likelihood tests). Thus, the timing and persistence of decreased gut load and microbial 

activity coincided with increases in fecal redox potential.  

4.3.5 Recovery of fecal redox potential after antibiotics is associated 
with bacterial dynamics 

Surprisingly, the day after antibiotic therapy ceased, fecal redox potentials in 

treated mice decreased relative to control mice (-138.3±149.8mV vs 54.6±211mV; P=0.006, 

Bonferroni corrected Mann-Whitney U test, Figure 19A). Throughout treatment, five 

families of abundant bacteria were significantly enriched in treated animals, but, of 

these, only one group was enriched at the end of treatment. We observed a striking 

increase in the absolute abundance of this family, the Enterobacteriaceae, on the last day 

of antibiotic treatment (P=0.002, Bonferroni corrected Mann-Whitney U; Figure 19B).  
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Figure 18: Antibiotic treatment decreases microbial load and metabolism within hours. (A) Microbial load, measured as 16S 

rRNA copy number, is significantly lower in antibiotic mice (red) than control mice (black) during the first 24 hours of 

treatment (P<0.05, Bonferroni corrected Mann Whitney U test; N=9-10 per treatment). (B) Metabolite class summaries from 

the first 24 hours (See Table 8 for individual data). Data are shown as means ± SD. * indicates significant difference between 

treated (red) and control (black; P<0.05 Bonferroni corrected Mann-Whitney U test; N=9-10/treatment). Antibiotic treatment 

began after Hour 0 measurement; red bar indicates treatment duration. 
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Figure 19: Abiotic and biotic recovery dynamics. Redox potential (A) and absolute abundance of the Enterobacteriaceae 

(calculated as the product of the relative abundance and total microbial load estimated by 16S rRNA qPCR; B) change 

significantly during the post-antibiotic recovery period (P<0.05, Bonferroni corrected Mann-Whitney U test). Data shown are 

means ± SD for singly housed treated (red) and control mice (black; n=5 per treatment). * indicates time points where post-

hoc tests indicate significant difference from control (P<0.05 Bonferroni corrected Mann-Whitney U test). Red arrows indicate 

the last antibiotic dose; day 6 measurement is more than 24 hours after.
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Enterobacteriaceae often bloom following antibiotic treatment (Antonopoulos et 

al. 2009, Jakobsson et al. 2010, Looft and Allen 2012, Peterfreund et al. 2012, David et al. 

2015) and are notable for being facultative anaerobes that can employ many terminal 

electron acceptors to perform respiration in addition to oxygen (Ravcheev and Thiele 

2014). We found that overall the relative abundance of the Enterobacteriaceae was 

positively correlated with redox potential (P=0.002, ρ=0.38, Spearman correlation; Figure 

41B) throughout treatment and recovery. Furthermore, during the beginning of the 

recovery period, redox potential was also negatively correlated with changes in  

Enterobacteriaceae abundance both for treated animals (P=0.001, ρ=-0.51, Spearman 

correlation) and for all animals (P<0.001, ρ=-0.42, Spearman correlation; Figure 20).  

 

Figure 20: Spearman correlation between change in Enterobacteriaceae abundance 

is associated with redox potential during the first three days of post-antibiotic 

recovery for both treated (red) and control (black) mice (P<0.001, ρ=0.-42, 

Spearman correlation; n=64). 
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We therefore manipulated the gut microbiota after antibiotic treatment to test 

whether variation in community dynamics is associated with differential environmental 

recovery. We co-housed half of the treated mice with control animals during the 

recovery period and kept half in single housing (Figure 37B). Because mice practice 

coprophagy (i.e., ingestion of feces), we would expect that co-housing would re-

introduce commensal microbes to compete with the Enterobacteriaceae and reduce their 

abundance. Indeed, we observed that both fecal redox potential and Enterobacteriaceae 

levels returned to normal more quickly in co-housed mice than singly housed mice 

(Figure 21). These results are consistent with the notion that expanding  

 

Figure 21: Days until there is no significant difference (P<0.05 Bonferroni corrected 

Mann-Whitney U Test) between control and treated animals for redox potential and 

Enterobacteriaceae abundance differs between singly housed and co-housed mice. 
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Enterobacteriaceae activity decreases redox potential dynamics during recovery from 

antibiotic treatment, but that this bacterial group must ultimately contract in order to 

restore gut redox homeostasis. 

4.3.6 Recovery of redox homeostasis is not sufficient for biotic 
recovery 

In both co-housed and singly-housed groups, redox potential returned to control 

levels within a week after treatment ended (P>0.05, Bonferroni corrected Mann-Whitney 

U tests; Figure 21). For co-housed mice, by the end of the recovery period, the gut 

microbiota of treated animals was equally dissimilar from baseline as it was for control 

mice (P>0.05, Bonferroni corrected Mann-Whitney U test; Figure 43) indicating that the 

community had recovered. Visual assessment of dissimilarity using NMDS ordination of 

Bray-Curtis dissimilarity (Figure 44) demonstrated that these animals were not only 

comparable in terms of magnitude of dissimilarity but also in direction—cohoused 

mouse microbiota resembled control animals by the end of recovery. In contrast, singly-

housed treated mice continued to be more dissimilar at the end of recovery than singly-

housed control mice (P<0.001, Bonferroni corrected Mann-Whitney U test; Figure 43) 

even though their Enterobacteriaceae abundance had returned to control levels (Figure 

19B).  

The differences between singly- and co-housed mice highlight that 

environmental recovery is not sufficient to produce biotic recovery. As 

Enterobacteriaceae abundance returns to normal faster in cohoused mice (Figure 21), we 



 

 134 

hypothesized that recovery was achieved when the Enterobacteriaceae and other 

pioneer taxa were outcompeted by normal gut microbiota in the newly recovered 

environment. If these taxa were absent, for example having been removed by antibiotics 

and not replenished by dispersal from a control cagemate, then recovery would not 

occur. Enterobacteriaceae abundance was negatively correlated with abundance of 

Odoribacteraceae, Rikenellaceae, Lachnospiraceae, Peptococcaceae, Dehalobacteriaceae, 

Deferribacteraceae, Ruminococcaceae, and unnamed families in the order Clostridiales, 

the Tenericutes order RF39, and the Cyanobacteria order YS2 during the recovery period 

(P<0.05, ρ=-0.38 to -0.76, Bonferroni corrected Spearman correlations; Table 9). Of these, 

Odoribacteraceae, Rikenellaceae, and Deferribacteraceae were significantly less 

abundant in singly-housed than cohoused treated animals during recovery (P<0.05, 

Bonferroni corrected Mann-Whitney U tests; Figure 45). Thus, these taxa may be 

potential competitors to Enterobacteriaceae whose growth could eventually enable 

microbiota recovery.  Taken together, these findings show that recovery of redox 

potential is not sufficient for a return to normal microbiota; dispersal is likely to also be 

an important ecological factor. 

4.4 Discussion 

This study demonstrates that a key feature of the microbial environment, redox 

potential, can be rapidly and dramatically altered in the gut under antibiotic treatment. 

Although modestly associated with luminal oxygenation and potential immune 
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activation, the direction and timing of the redox potential shift was more tightly tied to 

microbial dynamics and was recapitulated with an ex vivo model that removed host 

effects. Moreover, we found evidence that redox potential kinetics are driven by shifts in 

microbial load and metabolism, specifically among facultative anaerobes from the 

family Enterobacteriaceae. In the absence of persistent and significant changes in oxygen 

or host inflammation levels, we propose microbial respiration dictates the availability of 

electron acceptors and acts as a primary determinant of redox potential in the gut.  

Our findings illustrate how microbial factors can be as important, if not more so, 

than host factors in determining abiotic conditions in the gut. Such microbial ecosystem 

engineering (Jones et al. 1994, Wright and Jones 2006) is consistent with our 

understanding of how microbes can shape their environments in free-living systems 

(Goddard 2008, Gerbersdorf et al. 2009). The altered resource availabilities that result 

from microbial action then contribute to structuring the microbial community itself. 

Such feedbacks may contribute to a number of phenomena in host-associated systems. 

Typical constituents of the gut (i.e., the phyla Firmicutes and Bacteroidetes) could 

perpetuate similar hospitable environments for themselves regardless of host biology 

leading to the broad, phylum-level consistency of composition seen between humans 

regardless of diet, geography, or genetics (De Filippo et al. 2010, Arumugam et al. 2011, 

Claesson et al. 2012, Yatsunenko et al. 2012, David et al. 2014, Goodrich et al. 2014). 

Variation between individuals in the gut environment as dictated by the microbes may 
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also help explain inter-host variation in response to interventions in the absence of 

consistent host effects (e.g., Venkataraman et al. 2016). 

Our ecological model more specifically implies that electron acceptors are a 

critical resource normally competed over by the resident bacteria and, as such, are key 

ecological factors structuring the gut community. Previous research has focused on 

substrate availability (Donaldson et al. 2016 and references therein, Pereira and Berry 

2016) and, to a lesser extent, oxygen (Espey 2013) as important drivers of microbial 

ecology in the gut. Yet, variation in the breadth and identity of respiration pathways 

between taxa argues the diversity and availability of electron acceptors should be 

relevant environmental factors. Respiration is a more energetically favorable form of 

metabolism than fermentation, with aerobic respiration being most efficient. There is 

additional variation in favorability between anaerobic respiration pathways depending 

on the electron acceptor used. The ability to use a broad range of electron acceptors 

allows taxa to persist in the gut (Jones et al. 2007, Jones et al. 2011), and individual taxa, 

including pathogens, have evolved to respire rare or novel electron acceptors (Winter et 

al. 2010, Ravcheev and Thiele 2014, Faber et al. 2016) which confer competitive 

advantages. 

Our data indeed support a model where different bacterial taxa vary in their 

roles in shaping redox homeostasis in the gut. We observe that Enterobacteriaceae 

behave as pioneer taxa whose dynamics inversely track redox dynamics after antibiotic 
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treatment. Enterobacteriaceae are especially suited to exploiting electron acceptor 

availability because their diverse repertoire of respiration pathways (Jones et al. 2007, 

Jones et al. 2011, Ravcheev and Thiele 2014) allow for fast growth rates under a high 

redox regime. An increase in resource availability is common following ecological 

disturbance and can promote the growth of pioneer taxa, which are best suited to 

quickly respond to a resource spike but which draw down the resource thereby bringing 

about their own displacement (Connell and Slatyer 1977, Peet and Christensen 1980, 

Tilman 1985). Yet, as in many cases of ecological succession, the Enterobacteriaceae are 

eventually replaced by more conventional community members that typically grow 

better under more limiting conditions. Commensal gut microbial communities 

dominated by microbes like the Bacteroidetes, which can also perform anaerobic 

respiration (Ravcheev and Thiele 2014), are associated here with lower redox potentials 

likely due to distinct respiratory rates and pathway utilization. Although recovery to a 

normal redox state is not sufficient to allow for community recovery, we hypothesize 

that it is a necessary first step. Moreover, why redox recovery is hysteretic, and more 

specifically why the gut becomes reducing transiently following the end of treatment 

remains unclear. It has previously been shown that bacteria will produce reducing 

agents, such as H2S, in response to antibiotic treatment (Shatalin et al. 2011), but this 

theory requires further investigation in a community and host-associated context. 

Lastly, our findings suggest a new ecological model for how antibiotics reshape 
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the gut microbiota. Antibiotics are triumphs of modern medicine that have dramatically 

reduced infectious disease mortality (Armstrong et al. 1999). But, we are increasingly 

learning that antibiotics also meaningfully reshape the resident gut microbiota, leaving 

an imprint that can last for months to years after treatment (Jakobsson et al. 2010, 

Dethlefsen and Relman 2011) and predisposing hosts to obesity (Cho et al. 2012) food 

allergy (Stefka et al. 2014), auto-immune disease (Russell et al. 2012), and increased 

infection risk (Wistrom et al. 2001, Stecher et al. 2007, Buffie et al. 2012). While these 

drugs reduce levels of susceptible organisms (Keeney et al. 2014), an additional 

ecological mechanism of action is decreasing microbial competition and allowing 

primary metabolites (e.g., primary bile acids, sugars) (Ng et al. 2013, Theriot et al. 2014) 

to accumulate. Metabolomics here demonstrate that microbial metabolic activity 

decreases even before antibiotics have produced a significant reduction in load.  

Furthermore, our work implicates electron acceptors as an additional microbial 

resource that accumulates during antibiotic use. This concept complements recent 

discoveries that electron acceptors facilitate antibiotic-associated enteric pathogen 

colonization. Pathogens have been shown to trigger inflammation responses and other 

changes in host cell biology to increase delivery of electron accepters (e.g., oxygen, 

nitrate, tetrathionate) to the gut and fuel respiration (Winter et al. 2010, Winter et al. 

2013, Rivera-Chavez et al. 2016). Our study suggests that reductions in resident bacterial 

populations alone may similarly increase electron acceptor availability.  
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Coupling antibiotic-induced reductions in resident microbes to specific electron 

acceptors though is likely to be difficult. For example, previous work suggests that 

reductions in bacteria capable of aerobic respiration should be associated with changes 

in oxygen availability (Espey 2013, David et al. 2015). Moreover, increased delivery of 

oxygen to the host epithelium, and by extension the gut, has been demonstrated where 

disturbance to Clostridia populations results in decreased butyrate production (Kelly et 

al. 2015, Rivera-Chavez et al. 2016). We indeed measured a significant increase in oxygen 

during antibiotic treatment in this study. Still, this increase was transient and did not 

persist across antibiotic treatment. One potential explanation for our observed oxygen 

dynamics is that elevated tissue oxygenation has been shown to support expansion of 

aerobic microbes, like Salmonella enterica  (Rivera-Chavez et al. 2016), and could 

contribute to an Enterobacteriaceae bloom (David et al. 2015). The growth of aerobic 

microbes would increase enteric oxygen consumption. Moreover, since aerobic 

respiration would be the most energetically favorable gut microbial metabolism, 

increased aerobic respiration occurring during antibiotic treatment could lead to 

decreased anaerobic respiration—organisms that can perform the more energetic aerobic 

respiration do so and outcompete those organisms which cannot for other resources. The 

switch to aerobic respiration could therefore, counterintuitively, lead to increases in 

redox potential while oxygen levels are depleted.  
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4.4.1 Conclusion 

Overall, our ecological model that microbial competition for electron acceptors 

shapes the gut environment carries important implications for our understanding of 

host health and disease in addition to ecology of the gut. These dynamics are likely not 

unique to antibiotic treatment and indeed may be generalizable to various disturbances 

that promote Enterobacteriaceae growth. Our model predicts that the intestines of 

mammals with missing or disturbed gut microbiota should feature altered gut microbial 

environments. In fact, germfree animals (Phillips et al. 1958, Celesk et al. 1976) and 

humans suffering from inflammatory diseases (Circu and Aw 2011) and malnutrition 

(Million et al. 2016) exhibit increased redox potential. Our model also suggests novel 

treatments for microbial disorders, specifically chemical alterations of redox potential or 

introduction of competitors for excess electron acceptors. We therefore propose adding 

redox potential to the list of abiotic conditions frequently assayed and manipulated to 

improve host well-being.   
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Appendix A—Urban stress is associated with variation 
in microbial species composition-but not richness-in 
Manhattan: Supplement 

A	 B	

 

Figure 22: Microbial (A) and ant (B) sampling sites. Circles indicate median sites 

and triangles indicate parks. Red indicates sites for which only bacterial sequencing 

was conducted and blue indicate sites for which bacterial and fungal sequencing 

were conducted. Yellow indicates ant collection sites. The scale bar indicates 2km. 
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Figure 23: Archaeal diversity responses to urbanization. (A) Archaeal richness did 

not differ significantly between parks and medians (P=0.5866, Mann Whitney U 

test). (B) But, there is a significant reduction in the species accumulation curve for 

archaea in medians compared to parks (P=0.0023, Kolmogorov-Smirnov test). ** 

indicates P<0.01. 
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Figure 24: Arbuscular mycorrhizal responses to urbanization. Richness (A; 

P=0.7968, Mann-Whitney U test) and species accumulation (B; P=0.8143, 

Kolmogorov-Smirnov test) do not differ meaningfully between medians and parks 

for arbuscular mycorrhizal fungi (phylum Glomeromycota). (C) These taxa show a 

similar distribution of phylotypes between parks and medians as the complete 

fungal community. 
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Figure 25: The relative abundances of potentially pathogenic bacteria does not 

differ (P=0. 8413, two sample t-test) between parks and medians. 
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Appendix B— Plant community and soil conditions 
individually affect soil microbial community assembly in 
experimental old-field microcosms: Supplement  

100%	topsoil 75%	topsoil 50%	topsoil 25%	topsoil

Solidago

Bunchgrass

Control

}SYR	+NC	only

 

Figure 26: Conceptual figure of the experimental design. The four soil treatments 

and three herb treatments randomly assigned to raised beds in a fully factorial 

design. There were 6 replicates of each treatment arranged in blocks. 
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Figure 27: Microbial community composition differs between sites. Nonmetric 

multidimensional scaling ordination illustrating compositional differences across 

sites for the total microbial community. Points indicate individual beds and are 

colored by site. R2 and P values refer to PERMANOVA results of site effects. 
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Figure 28: Relative abundance of all higher-level taxa differ by site (P<0.05, 

Kruskal-Wallis test). Bacterial taxa (A) and archaeal taxa (B) boxplots show 

quartiles. Only taxa with greater than 2% average abundance are shown. 
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Table 3: Edaphic conditions across sites.  
Supplementary	Table	1

Site % Topsoil pH %SM %SOM ug P/g soil ug K/g soil ug Ca/g soil ug Mg/g soil

SYR 25 8.2 3.88 1.05 * 99.75 300.74 0.77

50 8.2 2.41 1.58 2.14 112.66 319.54 0.69

75 7.9 2.99 2.31 73.15 127.31 32.99 5.66

100 8.0 6.89 3.47 205.69 141.63 23.71 8.47

IES 25 7.9 5.03 1.10 139.18 116.53 13.79 9.38

50 7.7 7.69 2.11 187.43 126.39 18.93 8.39

75 7.6 9.24 2.69 221.35 131.63 17.90 8.84

100 7.4 11.86 3.98 273.91 157.32 11.25 16.41

HMF 25 7.4 5.27 1.57 332.87 126.72 8.03 16.60

50 7.3 6.33 2.22 392.52 132.85 9.02 16.15

75 7.2 9.30 3.04 429.49 145.65 9.59 17.81

100 6.7 7.67 3.91 492.20 156.46 10.15 18.28

NC 25 5.6 1.14 0.63 23.57 123.71 1.62 45.98

50 6.0 1.60 1.44 46.03 136.75 3.75 42.95

75 5.1 1.02 2.00 56.44 147.25 4.14 56.69

100 5.0 3.40 2.96 67.24 160.74 5.14 60.99

FL 25 6.8 2.37 0.57 251.72 111.79 2.47 13.65

50 6.5 4.31 1.73 500.60 120.16 5.15 16.31

75 6.5 4.11 1.99 540.91 118.09 5.84 15.87

100 6.3 6.00 2.95 617.90 123.60 7.43 16.75

 

Soil treatments produced consistent trends in variation in edaphic conditions across sites (although site to 

site variation is much larger than variation due to treatments). All values are for single soil samples from 

representative pools before vegetation treatments were applied. * indicates value below the detection limit.  
 



 

 149 

Table 4: Soil C:N at end of experiment.  

Soil treatment

Site Herb treatment 25 50 75 100

IES Grass 83.75±14.35 48.82±21.33 42.80±31.14 18.80±4.28

Solidago 68.45±29.13 40.16±14.06 24.04±2.19 15.78±1.08

FL Grass 13.09±0.65 18.27±9.04 12.94±0.61 12.83±0.62

Solidago 13.69±0.98 12.98±0.37 12.99±0.59 13.19±0.94

HMF Grass 35.40±41.96 16.61±1.05 17.17±2.21 15.24±1.79

Solidago 21.41±6.11 18.13±6.76 19.00±5.1 14.40±1.26

NC Control 10.55±3.99 14.99±1.94 15.50±0.98 15.09±6.87

Grass 15.14±4.58 16.25±2.69 17.19±2.19 16.53±0.57

Solidago 15.87±1.50 19.31±4.36 17.68±3.94 17.23±1.33

SYR Control 113.94±37.55 67.28±13.31 41.42±8.85 25.11±2.53

Grass 106.62±43.06 53.75±4.77 30.99±6.73 25.06±3.86

Solidago 84.13±9.78 52.37±7.18 33.34±2.09 22.90±3.94
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Appendix C— Mammals both induce and attenuate 
microbial nitrogen limitation in the large intestine: 
Supplement  

 

Figure 29: Gut content C:N is not associated with microbial load. 16S rRNA gene 

copy number is not correlated with gut content C:N (P=0.14, Spearman correlation; 

n=10 per compartment) when analyzed across the mouse intestine.
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Figure 30: Stable isotope tracer experiment setup. All mice were fasted overnight and then offered chow with all protein 

sourced from Spirulina cells (either 14N or 15N) for one hour before being returned to normal mouse chow for four hours 

before sacrifice. Control and secretion mice received an injection of threonine (14N and 15N respectively) before being returned 

to normal chow. 
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Figure 31: Stable isotope experiment impacts. (A) The experimental treatments did not affect microbial composition (P>0.05) 

as assessed by 16S rRNA gene amplicon sequencing but composition did differ between compartments (P=0.001, 

PERMANOVA; n=5-10 per treatment). (B) The diet manipulation produced the greatest overall 15N enrichment, but both 

interventions resulted in significant enrichment relative to controls (P<0.001, Kruskal-Wallis test; n=5-10 mice per treatment) 

with no overall compartment differences (P=0.16, Mann-Whitney U test). (C) The experimental treatments did not affect C:N 

(P>0.05), but C:N did vary between compartments (P=0.02, Mann-Whitney U test; n=5-10 per treatment). Data are shown as 

means ± SD. 
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Figure 32: Antibiotics change microbial load, metabolites, and weight. Antibiotics produce a significant reduction in microbial 

load (A) and the microbially produced short chain fatty acids (acetate, butyrate, formate, and propionate ; B) (P<0.05, linear 

mixed effects model likelihood test; n=9-10 mice per treatment group) but both recover during the experimental timeframe. 

Load is measured as 16S rRNA gene copy number per gram feces extracted with qPCR detection limits between 

approximately 10^4 and 10^9. Short chain fatty acids were measured with NMR spectrometry and summed. (C) Antibiotic 

treatment produces a significant increase in weight over the experimental period (P< 0.001, linear mixed effects model 

likelihood test; n=9-10 mice per treatment group). Red bars under the x-axis indicate the course of antibiotics. Data are shown 

as means ± SD.
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Figure 33: C:N varies within the large intestine but not between germfree and 

conventional mice. (A) Mucosal C:N is significantly lower than lumenal C:N 

(P=0.005, Paired t-test; n=3 per section). (B) The absence of a microbiota does not 

produce significant variation in C:N (P=0.9, Mann-Whitney U Test; n=3-10 per 

group). Data are shown as means ± SD.
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Figure 34: Bioreactor model of human colon does not show the same response to antibiotics as mice. (A) Flow through 

chemostat setup is able to support a bacterial community (as assessed via 16S rRNA amplicon sequencing) rich in 

Bacteroidetes and Firmicutes, the two most common phyla seen in the human gut and ex vivo gut models (McDonald et al. 

2013). The gut- emulating chemostat community is consistent both over time and between replicate runs with three different 

donors. (B) The experimental setup entailed the vessels acclimating for 2 days (the first day without new media feeding in) 

before experiencing two antibiotic doses of a cocktail including ampicillin, vancomycin, metronidazole, and neomycin (see 

Methods). (C) Antibiotics produce a slight decrease in C:N (P=0.015, two-way ANOVA; n=3 per treatment) demonstrating 

that microbial death is not sufficient to explain the C:N response to antibiotics observed in mice. Red bars under the x-axis 

indicate the course of antibiotics. Data are shown as means ± SD.
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Figure 35: Human microbiota exhibit differential growth response to supplemental 

substrates based on composition. Growth of ex vivo human fecal microbiota relative 

to control (dashed line) varies depending on substrate added (P=0.03, Kruskal-

Wallis test; n=3-4 human donor replicates per substrate). Data are shown as means 

± SD. 
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Figure 36: Representative NanoSIMS/FISH analysis of large intestine microbiota 

from mice fed a 15N labeled spirulina diet or injected with 15N/13C labeled threonine. 

(A-B) Large intestine contents were hybridized with the FISH Bac303 (green) and 

Erec482 (red) probes. c-g, NanoSIMS at% 13C and at% 15N distribution maps of the 

same fields of view for secreted 15N (C, E) and dietary 15N (D, F, G) are shown. 

Panel g is a duplication of panel f but with an adjusted scale, for better visualization 

of enriched areas. Arrowheads show Bacteroidales cells (white arrowheads) enriched 

in 13C and 15N (for mice fed 15N/13C labeled threonine) or significantly enriched in 
15N (for mice fed dietary 15N), compared to Clostridium cluster XIVa and XIVb cells 

(yellow arrowheads). Scale bar = 5 μm. 
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Table 5: Gut bacterial isolate C:N. 

Species Phylum N Source C:N	

Collinsella	aerofaciens Actinobacteria 1 Human	donor 4.10

Eggerthella	centa Actinobacteria 1 Human	donor 3.99

Bacteroides	massiliensis Bacteroidetes 1 Human	donor 4.58

Bacteroides	ovatus Bacteroidetes 4 Human	donor 3.95

Bacteroides	thetaiotaomicronBacteroidetes 1 Human	donor 4.28

Bacteroides	uniformis Bacteroidetes 1 Human	donor 4.07

Bacteroides	vulgatus Bacteroidetes 1 Human	donor 4.22

Bacillus	coccae Firmicutes 1 Human	donor 4.33

Clostridium	bartlettii Firmicutes 1 Human	donor 3.85

Clostridium	innocuum Firmicutes 1 Human	donor 4.02

Clostridium	innocuum Firmicutes 1 Human	donor 3.84

Clostridium	sp. Firmicutes 1 Human	donor 4.17

Clostridium	sp. Firmicutes 1 Human	donor 4.55

Clostridium	sp.	 Firmicutes 1 Human	donor 3.65

Clostridium	sp.	 Firmicutes 1 Human	donor 4.31

Coprococcus	comes Firmicutes 1 Human	donor 3.98

Dorea	formicigenens Firmicutes 1 Human	donor 4.10

Dorea	formigamerans Firmicutes 1 Human	donor 4.41

Dorea	longicatena Firmicutes 1 ATCC 3.97

Dorea	longicatena Firmicutes 1 Human	donor 3.78

Enterococcus	faecalis Firmicutes 4 Human	donor 3.94

Enterococcus	faecalis Firmicutes 1 Human	donor 4.28

Enterococcus	faecalis Firmicutes 1 Human	donor 3.88

Ruminococcus	gnavus Firmicutes 1 Human	donor 3.76

Ruminococcus	gnavus Firmicutes 1 Human	donor 3.92

Ruminococcus	productus Firmicutes 1 Human	donor 4.20

Ruminococcus	torques Firmicutes 1 Human	donor 3.62

Streptococcus	salivarius Firmicutes 1 Human	donor 3.98

Streptococcus	salivarius Firmicutes 1 Human	donor 3.85

Streptococcus	salivarius Firmicutes 1 Human	donor 3.97

Enterobacter	cloacae Proteobacteria 1 Human	donor 4.02

Raoultella	ornithinolytica Proteobacteria 1 Human	donor 4.28

Raoultella	ornithinolytica Proteobacteria 1 Human	donor 4.12

Shigella	flexneri Proteobacteria 1 Human	donor 3.80

Akkermansia	municiphila Verrucomicrobia 4 ATCC 4.49
 

N represents technical replicates (i.e. number of cultures measured).
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Table 6: Sample sources for mammal fecal C:N analyses. 

Common	Name Species Diet Gut	Morphology

Large	Intestine	

Length	(cm)

Length	

Source

Collection	

Locale Population

Impala Aepyceros	melampus Herbivore hindgut Kenya Wild

Cattle Bos	indicus Herbivore ruminant 1106 1 Kenya Captive

Cow Bos	taurus Herbivore ruminant USA Captive

Dog Canis	lupus	familiaris Carnivore simple 68 1 USA Captive

Southern	White	Rhinoceros Ceratotherium	simum	 Herbivore hindgut Kenya Wild

Vervet	monkey Chlorocebus	pygerythrus Herbivore simple Kenya Wild

Aye-aye Daubentonia	madagascariensis Carnivore simple USA Captive

Eastern	Black	Rhinoceros Diceros	bicornis Herbivore hindgut Kenya Wild

Horse Equus	ferus	caballus Herbivore hindgut 747 1 USA Captive

Grevy's	Zebra Equus	grevyi Herbivore hindgut Kenya Wild

Plains	Zebra Equus	quagga Herbivore hindgut 532.35 2 Kenya Wild

Reticulated	Giraffe Giraffa	camelopardalis	reticulata Herbivore ruminant Kenya Wild

Hippopotamus Hippopotamus	amphibius Herbivore pseudo-ruminant Kenya Wild

Human Homo	sapiens Omnivore simple 137.73 2 USA Wild

Crested	Porcupine Hystrix	cristata Omnivore hindgut Kenya Wild

White-tailed	Mongoose Ichneumia	albicauda Herbivore simple Kenya Wild

Rabbit Lepus	americanus Herbivore hindgut 144.03 2 USA Captive

Elephant Loxodonta	africana Herbivore hindgut 867.9 2 Kenya Wild

Gunther's	Dik-dik Madoqua	guentheri Herbivore ruminant 149.55 2 Kenya Wild

Grey	Mouse	Lemur Microcebus	murinus Omnivore simple USA Captive

Vole Microtus	ochrogaster Herbivore hindgut 25.44 2 USA Captive

Mouse Mus	musculus Omnivore hindgut 7.41 3 USA Captive

Sheep	 Ovis	aries Herbivore ruminant 558.16 2 USA Captive

Yellow	Baboon Papio	cynocephalus Omnivore simple 259.39 2 Kenya Wild

Warthog Phacochoerus	africanus Omnivore hindgut Kenya Wild

Rock	Hyrax Procavia	capensis Herbivore hindgut Kenya Wild

Aardwolf Proteles	cristata Carnivore simple Kenya Wild

Meerkat Suricata	suricatta Carnivore simple South	Africa Wild

Cape	Buffalo Syncerus	caffer Herbivore ruminant Kenya Wild

 

Source citations (1) Karali, 1995; (2) Stevens and Hume, 1995; (3) Aust et al., 2013 
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Table 7: FISH probe sequences. 

Probe 

Name 

Probe sequence (5’→3’) Total hits
a
 Major target taxa (coverage %, total hits in taxon)

a
 Total non-

target hits
 a
 

References 

Erec482 GCT TCT TAG TCA RGT ACC G 95259 Order Clostridiales (32.2%, 94787) 2157 Franks et al.  

(1988) Family Lachnospiraceae (70.2%, 93102) 

Bac303 CCA ATG TGG GGG ACC TT 109363 Order Bacteroidales (55.9%, 108561) 802 Manz et al. 

(1996) Family Bacteroidaceae (91.5%, 56850) 

Family Porphyromonadaceae (17.1%, 8502) 

Family Prevotellaceae (71.1%, 40124) 
a
 According to RDP probe match, performed with database release 11, Update 4 (26 December 2015), containing 3224600 bacterial and archeal 16S rRNA 

sequences (https://rdp.cme.msu.edu/). Coverage is the percentage of sequences within the RDP target taxon that shows a full match to the probe sequence. The 

number of nontarget hits indicates the total number of sequences outside the respective RDP taxa that show a full match to the probe sequence.  
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Appendix D— Antibiotic induced changes in microbial 
respiration disrupt redox dynamics in the mouse gut: 
Supplement  

 

 



 

 162 

0

4 8 12 16 20 23 25 39 49 63 73 87 97

5 6 7 8 9 101 2 3 4Day

Hour

11

16s rRNA

qPCR

Oxygen (Torr)

Redox (mV)

NMR metabolomics

Treatment Recovery

Antibiotics

120 144 168 192 216 240 264

12 13

288 312

14

3360

C
o

h
o

u
s
in

g
 s

e
tu

p

A 

B 

T
re

a
tm

e
n
t

R
e
c
o
v
e

ry

AntibioticsControl Measurement taken

 Measurement not taken

 

Figure 37: Experimental setup of antibiotic treatment. (A) Experimental treatment and sampling regime. (B) Cohousing 

treatment setup for recovery period.
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Figure 38: Microbial load, measured as 16S rRNA copy number, in all antibiotic-

treated (red) and control mice (black) throughout treatment and recovery (N=9-10 

per treatment). Data are shown as means ± SD. 
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Figure 39: Community changes measured as Bray-Curtis dissimilarity relative to 

day 0 composition for all treated (red) and control (black) mice throughout 

treatment and recovery (n=9-10 per treatment). Data are shown as means ± SD. 
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Figure 40: Redox (A) and oxygen (B) data from replicate experimental runs. Redox 

potential is significantly impacted by antibiotic treatment (P<0.05 linear mixed 

effects model likelihood test). N=9-10 per group. Data are shown as means ± SD.
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Figure 41: Abundance of the Enterobacteriaceae is associated with abiotic conditions and changes in redox state. (A) Luminal 

oxygen concentration and gut redox levels are not correlated over our experimental timeframe. (B) Spearman correlation 

between Enterobacteriaceae relative abundance in feces and redox potential of treated (red) and control (black) mice (n=62). 

(C) Spearman correlation between Enterobacteriaceae relative abundance in feces and oxygen concentration of treated and 

control mice (n=116); (Inset) Spearman’s correlation coefficient (ρ) and the corresponding P value for significant correlations. 
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Figure 42: Ex vivo bioreactor experiments demonstrate microbial change alone can alter redox levels. (A) The experimental 

setup entailed the vessels acclimating for 2 days (the first day without new media feeding in) before experiencing two antibiotic 

doses of a cocktail including ampicillin, vancomycin, metronidazole, and neomycin and/or bubbling in of oxygen (see SI 

Methods). (B) Community composition of control vessels for each replicate run during the experimental timeframe. (C) Redox 

levels measured continuously with electrodes for two days with antibiotic doses (where relevant) at 0 and 24 (N=3/treatment).
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Figure 43: Community changes measured as Bray-Curtis dissimilarity relative to day 0 composition for singly- versus co-

cohoused treated (red) and control (black) mice (n=9-10 per treatment). Data are shown as means ± SD. Red bars indicate the 

duration of antibiotic treatment.
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Figure 44: Nonmetric multidimensional scaling ordination of community dynamics 

during and after antibiotic treatment (filled red circles are treated mice during 

treatment; empty red circles are treated mice during recovery; black circles are 

controls).
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Figure 45: Relative abundance of taxa which are negatively correlated with 

Enterobacteriaceae during recovery and are significantly more abundant in 

cohoused animals (n=16-18 per treatment). Data are shown as means ± SD. 
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Table 8: Metabolomic dynamics during and after antibiotic treatment. 

 

* indicate metabolites with overall effect of treatment (P<0.05 linear mixed effects model likelihood tests). Bolded text indicates time points with 

significant difference between treated and control groups (P<0.05 Bonferroni-corrected Mann-Whitney U tests). 
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Table 8 con’t 
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Table 9: Bacterial families with significant negative association to 

Enterobacteriaceae during post-antibiotic succession. 

Taxon rho P

k__Bacteria.p__Firmicutes.c__Clostridia.o__Clostridiales.f__ -0.76 0

k__Bacteria.p__Firmicutes.c__Clostridia.o__Clostridiales.f__Ruminococcaceae -0.76 0

k__Bacteria.p__Tenericutes.c__Mollicutes.o__RF39.f__ -0.67 3.35E-11

k__Bacteria.p__Deferribacteres.c__Deferribacteres.o__Deferribacterales.f__Deferribacteraceae -0.64 5.89E-10

k__Bacteria.p__Firmicutes.c__Clostridia.o__Clostridiales.f__Dehalobacteriaceae -0.59 5.90E-08

k__Bacteria.p__Cyanobacteria.c__4C0d.2.o__YS2.f__ -0.52 1.73E-05

k__Bacteria.p__Firmicutes.c__Clostridia.o__Clostridiales.f__Peptococcaceae -0.50 5.61E-05

k__Bacteria.p__Firmicutes.c__Clostridia.o__Clostridiales.f__Lachnospiraceae -0.49 7.12E-05

k__Bacteria.p__Bacteroidetes.c__Bacteroidia.o__Bacteroidales.f__Rikenellaceae -0.39 1.60E-02

k__Bacteria.p__Bacteroidetes.c__Bacteroidia.o__Bacteroidales.f__.Odoribacteraceae. -0.38 2.83E-02
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