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Abstract 
The extracellular environment affects tissue structure and is a source of physical 

cues to guide cell behavior. The sensing and interpretation of physical cues is important 

in many physiological processes, such as tissue organization and cell differentiation in 

development. Additionally, the misregulation or misinterpretation of physical cues is 

implicated in a variety of disease states that are currently lacking in effective treatments, 

including cancer metastasis and vascular disease. The process by which cells sense 

and respond to the physical nature of their environment is termed mechanotransduction 

and is mediated by molecular-scale protein-protein interactions that enable transmission 

of forces between the extracellular- and intracellular-environment for subsequent 

interpretation. Progress in understanding the molecular mechanisms important in 

mechanotransduction has been hindered by the lack of tools and analyses specifically 

designed for measuring the mechanical state of proteins within mechanosensitive 

structures in living cells. To address this issue, the goals of this dissertation were to: 1) 

create novel tools for measuring mechanical state of a protein, 2) investigate the role of 

protein mechanical state in mediating cellular response to physical cues. 

We first aimed to create a technique for measuring force-sensitive protein 

dynamics within living cells, a property that had previously only been accessible in a 

purified, in vitro, system that does not properly mimic the cellular context. We chose to 

work with the mechanical linker protein vinculin, which is implicated in transducing forces 

at the site of cell-extracellular matrix (ECM) interactions, termed focal adhesions (FAs). 

By combining a Förster Resonance Energy Transfer (FRET)-based sensor to measure 

forces across vinculin with Fluorescence Recover After Photobleaching (FRAP) to 
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measure vinculin dynamics, we were able to directly probe vinculin force-sensitive 

dynamics at FAs in living cells for the first time. The results allowed us to discover three 

distinct vinculin states: a force-stabilized state, a force-destabilized state, and a force-

insensitive state. These states depend on cytoskeletal regulation and the ability of 

vinculin to bind critical binding partners. We found that the force-stabilized state of 

vinculin is required to concurrently stabilize FAs and cell protrusions. While the force-

stabilized state and force-destabilized state can both mediate 2D random migration, 

when cells are presented with a physical gradient of ECM across a 3D pore, only the 

vinculin force-stabilized state is permissive for cells to successfully migrate in response 

to the physical cue. 

To investigate the role of vinculin in sensing a different physical cue, we chose to 

confine cells to micropatterns of the same area but different shape and probe the effect 

on vinculin mechanical state. We again used cells expressing the FRET-based vinculin 

tension sensor (VinTS), as well as a force-insensitive control (VinTL), to measure the 

spatial regulation of vinculin loading in response to cell shape. It was shown that cell 

confinement leads to a gradient in vinculin load, with high tension at the edges and 

corners of cells, and a novel state at the center of cells that was potentially consistent 

with previous observations of compressive forces in this region. The incidence of vinculin 

compression was increased with increased aspect ratio of patterns, meant to induce 

higher contractility states. Additionally, different forms of cytoskeletal inhibition led to 

distinct modulations of the spatial distribution of vinculin load, suggesting different 

mechanisms for regulating vinculin tension and compression. We concluded that 

confining cells to micropatterns led to actin organization above the nucleus, resulting in 
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compression of the nucleus, which was transferred to the FAs below, generating a 

spatial gradient of vinculin loading. 

In continuing to study the role of the mechanically distinct FAs in the center of 

confined cells in mechanotransduction, we chose to focus on the biophysical and 

biochemical regulation, structure, and composition of confinement-induced central FAs. 

First, we determined that the uniqueness of this state was at least partially due to 

dimerization or clustering of vinculin at central FAs, suggesting a different structural 

organization from peripheral FAs. We used different degrees of confinement to show 

that increased confinement leads to increased incidence of central FAs, but we were 

unable to induce the formation of these FAs through cytoskeletal manipulation in the 

absence of physical cues. To understand how these central FAs might be uniquely 

regulating cell response to confinement, we identified a protein only recently discovered 

to localize to FAs that is enriched in our central FAs, called Kank2. Through knockdown 

of Kank2, we found that Kank2 regulates vinculin expression and localization and is 

required for the formation of central FAs. We concluded that the interaction of Kank2 

with key FA proteins, including vinculin, regulates cell sensing and response to physical 

confinement, suggesting an independent pathway from the regulation of the highly 

studied peripheral FAs. Determining if this novel pathway can be used to affect cell 

behavior is an interesting future application of this work. 

In summary, this dissertation describes novel tools for studying mechanical 

states of proteins within living cells and demonstrates the importance of protein 

mechanical state in mediating cell response to physical cues, using the FA mechanical 

linker protein vinculin as a prototypical example. We find that vinculin is a critical 
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molecular player in allowing cells to sense and respond to haptotactic cues and cell 

confinement. We expect that future work in studying cell response to other physical 

cues, for example substrate stiffness, or in different subcellular structures such as 

adherens junctions (AJs) will continue to implicate vinculin as having an important role in 

mechanotransduction. Additionally, we believe that the new tools, assays, and analyses 

that we have developed will contribute to the study of molecular mechanisms necessary 

for mechanotransduction in different proteins, subcellular structures, and cellular 

contexts. Understanding how cells sense and respond to physical cues in guiding cell 

behavior will aid in the creation of therapies for mechanosensitive disease states as well 

as provide means for controlling cell behavior for tissue engineering or regenerative 

applications. 
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1 Introduction  
Biological processes have traditionally been studied from the perspective of 

solution chemistry: diffusion of compounds, binding affinities between interacting 

molecules, and reaction rates. Thus, many powerful tools exist for studying cell and 

tissue biology from a biochemical perspective. However, it is becoming increasingly 

clear that mechanical stimuli are critical determinants of the form and function of cells, 

tissue, and organisms [1-5]. These mechanical stimuli can include shear from fluid flow, 

tensile or compressive forces exerted by surrounding tissues, or mechanical properties 

of the extracellular matrix (ECM). Progress in a variety of fields – including 

developmental biology, tissue engineering, and mechanobiology of disease – is currently 

being hindered by the lack of understanding of how cells sense and respond to 

mechanical stimuli. To begin to address this issue, new tools need to be developed and 

characterized to examine the interaction of mechanics and biochemistry. 

The work described in this dissertation aims to address this issue by creating and 

using tools specially designed for measuring forces across specific proteins inside living 

cells, employing these tools alongside traditional biochemical tools to obtain novel 

information, and making these measurements in the context of different physical cues in 

the extracellular environment. This work focuses on uncovering the molecular 

mechanisms that allow cells to sense and respond to the mechanics of their environment 

within the cellular structure known as the focal adhesion (FA) that directly links the force-

generating cytoskeleton to the extracellular matrix (ECM). As a prototypical example, we 

specifically focus on the mechanical linker protein vinculin. In this dissertation, we 

developed a novel assay to measure force-sensitive protein dynamics and used the 

assay to uncover different mechanical states of vinculin that mediate the ability of cells to 
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migrate in response to a physical haptotactic cue. We also discovered that cell 

confinement leads to a spatial gradient in mechanical loading of vinculin at FAs, which is 

regulated by cell geometry and cytoskeletal tension. Further investigation yielded the 

identification of a separate class of FAs that are induced by cell confinement and are 

structurally and compositionally distinct from FAs in cells that are allowed to freely 

spread. The findings in this work demonstrate a significant step toward understanding 

the molecular mechanisms underlying mechanotransduction at FAs. 

Chapter 2 of this dissertation provides background information on the key 

concepts motivating the studies. These include a description of mechanotransduction 

from the molecular-scale, an overview of FAs as mechanotransduction hubs, and an 

introduction to the select extracellular physical cues that we decided to focus on. This 

chapter also introduces important tools used in measuring protein load, conformation, 

and dynamics that allow for an enhanced molecular understanding of cell sensing and 

response to physical cues. Importantly, there will be a discussion of the choice to focus 

on a particular FA protein, vinculin, which is implicated as a critical force transduction 

element due to its known physical and biochemical interactions. 

Chapter 3 contains a detailed account of critical methodology established to 

perform the research in this dissertation. At the time of beginning the research contained 

in this dissertation, the laboratory was just being started, and as such there was a need 

to implement existing techniques as well as create novel tools and assays. This chapter 

describes installation and function of equipment, implementation and improvement upon 

existing image analysis techniques, and establishment of new experimental processes. 

The methodology described in Chapter 3 uniquely allowed us to carry out the work 

described in the remainder of the dissertation. 
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In Chapter 4, we developed a novel combination of existing fluorescent 

techniques to probe a property of proteins that has never been directly measured in 

living cells. We applied this technique to the FA protein vinculin to measure force-

sensitive protein dynamics. Through disrupting interactions of vinculin with key proteins 

and disrupting aspects of the actin cytoskeleton, we were able to establish distinct 

mechanical states that vinculin adopts at FAs and probe the differential force 

transmission functions of these states. Importantly, we demonstrated that the 

mechanical state of vinculin affects the coordination of key subcellular processes 

necessary for directed migration in response to a physical haptotactic cue. This chapter 

resulted in a greater understanding of the role vinculin plays in transmitting mechanical 

signals between the ECM and cytoskeleton, while also validating a novel technique that 

has wide-ranging applications to different proteins, subcellular structures, and cellular 

contexts. 

In Chapter 5, we focused our studies on investigating the regulation of vinculin 

load by cell confinement. Specifically, we discovered that confining cells to micropatterns 

led to a spatial gradient in the load across the protein vinculin at FAs. We discovered an 

interesting emergence of a unique vinculin mechanical state at the center of confined 

cells which is consistent with previous observations of compressive forces in this region. 

This spatial distribution of vinculin mechanical regulation was modulated by changing 

cell geometry while maintaining the same spread area, as well as by disrupting different 

functions of the cytoskeleton. These results indicate that physical confinement is sensed 

and interpreted by interactions between FAs and the actin cytoskeleton. 

In Chapter 6, we continued to examine FAs in response to physical confinement, 

but from a structural and biochemical perspective. We focused specifically on the FAs 
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localized to the center of confined cells that we have identified as having a unique 

vinculin mechanical state. We investigated their incidence in response to different 

degrees of physical confinement and different biochemical manipulations, discovering 

that they are only reliably induced under cell confinement on all sides. Furthermore, we 

discovered that these FAs are regulated by a newly discovered FA protein called Kank2. 

We found that Kank2 is recruited to central FAs preferentially under cell confinement, 

that it regulates vinculin expression, and that it is required for the formation of these 

central FAs. The findings from this chapter suggest a new pathway for cell sensing of 

physical cues involving the interplay of vinculin and Kank2 at FAs near the cell center. 

Chapter 7 provides a summary of all the work described in this dissertation, and 

in Chapter 8, we discuss future applications of the key findings. In particular, we 

describe immediate applications for the newly created tools and approaches in 

investigating cell response to different physical cues, as well as broader clinically and 

physiologically relevant applications. 

Overall, this dissertation provides an enhanced understanding of molecular 

mechanisms underlying cell response to physical cues, implicating vinculin mechanical 

state as a critical factor in FA mechanosensitivity. The results are expected to: 1) provide 

novel methodology that will accelerate investigations of mechanical roles of specific 

proteins in transmitting and responding to forces; 2) bolster the idea that vinculin is a 

critical protein in mechanotransduction at FAs; and 3) influence future work in 

developmental biology, tissue engineering, and the mechanobiology of disease states by 

describing mechanical and biophysical pathways that mediate cell behavior. 
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2 Background 
2.1 Mechanics in biology 

The idea that mechanics play a role in biology is not a novel idea. More than 100 

years ago, the surgeon Julius Wolff proposed that mechanical load influences bone 

remodeling [6], and more than 50 years ago, the mathematical biologist D’Arcy 

Thompson wrote his pioneering book, On Growth and Form, that suggested mechanical 

regulation of shaping tissues [7]. Indeed, it is becoming increasingly clear that 

mechanical stimuli are critical determinants of the form and function of cells, tissue, and 

organisms [1-5]. Progress in a variety of fields is currently being hindered by the lack of 

understanding of how cells sense and respond to mechanical stimuli. On larger length 

scales, such as those relevant for tissues and organs, mechanical stimuli are recognized 

as critical determinants in development [8, 9]. For example, cell mechanical properties 

affect cell sorting within the embryo [10] and mediate apical constriction, enabling tissue 

folding during gastrulation [11]. Furthering this knowledge could enhance understanding 

and treatment of congenital disorders. Proper development of certain tissues, including 

bone [12], cardiac muscle [13], and blood vessels [3], requires mechanical input to 

shape tissue structure and terminally differentiate cells. To progress in the field of tissue 

engineering, we must understand the role of these forces in order to replicate the effects 

in culture. Many recent efforts in tissue engineering have used novel bioreactors 

replicating the mechanical stimuli observed in developing embryos to create engineered 

versions of vascular and other mechanically sensitive tissues with improved properties 

for use in regenerative medicine applications [14].  

Additionally, many disease states that do not yet have reliable treatments have a 

mechanical component. Atherosclerotic plaques form preferentially in areas of disturbed 
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shear flow [3], suggesting that understanding how laminar flow is interpreted by cells to 

create a quiescent state could provide targets for impeding the misregulation under 

disturbed flow. A major factor in cancer mortality is tumor metastasis [15], which is 

thought to be triggered by local mechanical changes to the tumor ECM [16]. Although 

different cancers may have different gene expression and biochemical profiles, it may be 

possible to find an underlying physical factor that is common between cancer types to 

aid in a generalized treatment. For instance, in vitro studies have demonstrated a strong 

correlation between decreases in cell stiffness, as well as increases in cell contractility, 

and increases in the metastatic potential of cancer cells. 

Some progress has been made using traditional biological tools toward 

understanding how cells sense and respond to mechanical signals, a process termed 

mechanotransduction. However, these tools were not designed for these applications, 

and involve cell lysis, which destroys the mechanical connectivity and protein loading 

thought to mediate mechanotransduction. To fully elucidate the mechanisms involved in 

mechanotransduction, tools that measure forces in living cells are necessary. Recent 

advances across many disciplines, including single molecule biophysics, protein 

engineering, biomaterials, and molecular and cell biology, are enabling the development 

of molecular-scale descriptions of mechanotransduction. Biomedical engineers are 

uniquely poised to create new technologies and analyses by combining their experience 

in physics and mathematics with knowledge of cell biology. As a result, a toolbox for 

measuring protein, cell, and tissue mechanics has started to emerge, which when 

combined with traditional biochemical tools, can provide powerful insight into the role of 

mechanotransduction in cellular function. In this dissertation, we make use of a recently 

developed technology for measuring protein mechanical state, expand its application, 
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and combine with other biochemical and biophysical manipulations to understand 

cellular response to physical cues. 

While many sub-cellular structures are capable of mechanotransduction, 

including the plasma membrane [3, 17], cell-cell contacts [18], and the nucleus [19, 20], 

this dissertation work focuses on focal adhesions (FAs), which mediate the mechanical 

linkages between the ECM and the force generating actin cytoskeleton. These structures 

are intrinsically mechanosensitive, exhibiting changes in both size and composition in 

response to changes in applied forces, shape cues, and extracellular rigidity [21, 22], 

and are critical regulators of cellular processes important in understanding disease and 

developing engineered tissues. Key insights for developing novel disease treatments 

and improving tissue engineering and regenerative medicine can be gained through a 

detailed understanding of mechanotransduction within sub-cellular structures, 

particularly FAs. 

2.2 Mechanotransduction at the molecular scale 

Mechanotransduction is the conversion of a mechanical signal into a biochemical 

signal. Conceptual descriptions of mechanotransduction divide the process into three 

fundamental steps: mechanotransmission, mechanosensing, and mechanoresponse 

[23]. Mechanotransmission refers to the transfer of mechanical forces along elastic 

elements [24]. In cells, this has two major consequences. The first is that forces can be 

transmitted between the intracellular and extracellular environments (Fig. 2.1) [25], 

which enables the cell to physically manipulate its environment, ensure that the cell is 

mechanically integrated with its surroundings, and is important for cell migration [21]. 

Secondly, due to the stiff and filamentous nature of several cytoskeletal elements, 

particularly F-actin and microtubules, forces can be transmitted over long distances 
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relatively quickly in comparison to effects mediated by protein diffusion [26]. On a 

molecular level, mechanotransmission is dictated by the ability of protein-protein 

interactions to resist mechanical loading. The complete breakage of any linkage in a 

mechanotransmission pathway, such as fracture of a stress fiber, will result in the 

termination of mechanical signals. As bond breakage occurs with a characteristic time, 

this phenomenon sets a critical time scale for the successful completion of 

mechanosensitive signaling [23]. This concept implicates protein dynamics as a critical 

variable in understanding mechanotransmission. 

 

Figure 2.1: Mechanotransduction steps. With no physical connection between the 
extra- and intracellular environment, there is no ability to sense mechanical signals. 

Upon creation of a physical linkage, mechanotransmission can occur between the extra- 
and intracellular environment. The exertion of load is mechanosensed, for example by a 

conformational change in the linker protein that exposes a cryptic binding site. Short-
term mechanoresponse occurs when a new mechanical linkage is created, reinforcing 

the existing linkage. 

Transmitted forces ultimately impinge upon a mechanosensitive protein or 

protein complex, causing biochemically detectable changes [24]. Thus, mechanosensing 

can be divided into two parts: the direct conversion of mechanical forces into a 

biochemical signal, and the subsequent detection of this signal [24]. In sub-cellular 

mechanosensitive structures, mechanosensing is most often accomplished through the 

creation of novel, force-dependent protein-protein interactions (Fig. 2.1). A common 

scenario involves the force-induced exposure of a cryptic binding or signaling domain 
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that is typically buried within the protein’s structure [27]. Structural or signaling proteins 

then sense this conformational change, resulting in mechanical reinforcement or 

biochemical response, such as phosphorylation events [28]. It is important to note that 

there is an implicit competition in almost all mechanosensitive phenomenon; 

conformational changes and sensing must occur before mechanotransmission ceases 

due to breakage or disassembly of load-bearing structures [23]. Thus, measuring loads 

borne by proteins as well as the exchange rate of proteins is crucial for completely 

describing the process of mechanosensing.  

Mechanoresponse refers to the downstream effects of the sensing of applied 

load and does not have to be explicitly mechanically-sensitive. These processes can 

largely be divided into two distinct classes. The first class occurs on shorter time scales 

(seconds to minutes) and involves the mechanical reinforcement of load-bearing 

structures (Figs. 2.1, 2.2). This is commonly referred to as adhesion strengthening, and 

results in enhanced assembly of the surrounding ECM, the FAs, and the cytoskeleton 

[25]. On the molecular-scale, this suggests there is a fundamental relationship between 

the deformation of FA proteins and their turnover dynamics. The second class of 

mechanoresponse occurs on longer timescales (minutes to hours to years in the case of 

some mechanosensitive diseases) and is often associated with the activation of 

signaling pathways and changes in gene expression [24] (Fig. 2.2). 

Mechanotransduction is a highly integrated process that spans a wide range of length 

and time scales but is mediated by force-sensitive interactions between individual 

molecules. 



 

10 

 

Figure 2.2: Short- and long-term mechanoresponse. When load is being exerted 
across sub-cellular structures, there is first an immediate mechanical reinforcement and 

associated biochemical signaling, consisting of recruitment of additional structural 
components and local signaling interactions. In the long term, some of the local signaling 

can result in nuclear translocation of particular signals, affecting gene expression and 
eventually, cell fate. 

2.3 Focal adhesions as mechanotransduction hubs 

2.3.1 Focal adhesion structure & composition 

FAs are one of the primary subcellular structures that are thought to mediate 

cellular response to complex mechanical stimuli, including shape cues and substrate 

stiffness [21]. Cellular connections to the ECM are mediated primarily by integrins, which 

are heterodimeric transmembrane proteins whose binding affinity for ECM proteins is 

conformationally regulated by extracellular signals, intracellular signals, and mechanical 

forces [29]. Following integrin activation, structural and signaling scaffolds form on the 
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intracellular face of integrin tails, eventually linking to the actin cytoskeleton [29]. These 

mechanosensitive structures are comprised of a diverse set of over 200 adhesion, 

structural, and signaling proteins [30]. Generally, structural proteins link FA components 

together as well as to the actin cytoskeleton, while signaling proteins modulate protein-

protein interactions through phosphorylation or allosteric regulation and participate in 

downstream signaling cascades. However, these two categories are not mutually 

exclusive, and many FA proteins are capable of multiple functions.  

 

Figure 2.3: Focal adhesion organization. Focal adhesions have a layered structure, 
with proteins grouped generally by function. 

Mature, peripheral FAs have been well-characterized and are found to be 

arranged into multiple protein-specific layers, including the integrin signaling layer 

containing integrin cytoplasmic tails, FAK, and paxillin; force-transduction layer 

containing talin and vinculin; and actin-regulatory layer containing zyxin and α-actinin 

[31] (Fig. 2.3). Exact composition can vary depending on ECM concentration or stiffness, 

for example, different integrin subtypes mediate responses to substrate stiffness 

differently, potentially leading to changes in FA organization [32]. There are also different 

potential force transmission modules including filamin [33-35], p130Cas [28], and 
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ILK/PINCH/Parvin that together form the IPP complex [36, 37]. Additionally, spatial 

location of the FA within the cell can cause compositional changes, with certain central 

adhesions found to be enriched with a unique set of proteins, including Kank2 that 

confer altered force transmission [38]. Within these load-bearing structures, forces can 

dramatically influence three-dimensional protein conformation, and therefore function, 

giving rise to mechanosensitive behaviors that likely depend on composition and 

organization of the FA. Thus, FAs enable the dynamic, biochemically and biophysically 

regulated, transmission of force and bidirectional signaling across the plasma 

membrane.  

2.3.2 Focal adhesion dynamics & maturation 

FAs undergo dynamic changes at the molecular level that manifest as changes in 

overall shape and movement of the FA, including growth, sliding, and disassembly (Fig. 

2.4). Based on their size, composition, and location within the cell, FAs can be classified 

into three categories: nascent adhesions, focal complexes, and mature FAs [39]. 

Generally, nascent adhesions form as clusters of activated integrins that bind to the 

ECM [40], continue growing into focal complexes if engaged by an actin bundle [41], and 

with continued applied cytoskeletal force, mature into full-fledged FAs [42], moving 

toward the cell center throughout the entire process until disassembly (Fig. 2.4). 

Maturation into FAs results in compositional changes, with more adaptor proteins and 

cytoskeletal regulators, especially LIM-domain containing proteins, being recruited to the 

structure [42]. This maturation process is thought to be primarily mediated by force 

generation, either by actin retrograde flow or static stresses exerted by stress fibers [43], 

as maturation can be induced by application of static stress external to the cell [41]. FA 

growth and localization within the cell are modulated by external mechanical cues 
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including shape cues, ECM density, and substrate rigidity, with cells on softer 

substrates, low density ECM, or smaller spread area having smaller, more dynamic FAs 

than cells on stiffer substrates, high density ECM, or larger spread area [22, 42, 44, 45]. 

Additionally, measurements at high spatial and temporal resolution have revealed that 

stresses are not evenly distributed across an individual FA and are not necessarily 

constant in time [46, 47]. Overall, these findings suggest that FAs mediate detection of 

key physical cues through force-dependent protein dynamics. 

 

Figure 2.4: Focal adhesion dynamics. Nascent adhesions form near the cell edge in 
the lamellipodium and move toward the cell center. Nascent adhesions that engage with 

an actin bundle mature into focal adhesions while others disassemble at the 
lamellipodium-lamellum border. Focal adhesions eventually disassemble toward the cell 

center. 

2.3.3 Force generation at focal adhesions 

A commonly measured output of FA functionality is the total force generation of a 

cell, which is mediated by FAs. These techniques are collectively referred to as traction 

force microscopy (TFM) and can be used to probe the entire force output of a cell or 

study the spatiotemporal variations in cell contractility [46, 48]. Traditionally, these 

techniques have focused on lateral displacements of the substrate in response to 
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cytoskeletal-generated forces by quantifying the displacement of beads embedded in a 

polyacrylamide (PA) gel [22, 49] or by measuring the deflection of flexible 

polydimethylsiloxane (PDMS) posts [47, 50, 51]. Both techniques allow for modification 

of substrate stiffness. More recent advances in the TFM techniques have allowed 

visualization of forces in three dimensions, accounting for normal and rotational 

application of force, showing that cells can exert forces of similar magnitude both 

tangent and normal to a surface [52, 53]. Cells modulate their force generation in 

response to many physical cues, including alterations in cell spread area [50], cell shape 

[54], substrate stiffness [55], and external force application [56]. As FAs are the contact 

points between the cell and its ECM, traction forces must be the result of cytoskeletal 

force transmitted through FA proteins. Alterations in key FA proteins, such as vinculin, 

as well as disruption of the force-generating actin cytoskeleton, leads to drastic changes 

in traction force generation [57]. TFM is a useful technique for probing the overall force 

generating ability of a cell but does not provide much information about the molecular 

mechanisms responsible for transmitting and responding to the generated force. 

2.3.4 Mechanosensitive signaling at focal adhesions 

FAs are potent regulators of cell behavior and control a wide array of signaling 

pathways important to cell migration, growth, division, and death. One pathway that is 

implicated in mechanosensitive signaling is the FAK/Src/paxillin pathway. FAK and 

paxillin play a role in FA assembly, with FAK autophosphorylation at tyrosine 397 

occurring with recruitment to FAs in a force-dependent manner [58]. FAK and Src 

together mediate phosphorylation of paxillin at tyrosines 31 and 118 in a myosin II-

dependent manner [59]. Cytoskeletal tension affects both localization and 

phosphorylation of FAK and paxillin at the FA [60, 61], while FAK activity is modulated 
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by different ECM proteins [62] and substrate stiffness [63]. Variations in paxillin and FAK 

activity in turn can lead to activation of different downstream signaling pathways relevant 

to short- and long-term mechanoresponse. 

2.3.5 Adhesion-cytoskeletal regulation important in 
mechanotransduction 

The interaction of FAs with the actin cytoskeleton is a primary mode of 

transmission, sensing, and response to forces, in turn controlling a wide array of 

signaling pathways important to cell migration, growth, division, and death. The actin 

cytoskeleton interacts with FAs both during actin polymerization, or assembly of 

filamentous actin (F-actin) from monomeric actin (G-actin), and as stress fibers, which 

are bundles of cross-linked F-actin. Regulation of cytoskeletal organization occurs 

primarily through the Rho-family of GTPases, including RhoA, Rac1, and Cdc42. 

Typically, Cdc42 is thought to regulate actin polymerization, especially in the formation 

of filopodia, or thin cellular protrusions made up of relatively few F-actin filaments 

polymerizing in parallel [64]. Rac1 is generally associated with lamellipodia, or wide 

protrusions made up of polymerizing F-actin filaments arranged in a branched structure 

[64]. RhoA is most commonly associated with formation and contraction of stress fibers 

[64]. These potent regulators of the actin cytoskeleton interact in complex ways and are 

tightly spatially and temporally regulated to mediate cell protrusion [65].  

While RhoA, Rac1, and Cdc42 are not known to be mechanosensors, a number 

of proteins that directly control their activity, particularly GEFs and GAPs, localize to FAs 

and are regulated by force [66]. Many small molecule inhibitors exist that disrupt 

cytoskeletal regulation at multiple points along the signaling pathways, and inhibition of 

one pathway may isolate or enhance an alternative pathway. Physical cues also appear 
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to influence cytoskeletal regulation. For example, cells on soft substrates typically have 

fewer stress fibers than cells on stiff substrates [22]. The exact mechanisms that allow 

for this mechanosensitive regulation are currently unclear, but FA-cytoskeletal 

interactions are evidently implicated as both modes of sensing external cues and 

conduits for force exertion by the cell. 

2.3.6 Adhesion-dependent transcription signaling 

Mechanical cues also influence gene expression, implicating FAs as having a 

regulatory role in transcription [5]. Recent work has highlighted the mechanosensitive 

activation and translocation of several transcriptional co-activators. YAP/TAZ were first 

implicated in regulating tissue and organ size via the Hippo signaling pathway [67], but 

other work has demonstrated that YAP/TAZ also relay mechanical signals due to ECM 

rigidity and cell shape in human mesenchymal stem cells via a Hippo-independent, but 

cytoskeletal-dependent, pathway [68]. More recently, it’s been demonstrated that these 

two pathways interact in regulating epidermal stemness [69]. Additionally, it has been 

shown that purely exerting external load on the nucleus is sufficient for YAP 

translocation to the nucleus, suggesting that forces transmitted via FAs and the LINC 

(Linker of Nucleoskeleton and Cytoskeleton) complex may directly affect nuclear pore 

size to allow YAP into the nucleus in a purely mechanical manner [70].  

The transcription factor MRTF/MAL-A is also implicating in sensing mechanical 

cues. MRTF is directly tied to the cytoskeleton, in that it binds to G-actin, keeping it 

localized in the cytosol until serum-induced actin polymerization frees it to accumulate in 

the nucleus [71]. Epithelial-mesenchymal transition (EMT) is an adhesion-regulated 

process, and the Rho-ROCK-pMLC pathway activated upon EMT has been 

demonstrated to result in nuclear accumulation of MRTF as well [72, 73]. MRTF also 
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plays a role in the differentiation of epidermal stem cells in response to cell shape [74] 

and interacts with TAZ to mediate response to cell stretch [75]. Understanding how 

physical cues in the extracellular environment are transmitted and interpreted to regulate 

transcription would allow for exquisite control of cell behavior for therapeutic or 

regenerative purposes. 

2.4 Molecular-scale view of focal adhesion forces and dynamics 

2.4.1 Förster resonance energy transfer for measuring biophysical 
protein state at focal adhesions 

A major determinant of mechanotransduction is the force exerted across load-

bearing proteins. A protein under load can transmit that load to a binding partner or 

sense the load and undergo a conformational change, strengthening its interactions with 

binding partners or revealing a cryptic binding site important for biochemical signaling. 

Additionally, protein conformation can play a significant role in mechanotransduction. 

Some proteins naturally reside in an “inactive” state in which they are typically limited in 

the type and number of protein-protein interactions that can form. Protein conformation 

can be modified both biochemically, for example through phosphorylation [76], or 

physically, through structural interactions with other proteins [77] or loads exerted across 

the protein [78]. A change in protein conformation can lead to novel interactions and 

downstream signaling, sometimes as part of a mechanosensitive pathway. We refer to 

the combination of conformation and load as the biophysical state of a protein (Fig 2.5). 
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Figure 2.5: Biophysical state of a protein. Protein load and protein conformation are 
two distinguishable properties that together dictate biophysical state 

Towards understanding the biophysical state of adhesion proteins, a number of 

Förster Resonance Energy Transfer (FRET)-based biosensors have been designed and 

utilized in live cells [79]. FRET measures non-radiative energy transfer between a donor 

and acceptor fluorophore (ex. CFP and YFP, respectively), providing information on their 

separation distance. As two fluorophores are brought together, FRET efficiency 

increases, which is measurable by an increased acceptor to donor emission ratio [80]. 

Several force-sensing biosensors have been designed on the premise that force will 

alter fluorophore proximity, thus eliciting a measurable change in FRET. The biosensor 

will naturally reside in an unloaded state at a particular level of FRET, which can be 

measured in solution or in cells using the soluble sensor [81, 82]. The distance 

sensitivity of FRET has also been exploited to measure these changes in protein 

conformation, particularly in proteins that are modular in structure and can reside in an 

autoinhibited form [83, 84]. 

A force-sensing module is typically made up of the donor and acceptor 

fluorophore (Fig. 2.6A) attached by a linker. When the force-sensing module is 

introduced into a protein of interest and transfected into cells, it can respond to load 
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exerted across the protein (Fig. 2.6B). For example, the vinculin FRET-based tension 

sensor (VinTS) has been shown to detect tension across vinculin [81], corresponding to 

increased separation of the fluorophores. The tension sensor used in these studies is 

based on a module, comprised of two fluorophores, mTFP1 and Venus, separated by an 

elastic flagelliform linker, which can be inserted into a target protein [81]. For the VinTS 

sensor, the sensor module is placed between the vinculin head and tail domains. To 

ensure that observed changes in FRET are in fact due to load exerted across a protein, 

control constructs are necessary, including a force-insensitive control sensor and 

constructs used to test for intermolecular FRET and biological functionality (Fig. 2.6C). 

Other FRET-based tension sensors have been developed for load-bearing proteins with 

a similar design [19, 85-89]. These types of biosensors report the load across a target 

protein, providing valuable information about the location and strength of force in 

mechanotransduction.  
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Figure 2.6: FRET-based tension sensor design. A) FRET is a distance sensitive 
phenomenon, with FRET increasing as fluorophores are brought closer together. B) The 
FRET module is placed between two protein domains that bear load. Under tension, the 

module is extended, and FRET signal is decreased. C) To ensure proper sensor 
functionality, multiple controls are required. First, a force-insensitive construct, for 

example one lacking one of the protein domains, is necessary to show that the load 
measured by the sensor is different than a sensor that is incapable of being loaded. 
Intermolecular FRET controls, for example with each fluorophore mutated to be non-

fluorescent, are required to show that all FRET signal is intra-molecular and not between 
adjacent proteins. Finally, a C-terminal tagged version of the protein is often used as a 

biological control for protein localization and dynamics. 

In the case of FRET-based conformation sensors, fluorophores are placed on 

either side of a protein domain that undergoes a shift during a conformational change. 

For proteins that can reside in an autoinhibited form, when the protein is in a “closed” 

conformation, the fluorophores are in close proximity and there is a high FRET signal. 

When the protein is in an “open” conformation, the fluorophores are separated, lowering 

the FRET signal. For example, the vinculin FRET-based conformation sensor (VinCS) 

has the donor fluorophore inserted between the head and tail domains and the acceptor 

fluorophore attached at the C-terminus (Fig. 2.7B). The VinCS sensor has been 

expressed in living cells and used to show that typically, vinculin resides in a closed 

state in the cytosol and in an open activated state at FAs [83]. Because there is no 

“control” construct, or one that is insensitive to conformation changes, measurements 
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are often made relative to the cytosolic signal (Fig. 2.7C), where vinculin is thought to be 

in the closed state. It has been shown that the VinCS sensor is insensitive to changes in 

vinculin tension [90], while the VinTS sensor is insensitive to changes in vinculin 

conformation [81]. This unique pairing of FRET-based sensors allows for probing of 

vinculin conformation and vinculin tension in an orthogonal manner and facilitates 

determination of the vinculin biophysical state. There are currently a few other existing 

pairs of FRET-based tension and conformation sensors, including vinculin [81, 83] and 

filamin A [34, 91]. By measuring the spatiotemporal distribution of loads across individual 

proteins and protein conformation in FAs, one can start to unravel the mechanisms 

underlying mechanically-sensitive phenomena such as adhesion strengthening, 

cytoskeletal reorganization, and downstream signaling, which are all relevant in 

controlling cell response to physical cues.   

 

Figure 2.7: FRET-based conformation sensors. A) FRET is a distance sensitive 
phenomenon, with FRET increasing as fluorophores are brought closer together. B) One 

fluorophore is placed internal to the protein and the other is placed at the C-terminal. 
When the protein is in an open conformation, FRET signal is low, and when it is in a 
closed conformation, FRET signal is high. C) FRET signal at structures where the 
protein localizes, for example the FA, is compared to FRET signal in the cytosol to 

determine the conformation. 
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2.4.2 Fluorescence recovery after photobleaching as a method to 
study focal adhesion protein dynamics 

FA proteins constantly undergo exchange with proteins in other sub-cellular 

pools, often the cytosol [92, 93]. These dynamics occur with characteristic rates that are 

indicative of the molecular processes regulating a FA protein. Alterations in protein 

dynamics can lead to decreased or enhanced mechanotransmission, as well as the 

growth or disassembly of the FA. Fluorescence recovery after photobleaching (FRAP) is 

a technique used to measure protein exchange with surrounding molecules by 

monitoring the replacement of photo-bleached fluorescently tagged proteins [92, 94]. 

When the recovery curve is fit with a model, the information about the speed with which, 

and degree to which, the bleached molecules are able to exchange with surrounding 

molecules is obtained (Fig. 2.8) [94]. Since FA protein activity is limited by the binding 

rates rather than diffusion, the FRAP recovery curve can be fit using an exponential 

solution to find the time constant of recovery [92, 94]. 

This technique has been used to study the dynamics of many FA proteins, 

including zyxin, talin, vinculin, and paxillin [57, 59, 92, 95-97]. FRAP is readily combined 

with cytoskeletal contractility inhibitors, such as the Rho-associated kinase (ROCK) 

inhibitor Y-27632, to probe how myosin force generation influences the turnover of FA 

proteins. Interestingly, some FA proteins, such as vinculin, exchange more rapidly with 

the reduction of cytoskeletal tension [57, 97], suggesting these proteins are stabilized 

under load. In contrast, other proteins such as paxillin and zyxin exchange more slowly 

in response to a reduction of cytoskeletal tension [97, 98], suggesting these proteins are 

force-destabilized. As exerted force reduces the lifetimes of the interactions with binding 

partners, these proteins are likely to primarily function as signaling proteins instead of 

reinforcement elements. On longer timescales, these changes in individual protein 
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dynamics likely manifest as changes in growth rate, disassembly rate, or composition of 

FAs. Studying protein dynamics using FRAP will help in understanding time-scales of 

force transmission and response, which will lend insight into how cells transmit and 

sense mechanical stimuli. 

 

Figure 2.8: Schematic of FRAP. FRAP measurements are made by taking images of 
cells expressing a fluorescently-tagged protein of interest, bleaching a structure, and 

tracking fluorescent recovery over time. Fitting the resulting recovery data with an 
exponential curve allows for determination of the half-time of recovery (t1/2), which is a 
measure of the rate of recovery, as well as the mobile fraction, which is a measure of 

how much protein is exchanging at a given time. 

2.5 Vinculin mechanotransduction at focal adhesions 

2.5.1 Molecular clutch hypothesis as an organizing principle 

Cell migration has long been understood as the coordination of cell protrusion 

and adhesion at the leading edge, followed by actomyosin contraction and de-adhesion 

of the trailing edge [99]. Initial qualitative observations showed that actin flow was rapid 

when cells did not migrate but slowed upon the onset of migration [100]. Making an 

analogy to how a clutch in an automobile transmits power from the engine to the wheels, 

it was hypothesized that a molecular clutch exists to transmit power from the F-actin flow 
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through adhesion complexes that interact with the substrate [101]. Quantitative 

characterization of actin retrograde flow using actin speckle microscopy, which uses a 

low concentration of labeled actin to observe actin flows and polymerization kinetics, 

showed an inverse relationship between actin retrograde flow and leading edge 

protrusion [100]. This data is consistent with the idea that there is a clutch at adhesion 

complexes that engages F-actin in order for the cell to exert force. While a specific 

protein was not identified, FAs were implicated as mediators of this clutch-like behavior. 

It is likely that there are multiple clutch-like interactions at different layers within the FA, 

as demonstrated by the variation in speed of several key FA proteins with respect to the 

motion of the actin cytoskeleton [102]. One of the main proteins implicated in transferring 

forces from integrins to the cytoskeleton is vinculin [103]. Vinculin’s binding partners and 

role in FA maturation indicate that it is critical for force transmission and adhesion 

reinforcement and provide a candidate protein for studying the role of protein load and 

dynamics in cellular processes. 

2.5.2 Vinculin activation and conformational regulation 

Vinculin consists of a globular head domain, a short proline-rich linker, and a tail 

domain. Its natural state is an autoinhibited closed conformation, also called the inactive 

state because many of the binding sites for key binding partners are obscured [104]. It 

has been proposed that vinculin can be activated by binding of PI(4,5)P2 to the tail 

domain [105] or by binding of the vinculin head to talin [106]. Vinculin in solution is 

unable to bind actin until first interacting with the vinculin binding site on talin [107]. 

Vinculin activation from a closed to an open conformation was originally thought to be 

necessary for vinculin to localize and bear loads at FAs (Fig. 2.9) [108]. Indeed, 

constitutively active forms of vinculin result in larger FAs [43, 109] and are stabilized at 
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FAs, even under treatment with cytoskeletal inhibitors, in turn stabilizing other critical FA 

components [95]. Activated vinculin also stabilizes the open conformation of talin, 

inducing interactions between talin and actin and reinforcing the mechanical linkage 

between integrins and the cytoskeleton [77, 109, 110]. 

Recent results reveal more complexity surrounding regulation of vinculin 

activation, with evidence of mechanosensitivity. Structure-based modeling efforts have 

revealed that there may be multiple activation pathways, depending on the magnitude of 

force exerted on vinculin, that could result in intermediate states where the vinculin head 

and tail are still in proximity despite load being exerted across the protein [111]. 

Additionally, vinculin in the closed conformation still localizes to FAs and is likely 

recruited to FAs by phospho-paxillin to the integrin-signaling layer of the FA, which is 

closer to the substrate than the localization of open vinculin to the force-transduction 

layer of the FA (Fig. 2.9) [90]. This alternative vinculin conformation and localization 

within FAs may indicate an alternative role of vinculin in mechanosensing at the FA. 

Studies surrounding the interaction of the vinculin tail with actin in vitro suggest 

that vinculin binding to actin may trigger a local conformational change that exposes 

cryptic sites in both the N- and C-terminus that allow for the potential for vinculin 

dimerization (Fig. 2.9) [112, 113]. This contributes to the ability of vinculin to bundle actin 

[112], which is found to play a role in mediating cellular response to mechanical stimuli 

[114]. Vinculin can also dimerize and oligomerize in vitro when bound to PI(4,5)P2 [115]. 

This interaction results in enhanced formation of vinculin-VASP complexes, which may 

mediate focal complex assembly and engagement to the cytoskeleton [116]. 

Additionally, interaction of vinculin with PI(4,5)P2 enhances vinculin phosphorylation 

[117, 118]. Vinculin phosphorylation may increase binding strength of vinculin to other 
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FA proteins, stabilizing vinculin at the FA [119]. Whether vinculin dimerization and 

oligomerization occur within cells and how this process affects mechanosensitive and 

biochemical signaling needs to be investigated, but there is significant evidence that 

suggests a potential role for these structures in mediating force transmission and 

sensing [120]. 

 

Figure 2.9: Vinculin mechanical state at FAs. Vinculin can theoretically adopt multiple 
mechanical states within the FA, potentially regulating FA structure. 

2.5.3 Vinculin load and dynamics 

Vinculin plays an important role in regulating nascent adhesion formation and 

turnover at the leading edge of a cell as well as FA growth, which are dynamic 

processes that depend on engagement of the FA with the actin cytoskeleton. FAs are 

still able to form in the absence of vinculin but appear to have altered growth and force 

transmission [43, 121, 122]. In mature FAs, vinculin plays a role in regulating whether 

FAs grow or disassemble. It has been shown that when external force is exerted on a 

cell near mature peripheral FAs, vinculin is recruited to the FA and the FA assembles as 

a mechanoresponse to the increase in load across the FA proteins [123]. Furthermore, 

work done using the FRET-based vinculin tension sensor has shown that vinculin acts 

as a molecular switch to determine whether an FA assembles or disassembles in 
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response to applied loads [81]. The highest tension across vinculin was found in FAs 

that were assembling and growing, while disassembling FAs tended to have lower 

vinculin tension [81] (Fig. 2.10). This suggests that vinculin is critical in regulating FA 

growth and dynamics. Taken all together, there is ample evidence to indicate that 

vinculin plays a major role in mechanotransduction at FAs. This role involves a link 

between vinculin load and FA dynamics. 

 

Figure 2.10: Vinculin in regulating FA dynamics. Vinculin load acts as a switch to 
determine whether FAs assemble or disassemble. 

Vinculin protein dynamics have been shown to be sensitive to load, both on a 

single molecule level and within FAs in living cells, again pointing toward its function as a 

molecular clutch. It has been demonstrated using magnetic tweezers that when force is 

exerted across a single talin molecule, cryptic vinculin binding sites are exposed [27]. 

This force-induced increase in binding rate of vinculin to talin is thought to be a primary 

mechanism for recruitment and stabilization of open vinculin at the FA [124, 125]. Similar 

force-dependent interactions have been found between vinculin and alpha-actinin [126], 

which can bind to integrins [127] in addition to its function as an actin cross-linker. 

Additionally, recent work using an optical trap system has demonstrated the existence of 

a catch bond between the vinculin tail and actin [128]. This result suggests that when 

vinculin is at the FA, engaged to actin, and under load, vinculin will remain longer at the 
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FA. A force-induced stabilization of vinculin could be a means for ensuring successful 

force transmission under large cytoskeletal loads. 

There is a growing body of evidence that suggests that these force-sensitive 

vinculin dynamics do exist in the cellular context and may contribute to mechanosensing. 

Within living cells, reduced cytoskeletal tension using biochemical inhibitors leads to an 

increase in the exchange rate of vinculin at FAs [59, 97], indicating that vinculin 

localization at FAs is stabilized by cytoskeletal forces (Fig. 2.11). Similar behavior was 

observed when the traction force at an adhesion was used to determine the effects of 

mechanical loading on the turnover rate of vinculin, as vinculin exchange rates were 

slower in FAs under greater total force [57]. The dynamics of vinculin in response to 

force indicate that vinculin is stabilized under cytoskeletal load, and the stabilizing effects 

could be due to force-sensitive molecular bond dynamics or force-induced signaling 

events, which could influence force sensing and response, as well as force transmission. 

 

Figure 2.11: Vinculin dynamics are sensitive to cytoskeletal load. Vinculin turnover 
rate is increased under reduction of cytoskeletal load by inhibitors. 

2.5.4 Role of vinculin in force generation, adhesion, and migration 

Vinculin provides a crucial mechanical linkage at FAs, important in transmitting 

force between the ECM and cytoskeleton. The use of vinculin deficient (Vin -/-) cells in 
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comparison to wild-type cells or Vin -/- cells reconstituted with various vinculin constructs 

has enabled elucidation of the function of vinculin at FAs. The presence of vinculin is 

necessary for FAs to fully engage the F-actin cytoskeleton [43], generate large traction 

forces [43, 57], and adhere strongly to the ECM [57] (Fig. 2.12). Expressing inactive 

forms of vinculin results in reduced traction force and adhesion strength when compared 

to WT or active forms of vinculin, suggesting that vinculin may transmit forces differently 

depending on conformation [57, 119]. Active forms of vinculin also enhance adhesion 

strength in cells [95, 119], likely through greater activation of β1 integrins [95]. 

 

Figure 2.12: Vinculin mediates adhesion and traction force generation. Loss of 
vinculin leads to reduced traction force and adhesion strength. 

Vinculin has also been shown to play a significant role in regulating cell 

migration. In 2D cell migration, vinculin knockdown results in slower migration and loss 

of directionality, which manifests as a defect in wound-healing [129]. Active forms of 

vinculin cause cells to become more polarized and migrate more persistently, suggesting 

that regulation of vinculin conformation may play a role in directed migration [95]. It has 

also been demonstrated that vinculin has a clear function in mediating polarization and 

migration in 3D microenvironments [129-131] (Fig. 2.13). Effective cell migration relies 

heavily on coordination of dynamic subcellular processes while allowing cells to exert 
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forces on their environment. It is evident that vinculin is critical to force-transmission and 

organization of FAs, consistent with the theory that vinculin acts as a molecular clutch. 

 

Figure 2.13: Vinculin mediates cell migration. Cells lacking vinculin are unable to 
maintain directionality when migrating in a 3D channel. 

2.6 Molecular sensing of physical cues 

The extracellular environment is a rich source of a variety of physical cues that 

are sensed by cells, leading to changes in cell behavior. Endothelial cells making up the 

inner layer of blood vessels are constantly subject to shear flow, which when disturbed 

can promote the development of atherosclerotic plaques [3]. Cardiac myocytes 

experience strain every time the heart beats and can adapt and respond to prolonged 

changes in cardiac workload [132]. In an intact tissue, cells are confined to particular 

sizes and geometries, which regulates gene expression, but this confinement is lost 

upon placing cells in culture [133]. ECM content, density, and mechanical properties can 

all dictate cell behavior, and remodeling of ECM by MMPs and stiffening of the 

extracellular environment is associated generally with fibrosis and EMT and specifically 

with metastasis of tumor cells [134, 135]. In this work, we have chosen to specifically 

examine cell confinement, ECM density, and substrate stiffness as critical physical cues 

that can be sensed via FAs. 
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2.6.1 Sensing of and response to cell spread area and geometry 

Cells within tissues are subject to a number of mechanical and physiological 

cues, one of which is confinement of cell shape. The ECM and neighboring cells impose 

constraints on cell spread area and cell geometry that influence cytoskeletal 

arrangement [45], cell contractility [50], and cell function [136]. For example, in epithelial 

cells, when cell area falls below a critical value due to mechanical interaction with and 

constraint by neighboring cells, motility and cell division are completely arrested [137]. 

Additionally, a cell reacts differently to being confined to parallel lines, an essentially 1D 

geometry, preferring to orient, protrude, and migrate along the lines and displaying a 

different migratory phenotype than migrating on a flat 2D plane [138], both of which may 

represent different physiological conditions. Understanding the mechanisms by which 

cells detect and respond to shape cues is relevant for understanding physiological 

processes, as well as disease states in which ECM organization and tight interactions 

with other cells are altered [24, 139]. 

Two important cell shape cues are cell spread area and cell geometry. Previous 

work has demonstrated that these cues affect numerous aspects of cell behavior 

including contractility [50], death [136], and differentiation [140]. Generally, on smaller 

micropatterns, cells are less contractile and do not form actin stress fibers [141] (Fig. 

2.14A). Mesenchymal stem cells on smaller micropatterns tend to differentiate toward an 

adipocyte lineage, while on larger micropatterns they tend to differentiate toward an 

osteoblast lineage [140] (Fig. 2.14A). Additionally, altering cell aspect ratio while 

maintaining total cell spread area leads to different distributions of cell traction force, with 

maximum traction stresses occurring in moderately elongated cells [54]. Cell aspect ratio 

has also been shown to affect cytoskeletal organization [142] and differentiation 
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capabilities [74]. To fully harness the ability of shape cues to influence cell behavior for 

the benefit of tissue engineering and regenerative medicine, we must understand the 

molecular mechanisms that allow a cell to detect changes in spread area and geometry. 

2.6.2 Sensing of and response to ECM density 

Cells are constantly surrounded by an ECM made up of different types of 

proteins, which vary in composition and density in different tissues. Ligand density is a 

physical cue that can dictate cell behavior, such as cell spread area [44] and migration 

speed [143]. Haptotaxis describes cell migration on a gradient of adhesive ligands, such 

as ECM proteins, in the direction of increasing density of ligands. This process depends 

on ECM composition and organization, as well as cell type and integrin expression [144]. 

Haptotaxis plays a role in many critical physiological processes as well as pathogenic 

cell behavior. For example, in embryonic development, there are often patterns of ECM 

that groups of cells follow to create tissue structure, for example, migration of the 

mesendoderm during gastrulation [145] or guidance of interstitial dendritic cell patterning 

[146]. Epithelial wound healing is partially mediated by haptotactic cues, where leading 

cells can secrete different ECM types to prompt phenotypic changes in following cells 

[147]. Mesenchymal stem cells, which are critical cells in tissue repair and regeneration, 

migrate in response to insoluble gradients of fibronectin, vitronectin, and collagen I, 

suggesting a role for haptotaxis in recruiting pluripotent stem cells to wound sites [148]. 

Finally, haptotactic cues may play a significant role in cancer migration and invasion 

through tissue via MENA-dependent ECM remodeling [149]. 

Sensing of, and response to, haptotactic cues is primarily mediated by FAs. 

Increased ligand density allows for increased binding of integrins and assembly of larger, 

more stable FAs [44] (Fig. 2.14B), in turn allowing for increased cytoskeletal 
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engagement and force exertion [150]. Additionally, different types of ECM have different 

mechanical properties and engage integrin sub-types with different affinities [151], 

allowing cells to exhibit a preference for certain ECM types. For example, fibronectin has 

a “synergy site” that is not found in other ECM types, which increases bond strength 

between integrins and fibronectin beyond engagement of the adhesive RGD site [60]. 

Cells will preferentially create more stable adhesions in the direction of higher ligand 

density, increasing contractility, and enabling translocation in the direction of higher ECM 

density (Fig. 2.14B). Understanding the mechanisms by which cells transmit and sense 

ligand density-dependent forces is important for understanding the physiological and 

pathophysiological roles that ligand density can play in mediating cell behavior, offering 

targets for disease therapies or control of cell fate. 

2.6.3 Sensing of and response to substrate stiffness  

Substrate rigidity is another mechanical cue that is relevant in physiological and 

pathophysiological processes. For example, it has been shown that softer substrates, 

such as would be native in vivo, promote formation and maintenance of tissues, while 

stiffer substrates promote cell migration away from the tissue [152]. Different tissues 

have different characteristic rigidities that guide gene expression and cellular phenotype 

[153]. In pathophysiology, ECM stiffening is implicated in cancer metastasis where the 

local tumor area becomes stiffer due to ECM remodeling, which alters the phenotype of 

the cells to become less associated and more migratory [1, 16, 63]. Additionally, the 

ECM remodeling resulting from hypertensive heart disease can result in cardiac fibrosis, 

which impairs cardiomyocyte function [139]. 

Traditionally, cellular sensing of substrate rigidity is thought to occur through 

mechanical regulation, termed tensional homeostasis [63]. In this concept, stiffer 
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substrates elicit larger cellular traction force generation until a mechanical equilibrium is 

reached [63, 121, 154]. This mechanical equilibrium relies on changes in protein 

turnover dynamics and signaling. Accordingly, observations of cells on softer substrates 

show smaller, more dynamic FAs, while FAs on stiffer substrates are elongated and 

more stable (Fig. 2.14C) [22], indicating that substrate stiffness is affecting protein 

turnover. Additionally, specific biochemical signaling pathways, like those mediating FAK 

phosphorylation and RhoA activation, are upregulated when cells are exposed to stiffer 

substrates [63]. Substrate stiffness can even alter gene expression, as shown when 

stems cells preferentially differentiate down different pathways depending on the 

stiffness of the surroundings [153] (Fig. 2.14C). Additionally, recent work specifically 

looking at the effect of substrate rigidity on vinculin dynamics showed that vinculin 

turnover is modulated by stiffness of the ECM, which ultimately affects the migration 

speed of fibroblasts [155, 156]. It is also apparent that vinculin plays a role in regulating 

stem cell differentiation in response to changes in substrate stiffness [155]. Thus, 

elucidation of molecular-scale processes mediating rigidity-sensing has major 

implications for providing properly tuned microenvironments for tissue engineering and 

regenerative medicine applications, as well as understanding the regulation of 

pathophysiological response to altered tissue stiffness. 
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Figure 2.14: Cell Response to physical cues. A) Cell size and geometry affect FA size 
and cytoskeletal organization, as well as stem cell fate. B) ECM density affects FA size 

and cytoskeletal organization. Cells can migrate in a direction of increasing ligand 
density. C) Substrate stiffness affects FA size and cytoskeletal organization, as well as 

stem cell fate 
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3 Establishment of Core 
Techniques 

This section details the key methodologies that we have implemented and used 

during this dissertation research. Many of these methods span multiple chapters; 

therefore, we found it more convenient to describe them in detail here and refer to them 

in later chapters. 

3.1 Photopatterning 

The UV patterning technique was implemented following the guide written by 

Azioune et al [157] and adapted to fit the needs and resources of the Hoffman lab. The 

following sections detail how the photopatterning technique was established and the 

protocol used for developing patterned glass substrates. 

3.1.1 Equipment specifications 

The first useful piece of equipment is a plasma cleaner in conjunction with a 

vacuum, which are both contained under the chemical hood. Plasma cleaning is used to 

remove organic contaminants from surfaces by chemical reaction with oxygen radicals. 

For glass substrates, the oxidation and formation of hydroxyl groups due to the plasma 

cleaning has the effect of rendering the surface hydrophilic [158]. The plasma cleaner in 

the Hoffman Lab is a Harrick Plasma PDC-32G, with added vacuum pump (PDC-VPE) 

and quartz sample tray (PDC-32T) purchased in 2013. We chose this particular model 

because it is relatively compact and inexpensive, with sufficient power for our desired 

application. 

Another key piece of equipment for the UV patterning technique is a UV ozone 

oven, which is an enclosed chamber for applying deep UV light to a substrate. The UV 
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ozone oven in the Hoffman lab is a Jelight UVO cleaner 342-220 with added ozone killer 

(OKL200-4) and blower assembly (BLW200) to remove and disassociate the ozone 

produced during the application of deep UV light, purchased in 2013. We chose this 

model because at the time it was the only commercially available system and was 

recommended by Azioune et al [157] for this application. 

3.1.2 Designing and purchasing photomasks 

Photomasks can be easily designed using software that allows for drawing 

features with an indication of size. The preferred file format is DXF, but manufacturers 

can often convert other file formats. AutoCAD was used to design the masks currently 

owned by the Hoffman lab, which can directly save out in the DXF format. A detailed 

description of feature design can be found in the methods paper by Azioune et al [157]. 

For our applications, we found it most efficient to design 5- x 5-inch photomasks to have 

9 1-inch squares containing features, placed in a 3 x 3 grid (Fig. 3.1). For fibroblasts, 

features with an area between 225 µm2 and 1600 µm2 and separated by 100 µm are 

able to sustain single cells. We worked with two companies to purchase photomasks – 

Toppan photomasks and Digidat. 
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Figure 3.1: Photomask design. 

3.1.3  Generating photopatterned glass coverslips 

 

Figure 3.2: Schematic of photopattern generation. 

A schematic outlining the photopatterning protocol is shown in Fig. 3.2. Glass 

coverslips (30 mm diameter, Bioptechs) were rinsed with 70% ethanol and dried 

carefully with a kim wipe. Next, the coverslips were plasma cleaned on high RF power 

for 5 minutes. Following plasma-treatment of coverslips, a 100 µg/mL solution of 

PLL(20)-g[3.5]-PEG(2) in 10 mM HEPES was prepared from a 10 mg/mL stock solution. 

Droplets of 200 µL for each coverslip were pipetted onto the parafilm with sufficient 

space between droplets. Plasma-treated coverslips were placed onto the PLL-g-PEG 
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droplets with the treated side face-down in contact with the PLL-g-PEG. Coverslips were 

incubated for 1 hour at room temperature, before slowly removing the coverslips from 

the parafilm and wicking away excess PLL-g-PEG using a kim wipe along the edge of 

each coverslip. The coverslips were placed face up and allow to dry. During the 

incubation, the PLL backbone will have non-covalently adsorbed to the treated glass 

surface, and the PEG chains remain on the surface, repelling each other, and creating a 

non-fouling interface. At this stage, proteins and cells would not stick to the coverslip 

surface. 

To execute the photopatterning, the photomask to be used was cleaned using 

isopropyl alcohol and dried with light application of a kim wipe. The photomask was 

placed with the “top” side down into the UV oven, the UV oven was turned on, the 

drawer was closed, and the treatment set to run for 5 minutes. At the end of the 5 

minutes of treatment, the UV bulbs turned off, but an additional 2 minutes were allowed 

for the blower and ozone killer to clear the chamber of produced ozone. Then, the 

photomask was removed from the UV oven and placed with the “top” side down onto a 

clean kim wipe. 

To facilitate adhesion of the coverslips to the photomask, a 3 µL droplet of 

deionized water was applied to the patterned areas of the photomask to be applied to 

the coverslips. The UV treatment of the photomask should have made the surface more 

hydrophilic, reducing the contact angle of the water droplet with the photomask. The 

coverslips were placed with PEGylated side in contact with the “bottom” side of the 

photomask, using the water droplet to create temporary adhesion. The mask was flipped 

such that the “top” side was facing up and the coverslips were on the downward-facing 

side and placed into the UV oven. The UV treatment was set to run for 8 minutes. At the 
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end of the 8 minutes of treatment, an additional 2 minutes were allowed for the blower 

and ozone killer to clear the chamber of produced ozone. The photomask with attached 

coverslips was removed from the UV oven and placed with the “top” side down onto a 

clean kim wipe. 

The surface of the photomask was flooded with deionized water, surrounding the 

coverslips and promoting deadhesion of the coverslips from the photomask. Using 

plastic forceps, each coverslip was picked up and placed into a well of a 6-well plate, 

with the PEGylated side facing up. If coverslips were stuck, an additional few minutes 

were given with the water surrounding them to lift the coverslip off the photomask 

surface. Prying off or sliding the coverslips caused defects in the patterns. The 

coverslips were rinsed with deionized water and dried with compressed nitrogen. 

Coverslips were stored dry for up to 1 week.  

When ready to use, patterned coverslips were rehydrated in PBS for 30 minutes. 

Then, the coverslips were washed once with 100 mM NaHCO3, pH 8.5. Patterned 

substrates were incubated with fibronectin diluted in 100 mM NaHCO3, pH 8.5 with 0.1% 

F127 pluronic for 1 hour at 37°C. Substrates were washed twice with PBS and 

immediately seeded with 90,000 cells in complete media. After allowing cells to adhere 

for 30 minutes, substrates were rinsed twice with media, and cells were allowed to 

spread for 5 hours in complete media. 

3.2 Simultaneous FRET and FRAP imaging 

To perform some of the key experiments in my dissertation, we had to set up the 

microscope for FRET and FRAP imaging, both separately and simultaneously. I worked 

together with another graduate student, Andrew LaCroix, to optimize the filter sets and 



 

41 

imaging settings for FRET imaging, and I implemented the FRAP imaging and FRET-

FRAP combination with some technical support from Olympus and Andor. 

3.2.1 Microscope equipment 

The microscope used in our lab is an Olympus inverted fluorescent microscope 

(Olympus IX83) illuminated by a LambdaLS equipped with a 300W ozone-free xenon 

bulb (Sutter Instrument, Novato, CA). The microscope is equipped with a 60x 

magnification objective (UPlanSApo 60X/NA1.35 Objective; Olympus, Tokyo, Japan). 

The images are captured using a sCMOS ORCA-Flash4.0 V2 camera (Hamamatsu 

Photonics, Hamamatsu, Japan). The motorized filter wheels (Lambda 10-3; Sutter 

Instrument) and automated stage (H117EIX3; Prior Scientific, Rockland, MA), as well as 

photobleaching and image acquisition are controlled through MetaMorph Advanced 

software (Olympus). 

FRET images were acquired using a custom filter set comprised of an mTFP1 

excitation filter (ET450/30x; Chroma Technology Corp, Bellows Falls, VT), mTFP1 

emission filter (ET485/20m; Chroma Technology Corp), Venus excitation filter 

(ET514/10x; Chroma Technology Corp), Venus emission filter (FF01-571/72; Semrock, 

Rochester, NY) and dichroic mirror (T450/514rpc; Chroma Technology Corp). For 

photobleaching experiments, we used a 515 nm laser housed in a FRAPPA unit (Andor 

Technology, Belfast, Northern Ireland). Pre- and post-bleach FRAP images were 

acquired using the Venus excitation and emission filters. Images of immunofluorescent 

staining were acquired using the DA/FI/TR/Cy5-4X4M-C BrightLine Sedat filter set 

(Semrock). The microscope is also equipped with a filter wheel containing ND filters that 

range from 1% to 100%. 
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3.2.2 Setting up live imaging equipment 

To image live cells for any amount of time, it is ideal to maintain conditions as 

close to culture conditions as possible. For short-term experiments, for example less 

than an hour, keeping the temperature at 37°C is sufficient. All the live cell experiments 

in my dissertation are categorized as “short-term”. To maintain a consistent temperature 

across the entire sample, we use an objective heater (Bioptechs 150819-13) in 

conjunction with a stage heater (Bioptechs Stable Z System 403-1926) and heated lid 

(Bioptechs). Heat from the objective heater emanates from the area of the sample that is 

being imaged, heat from the stage heater emanates from the outer edges of the sample, 

and heat from the lid emanates from above the sample. This heating from multiple 

sources creates a more uniform temperature across the sample compared with heating 

from a single source.  

The objective heater was installed on the 60X oil-immersion objective and set to 

36°C. The stage heater was placed into a 6-well plate holder, mounted into the stage 

and set to 36°C. The stage heater was secured with tape to minimize small movements 

of the heater within the plate holder. The heated lid was secured above the sample by 

lining up the pins in the lid with the notches in the stage heater. The knob on the heated 

lid controller was set to half-way between “0” and “100”. These setting were optimized by 

checking the temperature within the sample with a reference electrode and adjusted until 

the sample was stably held at 37°C. Heating equipment was allowed to equilibrate for 20 

minutes prior to placing the sample. After the experimental sample was placed, an 

additional 5 minutes were allowed for the sample temperature to stabilize prior to 

imaging. 
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3.2.3 Calibrating FRAP laser 

An important step to performing FRAP experiments is the calibration of the laser, 

which ensures that the laser is properly oriented in the coordinate system. This 

calibration was performed each time the laser was used after at least a couple of weeks 

of non-use, any time there were physical adjustments made to the microscope, or upon 

noticing that the laser is not properly targeting the region of interest (ROI). The FRAPPA 

laser is controlled in Metamorph by a specific module called “FRAPPA Targeted 

Illumination”, which can be found by first loading the FRAP taskbar (Journal -> Load 

Taskbar – “FRAPPA”) and pressing the “FRAPPA Controls” button. For calibration, 

these options were set in the following matter manner. First, the “illumination setting 

(during pulse)” was set to the “FRAP2” setting and the “illumination setting (during 

imaging)” was set to Venus. The dwell time is how long the laser stays in one position 

and is measured in µs. The number of pulses is how many times the laser will scan 

through the region of interest (ROI). The dwell time multiplied by the number of pulses is 

the total duration of bleaching at each position and is calculated and displayed by the 

software. For calibration, set the dwell time to 10000 µs and the number of pulses to 

100.  

When these settings were complete, the calibration slide, made of ethidium 

bromide sealed between a glass slide and a coverslip, was mounted on the microscope, 

coverslip side down. The Venus channel was used to focus on the surface of the slide, 

which was identified as being the plane of focus that is the brightest with identifiable 

minor defects. The slide was moved until a region that has a relatively uniform 

fluorescence across the imaging plane was found. Then, the “Update Setting” button on 

the “FRAPPA Targeted Illumination” window was clicked. The software proceeded to 
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sequentially image, bleach, and re-image while identifying the region that was bleached. 

The final calibration image was displayed, and as long as the 3x3 grid of bleached points 

looked even distributed and focused, the calibration slide was removed, and the 

experiment was executed. 

3.2.4 Choosing FRAP parameters 

There are multiple parameters that must be optimized for the specific structure 

being investigated, including laser settings and timelapse settings. Considerations were 

made while setting these parameters to ensure complete bleaching of the structure of 

interest, reduce photobleaching across the sample, and fully capture the dynamics of the 

molecule of interest. The FRAPPA laser settings used for vinculin at FAs in MEFs were 

a dwell time of 1000 µs and 10 pulses. The timelapse parameters for these experiments 

were to take images every 5 seconds until 5 minutes post-bleach at an exposure time of 

500 ms and 50% ND filter. 

3.2.5 Running FRET-FRAP experiment 

To run a FRET-FRAP experiment, the microscope and all control modules 

(Chapter 3.2.1) were turned on and the microscope was set up for live cell imaging 

(Chapter 3.2.2). The lens required for autofocus functionality was inserted. The Multi-

Dimensional Acquisition (MDA) was set up with FRET imaging parameters, with 

appropriate imaging channels (Chapter 3.2.1), exposure times of 1000 ms for the Venus 

imaging channel and 1500 ms for the mTFP1 and FRET imaging channels, and journals 

to switch between 10% ND for navigating the sample and 100% ND for image 

acquisition. This MDA was saved with the name “MDA_FRET_Date”. Then, the MDA 

was set up with the FRAP parameters, including setting the Venus channel as the 

imaging channel, an exposure time of 500 ms, timelapse settings to take an image every 
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5 minutes for 325 minutes, journals to switch between 10% ND for navigating the sample 

and 50% ND for imaging acquisition, and a journal to bleach the ROI after 4 acquisitions. 

This MDA was saved with the name “MDA_FRAP_Date”. 

Next, the journal for running the FRET-FRAP protocol was created. In the toolbar 

along the top of the screen, Journal -> Start Recording was selected. The MDA window 

was opened, the “MDA_FRET_Date” state was loaded, and image acquisition was 

initiated. Then, the “MDA_FRAP_Date” state was loaded, and image acquisition was 

initiated. Finally, in the toolbar along the top of the screen, Journal -> Stop Recording 

was selected. The journal was saved to the experimental folder with the name 

“FRETFRAP_Date” and added to the FRAP toolbar, which made it easily accessible.  

Once the live imaging system was equilibrated and the sample placed, the image 

acquisition began. The sample was navigated using the image acquisition window under 

Acquire -> Acquire with 10% ND filter and 500 ms exposure time in the Venus imaging 

channel. The continuous autofocus was set using the Devices -> Focus application. 

Once a desired cell was found, an image was snapped. The rectangle drawing tool was 

used to select the ROI to bleach and it was saved by pressing the “Save FRAPPA ROI” 

button on the FRAP toolbar. Then, the newly created “FRETFRAP_Date” journal was 

run from the toolbar. The software automatically acquired the FRET images followed by 

the FRAP images. This identification of a cell, selection of ROI, and running of the 

FRET-FRAP journal was repeated until the desired number of cells from the sample 

were imaged. 

3.3 FRET analysis 

For analyzing FRET images, we follow the procedure known as sensitized 

emission [159]. This method of FRET analysis requires imaging of the intensity of each 
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fluorophore separately, as well as imaging the energy transfer between the fluorophores. 

Using proper imaging calibration factors gathered from imaging a variety of control 

constructs, FRET efficiency can be obtained, which is an absolute value that can be 

compared across experiments and imaging systems. FRET efficiency can also be 

converted to a force value, following proper mechanical calibration of the sensor. 

3.3.1 Adaptation of previous FRET analysis code 

Original analysis code for the vinculin tension sensor was written in Interactive 

Data Language (IDL), which is a vector-oriented programming language popular for data 

analysis in certain fields. Upon initiation of the Hoffman Lab, I took on the task of 

translating the analysis code into MATLAB, a multi-paradigm programming environment 

that is widely incorporated into engineering curricula and is widely used for image 

processing in academia. Previous FRET analysis of the vinculin tension sensor was 

performed using FRET index, or a relative measure of FRET. Because the sensor was 

imaged on a confocal system, limited corrections needed to be made, primarily 

subtraction of background intensity and correction for bleed-through of single 

fluorophores into other imaging channels. These corrections and calculations are well-

described in the initial publication [81], but they will be briefly described here because 

they became part of our FRET analysis pipeline. I developed the FRET analysis pipeline 

as a complete unit, which is outlined in graphical format in Fig. 3.3. 
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Figure 3.3: Schematic of FRET Analysis Pipeline. Blue-colored boxes indicate 
functionality added to original FRET analysis. 
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3.3.2 Darkfield correction 

Dark current is the background signal present in the camera detector when no 

photons are being passed to it, which changes with thermal fluctuations in the camera. 

Quantification of dark current across the imaging field enables correction for “dark” or 

“hot” pixels, which are especially pronounced when using long exposure times typical in 

FRET imaging. Darkfield images are acquired in each channel under the same 

conditions as experimental images, but with all shutters in the microscope closed. 

Typically, 10 darkfield images are sufficient for estimating dark current. These images 

are taken once per year in all imaging channels, averaged together in each channel, and 

stored to be used for image correction. In the first step of the FRET analysis pipeline, all 

images are darkfield corrected by subtracting the average darkfield image from the 

appropriate imaging channel. 

3.3.3 3D image registration 

Due to chromatic aberrations and hardware misalignments within the microscope 

system, objects that are physically co-localized may appear offset in images. This offset 

can be measured using fluorescent microspheres that appear in multiple imaging 

channels. The process for measuring three-dimensional offsets in multiple channels is 

well-described by LaCroix, et al [160]. These parameters are measured once per year 

for all imaging channels relative to the FRET channel and stored to be used for image 

correction. In the second step of the FRET analysis pipeline, all images are registered to 

the FRET channel. All experimental images are shifted in the xy plane using a subpixel 

accurate 2D interpolation with the stored correction parameters and radially corrected 

using a lens distortion removal algorithm [161]. The edges of the images are cropped to 

eliminate edge artifacts. 
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3.3.4 Correction for uneven illumination 

Uneven illumination, inherent to many fluorescence microscopy systems, 

introduces shading effects causing portions of the field of view to appear brighter than 

others. This uneven illumination can be quantified by imaging experimental samples in 

areas where there are no cells. To maintain the proper focal plane, it is advised to focus 

on the structure of interest within the cells and move to a nearby blank area of the dish 

and acquire a set of images with the same imaging settings as the experimental data. 

This process should be repeated to obtain 10-20 image sets. It is recommended to take 

these uneven illumination measurements each time an experiment is performed. There 

is some day-to-day variation, particularly under live imaging conditions. 

The set of 10-20 images for each channel is converted to a single uneven 

illumination image to enable correction of experimental images. First, the images are all 

darkfield corrected and registered. Next, the images are all normalized such that the 

mean intensity of each image is shifted to the overall mean intensity of the image set 

(Fig. 3.4). Then, a new image is created where each pixel is the median of the values 

from the image set in that same pixel location (Fig. 3.4). This new image is smoothed 

using a 2D median filter and then a 2D gaussian filter to remove any local intensity 

changes due to imperfections in the imaged areas. Finally, the image is normalized such 

that the maximum intensity is set to have a value of 1 (Fig. 3.4). This results in an image 

that provides the fractional illumination across the field of imaging. For example, a pixel 

that is assigned a value of 0.5 receives half of the maximum illumination. This image is 

generated for each imaging channel and stored to be used for image correction. In the 

third step of the FRET pipeline, images are corrected for this uneven illumination. Each 
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experimental image is divided by the corresponding illumination image from the same 

imaging channel. 

 

Figure 3.4: Schematic of calculation of correction image for uneven illumination. 
The process is outlined in 1D for clarity, but the analysis occurs for the whole 2D image. 

3.3.5 Background subtraction 

In the fourth step of the FRET pipeline, to enhance signal-to-noise ratio, we 

subtract the background noise from each individual image. For sparsely plated cells, the 

background for each image is estimated as the mode of the pixel intensities of the image 

[162]. The mode is calculated on an image-by-image basis and subtracted from the 

entire image. For densely plated cells the user can instead enter an estimation of the 

background intensity for each channel as manually measured in a cell-free area using 

ImageJ.  

3.3.6 Correction for spectral bleed-through and calculation of FRET 
index 

For FRET to occur, there must be overlap in the wavelengths in which the donor 

emits and the acceptors absorbs photons. This proximity often leads to mixing or 

contamination between the imaging channels. Bleed-through typically refers to 

fluorescence due to a single fluorophore appearing in the FRET channel. This can be 

due to the donor fluorophore emitting light at wavelengths captured by the acceptor 

emission filter or donor excitation light also stimulating the acceptor fluorophore (Fig. 
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3.5). Cross-talk typically refers to the respective fluorophores causing signal in each 

other's channels (i.e. the donor fluorophore causing a signal in the acceptor channel or 

vice versa) and is often insignificant with properly designed filters. 

 

Figure 3.5: Schematic of donor and acceptor bleed-through. Donor bleed-through 
(dbt) occurs when donor fluorophore emission shows up in the acceptor imaging 

channel. Acceptor bleed-through (abt) occurs when the donor excitation also excites the 
acceptor fluorophore. 

Bleed-through can be measured by simply imaging cells expressing each of the 

single soluble fluorophores that make up the tension sensor in each of the FRET 

imaging channels. To get an accurate measurement of bleed-through, 10-20 images for 

each of the donor and acceptor fluorophore are taken, with cells that span the full spatial 

and intensity range of the digital camera. The images are corrected according to the 

previous steps, then all pixels in the image are sorted and binned by intensity, finding the 

average intensity in each bin. To find the acceptor bleed-through, a linear curve is fit to 

the relationship between the FRET intensity and the acceptor intensity in each bin. The 

slope of this fit is the acceptor bleed-through. An analogous procedure is followed for 
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calculating the donor bleed-through. The bleed-through parameters are measured once 

per year and stored for correction of experimental images. 

In the fifth step of the FRET pipeline, FRET index is generated. Experimental 

images are corrected according to the previous steps – darkfield corrected, registered, 

uneven illumination corrected, and background subtracted. Additionally, pixels barely 

distinguishable from the background, or less than 0.1% of the maximum signal, are 

discarded. FRET index is then calculated on a pixel-by-pixel basis according to the 

following formulas: 

 

 

where Fc is the corrected FRET image, IF is the intensity in the FRET-channel, ID is the 

intensity in the donor-channel, and IA is the intensity in the acceptor channel. It is 

possible to stop the FRET calculations here and make relative comparisons between 

groups, and in fact many FRET sensor users report FRET index in their publications. 

3.3.7 Calculation of FRET efficiency and force 

Through imaging donor-acceptor fusion constructs of differing, but constant, 

FRET efficiencies, it is possible to calculate two proportionality constants, G and k, that 

enable the calculation of FRET efficiencies for any biosensor [159]. We have performed 

these measurements for our system and established G and k [82]. This enables us to 

convert our corrected FRET signal to FRET efficiency following the formula 
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We can additionally calculate the relative concentration of donor and acceptor 

fluorescent proteins to ensure that the sensors are intact and functioning properly 

 

Because the tension sensor module has been calibrated [81], with recent 

improvements to the calibration model, we are able to convert FRET efficiency values to 

forces. Based on the calibration model, we can generate a lookup table for conversion of 

FRET efficiencies at a resolution of 0.01% to forces in pN on a pixel-by-pixel basis. The 

sixth step of the FRET pipeline is to convert corrected FRET into FRET efficiency and 

force, as well as calculate the donor-to-acceptor ratio. 

3.3.8 Output images and data 

The final step of the FRET pipeline is to output all the data in a useable fashion, 

both in forms for easy visualization of data and for assessment and manipulation of the 

numerical data. For all FRET images, FAs are identified in the acceptor channel, which 

is proportional to vinculin concentration. The FAs are segmented using the water 

algorithm, as previously described [163] and each identified adhesion is considered as a 

single unit. The result of the FA segmentation is output as a mask, which is then applied 

across all imaging channels, as well as across images resulting from FRET analysis, 

including FRET efficiency, for visualization of data. For each adhesion, geometric 

centroid position, average FRET efficiency, average donor-to-acceptor ratio, average 

acceptor intensity, average donor intensity, FA orientation, FA area, and FA major to 

minor axis ratio are calculated. To identify single cells on an image, closed boundaries 

are drawn by the user based on the unmasked acceptor channel image. FAs are 
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categorized based on their inclusion within cell boundaries, and distance from the edge 

and the center of the cell are determined for each FA. A final data file is output in both 

Excel and .txt formats in which each line represents a focal adhesion, identified by a FA 

ID number along with an image ID number and cell ID number, followed by all the 

aforementioned data.  

3.3.9 Addition of calculation of sub-focal adhesion properties 

An additional functionality that I implemented for personal use was the ability to 

resolve some sub-focal adhesion properties. Along with calculating the geometric 

centroid of the focal adhesion, I added calculations for finding the weighted centroid of 

an imaging channel (ex. acceptor, FRET efficiency, etc.) using the following equations: 

 

where Ich,i is the intensity in the imaging channel at a single pixel, xi is the x position of 

the pixel, and yi is the y position of the pixel. Shifts in the weighted centroid away from 

the geometric centroid indicate a non-uniform distribution of the signal (Fig. 3.6A). This 

property can be compared between two different constructs, for example, a sample set 

of data shows that VinTS FRET centroid tends to be more offset from geometric center 

than VinTS I997A FRET centroid (Fig. 3.6A), which may be a consequence of their 

differential loading. These calculations have been implemented seamlessly into the 

FRET pipeline, with the information being stored in the output data file. 

I also implemented a calculation to separate every focal adhesion in half based 

on the geometric centroid and calculate the mean acceptor intensity, donor intensity, and 

fret efficiency in each half of the adhesion, categorized as distal or proximal to the cell 

centroid (Fig. 3.6B). See Appendix B for details on calculations used to divide FAs. This 
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data is output in both a .txt and Excel format with the same structure as the output of 

MAIN_PIPELINE, allowing for simple appending onto the original file to facilitate 

analysis. A visual example of a VinTS MEF FA that is exhibiting a gradient in FRET is 

shown in Fig. 3.6B. 

 

Figure 3.6: Sub-FA FRET analyses. A) The offset of the weighted intensity or FRET 
centroid from the geometric centroid is quantified and can indicate differences in protein 
localization or loading. B) Sub-FA gradients in FRET can be quantified by reducing to a 

simplified calculation of the average FRET efficiency in each half of the FA. 

3.3.10 Calculation of cytosolic FRET signal 

An important part of using FRET-based biosensors is having adequate controls 

to establish the FRET efficiency in an unaltered state. For the VinTS sensor, we have 

made use of control constructs such as soluble TSMod and VinTL to measure FRET 

efficiency in states where the constructs should be unloaded. An alternative method, 

commonly employed with the VinCS sensor [83, 90], is to measure the FRET efficiency 

of the sensor in the cytosol, where the construct should be unaltered – both unloaded 

and in an inactive state. Therefore, I have implemented a simple method for calculating 
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FRET efficiency within the cytosol of cells, following the execution of the main FRET 

pipeline. 

The program reads in select data image files generated by the MAIN_PIPELINE 

– FRET efficiency, donor-to-acceptor ratio, corrected Venus intensity – along with mask 

image files for both FA segmentation and cell identification. For each identified cell, the 

data image files are first masked based on the cell identification mask (Fig. 3.7) to 

isolate data within the cells. Then, the FA segmentation mask is inverted and applied to 

the cell-masked data images (Fig. 3.7) to remove any data found within the FAs. The 

remaining pixels are filtered, with pixels having FRET efficiency less than zero or having 

donor-to-acceptor ratio outside the range 0.5-1.5 being removed (Fig. 3.7). Finally, the 

filtered pixels are averaged to obtain the mean FRET efficiency and mean corrected 

Venus intensity for the cell. This process is repeated for each cell in the data set. 

Following this analysis, the mean FRET efficiency in the FAs can be compared to the 

mean FRET efficiency in the cytosol to assess effects of localization to FAs on the 

construct. 

 

Figure 3.7: Schematic for calculation of cytosolic FRET. FA masks are generated 
based on the acceptor intensity, or measure of sensor concentration, and applied to 
unmasked FRET images to obtain the FRET at each FA. These FA masks can be 

inverted and applied to the unmasked FRET images to obtain cytosolic FRET. 
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3.3.11 Heat map generation for patterned cells 

I also added post-processing functionality specifically for dealing with analysis of 

patterned cells. Seeding cells on micropatterns results in reproducible distributions of 

vinculin localization and vinculin load. In the interest of easily viewing an overall 

distribution of vinculin localization and load, I created an algorithm to create “heatmaps” 

from aggregated data across multiple cells and experiments. The first step is a function 

designed to crop each image such that the patterned cell of interest is always centered 

with a defined image size. The function displays an image of a patterned cell in the 

acceptor channel and prompts the user to enter what type of pattern the cell is spread on 

from a set of pre-defined codes. Based on this information, the function will overlay a 

rectangle of a prescribed size onto the image, which the user can move around until the 

cell is centered within the rectangle. The function will then crop both the acceptor image 

and the corresponding FRET efficiency image to the defined size and store the image, 

labelled with the corresponding code. After all images in the data set are cropped 

accordingly, a second function is run to generate the heatmaps. This function reads in all 

images with a certain pattern code and averages them, ignoring any zeros in the data 

(Fig. 3.8). The function also keeps track of how many non-zero data points were 

averaged in each pixel location. The final heatmaps are saved as TIFF images. 

 

Figure 3.8: Schematic of FRET heatmap generation. Masked FRET images from 
individual cells on patterns can be averaged together to obtain a generalized “heatmap” 

of spatial distribution of FRET. 
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3.4 FRAP analysis 

3.4.1 Adaptation of previous FRAP analysis code 

Like the FRET analysis code, original analysis code for FRAP was written in 

Interactive Data Language (IDL), which I translated into MATLAB. The specific 

calculations and corrections are well-described in the initial publication [81] and are 

based on a body of previous work [94, 164-166]. I made very few alterations to the 

FRAP analysis itself, which I will briefly describe here and is outlined in Fig. 3.9. I did, 

however, streamline the process of running the FRAP code and create some additional 

post-processing functionality. To make the FRAP analysis user-friendly, particularly to 

those who have little to no coding experience, I converted the code into a modular 

design where each of the following analysis steps occurs in its own function, which can 

later be swapped out with different functionalities as needed. I wrote a main script, 

MAIN_FRAP.m, that the user can run by typing “MAIN_FRAP” at the command line, 

which will proceed to run all of the code, prompting the user for information as 

necessary. 
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Figure 3.9: Schematic of FRAP Analysis. Blue-colored boxes indicate functionality 
added to original FRAP analysis. 

3.4.2 Generating initial polygons for each data set 

To properly measure the photobleaching and recovery, correcting for any global 

photobleaching effects, the FRAP analysis requires tracking of various regions of the 

image set: a cell-free background region, one or more control adhesions that do not 

undergo change over the image series, and one or more experimental adhesions that 

undergo photobleaching. In the original analysis, the user would identify the initial 

positions of each of these ROIs and would wait for the code to analyze that series of 

images before pausing to allow the user to identify the ROIs for the next series of 

images. I reconfigured the analysis to save time for the user by allowing the user to 

identify initial ROI positions for every image set in the experiment at once. Then, the 

code uses this information to proceed with the analysis for all of the data sets without 

needing any input from the user, allowing the user to conduct other work while the data 

is processing. 
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For each series of images, the program acquires information about the number of 

control and bleach adhesions, along with some other necessary parameters. Then, the 

program presents the initial image of the data set and prompts the user to draw a 

polygon in the background, or cell-free region of the image. The user should verify that 

this region remains cell-free by looking at the entire image series, for example, in 

ImageJ. Next, the user is prompted to draw a polygon around the control adhesion(s) 

and the bleached adhesion(s). For both control and bleached adhesions, the program 

goes through a process to identify and segment the FA within the drawn polygon. This is 

done by performing the water algorithm [163] to the ROI and storing the contour of the 

adhesion. To facilitate this process, I added a step to optimize the segmentation 

parameters so that the user would not have to guess at the parameters and start the 

analysis over if the guess was incorrect. I modified a segmentation optimization scheme 

developed by a former undergraduate student in the lab, Josh Lewis. The optimization 

function presents the ROI of the image segmented with the initial segmentation 

parameters entered by the user. There are sliders along the left side of the figure 

window to allow the user to adjust the parameters until the FA is identified to their 

satisfaction. Then, the user clicks on the image, at which time the parameters are saved 

for later use and the program proceeds to the next step. Once the initial ROIs are 

identified for the first image set, the program stores all of the information and moves on 

to obtaining the initial polygons for the next image set. 

3.4.3 Measuring and fitting FRAP recovery curves 

The process of obtaining the FRAP recovery curves has been well-documented 

[81, 94, 166], and I did not alter the procedure, so I will briefly describe the process here. 

At each time point, the mean intensity within each of the defined polygons – background, 
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control, and bleached – is measured and stored. To account for any changes in FA 

shape or location over time, at each time point the polygon from the previous frame is 

dilated and segmentation is performed again using the established parameters from the 

previous step. The polygons for bleached adhesions are kept stationary following the 

induction of photobleaching until the average intensity increases above a given 

threshold, typically 35% of the initial intensity. At the completion of calculating the mean 

intensity at each polygon for the entire image series, the normalized intensity is 

calculated. First, the data is background-subtracted 

 

where Iblch is mean intensity within the polygon tracking a bleached adhesion, Icon is 

mean intensity within the polygon tracking a control adhesion, and Ibackground is mean 

intensity within the polygon tracking the cell-free background. Next, each control 

intensity series is normalized such that the pre-bleach intensity is set to 1.  

 

Then, if more than one control adhesion was selected, the data for all control adhesions 

is averaged together at each time point. Finally, for each bleached adhesion, the 

normalized intensity series is calculated by: 

 

This normalized intensity series post-bleach can be fit with an exponential recovery 

equation [81, 94]: 
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where the half-time of recovery can be extracted as log(2)/c and the mobile fraction is b. 

For complete bleaching, a should be near zero. 

3.4.4 Addition of focal adhesion characterization 

For the FRAP experiments making up my dissertation, I wanted to focus only on 

FAs that do not undergo large area changes or substantially translocate. In order to 

reliably and repeatably identify these “stable” FAs, I created a small post-processing 

algorithm to classify FAs into either “stable”, “growing”, “shrinking”, or “sliding” FAs. The 

algorithm compares the initial polygon and the final polygon identifying a bleached FA. It 

calculates the initial and final area of the FA, as well as the percent change in area from 

the initial to the final polygons. Additionally, it calculates the percent overlap in area 

between the initial and final polygons. If the percent change in area is less than 30% and 

the percent overlap is greater than 60%, the FA is classified as “stable”. If the percent 

change in area is greater than 30% but the percent overlap is still greater than 60%, the 

FA is classified as “growing” or “shrinking”, depending on whether the final area was 

larger or smaller than the initial area. Finally, if the percent overlap is less than 60%, 

regardless of percent change in area, the FA is classified as “sliding”. The algorithm also 

displays an image of the initial and final polygons with the classification (Fig. 3.10) so 

that the user can visually confirm the results. For all FRAP data in this dissertation, only 

“stable” FAs were used in the analysis, but it could be interesting for future work to 

investigate these other FA classifications. 
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Figure 3.10: Schematic of different categorizations of FAs. 

3.4.5 Addition of calculation of sub-focal adhesion properties 

An additional functionality that I implemented was the ability to resolve some sub-

focal adhesion dynamics. First, I wrote a function that would separate out focal 

adhesions into two halves – proximal and distal to the cell center – and fit the 

fluorescence recovery for each half separately. See Appendix B for details on 

calculations used to divide FAs. The function first reads in all of the images in the FRAP 

series and the corresponding polygons that track the bleached adhesion over time. It 

displays the first image in the series and prompts the user to click in the approximate 

center of the cell. Then, for each time point, the function divides the focal adhesion along 

its minor axis and identifies which side is proximal and distal to the cell centroid, 

calculating the mean intensity for each half. After processing the entire data set, each of 

the proximal and distal recovery intensity series is normalized and fit as separate FRAP 

recovery curves (Fig. 3.11A). 

Another sub-focal adhesion property I tracked was changes in the maximum 

vinculin intensity over time. I thought this could be an interesting property based on 

published evidence that FAs can exert load in an oscillatory manner that manifests as 

changes in the position of maximum traction force exertion and maximum vinculin 

intensity [46]. I applied this analysis to the control adhesions identified in the FRAP 
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analysis. The function I wrote first reads in all of the images in the FRAP series and the 

corresponding polygons that track the control adhesion over time. For each time point, 

the function identifies the geometric centroid and position of maximum vinculin intensity 

within the FA, measured by Venus fluorescence. For visualization, the path of maximum 

vinculin intensity is plotted, overlaid onto the initial and final positions of the FA (Fig. 

3.11B). Additionally, an accessory function resolves the motion of the maximum vinculin 

intensity into the components in the direction of the major and minor axes, relative to the 

geometric centroid. These motions can be plotted over time for a single FA (Fig. 3.11B) 

or made into histograms of step size from multiple FAs to assess magnitude of 

oscillations in each direction and potentially look for characteristic frequencies of 

oscillation. 

 

Figure 3.11: Examples of measurements of sub-focal adhesion dynamics. A) 
Separate FRAP fitting of distal and proximal halves of FAs. B) Tracking of the position of 

maximum vinculin intensity relative to the FA centroid. 
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3.5 Focal adhesion stability analysis 

A useful analysis for bulk FA dynamics is a measure of FA stability, previously 

described by Grashoff et al [81]. I adapted this analysis to the needs of our lab. To 

acquire the data, cells of interest expressing a fluorescent FA marker are imaged in the 

appropriate fluorescent channel every 1 minute for 30 minutes, utilizing the live image 

set-up and autofocus capabilities. 

The first step of the analysis is to segment the FAs from the first image in each 

image series using the water algorithm [163]. Then, the remaining images in the series 

are registered to the initial image in the xy plane using the built-in MATLAB function 

“imregister”. This accounts for subtle shifts due to imaging multiple stage positions 

sequentially. Next, the user is prompted to draw boundaries around cells in the first 

frame of the timelapse to isolate data from single cells. The intensities of individual FAs 

are measured in the first frame and are compared to the same area in each consecutive 

frame to capture intensity decay over time (Fig. 3.12). The individual decay data for each 

FA are normalized by their initial value. For each cell, the data from the FAs are 

averaged together. This curve is fit with a double exponential decay of the equation: 

 

where  and . 

To ensure that the slow half-time is not due to global photobleaching, I added 

functionality to quantify global photobleaching. Sample image sets are chosen, and the 

average intensity of the entire image at each time point is calculated. The change in 

intensity over time is fit with a single exponential decay and the decay half-time is 

quantified. For our imaging parameters, the photobleaching half-times calculated were 
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approximately 10-fold longer than the slowest experimental half-times, thus 

photobleaching was found to have a negligible effect on the FA stability measurements. 

 

Figure 3.12: Schematic of FA stability assay. FAs are identified at the first timepoint 
and intensity within these locations is tracked over time. As FAs slide and decay, 

intensity within the tracked locations will decrease over time. The resulting curve can be 
fit with an exponential decay model. 

3.6 Cell protrusion analysis 

As part of an assessment of force transmission and sub-cellular coordination 

during cell migration, I developed an assay to measure cell protrusive activity over a 

period of time. To obtain the data, cells of interest are transiently transfected with 

fluorescently tagged LifeAct using standard Lipofectamine 2000 protocols. Single cells 

are imaged in the appropriate fluorescent channel every 1 minute for 30 minutes, 

utilizing the live imaging set-up and autofocus capabilities. 

To analyze the data, individual cells are identified by applying a threshold to the 

LifeAct images. The masks were refined using an extended-minima transform and a 

watershed algorithm to identify the cell boundaries. To calculate area change between 

time points, masks generated at subsequent time points were subtracted, and the 

absolute total area change was calculated (Fig. 3.13). For each cell, the average area 
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change per time step was calculated and represents one data point. The higher the 

average area change per time step, the more protrusive activity the cell line is exhibiting. 

When compared to a WT untreated cell line, this analysis can provide information about 

how experimental changes affect cell protrusion and can potentially link functionality to 

different sub-cellular structures, such as FAs. 

 

Figure 3.13: Schematic of cell protrusion analysis. Cell masks at each time point are 
subtracted to measure net area change. 

4 Measuring force-sensitive 
vinculin dynamics and 
elucidating its role in 
haptotaxis 

4.1 Rationale and experimental plan 

Cell migration is a complex, spatiotemporally regulated process that enables 

cells to move either randomly or in a directed manner in response to biochemical and 

biophysical cues [167, 168]. Directed migration is integral to many fundamental 

biological processes, such as wound healing, morphogenesis, and the immune 

response, and defects in cell migration are associated with a variety of pathological 
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conditions, such as birth defects, cancer metastasis, and vascular disease [169-172]. 

Efficient cell migration requires the coordinated regulation of cell protrusion driven by 

actin polymerization in the lamellipodia [173], adhesion to the extracellular matrix (ECM) 

mediated by integrin-based multi-protein complexes termed focal adhesions (FAs) [21], 

and force generation via the actomyosin cytoskeleton through actin polymerization or 

myosin activity [174, 175]. However, the molecular mechanisms mediating the 

coordinated regulation, and particularly the mechanical integration, of these sub-cellular 

structures during cell migration are incompletely understood. 

As FAs mediate the mechanical connections between the ECM and the force-

generating actomyosin cytoskeleton, these structures play a key role in the coordination 

of sub-cellular processes during cell migration [58, 167]. For cells to efficiently migrate, 

FAs must perform two seemingly opposed mechanical functions: stably transmit large 

forces to the ECM to provide the driving force for forward motion at the leading edge of 

the cell and undergo force-induced rearrangements to enable translocation of the cell 

body. Biologically, the regulation of these dynamics is often explained in terms of two 

distinct phenomena: force-sensitive molecular “clutches” [101-103, 176] or force-induced 

FA growth, often referred to as adhesion strengthening [123, 177-179]. The molecular 

clutch models mostly focus on the ability of force to destabilize or reinforce the physical 

connections between FA proteins, commonly referred to as slip or catch bonds [103, 

176, 180, 181]. Force-induced growth models tend to focus on the ability of mechanical 

loading to cause conformation changes in proteins that induce recruitment of proteins to 

FAs [182-184]. Interestingly, recent models have proposed that both processes interact 

to mediate mechanosensing [185, 186]. 
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Efforts to identify the key proteins governing mechanical regulation of FA 

dynamics have primarily focused on talin and vinculin. Both proteins are critical to 

maintaining cell spread area, stable FAs, and engagement with the actin cytoskeleton 

[43, 109, 110, 187]. Additionally, both proteins undergo conformation regulation, where 

the closed conformation is mediated by a strong interaction between the N-terminal head 

domain and C-terminal domains [38, 188, 189], and the open conformation is thought to 

mediate formation of stable load-bearing connections within FAs [190, 191]. Talin in the 

open conformation binds directly to integrins and F-actin and bears substantial 

mechanical load [85, 88]. Vinculin in the open conformation links talin to actin and also 

bears substantial mechanical load [57, 81, 109, 120-122]. However, recent evidence has 

revealed that closed vinculin still localizes to FAs [81, 90], indicating that the open 

conformation of vinculin is not required for FA localization. Despite demonstration of 

distinct localization of open and closed vinculin at the FA [90], it is unclear how these 

states are regulated or their importance in FA function. 

Interactions between vinculin and talin are highly regulated, and particularly 

sensitive to mechanical loading. Applying sufficient force to talin exposes cryptic vinculin 

binding sites, thought to be a primary mechanism for recruitment and stabilization of 

open vinculin at the FA [27, 124, 125], though recent evidence indicates that 

phosphorylated paxillin might recruit closed vinculin to the distal tip of the FA [90]. 

Furthermore, activated vinculin stabilizes the open conformation of talin and induces 

interactions between talin and actin [77, 109, 110], reinforcing the mechanical linkage 

between integrins and the actomyosin cytoskeleton. Based on these results, it has been 

suggested either talin, vinculin, or the interaction of talin and vinculin is the key 

component of the molecular clutch or the crucial element in force-induced FA 
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strengthening [43, 95, 103, 124, 185]. Further progress requires a greater understanding 

of how force affects talin and vinculin dynamics and interactions in living cells. 

While the exact molecular mechanisms are still under investigation, it clear that 

applied force affects the turnover dynamics of proteins with FAs. Collectively, we refer to 

any of these processes as force-sensitive protein dynamics. Previous efforts to probe 

force-sensitive protein dynamics in living cells have largely relied on Fluorescence 

Recovery After Photobleaching (FRAP) in conjunction with indirect manipulations of 

mechanical forces, including inhibition of the actomyosin cytoskeleton or different rigidity 

substrates [57, 92, 95-97, 192]. Vinculin turnover dynamics are slowed in response to 

the increased activity of the actomyosin cytoskeleton, stiffer substrates, and local 

increases in traction force generation, indicating that actomyosin generated forces 

stabilize vinculin at the FA, but the exact mechanism is unclear. For instance, this 

stabilization could be explained by force-induced changes in vinculin-talin or vinculin-

actin bond dynamics or, alternatively, by force-induced modulation of structural elements 

that stabilize vinculin at the FA. 

To elucidate the mechanisms mediating the observed force-induced stabilization 

of vinculin at FAs, we developed a combination of existing techniques for probing force-

sensitive protein dynamics in living cells and applied the technique to vinculin. The key 

advance of the technique over previous efforts is the use of Förster Resonance Energy 

Transfer (FRET)-based biosensors that enable direct measurements of the forces 

experienced by vinculin and do not rely on manipulations that globally affect cell 

contractility. With this new, to our knowledge, approach, we observe different forms of 

vinculin force-sensitive dynamics, likely corresponding to distinct mechanical states of 

the protein. Furthermore, a particular, force-stabilized state is required for the 
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coordination of sub-cellular processes and effective directed cell migration. Together, 

these data suggest that a variety of classes of mechanical clutches, with distinct physical 

properties, form to enable distinct force-sensitive responses in FAs. 

4.2 Methods 

4.2.1 Cell culture 

Mouse embryonic fibroblasts lacking vinculin (Vinc -/- MEFs), along with cells 

derived from wild-type littermate controls (WT MEFs), were generously provided by Drs. 

Ben Fabry, Wolfgang Goldman, and Wolfgang Ziegler [130]. Vinc -/- MEFs were stably 

modified with a FRET-based vinculin tension sensor (VinTS) or a vinculin mutant tension 

sensor that harbors mutations that prevent vinculin-talin (VinTS A50I) or vinculin-actin 

(VinTS I997A) interactions (Fig. 4.6A) [43, 193] using lentiviral transduction, as 

described below. All MEFs were maintained in high-glucose Dulbecco’s Modified Eagle’s 

Medium (D6429; Sigma Aldrich, St. Louis, MO) supplemented with 10% fetal bovine 

serum (HyClone, Logan, UT), non-essential amino acids (Gibco, Waltham, MA), and 

antibiotic-antimycotic solution (Sigma Aldrich). HEK293-T cells, used for viral production, 

were maintained in high-glucose Dulbecco’s Modified Eagle’s Medium with L-glutamine 

and sodium bicarbonate (D5796; Sigma Aldrich) supplemented with 10% fetal bovine 

serum (HyClone) and antibiotic-antimycotic solution (Sigma Aldrich). 

4.2.2 Generation of viral expression constructs 

Construction of pcDNA3.1-VinTS transient expression constructs has been 

described previously [81]. Mutant versions of the vinculin tension sensor deficient in 

actin binding (I997A) or talin binding (A50I) were generated via PCR. Specifically, the 

vinculin tail domain with I997A mutation was generated using forward primer 5'-AGC 
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GGC CGC GGA GTT CCC AGA GCA G-3', reverse primer 5'-GTC TAG ATT ACT GAT 

ACC ATG GGG TCT TTC TG-3', and template DNA pET15b GgVcl 884-1066 ΔAB 

(generous gift from S. Campbell). The product was inserted into pcDNA3.1-VinTS using 

5'-NotI/3'-XbaI, yielding pcDNA3.1-VinTS-I997A. An analogous strategy was used to 

generate pcDNA3.1-VinTS-A50I using forward primer 5’-AAT AAG CTT GCC ATG CCC 

GTC TTC CAC AC-3’, reverse primer 5’-GCC GGA TCC GCA AGC CAG TTC-3’, 

template DNA pEGFPC1/GgVcl 1-851 A50I mutant (Addgene Plasmid #46269) and 5'-

HindIII/3'-BamHI restriction sites. To achieve lentiviral expression of VinTS and mutant 

VinTS constructs, these constructs plus the upstream CMV-promoter were extracted via 

5’NruI/3’XbaI digestion and ligated (T4 DNA Ligase; New England BioLabs, Ipswich, 

MA) into pRRL vector that had been digested with 5’EcoRV/3’XbaI. 

4.2.3 Viral transduction and cell selection 

Second generation viral packaging plasmids psPax2 (Plasmid #12260) and 

pMD2.G (Plasmid #12259) were purchased from Addgene. pRRL VinTS constructs, 

psPax2, and pMD2G plasmids were co-transfected into HEK293-T cells using 

Lipofectamine 2000. After 4 hours, the transfection mixture was exchanged for full 

media. After an additional 72 hours, media containing viral particles was harvested and 

stored at -80C.  

One day prior to viral transduction, Vin -/- MEFs were plated in 6-well dishes at a 

density of 100,000 cells per dish. Cells were transduced with 500µL viral mixture in full 

media supplemented with 2µg/mL Polybrene (Sigma Aldrich) to enhance viral uptake. 

After three passages, transduced cells were sorted into several groups based on 

intensity of the fluorescent signal due to expression of the construct. 
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4.2.4 Establishing endogenous vinculin expression 

To enable verification of endogenous expression levels of vinculin tension 

sensors for each cell analyzed, we used an immunofluorescence-based approach. First, 

primary antibody species specificity was established by comparing relative 

immunofluorescent labelling of mouse vinculin-Venus and chicken vinculin-Venus in a 

vinculin null background with a vinculin antibody (mouse anti-vinculin V9131; Sigma-

Aldrich, St. Louis, MO) and a secondary antibody tagged with Alexa-647 (ThermoFisher 

Scientific, Waltham, MA). Then, WT MEFs and VinTS-expressing Vinc -/- MEFs were 

immunofluorescently labeled with the same protocol. Mean intensity for Alexa-647 

labeling at FAs in WT MEFs, corrected for antibody specificity, was taken as a standard 

for endogenous vinculin expression. Mean Venus intensity of VinTS-expressing Vinc -/- 

MEFs that also showed the Alexa-647 labeling consistent with this endogenous level 

was used to determine the sensor expression level that corresponds to endogenous 

vinculin expression. Subsequent analyses were only performed on VinTS expressing 

cells within this range. 

4.2.5 Cell seeding 

Glass bottom dishes (World Precision Instruments, Sarasota, FL) were incubated 

with 10 µg/ml fibronectin (Fisher Scientific, Waltham, MA) in PBS at 4ºC overnight. 

Dishes were rinsed once with PBS prior to cell seeding. MEFs were seeded with 25,000 

cells per dish and allowed to spread in complete media for 2 hours and then in imaging 

media (Gibco Medium 199 + 10% FBS) for another 2 hours. 

4.2.6 Inhibition of the actin-myosin cytoskeleton 

To inhibit myosin functionality, cells were treated with the ROCK inhibitor Y-

27632 (Sigma Aldrich). The cells were allowed to spread for four hours prior to inhibitor 
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treatment. MEFs were treated with 25 µM Y-27632, diluted from a 10 mM stock solution 

in DIH2O, 20 minutes prior to live imaging. Successful inhibition was measured by 

immunofluorescence staining for pMLCK (data not shown). 

To inhibit actin dynamics, cells were treated with a low dose of the toxin 

latrunculin-A (Sigma Aldrich). The cells were allowed to spread for four hours prior to 

inhibitor treatment. MEFs were treated with 250 nM latrunculin-A, diluted from a 2 mM 

stock in DMSO, 20 minutes prior to live imaging. Successful inhibition was measured by 

observing actin dynamics in MEFs transiently expressing LifeAct-mCherry and by 

fixation and staining for actin with phalloidin. 

4.2.7 FRET and FRAP imaging 

FRET and FRAP imaging were performed as described in Chapter 3.2.5, using 

combinations of the mTFP1 excitation/emission filters and the Venus excitation/emission 

filters. User-chosen regions of interest (ROI), which consist of single FAs within cells, 

were photobleached using a 515 nm laser (FRAPPA; Andor Technology, Belfast, 

Northern Ireland) after taking four pre-bleach images. To ensure complete bleaching, 10 

laser pulses with a dwell time of 1000 μs per pixel were used. Pre- and post-bleach 

FRAP images were acquired using the Venus excitation and emission filters (chapter 

3.2.1) with a 50% ND filter and exposure time of 500 ms every 5 seconds until 5 minutes 

post-bleach. 

4.2.8 FRET analysis, focal adhesion segmentation, and quantification 

Calculation of FRET efficiency by sensitized emission and subsequent 

identification and quantification of FAs and cells were performed as described in Chapter 

3.3. Line scans of single FAs, drawn axially starting from the tip of FAs distal to the cell 

body, were performed using ImageJ software (US National Institutes of Health, 
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Bethesda, MD). Specifically, the line tool was used to visualize the acceptor channel 

intensity profile across single, large FAs in the cell periphery. The coordinates of these 

lines were then transferred to masked FRET efficiency images. Acceptor intensity and 

FRET efficiency profiles from single FAs were saved as text files for subsequent 

analysis.  

4.2.9 FRAP analysis 

Calculation of FRAP recovery was accomplished as described in detail in 

Chapter 3.4. Briefly, user-defined polygons were used to outline a background region 

outside the cells, the initial position of an unbleached FA, and the initial position of a 

bleached FA. The FA polygons were refined using the water algorithm [163] with user-

optimized parameters and were automatically moved to account for small (2-20 pixels) 

movements. For bleached FAs, the position of the polygon was held constant until the 

intensity of the FA reached a user-defined threshold, typically 25% of the initial intensity. 

FAs that grew, shrank, or moved drastically during the experiment were not analyzed. 

The recovery curve was normalized to account for initial intensity, background intensity, 

and global bleaching. The normalized recovery curve was then fit to a single exponential 

recovery equation to obtain half-time of recovery and mobile fraction. 

4.2.10 Random cell migration 

Cells were serum starved for 2 hours before plating onto fibronectin-coated 

glass-bottom culture dishes in DMEM containing 0.5% BSA. Cells were allowed to attach 

and spread for three hours before image acquisition. Time-lapse microscopy was 

performed on an incubator-housed microscope (20x objective, VivaView FL; Olympus) 

with a camera (Orca ER/AG type c4742-80-12AG; Hamamatsu) with image acquisition 
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every 10 minutes for 10 hours. Cell velocity was measured with ImageJ using the 

Manual Tracking plug-in. 

4.2.11 Directed cell migration 

The bottoms of 8-μm-pore Transwell inserts (Corning, Corning, NY) were coated 

with 10 μg/ml fibronectin. Cells were serum starved for 2 hours before plating equal 

numbers of cells into the wells and were given 4 hours to migrate before fixation with ice-

cold ethanol (Fig. 4.1). Cells from the upper chamber were gently removed with a cotton 

swab and the migrated cells on the lower chamber were stained with Alexa 488–

conjugated phalloidin and Hoechst 33342. To quantify the number of cells that 

successfully underwent haptotaxis, images taken of the Hoechst 33342-stained nuclei 

were thresholded to isolate nuclei. The built-in MATLAB function “bwboundaries” was 

used to assign an ID to each object in the image. Objects below an area of 25 pixels 

were discarded as too small to be nuclei, and the number of remaining objects were 

counted as nuclei. 

 

Figure 4.1: Schematic of directed migration assay using a Boyden chamber. 

4.2.12 FRET efficiency calculations from spectrofluorimetry 

Hypotonic lysates were prepared from HEK293 cells as previously described 

[83]. In addition to experimental samples, lysates from an equal number of untransfected 

cells were harvested and used as a reference background. Spectrofluorometric analyses 
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were performed with a Fluorolog-3 (FL3-22, Jobin Yvon) spectrofluorometer. Donor 

excitation wavelength (λ_Dex) was 458 nm, while acceptor excitation wavelength 

(λ_Aex) was 505 nm. Spectra were traced from 472 to 650 nm following donor excitation 

and 520 to 650 nm following acceptor excitation (increment: 1 nm, integration time: 0.2 

s, excitation and emission slit widths: 3 nm). FRET efficiency was calculated using the 

acceptor ratio method [194]. The FRET efficiency was calculated as: 

 

where If and Ia are the intensities at peak acceptor emission wavelength (λem, 530 nm), of 

the sample excited at donor and acceptor wavelengths, respectively. Donor and 

acceptor molar extinction coefficients (εD and εA, respectively) were calculated from 

absorbance spectra measured on a UV-Vis Spectrophotometer using previously 

measured maximal extinction coefficients (64,000 M-1cm-1 for mTFP1 [195] and 93,000 

M-1cm-1 for Venus [196]) 

4.2.13 Statistics 

Statistical analyses were performed using JMP Pro 12 software (SAS). Before 

combining data sets from independent experiments, statistical tests were performed to 

ensure no detectable difference between data from the same experimental group. 

Approximately normal data was analyzed using parametric tests, including ANOVA and 

Tukey’s HSD test. Data sets found to contain unequal variances by Levene’s Test were 

analyzed with non-parametric tests, using the Steel-Dwass multiple comparison test as 

the non-parametric equivalent of Tukey’s HSD test. To compare slopes to zero or 

against each other, t-tests were performed with Bonferroni corrections to account for 

multiple comparisons, if relevant. To compare distributions of Venus intensity between 
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cells expressing the different vinculin sensors, a Kolmogorov–Smirnov test was 

performed between each pair with corrections for multiple comparisons. A p-value of p < 

0.05 was considered statistically significant. 

4.3 Results 

4.3.1 Measuring force-sensitive protein dynamics of vinculin in living 
cells  

Recently, we and others have developed a variety of FRET-based sensors that 

report the molecular forces experienced by specific proteins in living cells [81, 197, 198]. 

To enable the probing of force-sensitive protein dynamics of vinculin in living cells, we 

devised a method that combines FRET-based tension sensors to report the forces 

experienced by the protein with FRAP to measure protein dynamics; we refer to this 

combination of techniques as FRET-FRAP. Specifically, a stably adherent cell 

expressing VinTS is imaged in three channels – donor excitation/emission, acceptor 

excitation/emission, and donor excitation/acceptor emission – used to obtain the FRET 

efficiency of the sensor in all FAs (Fig. 4.2A,B). Then, a single FA is photobleached and 

monitored over time for fluorescence recovery in the acceptor channel, yielding 

information about the rate and degree of protein turnover (Fig. 4.2C,D). When performed 

sequentially in the same cell, and gathering data from multiple cells, the correlation 

between FRET efficiency and half-time of FRAP recovery in single FAs can be used to 

obtain direct information about the relationship between mechanical load and vinculin 

dynamics. For example, if vinculin turnover is increased with increased vinculin load, we 

call this a force-destabilized state (Fig. 4.2E). Similarly, if the vinculin turnover is 

decreased with increased vinculin load, we call this a force-stabilized state (Fig. 4.2F). 
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Here, we discuss the FRET and FRAP results individually before discussing the 

implications for force-sensitive protein dynamics. 

 

Figure 4.2: Principles of FRET-FRAP technique. A) Schematic of the FRET-based 
tension sensor module (TSMod) inserted into a protein of interest and the effect of 

tension on the FRET signal. B) To quantify FRET using sensitized emission, images are 
taken to capture donor signal (not shown), acceptor signal, and FRET signal. With 
appropriate corrections, the FRET image can be assigned a colorimetric scale to 

visualize how much tension is being applied to the sensor. C) FRAP is conducted using 
the acceptor signal, which is directly proportional to the concentration. D) FRAP imaging 

analysis produces curves of fluorescence intensity over time that can be fit using 
mathematical models to determine protein dynamics. E,F) When FRET and FRAP are 
combined, force and turnover in a single FA can be measured. Measuring multiple FAs 

in multiple cells yields a relationship between protein load and protein turnover. We refer 
to a relationship in which increased load correlates with increased turnover as a force-
destabilized state (E). We refer to a relationship in which increased load correlates with 

increased turnover as a force-stabilized state (F). 
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4.3.2 Mechanical loading of vinculin requires the ability to bind actin, 
but not talin 

We sought to determine the key molecular linkages mediating the loading of 

vinculin in living cells to later assess their roles in force-sensitive protein dynamics. To 

isolate the effects of vinculin-talin and vinculin-actin interactions in establishing vinculin 

load in living cells, we incorporated previously characterized vinculin point mutations 

within VinTS. To perturb talin binding, VinTS A50I was created (Fig. 4.6A). Along with 

disrupting talin binding, this point-mutation results in a 2-3-fold increase in head-tail 

inhibition in vitro, causing vinculin A50I to be in the closed conformation constitutively 

[90, 193]. To perturb actin binding, VinTS I997A was created (Fig. 4.6A). This point-

mutation strongly disrupts vinculin binding to actin, while maintaining the ability of 

vinculin to bind to PI(4,5)P2 and undergo conformation regulation [90, 199]. A lentivirus-

based delivery method was used to stably transduce Vinc -/- MEFs with the original 

VinTS and mutant sensor constructs, hereto referred to as VinTS MEFs, VinTS A50I 

MEFs, and VinTS I997A MEFs. Comparable expression of VinTS, VinTS A50I, and 

VinTS I997A at FAs was verified by fluorescent imaging of the acceptor channel, which 

is directly proportional to sensor concentration (Fig. 4.3). 
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Figure 4.3: Vinculin expression at FAs. After viral transduction, MEFs were sorted by 
intensity using flow cytometry. We matched vinculin expression at FAs between the 

different mutant-expressing cells using the acceptor imaging channel, which is 
proportional to vinculin concentration. Images show three representative cells in the 
acceptor imaging channel. The probability density plot compares the intensities of all 

FAs imaged in each cell line (n = 93, 82, and 79 cells, from 4 independent experiments). 
No difference between groups was detected using the Kolmogorov–Smirnov test. 

To verify that the biological effects of these mutations are maintained when 

incorporated into VinTS, we determined whether the mutated versions of VinTS elicited 

the alterations in cell size, FA size, and FA distribution within cells demonstrated for 

vinculin mutants in previous work [43, 200]. Consistent with previous work with vinculin 

mutants, expression of VinTS A50I led to smaller FAs, increased cell spread area, and 

reduced percentage of the cell area containing FAs, and VinTS I997A led to increased 

percentage of cell area containing FAs and a slight non-significant increase in FA area 

(Fig. 4.4). These data show that, just as wild type vinculin function was not perturbed by 

the incorporation of the TSMod [81], the mutated versions of VinTS have the same 

biological effects as the mutated forms of vinculin. Additionally, using either 

spectrofluorimetry- [83, 194] or microscopy-based approaches, we verified that all VinTS 

constructs reported no loads in solution or in the cytosol of cells (Fig. 4.5). These data 

demonstrate that the tension sensors function as expected in the absence of load. 
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Figure 4.4: Cell and focal adhesion properties in MEFs expressing VinTS or the 
mutant constructs VinTS A50I or VinTS I997A. A) Box-whisker plots of average FA 
size in cells expressing the vinculin tension sensor constructs show that VinTS A50I 

MEFs have smaller FAs on average, while VinTS I997A MEFs have slightly larger FAs 
on average than VinTS MEFs. B) Box-whisker plots of average cell area. VinTS A50I 

MEFs are slightly larger than VinTS and VinTS I997A MEFs on average. C) Box-whisker 
plots of percent of cell area occupied by FAs (% FA area). VinTS I997A MEFs have the 

highest percentage area occupied by FAs, while VinTS A50I MEFs have the lowest 
percentage area occupied by FAs, compared with VinTS MEFs. n = 93, 82, and 79 cells, 

respectively, from 4 independent experiments. Differences between groups was 
detected using Tukey’s HSD test. (* = p < 0.05, ** = p < 0.01, *** = p < 0.001) 
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Figure 4.5: Vinculin bears no load in solution or in the cytosol. A) Box-whisker plots 
of FRET efficiency as measured using spectrofluorimetry of the various vinculin tension 
sensor constructs in solution, normalized to the average TSMod FRET efficiency. There 

is no significant difference between any of the tension sensor constructs and TSMod, 
which cannot bear load; therefore, none of the vinculin variants bear load in solution. n = 

3. B) Box-whisker plots of average FRET efficiency either within FAs (black) or in the 
cytosol outside FAs (gray) for each of the vinculin tension sensor variants (n = 79, 85, 
and 50 cells, respectively, from 7 independent experiments) compared to previously 

established zero-load (dotted line). For all the vinculin variants, the average load in the 
cytosol is zero. Differences between groups was detected using the Steel-Dwass test. (* 

= p < 0.05, *** = p < 0.001) 

To determine the role of vinculin-actin and vinculin-talin interactions on the loads 

supported by vinculin in living cells, MEFs expressing each of the VinTS constructs, 

were imaged and analyzed to calculate FRET efficiency (Fig. 4.6A,B). We previously 

established that the unloaded FRET efficiency of the tension sensor module is 28.6% 

and that lower efficiencies indicate increased tensile loads across vinculin [81, 82]. 

FRET efficiencies greater than 28.6% are likely due to statistical fluctuations in the data. 

The sensor is calibrated in the tensile regime [81], allowing for conversion of FRET 

efficiency to tensile forces; however, the tension sensors are not calibrated for FRET 
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efficiencies above the unloaded state, thus we cannot report force values for these 

FRET efficiencies in the compressed regime and compressive forces cannot be 

reported. For this reason, all statistical analyses were performed on quantifications of 

FRET efficiency. Furthermore, due to incidence of unequal variance between some of 

the groups, we used non-parametric statistical tests in the evaluation of this data (See 

Chapter 4.2.13 for details; Table 4.1). 

Consistent with our previous work, we found that VinTS reported a FRET 

efficiency of 21.8% (Fig. 4.6D), corresponding to tensile loading (2.0 pN). Interestingly, 

FRET efficiencies reported by VinTS A50I, which has deficient talin-binding, showed that 

VinTS A50I is still under substantial load, although statistically significantly less load than 

VinTS (23.6%, 1.6 pN) (Fig. 4.6D). By contrast, VinTS I997A, which has deficient actin-

binding, exhibited a cell-average FRET efficiency of 29.3%, statistically distinct from both 

VinTS and VinTS A50I and indistinguishable from the unloaded state of the sensor (Fig. 

4.6D). Further demonstration of the difference in mechanical loading experienced by 

VinTS and VinTS A50I can be seen by evaluating the distribution of vinculin tension 

within individual FAs. As shown in Fig. 4.6C, there is significant spatial variation in the 

load reported by VinTS at single FAs that is not apparent in the other constructs. We 

quantified the spatial variation in loads reported by these sensors within individual 

peripheral FAs using linescans. Although the spatial distribution of vinculin concentration 

is similar across the different mutants, the loads experienced by VinTS within a single 

FA spatially vary with highest loads at the distal tips of FAs, in agreement with previous 

work [47]. Notably, there are no spatial variations reported by VinTS A50I or VinTS 

I997A (Fig. 4.6E). In summary, these results demonstrate that the ability of vinculin to 

interact with actin is required for mechanical loading within FAs, while interactions 
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between vinculin and talin are not. The observed difference in the spatial dependence of 

VinTS and VinTS A50I indicate these constructs are not in identical mechanical states 

despite the similar average loading. 

 

Figure 4.6: Load across vinculin is strongly affected by the ability of 
vinculin to bind actin, but not talin. A) Tension sensor module inserted into vinculin 
variants. From left to right: wildtype VinTS, mutation disrupting vinculin binding to talin 

(A50I), and mutation disrupting vinculin binding to actin (I997A). B) Representative 
acceptor (top row) and masked FRET efficiency (bottom row) images of single Vinc -/- 
MEFs expressing each of the vinculin tension sensor constructs. Scale bar = 30 μm. C) 
Zoomed-in view of regions indicated in (B) D) Box-whisker plot of cell averaged FRET 
efficiency (n = 150, 166, and 79 cells, respectively, from 7 independent experiments) 

compared to previously established zero-load (dotted line). A difference between groups 
was detected using the Steel-Dwass test. (*** = p < 0.001) and p-values for all 

comparisons can be found in Table 4.1. E) Linescans of vinculin distribution and FRET 
efficiency across peripheral FAs from distal to proximal tip. Grey lines represent each 

individual adhesion (n = 27 FAs from 3 independent experiments) and red lines 
represent a smoothing spline fit to the collective FA data. 
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4.3.3 Vinculin dynamics within focal adhesions are affected by an 
inability to bind talin 

To probe the effects of altered vinculin-talin and vinculin-actin interactions on the 

dynamics of vinculin at FAs, we subjected Vinc -/- MEFs expressing the various VinTS 

constructs to FRAP analysis. Previous work has shown the insertion of the tension 

sensor module into vinculin does not affect vinculin dynamics [81], and we ensured that 

FRET imaging prior to FRAP acquisition does not affect measurements of vinculin 

dynamics (Fig. 4.7). A difference in recovery among the various VinTS constructs was 

evident when looking at a representative FA from cells expressing one of the VinTS 

constructs (Fig. 4.8A). By 60 seconds post-bleach, VinTS A50I was already beginning to 

recover, while both VinTS and VinTS I997A showed no visually detectable recovery, 

also apparent in the FRAP curves (Fig. 4.8B). 

 

Figure 4.7: VinTS turnover post-FRET imaging is indistinguishable from turnover 
of Vinculin tagged with Venus on the C-terminus without prior FRET imaging. 

FRAP half-time A) and mobile fraction B) are not different between VinTS and Vinculin-
Venus. This indicates that neither the insertion of the tension sensor module nor the use 
of FRET imaging impact vinculin turnover (n = 12 and 15 FAs, respectively, from three 
independent experiments). VinTS FRAP half-time and mobile fraction in this data set 

were found to be statistically indistinguishable from the VinTS FRAP half-time and 
mobile fraction presented in Fig. 3. 

To quantify vinculin dynamics, we fit the FRAP data to a standard exponential 

recovery curve defined by two parameters: a half-time of recovery and an immobile 
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fraction. Statistically significant differences in the variance of groups was observed, 

requiring the use of non-parametric statistical tests (Table 4.2). The half-time of recovery 

of VinTS (163.7 seconds) is statistically different from VinTS A50I (94.48 seconds), but 

not VinTS I997A (143.9 seconds) (Fig. 4.8C). The average mobile fraction of VinTS A50I 

(68.8%) is significantly higher than the VinTS (40.9%) or VinTS I997A (28.5%) (Fig. 

4.8D). Notably, there is no discernable statistical difference between the dynamics of 

VinTS or VinTS I997A in this analysis. We note that these measurements of vinculin 

dynamics differ from those reported previously in the literature [57, 93, 95, 119, 193], 

exhibiting larger recovery times and higher immobile fractions. These differences are not 

due to the vinculin tension sensors (Fig. 4.7) or non-physiological expression levels. 

Vinculin turnover has been shown to be regulated by cytoskeletal contractility [95, 97], 

phosphorylation state [119], and substrate stiffness [156], suggesting that vinculin half-

time and mobile fraction are not characteristic values, but depend strongly on context.   

Overall, these results indicate that vinculin-talin interactions are critically 

important for stabilizing vinculin at FAs, which is consistent with previous work [119, 

193]. Surprisingly, disturbing vinculin-actin interactions did not lead to detectable 

changes in vinculin dynamics. However, based on measurements of the mechanical 

loading, we expect a significant percentage of FAs have vinculin that is not appreciably 

loaded. An inability to isolate this population could confound detection of force-

dependent effects.  
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Figure 4.8: Vinculin dynamics are strongly affected by the ability of vinculin to 
bind talin, but not actin. A) Representative FAs of cells expressing the vinculin tension 

sensor (VinTS) and its mutant variants (VinTS A50I, VinTS I997A) imaged in the 
acceptor channel during FRAP imaging. Scale bar = 3 μm. B) Vinculin FRAP recovery 

curves for cells expressing VinTS, VinTS A50I, or VinTS I997A (n = 34, 21, and 18 FAs, 
respectively, from 7 independent experiments). C) Box-whisker plots of the half-time of 
recovery for the FAs analyzed in (B) D) Box-whisker plots of the mobile fraction for the 
FAs analyzed in (B). Differences between groups were detected using the Steel-Dwass 

test. (** = p < 0.01, *** = p < 0.001) and p-values for all comparisons can be found in 
Table 4.2. 

4.3.4 Vinculin is loaded by distinct mechanisms depending on 
vinculin-talin interactions 

To investigate the role of cytoskeletal contractility on vinculin load, Vinc -/- MEFs 

expressing the VinTS constructs (Fig. 4.10A) were treated with 25 µM of the ROCK 

inhibitor Y-27632 for 20 minutes, as described in previous work [97]. This treatment 

duration was the shortest capable of resulting in statistically significant loss of loading 

across vinculin. This treatment resulted in significant changes in cell and FA 

morphologies for all cell lines (Fig. 4.10B,C). Also, the FRET signals reported by VinTS 

constructs localized to the cytosol did not change, indicating the inhibitor did not affect 

the function of the sensors (Fig. 4.9). 
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Figure 4.9: Vinculin bears no load in the cytosol after treatment with Y-27632. Box-
whisker plots of average FRET efficiency either within FAs (black) or in the cytosol 

outside FAs (gray) for each of the vinculin tension sensor variants (n = 24, 32, and 30 
cells, respectively, from 4 independent experiments) compared to previously established 

zero-load (dotted line). For all the vinculin variants, the average load in the cytosol is 
zero. Differences between groups was detected using the Steel-Dwass test. (*** = p < 

0.001) 

ROCK inhibition decreased VinTS load in FAs to a level consistent with the zero-

force state, exhibiting a cell-average FRET efficiency of 27.7% (0.58 pN; Table 4.1; Fig. 

4.10D), agreeing with previous work [81]. Additionally, there was significantly less spatial 

variation of the mechanical loads reported by VinTS within FAs when cells were exposed 

to Y-27632 (Fig. 4.10E). ROCK inhibition had no discernable effect on the average 

FRET reported by VinTS I997A (29.3% vs 28.8%, Fig. 4.10C), both of which are 

consistent with a lack of mechanical loading. This result is not surprising, given inability 

of this construct to bind actin. Interestingly, ROCK inhibition resulted in a slight increase 

in load reported by VinTS A50I (23.6% vs 21.7%, 1.6 pN vs 2.1 pN; Fig. 4.10D). The 

differential response of VinTS and VinTS A50I to ROCK inhibition suggests that distinct 

mechanisms are loading these constructs. 
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Figure 4.10: Reduction of cytoskeletal tension via ROCK inhibition affects vinculin 
load only in presence of vinculin-talin interaction. A) Vinculin tension sensor variants 
B) Representative acceptor (top row) and masked FRET efficiency (bottom row) images 

of single Vinc -/- MEFs expressing each of the vinculin tension sensor constructs and 
treated with 25 µM Y-27632. Scale bar = 30 μm. C) Zoomed-in view of regions indicated 

in (B) D) Box-whisker plot of cell averaged FRET efficiency (n = 34, 60, and 53 cells, 
respectively, from 4 independent experiments) compared to previously established zero-

load (dotted line). A difference between groups was detected using the Steel-Dwass 
test. (*** = p < 0.001) and p-values for all comparisons can be found in Table 4.1. E) 

Linescans of vinculin distribution and FRET efficiency across peripheral FAs from distal 
to proximal tip. Grey lines represent each individual adhesion (n = 27 FAs from 3 

independent experiments) and red lines represent a smoothing spline fit to the collective 
FA data. 

To further investigate the molecular processes mediating the mechanical loading 

of VinTS A50I, we generated a VinTS construct with both the A50I and I997A mutations. 

This construct localizes to FAs but does not bear significant forces (Fig. 4.11). This 

indicates that VinTS A50I is being loaded through binding to actin. Next, we used a low 
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dose of latrunculin-A (250 nM) to inhibit actin polymerization while maintaining stress 

fibers. We found that VinTS load is unaffected by this treatment, but VinTS A50I has 

significantly reduced load (Fig. 4.12). In total, these data show that both VinTS and 

VinTS A50I require actin binding to be loaded but involve distinct mechanisms. VinTS is 

loaded by a ROCK-dependent but dynamic actin independent mechanism, likely myosin 

activity within stress fibers, while VinTS A50I is loaded in an actin polymerization-

dependent manner. 

 

Figure 4.11: VinTS A50I requires actin binding to be loaded. A) Representative 
acceptor (top) and masked FRET efficiency (bottom) images of single Vinc -/- MEFs 

transiently expressing VinTS A50I I997A, following standard Lipofectamine 2000 
protocols. Scale bar = 30 μm. B) Box-whisker plot of cell-averaged FRET efficiency, 

which is indistinguishable from established zero load (dotted line). C) Box-whisker plot of 
average FA size, which is similar to VinTS. D) Box-whisker plot of cell area, which is 

smaller than cells expressing the other vinculin tension sensor variants. E) Box-whisker 
plot of percent FA area, which is similar to VinTS. n = 49 cells from 3 independent 

experiments. 



 

92 

 

Figure 4.12: Vinculin A50I is partially loaded via actin polymerization. A) VinTS and 
VinTS A50I MEFs untreated or treated with 250 nM latrunculin A for 20 minutes, fixed in 
4% paraformaldehyde, and stained with phalloidin 647. This dose of latrunculin A was 

chosen to prevent actin polymerization but maintain existing stress fibers. B) 
Representative acceptor (left) and masked FRET efficiency (right) image of single VinTS 
MEF treated with latrunculin A. Scale bar = 30 μm. C) Box-whisker plot of cell averaged 
FRET efficiency (n = 150 and 62 cells, respectively, from 3 independent experiments) 

compared to previously established zero-load (dotted line). D) Representative acceptor 
(left) and masked FRET efficiency (right) image of single VinTS A50I MEF treated with 

latrunculin A. Scale bar = 30 μm. E) Box-whisker plot of cell averaged FRET efficiency (n 
= 166 and 84 cells, respectively, from 3 independent experiments) compared to 

previously established zero-load (dotted line). A significant loss of vinculin A50I load was 
detected. Note that the FRET data for untreated groups in C and E is reprinted from Fig. 

4.6. 
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Table 4.1: P-values from Steel-Dwass for all FRET comparisons 

VinTS VinTS A50I <0.0001 *** 
VinTS VinTS I997A <0.0001 *** 
VinTS VinTS + Y  <0.0001 *** 
VinTS VinTS A50I + Y 1.0000 NS 
VinTS VinTS I997A + Y <0.0001 *** 
VinTS VinTS + Lat A 0.9853 NS 
VinTS VinTS A50I + Lat A <0.0001 *** 
VinTS A50I VinTS I997A <0.0001 *** 

VinTS A50I VinTS + Y 0.0002 *** 

VinTS A50I VinTS A50I + Y 0.0036 ** 

VinTS A50I VinTS I997A + Y <0.0001 *** 
VinTS A50I VinTS + Lat A 0.0043 ** 
VinTS A50I VinTS A50I + LatA <0.0001 *** 
VinTS I997A VinTS + Y 0.4394 NS 
VinTS I997A VinTS A50I + Y <0.0001 *** 

VinTS I997A VinTS I997A +Y 0.9429 NS 
VinTS I997A VinTS + LatA <0.0001 *** 
VinTS I997A VinTS A50I + LatA <0.0001 *** 
VinTS + Y VinTS A50I + Y <0.0001 *** 
VinTS + Y VinTS I997A + Y 0.9333 NS 

VinTS + Y VinTS + LatA <0.0001 *** 

VinTS + Y VinTS A50I + LatA 0.5914 NS 

VinTS A50I + Y VinTS I997A + Y <0.0001 *** 
VinTS A50I + Y VinTS + LatA 0.9961 NS 
VinTS A50I + Y VinTS A50I + LatA <0.0001 *** 
VinTS I997A + Y VinTS + LatA <0.0001 *** 
VinTS I997A + Y VinTS A50I + LatA <0.0001 *** 
VinTS + LatA VinTS A50I + LatA <0.0001 *** 
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4.3.5 Reduction of actomyosin contractility through ROCK inhibition 
requires vinculin-talin interaction to affect vinculin dynamics  

To study the role of the ROCK dependent force-generation by the actomyosin 

network in vinculin dynamics, following previous work [97], we treated Vinc -/- MEFs 

expressing the VinTS constructs with 25 µM of the ROCK inhibitor Y-27632 for 20 

minutes directly prior to FRAP imaging. Other work has demonstrated that longer 

incubation times with Y-27632 leads to a major decrease in the amount of vinculin at 

FAs and reduction complete loss of vinculin mobile fraction [95]. We have verified these 

same results in our system. As these long-term effects could be due to secondary 

responses involving bulk disassembly of the actomyosin network or changes in the 

composition of the FAs instead of an immediate loss of mechanical loading, we choose 

to focus on the earlier time points in this work. 

ROCK inhibition of cells expressing the different mutants resulted in all groups 

having similar rates of vinculin recovery in FAs but did not cause changes in mobile 

fraction (Fig. 4.13; Table 4.2). ROCK inhibition resulted in a statistically significant faster 

average half-time of recovery in both VinTS MEFs (101.6 seconds, Fig. 4.13C) and 

VinTS I997A MEFs (66.72 seconds; Fig. 4.13C). VinTS A50I MEFs exhibit no 

statistically significant changes in response to ROCK inhibition, (Fig. 4.13C,D), indicating 

the effect of ROCK inhibition on vinculin dynamics requires vinculin-talin interactions. 

VinTS A50I is still loaded in response to ROCK inhibition, while the VinTS and VinTS 

I997A are not, though all exhibit rapid turnover under ROCK inhibition. Thus, a simple 

lack of mechanical loading of all constructs cannot account for the similarity of the 

dynamics of these sensors. This suggests that the reduction in cytoskeletal tension due 

to ROCK inhibition is responsible for regulating the vinculin dynamics of VinTS and 

VinTS I997A, while VinTS A50I dynamics remain ROCK-independent. 
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Figure 4.13: Reduction of cytoskeletal tension via ROCK inhibition affects vinculin 
dynamics only in presence of vinculin-talin interaction. A) Representative FAs of 

cells expressing the vinculin tension sensor (VinTS) and its mutant variants (VinTS A50I, 
VinTS I997A) treated with 25 µM Y-27632 imaged in the acceptor channel during FRAP 

imaging. Scale bar = 3 μm. B) Vinculin FRAP recovery curves for cells expressing 
VinTS, VinTS A50I, or VinTS I997A (n = 24, 16, and 16 FAs, respectively, from 4 

independent experiments). C) Box-whisker plots of the half-time of recovery for the FAs 
analyzed in (B). No significant difference was detected between groups. D) Box-whisker 
plots of the mobile fraction for the FAs analyzed in (B). A difference between groups was 
detected using the Steel-Dwass test. (*** = p < 0.001) and p-values for all comparisons 

can be found in Table 4.2. 
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Table 4.2: P-values from Steel-Dwass for all FRAP comparisons 

 Half-Time Mobile Fraction 

VinTS VinTS A50I 0.0044 ** 0.0013 ** 
VinTS VinTS I997A 0.9839 NS 0.3994 NS 
VinTS VinTS + Y 0.0174 * 0.9120 NS 
VinTS VinTS A50I + Y 0.0057 ** 0.0008 *** 
VinTS VinTS I997A + Y <0.0001 *** 0.2171 NS 
VinTS A50I VinTS I997A 0.1842 NS <0.0001 *** 

VinTS A50I VinTS + Y 1.0000 NS 0.0002 *** 

VinTS A50I VinTS A50I + Y 0.8863 NS 0.9997 NS 

VinTS A50I VinTS I997A + Y 0.2414 NS <0.0001 *** 
VinTS I997A VinTS + Y 0.4220 NS 0.9324 NS 
VinTS I997A VinTS A50I + Y 0.1046 NS <0.0001 *** 

VinTS I997A VinTS I997A +Y 0.0126 * 0.9976 NS 
VinTS + Y VinTS A50I + Y 0.9109 NS 0.0007 *** 
VinTS + Y VinTS I997A + Y 0.2532 NS 0.7659 NS 

VinTS A50I + Y VinTS I997A + Y 0.8767 NS <0.0001 *** 

4.3.6 Vinculin exhibits context dependent force-sensitive dynamics  

Inhibition of vinculin-actin interactions and vinculin-talin interactions had 

drastically different effects on vinculin loading and vinculin dynamics; thus, we used a 

unique combination of FRET and FRAP to investigate the force-sensitive protein 

dynamics of vinculin and examine the effects of vinculin-talin or vinculin-actin 

interactions on this relationship. In VinTS MEFs, increased vinculin tension was 

associated with longer vinculin half-times of recovery (Fig. 4.14A), corresponding to the 

force-stabilized state of vinculin at the FA. In contrast, in VinTS A50I MEFs, increased 

vinculin tension was associated with shorter vinculin half times of recovery (Fig. 4.14B), 

consistent with the force-destabilized state.  In VinTS I997A cells, we observe no 

relationship between vinculin tension and the half time of recovery (Fig. 4.14C). 
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Figure 4.14: FRET-FRAP assay shows that force-sensitive vinculin dynamics 
depend on talin and actin interactions. A) Correlation between recovery half-time and 

FRET efficiency for WT vinculin corresponds to the force-stabilized state (n = 32, p < 
0.005, R2 = 0.29). B) Correlation between recovery half-time and FRET efficiency for 

VinTS A50I corresponds to the force-destabilized state (n = 21, p < 0.05, R2 = 0.30). C) 
No detectable correlation between recovery half-time and FRET efficiency was observed 

for VinTS I997A (n = 18, p = 0.88, R2 = 0.001). D) Y-27632 treatment reverses the 
relationship between recovery half-time and load for WT vinculin, corresponding to the 
force-destabilized state (n = 24, p < 0.05, R2 = 0.40).   E) Y-27632 treatment does not 

affect the relationship between recovery and load for VinTS A50I, which remains in the 
force-destabilized state (n = 16, p < 0.01, R2 = 0.52). F) Y-27632 treatment does not 
affect the relationship between recovery and load for VinTS I997A, with turnover still 
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insensitive to load (n = 16, p = 0.98, R2 = 0.01). P-values indicate the results of a t-test 
comparing the regression slope to zero. Vertical dotted lines indicate previously 

established zero-load. G) Regression slopes calculated for FRET-FRAP assay. A least-
squares linear regression was fit to the FRAP half-time and FRET efficiency data for 
each construct. Bars represent slope and error bars represent standard error of the 

regression slope. All slopes are statistically different from zero except for VinTS I997A 
and VinTS I997A + Y-27632. P-values indicate the results of a t-test comparing the 

regression slope to zero.  (* = p < 0.05, ** = p < 0.01) 

The use of the ROCK inhibitor Y-27632 on VinTS MEFs resulted in reversal of 

the vinculin force-dynamics relationship with respect to untreated VinTS MEFs to the 

force-destabilized state (Fig. 4.14D). In VinTS A50I MEFs, ROCK inhibition had no 

discernable effect on vinculin force-sensitive dynamics, maintaining the same force-

destabilized state (Fig. 4.14E). Finally, in VinTS I997A MEFs treated with ROCK 

inhibitor, vinculin dynamics were still insensitive to force (Fig. 4.14F), although a 

reduction in the overall recovery time was observed. Quantification of the FRET-FRAP 

regression slopes can be seen in Fig. 4.14G. We also evaluated the effects of load on 

the mobile fraction for the cells expressing each tension sensor construct but found that 

mobile fraction is entirely insensitive to load in all conditions (Fig. 4.15). Additionally, 

there is no apparent correlation between vinculin half-time and the local amount of 

VinTS, as determined by the intensity in the Venus channel (Fig. 4.16). 
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Figure 4.15: Novel FRET-FRAP assay shows that mobile fraction is force-
insensitive. (A-G) No detectable correlation between FRAP mobile fraction and FRET 

efficiency was observed for any of the expressed constructs or treatments. 

In summary, these data show that vinculin, depending on the specific protein-

protein interactions it can form, exhibits drastically different force-sensitive protein 

dynamics. Furthermore, vinculin-talin binding, vinculin-actin binding, and ROCK activity 

are required for the force-based stabilization of vinculin. Also, analysis of the mobile 

fraction reveals that molecular load only governs the turnover rate of vinculin, not the 
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amount of vinculin that is turning over. As the mobile fraction was also not affected by 

ROCK inhibition, this data suggests that another process, likely biochemical regulation, 

determines the percentage of immobile vinculin. 

 

Figure 4.16: Regression slopes calculated for FRAP half-time vs. Venus mean 
intensity at the single FA. Bars represent slope and error bars represent standard error 

of the regression slope. None of the slopes are statistically different from zero, as 
determined by a t-test comparing the regression slope to zero. 

4.3.7 Focal adhesion stability reflects vinculin dynamics 

To begin to probe the effects of perturbed vinculin force-activated dynamics on 

sub-cellular processes, we examined whether force-activated protein dynamics of 

vinculin affect the apparent dynamics of FAs, FA stability assays were performed on 

MEFs expressing each of the VinTS constructs (Fig. 4.17A,B). To quantify these results, 

decay curves of the vinculin signal intensity for all the individual FAs within a cell were 

averaged together (Fig. 4.17C) and fit with a double exponential decay function, 

representing two phases of FA stability. In the short-term, dominated by the fast half-

time, FAs in VinTS- and VinTS I997A-expressing cells were relatively stable, while FAs 

in VinTS A50I-expressing cells rapidly shifted or disassembled (Fig. 4.17D). In the long-

term, dominated by the slow half-time, FAs in VinTS-expressing cells were the most 

stable, with VinTS A50I-expressing cells still having a much faster rate of decay and 

VinTS I997A-expressing cells falling somewhere between the two (Fig. 4.17E).   
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In the short-term, FA dynamics were governed by the ability of vinculin to bind 

talin, but in the long-term, FA stability depends on the vinculin mechanical state. It is 

clear that when vinculin is in the force-destabilized state, vinculin turns over rapidly and 

FAs are short-lived. Vinculin binding to talin enhances initial stability of both vinculin and 

the overall FA, but there comes a point where FAs in VinTS I997A-expressing cells 

undergo sliding or disassembly in the longer term more quickly than VinTS-expressing 

cells. This difference in the long-term could be attributed to force-stabilization of vinculin 

as seen in the vinculin dynamics of VinTS-expressing cells. These findings are evidence 

that the force-sensitive protein dynamics of vinculin play a critical role in dictating FA 

dynamics. 

 

Figure 4.17: Vinculin mechanical state dictates FA stability. A) FA stability analysis 
schematic and B) representative cells expressing the vinculin tension sensor constructs 
and imaged in the acceptor channel at 0 s, 240 s, and 480 s overlaid in red, blue, and 

green, respectively. Signal intensity is proportional to vinculin concentration at each time 
point. Note that stationary FAs appear as white. Scale bar = 50 μm. C) Lifetimes of FAs 

in cells expressing the vinculin tension sensor constructs visualized in the acceptor 
channel (n = 18, 11, and 20 cells, respectively, from 3 independent experiments). D) 
Box-whisker plots of the “fast” half-time of decay from a double exponential fit of the 

decay curves in (C). E) Box-whisker plots of the “slow” half-time of decay from a double 
exponential fit of the decay curves in (C). A difference between groups was detected 

using Tukey’s HSD test. 
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4.3.8 Cell protrusion depends on force-sensitive vinculin dynamics 

Next, we sought to elucidate the role of vinculin force-sensitive protein dynamics 

on other sub-cellular processes, particularly those important in cell migration. To monitor 

cell protrusion, Vinc -/- MEFs stably expressing VinTS, VinTS A50I, or VinTS I997A were 

transiently transfected with mCherry-LifeAct [201], and the spread area of each cell was 

tracked every 1 minute over a period of 30 minutes. Comparing the cell edges over time 

revealed that VinTS MEFs generally had stable directional protrusions, while VinTS A50I 

MEFs had protrusive activity without clear direction, and VinTS I997A MEFs had high 

protrusive activity without movement (Fig. 4.18A). The total area change between each 

time step was quantified and averaged for each cell, with VinTS MEFs having the least 

amount of area change (Fig. 4.18B). Overall, these data are consistent with the idea that 

an alteration of the force-sensitive dynamics of vinculin affects protrusion dynamics. 

Specifically, the force-stabilized state of vinculin seems to be required for the formation 

of stable directional protrusions. 
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Figure 4.18: Cell protrusion and migration are affected by vinculin force-sensitive 
dynamics. A) Representative cell outlines generated every 3 minutes for 30 minutes 
(blue to red) on Vinc -/- MEFs stably expressing vinculin tension sensor variants and 

transiently expressing mCherry-LifeAct. Scale bar = 10 μm B) Box-whisker plot 
indicating average area change per 1 minute time step for each cell line (n =16, 16, and 
16 cells, respectively, from 3 independent experiments). C) Sample trajectories of cells 
expressing vinculin tension sensor constructs migrating in 2D.  D) Box-whisker plots of 

random cell migration speed in 2D (n = 101, 48, and 45 cells, respectively, from 3 
independent experiments). E) Representative fields of view of migrated cells from 

Boyden chamber haptotaxis assay. Blue Hoechst 33342 staining identifies the nucleus, 
while red phalloidin staining identifies the cytoskeleton. (F) Box-whisker plots of number 
of cells per field of view in Boyden chamber haptotaxis migration assay (n = 4 per group 

from 3 independent experiments). Differences between groups were detected using 
Tukey’s HSD test. (* = p < 0.05, ** = p < 0.01). 

4.3.9 Directed cell migration is enhanced if vinculin is in the force-
stabilized state 

Finally, we sought to probe the role of vinculin force-sensitive dynamics in cell 

migration. To study random cell migration, Vinc -/- MEFs expressing the different vinculin 

tension sensor variants were allowed to migrate on fibronectin-coated glass for 10 hours. 
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VinTS MEFs were found to migrate at 0.25 μm/s. Comparing across the different vinculin 

tension sensor mutants revealed that disruption of talin binding did not significantly alter 

cell migration speed, while disruption of actin binding significantly reduced migration 

speed (Fig. 4.18C,D). These data demonstrate that, while some form of mechanical 

coupling with vinculin dynamics is required, both forms of force-sensitive dynamics can 

mediate random cell migration. 

Based on reports demonstrating vinculin’s role in 3D migration [129-131], we 

sought to probe the ability of cells expressing the various vinculin tension sensors to 

perform directed migration through confined spaces. We used a Boyden chamber assay 

as a measure of effective 3D haptotaxis, or migration along a gradient of substrate-

bound cues, in this case a fibronectin coating. Equal numbers of cells were seeded in 

the upper chamber, and after allowing the cells to respond to the fibronectin haptotactic 

cue for four hours, the number of cells that crossed through the insert in a single field of 

view was quantified (Fig. 4.18E). In this system, the VinTS MEFs displayed the most 

efficient directed migration, with an average of 277 cells per field of view. Both the VinTS 

A50I and VinTS I997A MEFs exhibited impaired responses, with averages of only 140 

and 115 cells per field of view, respectively (Fig. 4.18F). These results indicate that the 

vinculin force-stabilized state is particularly important in coordinating effective directed 

migration through small pores where cell force generation is likely quite high.  

4.4 Discussion 

The goal of this chapter was to investigate vinculin mechanical states in FAs 

under tensile load and how these states contribute to the ability of a cell to sense and 

respond to a physical migration cue. By perturbing the FA system through vinculin 

mutants and cytoskeletal inhibitors and measuring vinculin loads and dynamics, these 
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vinculin mechanical states were established. Then, cells expressing vinculin exhibiting 

each different state were assessed for migration ability and challenged with a haptotactic 

gradient applied to a porous membrane to examine the effects on cellular response to 

physical cues. 

4.4.1 Novel FRET-FRAP technique allowed for establishment of 
distinct vinculin mechanical states 

In this work, we have combined two established techniques in a novel fashion, 

enabling the molecularly specific measurement of force-sensitive protein dynamics in 

living cells. This technique, which we term FRET-FRAP, is distinct from previous studies 

of force-sensitive protein dynamics because the molecular tension sensors enable direct 

observation of the mechanical loading of a specific protein. By measuring protein load 

and protein dynamics on the same molecular-scale, FRET-FRAP avoids potential 

confounding effects in other methods of cellular force measurements, such as difficulties 

associated with inferring molecular-specific information from whole-cell mechanical 

measurements like traction force microscopy [57], as well as unintended consequences 

of global perturbation of cell contractility, as might occur when using actomyosin 

inhibitors [59, 95, 97]. To begin to elucidate the key molecular mediators of the diverse 

mechanosensitive behaviors of FAs, we applied the FRET-FRAP technique to the 

mechanical linker protein vinculin. Surprisingly, the nature of the relationship between 

vinculin load and vinculin dynamics is mutable. Using specific point mutations to 

selectively inhibit distinct aspects of vinculin function and measuring changes in 

molecular load in response to actomyosin inhibitors, we observe three mechanically 

distinct states: the immobile state, the force-stabilized state, and the force-destabilized 

state (Fig. 4.19). 
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Figure 4.19: Schematic of mechanical states of vinculin, ordered from most 
stable to least stable (left to right). 

4.4.2 The immobile vinculin state appears to be insensitive to 
vinculin load 

The immobile state is indicative of the population of vinculin that does not display 

dynamic turnover. Largely consistent with previous work [119], the comparison of the 

mobile fractions observed in VinTS and VinTS A50I MEFs shows that vinculin must be 

able to become active and bind talin to form the immobile state. Interestingly, we find the 

mobile fraction of vinculin was not perturbed by impaired vinculin-actin binding or in 

response to the reduction of actomyosin contractility using ROCK inhibition for short 

times. Furthermore, unlike the turnover rate of vinculin, the mobile fraction was not 

correlated with loads experience by vinculin. Together, these data suggest the 

mechanical loading of vinculin is not required for the formation or maintenance of the 

immobile state. It also raises the possibility that the immobile state is not subject to 
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mechanical loading, although this will require further investigation to definitively 

demonstrate. Notably, previous work using ROCK inhibition with longer incubations of 2 

hours, did see a reduction in the vinculin mobile fraction [95]. These treatment times are 

significantly longer than the timescales associated with loss of vinculin load, and often 

result in the bulk disassembly of the actomyosin cytoskeleton. Based on these 

observations, we suggest that the primary function of the immobile state is to mediate 

protein scaffolding or signaling events, potentially associated with a stable actomyosin 

network. 

4.4.3 The force-stabilized vinculin state is present and relevant in 
high load contexts 

The force-stabilized state describes a population of vinculin whose turnover 

dynamics are inhibited by the application of mechanical loading. This state is only 

observed in VinTS MEFs (Fig. 4.19), demonstrating that vinculin-talin and vinculin-actin 

interactions as well as ROCK-dependent actomyosin structures and processes, such as 

talin loading, are required. We suggest this state is mediated by active, loaded vinculin 

interacting with a force-exposed binding site in talin (Fig. 4.19). Because the FRAP 

dynamics observed in VinTS MEFs and VinTS I997A MEFs are quite similar, we 

conclude that the vinculin-talin interaction plays a major role in determining vinculin 

dynamics, which is consistent with biochemical studies demonstrating the exceptional 

strength of this interaction [109, 110, 193]. However, load exerted on VinTS results in 

even slower dynamics, indicating that the ability of vinculin to support load from actin-

based structures is critical to the stabilization of this complex. Two likely mechanistic 

explanations include the formation of vinculin load-dependent stabilizing protein-protein 

interactions, as has been proposed to occur between vinculin and vinexin [156], and the 
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existence of a catch bond at the vinculin-actin interface [128]. Regardless of the exact 

mechanism, we propose that this two-part stabilization scheme, involving force-sensitive 

interactions within both the head and tail domains of vinculin, is a key characteristic of 

the force-stabilized state. 

4.4.4 The force-destabilized vinculin state may represent an 
alternative force transmission pathway relevant to low load 
contexts 

The force-destabilized state describes a population of vinculin whose turnover 

dynamics are augmented by the application of mechanical loading. This state is 

observed in VinTS A50I MEFs and VinTS MEFs treated with the ROCK inhibitor. As 

VinTS A50I I997A does not support loading, actin binding is necessary to provide load 

on the force-destabilized state. Based on the inability of ROCK inhibition to reduce loads 

on VinTS A50I but loss of VinTS A50I load with the application of a low dose of 

latrunculin-A, we suggest actin polymerization as a likely candidate for loading vinculin in 

this state. Furthermore, a possible explanation for the slight increase in VinTS A50I 

tension when treated with the ROCK inhibitor could be an upregulation of the actin 

polymerization-dependent loading mechanism, although this will have to be evaluated in 

future work. It has been shown that depending on actin concentration and organization, 

actin polymerization can generate between 1-9 pN of force [202], suggesting that the 

apparent load on VinTS A50I of ~2 pN could be generated by actin polymerization. It has 

been shown that vinculin A50I resides in the closed conformation within FAs [90]. 

Although vinculin in the closed conformation is unable to bind actin in solution [83], it is 

likely that binding interactions at the FA may induce a shift in vinculin structure without 

separating the head and tail domain, allowing for actin binding, as suggested in 

simulations [111, 203]. 
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The vinculin A50I mutation drastically reduces the affinity of vinculin for talin in 

vitro [193], and results in vinculin localization to a lower z-plane at the FA [90], 

suggesting that this force-destabilized state is not mediated by the typical force-sensitive 

vinculin binding sites on talin (Fig. 4.19). This is corroborated by the fact that ROCK 

inhibition, which reduces load on talin [85] and likely obscures these same binding sites, 

results in the conversion of VinTS from a force-stabilized to a force-destabilized state. 

However, it is currently unclear what vinculin is binding in its N-terminus to localize to 

FAs and bear load in this state. Previous work has shown that vinculin and vinculin A50I 

can interact with phosphorylated paxillin in the C-terminus [90], implicating this as a 

potential mode of recruitment to FAs. Recent work has shown that alpha-actinin can bind 

to integrins [127] and that vinculin can bind alpha-actinin in a force-dependent manner 

[126], suggesting that alpha-actinin is a potential binding partner for vinculin A50I or 

vinculin in a low ROCK-mediated contractility state. Overall, these observations 

demonstrate that vinculin can adopt a variety of mechanical states each exhibiting 

distinct force-sensitive dynamics within FAs. 

4.4.5 An expanded view of the molecular clutch hypothesis of force 
transmission during cell migration 

To demonstrate the functional importance of these distinct mechanical states of 

vinculin, we probed their effects on cell protrusion and migration. Both VinTS and VinTS 

I997A have a similar portion of vinculin in the immobile state, but only VinTS can form 

the force-stabilized state. Thus, their comparison elucidates the role of the force-

stabilized state. Comparisons involving VinTS A50I MEFs are more complicated, as 

most of the vinculin is in the force-destabilized state with very little immobile vinculin 

(Fig. 4.19), potentially confounding the role of the immobile state with the effects of 
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force-destabilized vinculin. Although persistent protrusion was only observed in the 

force-stabilized state, VinTS MEFs and VinTS A50I MEFs exhibited equivalent random 

migration speeds that were significantly faster than VinTS I997A cells. This result 

demonstrates that both forms of force-sensitive dynamics can equivalently enable 

migration. However, only the force-stabilized state could support 3D directed migration in 

response to a haptotactic gradient. Overall, these data show that the nature of the force-

sensitive dynamics of vinculin is critically important in enabling the coordination of 

mechanically-sensitive sub-cellular processes to ensure efficient directed migration. 

These results also inform efforts to describe the physical mechanisms that 

enable force transmission through cells. As we demonstrated that vinculin can form 

multiple connections that bear load, we suggest that there are multiple modes of force 

transmission via vinculin, or multiple classes of molecular clutches. The force-stabilized 

state of vinculin appears to rely on both force-induced conformation changes of talin as 

well as mechanical regulation of vinculin. Vinculin can exhibit force-activated bond 

dynamics [128] as well as form force-induced protein-protein interactions [156], 

suggesting a variety of pertinent mechanisms. While the role of vinculin requires further 

elucidation, this physical picture is broadly consistent with the latest models of multi-

protein molecular clutches in mechanosensing [185, 186]. The necessity of this state for 

coordinating directed cell migration suggests that vinculin force-stabilization is a 

mechanism for FAs to reinforce force transmission in highly contractile environments, 

including stiff substrates and confined spaces. As vinculin A50I is closed at FAs and was 

not unloaded by ROCK inhibition, which would likely unload neighboring proteins, the 

force-destabilized state of vinculin appears to be regulated solely by mechanical effects 

on bond dynamics, a state well-described by some of the first molecular clutch models 
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[180, 181]. The force-destabilized state dominates under low ROCK-mediated 

actomyosin contractility and is in fact dependent on actin polymerization. This suggests 

that this state is critical in scenarios where fast FA dynamics are observed, including 

interactions with soft substrates and releasing adhesions to allow translocation of the cell 

body during migration. Reports of reduced traction force and adhesion strength in cells 

expressing vinculin A50I [57, 200] are consistent with the idea that the vinculin force-

destabilized state reduces force transmission from the cytoskeleton to the ECM, likely 

due to rapid turnover of vinculin in response to load and interaction with dynamic 

polymerizing actin rather than stable stress fibers. Together, these data demonstrate 

that the ability of vinculin to adopt distinct mechanical states enables the complex 

mechanosensitivity of FAs, augmenting force transmission or rearrangement dynamics 

depending on the vinculin state. 

4.5 Summary and implications 

In this chapter, we have developed a technique for probing force-sensitive 

protein dynamics and used it to reveal that vinculin can exist in a variety of states that 

serve as different types of molecular clutches (Fig. 4.19). Previously established 

techniques for measuring force-sensitive protein dynamics have been important in 

establishing a set of protein-protein interactions that are likely force-sensitive but have 

been limited by sacrificing either context or direct measurement. Force-sensitive bond 

dynamics are often probed through in vitro single molecule biophysics techniques using 

purified proteins or protein fragments [128, 204]. While these in vitro experiments are 

uniquely interpretable, due to application of a specified force and an isolated 

environment, they do not account for the myriad of other proteins in the focal adhesion 

and other forms of regulation beyond force. Additionally, force-sensitive protein 
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dynamics are also inferred by measuring protein turnover while either applying 

cytoskeletal inhibitors [95, 97] or measuring total FA traction force [57]. In these cases, 

assumptions are being made about the load across a particular protein, when it is not 

actually being measured. FRET-FRAP enables direct measurement of force-sensitive 

protein dynamics in living cells where proteins are subject to cellular context and 

regulation. We propose that the combination of these approaches will be particularly 

powerful in elucidating the molecular-scale regulation and role of force-sensitive proteins 

dynamics in a variety of sub-cellular structures, extracellular environments, and cell 

processes. 

Additionally, the work in this chapter has demonstrated that vinculin plays a 

crucial role in sensing and response to physical cues. In this case, only cells containing 

vinculin that can form the force-stabilized state were successful in navigating 3D pores in 

response to a haptotactic fibronectin cue. This suggests that forces must be stably 

transmitted through vinculin for cells to interpret the physical gradient and respond by 

migrating through a confined space. Force-stabilized vinculin may be the primary mode 

of force transmission in high contractility environments. Investigating vinculin state in 

response to other physical cues, such as confinement or substrate stiffness, will help 

elucidate the role that vinculin plays in mechanotransduction and how different force 

transmission pathways contribute to cell interpretation of the physical environment. 
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5 Controlling cell geometry 
affects the spatial 
distribution of load across 
vinculin 

5.1 Rationale and experimental plan 

Cells within organs and tissues are contained within a structured 

microenvironment that imposes particular shape constraints that are potent regulators of 

cellular function [133, 205]. For instance, the shape of an adherent cell is known to be a 

key determinant of several fundamentally important cellular processes, including 

cytoskeletal organization [206], proliferation [207], apoptosis [208], differentiation [140], 

and migration [138]. Control of cell shape can be categorized into control of cell spread 

area and confinement to a particular geometry, both of which play a role in directing 

cellular function. The manipulation of cell geometry, such as confining to circular or 

square patterns, independently of cell spread area is known to affect many cellular 

processes, including stem cell differentiation [209], gene expression [210], and the 

response of cells to applied loads [211, 212]. 

Sensing of cell shape is thought to be mostly mediated through mechanically-

sensitive signaling within focal adhesions (FAs), the structures that physically link the 

force generating actin-myosin cytoskeleton to the extracellular matrix [23]. These 

structures are comprised of transmembrane proteins, called integrins which bind to 

dense plaques containing more than 200 proteins, the top layer of which is bound to the 

actin-myosin cytoskeleton [29]. Furthermore, FAs are innately sensitive to mechanical 

forces, and show enhanced assembly in response to applied tensile forces [23]. 

Increases in tensile mechanical load can be due to externally applied forces, such as 

fluid shear stresses, or increases in internally-generated forces due to myosin activity 
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[213]. Similarly, increases in cell spread area and alterations in geometry lead to 

enhanced cell contractility [54, 214] and assembly of FAs [215]. These changes are 

thought to be due to cell shape dependent regulation of the small GTPase RhoA [140, 

216] which can enhance actin assembly and myosin activity through its effectors mDia1 

and Rho-associated protein kinase (ROCK). Previously, we have shown that the RhoA 

signaling-dependent tensile loading of the FA protein vinculin was a critical determinant 

in force-induced FA assembly [81]. Consistent with this idea, recent work has shown that 

vinculin is required for coordinated changes in cell shape and force generation [57] and 

that vinculin contains and a cryptic binding site that is important in stem cell 

differentiation [155]. 

Here, we evaluate the relationship between cell geometry and the load across 

vinculin by combining a biosensor that reports the load experienced by a specific protein 

in living cells [81] with photopatterning techniques [217]. Consistent with previous 

studies of the relationship of cellular force generation and cell geometry using traction 

force microscopy [54, 218], spatial patterns of vinculin tension were dependent on the 

geometry of the cell, with larger tensile forces observed at the cell edge. However, in the 

center of the cells, compression of vinculin was detected for the first time. Both tensile 

forces and compressive forces could be reduced through the inhibition of myosin 

function with blebbistatin or inhibition of ROCK, suggesting these forces are 

biochemically regulated. Compressive loads across vinculin appear consistent with 

compressive forces that have been observed in unpatterned cells with advanced traction 

force techniques capable of resolving stresses in three dimensions in the region 

surrounding and under the nucleus [52, 53, 219-221]. This is first time that compressive 

forces across vinculin have been shown to maintain FA assembly, although to a lesser 
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degree than tensile forces, and suggests the existence of a new paradigm for 

mechanosensitivity in adhesion mechanobiology. 

5.2 Methods 

5.2.1 Cell culture 

Mouse embryonic fibroblasts (MEFs) from littermate embryos of mice carrying a 

vinculin null allele that lacks vinculin exon 3 (Vinc -/- MEFs), along with wild-type 

littermate controls (WT MEFs), were generously provided by Dr. Ben Fabry [130]. Vinc -

/- MEFs were stably modified with a Forster Resonance Energy Transfer (FRET)-based 

vinculin tension sensor (VinTS MEFs) or a tension-insensitive control sensor (VinTL 

MEFs) [81]] using lentiviral transduction, explained in detail in Chapter 4.2.3. All MEFs 

were maintained in high-glucose Dulbecco’s Modified Eagle’s Medium (D6429, Sigma 

Aldrich) supplemented with 10% fetal bovine serum (HyClone), non-essential amino 

acids (Life Technologies), and Antibiotic Antimycotic solution (Sigma Aldrich). HEK293-T 

cells, used for viral production and in production of hypotonic lysates, were maintained in 

high-glucose Dulbecco’s Modified Eagle’s Medium with L-glutamine and sodium 

bicarbonate (D5796, Sigma Aldrich) supplemented with 10% fetal bovine serum 

(HyClone) and Antibiotic Antimycotic solution (Sigma Aldrich). Transient transfections 

were performed followed the standard Lipofectamine 2000 protocol (Life Technologies).  

5.2.2 Generation of viral expression constructs 

Construction of pcDNA3.1-VinTS, and pcDNA3.1-VinTL transient expression 

constructs has been described previously [81]. To achieve lentiviral expression of VinTS 

and VinTL, these constructs plus the upstream CMV-promoter were extracted via 
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5’NruI/3’XbaI digestion and ligated (T4 DNA Ligase, NEB) into pRRL vector that had 

been digested with 5’EcoRV/3’XbaI.  

5.2.3 Generation of TSMod-(GGSGGS)n constructs 

These constructs were based on the previously designed pSK-mTFP1-Venus 

used in the development of VinTS23. A (GGSGGS)9 linker sequence with ApaI- and 

NdeI-compatible overhangs was generated via PCR off the template pET28CLY9 

(Addgene Plasmid #21769)20, and inserted between mTFP1 and Venus, creating pSK-

mTFP1-(GGSGGS)9-Venus. This construct was transferred to pSK Bluescript in which 

the BamHI restriction site had been destroyed (pSK-ΔBamHI) via Klenow blunting and 

re-ligation, creating pSK-deltaBamHI-mTFP1-(GGSGGS)9-Venus. Constructs of various 

linker lengths were generated by partial digestion of multiple BamHI sites found within 

the GGSGGS linker followed by re-ligation. A quadruple ligation was used to insert the 

TSMod-(GGSGGS)1-9 constructs into pcDNA3.1. Ligation components consisted of 

pSK-TSMod-(GGSGGS)1-9 digested with 5’EcoRI/3’AatII (start-mTFP1 segment), pSK-

TSMod-(GGSGGS)n digested with 5’AatII/3’PstI (mTFP1-linker-Venus segment), 

pcDNA3.1-TSMod digested with 5’PstI/3’NotI (Venus-stop segment) and pcDNA3.1 

digested with 5’EcoRI/3’NotI (vector). 

5.2.4 Cell seeding 

For seeding on unpatterned substrates, glass bottom dishes (World Precision 

Instruments) were incubated with 10 µg/ml fibronectin (Fisher Scientific) in PBS at 4 ºC 

overnight. Dishes were rinsed once with PBS. MEFs were seeded with 25,000 cells per 

dish and allowed to spread in complete media for 4 hours. For seeding on patterned 

substrates, coverslips were similarly coated and seeded with 95,000 cells. After 20 min, 

substrates were rinsed twice with media to remove any unattached cells and allowed to 
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spread in complete media for 5 hours. After spreading, all cells were rinsed with PBS 

and fixed for 10 minutes with 4% paraformaldehyde (Electron Microscopy Sciences) in 

PBS. 

5.2.5 Inhibition of the actin-myosin cytoskeleton 

To inhibit myosin functionality, MEFs on patterned substrates were treated with 

either the ROCK inhibitor Y-27632 or the myosin II inhibitor blebbistatin. The cells were 

allowed to spread for four hours prior to inhibitor treatment. MEFs were treated with 20 

µM blebbistatin, diluted from a 50 mM stock solution in DMSO, for one hour or 10 µM Y-

27632, diluted from a 10 mM stock solution in DIH2O, for two hours, prior to fixation. 

5.2.6 Immunofluorescent staining 

WT MEFs seeded on micropatterns and fixed were permeabilized in 0.1% Triton-

X in PBS for 5 minutes at room temperature. The cells were rinsed in PBS and blocked 

for 30 minutes at room temperature in 2% BSA in PBS. Primary vinculin antibody 

(mouse anti-vinculin antibody, Sigma Aldrich, V9131) at a 1:500 dilution in 2% BSA in 

PBS was applied for 1 hour at room temperature. The cells were rinsed in PBS and 

blocked for 30 minutes at room temperature in 2% BSA in PBS. Secondary antibody 

(goat anti-mouse IgG antibody Alexa Fluor 594, Life Technologies, A-11032) at a 1:500 

dilution in 2% BSA in PBS was applied for 1 hour at room temperature. Cells were 

simultaneously stained for F-actin using a 1:100 dilution of Alexa Fluor 488 phalloidin 

(Life Technologies, A12379). The cells were rinsed in PBS and stained with a 1:5000 

dilution of 4ʹ,6-diamidino-2- phenylindole, dihydrochloride (DAPI, Life Technologies, 

D1306) in 2% BSA in PBS for 10 minutes at room temperature then rinsed twice in PBS 

and left in PBS for imaging. 
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5.2.7 Fluorescent imaging 

Samples were imaged at 60x magnification on the microscope system described 

in Chapter 3.2.1. FRET imaging was performed as described in chapter 3.2.1, using 

combinations of the mTFP1 excitation/emission filters and the Venus excitation/emission 

filters. 

5.2.8 FRET analysis, focal adhesion segmentation, and quantification 

Calculation of FRET efficiency by sensitized emission and subsequent 

identification and quantification of FAs and cells were performed as described in Chapter 

3.3.  

For pseudo line-scans, based on the location of their geometric centroid, FAs 

were categorized into 1 µm bins along their radial distance from the cell center, taking 

the mean and standard error of the average FA FRET efficiency in each bin. 

Additionally, the user chose where to crop images of cells on patterns to the proper 

dimensions of the particular pattern based on the masked acceptor channel image. 

Heatmaps of MEFs on patterned substrates were generated by creating a stack of 

cropped and masked images for a given pattern type and averaging pixel-by-pixel 

(Chapter 3.3.11). 

5.2.9 FRET efficiency calculation from spectrofluorimetry 

Hypotonic lysates were prepared from HEK293 cells as previously described 

[83]. In addition to experimental samples, lysates from an equal number of untransfected 

cells were harvested and used as a reference background. FRET efficiency was 

calculated using the acceptor ratio method [194], as described in detail in Chapter 

4.2.12.  
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5.2.10 Statistics 

ANOVAs and post-hoc analyses were performed using JMP Pro 11 software 

(SAS). A p-value p < 0.05 was considered statistically significant. 

5.3 Results 

5.3.1 Confining MEFs to micropatterns 

To probe the effects of various geometries on cell behavior, we created 

micropatterns with the same spread area but different geometries. WT MEFs were 

seeded onto the patterns and allowed to spread (Fig. 5.1A). The cells were stained for 

vinculin to visualize the FAs, and phalloidin and DAPI were applied to visualize the actin 

cytoskeleton and the nucleus, respectively. Segmentation of FAs revealed no 

discernable difference in the number of FAs per cell with alterations in cell geometry 

(Fig. 5.1B), consistent with previous experiments showing that cells of the same spread 

area have similar number of FAs [215]. There is a slight increase in total average FA 

area from circles to squares and 1:2 aspect ratio patterns (Fig. 5.1C). However, when 

selecting FAs at the edges of micropatterns, a trend of increasing FA area from circles to 

squares and with increasing aspect ratio emerges (data not shown), consistent with 

previous work [215]. As the cell geometry changes from circles to squares and 

increasing aspect ratio rectangles, stress fibers are strengthened along the long straight 

edges of the pattern (Fig. 5.1A) and overall, FAs become more elongated (Fig. 5.1D) 

and aligned. In total, this data shows that the WT MEFs employed in this study show 

similar behaviors in response to changes in cell geometry as have been observed in 

other fibroblast cell lines [45, 54]. 
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Figure 5.1: MEFs on micropatterns. A) WT MEFs spread on each of the area-matched 
pattern shapes and stained for vinculin (red), actin (green), and DAPI (blue). B) Number 
of FAs per cell for each shape. There is no detectable difference in number of FAs per 
cell for each micropattern shape. C) FA area for each pattern type. When looking at all 

the FAs in a cell, there is a slight increase in FA area in square and 1:2 aspect ratio 
patterns with respect to the circle patterns. There is no discernable difference in FA area 
between the rest of the pattern types as determined by ANOVA and Dunnett’s Test. D) 
Major axis to minor axis ratio for all FAs on each micropattern type as a measure of FA 

elongation. FA elongation and alignment along the major axis of the cell (data not 
shown) increase from circles to squares and increasing aspect ratio patterns as 

determined by ANOVA and Dunnett’s Test. Means and standard errors shown. Scale 
bars 50 µm. 

5.3.2 Vinculin -/- MEFs reconstituted with vinculin tension sensors 
respond to changes in cell geometry like wild type MEFs 

Given the key role of the load across vinculin in many mechanically-sensitive 

processes [81] we sought to determine the relationships between defined cell 

geometries and the loads experienced by vinculin. To measure loads across vinculin, a 

force sensitive biosensor was employed. The sensor is comprised of two fluorophores 

capable of undergoing FRET separated by an elastic linker [81]. As FRET is a distance 

sensitive phenomenon, any load that causes a change in the separation of these 

fluorophores causes a measurable change in the efficiency of energy transfer between 

donor and acceptor fluorophores (mTFP1 and Venus, respectively) (Fig. 5.2A). The 

force-sensitive module (TSMod) was inserted between the head and tail domains of 
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vinculin (Fig. 5.2A) to create the vinculin tension sensor (VinTS). A tail-less version of 

the sensor (VinTL), which lacks the actin binding tail domain of vinculin, provides a zero-

tension control. To enable rapid measurements in a system devoid of over-expression 

artifacts the VinTS was stably expressed in Vinc -/- MEFs at levels consistent with 

endogenous expression. Cells stably expressing VinTL were made in a similar fashion, 

and cells with the same expression level of VinTS cells, as indicated by acceptor 

fluorescence, were selected for further use.  

 

Figure 5.2: FRET-based vinculin sensor. A) The sensor module (TSMod) consists of 
two fluorescent proteins—mTFP1 and Venus—connected by a flexible linker. Without 

any load, fluorophores reside at a particular equilibrium separation distance with a 
measurable FRET value. If the fluorophores are forced closer together by compression, 
the FRET signal will increase above the unloaded value. If the fluorophores are pulled 
farther apart, the FRET signal will decrease below the unloaded value. B) TSMod is 

placed between the vinculin head and tail domains to allow for the measurement of load 
across vinculin. As a tension-insensitive control, the vinculin tail is eliminated, preventing 

tension application from that end of the module (VinTL). 

Vinc -/- MEFs reconstituted with VinTS behaved similarly to WT MEFs in 

response to changes in cell geometry (Fig. 5.3). There is an overall reduction in the 

number of FAs per cell, though no significant differences between the different patterns, 

as was observed in WT MEFs. Some of trends seen in FA area and axis ratio are more 

prominent in VinTS expressing cells (Fig. 5.3C,D), but are generally consistent with the 

behavior of WT MEFs. Note that these quantifications should be expected to vary slightly 

as distinct labelling techniques (immunofluorescence vs. fluorescent protein labelling) 
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were use in the various cell lines. The similar behaviors of WT MEFs and Vinc -/- MEFs 

reconstituted with VinTS is consistent with previous data showing the VinTS behaved 

identically to endogenous vinculin [81]. FAs in Vinc -/- MEFs reconstituted with VinTL 

showed morphological differences in comparison to those composed of endogenous 

vinculin and VinTS, despite the vinculin being expressed at the same level. This is 

consistent with the known behavior of VinTL, which lacks the vinculin tail, eliminating the 

head-tail inhibition as well as the actin binding site, and exhibits localization defects [57, 

81].  

 

Figure 5.3: VinTS MEFs on micropatterns. A) MEFs stably transduced with VinTS 
spread on each of the area-matched pattern shapes with acceptor signal (red) and 

stained for actin (green). B) Number of FAs per cell for each shape. There is no 
detectable difference in number of FAs per cell for each micropattern shape. C) FA area 
for each pattern type. When looking at all the FAs in a cell, there is a slight increase in 

FA area in square, 1:2 aspect ratio, and 1:4 aspect ratio patterns from the circle 
patterns. There is no discernable difference in FA area between the rest of the pattern 

types as determined by ANOVA and Dunnett’s Test. D) Major axis to minor axis ratio for 
all FAs on each micropattern type as a measure of FA elongation. FA elongation and 
alignment along the major axis of the cell (data not shown) increase from circles to 

squares and increasing aspect ratio patterns as determined by ANOVA and Dunnett’s 
Test. Means and standard errors shown. Scale bars 50 µm. 
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5.3.3 Determining the unloaded FRET efficiency of TSMod in cells 

While the tension sensor has known force dependency under applied tensile 

loads of 1-6 pN [81], recent work using a tension sensor in the glycocalyx protein mucin-

1 has shown that compressive loads can be detected as well [222]. However, the 

quantitative relationship between compressive forces and changes in FRET is unknown. 

To accurately distinguish between these mechanical loading states, we developed a 

method for determining the FRET efficiency of the vinculin tension sensors, instead of 

the more commonly used FRET index, using the simplest of the methods for detecting 

FRET, sensitized emission. 

To calibrate our imaging system and allow for quantitative calculation of FRET 

efficiency, we employed the procedure described by Chen et al. [159]. This calibration 

procedure requires the creation of at least two donor-acceptor fusion constructs that 

span a range of FRET efficiencies and uses ratios of images of these constructs to 

determine parameters for determining FRET efficiency. For this purpose, mTFP1 and 

Venus linked by various number of repeats of the amino acid sequence GGSGGS (n=1, 

5, and 9) were used. Each TSMod-(GGSGGS)n construct was transiently expressed in 

Vinc -/- MEFs and imaged for FRET. These soluble TSMod-(GGSGGS)n fusion proteins 

exhibit uniform FRET efficiency across the cell, including under the nucleus and in 

regions of lower signal such as thin lamellipodia (Fig. 5.4A). Furthermore, FRET 

efficiency decreases predictably with increased linker length from ~40% for TSMod-

(GGSGGS)1 to ~23% for TSMod-(GGSGGS)9, indicating the constructs are suitable for 

the calibration procedure (Fig. 5.4A).  

The G-factor was calculated for both live samples and samples fixed with PFA 

and used in subsequent pixel-by-pixel calculations of FRET efficiency. For the mTFP1-
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Venus FRET pair in our imaging system, G was not significantly different between live 

and fixed samples, being 2.95 and 2.65, respectively (Fig. 5.4B). Similarly, k was 

calculated using equation (3) to be 0.66 and 0.68 for live and fixed samples, 

respectively, and there was no detectable difference in k between constructs imaged live 

or following fixation (Fig. 5.4B). The slight differences in G and k we observe are 

consistent with minute alterations in the fluorescent properties of genetically encoded 

fluorophores following fixation [159, 223].   

Vinc -/- MEFs expressing TSMod show uniform FRET efficiencies across the cell, 

as assessed visually and by taking line scans across each cell (Fig. 5.4C). The average 

FRET efficiency of live cells expressing TSMod was found to be 28.6 +/- 0.3% (Fig. 

5.4D). Fixation did not significantly affect the FRET efficiency of TSMod, nor does it 

change when cells are confined to micropatterns (Fig. 5.4D). To confirm these zero force 

FRET efficiency values, we performed fluorometric analysis on hypotonic lysates from 

cells expressing TSMod and calculated the FRET efficiency of these constructs in 

solution to be 25 +/- 4.3% (Fig. 5.4D). These results agree well with previous 

measurements of FRET efficiency by both fluorometric analysis and fluorescence 

lifetime imaging (FLIM) [81], and slight differences can be attributed to differences in the 

local environments (buffers vs. cytosol) used in the various experiments. Taken together, 

these results indicate that neither fixation nor micropatterning significantly impact the 

quantitative interpretation of FRET efficiency measurements and allow the establishment 

that unloaded tension sensors within cells should exhibit a FRET efficiency of ~28%. 

This determination allows us to interpret the FRET efficiencies observed in VinTS and 

VinTL experiments. Lower FRET efficiencies will be interpreted as vinculin under tensile 

load and larger values will be taken as indicative of compressive loads.  
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Figure 5.4: FRET efficiency calibration and measurement. A) Representative images 
of MEFs expressing different TSMod (GGSGGS)n repeats imaged lived and after 

fixation. B) Microscope calibration factors G and k. C) Representative images of MEFs 
expressing TSMod in different experimental conditions with intensity line-scans taken 

across multiple cells, position-normalized from the cell center to the cell edge, and 
averaged. There is no spatial variation in the TSMod FRET efficiency across cells in any 

of the conditions. D) Distribution of FRET efficiency of TSMod flagelliform in MEFs 
imaged live, after fixation, and on micropatterns after fixation compared to fluorometric 
FRET efficiency measurements of TSMod. Means and standard errors shown. Scale 

bars 50 µm. 

5.3.4 Visualizing the loads across vinculin in patterned & 
unpatterned MEFs 

Next, we sought to verify that the force sensitivity of VinTS is appropriate for 

patterned cells. Representative images for unpatterned and patterned MEFs expressing 

the VinTL and VinTS constructs are shown in Fig. 5.5A. VinTS has been shown to report 

tension across vinculin while transiently expressed in unpatterned cells, while the control 

sensor (VinTL) remains unresponsive, with a FRET efficiency value close to that of 

TSMod [81]. We have replicated these results in our stably expressing MEFs with a 

VinTS FRET efficiency of 24.2 +/- 0.34%, or 1.55 pN of tension, and a VinTL FRET 
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efficiency of 28.7% +/- 0.17%, or 0 pN of tension, Fig. 5.5B on a whole cell level. 

However, when the reconstituted MEFs are placed on patterns, the FRET efficiency is 

increased in value and in variation, with a VinTS FRET efficiency of 30.3 +/- 0.57% and 

a VinTL FRET efficiency of 33.8 +/- 0.49% (Fig. 5.5B). This is a surprising result, 

indicating that on average both VinTS and VinTL are compressed in patterned cells. The 

original FRET efficiency-force calibration of the tension sensor was only performed for 

tensile forces, with no probing of compressive force [81]. Thus, we report all FRET 

signals in terms of the FRET efficiency. For a more detailed examination of the origin 

and treatment of the compressive loads, please see the Discussion section. 

Furthermore, there are clear spatial dependences in the loads observed across 

vinculin. Near the cells edges, VinTS reports FRET efficiencies consistent with applied 

tensions, demonstrating that the tension sensors can reported tensile loads in this 

system. In the interior of the patterns, many FAs display a FRET efficiency much greater 

than the zero-force state, indicating that the vinculin in these regions is compressed. 

Importantly, these spatial gradients are also observed in unpatterned MEFs to a lesser 

degree (Fig. 5.5A), indicating these loads are enhanced by patterning and not an artifact 

caused by the technique. The FRET efficiencies indicative of compressive loads 

reported by VinTL are striking, as this construct was originally designed as a tension-

insensitive control, but these results suggest that it can support compression. 
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Figure 5.5: Vinculin tension sensor constructs expressed in MEFs. A) 
Representative images of VinTS and VinTL stable MEFs allowed to spread without 

constraint and confined to micropatterns. Scale bars 50 µm. B) Distributions of the mean 
FRET efficiency of the constructs per cell at FAs. Patterned MEFs have greater variation 
in FRET efficiency at the cell level due to the prevalence of adhesions in which vinculin 

is compressed. Significance determined by ANOVA and Tukey’s HSD Test. 

5.3.5 Distribution of vinculin and vinculin load on patterns of 
different aspect ratios 

To begin to understand the molecular mechanisms underlying the effect of cell 

geometry on force generation and signaling, we chose to investigate the spatial 

distribution of vinculin load across patterns with the same spread area but different 

geometries. Heat maps that contain the conglomerate data of the vinculin FRET 

efficiencies observed in all cells in each pattern type were made (Fig. 5.6A). In VinTL 

MEFs, across all patterns, we see areas with FRET efficiency values consistent with 

zero force. These are prominent along the entire edge of circle and square patterns, and 

the short edges of elongated patterns. Surprisingly, at the center of all patterns and long 

edges of the 1:3 and 1:4 aspect ratio patterns, we see much higher values, some around 

50%, indicating strong compression (Fig. 5.6A). We expect that VinTL can only report 

compressive loads, as supporting tension would require two binding sites.  
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In VinTS MEFs, we observe areas of vinculin tension at the very edge of the 

circle, at the corners of all patterns, and along the short edges of the 1:3 and 1:4 

patterns, with some higher FRET values at the center of patterns. While the areas at the 

edges of patterns support tensile loads on average, and areas in the center bear 

compression, it is impossible to determine if loads within an imaging volume are 

comprised of a homogenous population or heterogeneous mix of vinculin supporting 

multiple types of loads.  

The distribution of the FRET sensor is shown in Fig. 5.6B. As the acceptor signal 

is directly proportional to local concentration of the biosensor, direct comparisons of 

these images show that that the two biosensors are expressed at approximately the 

same level. Furthermore, while VinTS and VinTL do not show identical vinculin 

distributions, this is not unexpected. VinTL is comprised of a constitutively active vinculin 

fragment that lacks a critical head-tail interaction that is required for proper regulation of 

vinculin localization to FAs [57]. Interestingly, we note that VinTL seems to localize less 

to the interior of patterns, suggesting that interactions mediated by the vinculin tail 

domain are required to maintain vinculin localization in this part of the cell. These 

composite images show that there is a spatial dependence of vinculin load in patterned 

cells that is not explained by variations in vinculin localization. 

5.3.6 Vinculin load as a function of distance from cell center 

To quantify the spatial distribution in the FRET efficiency heat maps, we 

categorized the average FRET efficiency of the individual FAs by distance from the 

center of the cell into 1 µm bins. Plotting the mean and standard error of the FRET 

efficiency within each bin provides pseudo-line-scans that account for all data shown in 

the heat maps. The FRET efficiency of VinTL FAs at the center of each pattern type is 
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high, around 40-50% and it gradually decreases to around the unloaded FRET efficiency 

(28%) near the cell edge (Fig. 5.6C). This is consistent with the idea that the VinTL 

construct can be compressed but cannot support tension. The FRET efficiency of VinTS 

FAs at the center of each pattern type is still high, but is around 35% with high variation, 

and it transitions more sharply to reach FRET efficiency values around 20% at the 

furthest points, indicating that vinculin is under tension at the cell edge (Fig. 5.6C). This 

data demonstrates that there is a switch from vinculin supporting primarily tensile loads 

at the cell edge to vinculin supporting compressive loads nearer the nucleus. High 

tension at the edges of patterns is consistent with previous measurements of cellular 

traction forces [54, 214]. 

 To facilitate comparison between the inside and the outside of the cell, as well as 

the difference between pattern geometries, the data from the first and last three µm of 

each line-scan were averaged together and plotted as bar graphs (Fig. 5.6D). In VinTL 

MEFs, the FRET efficiency on the inside the cell increases with increasing aspect ratio, 

reaching a maximum at the 1:3 aspect ratio. The FRET efficiency on the outside of the 

cell remains constant across pattern types and is consistent with relatively little loading. 

In VinTS MEFs, surprisingly, there is no statistical difference in the FRET efficiency at 

the edges or centers of the various patterns. 
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Figure 5.6: Spatial distribution of vinculin load on patterns of different aspect 
ratios. A) Heat maps of vinculin load for VinTL and VinTS MEFs on different pattern 
shapes. B) Heat maps of acceptor intensity, a measure of vinculin concentration, for 
VinTL and VinTS MEFs on different pattern shapes. C) Line-scans of vinculin load 

binned as a function of distance from the center of the cell for VinTL (left) and VinTS 
(right) MEFs. D) Bar graphs representing first and last three µm of line-scans averaged 

together for VinTL (left) and VinTS (right). Means and standard errors shown, single 
asterisk represents significant difference from Square inner bins, and double asterisk 
represents significant difference from Square outer bins, as determined by Dunnett’s 

test. Scale bars 50 µm. 
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5.3.7 Inhibition of myosin with blebbistatin ablates tensile and 
reduces compressive loads across vinculin 

In an attempt to determine the molecular bases of the loads, MEFs expressing 

force-sensitive biosensors were treated with blebbistatin to observe the effects of myosin 

II inhibition on the spatial distribution of vinculin load. Blebbistatin works by mimicking 

ATP binding to myosin, locking the protein in a state with low affinity for filamentous actin 

[41], which inhibits the functionality of myosin as a cross-linker and as a force-generating 

motor protein [224]. The distribution of vinculin load after blebbistatin treatment looks 

similar on VinTS and VinTL MEFs (Fig. 5.7A). Notably, almost all tensile loads were 

ablated by this treatment. Also, compression levels were reduced, but not removed. The 

local concentration of the sensor is reduced approximately 50% in VinTS MEFs, but 

relatively unchanged in VinTL MEFs (Fig. 5.7B), which is consistent with previous 

observations of the effects of blebbistatin on vinculin localization to FAs [95]. Also, the 

reduction of vinculin accumulation in VinTS cells is consistent with the key role tension 

plays in the localization of vinculin to FAs [81]. Interestingly, this suggests that pure 

compressive loads are able to maintain localization of vinculin within FAs.  

Pseudo line-scans for VinTL and VinTS cells treated with blebbistatin are shown 

in Fig. 5.7C. As in untreated cells, the observed compressive loads in the cell interior are 

reduced towards the cell edges. Interestingly, the FRET efficiency is approximately 40% 

in the cell centers with a gradual taper to unloaded or weakly loaded state in both VinTL 

and VinTS expressing cells, respectively. This suggests that the differences between 

loads borne by VinTS and VinTL in control cells are largely due to myosin function.  

Isolating the FAs within the inner and outer three μm of the cell makes the effects 

of myosin inhibition, as well as the similarities between VinTS and VinTL, more obvious 

(Fig. 5.7D). At the center of all patterns, the FRET efficiency is approximately 40%, and 
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effects of cell geometry on compressive loads experienced by VinTL in untreated cells 

are lost. This demonstrates that myosin plays a partial role in generating the 

compressive loads experienced by vinculin. Tensile loads observed across VinTS cells 

are also lost, and in the highest aspect ratio, compressive loads are now observed at the 

cell edge. This demonstrates that tensile loads across vinculin at the cell edge in 

untreated cells are due to myosin function and that compressive loads can be exerted at 

the cell edge in some scenarios. Notably, there are still significant compressive loads 

across vinculin in all cells, suggesting that a non-myosin-based mechanism for 

compressing vinculin exists.   
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Figure 5.7: Effect of myosin II inhibition using blebbistatin on distribution of 
vinculin load. A) Heat maps of vinculin load for VinTL and VinTS MEFs on different 

pattern shapes. B) Heat maps of acceptor intensity, a measure of vinculin concentration, 
for VinTL and VinTS MEFs on different pattern shapes. C) Line-scans of vinculin load 
binned as a function of distance from the center of the cell for VinTL (left) and VinTS 

(right) MEFs. D) Bar graphs representing first and last three µm of line-scans averaged 
together for VinTL (left) and VinTS (right). Means and standard errors shown, single 
asterisk represents significant difference from Square inner bins, and double asterisk 
represents significant difference from Square outer bins, as determined by Dunnett’s 

test. Scale bars 50 µm. 
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5.3.8 Inhibiting ROCK inhibits compressive loads more and tensile 
loads less than blebbistatin treatment 

To probe the role of RhoA signaling-dependent contractility, MEFs were treated 

with Y-27632 to observe the effects of ROCK inhibition on the spatial distribution of 

vinculin load. ROCK inhibition results in a vinculin load distribution that looks very similar 

in VinTL and VinTS MEFs (Fig. 5.8A), with minimal compression at the centers of cells 

and minimal tension at the edges of cells. Similar to blebbistatin treatment and 

consistent with literature, there is loss of local concentration of the sensor in VinTS 

MEFs of approximately 35% (Fig. 5.8B). 

The line-scans (Fig. 5.8C) and bar graphs (Fig. 5.8D) both show a universal 

decrease in compression at the center of both VinTL (left) and VinTS (right) MEFs to 

near 35% FRET efficiency, which was a larger decrease in compression than was 

observed with blebbistatin treatment. The vinculin at the edges of VinTL MEFs remains 

at zero force, as expected (Fig. 5.8D). At the edges of VinTS MEFs, the tension across 

vinculin is reduced with respect to untreated cells, but there is still residual tension 

across the square and rectangular patterns (Fig. 5.8D). This incomplete ablation of 

tension is consistent with ROCK-mediated signaling being only one way of regulating 

myosin in fibroblasts [225]. The greater influence of Y-27632 over blebbistatin on 

reducing compression suggests a myosin-independent effect. For instance, in addition to 

its well-known role in regulating contractility through affecting myosin phosphorylation, 

ROCK activity can also stabilize actin filaments through LIM kinase mediated 

phosphorylation and inhibition of cofilin [226]. In total, this data suggests that 

compression of vinculin may be mediated by a combination of myosin activity and actin 

polymerization, potentially in a spatially-dependent manner as seen in other systems 

[227], but specific molecular players are yet to be determined.  
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Figure 5.8: Effect of ROCK inhibition with Y-27632 on distribution of vinculin load. 
A) Heat maps of vinculin load for VinTL and VinTS MEFs on different pattern shapes. B) 

Heat maps of acceptor intensity, a measure of vinculin concentration, for VinTL and 
VinTS MEFs on different pattern shapes. C) Line-scans of vinculin load binned as a 

function of distance from the center of the cell for VinTL (left) and VinTS (right) MEFs. D) 
Bar graphs representing first and last three µm of line-scans averaged together for VinTL 

(left) and VinTS (right). Means and standard errors shown, single asterisk represents 
significant difference from Square inner bins, and double asterisk represents significant 
difference from Square outer bins, as determined by Dunnett’s test. Scale bars 50 µm. 
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5.3.9 Cells on elongated patterns exhibit contractility dependent 
compressed nuclei   

The observation of compressive forces in cells is often attributed to the 

organization of apical stress fibers and compression of the nucleus [142, 228, 229]. As 

our inhibitor studies suggested a role for actin stabilization as well as myosin-based 

contractility or cross-linking, key requirements for stress fiber assembly, we sought to 

determine if our cytoskeletal inhibitors studies were affecting compression of the 

nucleus. Consistent with previous work [142, 228], the nucleus elongation increases with 

increasing aspect ratio in VinTS MEFs, as measured by major to minor axis ratio (Fig. 

5.9A). Upon treatment with cytoskeletal inhibitors, either blebbistatin or Y-27632, this 

deformation is lost (Fig. 5.9B). This is particularly obvious in the 1:3 and 1:4 aspect ratio 

patterns (Fig. 5.9B). This suggests that in our system, forcing cells into an elongated 

geometry induces changes in the acto-myosin cytoskeleton that affect nuclear 

deformation. 

Also consistent with previous work [142, 229], actin organization increases as 

cells become more elongated. Specifically, as the cell becomes elongated, the F-actin is 

preferentially localized along the long axis of the cell (Fig. 5.9C) WT cells stained with 

phalloidin were imaged at the basal plane and at the plane above the nucleus and 

qualitatively scored based on apical actin organization. Cells with similar basal actin 

organization can have different apical actin organization, with some having no visible 

organization (Fig. 5.9C) and others having structured actin fibers (Fig. 5.9C). The 

percent of cells with apical actin organization increases with increasing aspect ratio and 

is reduced with cytoskeletal inhibition using either Y-27632 or blebbistatin (Fig. 5.9D). 

Overall, these data are consistent with the idea that forces generated by apical stress 
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fibers are transmitted through the nucleus to lead to the compression of FAs localized in 

the interior of cells. 

 

Figure 5.9: Nuclear deformation and actin-myosin cytoskeleton organization. A) 
WT MEFs spread on the 1:4 aspect ratio micropattern without treatment and with 

cytoskeletal inhibition using Y-27632 and blebbistatin. Cells are stained for vinculin (red), 
actin (green), and DAPI (blue). Scale bar 50 µm. B) Nuclear major to minor axis ratio as 
a measure of nuclear deformation for WT MEFs without treatment and with cytoskeletal 
inhibition. Bars not connected by the same letter are significantly different as determined 
by ANOVA and Tukey’s HSD Test. C) VinTS MEFs on the 1:3 aspect ratio micropatterns 

stained with phalloidin (green). Top: basal actin organization. Bottom: apical actin 
organization at an imaging plane above the nucleus. Left: representative image of weak 
apical actin organization. Right: representative image of apical actin organization. Scale 

bar 50 µm. D) Enlargements of boxes shown in (c). Black arrowheads indicate actin 
fibers. Scale bar 10 µm. E) Percent of cells with apical actin organization as determined 

by qualitative scoring. 

5.4 Discussion 

Through the combination of quantitative FRET imaging of molecular tension 

sensors and photo-patterning techniques, we have discovered that the control of cell 
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geometry leads to changes in the loads borne by the FA protein vinculin. In area 

matched patterns, areas of high tensile load were visualized at pattern edges, while, 

surprisingly, in the center of patterns compressive loads were observed. The amount 

and spatial distribution of these loads can be manipulated through altering the aspect 

ratio of the cell as well as through inhibiting the acto-myosin cytoskeleton, demonstrating 

that these loads are regulated by the cell and not due to imaging artifacts. Interestingly, 

some FAs, particularly in the center of patterned cells, seem to be maintained while 

vinculin bears compressive loads. This is distinct from previous experiments in 

unpatterned cells that showed tensile loads across vinculin were associated with FA 

assembly and unloading of vinculin was associated with FA disassembly [81] and may 

represent a new classification of FAs. 

5.4.1 Interpretation of high FRET efficiency values 

Interpretation of the FRET efficiency data must be carefully considered. Based 

on the data using TSMod, which can bear no force and is not bound to any structure, the 

unloaded FRET efficiency of the tension sensor is determined as 28.6%. FRET 

efficiency values below this unloaded state indicate a state of tension, which has been 

previously reported [81], while values above the unloaded state are more difficult to 

explain. Potential artifacts that could cause a spurious increase in FRET efficiency 

include imaging artifacts caused by increased cell height, which could be caused by 

confining cells to patterns, and existence of intermolecular FRET due to close packing of 

the sensor. Addressing the former point, cells expressing TSMod were allowed to freely 

spread or were confined to micropatterns, and no spatial variation in FRET efficiency 

was seen. As for the latter point, intermolecular FRET is unlikely. The acceptor 

intensities, which are directly proportional to the local concentration of the tension 
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sensor, of the FAs at the center of the cell are no brighter than those at the edges. 

Furthermore, all vinculin intensities are below a previously determined threshold for 

intermolecular FRET [81] lending no evidence to increased packing of vinculin. Thus, we 

conclude that the measured increases in FRET efficiency of our sensor are valid and not 

artifacts of imaging or intermolecular FRET. 

An increase in FRET efficiency above the zero-force value for this class of 

biosensor is likely indicative of two possible scenarios: force-induced changes in the 

orientations of the fluorophores or buckling/compression of the entropic spring-like 

element between the two fluorophores. Unless explicitly designed to enable force-

induced changes in orientation [230], changes in the orientation of fluorescent proteins in 

FRET-based biosensors are thought to be small [231]. As an entropic spring, the force-

sensitive linker will have a rest length, which, along with the size of the fluorescent 

proteins, determines the unloaded FRET efficiency of 28.6%. This unloaded FRET 

efficiency value corresponds to a separation distance of ~7 nm, and by subtracting the 

approximate radius of the fluorophores (2-2.5 nm), the approximate rest length is 

calculated to be 2-3 nm. Even with this short linker length, which is only 40 amino acids, 

modeling of semiflexible filaments suggests buckling is possible [206]. Notably, the 

effects of thermal motion cause a smoothed and broadened transition between buckled 

and unbuckled states, in contrast to the behavior of macroscopic objects [206].  We 

conclude that the most likely origin of the increase in FRET efficiency is a one-

dimensional compression of the force-sensitive linker along the axis of loading, which 

behaves conceptually as an entropic spring that can be compressed from its finite rest 

length (like some helical springs). Thus, the tension sensor is likely sensitive to both 

tension and compression, where the later could be envisioned as a negative tension. 
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However, the quantitative dependence of force and FRET Efficiency under compressive 

loads is likely significantly more complex than can be explained with an analogy to 

macroscopic springs and will require experimental calibration [81] before quantitative 

force magnitude measurements can be made. Therefore, we report signals from the 

tension sensor as FRET efficiencies. This presentation of the data enables easy 

identification of tensile, unloaded, and compressive states without assigning force 

magnitudes. Importantly, relatively little compressive force is observed in unpatterned 

cells, demonstrating that the previously determined calibration and estimation of tensile 

loads is accurate in that system. 

5.4.2 Distribution of vinculin tensile load is broadly consistent with 
whole cell force generation measurements 

Tension sensor measurements report the loads experienced by a specific protein 

in living cells. The relationship between these molecular measurements and continuum-

mechanics based mechanical measurements, such as traction force microscopy, is an 

ongoing field of research. However, as vinculin is thought to be a major load-bearing 

component of the FA, limited comparisons between these types of measurements are 

informative. The first studies of the relationship of cell shape and force generation 

focused on traction stress exerted at the plane of cellular adhesion and parallel to the 

substrate. These ground-breaking studies revealed a strong correlation between 

increased cell spread area and increased total cellular force generation [214, 232]. 

Additionally, changes in cell curvature and aspect ratio have been shown to have 

profound effects on cell contractility [54, 214]. Based on the observation that tangential 

traction forces strongly increase with distance from the cell center [54], several models 

have been proposed to explain the effect of geometric cues on traction force 
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distributions. The “first moment of area” (FMA) model allows for calculation of the 

traction force distribution at each point based on its distance from the center of the cell 

and the local geometry [218]. More recently, a physical model describing the cell as a 

contractile gel with a uniform boundary tension that is mechanically coupled to an elastic 

substrate, was shown to be in agreement with measurement of in-plane traction stresses 

[175].  

The tensile loads supported by vinculin are roughly consistent with these 

measurements and model predictions. As the vinculin tension sensor reports the load 

per molecule, it is most directly comparable to measurements of traction stresses (force / 

area), while measurements of traction forces are better compared to the product of 

force-sensitive force signals and the acceptor intensity, which is directly proportional to 

the local concentration of VinTS. In fact, a modest inverse linear correlation between 

traction stress and vinculin tension sensor FRET as measured by the ratio of FRET 

signal to donor signal has previously been reported [233]. Broadly consistent with the 

predictions of in-plane traction stress models [175], the maximum tensile loads (lowest 

FRET efficiencies) were equivalent in the area matched patterns and the largest tensile 

loads were observed at the area of highest membrane curvature. Similarly, roughly 

consistent with the essence of the FMA model and the force measurements reported by 

Rape, et al [54], we see the highest vinculin intensities and lowest FRET efficiencies at 

the points farthest from the center of each pattern. More detailed comparisons of these 

experiments are prevented by the fact that the tension sensor is not being used to report 

actual loads in this study, other molecular linkages could mediate transfer of contractile 

forces to the cell environment, the cells utilized here on plated on glass instead of 

deformable substrates, and several other confounding factors.  
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5.4.3 Compressive vinculin load is reflected in compressive loads 
exerted by cells on the substrate 

   Microscopy modalities capable of detecting the three-dimensional deformations 

of deformable materials, revealed that cells can also generate traction stresses normal 

to the cell substrate. However, not all cells in all environments exhibit these types of 

stresses, and these measurements do not invalidate the in-plane traction force models, 

but none of the models described above can account for these compressive forces. The 

first measurements, conducted in bovine aortic endothelial cells, revealed large 

compressive forces under the nucleus [53, 221], and more recent studies have 

corroborated these results [del Alamo PLoS 2013, Franck PLoS 2011] in 3T3 fibroblasts 

and Dictyostelium. These measurements of normal force have been associated with the 

compression and deformation of the nucleus [228]. More recent measurements have not 

observed these large compressive forces directly under the nucleus, but instead have 

observed compressive forces due to the rotation of elongated FAs by dorsal stress 

fibers, leading to shear tractions [52, 219]. 

Consistent with observations of compressive force at the center of cells, we see 

significant compression of vinculin in the same cellular region in patterned cells. The 

observation that VinTL is compressed is particularly significant. This suggests that 

compression of individual proteins within the FA requires only a single localization 

domain, like the vinculin head domain. However, we note that VinTL does not report 

FRET efficiencies indicative of tensile loading, suggesting at least two points of binding, 

likely to talin in the vinculin head domain and actin in the vinculin tail domain, are 

required for vinculin to bear tensile load. While it is tempting to speculate about the 

differences between VinTS and VinTL FRET efficiencies in the middle of the patterns, it 

impossible to determine if this due to physiologically-relevant differences in load or a 
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consequence of VinTL lacking a tail domain, which is required for a conserved head-tail 

interaction that necessary for proper regulation of vinculin localization to FAs. 

5.4.4 Apical actin organization pressing on the nucleus as a potential 
source for vinculin compression 

There are multiple reasons to associate the nucleus with the compressive forces 

often observed in traction force microscopy measurements. Compelling visual evidence 

of healthy and cancerous cells on microposts shows that the cell is capable of applying 

surprisingly large compressive normal forces to the nucleus. In this system, nuclei were 

forced into the spaces between the microposts, particularly in cancerous cells, and 

underwent strikingly large deformations [234]. More recent work with cells on 

micropatterns shows that with increasing aspect ratio of the confined area, the nucleus is 

more deformed and elongated [142, 228], which is also observed in our cells and 

abolished with cytoskeletal inhibition. Perinuclear stress fibers, sometimes organized 

into what is referred to as the “actin cap”, have been observed repeatedly in multiple cell 

types [229, 235], but the degree of organization of the structures depends on cell shape, 

including geometry [142] and spread area [229]. In MEFs, it has been shown that the 

perinuclear actin cap is mechanically connected to the nucleus through multicomponent 

complexes, termed LInkers of Nucleoskeleton and Cytoskeleton (LINC) complexes 

[235]. As shown by super-resolution imaging and mechanical analysis, these structures 

can transmit compressive forces to the nucleus, resulting in its deformation [142, 228].   

Based on this data relating traction forces and the nuclear deformation, we 

sought to test the hypothesis that the compressive loads on vinculin were associated 

with the nucleus. Consistent with the literature review above, we have observed the 

presence of these apical stress fibers in our MEFs in the patterns that resulted in the 
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great compressive loads. Additionally, inhibition of compressive loads across vinculin 

through ROCK inhibition leads to shape changes in the nucleus consistent with a loss of 

mechanical loading. Thus, we conclude the compressive loads in our system our likely 

due to forces associated with the nucleus [221, 235], instead of mechanical loading due 

to dorsal stress fibers [219]. 

FAs that are associated with anchoring the apical stress fibers, referred to as 

actin cap associated FAs (ACAFAs), have been shown to be fundamentally different 

from conventional FAs in terms of their morphology, turnover dynamics, and response to 

mechanical cues [236]. Particularly, this sub-class of FA have been shown to support 

large tensile loads. Whether or not the FAs observed under tensile load are ACAFAs is a 

matter for future study. However, we note that our inhibitor treatments largely ablated 

tensile loading, while only partially reducing compressive loading, suggesting the 

existence of multiple mechanisms.   

5.5 Summary and implications 

In conclusion, we have established that vinculin load is spatially regulated in 

response to cell confinement. The amount and spatial dependence of loading can be 

manipulated by controlling cell geometry and cytoskeletal contractility. Interestingly, we 

saw an emergence of a mechanically distinct population of vinculin at FAs near the cell 

center that exhibit high FRET efficiency, consistent with previous work demonstrating 

compressive loads in the same region. Previous work has shown that tensile load across 

vinculin dictates whether FAs assemble or disassemble in response to applied load [81]. 

If compressive loads can induce distinct downstream events, this suggests a new means 

for controlling FA dynamics and potential cell behavior. As manipulation of cell shape is 

known to have drastic effects on many cellular processes, future investigations of the 
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underlying mechanisms could have broad implications for studies in adhesion-based 

mechanobiology. 

6 Central adhesions are 
biochemically and 
biophysically distinct from 
peripheral adhesions 

6.1 Rationale and experimental plan 

Our initial work studying cellular response to physical confinement revealed 

spatial regulation of vinculin load as a function of cell geometry (Chapter 5). These 

results revealed a distinct class of focal adhesions (FAs) that are induced by cell 

confinement and appear to be mechanically distinct from peripheral FAs. This goal of 

this chapter was to continue investigating cell sensing of and response to confinement, 

and in particular, to look at the structure and composition of central FAs, as well as the 

factors regulating their formation and maintenance. We continued using the 

photopatterning system as described in Chapter 5, along with FRET-based sensors as 

well as a variety of biochemical techniques. 

In the interest of further investigating the mechanically unique population of 

vinculin at central FAs, we examined the possibility of vinculin-vinculin interactions at 

FAs that have been proposed to occur in vitro but have never been demonstrated in 

living cells [112, 113] using FRET-based sensors designed for detecting intermolecular 

proximity. Although peripheral FAs have a well-defined and well-studied structure [31], it 

is unclear whether confinement-induced FAs maintain this structure, particularly in the 

light of evidence of compressive forces in this region [53, 82, 221]. Understanding more 
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about the physical interactions occurring at central FAs would allow for elucidation of 

their function in mechanotransduction. 

We had previously postulated, based on a body of work [142, 221, 228], that 

confinement increased contractility of the cells, and when coupled with actin organization 

above the nucleus resulted in a downward force exerted on FAs by the nucleus, borne 

by central FAs. Our previous work indicated that cell shape and cytoskeletal regulation 

affect the loads borne by vinculin at central FAs. Thus, we varied both physical 

confinement, by altering micropattern shape and size, and biochemical parameters, 

using inhibitors and transfected cytoskeletal regulators, to further investigate the 

regulation of the formation of central FAs. Microtubules and the actin cytoskeleton 

interact in complex ways to maintain cellular structure and each play a role in regulating 

contractility [237]. Additionally, the actin cytoskeleton is regulated by a number of 

factors, most prominently the family of Rho-GTPases that play roles in organizing 

different actin structures, including thin polymerizing actin filaments in filopodia, 

branched actin networks in lamellipodia, and large stress fibers that interact with 

adhesion structures [64]. Manipulation of these cytoskeletal elements and regulators and 

observing the effect on central adhesions allows us to better understand the regulation 

of central FA formation. 

FA composition may also vary between peripheral and central FAs. With long-

term cell plating, cells often develop fibrillar adhesions associated with fibronectin 

organization that are physically and compositionally distinct from peripheral FAs [163, 

238, 239]. The confinement-induced central FAs do not appear to have characteristics of 

fibrillar adhesions, but there is also evidence for compositional changes in more 

traditional FA structures at the cell center. For example, in migrating fibroblasts, the 
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protein Kank2 has been recently been discovered to localize to central, sliding FAs [38]. 

The Kank family of proteins are made up of coiled-coil motifs and a KN motif, named for 

its conserved structure across all Kank proteins, in the N-terminal region and ankyrin-

repeats in the C-terminal region [240, 241]. Kank2 has been recently identified as a FA 

protein through proteomics studies [42, 242] and proximity biotinylation used with paxillin 

as a substrate [243]. Kank2 localization has been shown to be spatially regulated and to 

interact with key FA proteins near the cell centroid, such as talin and β1 integrin, 

affecting force transmission and cell migration [38]. By investigating Kank2 localization 

and the effects of knocking down the Kank2 protein, we aimed to understand the role 

that Kank2 is playing in specifically mediating vinculin state and generally mediating cell 

response to physical confinement. 

6.2 Methods 

6.2.1 Cell culture 

Mouse embryonic fibroblasts lacking vinculin (Vinc -/- MEFs), along with cells 

derived from wild-type littermate controls (WT MEFs), were generously provided by Drs. 

Ben Fabry, Wolfgang Goldman, and Wolfgang Ziegler [130]. Vinc -/- MEFs were stably 

modified with a Forster Resonance Energy Transfer (FRET)-based vinculin tension 

sensor (VinTS MEFs) [81] or sensors for intermolecular FRET controls (VinTS Darks 

MEFs, Fig. 6.1D) using lentiviral transduction. All MEFs were maintained in high-glucose 

Dulbecco’s Modified Eagle’s Medium (D6429, Sigma Aldrich) supplemented with 10% 

fetal bovine serum (HyClone), non-essential amino acids (Life Technologies), and 

Antibiotic Antimycotic solution (Sigma Aldrich). HEK293-T cells, used for viral production 

and in production of hypotonic lysates, were maintained in high-glucose Dulbecco’s 

Modified Eagle’s Medium with L-glutamine and sodium bicarbonate (D5796, Sigma 
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Aldrich) supplemented with 10% fetal bovine serum (HyClone) and Antibiotic Antimycotic 

solution (Sigma Aldrich). Transient transfections were performed followed the standard 

Lipofectamine 2000 protocol (Life Technologies). 

6.2.2 Generation of intermolecular FRET control sensors 

Construction of pcDNA3.1-VinTS Dark Teal and pcDNA3.1-VinTS Dark Venus 

transient expression constructs occurred by Gibson assembly. To make VinTS Dark 

Teal and VinTS Dark Venus, PCR-based site directed mutagenesis was performed on 

pcDNA3.1-VinTS, constructed as previously described [81]. PCR was used to generate 

two large fragments, using primers listed in Table 6.1 that were subsequently joined 

through Gibson assembly. To achieve lentiviral expression of VinTS Dark Teal and 

VinTS Dark Venus, these constructs plus the upstream CMV-promoter were extracted 

via 5’NruI/3’XbaI digestion and ligated (T4 DNA Ligase, NEB) into pRRL vector that had 

been digested with 5’EcoRV/3’XbaI. 

Table 6.1: Primers used in construction of VinTS Dark Mutants 

Primer Name Sequence (mutation sites highlighted) 

Teal Dark Forward GCGTTCGCCTTAGGCAACAG 

Teal Dark Reverse CTGTTGCCTAAGGCGAACGC 

Venus Dark Forward CCTGGGCTTAGGCCTGCA 

Venus Dark Reverse TGCAGGCCTAAGCCCAGG 

Ampicillin Forward TTGTGCAAAAAAGCGGTTAGCTCCT 

Ampicillin Reverse AGGAGCTAACCGCTTTTTTGCACAA 

6.2.3 Viral transduction and cell selection 

 Second generation viral packaging plasmids psPax2 (Plasmid #12260) and 

pMD2.G (Plasmid #12259) were purchased from Addgene. pRRL VinTS Dark Teal or 

VinTS Dark Venus, psPax2, and pMD2G plasmids were co-transfected into HEK293-T 
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cells using Lipofectamine 2000. After 4 hours, the transfection mixture was exchanged 

for full media. After an additional 48 hours, media containing viral particles was 

harvested and immediately applied to Vinc -/- MEFs plated in a 6-well at a density of 

100,000 cells per dish. Viral particles for VinTS Dark Teal and VinTS Dark Venus were 

mixed together at a 1:1 mixture and 500 µL were applied to cells in full media 

supplemented with 2 µg/mL Polybrene (Sigma Aldrich) to enhance viral uptake. After 

three passages, transduced cells were sorted into several groups based on intensity of 

the signal in a GFP channel. Cells were imaged to determine the sorted group that 

contained cells with an approximate 1:1 expression of VinTS Dark Teal and VinTS Dark 

Venus at the appropriate expression level. These resulting cells are referred to as VinTS 

Darks MEFs. 

6.2.4 Cell seeding 

For seeding on unpatterned substrates, glass bottom dishes (World Precision 

Instruments) were incubated with 10 µg/ml fibronectin (Fisher Scientific) in PBS at 4 ºC 

overnight. Dishes were rinsed once with PBS. MEFs were seeded with 25,000 cells per 

dish and allowed to spread in complete media for 4 hours. For seeding on patterned 

substrates, coverslips were similarly coated and seeded with 95,000 cells. After 20 min, 

substrates were rinsed twice with media to remove any unattached cells and allowed to 

spread in complete media for 5 hours. To probe early spreading times, MEFs were 

seeded with 25,000 cells per fibronectin-coated glass dish and allowed to spread for 15 

minutes. After spreading, all cells were rinsed with PBS and fixed for 10 minutes with 4% 

paraformaldehyde (Electron Microscopy Sciences) in PBS. 
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6.2.5 Manipulation of cytoskeleton 

To reduce polymerization of microtubules, disrupting the microtubule 

cytoskeleton, we treated cells with nocodazole. After spreading for 4 hours, cells were 

treated with 25 µM nocodazole, diluted from a 100 mM stock solution. The inhibitor was 

left on cells for 20 minutes, after which cells were rinsed with PBS before proceeding to 

fixation. 

To manipulate regulation of the actin cytoskeleton, cells were transiently 

transfected with either constitutively active RhoA (V14) or constitutively active Rac1 

(V12) using standard lipofectamine 2000 protocols. V14-RhoA and V12-Rac1 were 

expressed using pcDNA3.1 and contained an HA-tag on the C-terminus. Confirmation of 

expression was validated following cell seeding and fixation by probing for the HA-tag 

using immunofluorescence. 

6.2.6 Immunofluorescent staining 

For probing for Kank2, cells were permeabilized using a saponin protocol to 

prevent probing of Kank2 within the nucleus. Following fixation, cells were rinsed in PBS 

and incubated with 0.1% saponin in 2% BSA in PBS for 1 hour. Primary antibodies were 

diluted in 0.1% saponin in 2% BSA in PBS and applied for 1 hour. Cells were rinsed in 

0.1% saponin in PBS and blocked for 30 minutes at room temperature in 0.1% saponin 

in 2% BSA in PBS. Secondary antibodies were diluted in 0.1% saponin in 2% BSA in 

PBS and applied for 1 hour. Finally, cells were rinsed twice in 0.1% saponin in PBS and 

twice in PBS and left in PBS for imaging. 

For probing for other FA proteins, cells were permeabilized using a Triton-X 

protocol. Following fixation, cells were rinsed in PBS and incubated in 0.1% Triton-X in 

PBS for 5 minutes. The cells were rinsed in PBS and blocked for 30 minutes in 2% BSA 
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in PBS. Primary antibodies were diluted in 2% BSA in PBS and applied for 1 hour. Cells 

were rinsed in PBS and blocked for 30 minutes in 2% BSA in PBS. Secondary 

antibodies were diluted in 2% BSA in PBS and applied for 1 hour. Finally, cells were 

rinsed 3 times in PBS and left in PBS for imaging. See Table 6.2 for details on 

antibodies used in this study. 

Table 6.2: Primary and secondary antibodies used in this study 

Protein Primary Antibody Dilution Secondary Antibody Dilution 

FAK pY397 

(IF) 

Rabbit anti-pFAK  

(Life Tech 44625G) 

1:100 Goat anti-rabbit 647  

(Life Tech A31571) 

1:500 

GAPDH 

(WB) 

Rabbit anti-GAPDH 

(Santa Cruz sc-25778) 

1:3000 Goat anti-rabbit HRP  

(WB, Life Tech G21234) 

1:5000 

HA-tag (IF) Mouse anti-HA-tag 

(Santa Cruz sc-7392) 

1:100 Goat anti-mouse 405  

(Life Tech A31553) 

1:500 

Kank2 

(IF/WB) 

Rabbit anti-KANK2 

(Sigma HPA015643) 

1:200 (IF) 

1:2000 (WB) 

Donkey anti-rabbit 647  

(IF, Life Tech A31571) 

Goat anti-rabbit HRP  

(WB, Life Tech G21234) 

1:500 (IF) 

1:5000 (WB) 

Paxillin 

(IF/WB) 

Rabbit anti-paxillin 

(Abcam ab32084) 

1:500 (IF) 

1:5000 (WB) 

Donkey anti-rabbit 488  

(IF, Life Tech A21202) 

Goat anti-rabbit HRP  

(WB, Life Tech G21234) 

1:500 (IF) 

1:5000 (WB) 

Talin (IF/WB) Goat anti-talin (IF, 

Santa Cruz sc-7534) 

Mouse anti-talin (WB, 

Sigma T3287) 

1:100 (IF) 

1:3000 (WB) 

Rabbit anti-goat 488  

(IF, Life Tech A21222) 

Goat anti-mouse HRP  

(WB, LifeTech G21040) 

1:500 (IF) 

1:5000 (WB) 

Vinculin 

(IF/WB) 

Mouse anti-vinculin 

(Sigma V9131) 

1:500 (IF) 

1:8000 (WB) 

Donkey anti-mouse 

546/647 (IF, LifeTech 

A21203/A31571) 

1:500 (IF) 

1:5000 (WB) 



 

152 

Goat anti-mouse HRP  

(WB, LifeTech G21040) 

6.2.7 Kank2 knockdown 

For stable depletion of Kank2 mRNA, an shRNA targeting 5’-

ATACTGTATTCTTGAGTCA-3’ (Kank2 shRNA) of the Kank2 3’ untranslated region [38] 

and a scrambled shRNA control sequence that is non-targeting (5’- 

CCTAAGGTTAAGTCGCCCTCGCTCGAGCGAGGGCGACTTAACCTTAGG-3’; 

nontarget shRNA) were cloned into pLKO.1 for lentivirus production. Virus production 

was performed as described above. One day prior to viral transduction, cells were plated 

in 6-cm dishes at 60% confluence. WT MEFs or VinTS MEFs were transduced with 1 mL 

viral mixture in full media supplemented with 2 µg/mL Polybrene (Sigma Aldrich). After 

24 hours, media was changed to complete media containing 5 µg/mL puromycin. 

Transduced cells were cultured alongside un-transduced cells in media containing 5 

µg/mL puromycin for 5 days, or until all un-transduced cells were killed. Remaining cells 

were expanded and maintained in complete media. 

6.2.8 Fluorescent imaging  

Samples were imaged at 60x magnification on the microscope system described 

in Chapter 3.2.1. FRET imaging was performed as described in chapter 3.2.1, using 

combinations of the mTFP1 excitation/emission filters and the Venus excitation/emission 

filters. 

6.2.9 FRET analysis, focal adhesion segmentation, and quantification 

Calculation of FRET efficiency by sensitized emission and subsequent 

identification and quantification of FAs and cells were performed as described in Chapter 

3.3. To identify cells expressing approximately endogenous levels of vinculin and the 
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appropriate ratio of VinTS Dark Teal to VinTS Dark Venus, we selected cells that 

expressed Venus intensity at FAs at approximately half the amount of VinTS MEFs and 

also had a donor-to-acceptor ratio between 0.5 and 1.5.  

6.2.10 Statistics 

ANOVAs and post-hoc analyses were performed using JMP Pro 11 software 

(SAS). A p-value p < 0.05 was considered statistically significant. 

6.3 Results 

6.3.1 Vinculin at central adhesions is in a different mechanical state 

In Chapter 5, we demonstrated that confining cells to 900 µm2 micropatterns 

resulted in a gradient of FRET efficiency, from low FRET efficiencies near 22% at the 

corners and edges, to high FRET efficiencies well above our zero-force control near the 

cell centers [82]. At the time, we used generally accepted guidelines to determine that 

due to the unlikelihood of orientation changes in the fluorophores and the established 

idea that intermolecular FRET would only occur in FAs with high vinculin concentration 

[197], the likely source for high FRET efficiencies was vinculin compression (Fig. 6.1). 

Intermolecular FRET assays have been difficult to perform because they require 

expression of two different constructs at an approximately 1:1 ratio at a physiological 

level, so relative intensity has been the standard for inferring intermolecular FRET using 

established sensors, with the idea that intermolecular FRET would primarily result from 

increased concentrations of the sensor [197]. In the interest of making these 

measurements more accessible, we developed a more reliable and reproducible 

approach for measuring intermolecular FRET. We constructed versions of the VinTS 

with a mutation in either the mTFP1 fluorophore or the VenusA206K fluorophore, 
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causing them to become “dark” or unable to fluoresce (Fig. 6.1D). This prevents 

intramolecular FRET from occurring, isolating the effect of intermolecular FRET. 

Lentivirus particles were created individually for each construct and combined in different 

ratios to virally transduce Vinc -/- MEFs. The transduction that yielded closest to equal 

expression of the two constructs was chosen and sorted based on GFP intensity. The 

population that exhibited approximately endogenous levels of vinculin, as assessed by 

having 50% of the Venus expression of the VinTS MEFs, was chosen for further studies. 

With our FRET efficiency calculation scheme (Chapter 3.3) on our calibrated imaging 

system, we can measure the donor-to-acceptor ratio of mTFP to Venus in our cells. This 

provides an unbiased method for determining which cells are expressing the constructs 

closest to 1:1. With stable cell lines that are selected for appropriate expression of the 

VinTS Dark constructs, measurements of intermolecular FRET are more consistent and 

reproducible.  

 

Figure 6.1: Potential sources of high FRET efficiency. A) Compressive loads 
resulting in a decreased distance between fluorophores would lead to increased FRET 

efficiency over the zero-load state. B) Changes in fluorophore orientation with respect to 
each other can increase FRET efficiency over the rest state. C) If sensors are in close 
proximity, it is possible to get FRET between two adjacent molecules, or intermolecular 

FRET, which would increase FRET efficiency of the readout. D) To test for 
intermolecular FRET, constructs can be generated with mutations to cause either the 

donor or the acceptor fluorophore to be “dark”, or non-fluorescent. When co-expressed, 
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there is no intramolecular FRET, so any measurable FRET signal comes from 
intermolecular FRET. 

We found little evidence of intermolecular FRET in peripheral FAs within cells 

that are unpatterned compared to our noise floor of approximately 5% FRET efficiency, 

but there was a slight increase in intermolecular FRET in central FAs (Fig. 6.2). We 

found evidence of significant intermolecular FRET near the centers of cells that are 

confined to 900 µm2 patterns (Fig. 6.2). The amount of intermolecular FRET correlates 

strongly with distance from the cell center (Fig. 6.2B), following the same trend as VinTS 

FRET efficiency (Chapter 5). This finding directly challenges the guide that 

intermolecular FRET is primarily due to close packing of proteins, as previously thought 

[197], and presents strong evidence that intermolecular FRET should be evaluated in 

each unique system. Instead, we believe that vinculin maybe be forming dimers or 

clusters, without changing the overall amount of vinculin at FAs. While vinculin 

dimerization has been demonstrated in vitro [112, 113], there is some question whether 

vinculin dimerizes or oligomerizes at FAs within living cells. This new evidence indicates 

that vinculin can form complexes at central FAs. As dimerization of vinculin could lead to 

distinct functions at FAs, we sought to explore the physical and biochemical factors that 

regulate the formation of these central FAs. 
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Figure 6.2: Intermolecular FRET shows vinculin dimerization or 
oligomerization near cell centers. A) Representative images of VinTS MEFs spread 

on unpatterned substrates or confined to 900 µm2 squares. Acceptor intensity represents 
approximately one-half of the vinculin concentration. Scale bar = 30 µm. B) FRET 
efficiency plotted against distance from the cell center, binned at every 2 µm, for 

unpatterned cells and cells confined to 900 µm2 squares (n = 17 and 12 cells, 
respectively, from 2 independent experiments). Data are plotted as means with error 

bars representing standard error of the mean. 

6.3.2 Population of central focal adhesions with high FRET efficiency 
emerges with increased physical confinement 

To investigate the role of confinement on inducing central adhesions with vinculin 

exhibiting high FRET, which are a distinctly identifiable population of FAs, we confined 

cells to micropatterns of different size and degree of confinement. These patterns 

included lines with widths of 10 µm or 20 µm, allowing cells to freely spread along one 

axis, and squares with areas of either 225 µm2 or 900 µm2 (Fig. 6.3A). We first examined 

the number of FAs per cell in the different states of confinement. We found that cells 

confined to areas with smaller dimensions, either 10 µm lines or 225 µm2 square, have 

fewer FAs per cell than unpatterned cells (Fig. 6.3B). We then proceeded to classify the 

FAs in each cell into three groups: low FRET efficiency, zero load, and high FRET 

efficiency. The zero-load state was determined by results from our previous work 

measuring the FRET efficiency of TSMod in the cytosol [82]. FAs with VinTS that 

exhibited average FRET efficiencies within 1 standard deviation of the zero-load state, or 
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28.6 +/- 2.5%, were classified as zero load. FAs with VinTS exhibiting average FRET 

efficiencies below 26.1% were classified as low FRET efficiency, and FAs with VinTS 

exhibiting average FRET efficiencies above 31.1% were classified as high FRET 

efficiency. 

Cells allowed to spread freely on unpatterned surfaces show a distribution of FA 

FRET efficiencies with a majority (76%) of FAs under tension (Fig. 6.3C), with an 

average FRET efficiency of 22.5%, consistent with previous work [81, 82]. Unpatterned 

cells have very few FAs (6.6%) that exhibit FRET efficiencies appreciably above our 

zero-force level. When cells are confined on two edges, but free to spread on the other 

two edges, there begins to emerge a population of FAs with vinculin showing high FRET 

efficiencies. The distribution of FAs on 20 µm lines is 61.6% under tension, 20.9% under 

no appreciable load, and 17.5% exhibiting high FRET efficiency (Fig. 6.3C). Cells 

confined to 10 µm lines show a similar distribution of vinculin FRET efficiencies, with a 

slight additional shift from low to high FRET efficiency (Fig. 6.3C). However, when cells 

are confined on all four edges, there is a marked increase in the amount of vinculin 

showing high FRET efficiency. For cells on 900 µm2 squares, there are only 42.2% of 

FAs under tension, 20.5% under no appreciable load, and 37.3% exhibiting high FRET 

efficiency (Fig. 6.3C). A similar distribution exists for cells confined to 225 µm2 squares 

(Fig. 6.3C). Based on these findings, this population of FAs with vinculin exhibiting high 

FRET efficiency is caused by cell confinement, and especially enhanced when cells are 

confined on all four sides. Moving forward, we chose to use 900 µm2 squares as our 

“confined” state as it does not drastically change cell area or number of FAs compared 

to unpatterned cells but still shows a strong increase in FRET efficiency at central FAs. 
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Figure 6.3: Degree of cell confinement affects distribution of VinTS FRET 
efficiency. A) Representative images of VinTS MEFs spread on unpatterned surfaces or 

confined to micropatterns of different dimensions. Acceptor intensity indicates vinculin 
concentration. Scale bar = 30 µm. B) Number of FAs per cell plotted as means with error 

bars representing standard error of the mean (n = 63, 18, 18, 20, and 20 cells, 
respectively, from >3 independent experiments). C) Percent of FAs per cell in each 

FRET efficiency grouping plotted as means with error bars representing standard error 
of the mean. 

6.3.3 High FRET central adhesions are not induced by biochemical 
treatments without physical confinement 

Initial work postulated that this high FRET efficiency located at the center of the 

cell could be attributed to vinculin compression resulting from contractile cells forming 

actin structures over the nucleus and exerting force downward onto the vinculin at FAs 

[82]. In an attempt to recreate this population of central adhesions, we investigated 

unpatterned cells in a variety of biological conditions that we believed could mimic the 

contractile or compressive environment that physical confinement could cause (Fig. 

6.4A). First, we examined cells after only 15 minutes of spreading on fibronectin-coated 

glass. We tested the hypothesis that incomplete spreading, instead of physical 

confinement, could lead to the generation of central FAs. We found that at this stage, 
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there was a slight shift in FRET efficiency from low FRET to zero load, but no significant 

increase in high FRET FAs (Fig. 6.4C). Next, we used nocodazole to disrupt 

microtubules and increase actin-mediated contractility. This resulted in an increase in FA 

size but did not cause an appreciable change in the distribution of FRET efficiencies at 

FAs (Fig. 6.4C). 

To determine if augmentation of distinct types of actin structures could induce 

high FRET efficiencies at central FAs, we aimed to drive actin regulation to either of two 

extremes. To enhance stress fiber formation, a constitutively active form of RhoA (V14-

RhoA) was transiently transfected into cells. We saw an increase in FA size and smaller 

cell spread area (Fig. 6.4A), but no significant change in the distribution of FRET 

efficiencies (Fig. 6.4C). To enhance lamellipodia formation, a constitutively actin form of 

Rac1 (V12-Rac1) was transiently transfected into cells. Again, we saw morphological 

changes with larger cell spread area, large lamellipodia structures (Fig. 6.4A), and a 

significant increase in the number of FAs per cell (Fig. 6.4B). However, there was no 

significant change in the distribution of FRET efficiencies (Fig. 6.4C). Thus, we conclude 

that the emergence of a population of vinculin exhibiting high FRET is a unique response 

to physical confinement that may not be dependent on overall cell contractility. 



 

160 

 

Figure 6.4: Biochemical factors do not affect population of FAs showing high 
FRET A) Representative images of VinTS MEFs under different biochemical conditions. 

Acceptor intensity indicates vinculin concentration. Scale bar = 30 µm. B) Number of 
FAs per cell plotted as means with error bars representing standard error of the mean (n 

= 63, 107, 35, 72, and 117 cells, respectively, from >3 independent experiments). C) 
Percent of FAs per cell in each FRET efficiency grouping plotted as means with error 
bars representing standard error of the mean. Note that data for unpatterned cells is 

reprinted from Fig 6.3. 

6.3.4 Peripheral focal adhesions and central focal adhesions are 
compositionally distinct 

In the interest of examining compositional changes that may be occurring within 

central FAs to sense cell confinement, we chose to stain for proteins that may indicate 

differential signaling or structure. First, we stained for phosphorylated focal adhesion 

kinase (FAK) in WT MEFs confined to 900 µm2 squares (Fig. 6.5A), as FAK is implicated 

in many mechanosensitive signaling pathways [58, 59]. FAK phosphorylation at position 

397 is thought to be important to the ability of cells to sense and respond to physical 
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cues [58, 60, 62]. We found that FAK pY397 is preferentially enriched at peripheral FAs 

and is essentially excluded from central FAs (Fig. 6.5B). This agrees with previous work 

showing that FAK is phosphorylated in areas of high forces within cells [58, 60, 62]. 

 

Figure 6.5: FAK phosphorylated at Y397 preferentially localizes to peripheral FAs. 
A) Representative images of WT MEF spread on 900 µm2 square stained for vinculin 

and pFAK 397. Scale bar = 30 µm. B) pFAK 397 stain intensity plotted against distance 
from the cell center, binned at every 2 µm (n = 10 cells, from 1 experiment). Data are 

plotted as means with error bars representing standard error of the mean. 

A protein that was recently discovered to localize to FAs, Kank2 [38] was our 

next protein of interest. Kank proteins have been implicated in migration, force 

transmission, and nucleo-cytoplasmic shuttling of adhesion components [38, 240, 244]. 

To investigate the role of Kank2 in mediating central adhesions in general, we compared 

Kank2 localization in unpatterned cells to cells on 900 µm2 squares. Overall, there is 

minimal localization of Kank2 to FAs in unpatterned cells (Fig. 6.6A). Despite low overall 

localization, we still see a spatial gradient in Kank2 localization, with FAs in the center 

containing more Kank2 than peripheral adhesions (Fig. 6.6C).  

When we stained for Kank2 in VinTS MEFs confined to 900 µm2 squares, we 

found much stronger localization of Kank2 in general and very strong spatial gradients in 

Kank2 localization (Fig. 6.6). Kank2 localizes to central FAs, the same FAs where we 

see high FRET efficiencies with VinTS and is essentially excluded from FAs at the 

periphery where vinculin tends to be under high levels of tension (Fig. 6.6C). This 
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suggests a role for Kank2 in mediating central FAs, perhaps in a compositional or 

structural manner. Based on these results, we conclude that the FAs near the cell center 

in unpatterned cells are compositionally similar to the central FAs in confined cells, and 

distinct from peripheral FAs. We believe that by confining cells to 900 µm2 patterns, we 

are amplifying the presence of these distinct central FAs, indicating that they are critical 

to sensing physical cues in the environment. 

 

Figure 6.6: Kank2 localizes preferentially to central FAs and is enriched at FAs in 
confined cells. A) Representative images of VinTS MEFs on unpatterned substrates or 
confined to 900 µm2 squares. Acceptor intensity indicates vinculin concentration. Scale 

bar = 30 µm. B) Kank2 intensity at FAs in unpatterned and confined cells plotted as 
means with error bars representing standard error of the mean (n = 15 and 6 cells, 

respectively, from 1 representative experiment chosen out of 3 independent 
experiments). C) Kank2 stain intensity plotted against distance from the cell center, 

binned at every 2 µm. Data are plotted as means with error bars representing standard 
error of the mean. 
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6.3.5 Vinculin is not responsible for localization of Kank2 to central 
adhesions 

We continued to focus on the role of Kank2 due to its potential role in mediating 

central FA structure and function. We have so far shown a correlation between location 

of vinculin high FRET and localization of Kank2, but we wanted to investigate if there is a 

direct interaction between vinculin and Kank2. To study the effect of vinculin on Kank2 

localization, we used our vinculin null cell line. We plated these cells on 900 µm2 

micropatterns and stained for paxillin as a FA marker along with Kank2. Central FAs 

were still identifiable with the paxillin marker, and they were still enriched with Kank2 

(Fig. 6.7A). Overall Kank2 intensity at FAs was not affected by lack of vinculin (Fig. 

6.7B). In fact, the spatial distribution of Kank2 is indistinguishable from the Kank2 

distribution in the confined VinTS cells (Fig. 6.7C). From these results, we can conclude 

that vinculin does not play a regulatory role in localizing Kank2 to central FAs or 

excluding Kank2 from peripheral FAs. 

 

Figure 6.7: Vinculin does not mediate Kank2 localization to central FAs. A) 
Representative images of Vinc -/- MEFs spread on 900 µm2 squares stained for paxillin 

and Kank2. Scale bar = 30 µm. B) Kank2 intensity at FAs confined VinTS MEFs and 
confined Vinc -/- MEFs plotted as means with error bars representing standard error of 
the mean (n = 7 and 7 cells, respectively, from 1 representative experiment chosen out 
of 2 independent experiments). C) Kank2 stain intensity plotted against distance from 

the cell center, binned at every 2 µm. Data are plotted as means with error bars 
representing standard error of the mean. 
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6.3.6 Kank2 is responsible for localization of vinculin to central 
adhesions in both patterned and unpatterned cells 

To investigate the possibility of Kank2 having a regulatory role in vinculin 

localization or arrangement at the FA, we generated Kank2 KD cell lines for both WT 

MEFs and VinTS MEFs using a previously published shRNA construct [38], as well as 

cell lines expressing scrambled nontargeting shRNA. We first investigated the effects of 

Kank2 KD in patterned VinTS MEFs, since confinement amplifies the central FA 

formation and we wanted to be able to simultaneously measure FRET efficiency. We 

were able to achieve effective Kank2 KD in VinTS MEFs, as assessed by Western blot 

(Fig. 6.8A). Indeed, Kank2 KD resulted in a loss of high FRET efficiency as measured by 

VinTS; however, this was a secondary effect to the loss of vinculin localization to central 

FAs (Fig. 6.8B,C). Vinculin still localizes to peripheral FAs in a similar fashion but shows 

a 40% reduction in localization to central FAs (Fig. 6.8C). We proceeded to investigate if 

this effect was also detectable in unpatterned WT MEFs. We were also able to achieve 

effective Kank2 KD in WT MEFs, as assessed by Western blot (Fig. 6.8D). We plated 

Kank2 KD and nontarget shRNA WT MEFs on fibronectin-coated glass and stained for 

vinculin. Once again, we saw a 40% reduction in vinculin localized to central FAs (Fig. 

6.8F), as well as an overall decrease in vinculin intensity at FAs (Fig. 6.8E). This result 

suggests that Kank2 is necessary for localizing vinculin to central FAs and may play a 

role in overall vinculin localization. Further investigation is necessary to determine 

whether central FAs are still forming with a different composition in the absence of 

Kank2.  
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Figure 6.8: Kank2 expression regulates recruitment of vinculin to central FAs A) 
Western blot indicating successful knock-down of Kank2 in VinTS MEFs. B) 

Representative images of acceptor intensity (vinculin concentration) of VinTS MEFs 
expressing nontargeting shRNA or with Kank2 KD confined to 900 µm2 squares. Scale 

bar = 30 µm. C) Number of FAs per cell in each category of distance from the cell 
centroid plotted as means with error bars representing standard error of the mean (n = 
12 and 17 cells, respectively, from 1 experiment). D) Western blot indicating successful 

knock-down of Kank2 in WT MEFs. E) Representative images of vinculin staining of 
unconfined WT MEFs expressing nontargeting shRNA or with Kank2 KD. F) Number of 
FAs per cell in each category of distance from the cell centroid plotted as means with 
error bars representing standard error of the mean (n = 52 and 71 cells, respectively, 

from 1 experiment). 

6.3.7 Depletion of Kank2 strongly reduces vinculin expression but 
not expression of other focal adhesion proteins 

Based on the loss of vinculin localized to FAs in WT MEFs allowed to spread 

unconfined, we investigated whether Kank2 KD affects overall vinculin protein 

expression. We performed a Western blot on WT MEF samples – untreated, expressing 

nontargeting shRNA, and expressing shRNA Kank2 – and probed for vinculin. We found 
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a very strong loss of vinculin protein with Kank2 KD, with no discernable effect of the 

nontargeting shRNA (Fig. 6.9A). In addition, we saw the emergence of an extra band 

that was picked up with the vinculin antibody at 150 kDa, of an as yet undermined origin. 

Taken together with the immunofluorescent results, it is clear that Kank2 regulates both 

vinculin protein expression at the whole cell level, and recruitment of vinculin to central 

FAs. To investigate a potential role of Kank2 as a regulator of FA protein expression in 

general, we also performed Western blots on the WT MEFs expressing either 

nontargeting shRNA or shRNA Kank2 while probing for paxillin and talin, both key FA 

proteins. We found no significant effect of Kank2 KD on protein levels of either talin (Fig. 

6.9B) or paxillin (Fig. 6.9C). This indicates that there is a specific link between Kank2 

expression and vinculin expression and localization, not just a general FA regulatory role 

for Kank2. 

 

Figure 6.9: Kank2 expression regulates vinculin expression, but not other FA 
proteins. A) Western blot probing vinculin expression following Kank2 KD. B) Western 

blot probing talin expression following Kank2 KD. C) Western blot probing paxillin 
expression following Kank2 KD. 

6.3.8 Kank2 KD eliminates central FAs and increases localization of 
paxillin and talin to peripheral adhesions 

To distinguish between the loss of vinculin localization to central FAs and the 

loss of central FAs in general, we stained for paxillin and talin in WT MEFs expressing 
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either nontargeting shRNA or shRNA Kank2 spread on fibronectin-coated glass. We saw 

a similar decrease in localization to cell centers in Kank2 KD cells for both paxillin (Fig. 

6.10A) and talin (Fig. 6.10D) with Kank2 KD. With the loss of structures containing 

Kank2, vinculin, paxillin, and talin near the cell center under Kank2 KD, we draw the 

conclusion that Kank2 mediates formation of central FAs. If there are still central FAs in 

existence following Kank2 KD, they must vary significantly in composition from traditional 

FAs. We further examined the localization of paxillin and talin, since we saw no global 

effect on protein expression. Kank2 KD increases the amount of paxillin and talin at 

remaining FAs (Fig. 6.10B,E), which are primarily peripheral FAs, but does not affect the 

amount of paxillin or talin in the cytosol (Fig. 6.10C,F). Since the overall protein 

expression and cytosolic localization are unchanged, it seems that loss of Kank2 

redistributes paxillin and talin that would have been in central FAs to the remaining 

peripheral FAs. 
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Figure 6.10: Kank2 KD results in complete loss of central FAs and redistribution of 
paxillin and talin. A) Representative images of WT MEFs with or without Kank2 KD 

spread on unpatterned substrates and stained for vinculin and paxillin. Scale bar = 30 
µm. B) Paxillin intensity at FAs with or without Kank2 KD plotted as means with error 

bars representing standard error of the mean (n = 18 and 20 cells, respectively, from 1 
experiment). C) Paxillin intensity in the cytosol with or without Kank2 plotted as means 
with error bars representing standard error of the mean. D) Representative images of 
WT MEFs with or without Kank2 KD spread on unpatterned substrates and stained for 
vinculin and talin. E) Talin intensity at FAs with or without Kank2 KD plotted as means 

with error bars representing standard error of the mean (n = 17 and 27 cells, 
respectively, from 1 experiment). F) Talin intensity in the cytosol with or without Kank2 

plotted as means with error bars representing standard error of the mean. 

6.4 Discussion 

This work demonstrates that FAs that are localized to the cell center are 

compositionally and structurally distinct from traditionally studied peripheral FAs. These 

central FAs exist in unpatterned cells but are enhanced when cells are confined. Using a 

photopatterning method to confine cells to certain shapes has allowed us to explore the 

physical parameters required to amplify the presence of these central FAs and examine 

them in more detail. We have discovered that vinculin behaves differently at central FAs 
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and that Kank2 is a potent regulator of the formation of these FAs. This system should 

prove useful for further understanding of the role of central FAs in response to physical 

cues, as well as provide novel targets for controlling cell behavior.  

6.4.1 Vinculin is clustering at central focal adhesions without 
increasing overall vinculin density 

Our previous work had demonstrated a strong gradient in vinculin load as 

measured by FRET efficiency [82]. Interestingly, we found a population of FAs near the 

cell center that were marked by particularly high FRET efficiencies. We believed that this 

increase in FRET efficiency was likely due to non-specific compression of the sensor, 

since we saw no generally accepted evidence that either orientation changes of the 

fluorophores or intermolecular FRET was occurring. However, in challenging the 

assumption that intermolecular FRET must occur only in areas with high vinculin 

concentration, we discovered that vinculin in central FAs appears to be forming 

complexes without increasing overall concentration. There is existing evidence from in 

vitro studies that indicates that vinculin is capable of forming dimers or oligomers, 

particularly in response to PI(4,5)P2 binding or as part of its role in associating with and 

bundling actin filaments [112, 113, 120]. We believe that we have found evidence to 

suggest that vinculin is forming these complexes inside living cells. Based on our 

previous findings that treatment with the ROCK inhibitor Y-27632 disrupts these high 

FRET efficiencies [82], it seems likely that the interaction of vinculin with actin fibers may 

mediate the formation of these vinculin complexes. However, since VinTL was also 

shown to have increased FRET efficiency at cell centers (Chapter 5) and is unable to 

bind actin or PI(4,5)P2, this implies either an undescribed vinculin tail-independent 
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dimerization mechanism, or that vinculin is experiencing a mixture of true compressive 

loads and dimerization/oligomerization. 

Further work should be done with vinculin mutants that have impaired actin 

bundling abilities to investigate this possibility. Additionally, it could be useful to look 

closely at colocalization of central FAs with actin, as well as actin structure in the 

absence of Kank2, since central FAs tend to be aligned in a particular direction. These 

central FAs may play a role in organizing actin via interactions with vinculin. It’s possible 

that the high FRET efficiencies at the cell centers (~50%) could be due to a combination 

of vinculin complex formation and compressive forces exerted by the nucleus, so efforts 

should be made to separate the two effects, perhaps by using a modified version of the 

VinTS that is engineering to eliminate intermolecular FRET. 

6.4.2 Central focal adhesions are structurally and compositionally 
distinct from peripheral focal adhesions 

Central FAs appear to be distinct from peripheral FAs in a number of ways. First, 

as explained above, vinculin only appears to form complexes in the central FAs, 

indicating that the FAs are likely structurally organized differently. Typically, vinculin is 

thought to mediate a mechanical connection between talin and actin, transmitting force 

between the intracellular and extracellular environment, which it seems to be doing at 

the peripheral adhesions. With vinculin not under tension, clustering, and potentially 

bearing some compression, it does not seem likely that vinculin is fulfilling the same 

force transmission role. We have also shown that Kank2 localizes only to central FAs 

and not peripheral FAs, indicating a compositional difference that might also be evidence 

of a structural difference. Kank2 has been shown to bind and activate talin but reduce 

the linkage between talin and actin [38]. It is likely that these central FAs do not serve as 
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molecular clutches, since they have been shown to slide instead of reinforcing in 

response to load to aid in migration [38]. Additionally, there is evidence from quasi-3D 

traction force microscopy that cells exert compressive forces normal to the substrate 

near the cell center [221]. Thus, central adhesions could potentially serve to organize 

actin beneath the nucleus, allowing for resistance to compressive forces exerted by actin 

above the nucleus and play a role in mediating invasive activity. Central FAs may play a 

particular role in sensing and responding to cell confinement. 

These central FAs that we have characterized seem to be different than the class 

of adhesions known as fibrillar adhesions that form near the cell center after cells have 

been plated for an extended period [163, 238]. Fibrillar adhesions tend to be quite 

elongated and are named for their role in the organization of fibronectin fibrils in the 

ECM [163, 238]. The central FAs that we observe are forming after only 4-5 hours of 

spreading on fibronectin-coated glass, which is much earlier than observed formation of 

fibrillar adhesions, which typically form after 16-24 hours of plating. Additionally, the 

central FAs do not have the characteristic fibrillar morphology, and instead are of similar 

size and shape as peripheral adhesions. It would be interesting to examine localization 

of typical fibrillar adhesion markers such as tensin [238] and α-parvin [239] to these 

central FAs to see if these two classes of adhesions have compositional similarities. 

6.4.3 Kank2 is responsible for vinculin protein expression and 
formation of central focal adhesions 

We have shown that Kank2, a protein only recently discovered to be part of the 

integrin adhesome [42, 242, 243] and localize to FAs [38, 243], is a potent regulator of 

both vinculin expression and localization and the existence of central FAs. Kank proteins 

have been found to contain domains that may serve as nuclear localization and export 
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factors [241], and in fact, Kank1 has been shown to play a role in nucleo-cytoplasmic 

shuttling of b-catenin [244]. We do see strong nuclear localization of Kank2 when 

permeabilizing with Triton-X, indicating that it could play a role in transcriptional 

regulation of vinculin, either directly or by shuttling another regulatory protein. The role of 

Kank2 in formation of central FAs is clearer. The KN domain of Kank2 has been shown 

to bind and activate talin, and this motif has been shown to be key to the dynamic 

formation of central FAs from peripheral FAs [38]. The suggested model of Sun et al, is 

that Kank2 activates talin, in turn activating integrins, and reduces engagement with the 

actin cytoskeleton by obscuring the ABS2 on talin, allowing for sliding of FAs toward the 

cell center. Our results fit well into this model, with the additional suggestion that with the 

disengagement of actin from talin, vinculin may remain bound to actin and form dimers, 

while remaining associated with the adhesion. This could allow for maintenance of the 

actin fibers but allow FAs to slide toward the interior of the cell. 

6.5 Summary and implications 

In this chapter, we have further characterized confinement-induced central FAs 

and particularly implicated Kank2 in sensing cell confinement by affecting vinculin 

expression and FA structure. Controlling cell area and confinement was found to 

uniquely induce the formation of this distinct class of FAs, suggesting that controlling cell 

shape is inducing signaling pathways independent than those found in unpatterned cells. 

This has implications for the use of patterning as a mode for enhancing cell contractility, 

as cell confinement appears to activate separate signaling mechanisms rather than 

amplify existing pathways. We have also found the first evidence, to our knowledge, of 

vinculin dimerization or oligomerization in living cells, which appears to be a 

confinement-dependent process. Taken together, this work begins to unravel the 
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molecular players involved in sensing and responding to cell confinement. Further 

investigation into cytoskeletal structures and regulators, as well as transcriptional 

regulators, would help to complete the picture. Because central FAs seem to form 

uniquely in response to a physical cue, these same molecular players may be involved 

in sensing of other physical cues such as substrate stiffness or ECM density. Also, 

understanding the spatiotemporal regulation of Kank2 and vinculin and the role in 

affecting cell behavior in response to physical confinement provides a novel mechanism 

for controlling cell behavior in other systems. 

7 Future Applications 
While the work presented in this dissertation makes a significant contribution to 

the field of mechanobiology, it also provides opportunities for continued exploration on a 

variety of scales. This future work includes continued studies on the role of vinculin in 

the systems outlined in this dissertation, exploring the role of vinculin in mediating 

response to other physical cues, and extending these techniques to broader applications 

that are more clinically or physiologically applicable. 

7.1 Vinculin in mediating response to different ECM cues: ECM 
type and haptotactic gradients 

Cell sensing and response to different types and densities of ECM is critically 

important in developmental and pathophysiological processes. ECM type is specific to 

different tissues [245] and alterations in ECM can lead to disease states such as tumor 

metastasis and fibrosis [1]. Additionally, the engagement of different integrins by 

different ECM proteins can have profound effects on cell response to physical cues 

[246]. Further investigation into the molecular mechanisms underlying how ECM 
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properties are sensed and interpreted would allow for enhanced control of cell behavior 

and provide potential targets for mitigating ECM-specific induction of disease states. 

In this dissertation, we showed that vinculin in the force-stabilized state was 

necessary to allow cells to migrate through 3D pores in response to a physical 

fibronectin cue. However, the methodology did not allow us to distinguish whether 

vinculin was necessary to sense the fibronectin haptotactic cue or to navigate the 

confined 3D space in response to the haptotactic cue. Future studies could utilize a 2D 

haptotaxis assay that eliminates the confounding factor of migrating through a confined 

space, such as the microfluidic assays created and used in the Bear Lab at UNC [186]. 

Additional studies could examine vinculin mechanical state in response to different ECM 

proteins such as collagen, laminin, or vitronectin, both as a homogenous ECM coating 

and as a haptotactic gradient. We suspect that vinculin dynamics, at least, may depend 

on ECM type because studies with cells plated on fibronectin for 24 hours [119, 193] 

exhibit faster vinculin recovery times and higher mobile fraction of vinculin at FAs when 

compared to our cells plated on fibronectin for 4 hours. At 24 hours after plating cells, 

the original fibronectin coating is likely remodeled or degraded and the composition of 

the ECM may vary due to competition with serum proteins, such as vitronectin [247].  

The FRET-FRAP technique developed in this dissertation could provide unique 

insight into cell sensing of physical ECM properties. It is likely that different ECM 

proteins allow for different degrees of mechanical engagement at the FA-ECM interface, 

either activating or deactivating the vinculin force-stabilized state. This would affect FA 

structure and composition, eventually resulting in altered force transmission and 

changes in cell behavior. In this way, vinculin could act as an internal sensor of ECM 

density and mechanics, dictating how cells respond both short-term and long-term. 
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7.2 Vinculin in sensing cell shape and confinement 

Cell shape is an important mediator of many key cell behaviors [54, 136, 140], 

and many tissues experience confinement [133] or global shape changes [248] that are 

felt on the cellular level. Interpretation of these physical cues is clearly adhesion 

dependent, and elucidating the molecular players has implications for understanding 

morphogenesis in embryonic development, as well as suggesting means of controlling 

cell behavior for tissue engineering or regenerative medicine. 

Our studies thus far have indicated that vinculin adopts a different mechanical 

state at confinement-induced central FAs that is dependent on Kank2 expression. It is 

first important to clarify vinculin mechanical state by separating effects of compression, 

orientation of fluorophores, and intermolecular FRET using specially engineered 

constructs. These new constructs would add to the repertoire of tools available for 

probing the physical state of proteins. Our demonstration that intermolecular FRET can 

occur in structures without increased overall concentration of sensor challenges the 

previous notions about conditions that can permit intermolecular FRET and demands 

that intermolecular FRET controls are performed in every new system, even for 

established sensors. 

Additionally, since we have established the existence of intermolecular FRET of 

VinTS in confinement-induced central FAs, it would be interesting to examine the 

structural differences that promote vinculin dimerization or clustering. The idea that 

vinculin can form complexes within cells is controversial, though it has been 

demonstrated in vitro to be mediated by either binding and bundling actin or binding to 

PI(4,5)P2 [120]. Techniques that allow for determination of protein proximity at different 

scales, such as fluorescence colocalization, the Proximity Ligation Assay, or the BioID 
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technique, would provide information about vinculin interactions with actin or PI(4,5)P2, 

or an undiscovered protein interaction, that may promote vinculin dimerization. 

Additionally, superresolution imaging techniques, such as Photoactivated Localization 

Microscopy (PALM), would allow us to obtain structural information about vinculin and 

other FA components that may be unique to central FAs. It would also be useful to 

observe vinculin dynamics at central FAs, to complete the understanding of vinculin 

mechanical state. If a sensor developed to isolate compressive loads proves fruitful, 

application of the FRET-FRAP technique would be valuable in uncovering vinculin force-

sensitive dynamics, particularly in response to cytoskeletal regulation. 

Finally, we have discovered new roles for the protein Kank2, which has only 

recently been implicated in localizing to and regulating FAs. We found that Kank2 

localizes strongly to central FAs under cell confinement and regulates vinculin protein 

expression without affecting other key FA proteins, suggesting a key role for Kank2 in 

mechanotransduction. The establishment of this separate class of confinement-induced 

FAs implies that different FAs may be serving different roles in mediating cell response 

to physical cues. This observed novel class of FA may prove useful in understanding 

how cell behavior in confined tissues differs from single cell behavior. Additionally, 

compressive forces at cell centers are associated with many aggressive cancer types 

[234], which could indicate a role for central adhesions in invasive migration. Finally, 

understanding how this unique FA structure affects downstream signaling could provide 

novel targets for controlling cell behavior. 

7.3 Vinculin in sensing substrate stiffness 

A logical progression of this work would be to apply the techniques described in 

this dissertation to investigate the role of vinculin in sensing and responding to another 
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physical cue, such as substrate stiffness. Substrate stiffness is a potent regulator of both 

cell contractility and force generation [22, 63], as well as cell differentiation capabilities 

[153]. A variety of theories exist for how cells may probe the stiffness of their 

microenvironment on the molecular level [249], but all implicate FAs as critical mediators 

of this process. With vinculin’s prominent role as a force-transmitting protein, it is likely to 

play a key role in mediating stiffness sensing. 

The FRET-FRAP assay would be critical in establishing vinculin mechanical state 

in response to different substrate stiffness. We expect that on soft substrates, vinculin 

will adopt a force-destabilized state, such as we observed under low ROCK-mediated 

cytoskeletal contractility. This may represent the natural vinculin mechanical state and 

would suggest that force-stabilized vinculin is only engaged in highly contractile 

environments. Concurrently examining adhesion and protrusion dynamics would clarify 

the mechanisms by which cells mediate their adhesions, spread area, and contractility in 

response to substrate stiffness.  

Additionally, since vinculin is implicated in stem cell differentiation [155], which 

also is regulated by nuclear localization of YAP/TAZ [68], it would be interesting to show 

a direct link between vinculin mechanical state and YAP/TAZ translocation to the 

nucleus. Plating cells expressing the talin-binding mutant sensor, which is locked into a 

force-destabilized state, on different stiffness substrates and probing for YAP/TAZ would 

reveal whether force-stabilization of vinculin, and thus sustained force transmission, is 

necessary for proper mechanoresponse. Since we have implicated Kank2-dependent 

vinculin regulation in sensing cell confinement, it would be interesting to see if Kank2 is 

also necessary for sensing substrate stiffness. Our Kank2 KD cells could be plated on 



 

178 

different stiffness substrates to see if they can regulate vinculin localization, adhesion 

area, spread area, and YAP/TAZ localization. 

Establishing clear molecular pathways from substrate stiffness to cell 

differentiation would be crucial for any work in tissue engineering and regeneration, 

since a major barrier in this field is achieving efficient control of cell fate. Additionally, 

substrate stiffness is implicated as a driving force in both cancer metastasis and fibrosis 

[1]. Uncovering molecular targets for interrupting pathophysiological response to altered 

ECM mechanics would provide avenues for development of more effective therapies. 

7.4 Expanded application of tools for measuring protein 
mechanical state 

7.4.1 Continued exploration of focal adhesion structure 

A broader extension of this work is to apply the tools described in this work to 

investigate different proteins, subcellular structures, and cellular contexts. In FAs, the 

integrin-talin-vinculin-actin linkage is thought to be the primary force-transmission 

pathway between the ECM and the cytoskeleton. With the development of FRET-based 

tension sensors for talin [85, 88], it is possible to continue probing this pathway to learn 

how talin and vinculin may be concurrently or separately regulated. Additionally, there 

are other proposed force-transmission pathways at FAs that are worth investigating with 

the techniques set out in this dissertation, including filamin, for which a tension sensor 

already exists [91], and the IPP complex. Using the FRET-FRAP assay to measure 

force-sensitive dynamics, micropatterning to compare spatial distributions of protein 

localization and load, and manipulations of mechanics in the intra- and extracellular 

environment would aid in completion of the picture of the structural, mechanical, and 

biochemical function of different FA proteins. It is proposed that FAs form a multi-layer 
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clutch that can have slipping at each plane [249]. By multiplexing information about the 

mechanical states of a variety of force transmitting proteins at the FA, we can gain a 

better understanding of how force is transmitted at the FA under different physical 

conditions. 

7.4.2 Elucidation of mechanical function at other sub-cellular 
structures 

There are a number of mechanosensitive structures within the cell, including 

adherens junctions (AJs) and desmosomes at the cell-cell interface, LINC complexes 

where the cytoskeleton interacts with the nucleus, and interactions between cortical actin 

and the plasma membrane. FRET-based tension sensors exist or are in production for 

each of these subcellular structures. All the tools developed in this dissertation are 

generally applicable to any tension sensor. One potential application would be 

investigation of force transmission by the cadherin-catenin-vinculin-actin complex at AJs 

in small clusters of cells, confluent sheets, or migrating layers, perhaps while 

simultaneously monitoring the integrin-talin-vinculin-actin force transmission. It is likely 

that each of these contexts would result in different mechanical requirements for proteins 

at AJs and a different balance between forces transmitted through FAs and AJs. 

Proteins may switch between different mechanical states to allow for either stabilization 

or fluidity of FAs and AJs depending on the evironment. Uncovering the molecular 

mechanisms that allow cells to sense and respond to confinement or mediate migration 

as a collective unit would provide a greater understanding of how physical cues are not 

only sensed by a single cell, but how that mechanical signal is transmitted to neighboring 

cells to guide collective cell behavior. 
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7.4.3 Measuring protein loads in assembly and maintenance of tissue 
structure 

The long-term goal of the work in this dissertation is to not only provide 

molecular-scale tools for understanding protein mechanical state, but also to uncover 

molecular mechanisms that may prove to be relevant in physiological and 

pathophysiological processes. A natural application of the work in this dissertation would 

be to use tension sensors in native tissue to probe protein mechanical state in situ. For 

example, the process of convergent extension in morphogenesis [248] clearly involves 

force transmission across a tissue, and understanding which proteins mediate this 

transmission would elucidate the molecular mechanisms underlying embryonic 

development. Additionally, EMT is an important process in both physiological and 

pathological processes [250]. Understanding whether EMT is caused by proteins 

switching mechanical states would provide targets for controlling cell behavior to 

engineer new tissues or disrupt pathophysiological signaling. 

While some work has been done to implement tension sensors in vivo [251], it 

continues to be a challenging issue [252]. The number of controls required to ensure 

sensor functionality can be prohibitive and imaging quality will vary depending on the 

system. However, there is much to be gained by the ability to measure protein loads in 

intact tissue. Likely successful applications at the start would be using tension sensors in 

an explant system, where much of the tissue structure remains intact, but some of the 

imaging challenges would be mitigated, or using tension sensors in embryonic epithelial 

tissues that have distinct localization of adhesion components and low autofluorescence 

signal. Being able to apply tension sensors alongside techniques for measuring protein 

dynamics and protein-protein interactions in vivo or ex vivo would yield a greater 

understanding for the role of force in mediating physiological or pathophysiological 
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processes, opening the door for a multitude of possibilities for the fields of 

developmental biology, tissue engineering, and mechanobiology of disease. 

8 Conclusion 
Physical cues are increasingly implicated in affecting key physiological and 

pathophysiological cell behavior. However, there continues to be a lack of understanding 

of how cells sense and respond to the physical nature of their environment. In order to 

progress in understanding mechanotransduction, it is necessary to develop and use 

novel tools to investigate the molecular mechanisms underlying force transmission, 

sensing, and response. In this dissertation, we developed new tools and analyses for 

measuring the interactions between protein load, protein dynamics, and biochemical 

signaling in response to physical cues. We applied these tools to studying the role of 

vinculin in cell sensing and response to haptotactic gradients and cell confinement and 

discovered that vinculin mechanical state can vary depending on interactions with key 

binding partners, cytoskeletal contractility, and degree of cell confinement, affecting 

force transmission and sensing. 

In our initial work, we focused on the relationship between protein load and 

protein dynamics. We used a novel combination of the measurement of load using FRET 

and dynamics using FRAP to directly probe vinculin force-sensitive dynamics for the first 

time in living cells. We were able to identify different vinculin mechanical states that 

depend on vinculin binding partners and cytoskeletal contractility. We found that the 

force-stabilized vinculin state is only established when vinculin is able to bind talin and 

actin in the presence of stable ROCK-mediated cytoskeletal contractility. This force-

stabilized vinculin state was necessary for stabilizing adhesions and protrusions in order 

for cells to undergo directed migration in response to a haptotactic fibronectin gradient. 
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These results established vinculin as fulfilling a molecular clutch role at FAs and 

suggested that different physical cues may lead to different modes of vinculin force 

transmission. 

Moving forward, we continued to use the VinTS-expressing cells to investigate 

the effects of cell confinement on vinculin load. We observed that confining cells resulted 

in a strong spatial gradient in vinculin load and the emergence of a population of FAs 

displaying high VinTS FRET efficiency, consistent with previous measurements of strong 

compressive forces in the same region, that was not present in unpatterned cells. This 

vinculin compression was increased with increasing pattern aspect ratio while 

conserving total spread area. Also, disruption of the actin cytoskeleton via different 

mechanisms affected vinculin tension and compression differently, suggesting that these 

FA populations are differentially regulated. Based on observations of nuclear 

deformation and actin organization above the nucleus, we concluded that vinculin 

compression was occurring as a result of actin organization above the nucleus causing 

nuclear compression that was nonspecifically transmitted to FAs below. This work 

resulted in the conclusion that confining cells to micropatterns leads to cells spatially 

regulating force transmission via vinculin and that vinculin compression near the cell 

center is unique to cell confinement. 

In continuation of this work, we took a closer look at the structure and 

composition of these central FAs. We found that high VinTS FRET efficiency at the cell 

center was at least partially due to intermolecular FRET, indicating that vinculin is 

forming dimers or oligomers in a way that does not increase overall vinculin 

concentration. Although vinculin dimerization has been demonstrated in vitro, this is the 

first evidence that vinculin could be binding itself within cells. After identifying these 
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central adhesions as being structurally distinct from peripheral adhesions in both 

patterned and unpatterned cells, we determined that they are uniquely formed in 

response to physical confinement, with increasing degree of confinement leading to 

increased central FA occurrence. Additionally, we identified Kank2 as a FA protein that 

localizes only to these central FAs and is recruited to FAs in response to cell 

confinement. By knocking down Kank2, we discovered that Kank2 is responsible for 

mediating vinculin protein expression, as well as the formation of these central FAs. In 

the absence of Kank2, neither vinculin, talin, nor paxillin localize to FAs at the cell 

center, though peripheral FAs are enriched with talin and paxillin. This indicates that 

confinement-induced central FAs are unique in regulation, structure, and composition 

and suggests a role for Kank2 and vinculin in mediated cell behavior in response to cell 

confinement. 

Throughout this work, we have demonstrated the importance of vinculin in 

mediating cell response to physical cues. Using a variety of techniques, we have 

discovered the following vinculin mechanical states: 1) vinculin that is bound to talin and 

actin and is stabilized by exerted load; 2) vinculin that is bound to an unknown binding 

partner and actin and is destabilized by exerted load; 3) vinculin that is bound to talin but 

unable to bind actin, which is partially stabilized by the strong talin-vinculin interaction, 

but whose dynamics are force-insensitive; and 4) vinculin that is under some 

combination of compression and dimerization, dependent on cell confinement on all 

sides. These vinculin states can be modulated by internal force generation via the actin 

cytoskeleton or by external physical cues. It is clear that vinculin is responsive to force, 

fulfilling multiple modes of force transmission, and plays a key role in 

mechanotransduction at the FA. This dissertation work encourages future investigation 
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into vinculin as a critical mechanotransduction element in response to physical cues, but 

also establishes techniques that are broadly applicable to different proteins, subcellular 

structures, and cellular contexts. 
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Appendix A: FRET-based sensors 
This appendix serves as a compilation of all FRET-based sensors used in this 

dissertation. 

Sensor Function 
TSMod Soluble module to establish zero-load state 

(GGSGGS)n Modules Soluble modules to calibrate microscope for FRET efficiency 

Vinculin Venus Compare to VinTS to establish biological function of the sensor 

VinTS Measure loads exerted across WT vinculin 

VinTS A50I Measure loads across vinculin that is unable to bind to talin 

VinTS I997A Measure loads across vinculin that is unable to bind to actin 

VinTL A tension-insensitive control sensor that localizes to FAs 

VinTS Dark Teal 
Combination of sensors used to measure intermolecular FRET 

VinTS Dark Venus 
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Appendix B: Dividing focal adhesions into distal and 
proximal halves 

This appendix describes the calculations involved in dividing FAs in half along 

their minor axis and categorizing the two halves as distal or proximal to the cell center. 

These calculations approximate FAs as ellipses and use linear algebra to calculate the 

orthogonal vectors that make up the major and minor axes.  

Prior to initializing the following calculation, the program has already identified 

the FA in question and assigned all pixels within it xy-coordinates. The vector x1 

represents x-coordinates and the vector y1 represents y-coordinates for all points in the 

FA. The program has also already identified the location of the cell centroid, referred to 

as cellx and celly. First, the program identifies the geometric centroid of the FA:    

cx = mean(x1); 
cy = mean(y1); 
 
Then, the following calculations obtain the matrix of the quadratic form, MM, 

which represents the equation for an ellipse that best fits the FA. 

uxx = sum((x1-cx).^2)./length(x1); 
uyy = sum((y1-cy).^2)./length(y1); 
uxy = sum((x1-cx).*(y1-cy))./length(x1); 
MM = [uxx uxy; uxy uyy]; 
 
The built-in MATLAB function “svd” performs singular value decomposition on the 

matrix MM to obtain a singular value decomposition of matrix A, such that A = U*S*VT. 

The resulting matrix “V” is made up of two unit vectors such that the first column defines 

the direction of the major axis and the second column defines the direction of the minor 

axis. 

[U,S,V] = svd(MM); 
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To divide the FA in half along the minor axis, we are interested in the second 

column of the matrix V. We isolate this column as the minor axis vector, and since the 

matrix is in the coordinate system of row-column, which corresponds to our coordinate 

system as yx instead of xy, we assign the first value in the minor axis vector as our y-

direction and the second value as our x-direction. We create the end points of line 

segments that represent the minor axis as (aminx1, aminy1) and (aminx2, aminy2). 

minor_y = V(1,2); 
minor_x = V(2,2); 
aminx1 = cx+minor_x; 
aminy1 = cy+minor_y; 
aminx2 = cx-minor_x; 
aminy2 = cy-minor_y; 
 
To assign a “side” to every pixel in the FA, we find its relative position to the 

minor axis, arbitrarily assigning pixels on one side a value of “+1” and pixels on the other 

side a value of “-1”. 

side = sign((aminx1-aminx2)*(x1-aminx2)-(aminy1-
aminy2)*(y1-aminy2)); 

 

To decide which side is “distal” vs “proximal” to the cell centroid, we calculate the 

distance of every pixel to the cell centroid, find which pixel has the minimum distance, 

and query its assigned “side” value (-1 or +1). We assign all pixels with the same side 

value to be considered “inside” or proximal to the cell centroid. The xy-coordinates are 

converted to linear indices for ease of use. 

cdist = sqrt((x1-x).^2+(y1-y).^2); 
in_side = side(cdist == min(cdist)); 
y_in_side = y1(side == in_side); 
x_in_side = x1(side == in_side); 
ind_in_side = sub2ind([r,c],y_in_side,x_in_side); 
 



 

188 

Once we have the pixels assigned to the proper side, we can perform a variety of 

functions. For example, we can calculate the average intensity in each half of the FA. 

Here “img” refers to an image that this FA is identified on that contains intensity data. 

mean_proximal_int(j) = mean(img(ind_in_side)); 
y_out_side = y1(side ~= in_side); 
x_out_side = x1(side ~= in_side); 
ind_out_side = 
sub2ind([r,c],y_out_side,x_out_side); 
mean_distal_int(j) = mean(img(ind_out_side)); 
 
This calculation has allowed us to measure sub-FA properties for both FRET and 

FRAP analyses (Figs. 3.6, 3.11) and could be applied to any measurement in which the 

distal and proximal halves of an adhesion may be expected to have different properties. 
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