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Abstract

Bulges are ubiquitous building blocks of the three-dimensional structure of RNA.

They help define the global structure of helices and points of flexibility allowing for func-

tionally important dynamics, such as binding of proteins, ligands and small molecules

to occur. This thesis utilizes a battery of nuclear magnetic resonance (NMR) methods

and a model system of RNA bulge motifs, the transactivation response element (TAR)

RNA from the human immunodeficiency virus type 1 (HIV-1), to characterize the dy-

namic energy landscape of bulges. Specifically investigating how it varies with bulge

length, divalent cations, and in the presence of epi-transcriptomic modifications.

Deleting a single bulge residue (C24) from tri-nucleotide HIV-1 TAR bulge shifts

a pre-existing equilibrium from the unstacked to a stacked conformation in which the

bulge residues flip out of the helix and are highly flexible at the picosecond-to-nanosecond

timescale. However, the mutation minimally impacts microsecond-to-millisecond con-

formational exchange directed towards two low-populated and short-lived excited con-

formational states that form through a reshuffling of bases pairs throughout TAR. The

mutant does, however, adopt a slightly different excited conformational state on the

millisecond timescale. Therefore, minor changes in bulge topology preserve motional

modes occurring over the picosecond-to-millisecond timescales but alter the relative

populations of the sampled states or cause subtle changes in their conformational

features.

The impact of more broadly varying the length of the TAR poly-pyrimidine bulge
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(n = 1, 2, 3, 4 and 7) on inter-helical dynamics has been studied across a range of

Mg2+ concentrations. In the absence of Mg2+ (25 mM monovalent salt), n © 3 bulges

adopt predominantly unstacked conformations (stacked population <15%) whereas

1-bulge and 2-bulge motifs adopt predominantly stacked conformations (stacked pop-

ulation >85%). The 2-bulge motif is biased toward linear conformations and increasing

the bulge length leads to broader inter-helical distributions and structures that are on

average more kinked. In the presence of 3 mM Mg2+, the helices predominantly coax-

ially stack (stacked population >75%), regardless of bulge length, and the midpoint for

the Mg2+-dependent stacking transition does not vary substantially (within 3-fold) with

bulge length. In the absence of Mg2+, the difference between the free energy of inter-

helical coaxial stacking across the bulge variants is estimated to be �2.9 kcal/mol,

based on an NMR chemical shift mapping approach, with stacking being more ener-

getically disfavored for the longer bulges. This difference decreases to �0.4 kcal/mol

in the presence of 3 mM Mg2+. It is proposed that Mg2+ helps to neutralize the growing

electrostatic repulsion in the stacked state with increasing bulge length thus increasing

the number of co-axial conformations that can be sampled.

N6-methyladenosine (m6A) and N1-methylguanine (m1G) are post-transcriptional

RNA modifications that are proposed to influence RNA function through mechanisms

that can involve modulation of RNA structure. m6A is thought to modulate RNA struc-

ture by destabilizing base pairing. Here, it is shown that m6A can stabilize AU base

pairing and overall RNA structure when placed within the context of a bulge motif. m1A

has also been shown to potently destabilize RNA duplexes due to their inability to fa-

vorably accommodate Hoogsteen base pairing. It is shown that such Hoogsteen base

pairs can form in RNA when placed in the context of a bulge motif.

Taken together, the studies show that the dynamic energy landscape of poly-

pyridine bulges is highly robust with respect to changes in bulge length allowing for

gradual variations in the population and energetics of common conformations. Mg2+
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plays an important role in smoothening these variations most likely by diminishing

electrostatic contributions that could vary significantly across bulges of different length.

The results also show that the structural impact of epi-transcriptomic modifications can

be greatly altered relative to duplex RNA when targeting bulge motifs.
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Introduction

1.1 A Brief Historical Account of RNA Helix-Junction-Helix Motifs and
the NMR of RNA

1.1.1 The Discovery of RNA Secondary Structures Began with Bulge Motifs

Nucleic acids were discovered in the late 1860’s by the Swedish chemist and phys-

iologist Friedrich Miescher.1 While investigating the chemical composition of leuko-

cytes, he discovered a new substance concentrated in the nucleus that resisted diges-

tion by a protease, making it unique from proteins and lipids. Miescher named this sub-

stance nuclein, but it wasn’t until the 1940’s that carbohydrate chemists distinguished

the subtle difference between what was then considered plant and animal nuclein was

two different polymers, ribose nucleic acid (RNA), and deoxyribose nucleic acid (DNA)

and both can be found in animals and plant cells.2 Over the next fifteen years, studies

established that DNA and RNA are primarily made up of four chemically similar bases,

adenine (A), guanine (G), uridine (U) and cytosine (C) (Fig 1.1A). Additionally, they

found that DNA and RNA also contains minor amounts of nucleobases that are slight

variations of the four canonical bases,2–4 such as 5-methylcytosine, where the carbon

in position five of pyrimidine base is methylated (Fig 1.1A).
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For the next �90 years evidence mounted that nucleic acids carried genetic in-

formation. Then in 1953 James Watson and Francis Crick solved the structure of

DNA,5 revealing that two strands of DNA form complementary strands of AU and

GC base pairs that are hydrogen bonded together and stack upon one another into

stable helices. The complementary nature of base pairs unveiled that a single strand

of DNA could be used as a template to create the another strand, thereby replicating

and passing on genetic information. Not long after the structure of DNA was solved,

in 1958, Francis Crick hypothesize that RNA may mediate information between DNA

and proteins,6 which he called the ’Central Dogma of Molecular Biology’. Here, DNA

was transcribed into RNA, which is then translated by an ’adapter’ RNA into proteins.

The ’adapter’ RNA was later discovered by Mahlon B. Hoagland and Paul Zamecnik

in 1958 and named transfer RNA (tRNA).7–9 After the discovery of tRNA and other

regulator proteins, the Central Dogma of Molecular Biology was formally discussed in

a paper published in 197010 (Fig 1.1B). This paradigm was then held for the next two

decades, and RNA was largely considered to be a passive intermediate of information,

not as important as the carrier of genetic information or the biopolymer that executed

complex biology in the cell.

Nevertheless, a great deal of research investigated RNAs isolated from cells and

worked on understanding its structure as compared to its deoxy counterpart and how

RNA carries out its role of transferring information from DNA to proteins. In the late

1950’s polymer chemists were utilizing optical properties of DNA and RNA to under-

stand how strands of nucleic acids come together to form helices.11 Experiments

utilized extracts of RNA and DNA in salt solutions and observed the amount of ultravi-

olet (UV) absorption that occurred over a range of temperatures, often referred to as

optical melting experiments. In the simple case of helices, there is a linear behavior

between the maximum amount of UV light adsorbed and the number of base pairs in

a given helix.11 In the case of DNA, this ideal helical behavior was often observed,
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however, naturally extracted RNAs had non-linear behavior alluding to more complex

structural features.

It was at this point that Doty, Fresco, and co-workers speculated that RNA might or-

ganize itself into helical regions separated by single-stranded residues on one side.11–13

To expand, Fresco and coworkers posed two models of how a string of A and U

residues would base pair with a short strand of poly-U residues. In the first model,

two short strands of poly-U would bind the string of A and U residues to form a com-

plete helix, with unpaired U’s on either strand. The second model would fully pair the

short poly-U strand with the A’s in the mixed strand and extrude the U’s in the mix

strand into short single-stranded regions, or bulges (Fig 1.1C). The complete helix

model required a higher concentration of uridine residues to be titrated into solution

than the bulge model to obtain maximum UV absorption. Their data suggested the

bulge model was correct, and bulges were speculated to be important for the function

of RNA.12

Confirmation that RNA molecules likely contained secondary structural elements,

such as bulges, came with UV melting studies of transfer (tRNA),14 ribosomal (rRNA),15

and various viral RNAs.16 Optical melting studies on these RNAs suggested that 40-

60% of bases were base paired.13 However, to explain how the majority of bases were

base paired with along with the known primary sequence information, RNA bulges,

and other secondary structural elements such as loops, and multi-way junctions must

occur.13 Over the next 15 years, rules were developed to describe how single strands

of RNA could fold onto themselves into complex secondary structures.17 Develop-

ment of rules required accurate thermodynamic measurements from optical melting

experiments18 and development of polymer theory on how nucleic acids formed base

pairs.19,20

Absolute confirmation of the secondary structure of RNA did not come until 1973-4,

when the Rich and Klug labs published X-ray crystal structures of tRNA.21,22 Not only
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did these crystal structures confirm proposed secondary structural motifs in tRNA, but

they also revealed that RNA could form complex, and highly compact three-dimensional

(3D) shapes (Fig 1.1D). Since obtaining large enough crystals to obtain high quality

data from X-ray crystallography was difficult for RNA and DNA, other biophysical meth-

ods were also being utilized to examine the structure of RNA at atomic resolution.

Briefly, during the mid-1950’s to 1970’s great strides were also being made in the

field of nuclear magnetic resonance (NMR) spectroscopy. Unlike X-ray crystallography,

NMR spectroscopy provides atomic resolution information under solution conditions,

thus removing potential artifacts from crystallographic conditions. Commercial avail-

ability of spectrometers occurred in the mid-1950’s with small molecule chemists and

physicists elucidating how three-bond scalar couplings could be used to obtain angular

information of bond vectors in the late 1950’s.23,24 Over the next decade, NMR devel-

oped the theory needed to design new pulse sequences, strength of magnets to obtain

higher resolution data, and the technology to measure data on 13C in addition to origi-

nal experiments conducted on 1H, and 19F.24 Notably, in 1965 the nuclear Overhauser

effect (NOE) was first used to determine distance measurements between 1H’s, and

conclusively make spectral assignments,25 a technique still widely utilized today . At

the same time, the first one-dimensional (1D) 1H spectra of polynucleotides and tRNA

were being published at 60 MHz26,27 (Fig 1.1E). However, assignment of specific res-

onances in RNA was difficult due to severe overlap in 1D 1H peaks (1.1E). In general,

NMR of RNA and DNA was often used in similar ways as optical melting. Since a spe-

cific region of an NMR spectrum could identify the number of base pairs in an RNA,

and the intensities of peaks would provide information regarding helices melting over

various temperatures.
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FIGURE 1.1: The beginning of structural RNA studies.

(A) The four chemically similar bases that make up the vast majority of DNA and RNA. (B) The
central dogma of molecular biology as first outlined by Francis Crick in 1958.6 Solid lines represent
the primary route of information transfer, and dotted lines represent rare routes of information transfer.
(C) The complete helix and bulge model proposed by Fresco and Alberts in 1960, where their data
suggested the bulge model was correct which was validated later on using X-ray crystallography. This
figure was modeled after Fresco and Alberts Fig 1.12 (D) Secondary (left) and three-dimensional (3D)
structure of tRNAPhe PDBID:6TNA21 highlighting how the cloverleaf secondary structure folds into a
compact L-shape. (E) Proton NMR spectra of bacterial tRNA at 60 MHz,26 this is one of the first
examples of an NMR spectrum obtained on a folded RNA. This figure was used with permission from
John Wiley and Sons license number 4287120857953.
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1.1.2 Biochemical and Computational Methods Reveal Sequence and Salt Depen-
dence to RNA Bulge Motifs

During the 1970’s sequencing techniques and precise thermodynamic measure-

ments were improving such that secondary structure algorithms could predict the

Gibbs free energy between the single-stranded and folded conformations (∆G) of

an input primary sequence.28,29 Technological advances were also making major

strides in NMR where superconducting magnetics allowed for close to 10x higher

field strengths (�500 MHz), which allowed for less spectral overlap.24 Additionally,

Ernst and Ad Bax published seminal papers on the theory and application of two-

dimensional (2D) Fourier transform (FT) NMR.30,31 2D NMR revolutionized the field for

the study of proteins and nucleic acids by allowing spectral simplification and develop-

ment of experiments that could specifically correlate atoms of interest. Although, RNA

structural studies were limited since many believed that important RNA molecules,

like messenger RNA (mRNA) were highly single-stranded, and did not have important

structural features worth studying.

Then in the early 1980’s various groups discovered that RNA is capable of catalyz-

ing the hydrolysis reaction, where the phosphodiester backbone between two residues

is cleaved.32 Thus RNA can splice itself without the need for proteins. The size

of self-splicing RNAs (or ribozymes), can vary from �400 nucleotides (nts) long in

the Tetrahymena thermophila ribozyme to �50 nts long in the plant hammerhead ri-

bozyme.33 Discovery of ribozymes eventually led to the awarding of the 1989 Nobel

Prize in chemistry to Thomas Cech and Sydney Altman.34 It also shifted the RNA

field to renew interest in how life may have developed through RNA, since ribozymes

definitively show that RNA is the only biomolecule that can hold genetic information,

replicate itself, and perform catalysis.35

Sequencing and structural analysis of ribozymes revealed compact structures with

many single-stranded regions of RNA flanked by helices, or helix-junction-helix (HJH)
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motifs. Due to the interest in understanding these complex RNAs, and how HJH mo-

tifs such as bulges contribute to RNA folding, many biophysical techniques were be-

ing applied to nucleic acids to understand these structure-function relationships. By

the late 1980’s Heish and Griffith realized that bulges in DNA caused retardation on

polyacrylamide gels, and by using electron microscopy they were able to show that

bulges were creating a bend in circular DNA.36 Showing for the first time that bulges

do not only affect the local backbone angles but the global conformation of the entire

molecule. Soon it was found by the Lilley and Draper groups that a bulge also causes

bending in RNA which allowed, for the first time in solution, quantitative determination

of the periodicity in an RNA A-form helix.37,38

Additional studies used gel electrophoresis to study the effects of mismatches and

sequence on the bending of HJH motifs.39,40 Here it was realized that the sequence

of the bulge alters the degree of bending in a conserved RNA bulge,39 and that the

identity of flanking bps also dictates the degree of overall bending.40 Also, surprisingly,

internal loops, which have single-stranded RNA on both strands suggesting, in the-

ory, they could sample a higher degree of conformational space, do not cause a high

degree in bending like bulge motifs.40

Other biophysical techniques, such as Föster resonance energy transfer41 (FRET),

base substitution fluorescence experiments,42–44 chemical probing,45 and transient

electric birefringence (TEB),46,47 provided even more detail on the complexities found

in RNA HJH motifs. TEB became especially useful as it could quantify the degree of

bending showing the significant difference in bending caused by poly-uridine bulges

versus poly-adenine bulges in RNA, and how magnesium significantly changes the

bend angle of poly-U bulges but has close to no effect on poly-A bulges.46 FRET, on

the other hand, revealed a limit to the bending effect showing that a nine nucleotide

bulge in RNA and DNA is only slightly less bent than a seven nucleotide bugle,41 pos-

sibly due to intra-strand interactions. TEB was also used to investigate poly-U and A
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internal loops, quantifying observations qualitatively shown by gel electrophoresis,40

in that internal loop cause significantly smaller bends than bulges.48 Finally, chemical

probing provided evidence that bulges and internal loops allow access to the minor

groove in RNA45 critical for access to hydrogen donors and acceptors that allow for

sequence-specific identification of RNA.49 These complexities highlight the need for

systematic studies on bulge motifs to uncover how sequence and motif affect the dy-

namics of HJH motifs.

In the 1980’s systematic studies were carried out on RNA helices and some HJH

motifs with optical melting to further improve secondary structure prediction (reviewed

in50). This body of work, colloquially referred to as the ’Turner Rules’ after Douglass H.

Turner, was compiled and originally released as a computer program in the late 1980’s

that could predict the secondary structure of any given primary sequence.51–53 These

computer programs eventually were made into on-line web-servers still used today.54

Interestingly, under the conditions used for optical melting studies (1 M NaCl), the se-

quence of bulges did not highly affect thermodynamic parameters of duplex formation.

Rather, the sequence of flanking base pairs, and even bps further away, could have

upwards of 2 kcal/mol difference in the ∆G between single-stranded and duplexed

RNA,39,55,56 underlying the importance of sequence in coaxially stacking across HJH

motifs.52 Coaxial stacking was particularly of interesting since crystal structures of

tRNA and ribozymes often had helices stacked, while bulges and other HJH motifs

made critical long-range contacts needed for compact structure formation (reviewed

in57). Thus, understanding the sequence dependence of stacking energetics is of

critical importance for 3D structure prediction as well as secondary structure determi-

nation.

As stated before NMR was a clear choice to study the 3D shape of RNA, however,

up until the late 1980’s most NMR studies of RNA were on small chemically synthe-

sized oligonucleotides. Chemical synthesis of oligos was tedious and made acquiring

8



the milligrams (mg) of RNA required for NMR difficult. However, in 1989 a new method

for synthesizing RNA was developed that used a purified RNA polymerase from bac-

teria to make large quantities of RNA in a test tube, in vitro transcription.58,59 These

technical advancements alongside advances in 2D NMR pulse sequences led to the

first NMR structures of RNA in the early 1990’s. NMR NOEs allowed for the determi-

nation of 1H-1H distances ¨ 5 Å and was applied to small (�12 nts long) hairpins of

highly stable RNA tetraloops.60–62

By the mid-1990’s larger RNA (�30 nts) structures had been solved using NMR,

including HJH motifs of RNA63–66 and DNA.67–69 These studies were imperative since

there were only four published crystal structures of nucleic acid HJH motifs.70–73 Ad-

ditionally, crystal structures consistently found that bulges were extra-helical, and in

the case of single nucleotide bulges, had minimal perturbation to the flanking base

pairs. However, NMR studies74,75 suggested there is a sequence dependence to bulge

conformations. To expand, one study74 tested numerous DNA bulges with various se-

quences and temperatures. They found that purines prefer to stack within the helix

regardless of flanking base pair sequence and temperature, directly contradicting X-

ray crystallographic results. However, pyrimidines (U and C) prefer to be extra-helical

at low temperatures and when flanked by pyrimidine (A and G) residues regardless

of temperature but will transition to be intra-helical at high temperatures and when

flanked by purine residues. Thus crystal packing conditions may have an effect on the

bulge conformations of nucleic acids.76

Finally, NMR64,77 and TBE47 studies also found that bulge motifs can undergo

significant conformational transitions when bound to proteins. Briefly, at low ionic

strengths (�2-25 mM NaCl), bulges can be highly bent,46,64,77 and flexible as observed

by the 20 member ensembles of structures that fit NMR NOEs in a tri-nucleotide HJH

motif.77 However, when bound to a protein, the RNA was highly linear,47,64 suggesting

proteins may capture the inter-helical conformation of RNA HJH motifs sampled.
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1.1.3 Present Day Work, and Outstanding Questions

During the early 2000’s it became apparent that RNA is not a passive messen-

ger of information, and is involved in disease78 and various biological functions. This

includes, but is not limited to, gene regulation at the level of transcription79 and trans-

lation,80–82 the innate immune response,83 viral replication,84 maintenance of the chro-

mosomal ends,85 and activating the X chromosome during development.86 The term

non-coding RNA (ncRNA) emerged to describe the plethora of RNA which did not code

for proteins. The ncRNA revolution87 was further confirmed when the Encyclopedia of

DNA Elements (ENCODE) project revealed in that although �75% of our genome is

translated only �2% is subsequently transcribed into functional proteins.88

The rapid number of RNA molecules identified as important in cellular function

and disease was, and still is, occurring so frequently that structural techniques, such

as NMR and X-ray crystallography, cannot produce structures quickly enough to easily

identify and relate structure-function relationships. Additionally, RNA started to emerge

as a drug target in the early 2000’s.89,90 Thus there is a significant interest in having

programs which can predict RNA 3D structure from sequence alone. However, RNA is

often highly flexible at HJH motifs as described earlier. Additionally, since HJH motifs

are often the site of small molecule and protein binding, it may be necessary to develop

a dynamic landscape of structures instead of a single static RNA.

As structure determination of biomolecules increased the Protein Data Bank (PDB)91

was created to establish a worldwide archive of protein and nucleic acid structures.

However, by the year 2000, only four crystal structures of fully folded complex RNA

molecules near atomic resolution had been published.57,92 Although these structures

provided valuable insight and lead to nomenclature for the structural RNA field to dis-

cuss RNA motifs,93–95 and interactions outside of the canonical WC bps,96–98 the lack

of diversity and limited datasets did not allow for statistical analysis that could reveal
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rules and guidelines regarding how RNA folds. Additionally, statistical mechanical ap-

proaches were developed to predict RNA folding landscapes,99,100 and many working

in this area were outlining difficulties in modeling RNA 3D folding due to tight and spe-

cific interactions of RNA with water and metal ions.101–104 The rugged nature of the

folding landscape,105,106 whereby RNA molecules can form various kinetically trapped

intermediate states107–110 revealed helicases111 and chaperones,112 which were origi-

nally predicted to occur in 1995 by Daniel Herschlag,113 facilitate folding of RNA into

the correct native structure. These studies again emphasized the need for a compre-

hensive understanding regarding the full RNA energy landscape not only average 3D

structure.

Therefore, the dynamics of how RNA re-folds into various secondary and tertiary

structures became an important field, as well as accurate modeling using molecu-

lar dynamics simulations. RNA HJH motifs, in particular, are of interest as studies

have shown a hierarchy of RNA folding108 and dynamics.114 Following rapid formation

of RNA secondary structure, dynamics across HJH motifs dictates tertiary folding or

conformational adaptation upon binding to small molecules115–117 and proteins.118,119

Here again, NMR has become a technique that allows for the study of the dynamics

of RNA. New techniques, such as residual dipolar couplings,120,121 and relaxation dis-

persion122–124 have given crucial insight into inter-helical motions of RNA HJH motifs,

and secondary structure rearrangements of RNA.125,126 However, general rules for the

dynamics of RNA HJH motifs have yet to be established.

The Al-Hashimi127–129 and Herschlag130 groups found that HJH motifs pose sig-

nificant topological constraints disallowing many conformations. In other words, the

orientations of helical domains are greatly restrained by the length and conformations

of linking single-stranded RNA. These topological restraints greatly bias the confor-

mational landscape of a given RNA. Coarse-grained molecular dynamics simulation

focused only on the topology subsequently showed that HJH motifs in the PDB fall
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within topologically allowed space.129,131 More surprisingly, it was found that topology

alone can reproduce experimental data from a highly flexible bulge RNA131 and explain

how non-canonical tRNA secondary structures fold into near canonical tertiary struc-

tures.132 These studies highlight that topology is a general constraint that dictates and

has profound effects of HJH motifs on the RNA folding landscape.

Outside of topology, numerous factors can also contribute to the dynamics of HJH

motifs. These include, but are not limited to, stacking between helices, electrostatic re-

pulsion at the backbone, and solvation effects of ions and water in solution. Systematic

studies of basic motifs over sequence space, and under low and high ionic strength

conditions, is needed to obtain a predictive understanding of RNA folding that could

result in software capable of predicting the 3D structure and the dynamics of RNA.

Thus much like how systematic studies of small RNA oligos used optimal melting to

determine thermodynamic parameters need to predict RNA secondary structure, 3D

systematic studies of RNA HJH motifs, using NMR, are needed to create a database

of dynamics and folding landscapes.

1.2 NMR Methods to Study RNA Dynamics

Although many techniques have been used to study RNA dynamics,NMR spec-

troscopy has a unique set of advantages for investigating RNA dynamic landscapes.

First, NMR provides atomic resolution information across RNA base, sugar, and back-

bone moieties. Second, NMR can provide thermodynamic and kinetic information re-

garding internal motions spanning a broad range of timescales, from picosecond (ps)

to seconds (s)133 (Fig 1.2). This thesis focuses on building upon prior NMR work of a

RNA HJH motif and expanding on it in order to begin uncovering contributions to the

RNA dynamic landscape over ps-ms timescales. NMR techniques used throughout

this disertation are described here.
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FIGURE 1.2: RNA dynamics that can be measured by NMR

Examples of types of RNA dynamics that can be observed by NMR along with experiments used
and timescales each NMR experiment is sensitive to.

1.2.1 Chemical Shifts Allow Determination of Specific Local Information in the ps-ms
Timescale

An intrinsic property of an atom’s nucleus is it’s total angular moment, or spin. In

a nuclear isotope with an odd number of protons and neutrons, spin is a half integer

number, which gives rise to a magnetic moment. In the simplest case of a spin 1/2

nucleus, one can imagine the nucleus acts as a bar magnet (Fig 1.3A). When placed

into a magnetic field, the nucleus will experience two energetically distinct states (Fig

1.3B) in which the quantized nuclear spin aligns either parallel (α) or anti-parallel (β)

with the external magnetic field (B0). If the nuclear gyromagnetic ratio (γ) of the nuclei

is positive the α state has the lower energy and higher population of states, and creates

a bulk magnetization in the direction of B0. And then due to its angular momentum,

it will then begin to precess around the magnetic field with a characteristic Larmor

frequency (Fig 1.3C) that can be calculated using the strength of the external field (B0)

and γ in Hz (eq. 1.1).

v0 � �
1

2π
γB0 (1.1)
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Using the vector model134 we can imagine the bulk magnetization (Mz) as a vector in

Cartesian coordinates, pointing in the z direction at thermal equilibrium (Mz,eq). When

a radio frequency (RF) pulse is turned on in the x direction and is on resonance with v0,

the magnetization is tilted to �y and begins to precess around B0 with a characteristic

frequency commonly refereed to as the chemical shift (δ) (Fig 1.3D). Because the

frequency of the chemical shift is only slightly larger than v0 it is described in parts per

million (p.p.m.) of v0 and can be calculated by eq.1.2

δp.p.m. �
v � vref
vref

106 (1.2)

where δp.p.m., is the chemical shift in units of p.p.m., v is the frequency of the nuclei

and vref is the frequency of a reference compound. For common nuclei used for RNA

tetramethylsilane (TMS) is used for 1H, and 13C, and nitromethane can be used for

referencing 15N.

14



FIGURE 1.3: Basics of NMR and NMR Chemical Shifts

(A) Cartoon of a bar magnetic with magnetic field lines and an analogous spin 1/2 nuclei, 1H, in an
external magnetic.(B) Energy of a nuclear spin splitting into a lower energy α state and higher energy β
state once an external magnetic field is turned on. (C) Depiction of a nuclear Larmor frequency where
the nuclei (red) spins given by the total angular momentum, and precesses around the external magnetic
field B0 (dotted line) at the Larmor frequency (Eq 1.1). (D) Vector drawing of bulk magnetization (Mz)
in Cartesian coordinates pulsed by an RF field (red) along the x direction, which tilts the magnetization
onto -y and begins to precess at a frequency defined as its unique chemical shift signature.

The reason chemical shifts are incredibly valuable to RNA dynamics is that based

on the surrounding electronic environment the local magnetic field (Bloacl) of each nu-

cleus is altered by a shielding factor (σ) the chemical shift (Eq 1.4).

Blocal � p1� σq �B0 (1.3)

v � �
1

2π
γBlocal (1.4)

Thus the degree to which a nucleus is shielded can inform on its local environment. For

example, if we consider a nucleus within a duplex RNA versus an extra-helical bulge

there will be a significant difference in the chemical shifts of 13C atoms located on

the base. The helical base paired residue will be more shielded than the extra-helical

bulge residue (Fig 1.4A). This is due to the differences in the glycosidic bond angles.

Now consider a RNA bulge that dynamically flips in and out of the helix, the degree to
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which it is more shielded than the extra-helical bulge informs on the population of the

flipped out conformation. In special cases of chemical exchanged discussed below it is

possible to determine the chemical shift of a 100% flipped out conformation and 100%

intra-helical conformation equation 1.5 can be used to calculate the exact populations

of each state. The linear combination of chemical shifts and states is a powerful tool,

but often cannot be used due to difficulties in determination of the exact chemical shift

of each state involved in a conformational ensemble.

δobs � paδa � pbδb, pa � pb � 1 (1.5)

However, based on the direction of shifts compared to known standards such as as-

signed helical residues and bulges, qualitative statements about the degree to which a

residue is becoming more or less flexible can often be made. Based on the direction of

the shift, it is considered to be ’up-field’ or ’down-field’ shifted which gives insight to the

local environment. For example, if salt is added to a solution causing a bulge residue

to become more intra-helical, it could be stated that due to the upfield chemical shift

in a bulge residue it is expected that the bulge residue is becoming more intrahelical

than in the absence of salt (Fig 1.4A).

Additionally, using the Biological Magnetic Resonance Bank (BMRB), regions of

chemical shift space can be defined to be associated with particular features of RNA

structure (Fig 1.4B). For example, based on the chemical shifts of imino resonances it

is often easy to discern if there are non-canonical bps, such as GU or GA in a given

RNA structure or residues in which the base has flipped 1800 from the canonical anti

conformation to syn.
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FIGURE 1.4: Chemical shifts can inform structural details of RNA

(A) A simulated 1D spectrum of three base 13C atoms on a WC helical base, a bulge within the helix,
and a bulge extruded into solution. The most shielded of which is the helical residue, while the least
shielded is the extra-helical bulge residue. (B) Distributions of C-H and N-H chemical shifts derived from
the BMRB for various regions of RNAs including A-form helices (black), HJH motifs (orange) and syn
residues (blue) in C-H distribution, and G-C (red), G-U (purple), G-A (orange), U-A (blue), and U-G/U-U
(green).

1.2.2 Spin Relaxation for Studying Librational Motions in the ps-ns Timescale

Librational motions are the rotational motions of bond vectors that often ocurs when

the orientation of a molecule is restricted. After pulsing with an RF pulse as described

above (Fig 1.3D), magnetization must eventually return to thermal equilibrium. This is

generally refereed to as relaxation, and occurs through thermal fluctuation of molecular

motion that cause variation in the local magnetic field. In general, it is apt to consider

two main mechanisms of magnetic relaxation, chemical shift anisotropy, and dipole-

dipole interactions, however other mechanisms do exist.

Chemical shifts give specific information about the local electronic environment of

a given atom. Given a large biomolecule like RNA in solution, it is easy to imagine

that the local environment is not equivalent in every direction, or isotropic for each

individual atom. As the molecule rotates due to molecular motion, these anisotropic
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interactions cause the local magnetic field around the nucleus to vary. These fluctua-

tions to the local magnetic field in turn cause the total magnetization to relax back to

thermal equilibrium. Effects of CSA are more prominent the larger the intrinsic chemi-

cal shift range is for a particular nuclei. This means CSA effects are generally small for

1H, but can be significant for 13C, 15N and 31P. Dynamic information can be obtained

from CSA effects in RNA,135,136 however, this is out of the scope of work presented

herein.

Another source of relaxation is the dipole-dipole interaction between nearby nuclei.

This is a through space interaction where the local magnetic field (Blocal) of a nucleus

is modulated by the nearby magnetic field of another nucleus as described in equation

1.6.

DCH � �
γCγHµ0h

p2πq3r3
CH

�
3 cos2 θ � 1

2



(1.6)

where γx is the gyromagnetic ratio of a C and H, respectively, µ0 is the magnetic per-

meability of free space, rCH is the distance between C and H atoms, and θ is the angle

between the two atoms and the external magnetic field (Fig 1.5A).As the molecule re-

orients in solution, the dipolar magnetic field will fluctuate and the magnetization will

relax back to thermal equilibrium.

Continuing to use the vector model to describe magnetization we can split relax-

ation into two separate events for which relaxation rates can be determined. Longitu-

dinal or spin-lattice relaxation (R1), describes the exponential decay of magnetization

along the direction of the magnetic field (Eq 1.7).

Mzptq �Mz,eqp1� 2e�R1tq (1.7)

Figure 1.5B depicts the basics of an inversion recovery experiment that can be used

to measure R1 in any molecule. Starting from thermal equilibrium (Mz,eq) at τ � 0 an

RF pulse is applied to tip magnetization 1800 to �z. After a set amount of time (τ1)
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magnetization will begin to relax back to thermal equilibrium and the strength of the

magnetic field at that time is recorded. Finally, after another time (τ2) magnetization

has relaxed back to equilibrium. The experiment is repeated at various τ1’s so that the

exponential rate constant can be fit from equation 1.7.

Transverse or spin-spin relaxation (R2) is the exponential decay of magnetization

in the x� y plan, as described in equations 1.8.

Mxptq � �Mz,eq cospvtqe�R2t (1.8)

Myptq � �Mz,eq sinpvtqe�R2t (1.9)

Figure 1.5C depicts a simplistic view of how the bulk magnetization decays in the

transverse plane. After the initial 900 RF pulse to the x � y plane, magnetization will

begin to decay in x � y and building up in z, where eventually it will relax back to

thermal equilibrium. Again strength of the magnetic field can be recorded at various

times (τ ) and then fit to an an exponential to determine the transverse relaxation rate,

R2.

Once R1 and R2 rates have been measured, their ratio (R2/R1) can then be inter-

preted as the extent of local internal motions occurring faster than the tumbling of the

molecule in solution. This is related to a generalized order parameter, S, where S2

varies from 0, for random motion, to 1 for rigid static motion, developed as part of a

model-free analysis to interpret fast molecular motions.137 In order to more rigorously

define S additional information about the spectral density function, Jpωq, is needed.

This is outside of the scope of this work. However, 2R2-R1 has been shown to be

proportional to S2 X Jp0q, where Jp0q is the spectral density function at a magnetic

field strength equal to zero. Meaning that 2R2-R1 is independent of timescales faster

than the overall tumbling rate, under the assumption that all contributions to relaxation

have similar isotropic motions.135,138

To obtain a relative S2 value (S2
rel), the ratio of 2R2�R1 is taken with respect to the
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largest value of 2R2 � R1 measured for a stable, helical residue. If the assumptions

hold true, then values of S2
rel will vary from 0 to 1, where 0 is infinite flexibility, and 1 is

a rigid spin, and thus gives insight into the dynamics of specific spins over the ps-ns

timescale. In practice it can be difficult to completely suppress chemical exchange of

spins that experience exchange on the µs-ms timescale and have significant (> 10%)

population. These resonances should therefore be removed from further analysis.

Finally, R2 also has a more direct implication on the NMR spectrum itself. Note

after the initial RF pulse, the magnetization will begin to precess at its chemical shift

frequency (Fig 1.3D). This has a direct effect on the resulting NMR spectrum, in that

the longer it takes for a spin to relax back to Mz the broader the line-width of the

resulting peak. The more dynamic a spin is, the faster it will relax, resulting in a sharp,

intense peak. Just as chemical shifts can inform on the conformation of an RNA, the

line-width can also inform about the dynamics of a particular spin. To briefly expand,

refer to Fig 1.4. In the most dynamic situation where a bulge residue has flipped out

into solution, the atom of interest is less shielded, and its peak width at half-height

(∆v) is less than that more rigid atoms. This is directly related to R2 by equation 1.10.

∆v �
1

π
R2 (1.10)

Since it is expect that helical RNA spins have similar dynamics, peak widths of well

defined atoms can be normalized to the lowest stable helical peak intensity. Thus,

plots of normalized peak intensities can be a facile way to gain insight to fast molecular

motions without measuring relaxation rates.
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FIGURE 1.5: ps-ns RNA dynamics as measured by spin relaxation

(A) Example of how two NMR active nuclei interact to vary the local magnetic field (Blocal. (B) Mea-
suring the intrinsic longitudinal relaxation rate (R1) where the overall magnetization (M)of a nuclei is
represented by the length of the arrow, starting with the thermal equilibrium, Mz, then after a RF pulse
has been applied, then after time (τ ) where magnetization relaxes from -z to 0, and after t and magne-
tization relaxes back to Mz. (C) Measuring the intrinsic transverse relaxation rate (R2) where M starts
at thermal equilibrium (Mz), then after a RF has been applied, then after time (τ ) where magnetization
relaxes from -y to 0, and after τ and magnetization relaxes back to Mz. (D) Description of the order
parameter (S2) as a perfectly rigid bond vector (left) where S2 would be equal to 1, and when the bond
vector is dynamic and S2 < 1 scaled down by the level of dynamics in the bond vector.

1.2.3 Relaxation Dispersion in the Rotating Frame for Studying Conformational Ex-
change on the µs-ms Timescales

Chemical exchange can be defined as any process in which the electronic environ-

ment of a nucleus is altered such a given NMR parameter differs. This can include, but

is not limited to, a measurable change in chemical shift, any dipolar couplings, CSA,

or relaxation properties. Here we will focus on chemical exchange as defined by a
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change in the NMR chemical shift, which can be broadly categorized into three types:

fast, intermediate, and slow exchange.

To facilitate explanation we will consider a conformational change of an RNA bulge

motif from state A, in which the helices are coaxially stacked, to B in which the helices

are pushed apart. Specifically, we will consider the chemical shift of one spin on

a bulge residue that has a distinct chemical shift in state A and state B and when

the states have asymmetrical populations, where state A is more highly populated

(pa=75%) than state B (pb=25%) (Fig 1.6A) such that,

A
kaÝÝáâÝÝ
kb

B

where ka and kb are the forward and reverse reaction rates, which can also be ex-

pressed as the overall rate of exchange (kex � ka � kb). In the case that chemi-

cal exchange does not exist, both peaks would have small line-widths at their unique

chemical shift value, and the ratio of their peak volume would directly correspond to

their population (Fig 1.6B). However, under chemical exchange peak intensities, and

line-widths will vary according to each atoms intrinsic R2 values as well as the rate

of exchange between states (kex), population of each state (pb) and magnitude of the

chemical shift difference between states A and B (∆ω). At the limit of slow exchange

(kex/∆ω � 0.01), two distinct peaks are observed with peak volumes again equal to

the relative population of states A and B (Fig 1.6). As the exchange rate increases

and reaches intermediate exchange (kex/∆ω � 0.1) the line-widths broaden, and the

chemical shift of each states begins to shift towards one another (Fig 1.6C). Finally, at

the fast exchange limit (kex/∆ω � 10) only one peak can be observed and its chemical

shift is the population weighted average of the two states as calculated in equation 1.5,

however, due to broadening the peak intensity may be weak and difficult to measure

(Fig 1.6E). As kex/∆ω increases to � 100 the peak width begins to sharpen again,

resulting in a population weighted, well defined singular peak (Fig 1.6F).
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FIGURE 1.6: Chemical exchange effects on NMR line-widths

(A) Example of a conformational change that results in a change in chemical shift (∆ω of 4 p.p.m.
or �603 Hz in a 600 MHz NMR spectrometer and both state A and B have the same R2 rate of 15 s-1.
(B) Simulated 1D 13C spectrum of two-states in which there is no chemical exchange, highlighting the
∆ω between states and peak intensities that directly reflect the population of each state. (C) Simulated
1D 13C spectrum of two-states with population and chemical shifts stated in (A), but with varying chem-
ical exchange rates. Examples show fast exchange (kex " ∆ω) in the top two panels, intermediate
exchange (kex � ∆ω) in the bottom left panel, and slow exchange (kex ! ∆ω) in the bottom right
panel.

The evolution of magnetization due to R1, R2 under chemical exchange is well

described by an extension of the vector model described earlier called the Bloch-

McConnell equation. It is stated here as a simple two-state system (Eq 1.11), but
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can be extended to chemical exchange with N number of states.123,139

d
dt
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(1.11)

where Max, May, and Maz are the magnetization components for state A, Mbx, Mby,

and Mbz are the magnetization components for state B, Ma0 and Mb0 are the magne-

tization at thermal equilibrium, Ωa and Ωb are the offsets as defined by their Larmor

frequencies (Eq 1.1) in radians/s (ω) and applied RF field (ωRF ) shown in equation

1.12, and ω1 is the amplitude of of the applied RF field.

Ωa � ωa � ωRF

Ωb � ωb � ωRF (1.12)

Notably, solving for the eigenvalues of equation 1.11 results one highly negative value

that dominates the overall relaxation of the system. This values, R1 ρ is the rate at

which magnetization relaxes in the rotating frame. This rate is a combination of re-

laxation rates at a given resonance when considering R1, R2 and chemical exchange

(Rex) relaxation as defined in equation 1.13,

R1ρ � R2 cos2 θ �R1 sin2 θ �Rex sin2 θ (1.13)

where θ � arctanpω1{∆ωq where ∆ω is the change in chemical shift between the

higher energy or excited conformational state (ES) and more highly populated ground

state (GS) (∆ω � ωES � ωGS).

Since experimentally the exchange rates and populations are unknown, R1 ρ rates

are measured as a function of a continuous RF field, or spin-lock power (ωSL) and at

various offsets (Ω). Briefly, considering the magnetization of a resonance that expe-

riences chemical exchange, once pulsed into the xy-plane magnetization begins to

24



de-phase and over time spins in state A will switch magnetization to state B and vise

versa. This causes a wide spread of frequencies to be sampled (Fig 1.7A, top). How-

ever, if after a given time (τ1) an RF pulse can be applied, which rotates magnetization

1800 about the same axis in which the magnetization started. Then magnetization will

begin to process back to its initial position, however the initial magnetization will have

de-phased dependent on the population, rate, and ∆ω between states A and B (Fig

1.7, middle). Repeating this experiment with the same RF pulse, but with a shorter τ

(τ2) will result in a final magnetization that is higher than with τ1, but again is dependent

upon the population, rate, and ∆ω between states A and B (Fig 1.7, bottom).

Additionally, altering the strength of ωRF also results in differences in the mixing

of magnetization between states A and B. Another way to visualize this is to consider

the x-z plane under at a given Ω and ωSL (Fig 1.7B). Here, we consider the amplitude

of the effective field (B1) which is related to the amplitude of the spin-lock power by

equation 1.14.

ω1 � �γB1 (1.14)

In the same way that magnetization rotates about the xy-plane after a RF pulse, mag-

netization in the xz-plane will rotate about the effective magnetization (Meff ) such that

magnetizations will mix to create a unique relaxation rate. This visualization is useful

to show that at specific ω1 values the angle between B0 and ωeff will eventually be

the same as the angle between B0 and ωES or ωGS. It is when B0 and ωeff are ’on-

resonance’ with ωES that the magnetization will decline most rapidly, resulting in high

R1ρ rates.

Multiple experiments have been designed to take advantage of the exchange prop-

erties described above and are generally termed relaxation dispersion experiments for

utilizing how magnetization disperses when undergoing chemical exchange. However,

work reported here focuses specifically on the R1ρ relaxation dispersion experiments.
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This is due to its ability measure R1ρ rates at low (< 1,000 Hz) ωSL values, essentially

expanding the populations and rates that are detectable by the experiment.140

To implement the experiment, first a single resonance is chosen and multiple 1D

experiments are run at least 2 unique time delays (Trelax) at a single Ω and ωSL (Fig

1.7C, inset). This is fit to a mono-exponential to extract the R1 ρ rate. In general, the

experiment is first run where Ω � 0 and thus ωeff is on-resonance with the observed

chemical shift. Note that due to chemical exchange the observed chemical shift is

not necessarily the same as the ground state chemical shift (Fig 1.6C–F). This is then

repeated at various ωSL. On-resonance profiles (Fig 1.7C, left), are useful, in that it is

a small number of experiments that can quickly identify if R1ρ can detect any chemical

exchange, since if no exchange was present, regardless of the strength of ωSL, the

measured R1ρ rate would be constant. It should be noted though, if ∆ω is large > 10

p.p.m. and kex is slow there may be only a small contribution of chemical exchange

at the observed resonance, and therefore may only be observable using an offset.

In general on-resonance profiles do not provide enough information to determine all

thermodynamic and kinetic parameters of interest. Therefore, at each ωSL additional

experiments are run with varying Ω. These values will sweep across a range of values

in order to create a profile of R1ρ values.

Equation 1.11 can be solved numerically and fit to experimental data as described

previously,123 however, algebraic equations have also been solved.141 Such expres-

sions make it computationally easier to fit experimental data, although can be limited

to specifics of type of system. For example, in the limit of fast exchange it becomes

difficult to fit out unique solutions of the population, kex and ∆ω, such that a unique

solution can only be found when combining these factors into one value, φ (Eq 1.15).

R1ρ � R2 cos2 θ �R1 sin2 θ � sin2 θ
φ

k2
ex � ω2

eff

;φ � papb∆ω
2
abkex (1.15)
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One commonly used algebraic expression is refereed to as the Laguerre equation, as

it utilized Laguerre’s method for polynomial root finding to solve for a general two-site

chemical exchange algebraic solution (Eq 1.16).

R1ρ � R1 cos2 θ �R2 sin2 θ�

sin2 θpGSpES∆ω2
ESkex

ω2
GSω

2
ES

ω2
eff

� k2
ex � sin2 θpGSpES∆ω2

ESp1�
2k2exppGSω

2
GS�pESω

2
ESq

ω2
GSω

2
ES�ω

2
effk

2
ex

q
(1.16)

This equation works well for most exchange rates and populations, but does break

down when the population of the GS and ES are equal (pES � pGS � 50%).141An

example of simulated data fit to the Laguerre equation can be seen in Figure 1.7C.
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FIGURE 1.7: Example of an R1ρ experiment

(A) Using 1800 inversion pulses to suppress chemical exchange during a relaxation dispersion ex-
periment. Black and gray arrows represent the ground state (GS) magnetization, where as sparse gold
arrows represent the excited state (ES) magnetization. (B) Using spin-lock power (ωSL) to suppress
chemical exchange during a relaxation dispersion experiment. Ω is the offset set for the experiment
(green), and shown for ES (red) and GS (blue) conformations. Solid lines represent magnetization of
the ES and GS which mix (shown as curved arrows) to produce the effective magnetization. Dotted
arrows extend magnetization to emphasize the difference in the angle between B0 and each field with
respect to the strength ωSL. (C) Simulated R1ρ data with on-resonance (right), and off-resonance (left)
fit to the two-state Laguerre equation (Eq 1.16) which allows determination of thermodynamic and ki-
netic parameters. An example mono-exponential curve is also shown inset to the on-resonance profile.

Once thermodynamic and kinetic data has been obtained chemical shift data can

help to identify distinguishing structural characteristics of the ES as shown in Fig-

ure 1.3A. Additionally, to help identify possible excited state conformations secondary

structure algorithms such as M-Fold54 and MC-Fold142 can be used to predict high en-

ergy secondary structure rearrangements. Once a conformational state has be iden-

tified mutations or chemical modifications can allow for the higher energy state to be

essentially trapped (p > 99%). Then NMR chemical shifts can be measured directly

and compared with fitted values. High level of agreement between trapped and mea-

sured data has been observed for a number of RNA’s, giving greater confidence to
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proposed excited conformational states.125,126,143–146

1.2.4 Residual Dipolar Couplings for Studying Inter-helical Structure and Dynamics
on the ps-ms Timescales

An important aspect to RNA HJH motifs are the effects of single stranded regions

on the average positioning, and flexibility of the flanking helices. Inter-helical ensem-

bles of states have been characterized to occur in the ns-ms timescale, which is too

slow to be captured by spin relaxation experiments, and often too fast to be measured

by relaxation dispersion. NMR residual dipolar couplings (RDCs) complement other

experiments by filling in this timescale gap, as RDCs are sensitive to motions on the

ps to �10 ms timescale. Additionally, RDCs are highly sensitive to the relative motions

of rigid regions with respect to one another.

As discussed earlier, one source of magnetic relaxation is the dipolar coupling (Eq

1.17) in which magnetic fields of nearby nuclei interact through space.

DCH � �
γCγHµ0h

p2πq3r3
CH

B
3 cos2 θ � 1

2

F
(1.17)

Here, angular brackets are added to highlight that the angluar term averages to zero

under solution conditions due to stochastic and isotropic tumbling of molecules. How-

ever, for partially aligned molecules (see below) the dipolar coupling is non-zero, and

manifests itself as a contribution to the through-bond spin-spin coupling, or J-coupling.

Briefly, spins that are covalently bonded interact such that the single chemical shift

peak will split into multiple peaks, or multiplets, that have a distinct value, termed the

J-coupling between spins (Fig 1.8A). When molecules are partially aligned, and the

dipolar (D) coupling value is non-zero, it will contribute to the splitting caused by the J-

coupling. This added contribution is referred to as the residual dipolar coupling (RDC)

(Fig 1.8A). As shown in equation 1.17, there is an angular, and time dependence of

the dipolar coupling. The angle refers to the angle between coupled atoms, and the
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external magnetic field. In the case of RNA, it is most common to measure single

bond couplings (1D) between carbon or nitrogen and hydrogen atoms (1DCH{NH), on

the nucleotide bases, and C11H11 of the sugar (Fig 1.8C).

Since in normal solution conditions the dipolar coupling averages to zero, an addi-

tional component is often added to help partially align RNA molecules. More specif-

ically, molecules are partially aligned using a dilute liquid crystalline medium, such

as filamentous bacteriophage Pf1.147,148 Pf1 phage is a package of DNA that is sur-

rounded by an α-helical protein coat in a long cylindrical shape that is �60 Å across

and �20,000 Å long (Fig 1.8D). The organization of the protein coat and DNA is

thought to contribute to its high magnetic susceptibility, whereby it aligns parallel to

the magnetic field.139 Pf1 has been highly used for the measurement of RDCs due

to its stability over a wide range of biological temperatures and pH’s, and the ability

to recover samples with ultracentrifugation.139 Additionally, some molecules have an

asymmetric magnetic susceptibility tensor, χ, causing them to spontaneously align in

a magnetic field without the need of additional components to the solution.149,150 In

fact, RNA does have an asymmetric χ tensor,150 however, measuring field dependent

RDC can be arduous since couplings must be measured at least three different field

strengths in order to properly fit out the dipolar contribution to the J-couplings.

30



FIGURE 1.8: Measuring NMR RDCs in RNA

(A) Example of J and J+D coupling measurements in a 2D NMR spectrum. The first panel shows
the true chemical shift (δCH) value of a CH bond vector, next we see the J-coupling of the bond vector
only in the 13C dimension of the 2D spectrum. The splitting between is general measured in Hz instead
of p.p.m. Finally, when partially aligned there is an addition to the J-coupling that makes the splitting
between the two peaks larger or smaller depending on the sign of γ in the two coupled atoms. Subtract-
ing these values gives the final residual dipolar coupling (D1

CH). (B) Adenine-monophosphate randomly
oriented in an external magnetic field (B0), highlighting the angle between commonly measured bond
vectors and B0. (C) Four canonical bases in RNA, numbered and color coded to show RDCs measured
throughout each base and on the sugar (R). (D) Pf1 phage in B0 with small RNA residues tumbling in
solution. Note this figure is not to scale.

RDCs provide long-range information regarding the relative orientation of bond

vectors relative to the field and therefore one another (Fig 1.8B). It is for this reason

they are often used to refine NMR solved structure of biomolecules. Short range

information (¨ 5 Å) can be obtained from using the nuclear Overhauser effect (NOE) to

measure the distance between 1H atoms. However this negates global, long distance

information. For example, NOEs will inform if residues should be base paired but
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will not state if base pairs should be tilted or bent with respect to one another. This

ultimately will influence how the structure is interrupted with regards to its biological

function.

In order to use RDCs refine structures, RDCs are predicted based upon a given

3D shape of a molecule. This requires what is often refereed to as the order tensor

formalism, whereby the time-averaged component of the dipolar equation (Eq 1.6) is

written in geometric terms of the vector between two atoms of interest and the overall

extent of order in the molecule151,152 as shown in equation 1.18

B
3cos2θij � 1

2

F
�

¸
kl�xyz

Skl cospαijk q cospαijl q (1.18)

where directional cosines(αijk q) subtends the atomic vector between atoms i and j and

the x, y or z axis of an arbitrarily place set of Cartesian axes (Fig 1.9A). The ordering

of the molecule is described by a symmetric, traceless 3x3 tensor (Skl) named the

Saupe order tensor.152 Due to its properties, it can always be diagonalized into its

five independent elements which inform on the orientation of the principal axis system

(PAS), in Euler angles (αh, βh, γh) and the magnitude, and asymmetry of alignment.

Here, the PAS is defined as a right-handed coordinate system such that elements of

the Saupe order tensor are |Szz| © |Syy| © |Sxx|. Therefore the magnitude is defined

by Szz, and equation 1.19 describes the degree of asymmetry.

η �
|Sxx � Syy|

Szz
(1.19)

Determination of the order tensor requires a 3D molecule and at least 5 RDCs values.

Singular value decomposition can then be used to fit for Skl.153 Often RDCs are then

’back-predicted’ from the fitted order tensor, to ensure that measured and calculated

from the fitted order tensor agree to within experimental error.
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One powerful application of the order tensor analysis is to determine the relative

orientation of helices with respect to each other. This analysis can be used for any

biomolecule in which regions of the molecule can be reasonably considered to rigid,

and accurate 3D models are available. For RNA, helical domains have been shown to

be well modeled by an idealized A-form geometry154–160 which can be created using a

number of programs, including 3DNA,161 and Discovery Studio (Biovia). Care should

be taken to ensure helical parameters, such as the propeller twist, are accurately mod-

eled to give the best results.

Experimentally, RDCs are measured throughout a given molecule. However the

order tensor analysis described above can be carried out on any rigid section of a

molecule. Each individual order tensor can then be rotated into the PAS and compared

relative to each other (Fig 1.9A). Additionally, order tensor elements (Szz, Syy, and Sxx)

can be used to define another parameter, the generalized degree of order (ϑ).121

ϑ �

c
2

3

�
S2
xx � S2

yy � S2
zz

�

ϑint � ϑi{ϑj;ϑj   ϑi (1.20)

By itself ϑ is a single scalar value that describes the degree of alignment in a set of

RDCs to allow comparison between rigid regions of a molecule. The ratio between two

ϑ values, as defined in equation 1.20, defines an order parameter in which 0 is infinite

flexibility between rigid sections, and 1 is a rigid state. This value is the lower bound of

the overall flexibility of rigid domains.121,162 Being able to define the relative placement

of helices in RNAs has been given critical insight to the conformational flexibility, and

adaptability of RNA.154,163–165
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FIGURE 1.9: RDC order tensor analysis

(A) An arbitrary molecular frame (thin, solid lines), and directional cosines used to describe the
external magnetic field (B0, thick solid line) and CH bond vector (dotted line). (B) Order tensors for
two helices measured in a HJH motif of an RNA, which are rotated into the PAS and super imposed
to give an average inter-helical structure. (C) A short RNA that has coupled dynamics in which when
the molecule moves, so does the order tensor (right), and a domain elongated RNA in which the order
tensor remains the same regardless of the inter-helical orientation of the upper helix (left).

Given the large range of sensitivity of RDCs (ps-ms), the interpretation is not al-

ways simple. Couplings between internal and overall motions can arise when, for ex-

ample, changes in helices across HJH motifs lead to changes in overall shape. These

effects can be addressed by elongating one of the helices so that the overall shape is

less dependent on inter-helical orientation156 (Fig 1.9C).

RDCs can also be used to determine dynamic structural ensembles. This utilizes

molecular dynamic (MD) simulations to simulate atomic resolution structures of RNA,

and motionally decoupled RNA to calculate RDCs directly from the known order tensor

of the elongated RNA helix using equation 1.18.166,166 Additionally, RDCs can be

34



predicted from structure alone167 utilizing the software Predication of Alignment from

Structure or PALES.168 Briefly, PALES simulates what would occur in solution by taking

a 3D structure and a given concentration of alignment media. In the case of RNA, Pf1

phage is simulated as an infinite cylinder, and the structure starts far enough away from

the cylinder that it can fully rotate without colliding into it, and then is moved towards

it in a 1D gird at 0.2 Å. At each step towards the cylinder the structure is rotated into

�2,000 different orientations. At each rotation in which the RNA does not collide into

the cylinder an order tensor is calculated as described in equation 1.21

Sij �
1

2
x3 cos θi cos θj � δijy (1.21)

where θ is the angle between the molecular axis and direction of the cylinder, since

Pf1 is always parallel to the external magnetic field, i, j � x, y, z and δij is equal to 0

when i � j and 1 when i � j . The linear average of calculated Sij is then used to

calculate RDCs as described by equation 1.18.168

Once RDCs have been predicted from a pool of structures an algorithm termed

’Sample and Select’ (SAS)169 is used to select out a number of conformations that has

the highest agreement between averaged predicted RDCs, and those measured.166,169

Here, an ensemble size (N ) is chosen, and N conformers are randomly chosen from

the pool. RDCs are averaged over the conformers, the agreement to measured data

is calculated from equation 1.22

χ2 �
Ļ

i�1

pDcalc
i �Dexp

i q2

L
(1.22)

where Dcalc
i and Dexp

i are experimental and the average predicted RDCs over N

conformers, receptively and L is the number of RDCs. One conformer is then re-

placed with another randomly selected from the pool, and a new χ2 is calculated. The

Metropolis-Hasting’s algorithm170 is then used to either accept or reject the change at

35



each step (k) with a probability (P)

P � exp

�
χ2
k � χ2

k�1

T

�

where T is an effective temperature that decreases linearly using a simulated anneal-

ing scheme. Ensembles have given insight to the atomic resolution detail of RNA

bulge motifs166,171 and DNA helices perturbed by natural notifications.172 Recently,

it has also been shown that the more data used in determining RNA ensembles di-

rectly correlates with its ability to predict small molecule binding173 in computational

screening.

1.3 HIV-1 TAR: A Model System for RNA Bulge Motifs

In order to systematically study the dynamics of RNA HJH motifs, it is good to

start with a well chosen model system. In this case, an ideal model system is a small

HJH motif that can easily be studied by NMR, has been studied using a variety of

biochemical and physical techniques besides NMR to validate new techniques and

provide insight for experimental design, and has relevance to the RNA community

as a whole. Additionally, it is ideal to start with the simplest HJH motif, bulges, to

build techniques, vocabulary, and ideas for more complex internal loops, and multi-

way junctions. For these reasons, this thesis focuses on the human immunodeficiency

virus type 1 (HIV-1) transactivation response (TAR) element.

HIV-1 TAR is the first element of the 51-untranslated region (UTR) of the HIV

genome. Its role is to recruit the viral protein Tat, along with host proteins cyclin-

dependent kinase 9 (CDK9), and the positive transcription elongation factor (P-TEFb)

to phosphorylate the stalled host polymerase. In the early 1990’s TAR was established

as an essential element of the HIV genome. The full stem-loop structure is �59 nts

long. However, only a small region, from nts +18 to +44, is critical for function174–176
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(Fig 1.10A). In particular, mutational studies and gel electrophoresis revealed that

deletion of the bulge in TAR prevents binding of the Tat protein, and even more sur-

prisingly, base substitution of a single uridine in the bulge is enough to impair trans-

activation in vivo and in vitro.177 Additionally, sequence analysis of the TAR element

shows that it is nearly 100% conserved throughout the 28 critical nts.178 There can

be variations at and near the bulge motif, where some HIV-1 subtypes have a two nt

bulge instead of three, and rarely the closing 51 base pair can be a GC instead of an

AU. Additionally, HIV type 2 (HIV-2) as well as simian immunodeficiency virus (SIM)

also have highly similar conserved bulge structures.179

Because it is critical for HIV transactivation, its small size, and high level of conser-

vation TAR is a model system for studying ribonucleoprotein (RNP) complex formation,

RNA small molecule binding, RNA dynamics, and RNA drug targeting.180–184 Prior

studies employing NMR,125,144,155,156,165,185–192 gel mobility,193 transient electric bire-

fringence,47 fluorescence,180,194 X-ray crystallography,181 electron paramagnetic res-

onance (EPR),195–197 molecular dynamics (MD) simulations,131 and combinations of

NMR and molecular dynamics,171 have shown that TAR undergoes complex dynamics

over timescales spanning twelve orders of magnitude. Here, the dynamics of TAR will

be broken down into three subcategories, fast librational motions (ps-ns), inter-helical

dynamics (ns-ms), and secondary structure rearrangements on the µs-ms timescales

ending with outstanding questions still not known about the HIV-1 TAR RNA bulge

motif, and, more generally, RNA bulge dynamics.
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FIGURE 1.10: Summary of dynamics in HIV-1 TAR

(A) Secondary structure of the wild-type HIV-1 TAR, with the nucleotide apical loop and tri-
nucleotide bulge.(B) Inter-helical dynamics of HIV-1 TAR determined from domain elongated RDC, high-
lighting how TAR sweeps through the inter-helical angles found in various NMR solved structures of TAR
bound to small molecules, shown as their individual PDB IDs.165 This figure was used with permission
from Springer Nature. (C) Secondary strucutre of HIV-1 TAR in the ground state (middle), highlighting
fast chemical exchange in red, and slow chemical exchange in blue. Along with the two excited confor-
mational states ES1,125 that consists of fast exchanging residues in the apical loop, and ES2,144 that is
slower and involves residues across the bulge and helix two. Also shown are the RD derived forward k1
and reverse k�1, populations (p), and lifetimes (τ ).

1.3.1 Fast (ps-ns) Librational Motions

The wild-type HIV-1 TAR (wtTAR) element has two highly flexible regions, the tri-

nucleotide bulge and the hexanucleotide apical loop (Fig 1.10A). As expected, both

regions experience fast librational motions indicative of base flexibility and dynamics.

Here, data of base specific flexibility thought to occur on the ps-ns timescale will be

discussed.
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The Hexanucleotide Apical Loop

Mutational studies on the hexanucleotide TAR apical loop have shown that single

point mutations cause transactivation to drop by 92% in vivo.198 Other mutational

studies further confirm that the TAR apical loop is necessary for efficient transactivation

of the HIV-1 genome,198–201 specifically through binding the cyclin T1 subunit in the

p-TEFb complex.202–204 However, there was some contention as only the bulge is

needed to bind the viral protein Tat in vitro, suggesting the apical loop is not critical for

viral protein interaction.205 Additionally, early in the 1990’s variations of nucleotides in

the apical loop were observed in HIV-1 isolates, suggesting that unlike residues in the

bulge, binding of the apical loop could tolerate base mutations.206,207 However, more

recent sequencing data suggests the apical loop sequence is highly conserved with

the majority of HIV subtype having > 75% conservation of the sequence presented

here.178

Early chemical and enzymatic studies first suggested that the apical loop has a

trans C30G34 base pair in the apical loop.199,200 Consequence of the trans C30G34

base pair would be to compact the large hexanucleotide apical loop and alter the

accessibility of loop residues. Notably, mutation of C30 or G34 reduces transactiva-

tion, and,174–176,198,206,208 and is partially rescued with double mutants that swap the

C30G34 base pair to G30C34.209 However, early NMR studies did not detect an

imino proton that would be expected with a stable hydrogen bonded base pair.210 In-

stead, NMR experiments suggested through J-couplings that the loop is highly flexible

in solution, with residues C31, G32, and G33 experiencing the largest degree of flex-

ibility and significant sugar re-puckering between C21 and C31-endo conformations.

Additionally, NMR chemical shifts suggested that the A35 residue would be extruded

from the apical loop in a highly flexible conformation.211 The high flexibility of loop

residue A35 was confirmed by 13C spin relaxation (S2 � 0.45), also showing high
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flexibility in the base pair flanking the hexanucleotdie apical loop, G36.188

Helices and Tri-nucleotide Bulge Motif

The 100% conservation of bulge residue U23 highly suggests important biological

implications and soon it was shown through mutational studies that the this particular

bulge residue is required for binding of the viral Tat protein.175,207,208,212 Additionally,

studies on HIV type 2 (HIV-2) and mutants of HIV-1 revealed that the length of the

bulge was not as important,179,213 and bulges up to five nts were tested and still able to

bind the viral protein tat.214 It was not clear at this time if bulge nucleotides were fully

extruded from the helices or if they were stacked within. Enzymatic and chemical prob-

ing studies suggested that the TAR bulge could be extended and that the A22U40 and

G21C41 base pairs were more flexible than previously though.199 Although probing

data was again challenged by NMR which showed clear signs of imino protons for the

G21C41 base pair, and contrary to additionally dynamics, it was suggested that the

bulge nucleotide U23 was more stable than other bulge residues, and base stacked

with A22.65

15N spin relaxation on the two nt HIV-2 TAR revealed that as expected helical

regions were rigid as compared to the flexible loop and bulge,188 and showed little

sign of changing throughout the molecule. 13C spin relaxation on the other hand was

variable, however only one of the two uridine bulge residues were considered to be

highly flexible in this time scale, suggesting that like wtTAR, the other is more rigid and

maybe stacking with A22. 13C spin relaxation was also conducted on a TAR mutant

in which the hexanucleotide apical loop was replace with a highly stable UUCG tetra

loop (TARuucg).135,156 Here,135 spin relaxation and chemical shift CSAs were investi-

gated on a short and elongated TAR sample, in order to rigorously discern between

coupled and decoupled motions (Fig 1.9C). This study was the first to adopt the model

free analysis for large RNA molecules, taking into account the rod-like shape of RNA
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versus the assumption that the molecule of interest is a sphere tumbling in solution.137

Here, again helical regions were shown to have similar levels of rigidity, in addition

to high local flexibility of the U40 base and sugar resonances, further supporting a

model in which the A22U40 base pair is flexible and not a stable Watson-Crick base

pair. Interestingly, although smaller amplitude motions were observed on U23 as com-

pared to other bulge residues, high motions were observed on the U23-C11 resonance

(S2 � 0.5), suggest the U23 sugar is likely a critical point of motion between the TAR

helices.

A key point of interest is also how the fast librational motions change TAR binds

Tat. An NMR structure of TAR bound to the small molecule Tat mimic argininamide

(ARG) revealed that bulge nucleotides flip out of the helix, so that TAR is co-axially

stacked, and NMR NOEs suggest that U23 may form a base triple with A27U38 in

the upper helix.64,64 Mutational,215 enzymatic and chemical probing,199 and circular

dichroism (CD)216,217 studies given credence to the transition of bulge nucleotides be-

coming more flexible, however it wasn’t until more advance NMR pulse sequences

were developed that base triple formation could be confirmed.192,218,219 Spin relax-

ation studies137,156,188 highlighted that when bound to ARG, U23 looses conforma-

tional flexibility, while there is a significant decrease in S2 (� 0.6 to 0.2 for free and

ARG bound TAR respectively) for C24 and U25 residues, the later being more notable

for the smallest S2 value measured in RNA. Additionally, elongated TARuucg work137,156

revealed that not only does U23 become less flexible, but base pairs within the helices

do as well. This is consistent with the model that ARG rigidifies local motions in TAR,

and binding of small molecules to RNA have significant local conformational effects.

1.3.2 Inter-helical Motions (ns-ms)

Early studies using gel electrophoresis,38 FRET,41 and TEB,46 showed that bulges

in RNA create kinks, or bends, in the average structure that can be dependent upon
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solution conditions, such as salt.46 Similar studies by the same groups investigated the

bend in HIV-1 TAR, where in gel electrophoresis193 suggested that the sequence of the

TAR bulge (UCU) causes a greater inter-helical bend than a UUU (U3) RNA bulge, and

is more similar to that of a U5 bulge. Further suggesting that the pronounced kink may

be a key in TAR-Tat recognition as an indirect readout, as opposed to protein recog-

nition directly by the RNA sequence as is common in DNA-protein complexes. TBE47

on the other hand suggested that the TAR bulge has a bend angle within error of it’s

U3 counterpart, and like that of other poly-U bulges Mg2+ (� 1 mM) has a pronounced

effect in straightening the bulge motif (bend angle � 50 � 50 to 36 � 50 in the absence

and presence of Mg2+ respectively). Finally, TBE also revealed that ARG has an even

more pronounced effect on the TAR bulge. Where addition of ARG straightened the

TAR bulge from � 50 � 50 to < 100, and this effect is specific to TAR at low ARG con-

centrations (� 2 µM). This rearrangement of the TAR helices in the Tat mimic ARG

suggested that bulge motifs play critical roles in adapting to protein binding motifs.

Due to the high conservation of the bulge sequence, and knowledge of the con-

formational changes required for Tat binding, there was a growing interest in targeting

the TAR HIV therapeutics.89,90,220 Due to this, a number of solution NMR structures

were solved of TAR complex with small molecules,182–184,221,222 and a crystal structure

of TAR bound to Ca2+181 were solved. This revealed a the inter-helical conformation of

TAR could span inter-helical bend angles from � 450 to 50.

To characterize these dynamics NMR residual dipolar couplings (RDCs) were used

to specifically probe the inter-helical dynamics of TAR.155 Use of the domain elonga-

tion strategy allowed for decoupling of inter-helical motions on the timescale of � 1.5-2

ns.156 It also found that an ensemble view of inter-helical motions were required to ex-

plain the RDC data, and the RDC guided transitions included conformations observed

for ligand bound states165(Fig 1.10B). This suggests that ligands do not select out high

energy states, but instead are captured by the inter-helical flexibility of the ground state
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conformation. Analysis of the trajectory shows twisting motions in the upper and lower

helices are highly coordinated, and at 25 mM NaCl TAR helices can bend upwards of

940. Similar results suggesting small molecules bind to TAR in using a conformational

capture mechanism were shown by solid-state NMR studies using select deuteration

of residue U38,223–226 however data suggested inter-helical motions occurred on a

slower timescale (ms).226 It is not clear at this point the cause of the discrepancy in

timescales, however independent studies using spin-relaxation also found collective,

semi-independent inter-helical motions occurs on the ps-ns timescale.136 This work

allowed for the design of TAR mutants that biased the inter-helical ensemble towards

ligand-bound states to enhance ligand binding.227

The combination of molecular dynamic (MD) simulations and RDCs further con-

firmed conformational capture of TAR inter-helical ensembles with published structures

of TAR bound to small molecules for both HIV-1 and HIV-2 TAR molecules.166 Whereby

RDC selected conformations matched NMR solved structures with � 5 Å. Ensembles

solved in concert with MD simulations also gave insight into how bulge nucleotides

transitions from inter- to intra-helical positions171 and apical loop dynamics of TAR and

the UUCG tetraloop.228 Atomic resolution dynamic ensembles further allowed for the

discovery of small molecules that bound TAR in silico,229 with recent work suggesting

the higher the quality of the ensemble (i.e. using more independent RDC data set) the

better in silico drug discovery can predict the binding of small molecules.173 Finally,

coarse grained MD simulations showed that the high flexibility of TAR at 25 mM NaCl is

primarily due to topological constraints, whereby the only restriction is to prevent steric

clashes of helical atoms, and to keep helices connected by the length and torsional

restraints of bulge nucleotides.131
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1.3.3 Secondary Structure Rearrangements (µs-ms)

The ground state secondary structure of TAR maximizes the number of Watson-

Crick (WC) base pairs, with the inclusion of a tri-nucleotide bulge and hexanucleotide

apical loop. As described above, TAR had a significant amount of conformational het-

erogeneity, although, states in which involved breaking of WC bps were not detected

until NMR techniques that could sense low-populated (< 10%), and transient (� 60s-1

< kex < � 100,000s-1)141 conformational states was developed. Two conformational

excited states (ES) have been characterized in TAR.125,144,230 The first involves non-

canonical WC base paring in the apical loop,125 and the other is a larger rearrangement

of base pairs involving the bulge and the apical loop.144

In the ground state conformation of the apical loop discussed above, there is likely a

trans C30G34 base pair, critical for binding of p-TEFb subunit, cyclin T1.174–176,198,206,208

When NMR relaxation dispersion (RD) techniques were applied to the wild-type api-

cal loop of TAR, there was significant chemical exchange found in base and sugar

resonances throughout the apical loop (Fig 1.10C). Global fitting of the data give a

population of ES1 to be � 13% at pH 6.4 with a kex � 26,000 s-1.125 Chemical shifts

obtained from RD experiments suggest the presence of an AC and GU mispair. In

particular AC mispairs are highly pH dependent since the A must be protonated in

order to form two stable hydrogen bonds.231 Thus lowering the pH should increase the

population of this ES. Indeed, at pH � 4.6 chemical shifts of most resonances shifted

to those measured by RD. Additionally, point mutations and a natural RNA chemical

modification (dimethyl-adenine) were used to stabilize both the GS and ES1 confor-

mations, with chemical shifts in excellent agreement with RD derived shifts. It was

proposed that this ES could be involved in release of the Cyclin T1-Tat complex, a

mechanism still not fully understood.

The second ES (ES2) has a lower population (pES2 � 0.4%) along with a slower
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exchange rate (kex � 500 s-1) (Fig 1.10C). This state transforms TAR from 3 nt with a

6 nt loop, to a single bulge motif with a di-nucleotide loop144 and requires breaking four

WC bps to form a new upper helix. The upper helix is replaced with two tandem non-

canonical base pairs, a C24C39 followed by U25U38 mispair, and A27G36 and

G28A35 mispairs. Interestingly a single point mutation was enough to trap (pES2 �

99%) this ES, again showing high agreement of chemical shifts to those measured

by RD. This may suggest that the high conservation of TAR maybe to prevent struc-

tural rearrangements of the bugle motif and/or that this high energy state could be of

biological importance in the HIV life-cycle.

1.3.4 Outstanding Questions to be Answered

The enormous amount of data on HIV-1 TAR captures its dynamics across the ps-

ms timescale in great detail. But, as is often true, there remains important questions

to be answered. For example, some NMR studies have been conducted on the di-

nucleotide mutant of HIV-1 TAR (HIV-2 TAR), showing that their inter-helical ensembles

differ,166 however it is unclear how well fast librational motions are maintained in the

mutant, and does deletion of a bulge nucleotide prevent the formation of one or both

excited conformational states?

Further, outside of gel electrophoresis,38 FRET,41 and TEB,46 studies have not

shown the effects of bulge length on RNA inter-helical ensembles. Although these

studies give insight into the average inter-helical bend angles, they do not explain the

extent of inter-helical flexibility or how ions, such as Mg2+ alter bulge conformational

landscapes.

Finally, recent work has shown the RNA bases are dynamically modified in mes-

senger RNA (mRNA),232–234 and in viral RNA.235 Consensus sequences for some mod-

ifications, such as N6-methyladenosine are well known,234,236,237 but their effects on

RNA structure have yet to be investigated. Although HIV-1 has been shown to have
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modifications,238 no modifications were observed on the upper region of TAR studied

here. This does not negate that using TAR as a model HJH motif in studying how

natural modifications alter the RNA conformational landscape is useful, and could be

translated to any number of sequences important for biological function that have yet

to be identified.
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2

Shortening the HIV-1 TAR RNA Bulge by a Single
Nucleotide Preserves Motional Modes Over a

Broad Range of Time Scales

Helix-junction-helix (HJH) motifs are flexible building blocks of RNA architecture

that help define the orientation and dynamics of helical domains. They are also fre-

quently involved in adaptive recognition of proteins and small molecules, and in the

formation of tertiary contacts. Here, we use a battery of nuclear magnetic resonance

(NMR) techniques to examine how deleting a single bulge residue (C24) from the hu-

man immunodeficiency virus type 1 (HIV-1) transactivation response element (TAR) tri-

nucleotide bulge (U23-C24-U25) affects dynamics over a broad range of timescales.

Shortening the bulge has a similar effect on picosecond-to-nanosecond inter-helical

and local bulge dynamics, as increasing the Mg2+ and Na+ concentration; whereby a

pre-existing two-state equilibrium in TAR is shifted away from a bent flexible confor-

mation towards a coaxial conformation, in which all three bulge residues are flipped

out and flexible. Surprisingly, the point deletion minimally affects microsecond-to-

millisecond conformational exchange directed toward two low-populated and short-
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lived excited conformational states that form through reshuffling of bases pairs through-

out TAR. The mutant does, however, adopt a slightly different excited conformational

state on the millisecond timescale, in which U23 is intra-helical, mimicking the ex-

pected conformation of residue C24 in the excited conformational state of wild-type

TAR. Thus, minor changes in HJH topology preserve motional modes in RNA occur-

ring over the picosecond-to-millisecond timescales, but alter the relative populations

of the sampled states or cause subtle changes in their conformational features.

2.1 Introduction

Many regulatory RNAs undergo large changes in conformation when carrying out

biological functions. Such conformational changes can allow adaptive interactions with

protein and ligand binding partners,118,119,239 ensure that ribonucleoprotein complexes

assemble in a directional and hierarchical manner,240,241 allow riboswitches to reg-

ulate gene expression in response to an array of cellular signals,80,242,243 and enable

catalytic ribozymes to adopt the multitude of conformations required to complete multi-

step catalytic cycles.106,244,245 The importance of dynamics to RNA folding and function

has motivated studies to seek a detailed quantitative description of RNA flexibility with

the goal of elucidating dynamic properties important for folding and function.108,246–248

Studying a broader RNA dynamic landscape is also important for rational structure-

based design of RNA-targeting therapeutics.89,229,249

Helix-junction-helix (HJH) motifs, such as bulges and internal loops, are flexible

building blocks of RNA architecture that adjoin helical domains.76,89,250 Because local

flexibility within HJH motifs can allow helical domains to adopt different orientations,

HJH motifs play an essential role in defining the global structure and dynamics of RNA.

Additionally, HJH motifs frequently undergo conformational adaptation upon binding to

proteins,119,251 ligands,252 small molecule therapeutics89,253 catalytically essential met-
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als,102,254 and upon formation of tertiary contacts.76,89,250 Dynamic studies indicate that

HJH motifs undergo motions over a broad range of timescales. These include rigid

body inter-helical motions and local fluctuations of junction residues at picosecond-

to-microsecond (ps-ms) timescales156,171,194–197,255 and conformational exchange di-

rected towards low-populated (typically < 5%) and short-lived (lifetime typically < 2 ms)

"excited conformational states" (ESs) that feature reshuffling of base pairs (bps) in and

around the HJH motif at slower microsecond-to-millisecond (µs-ms) timescales.125,126,144,256–259

Here, we use a battery of NMR techniques to examine how shortening a bulge

HJH motif from three to two nucleotides affects motional modes occurring over ps-ms

timescales. We focus on the transactivation response element (TAR) from the human

immunodeficiency virus type 1 (HIV-1) (Fig 2.1A), which has served as a model system

for studying HJH dynamics.156,165 Prior studies employing NMR,125,144,155,156,165,185–192

gel mobility,193 transient electric birefringence,47 fluorescence,180,194 X-ray crystallogra-

phy,181 electron paramagnetic resonance (EPR),195–197 molecular dynamic (MD) simu-

lations,131 and combinations of NMR and molecular dynamics,171 have shown that TAR

undergoes complex dynamics over timescales spanning twelve orders of magnitude.

These dynamics are proposed to play important roles in the adaptive recognition of

TAR by cognate proteins and small molecule ligands designed to inhibit TAR-protein

interactions in the development of anti-HIV therapeutics180–184 and may additionally

play a crucial role in the dimerization of the HIV genome.260

In this study, we examined the consequence of deleting bulge residue C24 on

HIV-1 TAR dynamics (Fig 2.1A). This TAR variant (hereafter referred to as ∆C24-

TAR) is also of biological interest since it is a rare, but naturally occurring variant of

TAR in HIV-1mal and HIV-1U455 isolates.179 We previously used NMR residual dipolar

couplings (RDCs)120,149 to characterize inter-helical dynamics in a ∆C24-TAR variant

where the wild-type apical loop, which is involved in µs-ms conformational exchange,

was replaced with a UUCG tetraloop (∆C24-TARUUCG).165 These studies showed that
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shortening the bulge leads to a significant restriction in inter-helical dynamics.165,166

In this study, we used a broader set of NMR techniques to more comprehensively

characterize motions in ∆C24-TAR containing the wild type apical loop (∆C24-wtTAR)

over wide range of timescales. Our results show that ∆C24-wtTAR retains the basic

motional modes observed in HIV-1 TAR and that shortening the bulge causes subtle

changes in the relative populations and structure of the sampled conformational states.

2.2 Materials and Methods

2.2.1 Sample Preparation

in vitro Transcription

HIV-1 wild-type TAR (wtTAR) and ∆C24-wtTAR samples were synthesized by in

vitro transcription using T7 RNA polymerase (Fischer Scientific), uniformly labeled

13C/15N nucleotides (Cambridge Isotope Laboratories, Inc.), and synthetic DNA tem-

plates (Integrated DNA Technologies) containing the T7 promoter sequence and RNA

sequence. The reaction mixture was filtered and concentrated to 1 mL using a cen-

trifugal concentrator (3 kDa molecular weight cut-off, EMD Millipore), mixed with a

formamide denaturing RNA loading dye, and fully denatured by heating at 950C for 5

min. The mixture was loaded onto a 13 X 102 cm, 20% (w/v) polyacrylamide gel in 8 M

urea and 1x Tris/borate/EDTA and run for 12 h. The target RNA was excised from the

gel by briefly shadowing at 365 nm with a UV hand-lamp, followed by electro-elution

(Whatmann, GE Healthcare) in 1x Tris/acetic acid/EDTA, and ethanol precipitation.

The precipitate was dissolved in water, annealed by heating at 950C for 5 min followed

by rapid cooling on ice, and then buffer exchanged using a centrifugal concentrator

(EMD Milipore) into NMR buffer (15 mM sodium phosphate, 25 mM sodium chloride,

0.1 mM EDTA, at pH 6.4). 10% D2O was added to the sample before collecting NMR

data. This buffer was used for all experiments in this study unless stated otherwise.
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Solid-Phase Oligonucleotide Synthesis

ES2UUCG-TAR and G28U-TAR were synthesized using the MerMade 6 DNA/RNA

synthesizer (BioAutomation) with standard phosphoramidite RNA chemistry, and de-

protection protocols for bases and the 21-hydroxyl. Samples were purified using Glen-

Pak RNA purification cartridges, following the product protocol, which can be found

on-line (www.glenresearch.com). Once purified, the RNA was ethanol precipitated,

desalted using buffer exchange, and annealed as described earlier.

2.2.2 Resonance Assignments

Chemical shift assignment experiments were carried out on an 800 MHz Agilent

DirectDrive2 NMR spectrometer equipped with a triple resonance HCN cold probe.

NMR assignments for wtTAR, TARUUCG, and ∆C24-wtTAR were obtained from prior

studies165,185,261 (see Fig 2.1, 2.7). Resonance assignments for exchangeable and

non-exchangeable protons in G28U-TAR-∆C24-wtTAR, and ∆C24-wtTAR-ES2UUCG

were obtained using 2D 1H-1H nuclear Overhauser effect spectroscopy (NOESY) ex-

periments with 250 ms and 150 ms mixing times, respectively,262 along with conven-

tional 2D HSQC of aliphatic [13C,1H] resonances and band-selective optimized flip

angle short transient (SOFAST) 2D HMQC263 spectra of aromatics [13C,1H], and imino

[15N,1H] resonances at 250C and 100C. wtTAR-ES2UUCG assignment experiments were

carried out on an 800 MHz Varian Inova spectrometer equipped with a HCN cryogenic

probe using 2D 1H-1H NOESY at 150 ms mixing time, with aliphatic HSQC and aro-

matic and imino SOFAST-HMQC spectra at 250C and 100C to obtain assignments. All

G28U and ES2UUCG resonances were assigned as described previously264 and all data

were processed and analyzed using NMRPipe265 and SPARKY.266
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2.2.3 Chemical shift perturbations

Chemical shift differences were computed using ∆δ �
a
p∆δHq2 � pα∆δXq2, where

∆δ is the change in chemical shift, X = carbon or nitrogen, and α � γH{γX , where γ

is the gyro-magnetic ratio of a given nuclei. A chemical shift change was considered

significant when > 0.25 p.p.m.

2.2.4 Estimating the Population of the Coaxial State using Chemical Shifts

Populations of the bent (pbent) and coaxial (pcoaxial) states at various Mg2+ con-

centrations in TARUUCG were reported previously.187 Briefly, the populations for ∆C24-

wtTAR were estimated from the observed chemical shifts (δobs) using, δobs = pbent (δbent)

+ pcoaxial(δcoaxial), where pbent + pcoaxial = 1 , δbent and δcoaxial are the chemical shifts of

the bent and coaxial states, respectively. Here, we assume that the bent and coaxial

states are in fast exchange on the NMR timescale, such that the observed chemical

shift is a population weighted average and that the chemical shift of bent state is the

same for all TAR variants. The chemical shift of U23-H6 was used to report on the

relative populations of the bent and coaxial state of various TAR constructs. This res-

onance experiences linear and significant perturbations with Mg2+ and Na+ consistent

with 2-state exchange providing a sensitive probe of the bent-coaxial transition. δbent

was estimated to be the observed U23-H6 chemical shift of TARUUCG in the absence

of Mg2+ at 25 mM NaCl and was estimated as the observed U23-H6 chemical shift at

4 mM Mg2+ for ∆C24-wtTAR. Similar results were obtained when using the chemical

shifts of U23-C6, A22-C8, and A22-H8 (data not shown).

2.2.5 Measurement and Analysis of 13C Spin Relaxation

13C longitudinal (R1) and rotating frame (R1ρ) spin relaxation rates for aromatic (C8,

C6, C2), and sugar (C11) resonances were measured on a 600 MHz Bruker NMR spec-

trometer equipped with an HCN cryogenic probe as previously described.135 Spectra
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were recorded in a pseudo-3D manner using a transverse relaxation-optimized spec-

troscopy (TROSY)267 detected experiment and five unique delay times (Table 2.2).

Peaks in each spectrum were fit to a Gaussian shape using NMRPipe autofit script,

R1 and R2 rates were determined by fitting resonance intensities at each delay to

a mono-exponential function using in-house python scripts. Standard jackknife re-

sampling was used to estimate error. Transverse relaxation rates (R2) were derived

from longitudinal and rotating frame relaxation rates by equation 2.1

R2 �
R1ρ �R1 cos2 θ

sin2 θ
(2.1)

where, θ � arctanpωSL{∆Ωq, ∆Ω � Ω � ωrf , Ω is the offset value in Hz, ωrf is the

reference frequency in Hz, and ωSL is the spin-lock power set to 3.5 kHz to suppress

chemical exchange during the experiment. R1 and R2 are values for wtTAR and ∆C24-

wtTAR are provided in supplementary information (Table 2.3-2.4).

A relative order parameter (S2
rel) for each residue was calculated as described pre-

viously.185 Briefly, 2R2-R1 values were computed for each site and the values were nor-

malized relative to the largest value measured in the A-form helix for each given spin

type (C8, C2, C6, C11). Due to incomplete suppression of chemical exchange previ-

ously characterized125 at G34-C8, C30-C11, U31-C11, G34-C11, A27- C11 and A35-C11,

these sites have S2
rel > 1 and were not considered further.

2.2.6 Measurement of RDCs

One-bond C-H (1DCH) and N-H (1DNH) RDCs were measured at 800 MHz using 2D

TROSY267 for C2H2, C8H8, C11H11, C6H6, in which splittings are encoded along the

1H or 13C dimensions and IPAP-SOFAST-HMQC268 for N1H1 and N3H3 in which split-

tings are encoded along the 1H dimension. RDCs were calculated as the difference in

splittings measured in the absence (J) and presence (J+D) of an alignment medium.

Error in RDCs were estimated based on the RMSD of values measured along the 1H
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and 13C dimension as described previously120,149 (RDC RMSD = 3.7 Hz, Fig 2.11A).

The final RDCs reported (Table 2.5) are the average of the 1H and 13C RDCs ob-

tained in the two dimensions. The aligned sample was prepared by adding 25 mg/mL

of Pf1 phage (Asla biotech, Ltd.) in NMR buffer to a 1 mM sample of uniformly la-

beled 13C/15N ∆C24-wtTAR in the same NMR buffer, resulting in a D2O splitting of

28 Hz. Careful inspection of HSQC overlays shows little to no change in chemical

shifts of ∆C24-wtTAR in the absence and presence of Pf1 phage, consistent with pre-

vious studies which show that the addition of phage does not affect TAR RNA structure

and/or dynamics165,185 (Fig 2.11B).

2.2.7 Order Tensor Analysis of RDCs

RDCs measured in Watson-Crick bps in helices 1 and 2 of ∆C24-wtTAR were

subjected to an order tensor analysis using idealized A-form helices generated by

3DNA,161 as described previously.121,159,269 RDCs measured in flexible residues in

helix 1 (G17, C45, A22 and U40) and helix 2 (C29, G36) were omitted from the anal-

ysis.158 The best-fit order tensor for each helix was determined by singular value

decomposition (SVD)269 as implemented in the program RAMAH.136 The uncertainty

in order tensor elements due to RDC uncertainty and A-form structural noise was es-

timated using AFORM-RDC.158 The average inter-helical orientation was determined

by rotating each input idealized A-form helix into the principal axis system (PAS) of the

corresponding best-fit order tensor frame (Sxx, Syy, Szz) using an in-house C program

based on Euler-RNA.159 All structures were visualized using PyMol (Schrodinger, LLC,

V1.3). Degeneracies in possible helical orientations due to 1800 rotation around the

Sxx Syy Szz axes of the PAS269 resulted in four degenerate solutions, three of which

could be excluded as described previously.159 Specifically, 1800 rotations about Sxx

and Syy resulted in significant inter-helical steric clashes, while 1800 rotation about

Szz resulted in a A22(O31)-G26(P) distance that cannot be satisfactorily linked by two
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bulge residues (4.9 Å per nucleotide). RDCs measured in wtTAR and TARUUCG were

normalized to ∆C24-wtTAR to account for differences in the degree of alignment by

multiplication of a scaling factor given by the ratio in the generalized degree of order

(ϑ)121 measured in helix 2, which dominates overall molecular alignment.155 A scaling

factor of 1.6 and 2.0 was applied to wtTAR and TARUUCG RDCs respectively.

2.2.8 13C and 15N R1ρ Relaxation Dispersion.

13C and 15N relaxation dispersion (RD) experiments were conducted on a 700

MHz Bruker Avance III equipped with a HCN resonance cryogenic probe and a 600

MHz Bruker Avance III spectrometer equipped with an HCN resonance cryogenic

probe.122,124,270 All data were measured on a 1 mM uniformly 13C/15N labeled sam-

ple at 250C in NMR buffer unless otherwise noted. On- and off-resonance profiles

were measured using various spin-lock offsets (Ω) and spin lock powers (ωSL) for

each spin of interest and two to twelve unique delay times. Data were processed us-

ing NMRPipe265 to determine peak intensities at each delay time, which were then fit

to a mono-exponential function using in-house python scripts to determine the rotating

frame relaxation rate (R1ρ). Standard Monte Carlo simulations (500 iterations) were

used to estimate error. Data points that meet the 13C-13C Hartmann-Hahn matching

conditions were omitted from the analysis, as previously described.124 On- and off-

resonance data were individually and globally fit to the two-state Laguerre equation270

by equation 2.2 using Origin 2015 (OriginLab),

R1ρ � R1 cos2 θ �R2 sin2 θ�

sin2 θpGSpES∆ω2
ESkex

ω2
GSω

2
ES

ω2
eff

� k2
ex � sin2 θpGSpES∆ω2

ESp1�
2k2exppGSω

2
GS�pESω

2
ESq

ω2
GSω

2
ES�ω

2
effk

2
ex

q
(2.2)
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or by a three-state Laguerre equation125 with no minor exchange for a linear topology

by equation 2.3 using an in-house python code,

R1ρ � R1 cos2 θ �R2 sin2 θ � sin2 θ�
pGSpES1∆ω2

ES1kex1

ω2
GSω

2
ES1

ω2
eff�k

2
ex1

� sin2 θpGSpES1∆ω2
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(2.3)

where R1 and R2 are the longitudinal and transverse relaxation rates (in units s-1)

respectively, ω{p2πq is the strength of the spin lock in units Hz, Ω{p2πq is an offset

from a reference frequency (ωrf ) in units Hz, and kex is the exchange rate between the

ground state (GS) and the excited state (ES) in units s-1. The tilt angle in the rotating

frame θ � arctanpωSL{∆Ωq, where ωSL is the strength of the spin lock power for the

carrier in units Hz and ∆Ω � Ω̄ � ωrf is the difference of the average spin lock offset

(Ω̄) and the reference frequency (ωrf ) in units Hz. Further, Ω̄ � pGSΩGS � pESΩES ,

or Ω̄ � pGSΩGS � pES1ΩES1 � pES2ΩES2 , where pGS and pES are the population of

the ground state and excited states respectively, and ΩGS and ΩES are the resonance

offsets from the spin lock carrier for the respective states in units Hz. Finally, the spin

lock strength at the GS (ωGS) and ES (ωES) are defined as ω2
GS � pΩGS �ωrf q

2�ω2
SL,

ω2
ES � pΩES � ωrf q

2 � ω2
SL, the effective spin lock field strength is ω2

eff � ∆Ω2 � ω2
SL

, and the difference of the offset between the ES and the GS is ∆ωES � ΩES � ΩGS.

To clearly show exchange parameters, relaxation dispersion profiles are plotted as

R2+Rex to remove R1 contributions to Rex, which do not provide any information on the

chemical exchange.140
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2.2.9 MC-fold Predictions of RNA Secondary Structure.

RNA secondary structure prediction was preformed using MC-Fold using standard

input options returning the 20 best, 15% sub-optimal structures predicted.142

2.3 Results and Discussion

2.3.1 Chemical Shift Mapping

To analyze the impact of deleting the C24 bulge residue, we initially compared NMR

2D HSQC spectra of uniformly 13C/15N labeled ∆C24-wtTAR with those of wtTAR. The

excellent overlay of 2D NH HSQC spectra indicates that ∆C24-wtTAR adopts the same

secondary structure as wtTAR (Fig 2.1A). In both cases, we did not observe the imino

resonance of U40, indicating that the A22U40 bp does not form a stable Watson-

Crick (WC) bp in either ∆C24-wtTAR or wtTAR. In contrast, comparison of 2D CH

HSQC spectra of base and sugar moieties reveals large changes in chemical shifts,

particularly for bulge residues (U23 and U25) and surrounding WC bps A22-U40 and

G26-C39 (Fig 2.1B, Fig 2.7A), which indicates a conformational change at these sites.

As expected, insignificant perturbations are observed for apical loop residues, which

are separated from the mutation site by a four bp helix.

57



FIGURE 2.1: Chemical shift comparison of wtTAR and ∆C24-wtTAR.

(A) Secondary structure of HIV-1 TAR and ∆C24-wtTAR where the deleted bulge residue is high-
lighted with a red X. Symbols on the secondary structure indicate sites with significant chemical shift
perturbations ( > 0.25 p.p.m., see methods); C6H6 (circles), C8H8 (squares), C2H2 (triangle), C5H5
(left triangles), C11H11 (diamonds) and N1H1/N3H3 (inverse triangles). (B) Aromatic 2D HSQC overlaid
spectra for wtTAR (black) and ∆C24-wtTAR (red), with lines highlighting resonances showing signifi-
cant chemical shift perturbations. (C) Two-state TAR equilibrium as described previously.187 (D) Over-
lay of 2D HSQC spectra for wtTAR (black), ∆C24-wtTAR (red), and wtTAR in the presence of 4 mM
Mg2+(orange)271 with lines highlighting resonances with significant chemical shift perturbations relative
to wtTAR at low salt conditions.

Interestingly, the changes in chemical shift arising from shortening the bulge are

similar to those reported previously when adding Mg2+ or Na+ to HIV-1 TAR, using a

slightly modified TAR construct that is capped by a more stable UUCG apical loop187

(TARUUCG). These studies proposed that TAR exists in a rapid two-state equilibrium

between a globally flexible, bent state and a globally rigid, coaxially stacked state (Fig

2.1C). In the bent state, bulge residues C24 and U25 are flipped out and highly flexible,

while U23 is intra-helically stacked on A22. In the linear state, all three bulge residues

are flipped out and flexible allowing the helices to coaxially stack187,189 (Fig 2.1C).

The addition of Mg2+ or Na+ shifts this pre-existing equilibrium towards the coaxial

conformation.187

Therefore, chemical shift data indicates that shortening the TAR bulge shifts this

equilibrium in favor of the coaxial state (Fig 2.1D, Fig 2.8). Based on the Mg2+ depen-

58



dent chemical shift changes a prior study187 estimated the population of the coaxial

state of TAR in the absence of Mg2++ and 25 mM NaCl to be �10%. Using a sim-

ilar approach (see methods), we estimated the coaxial state of ∆C24-wtTAR in the

absence of Mg2+ and 25 mM NaCl to be > 60%.

To examine whether Mg2+ can also shift the equilibrium towards the coaxial state,

we titrated Mg2+ to ∆C24-wtTAR. As expected, the addition of Mg2+ to ∆C24-wtTAR

results in similar perturbations as observed for wtTAR, but required a lower Mg2+ con-

centration to reach saturation (�2 mM versus 4 mM for ∆C24-wtTAR and wtTAR re-

spectively) (Fig 2.9A). Additionally, spectra began to converge when comparing ∆C24-

wtTAR and wtTAR in the presence of 4 mM Mg2+, indicating more similar populations

of the bent and coaxial states in the presence of magnesium (Fig 2.9B). Based on the

chemical shifts, we estimated that in the presence of 4 mM Mg2+, the coaxial state is >

99 % and 83 % populated in ∆C24-wtTAR and wtTAR, respectively187(see methods).

2.3.2 Comparison of Picosecond-to-nanosecond Dynamics using Spin Relaxation.

To further characterize the differences in dynamics between wtTAR and ∆C24-

wtTAR in the absence of Mg2+, we compared 13C longitudinal (R1) and transverse (R2)

spin relaxation rate constants for base (C8, C6, C2) and sugar (C11) nuclei in wtTAR

and ∆C24-wtTAR at 250C (Fig 2.10, Table 2.3,2.4). Spin relaxation data provides

information on both overall and internal motions occurring at ps-ns timescales. As

expected, due to their similar molecular size, similar R2/R1 ratios are measured for

wtTAR and ∆C24-wtTAR (Fig 2.2A). To gain insights into differences in internal mo-

tions, we calculated the relative order parameter, S2
rel, for each site (see methods),

which ranges between 1 and 0 for minimum and maximum amplitude internal motions,

respectively.138,185 Indeed, lower S2
rel values were observed for bulge residues U23

and U25 in ∆C24-wtTAR as compared to wtTAR, consistent with increased ps-ns dy-

namics and a flipped out flexible conformation for bulge residues (Fig 2.2B). Therefore,
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these data also support that shortening of the TAR bulge favors a coaxial conformation

with flipped out bulge resides.

FIGURE 2.2: Characterization of ps-ns motions using spin relaxation.

Shown are comparisons of (A) 13C R2/R1 ratios and (B) the relative order parameter, S2
rel, measured

in wtTAR and ∆C24-wtTAR. Data is colored according to helix 1 (red), helix 2 (blue), bulge (orange),
and apical loop residues (green).Symbols represent spin type, C6 (circle), C2 (triangle), C8 (square),
and C11 (diamond).

2.3.3 Structural and Dynamic Comparison Utilizing Residual Dipolar Couplings.

To further characterize differences in inter-helical structure and dynamics between

wtTAR and ∆C24-wtTAR, we measured NMR residual dipolar couplings (RDCs)149,179

in the absence of Mg2+. RDCs provide information regarding the orientation and

dynamics of bond vectors relative to a common alignment frame over timescales

ranging from ps-ms.121 We measured 45 one-bond CH and NH RDCs in uniformly

13C/15N labeled ∆C24-wtTAR (1 mM) at 250C using the bacteriophage (Pf1) alignment

medium121,269 (Table 2.5). A comparison of RDCs measured in wtTAR185 and ∆C24-

wtTAR (Fig 2.3A) revealed significant differences even after accounting for differences

in the degree of overall alignment (Fig 2.3B). Once again, the largest differences are

observed for bulge residues U23 and U25 where RDCs are near zero in ∆C24-wtTAR
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(Fig 2.3A), consistent with motional averaging and a flexible, extra-helical conforma-

tion of bulge residues. Strikingly, RDCs measured in ∆C24-wtTAR show improved

agreement with those previously measured in TARUUCG in the presence of 4 mM Mg2+,

consistent with a higher population of the coaxial conformation for ∆C24-wtTAR in the

absence of Mg2+ (Fig 2.3C).187

To characterize the average inter-helical orientation and amplitude of inter-helical

dynamics, RDCs measured in A-form helices were subjected to an order tensor analy-

sis as described previously (see methods, Table 2.1).121,153,154,158,159 Excellent agree-

ment between the measured and back-calculated RDCs using the best-fit order tensor

indicate that like wtTAR, the helices in ∆C24-wtTAR RDCs adopt an idealized A-form

geometry (Fig 2.11C). The average inter-helical structure obtained by superimposing

order tensor frames (Sxx, Syy, Szz, see methods) shows a significant reduction in the

average inter-helical bend angle (βh) for ∆C24-wtTAR (|βh| = 8 � 30) as compared

to wtTAR (|βh| = 45 � 70). This is accompanied by a reduction in the amplitude of

inter-helical dynamics as judged by an increase in the internal generalized degree of

order (ϑint � ϑi{ϑj;ϑj   ϑi, where ϑint varies between 0 and 1 for maximum and

minimum amplitude inter-helical motions) from wtTAR (ϑint = 0.54 � 0.07) to ∆C24-

wtTAR (ϑint = 0.75 � 0.06) (Fig 2.3D). The value measured for ∆C24-wtTAR agrees

well with the previously reported value for domain elongated ∆C24-TARUUCG (ϑint=

0.77 �0.04).165 These results provide further support that shortening the TAR bulge

preserves inter-helical motions, but biases the ensemble of conformations towards the

coaxially stacked state.
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Table 2.1: Order Tensor Analysis of wtTAR and ∆C24wtTAR

N
RMSD
(Hz) CN R η

ϑ
(x10�3) ϑint βh (0) ξ (0)

wtTAR Helix 1 14 1.2 5.7 0.99 0.36 � 0.10 0.65 � 0.08 0.54 � 0.07 45 � 7 -41 �50
Helix 2 13 1.7 3.0 0.99 0.10 � 0.05 1.19 � 0.05

∆C24-wtTAR Helix 1 11 2.5 4.4 0.99 0.59 � 0.15 1.4 � 0.1 0.75 � 0.07 -8 � 3 23 � 50
Helix 2 11 1.5 5.9 0.99 0.14� 0.09 1.9 � 0.1

Statistics for the order tensor analysis of RDCs measured in wtTAR185 and ∆C24-wtTAR. Shown
are number of RDCs used (N), condition number (CN),121 root mean-square deviation (RMSD) and
Pearson1s correlation coefficient (R) between measured RDCs and back-calculated RDCs, order tensor
asymmetry (η � |Syy � Sxx|{Szz),121 generalized degree of order (ϑ �

b
2{3pS2

xx � S2
yy � S2

zzq),
121

internal generalized degree of order (ϑint � ϑi{ϑj ;ϑj   ϑi),121 inter-helical bend angle (βh), and inter-
helical twist (η). Angles were calculated using an in-house program based on Euler-RNA159 and errors
for β, ξ , η, and ϑ were estimated using the program AFORM-RDC.158
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FIGURE 2.3: Characterizing inter-helical dynamics using residual dipolar couplings.

(A) RDCs measured in wtTAR185 and ∆C24-wtTAR, where wtTAR RDCs have been scaled by 1.5 to
account for differences in degree of alignment (see methods). Dotted lines represent the largest positive
RDC measured in each region of the structure (helix 1, 2, bulge, and apical loop) to highlight variation
in the degree of alignment and dynamics. Comparison of RDCs measured in ∆C24-wtTAR with values
measured in (B) wtTAR in the absence of Mg2+185 and (C) TARUUCG in the presence of 4 mM Mg2+.187

RDCs are normalized to the degree of alignment (ϑ) measured in helix 2 of ∆C24-wtTAR. Error bars
represent the experimental error (1 s.d.) in RDC measurements (see methods). The notable out-lier,
G36, likely reflects differences in the apical loop. RDCs are colored according to helix 1 (red), helix
2 (blue), bulge (orange), and apical loop residues (green). See inset of A for symbol representation.
(D) The order tensor frame (Sxx, Syy, Szz) determined for helix 1 (red) and helix 2 (blue) shown on a
Sanson-Flamsteed map projection obtained from the order tensor analysis of RDCs using RAMAH.136

Additionally shown are the average inter-helical orientations of wtTAR (left) and ∆C24-wtTAR (right, see
methods) obtained by superimposing the order tensor frames for each helix. The errors in |βh| and ϑint
were estimated using AFORM-RDC.158

2.3.4 Impact of Mutation on Micro to millisecond Conformational Exchange

Next, we used carbon and nitrogen spin relaxation dispersion (RD) in the rotating

frame (R1ρ) to examine how deleting bulge residue C24 affects slower µs-ms confor-

mational exchange directed toward two ESs125,144 (ES1 and ES2, Fig 2.4A and B).
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To remain consistent with prior studies of wtTAR,125,144 RD data were measured for

∆C24-wtTAR in the absence of Mg2+. In the RD experiment, the contribution to the

transverse relaxation rate (R2) due to chemical exchange (Rex) is measured as a func-

tion of the power and offset frequency of a radio-frequency spin lock, which is applied

during the relaxation period. The resulting dependence of R1ρ on spin lock power and

offset can be fitted using algebraic expressions270 to extract exchange parameters of

interest, including population of the ES, forward and backward exchange rates, and

the difference in chemical shift between ES and GS (∆ω � ωES � ωGS). Note that the

RD experiment is not sensitive to inter-helical motions, which have been shown to oc-

cur on the nanosecond-to-microsecond timescales, and thus fall outside the detection

limits of this class of NMR experiments.135,165

64



FIGURE 2.4: Measuring micro to millisecond motions using relaxation dispersion in
the rotating frame

Secondary structure (left) and representative RD profiles for ES1 (A) and ES2 (B) in wtTAR125,144

(middle) and ∆C24-wtTAR (right). RD profiles show the dependence of R2+Rex on spin lock power
(ωeff {p2{πq) and offset (Ω{p2πq) with global fits (solid lines) and individual fits (dashed lines) to the two-
state Laguerre equation (1.16).270 Error bars represent experimental uncertainty (1 s.d., see methods).

The deletion of bulge nucleotide C24 was not expected to affect ES1 conforma-

tional exchange, which involves local reshuffling of bps within the wild-type apical loop

(Fig 2.4A). Indeed, all apical loop sites that showed ES1 RD in wtTAR (C30-C11, U31-

C11, U31-C6, G34-C8, G34-C11, A35-C11) showed similar RD in ∆C24-wtTAR (Fig

2.4A, Fig 2.12A). A global 2-state fit of the RD data yielded an ES1 population (pES1=
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16 � 4%) and exchange rate (kex = 27,000 � 1,400 s-1) similar to that reported previ-

ously for wtTAR (pES1= 13 � 2% and kex = 26,000 � 700 s-1).125

ES2 features a larger rearrangement in secondary structure, which reshuffles nu-

cleotides in the bulge, upper helix, and apical loop (Fig 2.4B). In ES2 of wtTAR, C24

forms a weak C24C39 mis-pair, while U23 is bulged out.144 Therefore, deletion of

C24 was expected to impact ES2 exchange and structure. Surprisingly, RD data sim-

ilar to that of ES2 in wtTAR were obtained for ∆C24-wtTAR for several sites in the

bulge, upper helix, and apical loop (Fig 2.4, Fig 2.12A). A global two-state fit of the

RD data yielded exchange parameters similar to those obtained for ES2 in wtTAR.

The ES2 ∆C24-wtTAR population is reduced by two-fold (pES2 = 0.17 � 0.02% com-

pared to 0.40 � 0.05% in wtTAR), whereas the exchange rate remains the same within

experimental error (kex = 541 � 93 s-1 compared to kex = 474 � 69 s-1 in wtTAR). Addi-

tionally, sites that do not show RD in wtTAR also lack RD in ∆C24-wtTAR (Fig 2.12A).

Therefore, deleting the bulge minimally affects the thermodynamics and kinetics of an

exchange process that is experienced by residues in the bulge, upper helix, and api-

cal loop. This suggests that for wtTAR, flipping out U23 contributes little to the overall

thermodynamics and kinetics of the GS to ES2 transition. This is possible since any

loss of stacking interactions between U23 and A22 in the GS is partly compensated

for by a favorable increase in entropy due to a flexible flipped out conformation in ES2.

Similar RD profiles were also observed for wtTAR and ∆C24-wtTAR in the pres-

ence of 5 mM Mg2+. However, the addition of Mg2+ altered the populations, exchange

rates, and possibly chemical shift differences between the GS and ESs (Fig 2.12B,

Table 2.15,2.16). The effects of Mg2+ on exchange will be characterized more fully

in future studies. It should be noted that during the course of these studies, we also

obtained evidence for a third distinct ES (ES3) in the absence of Mg2+, for both wt-

TAR and ∆C24-wtTAR at residues G26-C8 and A27-C11 with population �0.2% and

kex � 5,000 s-1 in ∆C24-wtTAR at 250C and population �0.2% and kex � 2,300 s-1
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in wtTAR at 100C (Fig 2.12C, Table 2.14,2.15). Furthermore, A27-C11 has RD con-

sistent with ES2 in wtTAR at 250C, thus it is likely that this resonances experiences

3-state exchange involving the GS, ES2, and ES3 at 250C in ∆C24-wtTAR. Although

the A27-C11 RD profile is dominated by exchange with ES3, fitting to a 3-state linear

model without minor exchange (Equation 2.3) yields exchange parameters consistent

with those obtained for ES2 and ES3 (Table 2.4.3, methods). This new ES3 will be

more fully characterized in future studies.

2.3.5 ∆C24-wtTAR Adopts a Different ES2 Conformation Compared to wtTAR

The RD analysis yields the difference in chemical shift between ES2 and the GS

(∆ω � ωES � ωGS). With the exception of U23-C6 and A22-C11, similar ∆ω values

were determined for various ES2 sites in wtTAR and ∆C24-wtTAR indicating that they

adopt a similar ES2 conformation (Table 2.11,2.12). However, ∆ω values for U23-C6

and A22-C11 in ∆C24-wtTAR were opposite in sign to those measured in wtTAR. In wt-

TAR, ∆ω(U23-C6) = +2.3 p.p.m. and was attributed to loss of U23-A22 stacking in the

GS to form a bulged out conformation in ES2. In contrast, in ∆C24-wtTAR, ∆ω(U23-

C6) = -3.4 p.p.m., suggesting an opposite transition from a flipped-out conformation

in the GS to flipped-in conformation in ES2. Similarly, in wtTAR ∆ω(A22-C11) = -2.2

p.p.m. suggests sugar repuckering further away from the C31-endo in the GS towards

C21-endo in ES2, possibly due to the bulging out of U23. Whereas in ∆C24-wtTAR

∆ω(A22-C11) = +2.0 p.p.m. indicates a shift toward a more helical C31-endo conforma-

tion in ES2, consistent with a flipped-in helical U23 conformation. A simple explanation

for these data is that, in ∆C24-TAR, U23 replaces C24 to form an U23C39 mispair

(Fig 2.4, Fig 2.13).

To test the proposed ∆C24-wtTAR ES2 secondary structure, we used a G28U point

mutation, which was previously used to trap ES2 secondary structure in wtTAR.144

As expected, the G28U-∆C24-wtTAR mutant adopts the proposed ES2 secondary
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structure based on imino 2D SOFAST-HMQC spectra and NOE connectivities (Fig

2.14). The difference in chemical shifts between G28U-∆C24-wtTAR and the ground

state ∆C24-wtTAR are in excellent agreement with the differences in chemical shifts

between ES and ground state measured by RD in ∆C24-wtTAR (Fig 2.5A). In addition,

comparing spectra of ∆C24-wtTAR and wtTAR with their G28U mutant counterparts

reveals that the G28U mutation recapitulates the opposite changes in the chemical

shifts observed for residues U23-C6 and A22-C11 (Fig 2.5A). The NOE connectivity

between A22-H11 and U23-H6, which is not observed in G28U-wtTAR, also helps to

establish that in G28U-∆C24-wtTAR U23 is not flipped out but rather intra-helical,

consistent with formation of an U23C39 bp (Fig 2.5B).

2.3.6 Stabilizing ES2 in wtTAR and C24-wtTAR Using a UUCG-loop Mutation

As noted previously,144 non-exchangeable NOE connectivities are difficult to re-

solve for all residues in the G28U-wtTAR mutant leading to ambiguous assignments

for several resonances in base and sugar 2D HSQC spectra. To resolve these ambi-

guities, and further confirm the observed differences in the ES2 secondary structure

between wtTAR and ∆C24-wtTAR, we designed a second ES2 mutant, in which we

replaced the ES2 apical loop with a stable UUCG tetra loop (ES2UUCG, Fig 2.5-D).

We used this mutation to trap ES2 in both wtTAR (wtTAR-ES2UUCG) and ∆C24-wtTAR

(∆C24-wtTAR-ES2UUCG). Both mutants adopted the expected ES2 secondary struc-

ture with UUCG apical loop as judged based on imino 2D SOFAST-HMQC spectra and

NOE connectivities (Fig 2.15).

The new mutants allowed us to resolve many ambiguous assignments and to cor-

rect a subset of assignments in G28U-wtTAR.144 Updated assignments do not affect

any previous conclusions made about wtTAR-ES2 (Supporting Discussion 1); in fact,

better agreement is observed between the ES2 chemical shifts measured in wtTAR us-

ing RD and those observed in the mutant G28U-wtTAR (Fig 2.5A) when using updated
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assignments. Comparison of wtTAR and ∆C24-wtTAR spectra with their ES2UUCG

trapped counterparts revealed opposite changes in the chemical shifts for U23-C6

and A22-C11 (Fig 2.5C-D). We also observe excellent agreement between the ES2

and G28U-wtTAR chemical shifts for seven new resonances whose assignments could

be resolved (Fig 2.5A). These data support our previously proposed ES2 structure of

HIV-1 TAR and also confirm that ∆C24-wtTAR-ES2UUCG adopts a slightly different con-

formation with flipped-in U23 (Fig 2.4B).

Chemical exchange to ES3 required the use of a three-state exchange equation for

A27-C11 in order to obtain for both ES2 and ES3 (see methods). The ES2 ∆ω(A27-

C11) = -2.2 p.p.m. value obtained from 3-state fitting of the A27-C11 RD data (Table

2.4.3) is in excellent agreement with the based on ES2-mutants ∆ω((A27-C11) = -

2.4 p.p.m., Fig 2.5A). Additionally, no RD was observed for U25-C6 (Fig 2.14), which

is consistent with the relatively small chemical shift perturbations predicted by the

ES2UUCG mutant ∆ω((U25-C6) = -0.9 p.p.m.) and smaller population of ES2 in ∆C24-

wtTAR compared to wtTAR.144
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FIGURE 2.5: Trapping ES2 in ∆C24-wtTAR using mutations

(A) Comparison of between ES2 and the GS of wtTAR (circle) and ∆C24-wtTAR (diamond) as
determined by RD (red), and the G28U (blue) and ES2UUCG (green) ES2 trapped mutants. Errors in RD
chemical shifts were determined from the standard error to the global fit. (B) The non-exchangeable
region of the 1H-1H NOESY spectrum for G28U-∆C24-wtTAR, highlighting the sequential assignments
from G17 to U23 (solid black lines). (C, D) Secondary structure of ES2UUCG for wtTAR (C) and ∆C24-
wtTAR (D), highlighting the mutated apical loop residues in green, with 2D HSQC overlays of the wtTAR
and ∆C24-wtTAR (blue) and their respective ES2UUCG trap (red). Black arrows highlight the opposite
sign of between GS and ES2 for residues and A22-C11 and U23-C6 in wtTAR and ∆C24-wtTAR.

2.3.7 Impact of Mutation on the Dynamic RNA Energy Landscape

The RNA free energy landscape can be hierarchically organized into local ener-

getic minima containing conformational states (CSs) separated by large kinetic bar-

riers, each minima is then, in turn, subdivided into a greater number of local ener-

getic minima of conformational sub-states separated by lower kinetic barriers (Fig 2.6).

These hierarchically organized energetic layers can be classified into different tiers of

RNA dynamics (Tier 0, Tier 1, and Tier 2) that are organized in terms of transitions be-

tween CSs within each tier.114 Such a framework was first introduced by Frauenfelder

et al.272 to describe protein dynamics. In RNA, Tier 0 motions represent large-scale

changes in secondary structure that can remodel entire hairpins occurring on the sec-

ond time scale, Tier 1 represents localized changes in base pairing occurring on the
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µs-ms timescale, and Tier 2 represents librational and inter-helical motions occurring

at timescales faster than microseconds.114

In this study, we set out to characterize how deleting a single bulge residue in HIV-1

TAR affects motions on each tier, and how each tier is then further affected by the ad-

dition of Mg2+. The results show that shortening the TAR bulge does not substantially

reorganize the motional modes or alter sampled conformational sub-states. For exam-

ple, in Tier 2, we still observe a two-state equilibrium between a flexible bent state and

coaxial state with extra-helical bulge residues. Shortening the bulge primarily shifts

the two-state equilibrium towards the coaxial state. These dynamics differences are

diminished at high Mg2+ concentration, which favors the coaxial state in both wtTAR

and ∆C24-wtTAR. Shortening the bulge most likely favors the coaxial state due to

both a reduction in the entropy of the bent state (and therefore reduction in the en-

tropic penalty accompanying coaxial stacking) and reduction in phosphate-backbone

electrostatic charge repulsion due to loss of a bulge nucleotide. A dissection of these

energetic contributions will require further studies.

Interestingly, the point deletion mutant had minimal effects on slower Tier 1 µs-

ms exchange directed towards two ESs even in the absence of Mg2+. This was the

case even though ∆C24-wtTAR adopts a slightly different ES2 secondary structure.

The addition of Mg2+ also affects µs-ms exchange, but the effects were similar for

∆C24-wtTAR and wtTAR (Fig 2.6B). The preservation of exchange directed to ES1

and ES2 in two distinct, but naturally occurring TAR molecules provides additional

support for a potential functional importance of these excited conformational states.

One potential functional role for the TAR ES2 conformational state is in HIV genome

dimerization. Prior studies have shown that deleting the TAR UCU bulge significantly

impairs genomic dimerization, which is essential for viral infectivity.260 Deletion of the

UCU bulge has also been shown to inhibit formation of ES2.144 Moreover, our results

indicate that the G28U point mutant, which traps the ES2 state, has a high propensity
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to form duplex or kissing dimers (see Supporting Discussion 1). Future studies will

examine more deeply how Mg2+ and other physiologically important metals impact the

Tier 1 conformational landscape of wtTAR, how other mutations that have not been

selected by the HIV virus affect these dynamics, and how the ES2 conformation could

potentially play a role in HIV genomic dimerization.

FIGURE 2.6: Hierarchal energy landscape of wtTAR and ∆C24-wtTAR in the absence
of Mg2+

Shown are the tiers of the energy landscape for wtTAR (top) and ∆C24-wtTAR (bottom). Dashed
red line indicates stacking and black arrows denote flexibility. Residues involved in ES1 and ES2 ex-
change are colored red and green, respectively. Barrier heights were estimated as the activation energy
calculated from the Arrhenius equation at 250C.

2.4 Supporting Information

2.4.1 G28U-wtTAR and G28U-∆C24-wtTAR ES2 Trapped Mutants Likely Form a Du-
plex Conformation at mM Concentrations

In a prior study,144 nine resonances belonging to residues U31 (C6H6 and C11 H11),

C30 (C6H6 and C11H11), A22 (C8H8 and C11H11), G32 (C8H8 and C11H11), and U23-

C11H11 could not be unambiguously assigned in G28U-wtTAR. Based on the present

study, and assignments of the ES2UUCG mutant, six of the ambiguous assignments

72



have been resolved and three assignments previously labeled as unambiguous (U23-

C6H6, A35-C8H8 and C11H11) have been corrected. In total, 14 resonances have

been corrected or added to the assignments of G28U-TAR: U23-C6H6, C24-C6H6,

A22-C8H8 and C11H11, A35-C8H8 and C11H11, U40-C6H6 and C11H11, C39-C6H6,

C41-C6H6 and C11H11, G32-N1H1, U31-N1H1, and G43-N1H1.

Among these resonances U23-C6H6 and A35-C8H8 and C11H11 were previously

not deemed ambiguous, but were updated by switching with ambiguous or unassigned

peaks: A22*-C8H8 Ñ A35-C8H8, A22*-C11H11 Ñ A35-C11H11 and U31*-C6H6 Ñ

U23-C6H6. Because new assignments retain very similar carbon chemical shifts, they

do not impact the prior agreement reported between the ES2 chemical shifts and those

measured in wtTAR-G28U mutants or any of the conclusions in the prior TAR ES2

study.

Resonances previously assigned as U38-N3H3 and G36-N1H1 could not be recon-

ciled with additional data shown here on G28U-∆C24-wtTAR and the ES2UUCG traps.

This led us to deduce that G28U-TAR can form a kissing dimer resulting in a GU res-

onance in both wtTAR and ∆C24-wtTAR (updated assignments: G36-N1H1 Ñ G32-

N1H1, U38-N3H3 Ñ U31-N3H3). Once again, this correction does not affect the prior

RD analysis since similar 15N chemical shifts were maintained for all residues affected.

To expand, NOE connectivity data measured on G28U-∆C24-wtTAR yielded a tri-

guanine walk in G28U-∆C24-wtTAR (Fig 2.14, highlighted in orange). This walk could

not be explained based on the monomeric G28U-∆C24-wtTAR secondary structure,

but could easily be explained by a kissing dimer. These NOE connectivities were not

observed previously in G28U-wtTAR, possibly due to the lower RNA concentration or

poorer resolution in the NOESY spectrum. Indeed, a non-denaturing gel on aliquots

of NMR samples used in measuring NOESY spectra shows two well-separated popu-

lations for both G28U-wtTAR and G28U-∆C24-wtTAR (data not shown). Therefore, at

the high concentrations used to collect unlabeled NMR data (� 2-3 mM RNA), G28U-
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wtTAR forms a kissing dimer in solution. Indeed, lowering the RNA concentration to

� 50 µM resulted in the disappearance of the imino assigned to the kissing GU mis-

pair. The formation of a GU mis-pair associated with the kissing dimer formation also

helps explain the unusual chemical shift of the peak previously assigned as U28, which

appears in a region of in a 2D NH spectrum typical of GU mis-pairs and not WC AU

bps.140 It should be noted that there are still unassigned and ambiguous assignments

in G28U-TAR due to severe spectral overlap in the non-exchangeable region of the

NOESY spectra.

2.4.2 Supporting Figures

FIGURE 2.7: Secondary Structure and assignments of ∆C24-wtTAR and ∆C24-
TARUUCG

(A) Overlay of 2D HSQC spectra of wtTAR (black) and ∆C24-wtTAR (red) where large chemical shift
perturbations are highlighted with black lines. (B) Secondary structure (left) and 2D HSQC overlays
of ∆C24-wtTAR (red) and ∆C24-TARUUCG (blue). Asterisks highlight apical loop residues that differ
between RNA molecules.
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FIGURE 2.8: Comparison of chemical shift for wtTAR and ∆C24-wtTAR with and with-
out Mg2�.

Shown is the secondary structure of wtTAR, highlighting the deleted bulge nucleotide in ∆C24-
wtTAR with a red X, and 2D HSQC overlays of wtTAR (black), ∆C24-wtTAR (red), wtTAR in the presence
of 4 mM Mg2+ (orange).271 Black lines highlight significant chemical shift perturbations from wtTAR at
low salt conditions to Mg2+ bound wtTAR, and ∆C24-wtTAR at low salt conditions.
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FIGURE 2.9: 2D HSQCs of wtTAR and ∆C24-wtTAR in the presence of Mg2�

(A) Shown are 2D HSQC overlays of magnesium titrations with wtTAR (top) and ∆C24-wtTAR
(bottom) at 0 mM (black), 2 mM (blue) and 4 mM (green) Mg2+. (B) 2D HSQC overlays of wtTAR (black)
and ∆C24-wtTAR (red) at the 4 mM Mg2+ titration point to highlight the similarities of the spectra in
comparison to free wtTAR and ∆C24-wtTAR (main Fig 2A, Fig S1A).
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FIGURE 2.10: 13C spin relaxation comparison

Shown are correlation plots of 13C R1 (A) and R2 (B) relaxation rates where residues are colored
according to helix 1 (red), helix 2 (blue), bulge (orange), and apical loop (green). See insert for symbols
depicting the different spins measured.

FIGURE 2.11: Residual dipolar couplings measured in ∆C24-wtTAR

(A) Comparison of RDCs measured based on splittings encoded in 13C and 1H dimensions. The
unity line is also shown. RMSD was calculated over all RDCs measured and final values utilized for
further analyses were obtained from averaging the two sets of RDC measurements (B) 2D overlay of
the 1H down-field and 13C upfield TROSY component for ∆C24-wtTAR free (red) and in the presence of
Pf1 phage (blue). (C) Comparison of the measured RDCs in helix 1 (red) and helix 2 (blue) and values
back predicted when best fitted to an idealized A-form geometry (see methods).

77



FIGURE 2.12: Relaxation dispersion profiles for wtTAR and ∆C24-wtTAR

In all cases, RD profiles show the dependence of R2+Rex on spin lock power (ωeff {p2π)) and offset
(Ω{2π) with global fits (solid lines) to the two-state Laguerre equation (Eq 2)4. Error bars represent
experimental uncertainty (1 s.d., see methods). (A) RD profiles measured in ∆C24-wtTAR (B) RD
profiles measured in wtTAR and ∆C24-wtTAR in 5 mM Mg2+. Shown are representative off-resonance
(A35-C8) and on resonance (U38-N3) RD profiles measured in wtTAR and ∆C24-wtTAR. (C) ES3 RD
profiles measured in wtTAR and ∆C24-wtTAR.

78



FIGURE 2.13: MC-Fold results for ∆C24-wtTAR

Shown are the top four results from MC-Fold142 using standard input options exploring the best
15% sub-optimal structures. Structures are in order as they were ranked from MC-Fold and labeled as
the ground state (GS) and excited states (ES) as determined by NMR.
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FIGURE 2.14: NMR spectra of G28U-∆C24-wtTAR

(A) Secondary structure of G28U-∆C24-wtTAR with the mutated G to U highlighted in green. (B)
Example imino proton NOE connectives that support a dimer formation in G28U-∆C24-wtTAR. NOE
connectivities are colored according to the G28U-∆C24-wtTAR secondary structure, with the lower
helix formation (black), uridine mis-pair formation (orange) and upper helix walk (red). (C) Exchangeable
NOE proton walk for the lower helix of G28U-∆C24-wtTAR from residues G17 to U23, and highlighting
the strong NOE for G33 H11-H8 consistent with G28U-wtTAR and the syn conformation of residue G33.
(D) 2D HSQC overlay of ∆C24-wtTAR (blue) and G28U-∆C24-wtTAR (red).
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FIGURE 2.15: NMR assignments of wtTAR-ES2UUCG and ∆C24-wtTAR-ES2UUCG

Shown are the non-exchangeable NOE walk for wtTAR-ES2UUCG (A) and ∆C24-wtTAR-ES2UUCG

(B) taken at 100C (left) and exchangeable NOE walks taken at 250C (right). The imino walks completed
are highlighted on the secondary structure inserts. (C) 2D HSQCs of ES2UUCG traps overlaid on the
corresponding spectra of wtTAR and ∆C24-wtTAR. Ambiguous assignments in ∆C24-wtTAR-ES2UUCG

are marked with an asterix.
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2.4.3 Supporting Tables

wtTAR ∆C24-wtTAR

Aromatic R1 10 (2x), 100, 200, 300, 580 (2x) 10, 50 (2x), 150, 350 (2x), 500

R2 4, 9, 14, 24, 29, 34, 39, 44, 50 4, 8 (2x), 16, 20, 24, 28, 32, 36,
40 (2x)

Aliphatic R1 10 (2x), 90, 190, 300, 600 (2x) 10 (2x), 90, 190, 300, 440, 600
(2x)

R2 0.4 (2x), 4, 10, 20, 40, 42 (2x) 0.4 (2x), 4, 10, 30, 42 (2x)

Table 2.2: Delays used in R1 and R2 relaxation experiments.

2x refers to repeated delays to assist in estimating experimental error.

Atom R1 Error R2 Error

G17 C8 1.87 0.02 29.39 0.08

G18 C11 1.4 0.03 26.9 0.5

A20 C8 1.97 0.02 28.2 0.1
C2 2.13 0.02 33.9 0.3
C11 1.47 0.01 24.5 0.6

G21 C8 1.87 0.01 34.5 0.2
C11 1.53 0.01 23 1

A22 C8 1.93 0.01 31.03 0.09
C2 2.03 0.05 35.2 0.2
C11 1.57 0.01 24.6 0.3

U23 C6 2.66 0.03 29.67 0.19
C11 1.97 0.01 17.1 0.9

U25 C6 2.73 0.01 25.64 0.07

G26 C8 1.84 0.03 32.4 0.2

A27 C8 1.9 0.02 29.9 0.2
C2 1.92 0.01 36.9 0.3
C11 1.29 0.02 30.7 0.6

G28 C8 1.87 0.02 34 0.1
C11 1.47 0.04 23.9 0.7

C29 C6 2.43 0.05 39.1 0.3
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C11 1.44 0.02 25.1 0.9

C30 C6 2.44 0.04 36.3 0.5
C11 1.68 0.02 38 2

U31 C11 1.92 0.02 34 1

G32 C8 2.2 0.02 19.9 0.1
C11 1.87 0.02 19 1

G33 C8 2.02 0.02 31.71 0.08
C11 1.73 0.01 20 0.8

G34 C8 1.94 0.01 44.1 0.3
C11 1.74 0.03 40.4 0.9

A35 C8 2.07 0.01 16.13 0.03
C11 2.06 0.03 33 1

G36 C8 1.9 0.01 34.42 0.06
C11 1.41 0.01 28 1

C37 C6 2.4 0.03 38.9 0.1
C11 1.47 0.01 24.6 0.2

U38 C11 1.5 0.01 23.7 0.8

C39 C6 2.39 0.03 36.8 0.3
C11 1.52 0.01 23.9 0.6

U40 C11 1.63 0.03 23 1

C41 C6 2.36 0.02 37.5 0.1

U42 C11 1.56 0.02 24.7 0.8

G43 C8 1.96 0.03 24.7 0.8

C45 C11 1.63 0.04 19.2 0.3

Table 2.3: Carbon R1 and R2 relaxation rates (s-1) for wt-
TAR

Atom R1 Error R2 Error

G17 C8 1.91 0.01 26.5 0.19

G18 C8 1.94 0.01 29.31 0.19
C11 1.39 0.01 29.31 0.19

C19 C6 2.43 0.02 35.07 0.16

A20 C8 2 0.02 28.14 0.1

83



C2 2.05 0 29.25 0.42
C11 1.41 0.02 23.91 0.09

G21 C8 1.94 0 29.25 0.18
C11 1.45 0.02 23.26 0.15

A22 C8 2 0.02 27.65 0.19
C2 2.04 0.02 30.02 0.32
C11 1.66 0.03 21.22 0.06

U23 C6 2.76 0 24.31 0.07
C11 2.05 0.03 17.98 0.11

U25 C6 2.65 0.01 18.97 0.13
C11 2.12 0.01 16.38 0.09

G26 C8 1.89 0.04 30.09 0.12

A27 C8 1.92 0.03 29.55 0.1
C2 1.98 0.02 30.65 0.23
C11 1.39 0.02 37.22 0.24

G28 C8 1.89 0.01 31.09 0.18

C29 C6 2.47 0.02 37.41 0.19
C11 1.44 0.02 23.79 0.14

C30 C6 2.41 0.02 36.85 0.13
C11 1.68 0.02 35.13 0.27

U31 C6 2.75 0.01 28.89 0.06
C11 1.92 0.02 37.08 0.24

G32 C8 2.21 0.01 18.66 0.07
C11 1.89 0.02 18.97 0.11

G33 C8 2.08 0.01 30.16 0.06
C11 1.75 0.02 20.14 0.19

G34 C8 2.02 0.01 46.46 0.25
C11 1.78 0.06 37.68 0.24

A35 C8 2.11 0.01 15.86 0.13
C11 2 0.05 38.3 0.29

G36 C8 1.91 0.01 31.66 0.12
C11 1.36 0.03 26.5 0.12

C37 C6 2.45 0.03 36.96 0.38
C11 1.39 0.02 24.11 0.06

U38 C11 1.43 0.02 23.83 0.11
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C39 C6 2.44 0.03 36.39 0.08

C41 C6 2.44 0.01 35.78 0.25

G43 C8 1.96 0.01 29.22 0.06
C11 1.46 0.02 27.05 0.23

C44 C6 2.45 0.03 35.69 0.12

C45 C6 2.44 0.01 32.98 0.22

Table 2.4: Carbon R1 and R2 relaxation rates (s-1) for
∆C24-wtTAR

Residue Bond Vector RDC (Hz)

G17 C8H8 4.2
C1’H1’ -15.3

G18 C8H8 1.6
N1H1 -2.3

C19 C1’H1’ -1.8
A20 C8H8 26.3

C2H2 16
G21 C8H8 34.4

C1’H1’ -29.5
N1H1 -15.4

A22 C8H8 28.8
C2H2 29.5
C1’H1’ 8.8

U23 C6H6 13.8
C1’H1’ 7.5

U25 C6H6 1.8
C1’H1’ -9.1

G26 C8H8 32.2
N1H1 -12.9

A27 C8H8 26
C2H2 33.5
C1’H1’ -19.4

G28 C8H8 30.1
N1H1 -16.8

C29 C6H6 38.7
C30 C1’H1’ 7.7
U31 C6H6 -9.7

C1’H1’ -10.5
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G32 C8H8 0.3
C1’H1’ 4.6

G33 C8H8 20.7
C1’H1’ -1

G34 C8H8 32
C1’H1’ 14.5

A35 C8H8 2.2
C1’H1’ -17.4

G36 C8H8 39.9
C1’H1’ -55
N1H1 -40.7

C37 C6H6 31.7
U38 C1’H1’ -18.8

N3H3 -12.2
U42 N3H3 -14
G43 C8H8 24.4

N1H1 -7.6
Table 2.5: ∆C24-wtTAR RDCs

RDCs measured on ∆C24-wtTAR at 250C in 15 mM sodium phosphate 25 mM sodium

chloride and 0.1 mM EDTA at pH 6.4. Estimated error is 3.7 Hz (see methods).

∆C24-wtTAR at 250C
On-resonance spinlock power (Hz)/Off-
resonance spinlock power (Hz) with [offsets]

A20-C8 150, 200, 250, 300, 350, 400, 500, 600, 700, 800,
900, 1000, 1200, 1400, 1600, 1800, 2000, 2500,
3000

G21-C8 150, 200, 250, 300, 350, 400, 500, 600, 700, 800,
900, 1000, 1200, 1400, 1600, 1800, 2000, 2500,
3000

G21-C11 150, 200, 250, 300, 350, 400, 500, 600, 700, 800,
900, 1000, 1200, 1400, 1600, 1800, 2000, 2500,
3000

100, 150, 200, 250, 300, 350, 400, 500, 600, 700,
800, 900, 1000, 1200, 1400, 1600, 1800, 2000

G21-N1 200 & �
[20, 20, 40, 60, 80, 100, 120, 140, 160, 180, 200,
225, 250, 300, 350, 400, 500]

1000 &

86



[100, 200, 300, 400, 500, 600, 700, 900, 1100,
1300, 1500, 2000, 2500, 3000, 3500, 4000]

A22-C8

50, 100, 150, 200, 250, 300, 350, 400, 500, 600,
700, 800, 900, 1000, 1200, 1400, 1600, 1800, 2000,
2500, 3000, 3500

100 & �
[50, 100, 150, 200, 250, 300, 350, 400, 450], [-500]

200 & [-800] �
[50, 100, 150, 200, 300, 400, 500, 600, 700]

400 & �
[100, 200, 300, 400, 500, 600, 700, 800, 1000,
1200]

600 & � [100, 200, 400, 600, 800, 1000, 1200,
1400, 1600, 1800]

1000 & [-3000]
� [200, 400, 600, 800, 1200, 1600, 2000, 2500]

A22-C11

150, 200, 250, 300, 350, 400, 500, 600, 700, 800,
900, 1000, 1200, 1400, 1600, 1800, 2000, 2500,
3000, 3500

150 & �
[20, 40, 60, 80, 100, 120, 140, 160, 180, 200, 220,
240, 260, 280, 300, 320, 400, 500, 600]

200 & �
[30, 60, 90, 120, 150, 180, 210, 240, 270, 300, 330,
360, 390, 420, 480, 540, 600, 700, 800]

300 & �
[40, 80, 120, 160, 200, 240, 280, 320, 360, 400,
440, 480, 520, 560, 600, 700, 800, 1000, 1200]

400 & �
[50, 100, 150, 200, 250, 300, 350, 400, 450, 500,
550, 600, 700, 800, 900, 1000, 1200, 1500]

600 & �
[75, 150, 225, 300, 375, 450, 550, 650, 800, 1000,
1200, 1400, 1600, 2000, 2500, 3000, 4000, 5000]

1000 & [1300]
[100, 200, 300, 400, 500, 700, 900, 1100, 1500,
1700, 2000, 2500, 3000, 3500, 4000, 5000, 7500]

A22-C2 150, 200, 250, 300, 350, 400, 500, 600, 700, 800,
900, 1000, 1200, 1400, 1600, 1800, 2000, 2500,
3000, 3500

U23-C6

250, 300, 350, 400, 500, 600, 700, 800, 900, 1000,
1200, 1400, 1600, 1800, 2000, 2500, 3000, 3500

200 & [-30] �
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[60, 90, 120, 150, 180, 210, 240, 270, 300, 330,
360, 390, 420, 480, 540, 600, 700, 800]

400 & �
[50, 100, 150, 200, 250, 300, 350, 400, 450, 500,
550, 600, 700, 800, 900, 1000, 1200, 1500]30, 60,
90, 120, 150, 180, 210, 240, 270, 300, 330, 360,
390, 420, 480, 540, 600, 700]

600 & �
[375, 450, 550, 650, 800, 1000, 1200, 1400, 1600,
2000, 2500, 3000, 4000, 5000]

1000 & �
[100, 200, 300, 400, 500, 700, 900, 1100, 1300,
1500, 1700, 2000, 2500, 3000, 3500, 4000, 5000,
7500]

150, 200, 250, 300, 350, 400, 500, 600, 700, 800,
900, 1000, 1200, 1400, 1600, 1800, 2000, 2500,
3000, 3500

U25-C6 150 & �
[20, 40, 60, 80, 100, 120, 140, 160, 180, 200, 220,
240, 240, 260, 280, 300, 320, 400, 500, 600]

200 & �
[30, 60, 90, 120, 150, 180, 210, 240, 270, 300, 330,
360, 390, 420, 480, 540, 600, 700, 800]

1000 & �
[100, 200, 300, 400, 500, 700, 900, 1100, 1300,
1500, 1700, 2000, 2500, 3000, 3500, 4000, 5000,
7500]

100, 150, 200, 250, 300, 350, 400, 500, 600, 700,
800, 900, 1000, 1200, 1400, 1600, 1800, 2000

G26-N1 200 & �
[20, 20, 40, 60, 80, 100, 120, 140, 160, 180, 200,
225, 250, 300, 350, 400, 500]

1000 & �
[100, 200, 300, 400, 500, 600, 700, 900, 1100,
1300, 1500, 2000, 2500, 3000, 3500, 4000]

G26-C8

150, 200, 250, 300, 350, 400, 500, 600, 700, 800,
900, 1000, 1200, 1400, 1600, 1800, 2000, 2500,
3000, 3500

200 & �
[30, 60, 90, 120, 150, 180, 210, 240, 270, 300, 330,
360, 390, 420, 480, 540, 600, 700, 800]

400 & �
[50, 100, 150, 200, 250, 300, 350, 400, 450, 500,
550, 600, 700, 800, 900, 1000, 1200, 1500]

600 & �
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[75, 150, 225, 300, 375, 450, 550, 650, 800, 1000,
1200, 1400, 1600, 2000, 2500, 3000, 4000, 5000]

1000 & �
[100, 200, 300, 400, 500, 700, 900, 1100, 1300,
1500, 1700, 2000, 2500, 3000, 3500, 4000, 5000,
7500]

A27-C2 150, 200, 250, 300, 350, 400, 500, 600, 700, 800,
900, 1000, 1200, 1400, 1600, 1800, 2000, 2500,
3000, 3500

A27-C8 150, 200, 250, 300, 350, 400, 500, 600, 700, 800,
900, 1000, 1200, 1400, 1600, 1800, 2000, 2500,
3000, 3500

A27-C11

150, 200, 250, 300, 350, 400, 500, 600, 700, 800,
900, 1000, 1200, 1400, 1600, 1800, 2000, 2500,
3000, 3500

200 & �
[10, 64, 128, 192, 256, 320, 384, 448, 512, 576,
640, 700]

400 & �
[10, 127, 254, 381, 508, 635, 762, 889, 1016, 1143,
1270, 1400]

600 & [1528] �
[10, 191, 382, 573, 764, 955, 1146, 1719, 1910,
2100]

800 & �
[10, 255, 510, 765, 1020, 1275, 1785, 2040, 2295,
2550, 2800]

1000 & [1590] �
[10, 318, 636, 954, 1272, 1590, 1908, 2226, 2544,
2862, 3180]

G28-C8 150, 200, 250, 300, 350, 400, 500, 600, 700, 800,
900, 1000, 1200, 1400, 1600, 1800, 2000, 2500,
3000, 3500

G28-N1 100, 150, 200, 250, 300, 350, 400, 500, 600, 700,
800, 900, 1000, 1200, 1400, 1600, 1800, 2000

C30-C11

100, 150, 200, 250, 300, 350, 400, 500, 600, 700,
800, 900, 1000, 1200, 1400, 1600, 1800, 2000,
2500, 3000, 3500

400 & �
[50, 100, 200, 300, 400, 500, 600, 700, 800, 1000]

1000 & [1250] �
[50, -100, 250, 500, 750, 1000, 1500, 2000, 2300,
2600]

1600 & [1000, 1400] �
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[50, 100, 200, 300, 400, 500, 800, 900, 1000, 1400,
1550, 1750, 2000, 2600, 3200, 3740, 3200, 3740,
4270, 4800, 3740, 4270]

2500 & [800, 900, 1750] �
[50, 100, 200, 300, 400, 500, 2000, 1550, 2600,
3200, 3740, 4270, 4800, 5000, 7100]

3000 & [750, 1000, 1500] �
[50, 150, 200, 300, 450, 500, 1900, 2000, 2400,
3000, 4000, 6000, 7000, 8000, 9000]

U31-C11

100, 150, 200, 250, 300, 350, 400, 500, 600, 700,
800, 900, 1000, 1200, 1400, 1600, 1800, 2000,
2500, 3000, 3500

400 & �
[50, 100, 200, 300, 400, 500, 600, 700, 800, 1000]

1000 & [1000, 1250] �
[50, 100, 250, 500, 750, 900, 1500, 1400, 2000,
2300, 2600]

1600 & [1000, 1200, 1400] �
[50, 100, 200, 300, 400, 500, 800, 900, 1550, 1750,
2000, 2600, 3200, 3740, 4270, 4800]

2500 & [625, 900, 1250, 1000] �
[50, 100, 125, 250, 375, 500, 1875, 1550, 2000,
2500, 3125, 3740, 4270, 4800]

3000 & [450, 500, 750, 1000] �
[50, 100, 200, 300, 2000, 2400, 3000, 4000, 6000,
7000, 9000]

U31-C6

250, 300, 350, 400, 500, 600, 700, 800, 900, 1000,
1200, 1400, 1600, 1800, 2000, 2500, 3000, 3500

400 & �
[50, 100, 200, 300, 400, 500, 600, 700, 800, 1000]

1600 & �
[50, 100, 200, 300, 400, 600, 800, 1000, 1200,
1400, 1750, 2000, 2100, 2600, 3200, 3740, 4270,
4800]

3000 & �
[50, 150, 300, 450, 600, 750, 1000, 1250, 1500,
1900, 2250, 2625, 3000, 3300, 3750, 6000, 7000,
8000, 9000]

G32-C11 150, 200, 250, 300, 350, 400, 500, 600, 700, 800,
900, 1000, 1200, 1400, 1600, 1800, 2000, 2500,
3000, 3500

G33-C11

50, 100, 150, 200, 300, 400, 500, 600, 700, 800,
900, 1000, 1200, 1400, 1600, 1800, 2000, 2500,
3000, 3500
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150 & [275, 325, 350, 375, 425,450, 550, 600, -100,
-500] �
[50, 150, 200, 250, 300, 400]

200 & [150, 250, 275, 325, 350, 375, 425, 450, 500,
550, 700] �
[50, 100, 200, 300, 400, 600]

300 & [150, 250, 275, 300, 325, 350, 375, 400, 425,
450, 500, 550, 600, 700, 800] �
[50, 100, 200]

400 & [ -100] �
[50, 200, 300, 400, 500, 600, 800]

1000 & [-500, -2500] �
[200, 1000, 1500, 2000, 3000]

G33-C8

150, 200, 250, 300, 350, 400, 500, 600, 700, 800,
900, 1000, 1200, 1400, 1600, 1800, 2000, 2500,
3000, 3500

150 & �
[50, 100, 150, 200, 250, 275, 300, 325, 350, 375,
400, 420, 450, 500]

200 & [-800] �
[50, 100, 150, 200, 250, 275, 300, 325, 350, 375,
400, 425, 450, 500, 550, 600, 700]

300 & �
[50, 100, 200, 250, 275, 300, 325, 350, 375, 400,
425, 450, 500, 550, 600, 700, 800, 900

800 & �
[50, 100, 250, 500, 750, 1000, 1250, 1500, 1750,
2000]

G34-C11

150, 200, 250, 300, 350, 400, 500, 600, 700, 800,
900, 1000, 1200, 1400, 1600, 1800, 2000, 2500,
3000, 3500

400 & [1000] �
[50, 100, 200, 300, 400, 500, 600, 700, 800]

1000 & [1000] �
[50, 100, 250, 500, 750, 800, 1250, 1500, 1400,
2000, 2300, 2600]

1600 & [700, 800, 900, 1200, 1300, 1400] �
[50, 100, 200, 300, 400, 600, 1300, 1750, 2000,
2600, 3200, 3740, 4270, 4800]

2500 [375, 500] & �
[50, 100, 125, 250, 1600, 1875, 2500, 3125, 3750,
4250, 4800, 5000, 7100]

3000 & [300, 450, 500, 750] �
[50, 100, 200, 2000, 3000, 4000, 7000]
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G34-C8

150, 200, 250, 300, 350, 400, 500, 600, 700, 800,
900, 1000, 1200, 1400, 1600, 1800, 2000, 2500,
3000, 3500

400 & �
[50, 100, 200, 300, 400, 500, 600, 700, 800, 1000]

1600 & �
[50, 100, 200, 300, 400, 600, 800, 1000, 1200,
1400, 1750, 2000, 2600, 3200, 3740, 4270]

2300 & �
[50, 125, 250, 375, 500, 650, 825, 1150, 1800,
2200, 3000, 4000, 4500, 5000

3000 & �
[50, 150, 300, 450, 600, 750, 900, 1000, 1300,
1500, 1900, 2250, 2625, 3000, 3300, 3750, 6000,
7000, 8000, 9000]

A35-C11

150, 200, 250, 300, 350, 400, 500, 600, 700, 800,
900, 1000, 1200, 1400, 1600, 1800, 2000, 2500,
3000, 3500

400 & �
[50, 100, 200, 300, 400, 500, 600, 700, 800, 1000]

1000 & [1000, 1250] �
[50, 100, 250, 500, 750, 900, 1500, 1400, 2000,
2300, 2600

1600 & [800, 900, 1000, 1200, 1400] �
50, 100, 200, 300, 400, 500, 1550, 1750, 2100,
2600, 3200, 3740, 4270, 4800

2500 & [625, 1250, 1000,]
[50, 100, 250, 500, 1875, 2000, 3125, 3750, 4250,
4800, 5000, 6600, 7100, 7600]

A35-C8

100, 150, 200, 300, 350, 400, 500, 600, 700, 800,
900, 1000, 1200, 1400, 1600, 1800, 2000, 2500,
3000, 3500

150 & [-500, -550] �
[50, 100, 150, 200, 250, 300, 350, 400, 450]

200 & [-800] �
[50, 100, 150, 200, 250, 300, 350, 400, 450, 500,
550, 600, 700]

300 & �
[50, 100, 200, 300, 350, 400, 450, 500, 600, 700,
800, 1000]

400 & � [600, 800, 1000, 1200]

1000 & �
[200, 500, 1000, 1500, 2000, 2500]
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G36-C8 150, 200, 250, 300, 350, 400, 500, 600, 700, 800,
900, 1000, 1200, 1400, 1600, 1800, 2000, 2500,
3000, 3500

U38-N3

50, 100, 150, 200, 250, 300, 350, 400, 500, 600,
700, 800, 900, 1000, 1200, 1400, 1600, 1800

50 & [25, 70, 90, 110, 130] �
[50, 100, 150]

100 & [25, 70, 90, 110, 130, 170, 190, 210, 230,
270, 290, 310, -100]
� [50, 150, 250]

150 & [25, 70, 90, 110, 130, , 170, 190, 210, 230,
270, 290, 310, 330, 350, 370, 390, 410, 430, 450,
-100]
� [50, 150, 250]

200 & [25, 70, 90, 110, 130, 170, 190, 210, 230,
270, 290, 310, 330, 350, 370, 390, 410, 430, 450,
475, 500, 550, 600, -100]
� [50, 150, 250]

300 &
� [30, 60, 90, 120, 150, 180, 210, 250, 300, 350,
400, 500, 600, 700, 800]

600 &
� [40, 80, 120, 160, 200, 240, 300, 400, 500, 600,
800, 1000, 1200, 1400, 1600]

U42-N3

100, 150, 200, 250, 300, 350, 400, 500, 600, 700,
800, 900, 1000, 1200, 1400, 1600, 1800, 2000

200 &
� [40, 60, 80, 100, 120, 140, 160, 180, 200, 225,
250, 300, 350, 400, 500]

400 &
� [30, 60, 90, 120, 150, 180, 210, 250, 300, 350,
400, 500, 600, 700, 800]

600 &
� [40, 80, 120, 160, 200, 240, 300, 400, 500, 600,
800, 1000, 1200, 1400, 1600, 2000]

1000 &
� [100, 200, 300, 400, 500, 600, 700, 900, 1100,
1300, 1500, 2000, 2500, 3000, 3500, 4000]

G43-N1

100, 150, 200, 250, 300, 350, 400, 500, 600, 700,
800, 900, 1000, 1200, 1400, 1600, 1800, 2000

200 &
� [20, 40, 60, 80, 100, 120, 140, 160, 180, 200,
225, 250, 300, 350, 400, 500]

1000 &
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� [100, 200, 300, 400, 500, 600, 700, 900, 1100,
1300, 1500, 2000, 2500, 3000, 3500, 4000]

Table 2.6: Spin-lock powers and offsets used in R1ρ experiments for
∆C24-wtTAR in 25 mM NaCl

wtTAR at 100C
On-resonance spinlock power (Hz)/Off-
resonance spinlock power (Hz) with [offsets]

A27-C11

100, 150, 200, 300, 400, 500, 600, 700, 800, 900,
1000, 1200, 1400, 1600, 1800, 2000, 2500, 3000

150 & [450] �
[50, 100, 150, 200, 250, 300, 350, 400]

200 & �
[30, 60, 90, 120, 150, 180, 210, 240, 270, 300, 330,
360, 390, 420, 480, 540, 600]

300 & [750, 850]
� [50, 100, 150, 200, 250, 300, 350, 400, 450, 500,
550, 600, 700, 800, 900]

400 &
� [50, 100, 150, 200, 250, 300, 350, 400, 450, 500,
550, 600, 700, 800, 900, 1000, 1200]

1000 & [-1300, -2500, -3000]
� [100, 200, 300, 400, 500, 700, 900, 1100, 1500,
1700, 2000]

1500 &
� [100, 200, 300, 400, 500, 700, 900, 1100, 1500,
1700, 2000, 2500, 3000, 3500, 4000, 5000, 7500]

G26-C8

100, 150, 200, 300, 400, 500, 600, 700, 800, 900,
1000, 1200, 1400, 1600, 1800, 2000, 2500, 3000

200 &
� [30, 60, 90, 120, 150, 180, 210, 240, 270, 300,
330, 360, 390, 420, 480, 540, 600

400 &
� [50, 100, 150, 200, 250, 300, 350, 400, 450, 500,
550, 600, 700, 800, 900, 1000, 1200]

600 &
� [75, 150, 225, 300, 375, 450, 550, 650, 800,
1000, 1200, 1400, 1600]

1000 &
� [100, 200, 300, 400, 500, 700, 900, 1100, 1300,
1500, 1700, 2000, 2500, 3000, 3500, 4000, 5000,
7500]
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Table 2.7: Spin-lock powers and offsets used in R1ρ experiments for
wtTAR in 25 mM NaCl

wtTAR in 5 mM Mg2+
On-resonance spin-lock power (Hz)/Off-
resonance spinlock power (Hz) with [offsets]

A35-C8

100, 150, 200, 300, 400, 500, 600, 700, 800, 900,
1000, 1200, 1400, 1600, 1800, 2000, 2500, 3000

200 &
� [30, 60, 90, 120, 150, 180, 210, 240, 270, 300,
330, 360, 390, 420, 480, 540, 600]

400 &
� [50, 100, 150, 200, 250, 300, 350, 400, 450, 500,
550, 600, 700, 800, 900, 1000, 1200]

600 &
� [75, 150, 225, 300, 375, 450, 550, 650, 800,
1000, 1200, 1400, 1600]

1000 &
� [100, 200, 300, 400, 500, 700, 900, 1100, 1300,
1500, 1700, 2000, 2500, 3000]

U38-N3 200, 300, 400, 500, 600, 700, 800, 900, 1000, 1200,
1400, 1600, 1800, 2000, 2500, 3000, 3500

Table 2.8: Spin-lock powers and offsets used in R1ρ experiments for
wtTAR in 5 mM Mg2+.

∆C24-wtTAR in 5 mM Mg2� On-resonance spinlock power (Hz)/Off-
resonance spinlock power (Hz) with [offsets]

A35-C8

100, 150, 200, 300, 400, 500, 600, 700, 800, 900,
1000, 1200, 1400, 1600, 1800, 2000, 2500, 3000

200 &
� [30, 60, 90, 120, 150, 180, 210, 240, 270, 300,
330, 360, 390, 420, 480, 540, 600, 700]

400 &
� [50, 100, 150, 200, 250, 300, 350, 400, 450, 500,
550, 600, 700, 800, 900, 1000, 1200, 1500]

600 &
� [75, 150, 225, 300, 375, 450, 550, 650, 800,
1000, 1200, 1400, 1600]

1000 &

95



� [100, 200, 300, 400, 500, 700, 900, 1100, 1300,
1500, 1700, 2000, 2500, 3000]

U38-N3 150, 200, 300, 400, 500, 600, 700, 800, 900, 1000,
1200, 1400, 1600, 1800, 2000, 2500, 3000

Table 2.9: Spin-lock powers and offsets used in R1ρ experiments for
∆C24-wtTAR in 5 mM Mg2+.

∆C24-wtTAR Temp. R1 (Hz) R2 (Hz) kex (s�1) k1 (s�1) k�1 (s�1)

Population

∆ωESand
Lifetime (p.p.m.)

C30-C11 250C
2 � 26 � 27016 4267 � 22749 � 16 � 2 �
0.2 1 1425 1080 5760 4% 0.2

U31-C11 250C
1.4 � 25 � 2.2 �
0.2 1 0.2

U31-C6 250C
2.1 � 31 � -1.4 �
0.1 1 0.1

G34-C11 250C
2.2 � 28 � 44 � 2 �
0.1 1 11 µs 0.2

G34-C8 250C
1.4 � 35 � 2.6 �
0.1 2 0.2

A35-C11 250C
2 � 22 � 2.6 �
0.3 3 0.3

Table 2.10: Globally fitted R1ρ parameters for ∆C24-wtTAR ES1.

∆C24-wtTAR Temp. R1 (Hz) R2 (Hz) kex (s�1) k1 (s�1) k�1 (s�1)

Population

∆ωESand
Lifetime (p.p.m.)

A22-C11 250C
1.07 � 23.7 � 541 � 0.9 � 540 � 0.17 � 1.7 �
0.07 0.1 93 0.2 115 0.02% 0.3

U23-C6 250C
2.1 � 31.2 � -3.5 �
0.1 0.2 0.6

G33-C8 250C
1.4 � 37.2 � 2.7 �
0.1 0.2 0.5

G33-C11 250C
0.53 � 21.6 � 1.8 � 2.4 �
0.08 0.1 0.5

A35-C8 250C
1.86 � 20.55 � 0.4 ms -2.3 �
0.03 0.05 0.1

96



U38-N3 250C
1.52 � 6.52 � -4.5 �
0.03 0.03 0.1

Table 2.11: Globally fitted R1ρ parameters for ∆C24-wtTAR ES2.

Temp. R1 (Hz) R2 (Hz) kex (s�1) k1 (s�1) k�1 (s�1)

Population

∆ωESand
Lifetime (p.p.m.)

U23-C6 250C
1.07 � 23.7 � 541 � 0.9 � 540 � 0.17 � 1.7 �
0.07 0.1 93 0.2 115 0.02% 0.3

Table 2.12: Globally fitted R1ρ parameters for ∆C24-wtTAR U23-C6.

Temp. R1 (Hz) R2 (Hz) kex (s�1) k1 (s�1) k�1 (s�1)

Population

∆ωESand
Lifetime (p.p.m.)

G26-C8 250C

1.12 � 32.2 � 5043 � 12 � 5031 � 0.24 � -7.5 �
0.05 0.2 327 7 372 0.2

0.01%

A27-C11 250C
-0.11 � 38.9 � 199 � 4.1 �

0.07 0.4 15 µs 0.2

Table 2.13: Globally fitted R1ρ parameters for ∆C24-wtTAR ES3.

Temp. R1 (Hz) R2 (Hz) kex (s�1) k1 (s�1) k�1 (s�1)

Population

∆ωESand
Lifetime (p.p.m.)

G26-C8 100C

1.29 � 52.4 � 2303 � 4.3 � 2299 � 0.18 � -6.5 �
0.08 0.2 387 0.8 425 0.9

0.01%

A27-C11 100C
1.19 � 56.8 � 434 � 4.5 �

0.2 0.4 80 µs 0.3

Table 2.14: Globally fitted R1ρ parameters for wtTAR ES3.

Temp. R1 (Hz) R2 (Hz) kex (s�1) k1 (s�1) k�1 (s�1) ∆ωESPopulation
(p.p.m.)
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A35-C8 250C

0.06 � 28 � 18583 � 750 � 17833 � 4 � -3.1 �
0.06 2 1643 200 4730 1% 0.3

Table 2.15: Individually fitted R1ρ parameters for ∆C24-wtTAR in the
presence of Mg2+

Temp. R1 (Hz) R2 (Hz) kex (s�1) k1 (s�1) k�1 (s�1) ∆ωESPopulation
(p.p.m.)

A35-C8 250C

-0.52 � 30 � 13303 � 348 � 12954 � 2.6 � -3.0 �
0.07 1 930 86 2829 0.5% 0.3

Table 2.16: Individually fitted R1ρ parameters for wtTAR in the pres-
ence of Mg2+

A27-C11 Parameters
2-state
(GS, ES3)

3-state
(GS, ES2, ES3)

R1 (Hz) -0.14 � 0.08 -0.21 � 0.8
R2 (Hz) 39.2 � 0.4 39.8 � 0.4
kex (s-1), ES2 - 2014 � 1263
Pop. ES2 - 0.15 � 0.06%
∆ω,ES2 - -2.1 � 0.8
kex (s-1), ES3 4879 � 456 4012 � 560
Pop. ES3 0.229 � 0.009% 0.20 � 0.01%
∆ω,ES3 -7.6 � 0.2 -8.3 � 0.3
Reduced χ2 0.28 0.26
R2 0.999 0.998
AIC Test 3-State

Table 2.17: Comparison of 2- and 3-state exchange for ∆C24-wtTAR A27-C11 at 250
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3

Increasing the Length of Polypyrimidine Bulges
Leads to Broader RNA Conformational

Ensembles While Minimally Impacting Coaxial
Stacking Energetics

Helical elements separated by bulges frequently undergo transitions between unstacked

and coaxially stacked conformations during the folding and function of non-coding RNAs.

Here, we use HIV-1 TAR RNA as a model system and solution NMR spectroscopy to ex-

amine the dynamic properties of poly-pyrimidine bulges of varying length (n = 1, 2, 3, 4

and 7) across a range of Mg2+ concentrations. In the absence of Mg2+ (25 mM monova-

lent salt), helices linked by n © 3 bulges adopt predominantly unstacked conformations

(> 84%) whereas 1-bulge and 2-bulge motifs adopt predominantly stacked conformations

(> 74%). Increasing n leads to increasingly broader and more kinked inter-helical dis-

tributions with the 2-bulge motif being biased toward more linear conformations. In the

presence of 3 mM Mg2+, the helices predominantly coaxially stack (> 75%), regardless of

bulge length, and the midpoint for the Mg2+-dependent stacking transition does not vary

significantly (within 3-fold) with bulge length. Based on an NMR chemical shift mapping

approach, in the absence of Mg2+, the differences between the energetics of inter-helical

coaxial stacking across the bulge variants is estimated to be �2.9 kcal/mol with stack-
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ing being more energetically disfavored for the longer bulges. This difference decreases

to �0.4 kcal/mole in the presence of 3.2 mM Mg2+. NMR residual dipolar coupling and

resonance intensity data show increased dynamics in the stacked state with increasing

bulge length in the presence of Mg2+. Thus, the similar overall free energies for coax-

ial inter-helical stacking in the presence of Mg2+ appear to arise in part because there

are more states for the coaxial conformation with increasing bulge length. Energetically

compensated inter-helical stacking dynamics may help to maximize the conformational

adaptability of RNA allowing a wide range of conformations to be optimally stabilized by

proteins and ligands.

3.1 Introduction

Studies over the past two decades have established a plethora of functions for non-

coding RNA (ncRNA).35,87,273,274 The biological mechanisms of many ncRNAs require

highly coordinated conformational changes that are not only essential for the proper fold-

ing and assembly of RNA and ribonucleoprotein complexes, but also that provide the basis

for RNA-based molecular switches.109,114,246 A common RNA conformational transition

involves changing the orientation of helical domains linked by bulges, internal loops, and

higher order junctions from linear coaxially stacked conformations to what can be a broad

range of bent inter-helical conformations. Such transitions can help orient motifs involved

in tertiary contacts21,22,275,276 or optimize intermolecular interactions with ligands,229,277

proteins,119,278 and metal ions181,279 that bind inter-helical junctions. Indeed, a survey

of the Protein Data Bank (PDB)91 shows that RNA helices linked by bulges tend to pre-

dominantly adopt near coaxially stacked conformations whereas kinked conformations are

more often observed in RNA-protein and RNA-ligand complexes (Fig 3.1A). Thus, a deep

understanding regarding the dynamic behavior of helices across junctions is key for ad-

vancing RNA structure prediction,280,281 RNA-targeted drug discovery,220,229 the design of

RNA-based devices282,283 as well as for understanding and manipulating biological RNA

and RNA/protein machines.

The most common RNA inter-helical junction is the bulge motif, an asymmetric single
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strand that adjoins two helical domains (Fig 3.1B).89,284,285 Studies employing transient

electric birefringence (TBE) have shown that at low salt concentrations (2 mM NaCl), poly-

A and poly-U bulges induce kinks that increase as the bulge length increases from one

to six nucleotides (nts).46 Additional studies employing Föster resonance energy trans-

fer (FRET) show that in 100 mM NaCl the average bend angle between RNA helices

increases up to seven nts, but that further addition of bulge nts results in more linear

conformations, likely because the bulge nts can pair up to form helical stems that impose

unique topological constraints.41 This increase in average kink angle with bulge length can

be explained by simple topological models in which helices sample broader inter-helical

distributions as connectivity constraints are weakened.130,131 For Un bulges (where n is

equal to the number of bulge nts), the addition of 2 mM Mg2+ helps neutralize electrostatic

charge repulsion and promotes inter-helical coaxial stacking through a process that likely

requires the flipping out of the bulge nts.46,181,187 However, for An bulges, a greater ten-

dency to stack intra-helically hinders inter-helical coaxial stacking even in the presence of

Mg2+.46,74 Together, these studies show that many competing factors including the length

and sequence of the bulge as well as the concentration and identity of metal ions present

in solution can influence the dynamic behavior of bulges.36–38,40,41,46,193
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FIGURE 3.1: RNA bulges sample a wide range of conformations.

(A) A survey of the PDB (see methods) showing the absolute value of the average inter-helical bend
angle (|βh|) for free RNA bugles (left) and crystallized in the presence of proteins (right). Due to the
low number of PBD entries for RNA bulges © 4 nts, only 1 (red), 2 (blue) and 3 (green) nt bulges were
analyzed. (B) Previously proposed187 two-state Mg2+ induced transition in HIV-1 TAR. The unstacked
ensemble (left) represents the 20-member ground state ensemble of wtTAR determined at low salt
concentration171 and the stacked state (right) is represented by crystal structure of wtTAR (PDBID:
397D)181 determined in the presence of 100 mM Ca2+ (highlighted as green spheres).

The trinucleotide bulge in the transactivation response element (TAR) RNA from the

human immunodeficiency type-1 virus (HIV-1) has served as a model system for study-

ing the behavior of poly-pyrimidine bulges89,185,187,193,219,260,286,287 (Fig 3.1B). Stacking

of helices across the TAR bulge is proposed to play important roles in the assembly of a

ribonucleoprotein (RNP) complex that activates transcription.177,288 In addition, the TAR

helices sample a variety of unstacked conformations,156,166,180,182,184,227,287 which can be

stabilized when bound to different small molecules.206,220 Biophysical studies employing a

variety of techniques47,131,150,156,171,181,187,194,227,287,289 have shown that at low salt con-

centrations (25 mM NaCl) and in absence of divalent cations, the two TAR helices are

unstacked and on average kinked by �450 relative to one another, with a highly dynamic

102



underlying ensemble of inter-helical conformations.47,77,155,185 The bulge residue U23

stacks on the junctional A22, while bulge residues C24 and U25 are looped out and highly

flexible (Fig 1.1B, left). The stacked state is thought to be disfavored in the absence of

metal ions due to electrostatic repulsion at the bulge.187 In contrast, in the presence of di-

valent cations (Mg2+ or Ca2+), the two TAR helices adopt a coaxially stacked and more rigid

conformation in which all three bulge nucleotides are flipped out (Fig 3.1B, right).131,156,171

A crystal structure of the coaxially stacked (inter-helical bend angle is �50) TAR confor-

mation shows four Ca2+ ions that help neutralize electrostatic repulsion through a network

of inner- and outer-sphere interactions (Fig 1.1B, right).181 NMR studies indicate that TAR

exists in a 2-state dynamic equilibrium between the rigid coaxial and flexible unstacked

conformations.187,189 Increasing the concentration of Mg2+ or Na+, shortening the bulge

from three to two nts143 , or replacing A22U40 with G22C40 shift the equilibrium in favor

of the coaxial conformation.227

Here, we build on prior studies of HIV-1 TAR and use NMR spectroscopy to investigate

how systematically shortening or elongating the bulge impacts the dynamic properties of

unstacked and stacked states as well as their relative energetics. We find that with the

exception of the n = 1 bulge, all bulge variants (n = 2 ,3, 4 and 7) exhibit a 2-state Mg2+

dependent stacking transition. Increasing the bulge length leads to broader conforma-

tional distributions in both the stacked and unstacked ensemble but has a limited effect

on the energetics of coaxial inter-helical stacking in the presence of Mg2+. Energetically

compensated stacking dynamics may help to maximize the conformational adaptability of

RNA allowing a wide range of conformations to be optimally stabilized by proteins and

ligands, and sampled during folding of large RNAs.

3.2 Materials and Methods

3.2.1 Sample Preparation

In vitro Transcription

RNA NMR samples were prepared by in vitro transcription using T7 RNA polymerase

(Fischer Scientific), uniformly labeled 13C/15N nucleotides (Cambridge Isotopes Labora-
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tories, Inc.), and synthetic DNA templates (Integrated DNA Technologies), which contain

the T7 promoter sequence (TTAATACGACTCACTATA) and RNA sequence. Samples were

purified with denaturing, 8 M Urea and 1x tris-borate-EDTA, PAGE. RNA was excised af-

ter briefly shadowing the gel at 365 nm using a UV handlamp, followed by electro elution

(Whatman, GE Healthcare) in 1x tris-acetic acid-EDTA. The eluted RNA was concentrated

followed by ethanol precipitation. The RNA was then annealed by heating to 950C for 5-10

min and snapped cooled on ice for 1 h. Finally, samples were buffer exchanged using

centrifugal concentration into NMR buffer (15 mM sodium phosphate, 25 mM NaCl, 0.1

mM EDTA and pH’d to 6.4 using concentrated 12 M HCl or 5 M NaOH). 10% D2O was

added to each sample before data was collected.

Solid-phase Oligonucleotide Synthesis

Unlabeled U2TAR used in 2D NOESY NMR experiments was synthesized with the

MerMade 6 DNA/RNA synthesizer (Bioautomation) using standard phosphoramidite chem-

istry and base and 21-hydroxyl deprotection protocols. Samples were purified using Glen-

Pak RNA purification cartridges following product protocol which can be found online

(www.glenresearch.com). After purification the RNA was ethanol precipitated, and buffer

exchanged as described above.

3.2.2 Resonance Assignments

Resonance assignments for TAR variants were obtained by overlaying 2D HSQC spec-

tra of TAR variants with spectra of wtTAR185 and U2TAR143 as well as HCN experiments

to confirm sugar and aromatic assignments (Fig 3.23,3.24,3.25). Experiments were pro-

cessed using NMRPipe,265 and visualized in SPARKY.266

3.2.3 Measuring Residual Dipolar Couplings

One-bond C-H splitting1s (1DCH) in base (C2H2, C6H6, and C8H8) and sugar (C11H11)

moieties were measured with 2D 13C-1H S3E HSQC experiments, which encode splittings

in either the 1H or 13C dimension,.290,291N-H splittings (1DNH) were measured using 2D

1H/15N HSQC experiments employing spin-state selection, which encode splittings in the
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1H dimension292 and a decoupled 2D 1H/15N HSQC was used to measure splittings in

the 15N dimension. RDCs were calculated by taking the difference between splittings

measured in the absence (J) and presence (J+D) of 15-23 mg/mL of Pf1 phage (Asla

biotech, Ltd.) aligning medium. The RDCs measured from the two sets of experiments

were averaged and used in subsequent analyses (3.18A and Table 3.10–3.11). The root-

mean-square deviation (RMSD) between RDCs measured using splittings encoded in 1H

versus 13C/15N dimension was used to estimate the RDC measurement uncertainty (Fig

3.18A). Data was collected on a 600 MHz Bruker NMR spectrometer equipped with an

HCN cryogenic probe for U1 and U7TAR in NMR buffer, and U7TAR in NMR buffer with 3

mM Mg2+, and on a 700 MHz Bruker NMR spectrometer equipped with a 5mM QXI room

temperature quadrupolar probe (1H/19F/13C/15N) with Z-axis pulse field gradients for U1

and wtTAR in NMR buffer with 3 mM Mg2+.

3.2.4 Order Tensor Analysis of RDCs.

RDCs measured in non-terminal Watson-Crick base pairs (G18-C44, C19-G43,A20-

U42 in helix 1 and G26-C39, A27-U38, G28-C37 in helix 2) were subjected to an order

tensor analysis (78) using the program RAMAH (79) as described previously.153,159 The

analysis employed idealized A-form helices as the input structure for the two helices. The

helices were created in Insight II (Molecular Simulations, San Diego, CA) correcting the

propeller twist to 150. Uncertainties in the best-fit order tensor were estimated with the pro-

gram AFORM-RDC.158 Average inter-helical orientations were determined by rotating the

input idealized A-form helix into the principal axis system (PAS) of the best-fit order tensor

frame. Degeneracies in the structures269 were then determined by visualizing helices in

PyMOL http://www.pymol.org where helix 2 was superimposed onto helix 1. Helices were

then rotated by 1800 in Szz, Syy, and Sxx axes of the PAS. Selected poses were chosen

such that the distances from U40(P)-C39(O31) and A22(O31)-G26(P) were < 1.59 Å and <

4.9 Å times the number of bulge residues. This eliminated degeneracies for all molecules

expect U7TAR measured in NMR buffer and 3 mM Mg2+ (the degenerate solution can

be found in supporting information Fig 3.19B). Inter-helical Euler angles for the allowed
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orientations were then calculated using an in-house C program based on Euler-RNA.159

RDCs for TAR variants were normalized relative to wtTAR using a normalization factor

that is based on the ratio of helix 2 values. In all cases, RDCs measured in the A-form he-

lices showed an excellent fit to the idealized A-form geometry (Fig 3.19A,D), as described

previously for wtTAR185 and U2TAR.143

3.2.5 Chemical Shift Titrations and Determination of [Mg2+]1/2.

Aromatic SOFAST-HMQCs263 were collected on a 600 MHz Bruker NMR spectrometer

equipped with an HCN cryogenic probe. Twelve 13C/15N labeled samples of wtTAR and

each bulge mutant was diluted to 25 µM RNA at 500 µL in NMR buffer after sample

preparation (see above). Each sample was then subjected to 18 hours of dialysis against

500x the sample volume of NMR buffer containing 0, 0.025, 0.05, 0.01, 0.2, 0.4, 0.8, 1.6,

3.2, 6.4, 12.8, 25.6 mM Mg2+ using a 1 kDa molecular weight cut off Tube-O-DIALYZER

Medi unit (G-Biosciences). Buffer was changed after 3 h, 12 h, and an additional 3 h

to ensure complete thermodynamic equilibration. Additional dialysis titration experiments

on wtTAR were conducted using the same dialysis protocol and Tube-O-DIALYZER Medi

units. In one case EDTA was removed from the NMR buffer and all subsequent buffers

containing Mg2+ (Fig 3.8B). In the other the [wtTAR] was 0.3 mM and additional titration

points were added (0.075, 0.15, 0.25, 0.3, 0.6, 1.2, 2.4, and 32 mM Mg2+) (Fig 3.8C).

Chemical shift values were measured using SPARKY266 after processing in NMR-

Pipe.265 Chemical shifts were fit to an expression (3.1) describing one site binding using an

in-house python script available on-line (https://github.com/DrCornFlakes/ChemicalShitTitrations)

and in Appendix A.

δobs � δu �∆δ

�
rMg2�

frees

rMg2�s1{2 � rMg2�
frees



(3.1)

where δobs is the observed chemical shift, δu is the fitted chemical shift of the unstacked

state, ∆δ is the difference between the chemical shift of the unstacked and the stacked

state, and [Mg2+]1/2 is apparent equilibrium constant for Mg2+ binding. In the case of res-

onances that report on stacking, it is assumed to be the concentration of Mg2+ in which
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the RNA is has a 50% population between stacked and unstacked states. The expres-

sion assumes that any chemical shift is only sensitive to one Mg2+ dependent transition.

Note that carrying out the titrations using buffer exchange simplifies this expression since

the concentration of free [Mg2+] is known, one does not have to solve for total and free

concentrations of [Mg2+]. Fits are shown in Fig 3.10–3.16, with listed fitted parameters in

Tables 3.2–3.8.

The uncertainty in the fitted parameters was estimated using Monte-Carlo simulations.

Briefly, for a given TAR variant, all CSPs were fit to Eq. 3.1. The differences between

the measured CSps and values back-calculated from a fit to Eq. 3.1 were then fit to a

Gaussian distribution to obtain a standard deviation (σ1). Simulations were then preformed

in which each CSP data point was perturbed by an amount determined by selecting values

from the Gaussian distribution, and the noise corrupted data was then re-fit to Eq. 3.1.

Simulations were repeated 2,000 times and the standard deviation in each fitted parameter

was used to approximate the uncertainty in the fitted parameter (Tables 3.2–3.8) which are

shown in 3.10–3.16 as blue error bands.

The non-linear CSP trajectory of A22-C8 in U2TAR was fitted (Fig 3.17) to a more

complex model (Eq 3.2) that assumes two independent binding sites,293

δobs �
δurMg2�s1{2p1q � δuMg��prMg2�s1{2p1q � rMg2�s1{2p2qq � δsrMg2�

frees
2

rMg2�s1{2p1q � prMg2�s1{2p1q � rMg2�s1{2p2qq � rMg2�
frees

2
(3.2)

where δu is the chemical shift of the unstacked state, δu,Mg�� is the chemical shift of the

unknown helical Mg2+ dependent event, δs is the chemical shift of the stacked state, and

rMg2+s1/2(1)1{2 and rMg2+s1/2(2)1{2 are the fitted equilibrium constants. Table 3.9 lists fitted

parameters with the standard error between measured and fitted data.

3.2.6 PDB Survey of RNA Two-way Junctions

All available nucleic acid X-ray structures in the PDB91 released before August 16,

2017 were downloaded as biological assemblies. An in-house Python script based on

previous work294 was adopted to search and extract coordinates of all two-way junctional

motifs. DSSR295 was used to parse sequence and structural information into a complete
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database using an in-house python code https://github.com/alhashimilab/RNAJunction.

Euler angles were computed using an in-house python script based on Euler RNA.296

3.2.7 Molecular Dynamics Simulation

A 3.3 ms continuous MD simulation was run using AMBER 12297 and the ff99bsc0

force field298 for U2TAR. Starting coordinates were obtained from model 1 of the NMR

solved structure of U2TAR190 (PDBID: 1ANR) after removing the small molecule argini-

namide. A total of 33,000 conformers were utilized in the distance measurements (Fig

3.21).

3.3 Results and Discussion

3.3.1 Mg2+-dependent Inter-helical Stacking Transition Monitored by NMR Chemical
Shift Mapping

We used NMR chemical shift mapping experiments to examine whether four poly-U

variants of wtTAR containing one, two, four, and seven uridine bulges (UXTAR, where X

denotes the number of uridines in the bulge motifs) (Fig 3.1A) also under Mg2+-dependent

inter-helical stacking transitions. Prior studies showed that coaxial stacking of wtTAR in-

duced by increasing the concentration of either Mg2+ or Na+187,189 or through replacement

of A22-U40 with G22-C40227 results in specific chemical shift perturbations (CSPs) at nts

in and around the bulge, specifically residues A22, U23, and C24 (Fig 3.2A). These CSPs

report on conformational differences between the unstacked and stacked states with U23

being partially flipped in the unstacked state but flipped out in the stacked conformation

(Fig 3.1B).

In prior studies of wtTAR, 2D HSQC spectra were collected following incremental ad-

dition of Mg2+ to TAR.187 Here, we carried out analogous experiments by dialyzing each

TAR NMR samples into the desired [Mg2+]. This was important to properly account for

the free [Mg2+] when deriving thermodynamic parameters of interest. We also used lower

RNA concentrations (25 µM) to facilitate comparison to other biophysical studies that em-

ploy lower RNA concentrations and in which the free concentration of Mg2+ is assumed
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to be known. For each TAR variant, NMR spectra were recorded at eleven different Mg2+

concentrations at 250C using aromatic SOFAST-HMQCs263 for optimal data collection.

In the absence of Mg2+, shortening or elongating the wtTAR bulge resulted in large

CSPs at the same residues in and around the bulge that experience CSPs in wtTAR upon

coaxial inter-helical stacking (Fig 3.2B, Fig 3.7A). Relative to wtTAR, shortening the bulge

resulted in CSPs that are similar to those observed upon addition of Mg2+ or Na+, whereas

elongating the bulge leads to oppositely shifted CSPs (Fig 3.2B, Fig 3.7B). Additionally,

line-width analysis reveals that the local bulge flexibility at picosecond-to-nanosecond

timescales increases as the bulge is elongated (Fig 3.9A). These results indicate that

shortening/elongating the bulge leads to an increase/decrease in the fractional population

of the stacked state.

Increasing the concentration of Mg2+ resulted in CSPs for all TAR variants, with the

largest CSPs generally observed in and around the bulge as reported previously for wt-

TAR (Fig 3.2C, Fig 3.8A). The direction of the CSPs in the TAR variants were also similar to

those observed for wtTAR and are consistent with an increase in the fractional population

of the stacked state. U1TAR experiences smaller CPSs and does not reach the chemical

shift positions observed for the other variants, indicating that it does not undergo a Mg2+

dependent stacking transition. While NMR spectra of the TAR variants recorded at low salt

differ significantly (Fig 3.2B), reflecting differences in the relative populations of stacked

and unstacked states, as well as potential differences in the stacked and unstacked en-

semble, the spectra recorded at saturating Mg2+ are much more similar consistent with

stabilization of a predominantly coaxial conformation (Fig 3.2D).
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FIGURE 3.2: NMR chemical shift mapping of bulge variants in 25 mM NaCl and 25
mM NaCl and 3 mM Mg2+.

(A) The secondary structure of HIV-1 TAR, highlighting helix 1 (red), helix 2 (blue), bulge (orange),
and apical loop (green). Also shown are the TAR variants, in which the UCU bulge is replaced with
poly-pyrimidine bulges of varying length. (B) Aromatic 2D HSQC overlay of wtTAR and TAR bulge
variants, with arrows pointing from the largest (U7TAR) to the smallest (U1TAR) bulge mutants. Solid
lines highlight CSPs which are similar in direction and magnitude as previously reported CSPs of wtTAR
and Mg2+,187 indicating having more or less bulge residues is similar to altering the [Mg2+] in the buffer
solution. Dashed lines, on the other, hand highlight both linear and non-linear trends that deviate
from previously observed [Mg2+] shifts and suggest bulge variants have different ensembles of the
stacked and/or unstacked ensembles. (C) Overlays of Aromatic SOFAST-HMQC spectra for the TAR
variants recorded at various magnesium concentrations, highlighting residues A22 and U23 that report
on stacking as well as the more complex behavior observed at residue G26. (D) Aromatic SOFAST-
HMQC overlay of wtTAR and bulge mutants at 25.6mM Mg2+. CSPs with relatively large differences
as compared to helical resonances suggesting the ensemble of the stacked state varies between bulge
variants are highlighted in black boxes.

3.3.2 Similar Midpoints for the Mg2+ Dependent Stacking Transition

With a few exceptions noted below, all Mg2+ dependent CSPs measured in the TAR

variants could be satisfactorily fit to a 2-state model, indicating that all TAR variants exist

in a dynamic equilibrium between unstacked and stacked conformations (Fig 3.3A, Fig

3.10–3.13,3.14, and Table 3.2–3.6). In general, the midpoints ([Mg2+]1/2) for the Mg2+

dependent stacking tend to be higher (�0.4 mM) for resonances within helices that are
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far from the bulge and that are not sensitive to the stacking transition (Fig 3.3B, top).

These resonances likely report small local conformational changes due to interactions

with ion atmosphere. In contrast, smaller [Mg2+]1/2 values (0.1-0.4mM) were observed

for resonances A22-C8 and U23-C6 which are sensitive to the stacking transition (Fig

3.3A). These values do differ across the TAR variants, and tend to be smaller for shorter

bulge variants, reflecting tighter Mg2+ association. This could reflect a reduction in the

conformational entropy penalty accompanying coaxial stacking as the bulge is shortened

(Fig 3.3B, bottom).

For U1TAR, all of the measured [Mg2+]1/2 values were �0.4 mM, which is again con-

sistent with the absence of a specific stacking transition (Fig 3.3B, top). Additionally, Mg2+

midpoints for G26 and A22-C2 were �0.4 mM, consistent with the non-specific Mg2+ bind-

ing rather than inter-helical stacking. Finally, we note that A22-C8 for U2TAR deviates

from 2-state behavior (Fig 3.3A, Fig 3, SI Table 2). Fitting to a two-site binding equation

(see methods) resulted in a low [Mg2+]1/2 value of 0.10 consistent with Mg2+-dependent

co-axial inter-helical stacking and a higher [Mg2+]1/2that is consistent with non-specific in-

teractions with the ion atmosphere (Fig 3.17, Table 3.9).
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FIGURE 3.3: Measurement of apparent [Mg2+]1/2 based on the NMR CSPs.

(A) [Mg2+]1/2 fits for wtTAR and bulge variants at A22-C8 and U23-C6, which are sensitive to the
stacking transition (see inset for color and symbol legend). (B) [Mg2+]1/2 values as a function of bulge
length for all resonances in common between TAR variants in helix 1 (red), bulge (orange), and helix 2
(red) (top, see inset for legend) and specific comparison of A22 and U23 (bottom).

3.3.3 Similar Stacking Energetics in the Presence but not Absence of Mg2+

We used NMR chemical shifts of A22-C8 and U23-C6, which are uniquely sensitive to

coaxial stacking, to estimate the relative population of the unstacked and stacked states

for the TAR variants in the absence and presence of Mg2+. The observed chemical shifts

(obs) for a given TAR variant is assumed to represent a population weighted average over

the chemical shifts of the stacked (stack) and unstacked (unstack) conformations, such

that δobs = pstack δstack+punstack δunstack and pstack+punstack = 1, where pstack and punstack

are the fractional populations of stacked and unstacked states, respectively. δstack was

obtained from fitting Mg2+ dependent CSPs in U7TAR while δunstack was obtained from

prior work based on fitting both Mg2+ and Na+ CSPs in wtTAR.187 We then used the values

of δobsobs, δstack, and punstack to solve for pstack and punstack for each TAR variant. Similar

results were obtained when using δstack obtained from fitting CSPs to other bulge mutants

or the chemical shifts measured at 25 mM NaCl with 25.6 mM Mg2+ for any bulge variant

and when using the observed chemical at 25 mM NaCl directly for wt, U4, and U7TAR to
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represent δunstack.

Similar populations were obtained when using U23-C6 or A22-C8 chemical shifts to

estimate the populations, indicating that these resonances report on the same two-state

conformational equilibrium. Based on these chemical shifts, the average population of the

stacked state in 25 mM NaCl without Mg2+ is estimated to be 72, 73, 21, 9, and 3% for

U1, U2, wt, U4, and U7TAR respectively. This corresponds to free energy differences of

coaxial stacking (∆G = ∆Gstack - ∆Gunstack) ranging between -0.61 and 2.25 (Fig 4A). The

differences in inter-helical stacking energetics relative to wtTAR (GG(variant) - G(wtTAR))

are -1.39, -1.43, 0.61, 1.18 kcal/mol for U1, U2, U4, and U7TAR, respectively (Fig 3.4).

As expected, the population of the stacked state decreases for longer bulges presumably

due to the greater entropic cost accompanying stacking.127,128 However, the changes in

stacking energetics are also complex; we observe little to no change in the stacking ener-

getics between U1 and U2TAR (∆G = 0.04 kcal/mol) but removing a single nt from wtTAR

stabilizes stacking to an extent (∆G = -1.43 kcal/mol) much greater than the destabilizing

effects observed when adding four bulge nts (∆G = 0.61 kcal/mol). The same analysis

reveals that the population of the stacked state in the presence of 3.2 mM Mg2+ increases

to 88, 82, 86, 91% for U2, wt, U4, and U7TAR, respectively (Fig 3.4). This brings down

the difference in inter-helical stacking energetics relative to wtTAR (∆∆G) to -0.29, -0.21,

-0.45 kcal/mol for U2, U4, and U7TAR (Fig 3.4). Therefore, Mg2+ significantly reduces the

dependence of stacking energetics on bulge length.
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FIGURE 3.4: Energetics of inter-helical coaxial stacking the TAR bulge variants.

(A) Free energy differences between the stacked and unstacked states for each bulge vari-
ant (∆Gstack - ∆Gunstack) and (B) the relative free energy as compared to wtTAR (∆∆G(variant) -
∆∆G(wtTAR)) at 25 mM NaCl (grey) and 25 mM NaCl + 3.2 mM Mg2+ (gold). Error bars represent
an estimated error due to imprecise chemical shift measurements, which was estimated to be approx
0.02 p.p.m. for 13C.

3.3.4 NMR RDCs and Resonance Intensities Confirm Mg2+-dependent Inter-helical
Stacking

We used NMR residual dipolar couplings (RDCs)120,121 to further confirm and char-

acterize the Mg2+ dependent stacking transition in the TAR variants. RDCs measured

between two nuclei provide long-range information regarding the orientation of the inter-

nuclear vector and the applied magnetic field as given by
A

3cos2θ�1
2

E
, where θ is the

angle between inter-nuclear bond vector and the applied magnetic field and the angu-

lar bracket denotes a time average over all orientations sampled in solution.129,264,291,299

RDCs can be used to obtain information regarding the orientation and dynamics of molec-

ular fragments such as the A-form helices in RNA over a broad range of timescales (<

ms).121,155,157–159 They can also provide local insights into the dynamics of bugles157,300

and other RNA motifs.301 We previously reported the RDC-based conformational analysis

of wtTAR185 and U2TAR143 at 25 mM NaCl, in the absence of Mg2+ and for wtTAR in the

presence of Mg2+.187,189 Here, we also measured RDCs for U1 and U7TAR in 25 mM NaCl,

in the absence of Mg2+ and U1, wt, and U7TAR in 25 mM NaCl and 3 mM Mg2+ (Fig 3.18A,

Table 3.10–3.11). Measurements under saturating Mg2+ concentrations were not feasi-
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ble due to the incompatibility of these conditions with the Pf1-phage alignment medium

used to measure RDCs. Based on the Mg2+ dependent CSPs for U23-C6 and A22-C8,

the population of the stacked state is predicted to be 88-90%, for both wt, and U7TAR at

25 mM NaCl and 3 mM Mg2+. This can be compared to 20%, 3% for wt and U7TAR,

respectively at 25 mM NaCl. Such a significant Mg2+ dependent shift toward the stacked

ensemble should be readily measurable using RDCs, which are exquisitely sensitive to

global inter-helical conformation.149,165,187

In the absence of Mg2+, bulge residues exhibited small RDCs (Fig 3.18B) and high

resonance intensities in 2D HSQC spectra (Fig 3.7C) consistent with high degree of local

flexibility, with U1 and U2TAR exhibiting greater flexibility most likely due to the flipping out

of U23.143 In all cases, we also observed a decrease in the magnitude of bulge RDCs

in 3 mM Mg2+ as compared to bugle RDCs at 25 mM NaCl, which is consistent with a

shift toward the flipped out flexible conformation expected in the stacked state121,143 (Fig

3.18C). This is also supported by the higher resonance intensities observed for the bulge

residues in the presence of Mg2+ (Fig 3.5A, Fig 3.18D).
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FIGURE 3.5: Inter-helical dynamics in TAR bulge variants as measured by NMR line-
width analysis and RDCs.

(A) Normalized peak intensities (see methods) measured in U1, wt, and U7TAR at 25 mM NaCl
(right) and 25 mM NaCl and 25.6 mM Mg2+ (left). See inset for legend. The average inter-helical
conformation of U1, U2 wt, and U7TAR bulge variants with helix 1 in red, and helix 2 in blue measured at
(B) 25 mM NaCl without Mg2+ and (C) 25 mM NaCl and 3 mM Mg2+. The average bend angle p

@
|βh|

D
q

and ϑint is shown for each structure. (D)
@
|βh|

D
and ϑint as a function of bulge length for TAR variants

in 25 mM NaCl without Mg2+ (gray) and 25 mM NaCl and 3 mM Mg2+ (gold). RDC derived values of@
|βh|

D
and ϑint for the inter-helical coaxially stacked (red) and unstacked (blue) state of wt and U7TAR

are also shown. Error bars representing the propagated error determined from AFORM-RDC158 for@
|βh|

D
and ϑint in the absence and presence of Mg2+ (see Table 3.1)

3.3.5 Insights into Inter-helical Ensembles from Order Tensor Analysis of RDCs

To characterize the inter-helical ensemble, RDCs measured in each helix were sub-

jected to an order tensor analysis.136,153,302 In this analysis, the average orientation of he-

lices is obtained by superimposing the order tensor frame of each helix, which describes

how the helix aligns relative to the applied magnetic field in the presence of an ordering

medium (Fig 3.19 and Table 3.1 ). The amplitude of inter-helical motions is computed from

the ratio of the generalized degree of order (ϑint � ϑi{ϑj;ϑj   ϑi) describing the degree

of helix alignment relative to the applied magnetic field.121 The ϑint value ranges between

1 for inter-helical rigidity and 0 for maximum inter-helical motions. Because of possible

coupling between helix motions and overall alignment,156 the ϑint value will generally un-

derestimate the motional amplitudes.150,155
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Table 3.1: Order tensor analysis statistics for U1, U2, wt, and U7TAR.

N RMSD (Hz) CN R eta ϑ (x10�3) ϑint βh (0) ξ (0)

U1TAR
Helix 1 11 2.7 2.7 0.99 0.19� 0.01 1.14� 0.04

0.9 � 0.05 -17 � 7 6 �50
Helix 2 9 2.4 3.6 0.99 0.18� 0.08 1.27� 0.04

U2TAR*
Helix 1 11 2.5 4.4 0.99 0.59� 0.15 1.4�0.1

0.75 � 0.07 -8 � 3 23� 50
Helix 2 11 1.5 5.9 0.99 0.14� 0.09 1.9� 0.1

wtTAR*
Helix 1 14 1.2 5.7 0.99 0.36� 0.1 0.65� 0.08

0.54 � 0.07 45� 7 -41 � 50
Helix 2 13 1.7 3 0.99 0.1� 0.05 1.19� 0.05

U7TAR
Helix 1 10 2.9 4.7 0.99 0.77�0.22 1.02� 0.04

0.34 � 0.06 75�10§ -57�50
Helix 2 8 2.3 7.0 0.99 0.75� 0.07 2.98� 0.13

U1TAR ; Helix 1 10 2.1 5.6 0.99 0.33� 0.1 1.05 � 0.04
0.9 � 0.07 10� 6 24� 50

Helix 2 13 2.7 4.2 0.98 0.2� 0.07 1.16 � 0.06

wtTAR; Helix 1 13 2.7 2.9 0.99 0.16� 0.08 1.15� 0.06
0.95 � 0.06 22� 13 9 � 50

Helix 2 11 2.6 3.2 0.99 0.13� 0.09 1.22� 0.05

U7TAR ; Helix 1 11 2.2 3 0.99 0.86� 0.1 0.72 � 0.08
0.81 � 0.12 21� 14 7 � 50

Helix 2 15 2.8 3.3 0.98 0.47� 0.07 0.88� 0.07

Reported parameters are the number of input RDCs (N), root-mean-square deviation (RMSD) and
Pearson’s correlation coefficient (R) between measured and back-calculated RDCs; condition num-
ber (CN) describing the independents of the RDC data; degree of asymmetry (η, η=|Syy-Sxx|/Szz);

generalized degree of order (ϑ �
b

2{3pS2
xx� S2

yy � S2
zzq),

121 internal generalized degree of order

(ϑint � ϑi{ϑj ;ϑj   ϑi),121 inter-helical bend angle (βh), and inter-helical twist (η). Angles were calcu-
lated using an in-house program based on Euler-RNA159 and errors for β, ξ , η, and ϑ were estimated
using the program AFORM-RDC..158

*Previously reported RDC measurements
§Error could not be accurately reported from AFORM-RDC and was estimated from Sanson-Flamsteed
projections of helical order tensors (Fig 3.19C)
; are RDCs measured at 25 mM NaCl and 3 mM Mg2+.

Figure 3.5B shows the RDC-derived average inter-helical orientation for bulge vari-

ants in the absence of Mg2+. Consistent with prior studies employing TBE46 and FRET,41

increasing the bulge length from one to seven nts resulted in a gradual increase in the

inter-helical bend angle (βh) from 17 � 70 to 75�100 (Table 3.1). Consistent with the

CSP data (Fig 3.2B), a sharp transition was observed for between U2 and wtTAR, which

is again biased toward the inter-helical coaxial conformation (|βh| = 80 and 450 for U2 and

wtTAR, respectively). The increase in the average bend angle with bulge length was ac-

companied by an increase in the amplitude of inter-helical motions as the RDC-derived

ϑint decreased from 0.90�0.05 in U1 to 0.34�0.06 in U7TAR. Here, U2TAR follows the

linear trend formed by the other TAR variants. Therefore, in the absence of Mg2+, increas-

ing the bulge length increases the inter-helical flexibility and biases the ensemble towards

more kinked conformations.

The RDCs measured throughout wt and U7TAR in the presence of 3 mM Mg2+ dif-

fered significantly from counterparts measured in the absence of Mg2+, consistent with a
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Mg2+ inducing a global change in the structure and/or dynamics of these TAR variants (Fig

3.20A). In contrast, similar RDCs were measured for U1TAR in the presence or absence

of Mg2+, indicating that in this case, Mg2+ does not significantly alter the RNA conforma-

tion (Fig 3.20B). Order analysis of the RDCs measured in the A-form helices (Fig 3.19C,

Table 3.1) shows that for both wtTAR and U7TAR, Mg2+ shifts the equilibrium towards the

more linear and rigid stacked state. The average bend angle decreased from 45�70 and

75�100 in the absence of Mg2+ to 22�130 and 21�140 in the presence of 3 mM Mg2+,

respectively. Similarly, the ϑint value increased from 0.54�0.07 and 0.34�0.06 in the ab-

sence of Mg2+ to 0.95�0.06 and 0.81�0.12 in the presence of 3 mM Mg2+ (Fig 3.5C). In

contrast, similar order tensor parameters were obtained for U1TAR under the different salt

conditions, confirming the absence of a Mg2+ induced conformational transition. The fact

that the RDC derived inter-helical behavior tracks with the CSPs, helps to confirms that

the A22 and U23 CSPs are indeed faithful reporters of the stacking transition.

3.3.6 U2TAR is Biased Towards Linear Conformations in the Presence and Absence
of Mg2+

Interestingly, we find that the average bend angle for U2TAR in the presence or ab-

sence of Mg2+ is lower than that of any other bulge variant, including U2TAR. Such a bias

toward more linear conformations was not observed in prior TBE studies of A and U di-

nucleotide bulges indicating that the observed bias is unique to TAR.46 We do observe

unique NOEs between G26-H11 and U23-H6, A22-H8, and U25-H6 in U2TAR but not wt-

TAR, which suggests a potentially unique bulge conformation that is consistent with U23

forming a U23A27U38 base triple (Fig 3.21). This base triple is observed in U2 and wt-

TAR when complexed with mimics of the HIV viral protein Tat.64,190,218 Indeed, molecular

dynamics simulation as well as a structure-based survey indicate that such an interaction

could occur in U2TAR (SI Discussion, Fig 3.21C-E). The two nt bulge in U2TAR may be

short enough to promote stacking but long enough to allow base triple formation. To test

this hypothesis, we collected H6(C5)NN NMR spectra219 to directly probe for H-bonding

between U23-N3 and A22-N7 in U2TAR at 25 mM NaCl in the absence or presence of 3

mM Mg2+ (Fig 3.21F). Results revealed that U23-N3 is not hydrogen bonded to A27-N7,
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and thus does not stably form a base triple under either buffer conditions. However, weak

hydrogen bonding between A22 and U40 was observed at 25 mM NaCl (Fig 3.21F). This

H-bond is not observed in wtTAR.219 Stronger hydrogen bonding of the flanking A22-U40

base pair coupled with conformational changes in the bulge may result in stronger stacking

interactions between helices and thus a smaller inter-helical bend in U2TAR.

3.3.7 Evidence for Increased Dynamics in the Stacked State with Longer Bulges

Based on population of the stacked (pstack) and unstacked (pstack) state derived from

the [Mg2+]1/2 values, approximate inter-helical parameters for the unstacked stated de-

duced at low salt concentration, and assuming that the measured bend angles and int val-

ues correspond to population-weighted averages (i.e ϑint ,obs = pstack ϑint ,stacked + punstack

ϑint ,unstacked ; βh,obs = pstackβh,stacked � punstackβh,unstack), we can estimate ϑint /βh values

of 0.98�0.15/20�120 and 0.90�0.20/15�100 for the stacked state of wt and U7TAR. This

can be compared to 0.51�0.08/46�280 and 0.31�0.07/78�530 for the corresponding un-

stacked state, respectively (Fig 3.5D). Interestingly, we find a greater degree of inter-helical

flexibility in the stacked state of U7TAR as compared to wt although these differences are

within error. However, additional evidence for increased flexibility in stacked state in the

presence of Mg2+ with increasing bulge length comes from the higher resonance intensi-

ties at both base and sugar resonances belonging to residues in and around the bulge (Fig

3.5B and Fig 3.9B). Taken together, these NMR data show that U2, wt, and U7TAR but not

U1TAR undergo a Mg2+ dependent stacking transition and that elongating the bulge results

in an increase in the dynamics in both the unstacked and coaxially stacked conformations.

3.3.8 Discussion

Early studies showed that the kinks introduced by bulges decrease with decreasing

bulge length and increasing salt concentration.46,303 Subsequent NMR studies on HIV-1

TAR187,189 as well as the two bulge variant143 indicated that poly-pyrimidine bulges exist

as a dynamic equilibrium between stacked and unstacked conformations with Mg2+ favor-

ing the stacked state. Our results show that other TAR variants with n © 2 can also be

described by a similar 2-state dynamic equilibrium. The only exception was U1TAR, which
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did not undergo a Mg2+-induced transition. Prior RDC studies showed that Mg2+ minimally

affects the global conformation of RNAase P P4 RNA containing a single bulge.157 This

indicates that the absence of a Mg2+ dependent transition is not unique to U1TAR and may

be a more general feature of single pyrimidine bulges.

In the X-ray structure of wtTAR,181 some of the metal interactions rely on contacts with

more than one bulge nt which could not be supported in U1TAR. Indeed, unlike wt and

U7TAR, U1TAR did not exhibit large Mg2+ CSPs at purine-N7, which frequently form con-

tacts with metals (Fig 3.22). The shorter bulge in U1TAR may also not allow for optimal

inter-helical stacking and/or may form alternative more stable structures. A crystal struc-

ture of an RNA duplex containing a single uridine bulge shows a highly stable structure,

in which the uridine bulge folds back to hydrogen bond to flanking residues in the minor

groove. Here, the uridine bulge causes over-twisting between flanking bps and the single

bound Ca2+ ions near the bulge appear to be disordered.304 Together these works further

support our findings of a highly stable structure that is minimally perturbed by divalent

metal ions.

Increasing the bulge length from one to seven nts resulted in an increase in both the

average kink angle as well as the degree of inter-helical flexibility in both the stacked and

unstacked conformations. Yet despite this significant difference, the TAR variants showed

similar stacking energetics in the presence of Mg2+ with differences on the order of �0.7

kcal/mol. One plausible explanation supported by our NMR data is that in the presence of

Mg2+, the stacked state is not rigid, but rather, retains a degree of conformational flexibility,

possibly involving twisting motions and bending motions that maintain stacking. Indeed,

prior studies have shown that Mg2+ actives dynamics.130,305–308 However, we cannot rule

out other contributions. For example, longer bulges may provide more flexibility to form op-

timal stacking interactions that are otherwise topologically inaccessible to shorter bulges.

While the different bulge variants show similar helical chemical shifts at saturating Mg2+

conditions, there are notable differences at residues near the bugle that suggest differ-

ences in the stacked ensemble. The longer bulges may also interact more favorably with

Mg2+ ions. Further studies are needed to dissect these different energetic contributions.

The picture emerges from this study is that under physiological 3 mM Mg2+, poly-
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pyrimidine bulges exist predominantly (> 90%) in the stacked state, with the population

of stacked state decreasing insignificantly between 1 and 7 bulge motifs (Fig 3.6). How-

ever, the inter-helical flexibility of the stacked state ensemble increases with increasing

bulge length, possibly allowing a broader range of conformations to be sampled while

simultaneously compensating for the entropy loss accompanying stacking. This ability

to sample unstacked conformations is important when considering that most helices are

coaxially stacked in naked RNA structures but deviate significantly from coaxial when in

complex with proteins and ligands (Fig 3.1A). Energetically compensated transitions be-

tween states that retain varying degrees and/or types of flexibility may be a common fea-

ture of RNA junctions that helps to maximize adaptability and malleability of these motifs

for optimally effecting changes in response to cellular cues.
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FIGURE 3.6: Dynamic ensembles of stacked and unstacked TAR variants.

Depicted are inter-helical ensembles of each TAR variant with an unstacked ensemble to the left in
equilibrium with the stacked ensemble on the right. Populations for each ensemble was determined by
NMR CSPs at 3.2 mM Mg2+.

3.4 Supporting Information

3.4.1 A Base Triple may Bias the U2TAR Ensemble Toward the Stacked State

To further examine the unusual behavior of U2TAR, we surveyed crystal structures

of all one, two, and three nt bulges in the Protein Databank91 (see methods). When

considering all entries, in general, we observe the expected trend, in which longer bulge
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motifs tend to have larger bend angles (|βh|) (Fig 3.21B, left). Removing entries that

feature RNA bound to proteins, skews the distribution toward smaller bend angles (|βh| <

450), with the exception of a few outliers involving tertiary contacts309 (Fig 3.21B, middle).

Interestingly, when filtering for both free RNA containing polypyrimidine sequence, we see

enrichment of two nt bulge motifs with more coaxial conformations with bend angle �100

similar to that observed here for U2TAR (Fig 3.21B, right). Notably, five out of the six entries

include four UAU and one CGC involving the 51-bulge nucleotide and the second

Watson-Crick base pair 31 to the bulge, which are known to stabilize coaxial stacking.251

Importantly, all TAR variants studied here, including U2TAR, have sequences that support

formation of U25A27U38 (refer to Fig 3.2A). Indeed, this base triple is thought to be a

key feature of the functional state of TAR when bound to Tat.64,190,218 Transient formation

of this base triple may be optimal in U2-TAR, as it could restrict the inter-helical flexibility

while retaining enough wiggle room to form the base triple.

To examine this possibility, we analyzed 2D NOESY spectra of U2TAR (Fig 3.21A).

Indeed, we found an intense G26-H8U23-H11 and G26-H8A22-H11 and weak G26-

H8U25-H11 NOE cross peaks translating to distances of 3.7 � 0.3 Å from U23-H11, 4.3

� 0.3 Å from A22-H11, and 4.0 � 0.3 Å from U25-H11. These NOEs have been used in

the past to suggest base triple formation in TAR bound to argininamide.218 As observed

in TAR bound to argininamide, no imino resonance was observed between U23 and A27,

suggesting the base triple is transiently formed. Thus, to provide further support for a

base triple formation we corroborated the NOE derived distances with a 3.5 ms molecular

dynamic simulation (see methods). During the simulation the NOE between U23-H11 and

G26-H8 is only predicted to occur if U23 is forming a base triple with A27U38 (Fig 3.21C-

E). Note that spectral overlap of key resonances prevented assessment of the base triple

formation in the presence of Mg2+.

123



3.4.2 Supporting Figures

FIGURE 3.7: Chemical shift mapping of TAR bulge variants at 25 mM NaCl and 25 mM
NaCl with 3 mM Mg2+.

For assignments of bulge variant chemical shifts, see methods. (A) Chemical shift overlays of wtTAR
and bulge variants. Assignments marked with an asterisk are ambiguous, and should be interrupted
with caution. See inset for legend. (B) Chemical shift perturbations in 1H and 13C for each resonance
in common between wtTAR and bulge mutants at 25 mM NaCl and (C) 25 mM NaCl with 3 mM Mg2+

(see inset for legend). Inset are the populations and corresponding ∆G values based upon the U23
chemical shift (see methods).
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FIGURE 3.8: Mg2+ titrations of TAR bulge variants.

(A) SOFAST-HMQC263 overlays of Mg2+ titration on TAR variants at 25 µM [RNA], (B) wtTAR in
buffer without EDTA, and (C) wtTAR with at 0.3 mM [RNA]. See inset for legend of Mg2+ concentrations.
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FIGURE 3.9: Normalized peak intensities of TAR bulge variants.

(A) Normalized peak intensities at 25 mM NaCl and at 25 mM NaCl with [Mg2+] of 0 (bottom), 3
mM (middle) and 25.6 mM (top) with helix 1 (red), helix 2 (blue), bulge (orange) and apical loop (green)
resonances shown with C8H8/C6H6 (square), C2H2 (circle), C5H5 (triangle), C1’H1’ (diamond), and
N1H1/N3H3 (upside down triangle) normalized to 0.1 (see methods for normalization).
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FIGURE 3.10: [Mg2+]1/2 fits across U1TAR

Green points represent when [Mg2+] = 0, and blue bands represent σ1 error bands as determined
by 2,000 rounds of standard Monte Carlo error estimation (see methods).

127



FIGURE 3.11: [Mg2+]1/2 fits across U2TAR

Green points represent when [Mg2+] = 0, and blue bands represent σ1 error bands as determined
by 2,000 rounds of standard Monte Carlo error estimation (see methods).
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FIGURE 3.12: [Mg2+]1/2 fits across wtTAR

Green points represent when [Mg2+] = 0, and blue bands represent σ1 error bands as determined
by 2,000 rounds of standard Monte Carlo error estimation (see methods).
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FIGURE 3.13: [Mg2+]1/2 fits across U4TAR

Green points represent when [Mg2+] = 0, and blue bands represent σ1 error bands as determined
by 2,000 rounds of standard Monte Carlo error estimation (see methods).
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FIGURE 3.14: [Mg2+]1/2 fits across U7TAR

Green points represent when [Mg2+] = 0, and blue bands represent σ1 error bands as determined
by 2,000 rounds of standard Monte Carlo error estimation (see methods).
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FIGURE 3.15: [Mg2+]1/2 fits across wtTAR in a buffer without EDTA.

Green points represent when [Mg2+] = 0, and blue bands represent σ1 error bands as determined
by 2,000 rounds of standard Monte Carlo error estimation (see methods).
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FIGURE 3.16: [Mg2+]1/2 fits across U1TAR

Green points represent when [Mg2+] = 0, and blue bands represent σ1 error bands as determined
by 2,000 rounds of standard Monte Carlo error estimation (see methods).
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FIGURE 3.17: Two-site Mg22+ binding at U2TAR A22-C8.

Shown is the fit of the two-site binding equation with fitted [Mg2+]1/2 values. See Table 3.9 for all
fitted parameters.
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FIGURE 3.18: RDC measurements on TAR bulge variants.

(A) RDCs measured in 1H and 13C dimensions in 25 mM NaCl for U1 and U7TAR and 25 mM NaCl
with 3 mM Mg2+ for U1, wt, and U7TAR, showing the R2 correlation and RMSD between 1H and 13C
RDCs. See inset for legend. (B) Normalized RDC values as a function of secondary structure at 25 mM
NaCl and (C) 25 mM NaCl and 3 mM Mg2+. RDCs were all normalized to wtTAR in the absence of Mg2+

to allow for facile comparison of all RDCs measured (see methods).
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FIGURE 3.19: RAMAH analysis of TAR bulge variants.

(A) Comparison of measured and back-calculated RDCs of helix 1 (red) and helix 2 (blue) for U1TAR
(left) and U7TAR (right). (B) Alternative inter-helical structure for U7TAR due to degeneracy of the order
tensor analysis.159 The yellow dotted line highlights the A22 (O31) to G26 (P) distance which is within
the range of a 7-nucleotide bulge. (C) Sanson-Flamsteed maps of order tensors for helix 1 (red) and
helix 2 (blue) of TAR variants in 25 mM NaCl. (D) Comparison of measured and back-calculated RDCs
and Sanson-Flamsteed of helix 1 (red) and helix 2 for U1 (left), wt (middle) and U7TAR (right) in 25 mM
NaCl and 3 mM Mg2+.
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FIGURE 3.20: Comparison of RDCs at 25 mM NaCl and 25 mM NaCl and 3 mM Mg2+.

(A) Correlations of RDCs measured at 25mM NaCl, and at 25mM NaCl and 3mM Mg2+ for wt,
and U7TAR and (B) U1TAR. RDCs were normalized to the alignment of wtTAR at 25 mM NaCl (see
methods). See inset for legend.
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FIGURE 3.21: Evidence for a base triple in U2TAR.

(A) 2D NOESY spectrum of U2TAR (right), showing sequential NOE-based connectivity (black lines)
which are highlighted using a solid black line on the U2TAR secondary structure (left, bottom). In red
are the specific and unique NOEs observed, which are consistent with formation of an U23A27U38
base triple,64 along with the chemical structure of the base triple (left, top). (B) Inter-helical bend angles
for one, two, and three nucleotide bulge motifs obtained from a survey of PDB (see methods). Values
are shown for all entries (left), following exclusion of protein bound RNA i.e. free RNA (middle), and
filtering free RNA to only include poly-pyrimidine bulges (right).
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Figure 3.21 continued: (C) Distance measurements in Å of proton-proton distances for U23-H11-G26H8
(left), U25H11-G26H8 (middle), and A22H11-G26H8 (right) over the course of the 3.5 ms molecular
dynamics simulation. Black lines highlight the NOE distance measured from the U2TAR NOESY exper-
iment (see methods). (D) Distance measurements between highlighting that an imino resonance may
not be observed in the base triple due to the extended, and dynamic distance between U23-H3 and
A27-N7 (right) as compared to a stable Watson-Crick base pair imino between A20-N1 and U42-H3
(left). (E) Example structures pulled during the simulation showing the measured inter-helical angle (β)
when the base triple is formed (left), broken (middle) and U23 flips into the helix (right), which zoomed
in figures of the bulge to highlight the positioning of bulge residues. (F) H6(C5)NN NMR spectra219 of
U2TAR. For U2TAR in (left) 25 mM NaCl and 5 mM Argininamide, (middle) 25 mM NaCl and (right) 25
mM NaCl and 3 mM Mg2+. Dotted lines connect U-N3 with A-N1/N7 resonances.
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FIGURE 3.22: N1H1/N7H7 chemical shift mapping of U1, wt, and U7TAR.

(A) N1H1, N7H7 HSQC overlays at [Mg2+] = 0 (black) and 25.6mM (red) for U1 (left), wt (middle),
U7TAR (right) where arrows highlight large chemical shift perturbations from low to high salt. (B) Chem-
ical shift perturbations from low to high salt for U1, wt, and U7TAR for N1 and N7 chemical shifts. See
inset for legend.
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FIGURE 3.23: U1TAR NMR Assignments

Spectral assignments of U1TAR. Asterisks represent ambiguous assignments which should be in-
terrupted with caution.

FIGURE 3.24: U4TAR NMR Assignments

Spectral assignments of U4TAR. Asterisks represent ambiguous assignments which should be in-
terrupted with caution.
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FIGURE 3.25: U7TAR NMR Assignments

Spectral assignments of U7TAR. Asterisks represent ambiguous assignments which should be in-
terrupted with caution.

3.4.3 Supporting Tables

U1TAR
Residue-Atom [Mg2+]1/2 [Mg2+]1/2 δ free δ free ∆ω ∆ω

(mM) Error (mM) (p.p.m.) Error (p.p.m.) (p.p.m.) Error (p.p.m.)
C19-H6 0.239 0.024 7.625 0.002 0.087 0.002
A20-C8 0.337 0.074 139.32 0.008 -0.182 0.007
G21-H8 0.41 0.035 7.016 0.002 0.111 0.003
A22-C8 0.516 0.089 139.95 0.008 -0.222 0.006
U23-C6 0.375 0.045 143.25 0.008 0.266 0.006
G26-H8 0.327 0.042 7.596 0.002 0.073 0.002
G26-C8 0.267 0.032 137.31 0.008 0.312 0.008
A27-H8 0.195 0.022 7.85 0.002 0.0754 0.003
U31-C6 0.601 0.07 143.26 0.008 0.314 0.006
G32-H8 1.101 0.094 7.809 0.002 -0.106 0.001
G33-C8 1.13 0.12 139.51 0.008 0.341 0.005
G34-C8 0.977 0.082 139.21 0.008 -0.417 0.005
A35-C8 2.59 0.17 142.8 0.011 -0.732 0.006
G36-H8 0.31 0.027 7.386 0.002 0.098 0.003
C37-C6 0.407 0.04 141.3 0.008 0.295 0.006
C37-H6 0.416 0.031 7.753 0.002 0.112 0.003
U38-H6 0.281 0.028 7.867 0.002 0.093 0.003
U42-H6 0.291 0.022 7.803 0.002 0.122 0.002

Table 3.2: Fitted [Mg2+]1/2 values for U1TAR

142



U2TAR
Residue-Atom [Mg2+]1/2 [Mg2+]1/2 δ free δ free ∆ω ∆ω

(mM) Error (mM) (p.p.m.) Error (p.p.m.) (p.p.m.) Error (p.p.m.)
C19-H6 0.332 0.037 7.628 0.002 0.091 0.002
A20-C8 0.311 0.079 139.31 0.01 -0.197 0.009
G21-H8 0.355 0.029 7.037 0.002 0.135 0.002
A22-H2 0.109 0.018 7.457 0.003 -0.058 0.002
A22-H8 0.103 0.012 7.737 0.003 0.081 0.003
U23-H6 0.159 0.013 7.632 0.003 0.122 0.002
U23-C6 0.0962 0.0081 143.25 0.01 0.458 0.01
G26-C8 0.35 0.063 137.63 0.01 0.246 0.009
G28-H8 1.01 0.14 7.269 0.003 -0.083 0.002
U31-C6 0.85 0.096 143.2 0.01 0.345 0.007
G32-H8 1.11 0.14 7.808 0.003 -0.099 0.002
G33-C8 0.7 0.17 139.57 0.01 0.257 0.008
G34-C8 0.769 0.077 139.22 0.01 -0.42 0.007
A35-C8 1.74 0.13 142.81 0.012 -0.668 0.006
G36-C8 0.411 0.067 136.66 0.01 0.232 0.008
G36-H8 0.344 0.042 7.381 0.002 0.086 0.002
C37-H6 0.371 0.034 7.733 0.002 0.111 0.002
C37-C6 0.328 0.055 141.29 0.01 0.248 0.008
U38-H6 0.268 0.028 7.853 0.002 0.092 0.002
U40-C6 0.306 0.036 141.81 0.01 0.28 0.008
C41-H6 0.318 0.042 7.917 0.003 0.084 0.002
U42-H6 0.278 0.029 7.853 0.003 0.101 0.002

Table 3.3: Fitted [Mg2+]1/2 values for U2TAR

wtTAR
Residue-Atom [Mg2+]1/2 [Mg2+]1/2 δ free δ free ∆ω ∆ω

(mM) Error (mM) (p.p.m.) Error (p.p.m.) (p.p.m.) Error (p.p.m.)
C19 H6 0.73 0.18 7.588 0.006 0.124 0.004
G21 H8 0.59 0.31 7.054 0.006 0.065 0.005
A22 H2 0.271 0.076 7.608 0.006 -0.099 0.005
A22 H8 0.186 0.022 7.615 0.006 0.214 0.006
A22 C8 0.128 0.016 139.54 0.027 0.583 0.023
U23 H6 0.213 0.019 7.421 0.006 0.291 0.006
U23 C6 0.221 0.017 142.07 0.025 1.33 0.023
C24 C6 0.72 0.25 143.25 0.024 0.312 0.018
U25 C6 0.18 0.031 143.19 0.026 0.542 0.022
G26 C8 0.307 0.076 137.57 0.024 0.457 0.021
G26 H8 0.243 0.065 7.854 0.006 -0.109 0.006
G28 H8 0.73 0.48 7.233 0.006 -0.067 0.005
U31-H6 0.082 0.025 7.752 0.007 0.072 0.006
G32 H8 1.11 0.32 7.811 0.006 -0.11 0.004
G33 C8 1.74 0.7 139.57 0.028 0.324 0.015
G34 C8 0.47 0.12 139.25 0.024 -0.492 0.021
A35 H8 1.09 2.12 8.43 0.008 -0.06 0.005
A35 C8 1.76 0.4 142.74 0.03 -0.616 0.016
G36 C8 0.34 0.16 136.71 0.024 0.231 0.02
G36 H8 0.37 0.12 7.404 0.006 0.079 0.005
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C37 H6 0.49 0.15 7.752 0.006 0.093 0.005
C39 C6 0.267 0.091 141.52 0.025 -0.338 0.022
U40 C6 0.195 0.055 141.91 0.025 -0.38 0.023
U40 H6 0.261 0.097 7.827 0.006 0.073 0.005
C41 C6 0.148 0.039 142.3 0.0263 -0.388 0.024
U42 H6 0.28 0.11 7.8637 0.0062 0.077 0.006

Table 3.4: Fitted [Mg2+]1/2 values for wtTAR

U4TAR
Residue-Atom [Mg2+]1/2 [Mg2+]1/2 δ free δ free ∆ω ∆ω

(mM) Error (mM) (p.p.m.) Error (p.p.m.) (p.p.m.) Error (p.p.m.)
C19 H6 0.355 0.067 7.641 0.005 0.081 0.004
C19 C6 0.071 0.087 140.62 0.022 -0.094 0.021
A20 C8 0.384 0.182 139.33 0.018 -0.217 0.016
A22 H2 0.246 0.015 7.714 0.005 -0.28 0.004
A22 H8 0.254 0.018 7.595 0.005 0.241 0.004
A22 C8 0.208 0.02 139.44 0.019 0.662 0.016
U23 H6 0.259 0.013 7.406 0.005 0.334 0.004
U23 C6 0.254 0.01 141.89 0.019 1.829 0.016
U+2 H6 0.313 0.043 7.716 0.005 0.119 0.004
U+1 C6 0.232 0.034 143.5 0.018 0.492 0.016
U25 C6 0.222 0.038 143.63 0.019 0.367 0.016
U+2 C6 0.435 0.092 143.65 0.018 0.346 0.014
U+1 H6 0.198 0.019 7.664 0.005 0.171 0.004
U25 H6 1.553 0.469 7.88 0.005 -0.06 0.003
G26 C8 0.3 0.085 137.69 0.019 0.282 0.016
G26 H8 0.329 0.021 7.936 0.005 -0.287 0.004
A27C2 0.167 41.261 7.573 0.11 -0.055 0.017
G28 H8 0.735 0.214 7.238 0.005 -0.08 0.004
U31 C6 0.878 0.171 143.25 0.018 0.388 0.013
G32 H8 1.076 0.233 7.817 0.005 -0.112 0.003
G33 C8 1.493 0.429 139.54 0.021 0.355 0.013
G34 C8 0.668 0.118 139.23 0.018 -0.45 0.013
A35 H8 1.521 0.751 8.443 0.006 -0.073 0.003
A35 C8 2.143 0.329 142.76 0.023 -0.65 0.012
G36 H8 0.453 0.135 7.412 0.005 0.062 0.004
C37 H6 0.507 0.115 7.767 0.004 0.085 0.004
C39 C6 0.256 0.035 141.75 0.019 -0.528 0.017
U40 C6 0.267 0.036 142.34 0.019 -0.564 0.016
U40 H6 0.423 0.108 7.845 0.004 0.074 0.004
C41 C6 0.164 0.033 142.35 0.02 -0.337 0.017
C41 H6 0.253 0.072 7.945 0.005 0.07 0.004
U42 H6 0.27 0.092 7.875 0.005 0.061 0.004

Table 3.5: Fitted [Mg2+]1/2 values for U4TAR

U7TAR
Residue-Atom [Mg2+]1/2 [Mg2+]1/2 δ free δ free ∆ω ∆ω
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(mM) Error (mM) (p.p.m.) Error (p.p.m.) (p.p.m.) Error (p.p.m.)
C19-H6 0.356 0.062 7.587 0.006 0.134 0.005
A20-C8 0.35 0.282 139.33 0.025 -0.202 0.022
A22-C8 0.317 0.036 139.43 0.025 0.758 0.02
A22-C2 0.197 0.068 154.44 0.026 -0.313 0.024
A22-H2 0.29 0.021 7.788 0.006 -0.331 0.005
A22-H8 0.319 0.032 7.604 0.006 0.237 0.005
U23-H6 0.28 0.019 7.411 0.006 0.364 0.005
U23-C6 0.306 0.014 141.72 0.025 2.099 0.021
U25-C6 0.357 0.076 143.67 0.025 0.362 0.019
U+2-H6 0.236 0.047 7.732 0.007 0.112 0.006
U+2-C6 0.273 0.051 143.6 0.025 0.437 0.02
G26-C8 0.518 0.259 137.87 0.025 0.307 0.022
G26-H8 0.386 0.022 7.969 0.006 -0.424 0.005
A27-C8 0.437 0.131 139.82 0.025 0.378 0.02
G28-H8 0.734 0.196 7.236 0.006 -0.113 0.005
U31-C6 0.606 0.154 143.25 0.025 0.372 0.018
G32-H8 1.185 0.319 7.819 0.007 -0.12 0.004
G33-C8 2.678 1.008 139.54 0.035 0.398 0.015
G34-C8 0.569 0.093 139.29 0.025 -0.546 0.018
A35-C8 2.076 0.489 142.78 0.033 -0.625 0.016
A35-H8 1.406 1.027 8.449 0.008 -0.072 0.005
G36-C8 0.331 0.128 136.72 0.025 0.236 0.02
C37-H6 0.514 0.161 7.773 0.006 0.087 0.005
C39-C6 0.276 0.055 141.82 0.025 -0.509 0.022
U40-C6 0.295 0.062 142.44 0.025 -0.519 0.022
C41-C6 0.204 0.051 142.45 0.026 -0.389 0.023

Table 3.6: Fitted [Mg2+]1/2 values for U7TAR

25 µM wtTAR in buffer without EDTA
Residue-Atom [Mg2+]1/2 [Mg2+]1/2 δ free δ free ∆ω ∆ω

(mM) Error (mM) (p.p.m.) Error (p.p.m.) (p.p.m.) Error (p.p.m.)
C19 H6 0.344 0.041 7.594 0.004 0.12 0.003
A20-C8 0.312 0.153 139.31 0.016 -0.193 0.014
G21 H8 0.56 0.166 7.05 0.004 0.07 0.003
A22 H2 0.139 0.036 7.572 0.004 -0.062 0.004
A22 H8 0.221 0.015 7.619 0.004 0.208 0.003
A22 C8 0.156 0.017 139.57 0.016 0.524 0.014
U23 H6 0.219 0.012 7.446 0.004 0.264 0.003
U23 C6 0.28 0.016 142.19 0.016 1.271 0.014
C24 C6 0.495 0.113 143.36 0.015 0.372 0.013
U25 C6 0.138 0.017 143.24 0.017 0.395 0.014
G26 C8 0.302 0.048 137.61 0.016 0.423 0.014
G26 H8 0.212 0.045 7.824 0.004 -0.082 0.004
G28 H8 0.766 0.481 7.219 0.004 -0.055 0.003
U31-H6 1.837 1.726 7.744 0.005 -0.036 0.003
G32 H8 1.308 0.293 7.796 0.004 -0.099 0.003
G33 C8 1.335 0.26 139.49 0.016 0.39 0.009
G34 C8 0.533 2.794 138.89 0.024 -0.144 0.018
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A35 C8 2.858 0.643 142.57 0.024 -0.484 0.009
G36 C8 0.176 0.075 136.8 0.016 0.142 0.013
G36 H8 0.333 0.081 7.413 0.004 0.066 0.003
C37 H6 0.334 0.087 7.774 0.004 0.068 0.003
C39 C6 0.247 0.055 141.48 0.016 -0.294 0.014
U40 C6 0.216 0.039 141.88 0.016 -0.34 0.014
U40 H6 0.226 0.053 7.831 0.004 0.064 0.003
C41 C6 0.146 0.026 142.24 0.016 -0.33 0.014
U42 H6 0.27 0.064 7.865 0.004 0.072 0.003

Table 3.7: Fitted [Mg2+]1/2 values for 25 µM wtTAR in buffer without
EDTA

0.3 mM wtTAR
Residue-Atom [Mg2+]1/2 [Mg2+]1/2 δ free δ free ∆ω ∆ω

(mM) Error (mM) (p.p.m.) Error (p.p.m.) (p.p.m.) Error (p.p.m.)
C19 H6 0.278 0.038 7.615 0.005 0.1 0.004
A20 C8 0.456 0.168 139.35 0.02 -0.234 0.017
G21 H8 0.573 0.15 7.035 0.005 0.075 0.004
A22 H2 0.269 0.054 7.591 0.005 -0.092 0.005
A22 H8 0.289 0.018 7.559 0.005 0.27 0.005
A22 C8 0.257 0.021 139.41 0.021 0.72 0.018
U23 H6 0.303 0.014 7.359 0.006 0.357 0.005
U23 C6 0.318 0.013 141.81 0.021 1.636 0.019
U23 H1’ 0.294 0.06 5.53 0.019 0.312 0.017
U23 C1’ 0.103 0.017 90.968 0.022 -0.286 0.019
C24 C6 0.242 0.043 143.29 0.021 0.333 0.018
U25 C6 0.353 0.04 143.1 0.021 0.662 0.018
G26 C8 0.367 0.048 137.53 0.021 0.533 0.018
G26 H8 0.333 0.05 7.857 0.005 -0.124 0.005
G28 H8 0.925 0.393 7.224 0.005 -0.067 0.004
G32 H8 1.298 0.259 7.806 0.005 -0.118 0.003
G33 C8 1.252 0.277 139.47 0.02 0.434 0.014
G34 C8 0.999 0.889 138.94 0.021 -0.185 0.016
A35 C8 2.602 0.564 142.61 0.025 -0.51 0.013
G36 H8 0.382 0.082 7.397 0.005 0.076 0.004
G36 C8 0.281 0.098 136.79 0.021 0.19 0.018
C37 H6 0.422 0.092 7.76 0.005 0.081 0.004
C39 C6 0.354 0.067 141.56 0.021 -0.376 0.018
U40 C6 0.325 0.049 141.97 0.021 -0.441 0.018
U40 H6 0.29 0.062 7.813 0.005 0.083 0.005
C41 C6 0.253 0.037 142.36 0.022 -0.472 0.019
U42 H6 0.354 0.069 7.847 0.005 0.093 0.004

Table 3.8: Fitted [Mg2+]1/2 values for 0.3 mM wtTAR

Parameter Value Error

[Mg2+]1/2 (1) (mM) 0.111 0.053

146



[Mg2+]1/2 (2) (mM) 0.60 0.21
δ u (p.p.m.) 139.943 0.004
δ s (p.p.m.) 139.871 0.003
δ x-Mg (p.p.m.) 140.063 0.020

Table 3.9: Fitted parameters and errors for U2TAR two-site binding
event on A22-C8 of

Residue Bond Vector U1TAR (Hz) U7TAR (Hz)

G17 C8H8 N/A -25
G18 C8H8 N/A 20.4
G18 C1’H1’ -28.4 N/A
G18 N1H1 -2.8 N/A
C19 C5H5 N/A -3.9
A20 C8H8 13.2 3.5
A20 C2H2 8.2 36.5
A20 C1’H1’ -36.8 35
G21 C8H8 25.7 -28.5
G21 C1’H1’ -33 36.1
G21 N1H1 -12.2 21.7
A22 C8H8 22.2 N/A
A22 C2H2 22.3 -28.1
A22 C1’H1’ -2.6 24.2
U23 C6H6 -1.5 10.3
U23 C1’H1’ -2.4 -8.3
U23 C5H5 7 -37.5
U+1* C1’H1’ N/A -13.9
U+2* C6H6 N/A 6.8
U+2* C1’H1’ N/A -5.3
U+X* C6H6 N/A 1.9
U+X C5H5 N/A -9.3
U+X* C1’H1’ N/A -4.1
U25 C6H6 N/A 5
U25 C1’H1’ N/A -33.5
U25 C5H5 N/A -4.8
G26 C8H8 22.5 17.6
A27 C8H8 18 42.7
A27 C2H2 23.2 16.8
A27 C1’H1’ -9.7 -57.4
G28 C8H8 20 56
G28 C1’H1’ -14.6 16.1
G28 N1H1 -10.4 -22.4
C29 C5H5 17.7 N/A
C30 C1’H1’ 1.5 N/A
C30 C5H5 18.3 42.8
U31 C1’H1’ -7.6 -15.3
U31 C5H5 7.7 N/A
G32 C8H8 0.2 4.2
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G32 C1’H1’ 3.1 5.7
G33 C8H8 9.1 N/A
G33 C1’H1’ 1.1 0.5
G34 C8H8 16.4 28.8
G34 C1’H1’ 11.1 3
A35 C8H8 0.3 10
A35 C1’H1’ -11.5 -14.8
G36 C8H8 22.2 43.9
G36 C1’H1’ -33.8 N/A
G36 N1H1 -10.6 N/A
C37 C1’H1’ -25.4 N/A
U38 C1’H1’ -16.3 N/A
U38 C5H5 22.9 39.4
U38 N3H3 -8.1 -23
C39 C5H5 20.2 48.2
C39 C1’H1’ N/A 35.7
U40 C5H5 16.3 33
C41 C6H6 N/A -44.9
C41 C5H5 19.4 N/A
U42 C6H6 N/A 11.1
G42 C1’H1’ 2.7 N/A
U42 C5H5 22.9 -30.7
U42 N3H3 -9.5 9.6
G43 C8H8 13.3 11.3
G43 C1’H1’ -2.6 N/A
C44 C5H5 N/A -18.1
C45 C1’H1’ -13.9 N/A
C45 C5H5 13.3 21.4

Table 3.10: U1 and U7TAR RDCs at low salt conditions

Salt conditions were 25 mM NaCl, no Mg2+ and asterisks indicate ambiguous resonance assignments

for the bulge in U7TAR.

Assignment Bond Vector U1TAR (Hz) wtTAR (Hz) U7TAR (Hz)

G17 C8H8 N/A 2.8 N/A
G18 C1’H1’ N/A -40.4 N/A
G18 N1H1 -14 N/A -12.2
C19 C5H5 -2.8 -3.8 -5.3
A20 C8H8 14.8 18.8 20.4
A20 C2H2 9.3 12.8 5
A20 C1’H1’ -35.8 -40.5 N/A
G21 C8H8 19.2 26.7 26
G21 C1’H1’ -32.4 -26.7 -13.9
G21 N1H1 -11.4 -14.8 -10.1
A22 C8H8 23.4 23.5 15.3
A22 C2H2 18 20.5 24.4
A22 C1’H1’ -5.4 4.3 -11.6

148



U23 C6H6 N/A 7.4 -4.5
U23 C1’H1’ -4.4 -0.1 -4.8
U23 C5H5 3.2 2.2 -2.6
C24 C1’H1’ N/A -12 N/A
C24 C5H5 N/A -0.7 N/A
U25 C6H6 N/A 1.7 N/A
U25 C1’H1’ N/A 4.7 N/A
U25 C5H5 N/A 5.1 9.3
U+X* C5H5 N/A N/A -1
U+X* C1’H1’ N/A N/A -2.9
G26 C8H8 24.7 25.1 9.2
G26 N1H1 -7.7 -12.1 -2.3
A27 C8H8 23 19.8 6.3
A27 C2H2 22.7 22.2 6.9
A27 C1’H1’ -10.2 -18 -14.9
G28 C8H8 18.5 21.1 13.2
G28 C1’H1’ -13.3 N/A -18.2
G28 N1H1 -10.9 -16.7 -11.6
C29 C6H6 17 26.3 29.8
C29 C1’H1’ -10.8 -14.4 -11.7
C29 C5H5 16.3 19.9 7.6
C30 C6H6 15.2 N/A N/A
C30 C1’H1’ 1.8 -7.8 7.6
C30 C5H5 15.8 23.7 16.8
U31 C6H6 -7.5 -7.6 N/A
U31 C1’H1’ -5.8 -7.1 -2
U31 C5H5 4.5 8.3 N/A
G32 C8H8 1.7 -1.2 N/A
G32 C1’H1’ 3 1.2 -0.1
G33 C8H8 12.5 11.8 13.4
G33 C1’H1’ 1.5 -1.7 -4.8
G34 C8H8 19.4 19.8 18.1
G34 C1’H1’ 10.4 11 1.2
A35 C8H8 1.6 0.7 -0.6
A35 C1’H1’ -9.8 -12.5 -8.1
G36 C8H8 23.1 25.1 27.6
G36 C1’H1’ -30.6 N/A N/A
G36 N1H1 -10.2 -13.5 N/A
C37 C6H6 14 23.1 21.1
C37 C1’H1’ -16.7 -19.5 N/A
C37 C5H5 N/A 17.8 18.8
U38 C6H6 20 18.8 N/A
U38 C1’H1’ -16.2 -16.3 N/A
U38 C5H5 13.8 23.6 27.8
U38 N3H3 -8.4 -11.1 N/A
C39 C6H6 17 19.6 4.1
C39 C1’H1’ -25.3 -29.2 -6.2
C39 C5H5 14.1 17.9 20.6
U40 C6H6 21.7 N/A N/A
U40 C5H5 16.5 16.8 N/A
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U40 C1’H1’ N/A N/A -20.9
C41 C6H6 N/A 23.8 22.5
C41 C5H5 20.2 24.5 1.5
C41 C1’H1’ N/A N/A -10
U42 C6H6 17.9 21.8 N/A
U42 C5H5 19.4 24.3 11.5
U42 N3H3 -9.4 -13.8 -12.2
G43 C8H8 13.6 16.3 18.8
G43 C1’H1’ N/A 7.1 5.7
G43 N1H1 -10 -12.2 N/A
C44 C6H6 N/A 16.4 N/A
C44 C5H5 N/A 30.7 N/A
C45 C1’H1’ N/A -28.6 N/A
C45 C5H5 N/A 17.1 N/A

Table 3.11: U1, wt, and U7TAR RDCs at 3 mM Mg2+

U1, wt, and U7TAR RDCs at 3 mM Mg2+ measured at 25 mM NaCl and 3 mM Mg2+ Asterisk indicate

ambiguous resonance assignments for U7TAR bulge.
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4

Altering the Conformational Landscape of RNA
Bulges Using Natural RNA Modifications

There are currently over 100 known modifications that occur on RNA. Many of which

are found on crucial elements of transfer RNAs (tRNAs) and ribosomal RNA (rRNA) that

likely contribute to the overall fold and conformational landscape of these RNAs. Addition-

ally, in the past decade there has been a resurgence of interest in RNA modifications as

modern methods and technology allowed for the detection of reversible modifications on

messenger RNA, and subsequent discoveries that they play key roles in disease and gene

regulation. Described within this chapter is how natural RNA modifications such as m6A,

and m1G alter the conformational landscape of a bulge motif designed to switch with the

replacement of an A with m6A, and a model RNA bulge motif, HIV-1 TAR. Results show

that m6A stabilizes RNA by as much as 1 kcal/mol when located in junctional m6AU base

pairs, in which m6A is neighbored by a 51 bulge, and that when located near a junction

m1G can locally melt RNA to form a GC� Hoogsteen base pair.

This chapter includes data done in collaboration with members of the Al-Hashimi lab.

1. Bei Liu collected UV melting data on all modified and unmodified m6A samples.

2. Bei Liu collected and analyzed NMR data on B-51deep,B-0, and B-31.
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3. Atul Rangadurai collected UV melting data on all modified and unmodified m1G

samples.

4.1 Introduction

Nucleic acid modifications were first discovered in 1948 when Rollin D. Hotchkiss310

identified trace amounts of a new nucleoside, later identified as 5-methylcytosine (m5C)3

in DNA when presenting data on the quantitative separation of purine and pyrimidines

using paper chromatography. Shortly after the identification of 5-methylcytosine (m5C),

Cohn and Volkin identified a new nucleotide in RNA hydrolysates, which were identi-

fied five years later as pseudo-uridine (Ψ).4 Over the next ten years many laboratories

dedicated themselves to identifying modified nucleotides, discovering 21-O-methylribose

adducts and methaylated bases, such as 5-methyluridine (m5U) and m5C in RNA.311

There are now over 100 unique modifications found on various types of RNA including

ribosomal (rRNA), transfer (tRNA), and messenger (mRNA) RNA.312 This chapter focuses

on two naturally occurring modifications: N-6 methylated adenine (m6A), and N-1 methy-

lated guanine (m1G) (Fig 4.1).

N6-methylated adenosine (m6A) is the most common post-transcriptional RNA modifi-

cation313–315 (Fig 4.1A). It is found in mRNA as well as in long non-coding RNAs (lncRNA)232,233

and viral RNAs.235,238,316 Recently, it was shown that m6A is dynamically regulated using

methyl transferase317,318 and demethylase enzymes319,320 that have been implicated in

cancer,321–323 fertility320 and obesity.324 Genome wide mapping has shown m6A is often

found in the 31 and 51 untranslated regions (UTR)238 where it can influence RNA splic-

ing,325,326 mRNA nuclear exportation,320,327 RNA decay,328 and translation initiation.329,330

Although many studies have shown m6A exerts its function through binding of the methyl

group,232,330 a number of studies have also shown m6A can induce structural changes

that alter RNA function. For example, m6A has been shown to melt AU base pairs,331

and a critical non-canonical AG base pair332 which enhance or obliterate protein binding,

respectively. Due to the proximity of the m6A methyl group with the N7, the position of
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the methyl group which allows for canonical AU base pairing is unfavored333 (Fig 4.1A).

Thus in oder to prevent steric clashes, the methyl will rotate into the syn conformation, and

prevent a hydrogen bond between the AU base pair.

N1-methylated guanine (m1G) is found in key positions in transfer (tRNA) and ribo-

somal (rRNA) RNA312 thought to play roles in preventing frame-shifting while decoding

RNA334 and stability335 (Fig 4.1B). Notably m1G occurs as damage in DNA which can

be repaired by members of the AlkB enzyme family,336 which has been shown to trap

(population > 99%) the Hoogsteen base pairing in DNA duplexes.337 Hoogsteen base

pairing occurs when the purine in a canonical Watson-Crick (WC) base pair (bp) flips �

1800 along the glycosidic bond angle into a syn conformation, creating a different set of

hydrogen bonding, which the case of GC Hoogsteen bps requires the protonation of the

cytosine (Fig 4.1B). Unlike DNA, RNA duplexes cannot accommodate the m1G modifica-

tion, and insertion of m1G in an RNA duplex results in melting of the helices, and global

destabilization � 6 kcal/mol.338 This was proposed to occur through a steric model, in

which the 21-hydroxyl in an idealized helix geometry will clash with the base if rotated into

a syn conformation.
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FIGURE 4.1: RNA modifications used in this study, highlighting their ability to form
base pairs.

(A) Chemical drawings of m6AU base pairs with the methyl group either in the syn or anti position.
(B) Chemical drawings of m1GC base pairs with the G base either in the canonical anti–anti confor-
mation with Watson-Crick hydrogen bonding or the syn–anti conformation with Hoogsteen hydrogen
bonding. The added methyl group and steric clashes are shown in red.

Thus far, studies examining the impact of these modifications RNA structure are pri-

marily focused on duplexes, where they destabilize canonical pairing and overall structure.

This study aims to explore the effects of RNA modifications in the context of bulges, which

provide a more relaxed geometric environment. In the case of m6A, the result is a position

dependent stabilization by �1 kcal/mol in contrast to what has been shown to occur in

duplexes. However, m1G continues to destabilize RNA, but by a smaller to degree (�2

kcal/mol, compared to �6 kcal/mol in duplex RNA). In both cases, NMR NOEs and chem-

ical shift analysis provide detailed structural features revealing increased stacking with the

bulge nucleotide U23 with m6A22 in the RNA bulge model system HIV-1 TAR, and forma-

tion of Hoogsteen base pairing in the di-nucleotide HIV-1 TAR mutant (∆C24-wtTAR).
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4.2 Materials and Methods

4.2.1 Sample Preparation

m6A and unmodified samples were synthesized using the MerMade 6 DNA/RNA syn-

thesizer (BioAutomation) with standard phosphoramidite RNA chemistry, and deprotection

protocols for bases and the 21 hydroxyl. Care was taken to use n-acetyl protected rC, rA,

and rG phosphoramidites to aide in facile and complete base deprotection. Addition-

ally, samples were synthesize without the 51-DMT and purified using polyacrylamide gel-

electrophoresis (PAGE). More specifically, the synthesized oligonucleotide was cleaved

from the solid-phase column using 1 mL ammonia methylamine (1:1 ratio of 30% ammo-

nium hydroxide and 30% methylamine) followed by 2-hour incubation at room temperature.

The solution was then air-dried and dissolved in 100 µL DMSO, 125 µL TEA-3HF followed

by 2.5 h incubation at 650C.Samples were then ethanol precipitated and dissolved in 1

mL RNAase free water before PAGE purification. Samples were then electro-eluted and

buffer exchanged as described earlier.

m1G and m3U samples were purchased from GE Healthcare Dharmacon using reverse-

phase high pressure liquid chromatography (RP-HPLC) purification. The purity of all mod-

ified and unmodified oligonucleotides was verified by NMR as described previously.338

All RNA samples used for NMR and UV experiments were buffer exchanged at least

three times using a centrifugal concentrator (EMD Millipore) until containing >99.9% of the

desired buffer which, unless stated otherwise, consisted of 15 mM sodium phosphate, 25

mM NaCl, 0.1 mM EDTA at pH 6.4. 10% D2O was added directly to the sample before

NMR experiments were conducted.

4.2.2 NMR Spectroscopy

All NMR experiments were collected on a 600 MHz Bruker NMR spectrometer equipped

with an HCN cryogenic probe. Data were processed and analyzed using NMRpipe265

and SPARKY,266 respectively. Resonances were assigned using conventional 2D HSQC,

HMQC, 1H-1H NOESY (mixing times of 100 ms and 150 ms) and HCN experiments in the

absence of Mg2+.
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4.2.3 Secondary Structure Predictions

RNA secondary structure prediction was preformed using MC-Fold using standard

input options returning the 20 best, 15% sub-optimal structures predicted.142

4.2.4 UV Melting

Thermal melting experiments were conducted on a PerkinElmer Lambda 25 UV/VIS

spectrometer with a RTP 6 Peltier Temperature Programmer and a PCB 1500 Water Peltier

System. All RNA samples were buffer exchanged at least three times with a centrifugal

concentrator (EMD Millipore) to desired buffers, followed by direct dilution to 3 µM with the

same buffer. At least three measurements were carried out for each RNA with a sample

volume of 400 µL in a Teflon-stoppered 1 cm path length quartz cell. The absorbance at

260 nm was monitored while the temperature was varied between 150C and 950C. Ther-

modynamic parameters from UV melting experiments were fitted using nonlinear model

fitting in Mathematica 10.0 (Wolfram Research) such that melting temperature (Tm) and

enthalpy (∆H) for duplex and hairpin association were obtained by the fitting to equations

4.1 and 4.2 respectively,231
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1� 4exprp 1

Tm
� 1

Tm
q∆H
R
s �
b
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q∆H
R
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R
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fhairpin �
exprp 1
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q∆H
R
s

1� rp 1
Tm

� 1
Tm
q∆H
R
s

(4.2)

where T is the temperature in Kelvin, R is the gas constant in kcal/mol, and f is the fraction

of folded duplex and hairpin for equations 4.1 and 4.2 respectively. ∆G and ∆S were cal-

culated from equations 4.3 and 4.4 for duplex association and hairpin folding respectively.

∆S � ∆H{Tm �RlnpCT {2q; ∆G � ∆H � T∆S (4.3)

∆S � ∆H{Tm; ∆G � ∆H � T∆S (4.4)
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where CT is the total concentration of RNA. The error in Tm, ∆H , ∆G, and ∆S is rep-

resented by the standard deviation from triplicate measurements. The destabilization or

stabilization effects of modifications on the RNA was calculated using equations in 4.5.

∆∆G � ∆Gmodified �∆Gunmodified

∆∆H � ∆Hmodified �∆Hunmodified

∆∆S � ∆Smodified �∆Sunmodified

(4.5)

4.3 Results and Discussion

4.3.1 m6A sStabilizes Junctional AU Base Pairs

Our initial motivation was to examine whether the destabilizing effects of m6A on AU

base pairing could be harnessed to induce a change in RNA secondary structure. We

designed an RNA hairpin (B51, Fig 4.2A containing the most common232,233 (GGm6ACU)

m6A consensus sequence (DRm6ACH, where D denotes A, G, or U, R is A or G, and H

is A, C or U).234,236,237 This sequence is predicted by Mfold54 to fold into two iso-energetic

secondary structures in which the m6A forms an AU bp either at the junction next to a

bulged guanine or deeper within the upper helix (Fig 4.2A). The sequence is also pre-

dicted to form an alternative conformation in which the m6A is bulged out and in which

the 51 neighboring guanine forms a non-canonical GU wobble (Fig 4.2A). This alternative

conformation is predicted to be destabilized by 0.6 kcal/mol, which is within the range of

m6A destabilization of AU bps in duplex RNA.333,339 Thus, we reasoned that m6A could

destabilize the junctional AU bp and promote formation of the alternative conformation

containing the GU mismatch, which can be readily detected by 1D 1H NMR.340 As a

control, we also carried out experiments on a corresponding RNA duplex (denoted D), in

which a cytosine nucleotide was included to pair with bulged guanine (Fig 4.2B).

The m6A substitution resulted in small perturbations in NMR spectra of the control

duplex D (Fig 4.2c). We observed the U17-H3 imino resonance of the m6A6 partner,

which also has a Nuclear Overhauser effect (NOE) cross peak with the amino group of
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m6A6 (Fig 4.2C and 4.6). This indicates that m6A6 forms a m6A6U17 Watson-Crick bp

stabilized by two H-bonds, as described previously for other RNA duplexes containing

m6A.333 Additionally NOE intensity analysis by Bei Liu additionally revealed that two NOE

cross peaks had comparable intensities were observed between the m6A6 methyl proton

and the base m6A6-H8 and m6A6-H2 (Fig 4.6). This indicates that the amino group either

deviates from a perfectly anti conformation or rapidly exchanges between the anti and syn

conformations.

The 1 and 2D NMR spectra show that unmodified B51 folds into a conformation with

the predicted junctional A6U17 Watson-Crick bp, bulged G5, and with G4 either forming

a weak junctional bp or a bulge (Fig 4.2E, and 4.7). The m6A6 substitution did not lead

to the predicted transition to the alternative conformation, as we did not observe the up-

field shifted (10-12 ppm) imino resonances characteristic of GU wobbles (Fig 4.2E and

4.7). On the contrary, the substitution sharpened the U17 imino resonance, consistent

with stabilization of the junctional Watson-Crick m6A6U17 bp (Fig 4.2D). This together

with uninterrupted NOE distance-based connectivity between U17 and G16 indicate that

the methylation stabilizes the structure (4.8A). As in D, the NMR data indicate that while

m6A6 forms a m6A6U17 Watson-Crick bp, the methyl group deviates from a perfectly anti

conformation (4.6). Therefore, counter to our predictions, and to the behavior observed in

duplexes, m6A locally stabilizes the junctional AU bp in B51. To our knowledge, this is the

first example of the N6-methyl group locally stabilizing an AU bp.

4.3.2 m6A Globally Stabilizes B51 in a Mg2+ Dependent Manner

While the NMR data indicate that m6A modification locally stabilizes the junctional AU

bp, this provides little information regarding the effect of the modification on overall RNA

stability. We therefore used UV melting experiments to examine the impact of the m6A6 on

RNA stability. Consistent with prior studies333,339 m6A destabilized D by 0.6�0.4 kcal/mol

at 370C. In stark contrast, m6A stabilized B51 by 0.9� 0.2 kcal/mol at the same tempera-

ture (Fig 4.2F). To our knowledge, this is the first example of m6A globally stabilizing an

RNA bulge motif.

To further examine the basis for m6A-dependent stabilization, we carried out UV melt-
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ing and NMR experiments in the absence of Mg2+ (Fig 4.2F). m6A destabilized D by a

slightly greater amount (�0.8 kcal/mol) in the absence of Mg2+. This was accompanied

by broadening of the imino resonances in the absence of Mg2+ (Fig 4.8D), consistent with

the destabilization observed using UV. In contrast, in the case of B51, the degree of m6A

stabilization decreased significantly from 0.9�0.2 kcal/mol to 0.3�0.3 kcal/mol in the ab-

sence of Mg2+ (Fig 4.2F). NMR spectra, including data for site-specifically labeled B51 (Fig

4.7), indicate that in the absence of Mg2+, unmodified B51 folds into many distinct and

slowly (on the NMR chemical shift timescale) exchanging conformations. The U17 imino

resonance in methylated B51 is significantly broadened, consistent with local melting of the

m6A6U17 bp in the absence of Mg2+ (Fig 4.7, 4.8D). Here, the NOE data indicate that

the methyl group adopts an anti conformation (Fig 4.6) and that G5 forms a G5U17 mis-

match (Fig 4.7). Thus, the addition of Mg2+ induces a conformational switch by stabilizing

the junctional m6A6U17 bp with a 51 neighboring G5 bulge.
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FIGURE 4.2: m6A stabilizes junctional AU bp

(A) Design of an m6A-dependent RNA structural switch. Secondary structures and free energies
computed using the Mfold web server.54 The modified adenine (A6) is highlighted in red. (B) Duplex
conformation with an inserted C residue. (C, D) Comparison of 1H NMR spectra of unmodified and m6A6
substituted for (C) D and (D) B51 recorded in 15 mM sodium phosphate, 25 mM NaCl, 0.1 mM EDTA and
3 mM Mg2+ pH’d to 6.4 at 100C. (E) Impact of methylation on the thermal stability of the hairpins with and
without 3 mM Mg2+. Shown are the differences in the free energy of melting between methylated and
unmodified RNA i.e. ∆∆G= ∆G(methylated) - ∆G(unmodified). The uncertainty reflects the standard
deviation three measurements.

4.3.3 Structural Requirements for m6A Stabilization

Previous studies have shown that when placed at dangling ends, m6A stabilizes RNA

duplexes by �0.1-1.2 kcal/mol.245,333 This has been attributed to favorable stacking and

hydrophobic shielding of the methyl group. Interestingly, this stabilization is greater when

m6A is placed at the 51 (�1.2 kcal/mol) versus 31 (�0.1-0.8 kcal/mol)245,333 end of the du-

plex probably due to stronger stacking with the 31 neighbor. The observed m6A-mediated
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stabilization of B51 could originate from similar stacking interactions. In particular, the 51

neighboring guanine bulge could provide m6A enough "wiggle room" to form m6AU WC

bps in which m6A optimally stacks with the 31 neighbor. This may require an unusual

backbone conformation at the bulge, which is stabilized by Mg2+. Such conformations with

optimal stacking may not be easily accommodated within the more rigid duplex interior,

resulting in a net destabilization of the duplex.

To test the structural requirements for m6A stabilization, we varied the position and

structural context of m6A (Fig 4.3) using three variants of the B51 RNA (B51helical, B0, and

B31). We also examined a model RNA (HCV) derived from a naturally occurring m6A site

identified in the 31 UTR of the hepatitis C virus (HCV) genome.235 In HCV, the m6A site

is at the junction, but on the strand opposite to the bulge. We performed NMR analysis

at 25 mM NaCl and 25 mM NaCl with 3 mM Mg2+ and confirmed that the methylated

and unmodified constructs fold into their predicted secondary structures (Fig 4.3B, 4.9E).

Decreasing the conformational freedom available to m6A by moving the m6AU bp one

base pair deeper into the upper helix (B51helical, Fig 4.3A) decreased the m6A dependent

stabilization from 0.9 � 0.2 kcal/mol to 0.4�0.4 kcal/mol (Fig 4.3C).

Decreasing the conformational freedom by placing m6A opposite rather than immedi-

ately adjacent to the bulge in HCV resulted in a net destabilization by 0.4�0.4 kcal/mol

(Fig 4.3C). NMR spectra show that in both cases, the modification does not locally stabi-

lize the m6AU bp again possibly due to the lack of conformational freedom needed for

optimal stacking (Fig 4.3B).

Disrupting stacking with the 31 neighbor through placement of a bulge 31 to m6A in B31

also resulted in a net destabilization by �1.2 kcal/mol (Fig. 4.3C). Interestingly, although

m6A globally destabilizes B31, it did locally stabilize the m6A6U16 bp as evidenced by

sharpening of the U16 imino resonance (Fig 4.3B). Finally, placement of m6A in a bulge

position destabilized B0 by 0.7�0.3 kcal/mol (Fig 4.3C). Here, NMR spectra (Fig 4.6)

indicate that the methyl group adopts a syn conformation, consistent with prior studies

of single-stranded RNA,341 and that the modification induces the flipping out of the bulge

adenine (Fig 4.9D). Loss of intra-helical stacking with the adenine bulge could explain the

161



m6A-induced destabilization of B0. This result shows that the destabilizing effects of m6A

are not limited to bps in duplexes but can extend to bulges as well.

Similar results were obtained in the absence of Mg2+ with the exception of HCV for

which the destabilization was more significant in the absence (1.4�0.4 kcal/mol) versus

presence (0.4�0.4 kcal/mol) of Mg2+ (Fig 4.3C). Together, these studies indicate that the

observed m6A dependent stabilization requires a specific motif in which an m6A-U bp is

neighbored by a 51 guanine bulge.
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FIGURE 4.3: Structural requirements for m6A stabilization of junctional A-U base pairs.

(A) Hairpin constructs that vary the secondary structural context of m6A. Secondary structures are
predicted using MC-fold142 and supported by NMR data (Fig 4.8). The HCV sequence is derived from
the base of stem loop 1 (SL1) in the 31 end of HCV genome (nt 9633-9642 linked by UUCG to nt
9668-9678) from the genotype 2A JFH1 strain (GeneBank accession: AB047639). (B) Comparison
of 1H NMR spectra of unmodified and m6A6 substituted hairpin constructs recorded in 15 mM sodium
phosphate, 25 mM NaCl, 0.1 mM EDTA and 3 mM Mg2+ ph’d to 6.4 at 100C. (c) Impact of methylation
on the thermal stability of the hairpins in 25 mM NaCl and 25mM NaCl with 3 mM Mg2+. Shown are
the differences in the free energy of melting between methylated and unmodified RNA i.e. ∆∆G=
∆G(methylated) - ∆G(unmodified). Reported uncertainty reflects the standard deviation from at least
three measurements.
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Construct
[Mg2+]
(mM)

Ct (µM) Tm (0C) ∆H (kcal/mol) ∆S (e.u.) ∆G 370C (kacl/mol)

D* 0 3 54.6�0.2 -86.1�1.5 -236.1�4.7 -12.9�0.1
D* m6A 0 3 51.2�0.2 -87.7�1.3 -243.7�4.0 -12.10�0.02
D* 3 3 66.0�0.4 -94.9�1.1 -253.2�3.0 -16.4�0.2
D* m6A 3 3 63.4�0.1 -95.5�2.2 -257.0�6.6 -15.8�0.2

B51 0 3 79.3�0.1 -63.2�1.4 -179.4�3.9 -7.6�0.2
B51 m6A 0 3 76.2�0.1 -70.7�1.2 -202.5�3.7 -7.9�0.1
B51 3 3 82.8�0.5 -64.8�0.5 -182.1�1.3 -8.3�0.1
B51 m6A 3 3 79.8�0.1 -76.7�0.8 -217.2�2.3 -9.2�0.1

B51helical 0 3 77.3�0.5 -60.7�2.9 -173.3�8.5 -7.0�0.3
B51helical m6A 0 3 73.8�0.2 -69.4�0.9 -200.1�2.7 -7.4�0.1
B51helical 3 3 81.2�0.3 -63.6�1.2 -179.6�3.7 -7.9�0.1
B51helical m6A 3 3 77.8�0.4 -71.1�2.8 -202.6�7.9 -8.3�0.3

B0 0 3 79.2�0.4 -57.5�1.6 -163.3�4.5 -6.9�0.2
B0 m6A 0 3 78.0�0.2 -56.1�1.4 -159.8�3.9 -6.5�0.2
B0 3 3 89.0�1.0 -50.8�1.0 -140.3�3.2 -7.29�0.03
B0 m6A 3 3 86.5�0.6 -48.2�2.1 -134.2�5.6 -6.6�0.3

B31 0 3 75.1�0.3 -72.2�1.8 -207.4�5.3 -7.9�0.1
B31 m6A 0 3 71.3�0.5 -65.6�1.0 -190.4�2.6 -6.5�0.2
B31 3 3 87.9�0.2 -44.6�0.6 -123.6�1.6 -6.3�0.1
B31 m6A 3 3 86.2�0.2 -37.2�1.0 -103.5�2.8 -5.1�0.1

Table 4.1: Thermodynamic parameters for UV melting of m6A constructs

Errors represent standard deviations from at least three duplicate measurements. Uncertainty
in the calculated thermodynamic parameters were determined by error propagation as described
previously.342

* D constructs used here are the duplex version (without UUCG apical loop) since Tm of UUCG-D is
above 900C and cannot be measured accurately with current instrumentation (see methods).

4.3.4 m6A May Stabilize Stacking Between the Bulge and Helix 1 in TARUUCG

To test the effects of m6A on another HJH model system, m6A was placed at the

bulge junction in HIV-1 TAR (Fig 4.4A). The sequence of TAR closely resembles the m6A

consensus sequence (DRm6ACH), however the critical C after the methaylated adenine

is a uridine. Additionally, it has already been shown that this region of TAR does get

methylated in the HIV virus.238

In TAR, the junctional A22U40 base pair is weak, and bulge residue U23 is often

stacked on A22.65 Therefore, it was expected that m6A6 would globally destabilize the
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RNA, but may locally stabilize the A22U40 base pair. Indeed UV melting revealed that

m6A22 does globally destabilize TARUUCG by � 0.7 and 1.3 kcal/mol (Table 4.2) in the

absence and presence of 3 mM Mg2+, respectively. This is similar to results observed in

B31 above (Table 4.1), suggesting global trends observed above may be more general,

and not specific to the DRm6ACH motif consensus sequence.

However, in contrast to B51 above, no A22U40 imino resonance was observed (Fig

4.4B). Additionally, the addition of Mg2+ lead to the splitting of imino resonances, such

as U38-H3 (Fig 4.4B), suggesting m6A22 may be inducing a new conformational state in

TARUUCG that is in slow exchange on the NMR chemical shift timescale.

To further investigate this, 2D HSQCs were collected (Fig 4.4C and 4.10A). As ex-

pected large chemical shift perturbations were observed in and around the bulge, indicat-

ing that m6A is inducing dynamics and/or conformational changes to TARUUCG. Specifi-

cally, 13C shifts at A22, U23, and G26 are perturbed upfield compared to the unmethylated

TARUUCG, suggesting increased stacking interactions between bulge residues and flank-

ing helices.343 Additionally, significant broadening of A22-C8H8 and U23-C6H6 suggest a

high level of dynamics and/or conformational exchange is occurring. Taken together, this

suggests that m6A stabilizes the stacking interaction between A22 and U23, in such a way

that it is likely helices are wedged further apart and the TAR helices may be more bent

overall than in unmodified TARUUCG.

As shown above, and in the thermodynamic parameters from UV melting, Mg2+ often

stabilizes RNA and can selectively stabilize particular conformations as is the case for B51.

Here, however, Mg2+ increases dynamics in m6A22-TARUUCG, as observed by increased

broaden of resonances near the bulge (Fig 4.4D, 4.10B). Base pairs further away from the

bulge, such as A27U38 and G21C41 and residues mentioned above are broadened out

of detection. This suggests m6A can cause more global dynamic and/or conformational

changes in an HJH motif.

Further analysis of chemical shifts and along with dynamic measurements, such as

R1ρ and RDCs, are needed to continue dissecting the effects of m6A on TARUUCG. Chemi-

cal shifts collected at higher temperatures (� 370) may increase dynamics such that relax-
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ation due to R2 increase, and thus sharpen peaks increasing their signal to noise. Addi-

tionally, dynamics measurements at low salt, where chemical shifts are visible could reveal

the population, kinetics, and change in chemical shift between conformational states. This

would require selective labeling schemes, since site specific incorporation of m6A is not

possible with in vitro transcription. Finally, due to the increased stacking if U23 with A22,

m6A-TARUUCG may be more highly kinked on average than TARUUCG. An order tensor

analysis of RDCs would reveal the average bend angle, but additional analysis in concert

with molecular dynamic simulations may help to reveal atomic details of highly bent bugle

conformations, and how junctional base pairs, and the bulge linker adapt to these kinked

states.
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FIGURE 4.4: Chemical shift mapping of m6A22-TARUUCG

(A) Secondary structure of TARUUCG, where the methylated A is highlighted in red. (B) Aromatic
HSQC in 25 mM NaCl, no Mg2+. Black arrows show chemical shift perturbations in and around the
bulge with (red) and without (black) m6A22. (C) 1D-jump return spectra of imino protons of TARUUCG in
25 mM NaCl (right) and 25 mM NaCl and 3 mM Mg2+ (left) with and without m6A (see inset for legend).
(D) Aromatic HSQC in 25 mM NaCl and 3 mM Mg2+. Red residues highlight Mg2+ induced broaden in
m6A22-TARUUCG.

Construct
[Mg2+]
(mM)

Ct (µM) Tm (0C) ∆H (kcal/mol) ∆S (e.u.) ∆G 370C (kacl/mol)

TARuucg 0 3 66.1�0.5 -78.1�1.7 -230.1�5.2 -6.7�0.2
TARuucg m6A 0 3 65.6�0.1 -71.1�0.9 -209.8�2.5 -6.0�0.1
TARuucg 3 3 76.3�0.1 -113.5�2.8 -324.8�8.1 -12.8�0.3
TARuucg m6A 3 3 74.3�0.1 -107.4�1.8 -309.1�5.2 -11.5�0.2

Table 4.2: Thermodynamic parameters for UV melting of m6A6-TARUUCG constructs

Errors represent standard deviations from at least three duplicate measurements. Uncertainty in
the calculated thermodynamic parameters were determined by error propagation as described previ-
ously.342
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4.3.5 m1GC� Hoogsteen Base Pair in A-form RNA Near a Bulge

Next, m1G was inserted at the base pair 31 to the bulge to examine if it is possible to use

a natural RNA modification to relax an A-form helix and allow the formation of a Hoogsteen

base pair next to a bulge element. In particular, m1G was substituted at G26 in ∆C24-

wtTAR (Fig 4.5A) which forms a G26C39 Watson-Crick bp adjacent to a di-nucleotide

bulge. Experiments were initially carried out in 25 mM NaCl, 15 mM sodium phosphate,

and 0.1 mM EDTA pH’d to 5.8. These conditions are typically needed to observe GC�

Hoogsteen bps in DNA.344 It should be noted that at this low pH, the population of ES1 in

∆C24-wtTAR would be significantly increased, as shown by HSQC overlays at pH 6.4 and

5.8 and small but noticeable chemical shift perturbations at the bulge, that are opposite in

direction as those observed in upon addition of Mg2+ (Fig 4.12).

The m1G26 substitution resulted in significant perturbations in 2D HSQC and 1H 1D

spectra of ∆C24-wtTAR particularly for residues in and around the modification (Fig 4.5B

and 4.11). Strikingly, we observed NMR signatures of a GC� Hoogsteen bp, including a

down-field shift of m1G26-C8 (by �4ppm) and a relatively strong intra-nucleotide H11-H8

cross peak indicative of a syn conformation for the methylated base (Fig 4.5C). Moreover,

a down-field shifted imino proton (at � 15 ppm) corresponding to protonated cytosine345

that is hydrogen bonded to the syn Guanine is also visible in the imino region of the 1H 1D

NMR spectrum (Fig 4.5A).
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FIGURE 4.5: m1G traps a Hoogsteen base pair in ∆C24-wtTAR

(A) Secondary structure of ∆C24-wtTAR, highlighting the site of methylated in red along with 1D
imino proton overlay of the modified (red) and unmodified (black) ∆C24-wtTAR. (B) 2D aromatic overlay
of modified (red) and unmodified (black) ∆C24-wtTAR. Black arrows point from the unmodified towards
modified chemical shifts. Assignments marked with an asterisk are ambiguous and should be inter-
preted with caution. (C) NOEs highlighting the intensity of the m1G26H11-H8, which highly suggests the
methylated guanine is in the syn conformation.

Interestingly, the C11 of G26 in the methylated sample is upfield shifted relative to the

corresponding residue in wt2TAR by �1.5ppm (Fig 4.11). In contrast to this, a down-field

shift of �2-3 ppm is typically observed for the purine base on forming Hoogsteen bps in

DNA duplexes. This discrepancy is most likely due to a different glycosidic torsion angle

(χ) and sugar pucker adopted in the m1G26C39� Hoogsteen bp. Indeed, studies have
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shown that the C11 chemical shift in RNA is strongly influenced by both χ angle and sugar

pucker.230,346 The reduced energetic destabilization upon methylation observed in this

case (∆∆G = 1.9� 0.7 kcal/mol) as compared to the introduction of m1G in a duplex RNA

(∆∆G = 5.7 � 0.1 kcal/mol) in the same conditions directly correlates the maintenance

of an A-form geometry to HG-destabilization. Therefore, when the geometric restraints

due to the A-form geometry are relaxed in RNA, Hoogsteen bps can be more readily

accommodated. This supports a model proposed that suggests the reason RNA does not

readily accommodate Hoogsteen bps is due to steric clashes.338

Construct pH Ct (µM) Tm (0C) ∆H (kcal/mol) ∆S (e.u.) ∆G 250C (kacl/mol)
∆C24-wtTAR 5.8 2.5 68.5�0.2 -83.2�4.6 -243.4�13.4 -10.6�0.5
∆C24-wtTAR m1G 5.8 2.5 60.8�0.2 -72.3�1.7 -216.4�5.2 -7.7�0.2
∆C24-wtTAR 5.4 2.5 68.0�0.2 -104.0�3.1 -304.6�9.0 -13.0�0.4
∆C24-wtTAR m1G 5.4 2.5 61.1�0.4 -102.8�3.9 -307.5�11.9 -11.1�0.3

Table 4.3: Thermodynamic parameters for UV melting of m1G ∆C24-wtTAR constructs

Errors represent standard deviations from at least three duplicate measurements. Uncertainty in
the calculated thermodynamic parameters were determined by error propagation as described previ-
ously.342
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4.4 Supporting Information

4.4.1 Supporting Figures

FIGURE 4.6: Analysis of m6A methyl conformation

2D NOESY spectra showing distance-based connectivity involving the N6-methyl proton in each
m6A construct in 25 mM NaCl and 25 mM NaCl with 3 mM Mg2+. Shown are color coded distances
and NOE cross peaks between protons that are sensitive to the conformation (syn versus anti) of the
N6-methyl proton in m6A and m6U base pairing, see illustration at the top for color coding of proton
pairs shown.
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FIGURE 4.7: Site labeling of B51 imino 2D HSQCs

2D NH HSQC spectra of 15N site-labeled (U17N3 + G5N1) B51 with and without the m6A6 modifi-
cation in 25 mM NaCl and in 25 mM NaCl with 3 mM Mg2+.
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FIGURE 4.8: Imino NOESY walks for m6A constructs.

2D NOESY spectra showing sequential connectivities between imino protons for (A)D, (B) B51 with
and without m6A in 25 mM NaCl (-Mg2+) or 25 mM NaCl with 3 mM Mg2+ (+Mg2+), and for (C) methylated
B51helical, B31, B0, HCV in the presence of Mg2+. (D) 1H spectra of D, B51, B51helical B31, B0, HCV with
and without m6A in 25 mM NaCl and no Mg2+.
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FIGURE 4.9: Non-exchangeable NOESY walks and 2D 13C and 15N HSQCs of m6A
constructs

2D NOESY spectra showing sequential connectivities of non-exchangeable protons along with 2D
assignments for (A)D, (B) B51, (C) B51deep (D) B0 and (E) HCV with and without m6A in 25 mM NaCl
(-Mg2+) or 25 mM NaCl with 3 mM Mg2+ (+Mg2+).
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Figure 4.9 continued: 2D NOESY spectra showing sequential connectivities between imino protons for
(C) B51deep (D) B0 and (E) HCV with and without m6A in 25 mM NaCl (-Mg2+) or 25 mM NaCl with 3 mM
Mg2+ (+Mg2+).
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FIGURE 4.10: 2D assignments for m6A22-TARUUCG

Adiabatic HSQCs taken on 2 mM TARUUCG with and without m6A in (A) 25 mM NaCl and no Mg2+

and (B) 25 mM NaCl and 3 mM Mg2+. Secondary structures of TARUUCG are also shown with red letters
highlighting residues that have (A) chemical shift perturbations upon the addition of m6A or (B) are
broaden out of detection.

176



FIGURE 4.11: Assignments of m1G26-∆C24-wtTAR

2D HSQC overlays of aromatic and sugar resonances of m1G26-∆C24-wtTAR and ∆C24-wtTAR
(top) and NOESY walk of m1G26-∆C24-wtTAR (bottom). Assignments marked with an asterisk are
ambiguous and should be interpreted with caution.
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FIGURE 4.12: ∆C24-wtTAR HSQC overlays at pH 6.4 and 5.8
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5

Conclusions and Future Directions

This work examined how the RNA free energy landscape changes with the length

of a bulge linker, the concentration of salt in solution, and with naturally occurring epi-

transcriptomic modifications. As briefly described in chapter 2, the RNA landscape can

be organized into three tiers (Tier 0-2) classified according to the motional timescales.

Tier 2 constitutes conformational sub-states (CSs) that undergo large rearrangements in

secondary structure on the > seconds timescale. Transitions between Tier 1 CSs occur

at the ms to s timescale and involve smaller secondary structure and/or tertiary structure

rearrangements in which base pairs must break and/or form. Transitions between Tier 0

CSs occur at the ps to ms timescale and involve changes in the orientations of helices,

sugar repuckering, and local librational motions.114 This work focused specifically on Tier

0 and 1.

Prior studies of HIV-1 TAR exposed tier 0 motions involving a Mg2+ dependent two-

state equilibrium between rigid stacked and flexible unstacked conformations and Tier 1

motions involving two distinct excited states with alternative secondary structures in and

around the TAR bulge and apical loop. Chapter 2 showed that these distinct CSs are also

sampled when shortening the HIV-1 TAR bulge by a single nucleotide. Where by both Tier

1 CSs were observed with only slight variation in populations. Although, the mutation did

alter the final conformation of ES2 from a single nucleotide bulge in HIV-1 TAR to a full
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helix in the di-nucleotide mutant. The mutation also altered the number of CSs sampled

in the unstacked state and increased the population of the stacked state.

These findings were expanded upon in Chapter 3 by examining the behavior of bulges

with length ranging between one and seven nucleotides. The unstacked and stacked

conformations and Mg2+ dependent transition was robustly observed from two to seven

nucleotides, with the one bulge motif primarily adopting a stacked conformation. Elon-

gating the bulge increased the flexibility of the unstacked state, but minimally affected its

energetics and population relative to the stacked state. This could be attributed to Mg2+

which likely helps neutralize electrostatic contributions which could differ markedly across

the different bulge motifs. Taken together, the studies in Chapters 2 and 3 show that Tier 0

and Tier 1 CSs in poly-pyridine bulges are highly robust with respect to changes in bulge

length and that Mg2+ plays an important role by neutralizing electrostatic contributions

in the bulge linker. Concluding that changing the bulge length primarily acts to expand

or reduce the range of conformations that are accessible in the stacked and unstacked

conformations.

Our findings in Chapters 2 and 3 have important implications for RNA structure pre-

diction as well as studies of RNA folding and functional dynamics. First, to a good approx-

imation the energetic cost for coaxial stacking will be similar for different poly-pyrimidine

bulge lengths. This should aid analysis of RNA folding and the development of scoring

functions used in RNA structure prediction programs. Second, many RNAs undergo tran-

sitions between stacked and unstacked conformations during folding, RNP assembly, and

catalytic cycles. The energetically compensated inter-helical stacking dynamics may help

to maximize the conformational adaptability of RNA allowing a wide range of conforma-

tions to be optimally stabilized by proteins and ligands. Finally, our studies challenge the

view that the RNA landscape is highly rugged. Rather, we find that variations in bulge

length lead to continuous variations in dynamics without introducing sharp transitions in

dynamic behavior. It is possible that the rugged landscape originates primary from Tier 2

dynamics not studied here involving large rearrangements in secondary structure.

Finally, in Chapter 4, we examined the impact of epi-transcriptomic modifications m6A

and m1G on RNA structure when positioned within the context of bulges. Our results
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showed that bulges can lead to behaviors that are distinct relative to duplexes, which are

often used as model systems to examine the effects of such modifications. These results

highlight that the impact of epi-transcriptomic modifications can vary significantly as a

function of RNA secondary structural context.

5.1 Expanding the Two-state Model to Include Kinetic Measurements

Full characterization of conformational states requires knowledge of the populations,

as well as the kinetics of inter-conversion. So far, with the exception of the Tier 1 CSs,

our studies provided qualitative information regarding the timescales of process including

the stacking transition. The NMR data indicate that these transitions are fast on the NMR

timescales, however, that only implies that they are faster than milliseconds. Future stud-

ies should more quantitatively examine these timescales and how they vary with respect

to the bulge length. This could be feasible by adapting the RD methods used to study the

TAR excited states.

Measuring the kinetics of stacking is possible due to the large chemical shift differ-

ence (> 2 p.p.m.) between states in long (© 3 nts) bulge motifs. The experiments would

be preformed with the TAR apical loop variant,which replaces the wild-type apical loop

with the UUCG tetra-loop to remove RD contributions from the ESs. This mutation has

previously been shown to prevent transitions to ES1 and ES2,144 therefore greatly simpli-

fying the number of expected CSs. In addition, lower temperatures would be used to slow

down the rate of exchange and bring the process within detection. These studies could

provide insights into the transition state for stacking and how its energetics relative to the

stacked and unstacked state varies with bulge length and divalent cations. This will give

a more detailed description of the energy landscape and organization of motional modes

into different tiers.

5.2 Further Examination of Sequence Effects

Future studies should examine whether our findings of robust bulge landscapes hold

true for poly-purine bulges and for sequence contexts that differ from TAR. To begin the
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51 base pair to the bulge could be replaced with the three other canonical WC bp options

(C26G39, U26A39, and A26U39). Replacement of the 51 base pair is a minimal per-

turbation since it was realized in Chapter 3 that the G26C39 chemical shifts do not report

on the stacking transition as much as A22-C8H8 and U23-C6H6 resonances. Extracted

populations could then be used to compare to begin exploring the sequence dependence

of stacking energetics. In fact, previous work on an A22U40 to a G22C40 mutant al-

ready revealed through NMR RDC that TAR is highly rigid and linear state, where the U23

chemical shift appears to be on a similar trajectory as shown in Chapter 3.227 Again, we

expect that varying the sequence will have only small effects on the relative populations of

the stacked and unstacked states in the presence but not in the absence of Mg2+.

Future studies should also examine the behavior of poly-purine bulges which have pre-

viously been shown to favor intra-helical stacking. Indeed, it remains to be seen whether

such bulges do experience Mg2+ dependent stacking transitions and how these transitions

may vary with bulge length. Another interesting factor is that purines favor interactions with

Mg2+ and this could additionally modulate their behavior relative to poly-pyrimidine bulges.

The intra-helical purine bulges may also modify the dynamic behavior and flexibility of the

unstacked conformation.

5.3 Utilizing Natural RNA Modifications to Study Rare Inter-helical States

Chemical modifications could potentially provide a means by which to stabilize rare

conformations that are not accessible by current NMR methods. Indeed, in our studies,

m6A showed potential to reveal rare states of TAR, whereby U23 stacks more often on A22.

This combined with other targeted bulge modifications such as 5-methylcytosine and 3-

methyluridine, may help capture conformational states that have been proposed based on

atomic resolution ensembles of TAR.171 Thus far, the majority information obtained about

the bulge dynamics has been obtained from ensembles determined through the combina-

tion of molecular dynamics simulations and NMR RDCs. Chemically modifying the bulge

would provide additional chemical shift evidence of bulge transitions proposed which may

result in better three-dimensional structures to utilize for in silico drug discovery. An im-
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portant challenge here will be the development of methods that can ascertain whether or

not these states are in fact significantly populated in the absence of the modification.
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Appendix A

Chemical Shift Titration Python Code

import csv

from numpy import *

from scipy.optimize import curve_fit

from scipy.optimize import leastsq

from scipy.stats import chisquare

from scipy.stats import norm

import matplotlib.pyplot as plt

from matplotlib.pyplot import gca

import matplotlib as mpl

from matplotlib.backends.backend_pdf import PdfPages

### ---- User input parameters ---- ##

RNAconc = 0.03

freqH = 599.662816 #Frequency of 13C on spectrometer

freqC = 150.806189 #Frequency of 1H on spectrometer

repmc = 2000

file_name = 'name_here '

pdf = PdfPages("name_here.pdf")

fnout = 'name_here '

### ---- Define Function to Fit ---- ##

def fitkd(x,Kd,dCS ,CSfree):

return CSfree +(dCS*(x/(Kd+x)))

data = []

### ---- Open file , get data ---- ##

with open(file_name ,'rb') as csvfile:
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data_import = csv.reader(csvfile , delimiter=',', quotechar='|

')

for i in data_import:

data.append(i)

### ---- Sort data into dictionary ---- ##

d = {}

for i in xrange(shape(data)[1]):

d[data [0][i]] = []

for x in data [1:]:

d[data [0][i]]. append(float(x[i]))

mpl.rcParams["axes.formatter.useoffset"]=False

fig , axes = plt.subplots(nrows=6,ncols =5)

### ---- Plotting Variables ---- ##

def PlotKd(salt ,CSobs ,FitVals ,FitErr ,func ,resi ,nrow ,ncol):

### ---- Define trendline bounds based on salt concentrations

used --- ###s

findconc = linspace (0.001 ,100 ,100000)

title = (r'{0},$K_ {1}mM={2}\pm{3} mM$').format(resi ,'{1/2} ',

round(fit [0] ,4),round(fit_err [0],4))

axes[nrow ,ncol]. set_xlim (0.001 ,100)

axes[nrow ,ncol]. set_title(title ,fontsize='large')

axes[nrow ,ncol]. semilogx(findconc ,func(findconc ,FitVals [0]+

FitErr [0], FitVals [1]+ FitErr [1], FitVals [2]+ FitErr [2]), '-

', c = 'c', linewidth = 1)

axes[nrow ,ncol]. semilogx(findconc ,func(findconc ,FitVals [0]-

FitErr [0], FitVals [1]- FitErr [1], FitVals [2]- FitErr [2]), '-

', c = 'c', linewidth = 1)

#axes[nrow ,ncol]. fill_between(findconc , func(findconc ,FitVals

[0]+ FitErr [0], FitVals [1]+ FitErr [1], FitVals [2]+ FitErr [2])

,\

#func(findconc ,FitVals [0]- FitErr [0], FitVals [1]- FitErr [1],

FitVals [2]- FitErr [2]), facecolor='deepskyblue ', alpha =0.5)

axes[nrow ,ncol]. semilogx(findconc ,func(findconc ,FitVals [0],

FitVals [1], FitVals [2]), '-', c = 'red', linewidth = 1.5)

axes[nrow ,ncol]. scatter(salt ,CSobs , c = 'k', s=30)

axes[nrow ,ncol]. scatter (0.0015 , CSobs[0], c='g', s=30)

axes[nrow ,ncol]. tick_params(axis='both',labelsize='x-small ')

for i in d:

if i == 'Concentration ':

salt = list(d['Concentration '])

csvfile = open(fnout ,'wb')

f = csv.writer(csvfile , delimiter=',', quotechar='|', quoting=csv

.QUOTE_MINIMAL)

f.writerow (['Residue ','Kd (mM)','Kd Er','CS Free (ppm)', 'CSF Er'

,'Max dw (ppm)', 'dw Er','chi2'])
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residuals =[]

for i in d:

if i != 'Concentration ':

CSobs = list(d[i])

fit , matcov = curve_fit(fitkd , salt , CSobs , p0=[0.1 , list(

d[i])[0]-list(d[i])[7],list(d[i])[0]], bounds

=[[0 , -500. , -500.] ,[500. ,500. ,500.]])

chi2 = chisquare(CSobs ,fitkd(salt ,fit[0],fit[1],fit [2]))

line = fitkd(salt ,fit[0],fit[1],fit [2])

if "H8" in i:

x = residuals.append ((CSobs -line)*freqH)

elif "H2" in i:

x = residuals.append ((CSobs -line)*freqH)

elif "H6" in i:

x = residuals.append ((CSobs -line)*freqH)

else:

x = residuals.append ((CSobs -line)*freqC)

#Monte Carlo on Residuals

resnums = []

for i in residuals:

for x in i:

resnums.append(x)

#best fit of residuals

(mu, sigma) = norm.fit(resnums)

count = 0

for i in d:

print i

if i != 'Concentration ':

if "H8" in i:

er = sigma/freqH

elif "H2" in i:

er = sigma/freqH

elif "H6" in i:

er = sigma/freqH

else:

er = sigma/freqC

CSobs = list(d[i])

fits_kd =[]

fits_cs =[]

fits_dw =[]

for x in range(repmc):

fit , matcov = curve_fit(fitkd , salt , CSobs , p0=[0.1 ,

list(d[i])[0]-list(d[i])[7],list(d[i])[0]], bounds

=[[0 , -500. , -500.] ,[500. ,500. ,500.]])

erCSobs = ndarray.tolist(CSobs + random.randn(len(

CSobs))*er)

fitMC , matcovMC = curve_fit(fitkd , salt , erCSobs , p0

=[0.1 , list(d[i])[0]-list(d[i])[7],list(d[i])[0]],

186



bounds =[[0 , -500. , -500.] ,[500. ,500. ,500.]])

chi2 = chisquare(CSobs ,fitkd(salt ,fit[0],fit[1],fit

[2]))

fits_kd.append(fitMC [0])

fits_cs.append(fitMC [2])

fits_dw.append(fitMC [1])

fit_err = [std(fits_kd),std(fits_cs),std(fits_dw)]

count = count +1

if count <= 5:

nrow = 0

ncol = count -1

elif count <= 10:

nrow = 1

ncol = count -6

elif count <= 15:

nrow = 2

ncol = count -11

elif count <= 20:

nrow = 3

ncol = count -16

elif count <= 25:

nrow = 4

ncol = count -21

elif count <= 30:

nrow = 5

ncol = count -26

f.writerow ([i, round(fit [0] ,4), round(fit_err [0],4),round

(fit[2],4),round(fit_err [2],4),round(fit [1] ,4),round(

fit_err [1],4),chi2])

PlotKd(salt ,CSobs ,fit ,fit_err ,fitkd ,i,nrow ,ncol)

fig.set_size_inches (20 ,20)

plt.tight_layout ()

pdf.savefig ()

pdf.close ()

os.system('start {0}. pdf'.format(fnout))
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