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INTRODUCTION 

  Determining effective methods of shutting down genes or inserting a specific gene into the 

genome can provide insight to both gene functionality and pharmaceutical treatments. My project 

specifically investigates methods of genetic modification in the form of gene knock-out. The 

emergence of CRISPR/Cas9 technology has allowed for a quick method of targeting specific 

portions of the genome, and I used the technology to target two zebrafish genes suspected of 

involvement in notochord development, confirm mutations, and optimize my CRISPR/Cas9 

protocol.   

 To discover the genes required for proper vertebral column formation, I furthered my lab’s 

investigation of zebrafish notochord development and spine formation. The notochord consists of 

a dense layer of extracellular matrix that surrounds an outer epithelial sheath cell layer and inner 

vacuolated cell layer.1 This tissue arrangement provides hydrostatic pressure that allows for axis 

elongation in developing embryos (Figure 1).1,2 Later in development, the notochord acts a scaffold 

for vertebral bone growth – osteoblasts migrate to and settle along the notochord and deposit bone 

matrix during vertebral development.2 I investigated two genes (to be discussed later) suspected 

of involvement in this pathway and expected a scoliosis-like phenotype in mutants without 

properly-functioning genes. My goal was primarily to investigate effective methods of generating 

targeted mutations in zebrafish. Overall, I took a comprehensive genetic approach to generate and 

identify mutants of genes suspected of involvement with notochord formation.  

 I focused on two genes, tram1 and clta. Our lab previously conducted a genetic screen to 

identify recessive mutations that cause scoliosis in zebrafish and to gain a deeper understanding of 

the genes that regulate notochord biogenesis. Mutants from this screen showed that defects in the 

notochord of early embryos can cause spinal malformations in adulthood, since the notochord acts 
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as a scaffold for spine morphogenesis. From this genetic screen, our lab identified a mutation in a 

kinase-encoding gene called spaetzle as a regulator of notochord development in early embryos 

(Figure 2). Through a phosphoproteomics analysis, our lab identified tram1 as one possible target 

of spaetzle, since it was differentially phosphorylated. In addition, I studied clathrin, or clta, which 

is involved in notochord vacuole formation at the Golgi complex and the plasma membrane.2 clta 

regulates vesicular traffic out of the Golgi complex maintains vacuole formation (Figure 1). These 

notochord vacuoles inflate, elongating the zebrafish axis and influencing the morphology of the 

spine. My knock-out project to mutate tram1 and clta were intended to disable their function and 

observe the influence on the zebrafish spine as well as any other visible phenotypes.  

 

 

Figure 1. Zebrafish notochord anatomy. This cartoon of the zebrafish notochord depicts outer 
sheath cells and inner sheath cells, which contain fluid-filled vacuoles. The entire notochord is 
encased in a thick extracellular matrix (ECM). Later in development, osteoblasts migrate to and 

settle along the notochord and deposit bone matrix. 
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Figure 2. Mutations in spzl cause notochord defects. Notochord vacuoles are important for 
proper axis elongation and spine formation. A mutation in a kinase-encoding gene our lab named 

spaetzle (spzl) causes notochord defects and ultimately scoliosis. Post-Golgi membrane 
trafficking is critical for vacuole formation and hypothesized that spzl functions to phosphorylate 

target proteins that regulate trafficking to the vacuole.  
 

 To investigate the effects of genes on notochord development, my lab needed a reliable 

method of targeting and modifying genes. One way to investigate the function of proteins of 

interest is to do reverse genetics: in other words, to generate inactivating mutations. This is an 

approach our lab has focused on to study a number of genes, advantageous for its low cost and 

relatively quick timeline of generating mutations.  

 Reverse genetics requires modifying the genetic makeup of organisms, but successful gene 

editing comes with a number of challenges. First, it must be possible to target a specific DNA 

sequence. Second, the mechanism must allow specific DNA sequences to be targeted, disturb the 

gene by mutating it or silencing it in some way, cut at those specific sites, and leave other DNA 

loci undisturbed. Third, cellular machinery must repair the cleaved DNA in a way that modifies 

the transcription and translation of the gene. These mutations must be stable and appear in the 

germ line to be transferred to future generations.  
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 There have historically been several methods of inducing double-strand breaks in DNA. 

Zinc finger nucleases (ZFNs) involves coupling two proteins. One of these is a DNA recognition 

protein and recognizes a specific DNA sequence in the genome. Another enzyme includes a 

domain that cuts DNA. ZFNs were found to be effective in Drosophila and mammalian cells but 

designing nuclease proteins for specific DNA loci required long times to optimize, often taking 

months. Specifically, designing the DNA recognition protein is tedious and difficult to verify due 

to costs and optimization time.3 Also, ZFNs have not proven to bind with long stretches of DNA 

with high affinity.4 This makes it difficult to effectively design ZFNs, and as a result, designing an 

optimized ZFN can take months.4 ZFNs also commonly have off-target effects and target sites on 

the genome other than the locus of interest.4 Therefore, the ZFN method was not widely adopted 

as a method of mutagenesis.3,4  

 

Table 1. Comparison of mutagenesis methods 

 Specificity Optimization time Costs 

ZFNs ++ High (months) ++++ 

CRISPR +++++ Very low (hours) + 

TALEN ++ Low (days) +++ 

 

 Another innovation came in the form of transcription activator-like effector nucleases, 

TALENs. Similar to the ZFNs, TALENs involve designing site-specific nucleases but involve 

transcription activator-like effectors (TALs), which naturally occur in bacteria, rather than zinc-

finger nucleases. Both ZFNs and TALENs induce targeted DSBs and stimulate cellular DNA 

damage response pathways. TALENs are a cheaper gene editing method than ZFNs and are easier 



 5 

to design, able to be constructed in two days.4 However, the disadvantage with TALENs is their 

size. The typical size for cDNA encoding a TALEN is around 3 kb, whereas cDNA encoding ZFNs 

is approximately 1 kb.4 This increased size makes it more difficult to package the DNA into viruses 

than ZFNs. prevented it from widespread adoption.3,4  

 A newly emerged technology that carries with it the possibility of widespread adoption 

involves CRISPRs, clustered, regularly-interspaced, short palindromic repeats, which involve a 

protein (Cas9) and a guide RNA sequence to target a specific part of the genome. The 

CRISPR/Cas9 system allows for accurate targeting and DSB induction of a specific DNA sequence. 

The construction of the CRISPR/Cas9 system can be done in several hours and the embryos can 

be promptly injected. CRISPR/Cas9 is similar to TALEN  in that both induce double-strand breaks 

in DNA at specific sequences, making it possible to induce a loss-of-function allele.5 However, 

the aforementioned challenges with TALEN, mainly its costs and optimization time, makes 

CRISPR/Cas9 more appealing. One drawback of the CRISPR/Cas9 approach is that gRNAs can 

tolerate several base pair mismatches. As a result, CRISPR has been shown to associate with off-

target sites.5 However, this is not a major concern with my project since recent bioinformatic 

advances have led to the development of algorithms to predict gRNA sites that minimize off-target 

effects.6 Since ZFNs and TALENs require substantially more time to successfully modify and 

target specific genes, I have largely adopted CRISPR/Cas9 for my genetic targeting efforts and am 

currently exploring how to more efficiently modify zebrafish genomes. I used the CRISPR-Cas9 

method to target candidate genes suspected of involvement in notochord development. 

 Although short direct repeats interspaced with short sequences were described as early as 

1987,7 their function was not realized until over a decade later. In 2005, it was discovered that 

many CRISPR spacer sequences derived from plasmids and viruses and that CRISPR-associated 
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(cas) genes encode proteins with nuclease and helicase domains.8 This led to the proposal that 

CRISPR/Cas systems were cellular defense mechanisms that allowed for adaptive immunity, 

analogous to restriction enzymes. This was confirmed with further experimentation with 

Streptococcus thermophilus9 and Staphylococcus epidermidis.10  

 CRISPR-Cas systems are composed of a number of identical repeats interwoven with 

invader DNA sequences. These invader DNA sequences influence the coding sequences of 

CRISPR RNAs (crRNAs). These crRNAs allow CRISPR/Cas systems to target foreign invaders 

by targeting sequences that match those of the crRNAs. Thus, adaptive immunity is a multiple-

stage process that begins with insertion of invader DNA as a CRISPR spacer sequence. After 

incorporation into the genome, crRNAs are transcribed. The complex containing Cas proteins and 

crRNAs allow these CRISPR/Cas systems to target and cleave foreign DNA.  
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Figure 3. Biology of the Type II Crispr-Cas9 system. Adapted from Doudna and Charpentier 
2014, this figure shows the CRISPR-Cas9 system of S. pyogenes. (A) The cas gene operon with 

the tracrRNA and the CRISPR repeat-spacer arrays. (B) Cas9 association with the 
tracrRNA:crRNA duplex leads to targeted DNA cleavage, which is shown in (C). 

 

 

 The prominent CRISPR used today uses Cas9, a Type II CRISPR/Cas system. Cas9 is a 

large protein with two nuclease domains, HNH and RuvC-like.11 Studies show that Cas9 is 

essential in defense against viral invasions and could be responsible for inducing DSBs. Upstream 

of this Type II CRISPR/Cas locus, a small RNA called a trans-activating crRNA (tracrRNA) is 

encoded.3 When coupled with the crRNA into a tracrRNA:crRNA complex, the CRISPR/Cas9 

protein is able to induce DSBs. The HNH domain cleaves the DNA strand complementary to the 

crRNA, while the RuvC-like domain cleaves the opposite strand.3 Overall, DNA recognition 
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requires base pairing with the crRNA sequence and the presence of a protospacer adjacent motif 

(PAM site) adjacent to the targeted DNA. The tracrRNA:crRNA complex has since been 

engineered into a single guide RNA (sgRNA) that contains both a 20-nucleotide sequence on the 

5’ end that engages in Watson-Crick base pairing, and a double-stranded structure on the 3’ end 

that binds to Cas9. A graphic depicting the biology of CRISPR/Cas9 is shown in Figure 3. This 

recently-engineered sgRNA system makes designing CRISPR/Cas9 systems quick and 

standardized, as will be discussed in the Methods section. 

 For my project, I used a CRISPR/Cas9 approach to generate mutations in zebrafish 

embryos. Thus, I used a “reverse genetics” approach as a tool to investigate the functions of gene 

suspected of involvement in notochord morphogenesis. This was achieved through mutating DNA 

by injecting embryos with CRISPR-Cas9 at the one-cell stage, outcrossing the adults with wildtype 

fish, and in-crossing the subsequent generation. As a result, I raised multiple generations of fish 

and was able to confirm mutations and search for phenotypes through this gene knock-out 

approach. I was particularly interested in alleles that cause an early stop codon. Stop codons can 

be preliminarily determined by an insertion or deletion that causes a sequence that causes an early 

stop codon that is in frame with the rest of the protein, or later on using reverse-transcription PCR. 

Stop codons should, in theory, truncate the protein and render it nonfunctional. Without a 

functional protein, mutant zebrafish may have impaired function. As a result, a phenotype could 

be observable, and the function of the gene can be determined.  
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METHODS: 

Overall approach 

 This project took a reverse genetics approach to determine the function of tram1 and clta. 

The overall experimental design involves analyzing two generations of progeny following the 

zebrafish embryos injected with the sgRNAs and Cas9. The injected generation (F0 generation) 

are mosaics; they contain many different copies of the mutant alleles. The next part of the 

experimental design involves crossing the F0 fish with wildtype strains to get the F1 generation. 

Using this method, the F1 fish have just one mutant allele. F1 fish that are heterozygous for the 

same allele can be crossed to yield F2s. This way, homozygous recessive traits can be expressed 

(25% of the F2s will express the mutant trait). 

 

CRISPR/Cas9 guide RNA design 

 The initial step of the CRISPR/Cas9 approach is to synthesize an sgRNA using an 

oligonucleotide template. I designed oligos for the target site for tram1 and clta using 

crisprscan.org.6 Using this website, the designed oligonucleotides were predicted not to have any 

possible off-target sites across the entire zebrafish genome.  

 I targeted the first exon of tram1, which contains 11 exons. The intention behind targeting 

the first exon was to cause an early stop codon before coding regions for any important protein 

domains and truncate the rest of the protein. The following sequence was generated to target coding 

sequence in exon 1 of tram1: GAAACACCATAGCGACAC, which was incorporated into the 

sgRNA oligonucleotide template to give the following sequence: aattaatacgactcactatagg 

GAAACACCATAGCGACAC gttttagagctagaa (capital letters are the reverse complement of the 

genomic sequence). This target sequence is named “tram1-crispr1” in Table 2. This targeted exon 
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1 of tram1. I named this template tram1e1crispr. This approach was designed to cut at one site 

along the genome, stimulate cellular repair machinery, and cause mutations from random 

insertions and deletions that can result from non-homologous end joining (NHEJ). 

 For clta, a promoter site was targeted. This different approach from tram1 was taken due 

to previous unsuccessful attempts to create a stable clta mutant line. The intention behind excising 

the promoter region of the genome was that this would result in ceasing transcription of the gene. 

Possible promoter sites were identified using the DTU Bioinformatics Promoter 2.0 Prediction 

Server (http://www.cbs.dtu.dk/services/Promoter/). Two “highly likely” sites of promoter domains 

were found (Figure 4). The earlier predicted promoter site (labeled “Position 3100” in Figure 4) 

was targeted. Two sgRNAs were designed to cut at two distinct locations along the genome, aiming 

to remove a large 124-bp fragment of DNA. If successful, this design would cut out a 124 bp 

section of the genome and would likely include some other insertions or deletions. This was also 

a different approach from the approach with tram1, for which only one DNA locus was targeted. 

This two-target approach was performed to explore a different application of CRISPR and obtain 

knowledge about a possible alternative method to use CRISPR/Cas9 technology.  

 The target sequence and sgRNAs I designed can be found in Table 2. I named these 

CRISPR targets clta-crispr-1a and clta-crispr-1b. 
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Figure 4. clta promoter prediction. “Highly likely prediction” indicates a genomic sequence 
with a high probability of being a promoter region. I targeted Position 3100, the more upstream 

site of likelihood of being a promoter site. 
 

 

Table 2. tram1 and clta sgRNA design 

 Name Target genomic sequence sgRNA sequence 
tram1 location tram1crispr1 GAAACACCATAGCGACAC aattaatacgactcactatagg 

GAAACACCATAGCGACAC 
gttttagagctagaa 

clta Location 1 clta-crispr-1a CCCCACTGACATTGGAGC aattaatacgactcactatagg 
GCTCCAATGTCAGTGGGG 
gttttagagctagaa 

clta Location 2 clta-crispr-1b AGCGCAGGGAACGGTGTC aattaatacgactcactatagg 
AGCGCAGGGAACGGTGTC 
gttttagagctagaa 

 

 

sgRNA synthesis and injection 

 sgRNA was synthesized with the designed oligo using the Bagnat Lab CRISPR protocol 

(Appendix I). I accomplished the synthesis by first ordering a DNA oligo for the target site 

(Integrated DNA Technologies). I annealed this oligo to a scaffold oligo. This generated a double-

stranded DNA template containing a T7 promoter for in vitro transcription using the T7 

Megashortscript kit (ThermoFisher). Then, I purified the RNA with acidic phenol and chloroform, 

precipitated it with ammonium acetate and isopropanol, and resuspended in 50 µL water.  
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 I used a NanoDrop Microvolume Spectrophotometer to measure the purity of the sgRNA 

product. The results are shown in Table 2. Pure RNA 260/280 ratios are around 2.0, and 260/230 

ratios generally fall in the range of 2.0-3.0. Therefore, the tram1 and clta sgRNA products were 

highly pure and suitable for embryo injection. 

 

Table 3. sgRNA purity 

sgRNA Name Concentration 
(ng/μL) 

260/280 260/230 

tram1e1crispr 215 2.22 2.84 
clta-crispr-1a 281 2.11 2.55 
clta-crispr-1b 2510 2.17 2.53 

 

 The sgRNA was diluted, combined with Cas9 mRNA, then injected into embryos. I 

injected 50 picograms of sgRNA and 150 picograms of Cas9 mRNA into each embryo. I injected 

embryos between 10- and 30-minutes post-fertilization, prior to any cell divisions, which usually 

begins approximately 45 minutes after fertilization. 

 

Genotyping protocol development 

 In order to generate a PCR product of the tram1 gene of sample embryos, I designed 

primers using Primer3 software (http://bioinfo.ut.ee/primer3-0.4.0/primer3/). These primers were 

designed to generate a 200-400 bp PCR product with the target DNA sequence. I generated two 

pairs of primers to be able to select the most effective primer pair. The tram1 forward primers had 

the following sequences: 5’-GTGTTCCTCACTCACACTAA-3’ (tram1e1f1) and 5’-

TCTCAACATCCACCAAGATG-3’ (tram1e1f2). The reverse primers had sequences 5’-

AACACTGAGTTGACTCCAAG-3’ (tram1e1r1) and 5’-ACTCCAAGCTGTTCTTTCGA-3’ 
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(tram1e1r2). Primers were tested using wild-type genomic DNA by PCR. For my experiments, I 

used tram1e1f1 and tram1e1r1 This primer pair resulted in a 270 bp wildtype band. This forward 

primer was 138 bp away from the start of the target, and the reverse primer was 87 bp away from 

the target site. 

 I designed the clta primers in a similar fashion. To account for both clta-crispr-1a and clta-

crispr-1b, I designed one pair of primers that encompassed both CRISPR target sites. I picked the 

primer pair that showed a clear band. The forward primer (clta-crispr1-f1) had the sequence 5’-

ACAACCCTGATTGGTTGAGC-3’. The reverse primer (clta-crispr1-r1) had the sequence 5’-

CTGAAGCCCTCGTCATTCTC-3’. 

 After embryo injection, genotyping was required to confirm mutagenesis. I chose one-day-

old embryos at random for genotyping, selecting both injected embryos and noninjected controls 

(wild-type). I treated these embryos with lysis buffer and Proteinase K and exposed them to heat 

to isolate genomic DNA. I used this DNA and the previously-designed genotyping primers for 

PCR reactions. I then melted the PCR product into single strands at 95°C, rehybridized by cooling 

to 25°C at 0.1°C per second and ran the product on a 10% acrylamide gel. Figure 5 shows how the 

rehybridization protocol allows for visual confirmation of mutagenesis. 
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Figure 5. Rehybridization schematic. This graphic shows what happens when mutant PCR 
product hybridizes with wild-type product. The red part of the heteroduplex is the DNA that does 

not have a complement in the wild-type strand. Notice the loop formation when the wild-type 
PCR product hybridizes with the wild-type strand. This loop formation is a secondary structure 
that slows down the product movement when run on a gel, so a heteroduplex will appear higher 

than a homoduplex on a gel. 
 

Sequencing 

 I sequenced PCR products multiple times throughout my experimentations. To prepare a 

sample for sequencing, I purified the PCR product and ligated it into pGEM-tEasy vector DNA 

(Promega), a convenient system with a number of restriction sites and primer sites recognizable 

by the company used for Sanger sequencing (Genewiz). After transforming E. coli colonies with 

the ligated plasmid DNA, I isolated DNA from six visibly white bacterial colonies, ones that 

appeared to contain vector DNA with the PCR product insert, verified to be correct later with 

Sanger sequencing. White rather than blue colonies were selected because in successfully-

transformed colonies, the lacZ gene that generates this blue color is cleaved and the DNA of 

interest is inserted in the middle of this gene. The isolated DNA was then ready for sequencing. 
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RESULTS 

 For my experiments, I targeted two genes suspected of involvement in notochord formation, 

tram1 and clta. I targeted the genes using a CRISPR/Cas9 approach. To induce mutagenesis, 

embryos were injected with either tram1 or clta sgRNA and Cas9. Expected results from non-

injected controls consisted of a single band of approximately 240 bp for tram1 and approximately 

280 bp for clta. Expected results from successfully injected mutants were a mosaic pattern, since 

the CRISPR/Cas9 initiates DSBs, and cellular DNA repair mechanisms can repair DNA in random, 

different ways. In addition, since I designed the clta CRISPR/Cas9 system to involve two cut sites 

120 bp apart, some injected mutants are expected to show a band approximately 120 bp shorter 

than the wild-type. 

 In the injected embryos, there were many DNA bands for each sample, a mosaic pattern 

attributable to the CRISPR/Cas9 system excising the target site, cellular DNA repair mechanisms, 

and heteroduplex formation, as described in Figure 5. Most bands fell above the expected size; this 

is the result of secondary structures that DNA can form upon rehybridization. The gels showing 

the PCR products of F0s are shown in Figures 6 and 7. In both figures, non-injected controls (NICs) 

show a single bright band. The mosaic pattern is shown in the injected embryos, which showed 

bands of multiple lengths. Also note that in the clta gel, some injected embryos also showed a band 

shorter than the wild-type version. I named this band the “excision band,” since it appears around 

120 bp shorter than the wild-type version, which corresponds to successful excision of a section 

of the genome using the two clta CRISPR sgRNAs, clta-crispr-1A and clta-crispr-1B.  
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Figure 6. Embryos were injected with tram1 sgRNA and Cas9 mRNA to induce mutations. 
DNA extracted from embryos (F0s) injected with the tram1 CRISPR RNA oligos (the six 

samples on the right) are shown adjacent to non-injected controls (three leftmost samples). PCR 
products were run on a 10% acrylamide gel.  

 

 

Figure 7. Embryos were injected with both clta-crispr-1a and clta-crispr-1b sgRNAs along 
with Cas9 mRNA to induce mutations. DNA extracted from embryos (F0s) injected with the 
two CRISPR RNA oligos are shown adjacent to non-injected controls (rightmost four samples). 

 

 

 After the embryo injections and verification of the mosaic bands from the F0 samples, I 

had to confirm and validate mutations. To do so, I raised the F0 tram1 mutants and back-crossed 

them with wild-type fish to confirm mutations. Genomic DNA of F1 embryos from five F0 x WT 

crosses were extracted. The genomic DNA PCR product of each family was run on the gel and 
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compared to the wild-type (Figure 8). The DNA in these bands were transformed into bacterial 

clones and sequenced. This same protocol was performed with the clta mutants. The tram1 

sequences are shown in Table 4. 

 

Figure 8. tram1 F1 mutant alleles. The PCR product was run on a 2% agarose gel in a TBE 
buffer. The lowest band in the leftmost F1 band could be a mutant band with a deletion. 

 

 

 The insertions and deletions found in DNA samples of the embryos in Table 4 differ in 

size. These insertions and deletions resulted in a change in the coding DNA, resulting in changes 

to the amino acid sequence, shown in Figure 9, Figure 10, and Table 4. For all listed mutant 

sequences, the predicted protein was truncated, resulting from an early stop codon in the coding 

sequence. 

 In Table 4, the “AA change” column uses the format: amino acid in wild type, position, 

mutant amino acid, and how many amino acids there are before the stop codon. For example, 

“S28LfsX15” indicates that a serine at position 28 has changed to a leucine, and that the segment 

has a stop codon 15 codons after this amino acid change. Although the tram1 protein product 

would be different if an early stop codon was placed after 8, 10, or 15 codons, these variations 

should all result in truncation of important domains of Tram1 and render the protein nonfunctional. 
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Table 4: tram1 mutant alleles 

 

 

 

Figure 9: Coding DNA sequences from an embryo that contained insertions and deletions 
at tram1. The wild-type sequence is the RefSeq (part of the National Center of Biotechnology 

Information) wild-type sequence for this DNA fragment which matched the NIC sequences. The 
three sequences below wild-type are various mutant sequences that were identified. 

 
 
 
 
 
 

  in/del AA change 
WT AGAACCACGCGGATATTGTGTCCTGTGTCGCTATGGTGTTTC   

embryo2 AGAACCACGCGGATATTGTGTTATG----------GTGTTTC 2/-10 S28LfsX15 
embryo3 AGAACCACGCGGATATTGTGTCCTGTG--------GTGTTTC 0/-8 V30GfsX8 
embryo4 AGAACCGC--------TATG---------------GTGTTTC 3/23 H23RfsX10 
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Figure 10. Amino acid sequences from an injected tram1 embryo. Compared to the predicted 
wild-type amino acid sequence for tram1, the amino acid sequences derived from mutants was 

significantly truncated, as shown in the shortened amino acid sequences above. 
 
 

 

 

Figure 11. tram1 genomic DNA PCR product using tram1e1f1 and tram1e1r1 from F2s 
alongside a wild-type (leftmost sample). Heterozygotes have two distinct bands. Homozygous 
recessive mutants are shown to have a band lower than the bottom of the WT band (arrow for the 

235 bp segment). Samples were run on a 2% agarose gel in a TBE buffer. 
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 After raising the tram1 F1 generation to adulthood, we crossed the F1s with each other, 

pairing up heterozygote male tram1 F1s with heterozygote female tram1 F1s. Since the F1 

generation includes heterozygotes, this cross should result in approximately 25% mutants, 

assuming Mendelian inheritance. As shown in Figure 11, the random sample I performed showed 

only 1 suspected mutant out of 11 samples. 

 Similar methods were performed with clta-injected zebrafish. Figure 11 shows the PCR 

results of the clta F1 generation (clta F0s crossed with wild-type fish).  

 

Figure 12. Alleles of clta F1 families. Four zebrafish injected with both clta CRISPR/Cas9 
sgRNAs were crossed with wild-type fish. The starred sample shows a short band of around 150 
bp. PCR was performed on embryonic DNA and run on a 3% agarose gel run in TBE buffer, run 

next to a 100 bp DNA ladder (bottom band is 100 bp). Multiple bands show the formation of 
heteroduplexes. WT indicates wild-type. 

 

 

100 bp 
200 bp 
300 bp 

WT 

Family 1 Family 2 

Family 3 Family 4 

* 

la
dd

er
 

la
dd

er
 

la
dd

er
 

100 bp 

100 bp 



 21 

 Based on the gel in Figure 12, all clta Family 1 embryos showed a difference from the 

wild-type sample. Family 1 progeny all had two bands compared the single wild-type band. 

Sequencing of Family 1 samples showed the sequences shown in Figure 13.  

 

 
Figure 13. Alignment of alleles found in clta Family 1. Several different alleles were found in 

Family 1. The top sequence is the wild-type. 
 

 

 
 
Figure 14. Amino acid differences in clta Family 1. The mutant alleles in the gDNA suggests 

DNA changes. Notice how although sample fam-1,4,1 had a mutation in its genomic DNA 
(Figure 7), the mutation did not affect the amino acid sequence. In contrast, the sample 

8bpdeletion sample led to an early stop codon, while sample fam-1,4,3 led to a frameshift. 
Further investigation of the mRNA is required to determine actual expression of these proteins. 

 
 

 Based on the gel of clta families (Figure 12), only one sample from clta Family 2 (starred 

sample in Figure 12) showed a visually-different band from the wild-type. This sample was 

sequenced and revealed two differently-sized bands. One of the bands was identical to the wild-

type sequence. The other sequence revealed a 136 bp deletion, closed to the originally-designed 

124 bp deletion. 
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Figure 15. Alignment of a clta Family 2 sequence with wildtype sequence. In the figure, 
Seq_1 denotes wildtype sequence, and Seq_2 is the clta family 2 F1 sample containing the 136 

bp deletion. The light blue shows the PCR primer sequences. The yellow text is the target 
sequence of clta-crispr-1A, and the red text shows the target sequence of clta-crispr-1B. The 

differences between the sequences are highlighted with the # symbol.  
 

 

Figure 16.  cDNA sequences for sample with 136-bp deletion. Seq_1 represents the wildtype 
cDNA. Seq_2 represents the cDNA sequence of the sample with a 136-bp deletion. The yellow 

font shows the start codon (ATG) for the protein.  
 



 23 

 The gel for clta Family 3 did not indicate visual differences from the wild-type. This could 

have been due to an inefficient CRISPR/Cas9 reaction at injection, a failure to inject the embryo, 

or a successful injection but failure to induce mutations in the germ line of the F0 generation.  

Therefore, this generation was not raised. Contrarily, the F1 zebrafish from clta Family 4 showed 

several mutant alleles, as shown in Figure 17. Figure 18 shows the corresponding amino acid 

sequences for alleles found in Family 4.  

  

 
Figure 17. Alignment of clta famly 4 sequences with wildtype sequence. Several different 

alleles were found in Family 4. The wildtype sequence is the top sequence. 
 
 
 

 
 

Figure 18. Alignment of analogous amino acid sequences. Both samples fam-4,2,2 and fam-
4,2,3 suggested a frame shift followed by an early stop codon in the cDNA after a glutamate. 
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DISCUSSION 

 The purpose of my thesis was to generate mutants using a CRISPR/Cas9 approach. I chose 

tram1 and clta because they were suspected of involvement in spinal formation, a subject of 

interest in my lab.  I used a reverse genetics approach with CRISPR/Cas9 to mutate tram1 and clta 

and view its genotypic effects. I was able to successfully induce mutations in the F0 generations 

for both genes. The acrylamide gel in Figure 3 shows that embryos injected with tram1e1crispr 

have many different mutant tram1 alleles. Similarly, the acrylamide gel in Figure 4 shows that 

embryos injected with clta-crispr-1a and clta-crispr-1b have many different mutant clta alleles. 

When the F0 generation reached adulthood, I crossed the injected F0s with wildtype zebrafish to 

get the F1 generation. This progeny contains heterozygotes for one particular allele. Sequencing 

data for this F1 generation showed insertions and deletions that, when transferred to the cDNA, 

resulted in frame shifts and early stop codons. The F0 and F1 generations did not show any obvious 

phenotypes. However, the F0 generation contains mosaics, and the F1 generation contains 

heterozygotes. The F2 generation must be raised to obtain homozygous recessive mutants. 

 From the sequencing data of the tram1 and clta F1 samples, it is evident that I successfully 

generated some mutations that should lead to an early stop codon and cause the generation of a 

truncated, nonfunctional protein. With tram1, I showed how it is possible to generate a mutation 

using one CRISPR/Cas9 target loci. Cellular DNA repair machinery does not repair perfectly and 

can cause random insertions and deletions that cause a frame shift or code for an early stop codon. 

With my design of two CRISPR/Cas9 targets for clta, I was also able to confirm that I successfully 

cut out a chunk of the zebrafish genome. However, not all the samples showed this excision. Most 

clta samples showed only minor insertions and deletions at the target loci. Some of these minor 

insertions and deletions also resulted in an early stop codon. This result suggests that one 



 25 

CRISPR/Cas9 target alone should be optimal for mutagenesis design. However, this two-target 

protocol could be further investigated to explore ways of excising one specific amino acid or one 

specific domain out of a protein. 

 The next logical steps would be to investigate the mRNA present in cells through reverse-

transcription PCR. This project is also worth continuing to try to raise the F2 generations to 

generate homozygous mutants. Homozygous mutants were found among tram1 fish, but the 

generation of clta homozygous mutants will take several more months. 

 One limitation of my experiments is inherent to gene knock-out. Gene knock-out has 

shown different phenotypes compared with another method of genetic manipulation called gene 

knockdown.13 Unlike gene knock-out, which seeks to mutate a gene, gene knockdown refers to a 

reduction of the expression of genes. Gene knockdown can be accomplished by blocking 

transcription or translation. Examples of gene knockdown include mechanisms that degrade 

mRNA or block mRNA translation. Gene knock-out and gene knockdown often share the same 

goal of inactivating a gene of interest, but experiments that have performed both methods on genes 

often reveal different phenotypes.13 A gene knock-out could cause an upregulation of other genes 

to compensate for the dysfunctional gene. This possibility indicates that even though I successfully 

induced mutations that could lead to a truncated protein, other genes could be upregulated to 

compensate for the lack of function for tram1 and clta. Despite its potentially beneficial 

applications, gene knockdown has its own drawbacks, including variability in the completeness of 

knockdown and off-target effects. The CRISPR/Cas9 approach I took avoids these potential 

pitfalls, albeit with other tradeoffs. However, investigation of tram1 and clta would be aptly 

complemented with gene knockdown experiments. 
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 Another interesting approach that should be furthered explore is the use of gene knock-in. 

Gene knock-in takes a similar approach to gene knock-out but embryos are injected with an 

additional DNA plasmid. Rather than relying on random mutations generated by cellular 

machinery, this approach includes a sequence to “knock in” to the genome. Theoretically, this 

approach would be helpful for tagging fluorescent markers to proteins or rescuing mutant DNA.  

 In summary, the reverse genetics approach I utilized successfully induced changes to 

alleles of interest. The results indicated that my method of designing CRISPR sgRNAs 

successfully targeted the loci of interest. Injecting with one CRISPR guide RNA showed success 

in generating mutant alleles that resulted in an early stop codon. Results also show that co-injecting 

with two CRISPR RNAs successfully excises a chunk of DNA. However, out of multiple families 

of F1s, only one sample out of 32 showed a mutant band of the desired length with the 120 bp 

excision, which suggests a low efficiency. This could possibly be improved through adjusting the 

concentrations of the injection reagents. With my lab’s focus on congenital scoliosis, the reverse 

genetics approach I used is especially important, considering congenital scoliosis is a rare 

condition and conventional genetic linkage studies cannot be effectively used to identify these 

regions. The long-term pharmaceutical applications for my experimental methods may include 

editing dangerous mutations out of the genome or editing in helpful genes. CRISPR/Cas9 

applications can be explored in other systems using similar protocols I used in my experimentation. 

However, zebrafish were a good model organism to study due to quick maturation times and their 

transparent embryological form. Further, research should continue to use this reverse-genetics 

approach with other candidate genes to more expediently find possible genetic links to scoliosis in 

zebrafish. I noticed that some of these reactions have low efficiency, which could be due to 
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CRISPR sgRNA design or suboptimal concentrations of each reactant. Future research should 

focus on developing and optimizing reaction concentrations to increase the rate of mutagenesis.  

 The mutagenesis tools discussed in this paper are also applicable to other genetically-linked 

phenotypes and organisms. Zebrafish were a great model organism for its clear embryonic stage 

and quick maturation age of several months. CRISPR/Cas9 mutagenesis methods can be applied 

to other organisms, but differing development times, organism sizes, and embryo morphology may 

present obstacles to mutagenesis not seen with zebrafish. With a convenient way to induce 

mutations, CRISPR/Cas9 should be continuously studied to help determine increasingly efficient 

and fast methods of generating mutations in both zebrafish and other organisms.  

 The importance of my projects lies in the implications of a quick, efficient approach to 

genetic engineering. My lab originally aimed to generate stable mutants through knock-out 

approaches to reliably target any gene of interest. CRISPR/Cas9 technology proved capable of 

precise genomic editing. My results had implications for both understanding the genetic basis of 

disease and discovering curative gene therapies. With the advent of a technology that enables 

scientists to perform gene knock-out that is adaptable enough target specific genes, it seems likely 

that all genomes will soon be modifiable in a way never before seen in history. Although I used 

zebrafish as a model, CRISPR/Cas9 technology carries potential human pharmaceutical utility; 

future disease treatments may rely on CRISPR technology to cure or alleviate genetics-based 

diseases. My projects sheds light on the optimal methods to achieve valid and reliable genetic 

modification. 
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APPENDIX I: 

Bagnat Lab CRISPR protocol  

1. Design oligos for target site 

• Order a PAGE purified oligo for the sgRNA scaffold 

5’-

ttttgcaccgactcggtgccactttttcaagtTgataaCggactagccttattttaacttgctatttctagctctaaaac-

3’ 

• Use http://www.crisprscan.org (Moreno-Mateos, et al., 2015, Nature 

Methods) to identify potential target sites for your gene of interest.  

• This webtool uses an algorithm for scoring target sites based on 

experimental data from zebrafish. They identified which regions of 

the target site can tolerate mismatches from the genomic 

sequence. Ideally you should try to identify canonical GGN18NGG 

sites, but the tool will also find alternative sites such as Gg18NGG 

(mismatch in the second base). This tool is very helpful if you are 

working with a short cDNA or if you need to target a specific exon 

and are limited in the length of sequence you can target. I have 

used alternative target sites for 2 genes so far and have had 

excellent results.  

• Crisprscan will also identify potential off-target binding to other 

regions of the genome (select a zebrafish genome assembly before 

selecting “Genomic off-target:”), according to 2 scoring algorithms 

(Cong and Hsu).  

• Try to find a target site that is as close to the canonical 

GGN18NGG site as possible, but that also has a high score and 

only 1 hit for Cong and Hsu off-target sites.  

• If you paste in your gene’s cDNA sequence to find a target site, 

then separate the exons by several bases so that you don’t 

accidentally select an exon-spanning site that wouldn’t be present 

in the genome. 
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• Since the oligos are so cheap, I usually design and order oligos for 

2 different target sites in case one doesn’t work well (because of 

SNPs between different strains, etc.)         

• Order the target site oligos: 

AATTAATACGACTCACTATAGGN18gttttagagctagaaatagc, where N18 is 

the following sequence from the target sites you identified (*this does not 

have to be PAGE purified) GGXXXXXXXXXXXXXXXXXXXGG.  

• Example 

template:  AATTAATACGACTCACTATAGGN18               
gttttagagctagaaatagc 
oligo: 
 AATTAATACGACTCACTATAGGCTAGTCTGGTCTGCGCTAgttttagagctagaaatagc 
target site:                        GGCTAGTCTGGTCTGCGCTAAGG 
pasted sequence:                       CTAGTCTGGTCTGCGCTA 
 

• **for crisprscan, copy the capital letters in the target site except for 

the first GG 

            

 
2. Design and order primers for analyzing indels using the heteroduplex mobility 

shift assay (HDA, protocol below).  

• Download genomic DNA sequence from ensembl or NCBI and design 

PCR primers to amplify a 200-400 bp product containing the target site in 

the middle.  

• Order 2 sets of primers per target site. You will test the primers to ensure 

that you get only 1 clean band with the PCR so that you can directly use 

the PCR product for the HDA without any prior cleanup or purification. 2 

sets of primers will allow you to try 4 primer combinations if needed.  

3. gRNA synthesis 

• Anneal oligos 
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• Prepare the following 

• Target site oligo (10uM)  1 uL 

• Sg Scaffold oligo (10uM)  1 uL 

• NEB buffer 2.1 (10x)   0.5 uL 

• Water     2 uL 

• Heat at 98c for 1 min and then cool to 37c at 0.1c per second 

• Fill in template DNA 

• Prepare the following 

• Annealed oligo mix   4.5 uL 

• dNTP (500uM)   0.5 uL 

• T4 DNA polymerase (NEB)  0.5 uL 

• Incubate at 12c for 20 minutes  

• Incubate at 75c for 20 minute to inactivate enzyme 

• RNA synthesis using the T7 Megashortscript kit  

• Prepare the following, note that this is a half reaction 

• Template DNA from above  2.5 uL 

• T7 reaction buffer (10X)  1 uL 

• Water     1.5 uL 

• ATP (75 mM)    1 uL 

• CTP (75 mM)    1 uL 

• GTP (75 mM)    1 uL 

• UTP (75 mM)    1 uL 

• T7 enzyme mix   1 uL 

• Mix by pipetting and then incubate at 37c for 1 hour (the kit 

instructions recommend 2-4 hr, but you will get plenty of RNA with 

a 1 hr incubation) 

• Purify RNA 

• Prepare the following and then mix 

• RNA synthesis reaction from above  10 uL 

• Water      275 uL 
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• Ammonium acetate stop sol’n (kit) 15 uL 

• Now add 

• Acidic phenol    150 uL 

• Chloroform    150 uL 

• Invert to mix several times 

• Spin at 11k RPM for 5 minutes at 4c. 

• Transfer the upper aqueous phase to a new tube 

• Add an equal volume of chloroform and invert to mix 

• Spin at 13k RPM for 2 minutes at room temp. 

• Transfer the upper aqueous phase to a new tube 

• Add an equal volume of isopropanol to the tube invert to mix 

• Incubate at -20c for at least 20 minutes (overnight is fine too) 

• Spin at 14k RPM at 4c for 10 minutes 

• Pipette off supernatant 

• Add 500 uL of 75% ethanol and mix well 

• Spin at 13k RPM at room temp. for 5 min. 

• Pipette off supernatant 

• Spin for 30 seconds to collect residual ethanol to bottom of tube 

• Pipette off remaining ethanol with 10 uL tip 

• Invert  and dry for about a minute or as soon as pellet no longer looks 

white and becomes translucent 

• Add 40 uL of nuclease-free water from kit 

• Flick tube to resuspend RNA, briefly centrifuge 

• Prepare 2 x 20 uL aliquots to store at -80c 

4. Assess RNA quality 

• Measure concentration on nano-drop 

• Expected concentration is 200-400 ng/uL for a half reaction 

• Expected 260/280 is 2.0-2.2 

• Expected 260/230 is 2-4. A reading of less than 2 indicates the 

presence of contaminants from protein, phenol, ethanol, or 
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something else. Be careful not to disturb the interphase during the 

phenol-chloroform steps to avoid this problem.  

• Run 1 ug of RNA on a 2% agarose gel 

• You should see a broad band at 100-200 bp and a sometimes a 

lighter band above 200 bp when run on a TBE gel 

5. Inject gRNA 

• Coinject 50 pg of gRNA and 150 pg of Cas9 mRNA. Increase or decrease 

gRNA concentration as needed but start with 50 pg. 

6. Genotype embryos 

• Choose 8 injected embryos and 6 noninjected control embryos and 

prepare genomic DNA 

• Anesthetize embryo and add to 50 uL of lysis buffer (10 mM Tris, 

pH 8.0, 50 mM KCl, 0.3% tween) 

• Heat to 98c for 2 minutes 

• Add 5 uL of Proteinase K stock solution (from 10 mg/mL stock) 

• Heat at 55c for 30 minutes 

• Heat at 98c for 5 minutes 

• Store at -20c 

• Heteroduplex mobility shift assay 

• PCR amplify target region using the primers you tested in step 2 

• Melt and rehybridize using the following thermal cycler settings 

• 95c      5 minutes 

• 95c to 85c    -2c per second  

• 85c to 25c    -0.1c per second 

• 16c     hold 

• Prepare 10% acrylamide gel mix (make 20 mL for 2 small gels with 

the biorad casting plates with 1.5 mm spacers and a 15 well comb) 

• 30% 29:1 acrylamide:bis-acyrl. 6.9 mL 

• Water     9 mL 

• TBE (5x)    4 mL 
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• APS (10% w/v, store at -20c)  100 uL 

• TEMED    10 uL  

• Invert to mix  

• Pour acrylamide gel  

• Apply a thin layer of Vaseline to the raised sides of the 

bottom plate 

• Press the plates together. Do not get any Vaseline in the 

middle of the plates as this will cause a bubble to form in the 

gel 

• Put plates into clamp, close the clamp, and place unit into 

apparatus with a layer of parafilm on the bottom pad (for 

biorad gel cast apparatus) 

• Pipette the acrylamide solution into the mold 

• Insert comb, place a pencil into the top clamp to firmly seal 

the bottom of the glass 

• Let sit at room temp for at least 40 minutes, if done correctly 

the gel will not leak (you can store the gel in a ziplock bag 

with 1x TBE buffer at 4c for several days) 

• Carefully remove the comb. The remaining liquid in the wells 

will be displaced when you add buffer 

• Assemble the electrophoresis apparatus, fill the middle with 

1x TBE, and add about 200 mL of 1x TBE to the outer 

chamber 

• Run, stain, and analyze gel 

• Add DNA loading buffer to your PCR samples and then load 

samples into gel 

• Run at 150V for 30-60 minutes 

• Disassemble and gently pry apart the glass plates 

• Stain the gel in ethidium bromide solution (1:2,000 1mg/mL 

stock in 1X TBE) for 5 minutes 
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• Remove staining solution and replace with 1x TBE, incubate 

for 1-5 minutes 

• Analyze on gel doc. NIC samples should be a single band at 

the expected size, while gRNA-injected samples should 

show upper bands of various sizes (see image below)  

 
• Sequence individual clones 

• Choose 2-4 samples with apparent indels to perform 

sequencing  

• Repeat PCR of target region 

• Use PCR cleanup kit or EtOH precipitate and then perform 

ligation with TA cloning (e.g. pGEM t easy kit) 

• Transform and then grow 3-5 clones per embryo for 

sequencing  
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