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Abstract 
All organisms must accurately replicate their genomic DNA in order to transmit 

genetic information from generation to generation. The cognate Watson-Crick base pairs 

(dA•dT, dG•dC) adopt near identical ‘Watson-Crick geometry’ as defined by the 

hydrogen bonding pattern (height and depth) and the distance between the nucleoside 

sugar C1’ atoms (width). The shape complementarity of Watson-Crick pairs is a 

significant determinant in the selection of a correct nucleotide for a given template base 

during replication. Since the discovery of the DNA double helix, more than 60 years ago, 

the formation of Watson-Crick-like mismatch base pairs, stabilized by rare, energetically 

less favorable tautomeric or anionic bases, has been hypothesized as a cause of 

spontaneous mutation. However, these proposed lowly-populated and short-lived 

Watson-Crick-like conformational ‘excited states’ are characterized by subtle 

movements of protons and π-bonds that have proven difficult to visualize 

experimentally, even with modern biophysical techniques.  

We have utilized nuclear magnetic resonance relaxation dispersion experiments 

in conjunction with kinetic modeling and in vitro assays to characterize the formation of 

tautomeric and anionic Watson-Crick-like dG•dT excited states in DNA duplexes and 

investigate their involvement in DNA replication errors. Insertion of the sequence-

dependent tautomerization or ionization step into minimal kinetic mechanisms for 
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correct incorporation during replication after the initial binding of the nucleotide, leads 

to accurate predictions of the probability of dG•dT misincorporation across different 

polymerases and pH conditions and for a chemically modified nucleotide, and 

providing mechanisms for sequence-dependent misincorporation. Our results indicate 

that the system is under thermodynamic control and that the energetic penalty for 

tautomerization and/or ionization accounts for an approximately 10-2 to 10-3-fold 

discrimination against misincorporation, which proceeds primarily via tautomeric 

dGenol•dT and dG•dTenol, with contributions from anionic dG•dT- dominant at pH 8.4 

and above, or for some mutagenic nucleotides. Kinetic modeling reveals additional 

plausible pathways for dG•dT misincorporation in which the tautomerization event 

takes place prior to binding or in which the polymerase alters the kinetics of 

tautomerization within the active site. 

The conformational landscape of the dA•dG mismatch has been characterized 

with the use of NMR relaxation dispersion in DNA duplexes. The mismatch has been 

shown to adopt three predominant forms: Aanti•Ganti, Asyn•Ganti, and A+anti•Gsyn. We have 

characterized sequence-specific conformational exchange between all three of these base 

pair forms in multiple sequence contexts. In addition, we find that nearest-neighbor base 

changes can alter the ground state conformation of the dA•dG base pair between 

Aanti•Ganti and Asyn•Ganti. Such sequence-specific alterations to the conformational 

landscape have been proposed to alter reaction rates of an adenine glycosylase repair 
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protein, MutY. Notably, this work shows for the first time that the Asyn•Ganti base pair is 

able to form in solution both as a ground state and excited state base pair; and may 

influence the activity of MutY. In addition, two tautomeric forms of the dA•dG base 

pair have been proposed to form WC-like base pairs but R1ρ experiments targeting the 

NH2 functional groups of dA and dG have been thus far unable to observe these 

proposed states.  
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1. Introduction 
1.1 DNA replication fidelity 

All organisms replicate their genomic DNA though Watson-Crick pairing rules 

in order to pass genetic information from generation to generation. The intricately 

choreographed replicative machines work with remarkable speed and accuracy. 

Genomes vary widely in their size and complexity between organisms [1]. The relatively 

small ~ 4.6 Mb (1 Megabase = 1,000,000 bases) circular genome of the prokaryote 

Escherchia coli [2] is replicated in about forty minutes by two replisomes starting from a 

single replication origin, each copying ~ 1000 bases per second [3, 4]. The ~ 3Gb human 

(Homo Sapiens) genome [5] is 650x larger, yet is replicated in ~ 8 hours, only 10x longer 

than E. coli. This is accomplished through the use of many replisomes operating 

concurrently, each starting from a separate replication origin, copying DNA at a rate of ~ 

50 bases per second [6]. Despite the pace of the replisome, it operates with remarkably 

high fidelity; between intrinsic selection of the correct trinucleotide and proofreading, 

only a single misinsertion occurs once every 1,000,000 to 100,000,000 incorporations (10-6 

– 10-8). Three main processes contribute to ensure high fidelity of DNA replication: i) 

accurate nucleotide selection, ii) enzymatic proofreading, and iii) error correction by 

DNA mismatch repair systems [7] (Figure 1.1). Between these three processes in the 

human genome, only one mistake is made every 1 – 10 replication cycles (i.e. 1 mistake 



 

 

2 

per 1010 – 1011 bases copied) [7-9]. Across species, fidelity ranges between ~108 and ~1011 

in normal cells, depending on a host of factors [10-14]. This thesis is concerned with how 

high fidelity is accomplished and violated with a specific focus on the mechanisms of 

nucleotide selection.  

 

Figure 1.1: Overview of replication fidelity processes 
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1.1.1 Replisome 

Assembly and function of the prokaryotic and eukaryotic replisomes are a 

complex multi-protein affair [15]. Interestingly, while archaea and eukaryotic replisomes 

appear to have evolved from a common ancestor, the prokaryotic replisome seems to 

have evolved independently. Despite this, the replisomes share several core enzymatic 

functions: helicases which unwind the DNA, primases which synthesize short RNA 

primers, DNA polymerases, and 3’-5’ exonuclease which can correct misincorporated 

bases. Additionally, the bi-directional nature of DNA and the uni-directional function of 

DNA polymerases (5’ → 3’) only allows for one strand to be continuously synthesized 

(leading strand) while the other strand must be synthesized piece-meal (lagging strand); 

this semi-discontinuous method of DNA replication is observed across species. This 

section is intended to provide a brief overview and appreciation for the replisome and in 

vivo replication before focusing on polymerase mechanisms [16, 17].  

In order to replicate DNA, the two strands of the helix must be unwound and 

separated. This activity is performed by DNA helicases. The replicative helicases, DnaB 

in prokaryotes and CMG (Cdc45-MCM-GINS) in eukaryotes, form a six-subunit ring 

encircling a single-strand of DNA. Both eukaryotic and prokaryotic helicases translocate 

along single-stranded DNA (ssDNA) separating double-stranded DNA (dsDNA) as it 

goes. Unraveling DNA requires the input of energy in the form of ATP, driving 
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translocation of the helicase along ssDNA, separating dsDNA by pulling one strand 

through the center of the helicase in a process referred to as ‘steric exclusion’. DnaB 

proceeds 5’ → 3’, on the lagging strand, and MCM moves 3’ → 5’, on the leading strand. 

As ssDNA is generated, it is protected by SSB (single-stranded binding protein) in 

prokaryotes and by RecA in eukaryotes before it can be replicated [16, 18, 19].  

DNA polymerases cannot initiate replication of a new nucleotide chain- only 

extend an existing chain. In order to initiate synthesis, a primase first synthesizes a short 

RNA oligonucleotide. In prokaryotes, DnaG synthesizes ~12 RNA bases before the main 

replicative polymerase takes over. DnaG is not observed to associate with the larger 

replication complex and acts as an independent enzyme during replication, creating a 

new primer on the lagging strand every ~ 1 – 2 kb. In contrast, the eukaryotic primase, 

polymerase α-primase, is anchored to the replisome, associated with the CMG helicase. 

The polymerase α-primase complex synthesizes a ~ 25 – 35 nucleotide RNA-DNA (~ 15 

RNA bases and ~ 20 DNA bases) strand before the main replicative polymerases takes 

over. Eukaryotic lagging strand Okazaki fragments are much shorter, with a new primer 

synthesized every ~ 100 – 200 bases [16, 20, 21]. 

Both the prokaryotic and eukaryotic replisomes, particularly the polymerases, 

are associated with DNA clamp proteins that serve to anchor the enzyme to DNA, 

increasing processivity. The bacterial clamp, termed the β subunit, is a homodimer 
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where each subunit is comprised of three spliced together subdomains. The eukaryotic 

clamp, PCNA, is a trimer where each subunit is comprised of two subdomains, each 

subdomain possesses a fold similar to that in the prokaryotic β subdomains. The six-fold 

symmetry of the β subunit and PCNA form nearly identical ring structures which 

encircles the DNA. DNA clamps must be loaded by multiprotein clamp loader 

complexes, which use energy to open and subsequently close the clamp around the 

DNA [16].  

Prokaryotic replication utilizes three copies of Polymerase III, all organized 

around a central clamp loader, attached via a clamp loader τ subunit. Each polymerase 

has an associated β clamp anchoring it to the DNA. One copy of Polymerase III extends 

the leading strand, while the other two are believed to take turns synthesizing Okazaki 

fragments on the lagging strand. Upon completion of an Okazaki fragment the 

polymerase leaves the β clamp on the newly synthesized duplex DNA and starts 

synthesis of a new fragment with a new β clamp. The orphaned β clamps are used by 

downstream cellular processes for Okazaki fragment maturation and mismatch repair. 

Replication in eukaryotes requires three polymerases: α (primase), δ, and ϵ, organized 

around the central CMG helicase. Current genetic and biochemical evidence, though not 

conclusive [15], suggests that polymerase ϵ is primarily responsible for leading strand 

synthesis and polymerase δ is responsible for lagging strand synthesis [16].  
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Compared to the relatively well understood prokaryotic replisome, many details 

of the eukaryotic replisome are only now coming into better focus. For example, recent 

biochemical studies have shown that polymerase δ helps initiate leading strand 

synthesis before handing off to polymerase ϵ	[6]; still other eukaryotic replisome 

associated proteins have been shown to be critical for proper replisome function but 

their roles remain unknown [16]. Advancements in structural and biochemical 

techniques using reconstituted in vitro replisomes promise to help address the wealth of 

outstanding questions regarding these intricate cellular machines [6].  

Investigations of polymerase fidelity typically utilize isolated polymerases 

removed from the larger context of the replisome, which is deleterious to processivity 

but does not significantly alter base substitution fidelity. For example, bacteriophage T7 

polymerase on its own will synthesize < 50 bases before dissociating; binding with host 

thioredoxin increases processivity to ~ 1 kb and processivity can increase to > 5 kb when 

complexed with another viral protein containing helicase and primase functions [22, 23]. 

Processivity is not important in the kinetic experiments most commonly used to 

determine polymerase fidelity, as will be described later, and studies have shown that 

T7 polymerase with thioredoxin decreases the number of frameshift mistakes but 

minimally alters rates of base substitution errors [24]. Similar results have been observed 
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with other polymerases and their processivity factors showing minimal impact to base 

substitution errors [25]. 

1.1.2 Polymerase families 

The fidelity of a polymerase is highly dependent on its identity and role [26-28]. 

Eukaryotic and prokaryotic polymerases are sorted into six families based on sequence 

homology and function: A, B, C, X, Y, and RT (reverse transcriptase) [29-31]. Family B 

contains the main eukaryotic replicative enzymes: polymerases α, δ, and ϵ. Family C 

contains the main prokaryotic replicative polymerase, Polymerase III [26]. Family A is a 

mix of replicative and repair polymerases; including prokaryotic Polymerase I, the first 

polymerase isolated and characterized. Polymerase I was initially thought to carry out 

the bulk of prokaryotic replication [32]; it’s now been shown to be responsible for 

Okazaki fragment maturation and DNA repair [26]. Other members of Family A do 

carry out processive replication, for example: phage polymerase T7, and eukaryotic 

mitochondrial polymerase ζ. Family X and Y polymerases are responsible for DNA 

repair and damage by-pass, respectively, in both prokaryotes and eukaryotes [33-36]. A 

seventh poorly defined family (D) is also proposed, containing the replicative 

polymerases of Euryarchaeota [37]. 

Across all polymerase families, fidelity (in the absence of proofreading or 

mismatch repair) ranges from ~ 10-6 – 100. The main replicative polymerases are the most 
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accurate, selecting the correct dNTP with an error rate of ~ 10-6 – 10-4  across all twelve 

possible mismatches comprising the largest proportion of total replication fidelity [38]. 

Damage repair and legion bypass polymerases are, by nature, less accurate. X family 

repair polymerases range between 10-5 and 10-3 [35, 39-41], while Y family legion bypass 

polymerases range between 10-3 and 100 [42, 43]. Certain types of damage, such as 

thymine dimers caused by UV damage, stall the replisome. In these instances, Y family 

polymerases are recruited to insert a base, even if incorrect, so that the replisome can be 

restarted [28, 44]. The damaged base and mistake left behind can then be repaired by 

other cellular processes. Notably, the disparity between low and high-fidelity 

polymerases is not primarily due to a propensity to incorporate the wrong base more 

frequently; rather, the correct base is incorporated less efficiently, resulting in an 

increased error ratio [45]. This will be discussed in greater detail later in this work.  

Several member of high-fidelity families A, B, and C also possess proofreading 

capabilities in the form of a 3’→ 5’ exonucleolytic domain that is able to remove a base 

that has already been incorporated into the newly replicated strand [46-48]. Stalling of 

the replication process upon incorporation of a mismatched base changes the kinetic 

partitioning between competing fast replication and slow proofreading processes, 

allowing for the growing primer to be moved to, and processed in, the exonucleolytic 
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active site. Proofreading imparts an additional 101 – 102 discrimination factor for a total 

fidelity in high-fidelity proof-reading proficient polymerases of ~10-6 to ~10-8.  

To underscore the importance of replication fidelity, recent studies from 

Tomasetti and Vogelstein [49, 50] have illustrated that while hereditary and 

environmental factors are often key to disease initiation and overall incidence of cancer, 

up to two-thirds of driver gene mutations could be attributable to DNA replication 

mistakes which evade fidelity checkpoints and may hold clues to why some tissues 

develop cancer much more frequently.  

1.1.3 Nucleotide selection 

1.1.3.1 Watson-Crick geometry 

The four canonical Watson-Crick (WC) base pairs A•T, T•A, C•G, and G•C all 

have nearly identical geometries (i.e. height, width, and depth), which will be referred to 

as Watson-Crick (WC) geometry (Figure 1.2) [51-53]. While there are variations along the 

parameter of the base pair consensus shape due to differences in the functional groups 

extending from the base ring, particularly in the major groove, the isosteric geometry of 

the WC pair positions the glycosidic bond to the deoxyribose sugar (N1/N3 – C1’) in the 

same location in all four pairs (Figure 1.2). This shape homology has been shown to be 

an important component of how polymerases select the correct NTP for a templating 

base [52], rejecting base pairs with non-WC geometry [7, 8, 53-58]. In particular, this 
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steric hypothesis proposes that polymerases could utilize a rigid, tight active site pocket 

and the shape complementary of WC base pairs to achieve high fidelity on the basis of 

steric exclusion [59]. 

In the early 2000’s, Eric Kool and group [52, 59] tested this steric hypothesis by 

measuring the incorporation of a multitude of base analogues designed to mimic the 

shape complementarity of WC pairs but which lacked canonical base functional groups. 

Bases and base analogues which adopted a WC-like geometry were found to be able to 

be efficiently incorporated, including fluorinated-analogs of canonical base which adopt 

the correct geometry but lack strong inter-base hydrogen bonds [52, 60]. Conversely, 

analog pairs which violate WC steric constraints were not as efficiently incorporated 

[61].  

1.1.3.2 Watson-Crick base pair hydrogen bonding 

While base pair shape alone likely does play a substantial role in the selection of 

the correct nucleotide, WC hydrogen bonds between the template and dNTP are also 

vitally important. Kinetic incorporation measurements of non-hydrogen-bonding base 

analogues found that while incorporation remained 10 – 1000-fold more efficient than 

misincorporation, efficiency was reduced by up to 1000-fold relative to canonical correct 

incorporation [62]. Detailed studies on polymerase γ and the importance of hydrogen 

bonding on specificity showed that the lack of base hydrogen bonding results in a ~ 2.5 
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kcal mol-1 loss of discrimination due, in large part, to loss of ground state binding energy 

with the incoming dNTP [63]. The relationship between incorporation efficiency and 

discrimination will be described in detail later in this work. 

1.1.3.3 Intermolecular hydrogen bonding 

Intermolecular hydrogen bonds between the polymerase and DNA are also 

functionally important during replication. All four WC pairs have two sequence-

independent hydrogen bond acceptors, geometrically at the same location in the minor 

groove, either the adenine/guanine N3 or the thymidine/cytosine O2 (Figure 1.2). These 

atoms have been shown in multiple cases to be involved in hydrogen bonding to the 

polymerase either directly or via water mediated hydrogen bonding networks [64-70]. 

Detailed kinetic and crystallographic studies of Polymerase I Klenow Fragment [71] and 

RB69 polymerase [70] have shown that the disruption of the minor groove hydrogen 

bond network through either site specific mutagenesis or base analogues results in an up 

to 1000-fold decrease in incorporation efficiency. The minor groove hydrogen bond 

network in RB69 polymerase has been shown to extend to at least the i-2 position and is 

responsible for orienting active site side chains [70].  

1.1.3.4 Affinity for matched and mismatched dNTP 

The interactions between the polymerase and base pair work in concert to 

recognize correct dNTP•template pairs and subsequently align the active site moieties 
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for catalysis. Discrimination of non-WC pairs through decreased binding affinity and 

decreased catalytic rate, as discussed later, allow high-fidelity polymerases to obtain 

error rates of ~ 10-5, in the absence of proofreading or mismatch repair.  

Complementary dNTPs are stabilized by a number of interactions upon binding: 

formation of WC hydrogen bonds between the template base and dNTP, hydrogen 

bonds to the polymerase via the sequence-independent hydrogen bond acceptors, 

favorable stacking interactions with the i-1 base pair, as well as extensive metal 

mediated contacts between the polymerase and phosphate tail. A detailed structural 

description of the polymerase mechanism for correct incorporation will be covered in 

Section 1.2.  

Polymerases bind the correct dNTP with ~ 100-fold greater affinity than 

incorrect, due the interactions described above. Mismatched dNTPs, as observed in a 

crystal structure of a dG•dT mismatch [58], form fewer hydrogen bonds than their 

properly paired counterparts, do not benefit from stacking with the i-1 base pair, and 

lack intermolecular hydrogen bonds to the polymerase, both from the base and from the 

phosphate tail (Figure 1.4 and Figure 1.5). Similar observations have been made for 

binding of a nucleotide to a naked DNA double helix where intermolecular forces, WC 

hydrogen bonding and base stacking also favor formation of WC pairs over mismatches. 



 

 

13 

Single-gapped nucleotide DNA, or dangling end DNA binds the WC compliment for 

template base with 10-fold higher affinity than incorrect [72, 73].  

Indeed, as observed in crystal structures of yeast polymerase δ and ϵ [74, 75], 

matched base pairs in the active site adopt the B-DNA conformation, as does the 

primer/temple DNA, pre-forming the structure of the product B-DNA duplex. In 

contrast, mismatched dNTPs disrupt these interactions and therefor bind more weakly 

to the polymerase; likewise, dG•dT mismatches destabilize DNA duplexes by up to 4 

kcal mol-1.  

 

Figure 1.2: Watson-Crick and non-Watson-Crick base pairs 

Canonical Watson-Crick dA•dT and dG•dC base pairs are shown on the left. 
The surrounding blue box is a stylized representation of ‘Watson-Crick’ geometry. 
Shown on the upper right is an overlay of the four canonical base pairs with blue arrows 
highlighting the conserved base pair width and C1’ location. Green arrows indicate the 
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sequence independent hydrogen bond acceptors. Shown on the lower right is a non-
Watson-Crick dG•dT wobble base pair, the surrounding red box indicates violations of 
Watson-Crick geometry. 

1.1.4 Proofreading 

Many polymerases possess and employ a 3’→ 5’ exonucleolytic proofreading 

ability as a fidelity checkpoint following the incorporation of a dNTP [76, 77]. The 

proofreading process is dominated by the stability of the matched/mismatched i-1 base 

pair and the kinetics of extension following the incorporation of a mismatched base [7, 

12, 78, 79]. Mismatch-induced disruptions to the active site are responsible for stalling 

the next dNTP incorporation [64], reducing incorporation efficiency of the next base by 

up to 10,000-fold [7, 12, 78, 79]. Typically, the fast forward rate of incorporation is 

competing with the exonuclease pathway which seeks to shuttle the growing primer 

strand to the proofreading active site. Kinetically, correct incorporation is two order of 

magnitude faster (on the order of 100 s-1) than shuttling to the proofreading active site 

(on the order of 1 s-1). Therefore, correct extension dominates kinetically preventing 

futile transfers between the polymerization and exonuclease active sites during 

replication [12]. Following mismatch incorporation, the rate of correct incorporation 

stalls (on the order of 0.01 s-1) due to misalignment of the active site caused by the 

previously incorporated mismatch base pair. Four possible mechanisms contribute to 

active site disruptions based on the identity of the mismatched pair: 1) Displacement of 

the template strand and disruption of the active site, 2) disruption of active site 
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assembly, 3) disruption of the primer and template strand, and 4) fraying of the insertion 

site DNA [64]. These effects can extend through a mismatch at the i-5 position [64]. The 

stalling of correct incorporation changes the kinetic partitioning between extension and 

proofreading, allowing transfer of the primer to the exonuclease active site [7, 12, 78, 79].  

1.1.5 Mismatch repair 

Correct nucleotide selection and proofreading allows high-fidelity polymerases 

to obtain an error rate of 10-7 – 10-8. Mismatch repair machinery can boost the overall 

fidelity to an astonishing 10-10 – 10-11 [80-83]. Both prokaryotes and eukaryotes have 

repair systems that are able to recognize mismatches and discriminate the newly 

synthesized strand containing the mistake. A detailed discussion of mismatch repair is 

beyond the scope of the work here and has been extensively reviewed elsewhere [80, 81, 

83-87].  

Briefly, prokaryote repair systems utilize three core proteins (MutH, MutS, and 

MutL) in a methyl-direct repair system to detect mismatches and discriminate the newly 

synthesized strand. MutS is responsible for mismatch recognition, and upon recognition, 

recruits MutL which in turn interfaces with and activates downstream molecules, 

including MutH. MutH is a d(GATC) endonuclease which is activated by interactions 

with the MutS-MutL complex. In mature DNA the d(GATC) sequence is methylated at 

the adenine. Following new strand synthesis there is a period of time where the newly 
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synthesized d(GATC) sequence is not methylated allowing for determination of the 

newly synthesized strand. MutH, when activated, cuts the DNA strand with the 

mismatch at the unmethylated d(GATC) site. This site may be located > 1 kb away from 

the site of the mismatch. Following this repair initiation, a host of other enzymes 

contribute to remove the newly synthesized DNA strand from the d(GATC) site to the 

mismatch. This patch of DNA is then resynthesized and ligated to complete the strand. 

The big picture of eukaryotic mismatch repair is similar to that of prokaryotes: 

identification of a mismatch starts a process in which the mismatched strand is removed 

and resynthesized. A major contrast is that eukaryotic mismatch repair systems likely 

strand discriminate based on the 5’ and 3’ nicks that are produced during DNA 

synthesis and not using methyl-directed discrimination [83]. 

1.2 Mechanism of correct DNA incorporation 

1.2.1 Polymerase structure 

All polymerase families share a common global structural motif, that of a ‘right 

hand’, except for family X which are left handed [47, 67, 88]. The hand is comprised of 

three subdomains: ‘palm’, ‘thumb’, and ‘fingers’. The ‘binary’ complex (primer/template 

DNA bound by polymerase) adopts an ‘open’ conformational state defined by the 

position of the fingers and their orientation relative to the polymerase active site. The 

palm and thumb are responsible for the polymerase attachment to primer/template 
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DNA. The topology of Family A Polymerase I Bacillus Fragment binary complex [89] is 

shown in Figure 1.3. 

In the active site of the Pol I BF binary complex, the template base is sequestered 

out of the active site. A conserved tyrosine side chain occupies the active site stacking 

with the i-1 base pair. The templating base is bent sharply away from the axis of the 

primer/temple helix and resides in the pre-insertion site at an interface between two 

helices of the fingers subdomain. The 3’OH of the primer forms a hydrogen bond with a 

conserved, essential asparagine and a single Mg2+ is observable, coordinated between 

two catalytic asparagine residues. Upon binding the correct dNTP, the template base is 

moved to the insertion site within the active site and the tyrosine that had previously 

occupied the active site is rotated out. The ternary complex (DNA-polymerase-dNTP) is 

characterized by a closure of the fingers subdomain forming a tight active site enclosing 

the template-dNTP base pair (Figure 1.4). The binding of the dNTP also brings along a 

second Mg2+ ion, which is required for catalysis.  
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Figure 1.3: Polymerase I Binary Complex 

Structure of Polymerase I Bacillus Fragment in the open conformation showing 
the ‘right hand’ motif of polymerases. Structure reproduced from PDBID: 1L3S [89].  
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The WC geometry of a correct dNTP-template pair properly positions the 

phosphate tail of the incoming dNTP, two (likely three [90, 91]) divalent cations, and 

several catalytic active site side chains for an in-line nucleophilic SN2 attack between the 

3’ OH of the primer terminus and the α-phosphate of the incoming dNTP (Figure 1.5) 

This two-metal ion catalytic mechanism was first described in early structures of the 

Klenow Fragment exonuclease site bound to DNA and dTMP and was subsequently 

applied to polymerization. The two-metal ion mechanism is extensively supported 

across all characterized polymerases in every polymerase family [47, 48, 88].  

The two Mg2+ metal ions occupy the A- and B-sites. The A-site catalytic metal 

binds between the primer 3’ OH and the α-phosphate of the incoming dNTP. During 

catalysis, the A-site metal acts as a Lewis acid to decrease the pKa of the primer 3’ OH 

and aid in deprotonation; this proton is likely handed off to another active site residue 

[92, 93]. The B-site metal is coordinated by the non-bridging oxygens of the dNTP α-, β-, 

and γ-phosphates. The B-site metal helps to orient the triphosphate group for catalysis 

and is also involved in charge neutralization and stabilization of the pyrophosphate 

leaving group [94-97]. The third putative, C-site, metal has been observed in time-

resolved crystallography of polymerase β [90] and polymerase η [91]; it has been 

proposed to aid in overcoming the energetic barrier to the transition state by facilitating 

breakage of the α-β phosphodiester bond [91] but is still the subject of debate and 
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investigation [88]. Following deprotonation of the 3’ OH primer, aided by the A-site 

metal, the activated primer launches an in-line nucleophilic attack on the α-phosphate of 

the dNTP, creating a classical SN2 reaction transition state as a bond is formed between 

the primer 3’ O- and the α-phosphate and broken between the α-phosphate and the α-β 

bridging oxygen. The B-site metal helps to stabilize the negative charge in the penta-

coordinated transition state and in the negatively charged PPi leaving group. 

Completion of the reaction results in a new covalent linkage between the α-phosphate of 

the i base and the 3’ O of the i-1 base.  
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Figure 1.4: Polymerase open to closed transition 

 ‘Open’ (PDBID: 1L3S) [89] and ‘closed’ (PDBID: 2HVI) [98] conformations of 
Polymerase I Bacillus Fragment. DNA is colored orange, polymerase is grey with 
specific residues colored blue. Shown in the closed structure is a dCTP•dG base pair, 
incorporation was prohibited by a di-deoxy primer terminal base.  
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Figure 1.5: Catalytically active dG•dC and inactive dG•dT polymerase active 
sites 

Active site of Polymerase I Bacillus Fragment with a Watson-Crick dCTP•dG base 
pair (top) (PDBID: 2HVI) [98] and wobble dTTP•dG base pair (bottom) (PDBID: 3HPO) 
[58].  
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1.2.2 Kinetic mechanism 

The study of polymerases mechanisms and fidelity has revolved around 

attempts to uncover a simple unifying kinetic mechanism. Although polymerase seem to 

actively resist a detailed consensus mechanism, a minimal model of correct 

incorporation has emerged. A comprehensive pathway starting from elementary parts 

through one complete incorporation and translocation cycle can be described in ten 

steps (Figure 1.6) [88]. A DNA polymerase first binds to a primer/template DNA 

substrate forming the binary complex (step 1). This initial binding may place the 

terminal base pair within the active site; translocation by one nucleotide moves the 

terminal base pair to the i-1 site and the template base to the i site, if needed (step 2). The 

correct dNTP then binds to the polymerase, bringing the second catalytic metal (step 3) 

and a rapid closure of the fingers subdomain (step 4) occurs to form the tight active site 

around the specific geometry of a WC-pair. A second localized conformational 

rearrangement occurs, preparing the active site for catalysis (step 5). This step most 

likely involves orientation of active site side chain residues and the deprotonation of the 

primer 3’ OH, which is immediately followed by nucleotidyl-transfer (step 6). Both of 

the pre-chemistry conformational change steps are reversed (step 7 and step 8), and 

pyrophosphate is released (step 9). The polymerase then translocates one base pair (step 

10) and the cycle repeats again starting with dNTP binding (step 3). 
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Figure 1.6: Generalized kinetic mechanism of incorporation 

The remainder of this work will focus on an established minimal three step 

model describing only the incorporation of dNTP starting from binary complex through 

catalysis (Figure 1.7). For the minimal three-step model, starting from polymerase pre-

bound to primer/template-DNA (binary complex), the complex binds an incoming 

dNTP. Multiple studies suggest that the initial binding step occurs as a concerted step 

with the larger sub-domain closure of the fingers domain around the active site. This 

closure step is included separately in the 10-step model but excluded here as it is 

assumed to be concurrent with binding and sufficiently fast as to not influence kinetic 

fidelity processes [29, 88, 92, 99-101]. The concerted binding/closure is followed by a 

conformational change step. The exact identity of the conformational change is 

unknown and is highly likely to vary in its details depending on the identity of the 

polymerase but has been proposed to involve rearrangement of active site residues to 

align for catalysis and prepare the primer 3’ OH by stripping away the hydroxyl proton 

[92]. The conformational change step is followed by nucleotidyl-transfer and the 

formation of a phosphodiester bond between the primer and incoming dNTP. This 
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simplified mechanism, ending after catalysis, and the creation of an n+1 DNA is 

sufficient in detail and scope for the topics discussed later in this work.  

 

Figure 1.7: Simplified 3-step mechanism of incorporation 

1.3 Measuring DNA replication fidelity 

The theoretically ideal approach to measuring polymerase fidelity is the ‘direct 

competition’ assay, where both ‘right’ and ‘wrong’ dNTPs are present within the same 

sample and directly compete for the same active sites. By definition, in these 

experiments the polymerase fidelity is equal to the ratio of moles of right and wrong 

dNTPs incorporated at equimolar concentrations. In practice, these experiments are 

difficult to perform due to the small amounts of incorrect product formed, which 

amounts to “measuring a needle in a haystack”. This problem has been partially 

addressed by using highly skewed dNTP pools (correct: nM, incorrect: mM) [102]. In 

this assay 32P-labeled primer with unlabeled template DNA is incubated with 

polymerase and dNTP. The reaction is subsequently quenched once both correct and 

incorrect product formation is observed and ~ 50% un-extended primer remains. Right 

and wrong incorporation products are separated and quantitated using a long 
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polyacrylamide gel, required to separate DNA primers of the same length (n number of 

nucleobases) but which differ in identity at the 3’ end (correct or incorrect incorporation 

products). Misinsertion frequency is then obtained by measuring the intensity of correct 

and incorrect extension products and multiplying by the dNTP pool bias ratio. 

However, this method is difficult to conduct and limited by the ability to separate and 

detect misincorporation products, which is not always possible even with bias dNTP 

pools. 

While theoretically simple, the technically difficult direct competition assay is not 

frequently used. Rather, fidelity is commonly measured indirectly via the 

experimentally and analytically straight-forward steady state or presteady state kinetic 

assays, where incorporation of the ‘right’ or ‘wrong’ dNTPs are measured in separate 

reactions and their respective kinetic parameters are used to derive fidelity.  

The steady state experiment is based off a thought experiment proposed by Alan 

Fresht [103], which envisions correct and incorrect nucleotides competing 

simultaneously for the same template active site within a Michaelis-Menten enzyme. In 

the general case of ligand A and ligand B competing for the same active site the overall 

steady state reaction velocities of A and B can be expressed as: 

𝑑[𝐴]
𝑑𝑡

= 𝑣( = )
𝑘+(,
𝐾.

/
0
[𝐸][𝐴] 
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𝑑[𝐵]
𝑑𝑡

= 𝑣3 = )
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𝐾.

/
4
[𝐸][𝐵] 

in which vi is the reaction velocity (amount of product produced per unit time), kcat is the 

enzymatic catalytic rate constant, Km is the Michalis-Menten constant, and [E], [A], and 

[B] are the concentrations of enzyme, substrate A, and substrate B, respectively. 

Expressed as the ratio of the reaction velocities, it is shown that the specificity of each 

ligand is determined by kcat/Km. Importantly, since kcat/Km is not altered by non-

productive binding or by intermediate species, these processes do not affect the 

specificity of a given ligand. This then predicts that polymerase fidelity can be 

determined via measurement of kcat and Km of correct and incorrect incorporation in 

separate reactions. Fidelity/discrimination is then defined as the ratio of the 

specificity/efficiency (kcat/Km) of correct and incorrect incorporation, and would be the 

same as measured via direct competition between the two nucleotides [103]. 

Comparisons between correct and incorrect incorporation are referenced to the 

templating base e.g. dGTP•T would be referenced to dATP•dT and dTTP•dG would be 

referenced to dC•dGTP.  

Steady state (and presteady state) kinetics have been widely used to measure 

polymerase fidelity and a 2010 study [102] showed that measurements of Klenow 

Fragment fidelity derived through steady state (and presteady state) experiments agree 

with results from direct competition, as predicted by Fersht [103]. Steady state 
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experiments utilize low concentrations of polymerase relative to primer-template DNA 

in order to ensure that DNA and dNTP concentrations are not appreciably altered 

during the course of the reaction, required to satisfy the steady state approximation that 

reaction rates are not altered by changes to substrate concentrations. Consequentially, a 

single polymerase will visit and catalyze a single base incorporation at multiple different 

primer-template DNAs. The velocity of primer extension (percent substrate extended 

per unit time) is measured as a function of dNTP concentration for both right and wrong 

dNTP. As in direct competition assays, primer extension is measured using a label 

(commonly 32P) at the 5’-end of the primer strand and quantitating the amounts of 

extended and non-extended primers. Reaction velocities are plotted against their 

respective dNTP concentrations and fit to the Michalis-Menten rectangular hyperbola,  

Equation 1.1: Steady-state kinetics reaction velocity 

𝑣 = V678[𝑑𝑁𝑇𝑃]/(𝐾. + [𝑑𝑁𝑇𝑃]), 

where Vmax is the maximum reaction velocity (𝑉.(B = 𝑘+(, ×	[𝑡𝑜𝑡𝑎𝑙	𝑝𝑜𝑙𝑦𝑚𝑒𝑟𝑎𝑠𝑒 •

𝐷𝑁𝐴	𝑐𝑜𝑚𝑝𝑙𝑒𝑥]) and Km is the Michalis-Menten constant. The polymerase fidelity is 

calculated by taking the ratio of (Vmax/Km) for correct and incorrect incorporation where, 

when the concentration of polymerase is held constant, is equal to, 

Equation 1.2: Polymerase Fidelity 
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Steady state experiments can introduce error in the calculation of kcat and Km due 

to the cycling of the steady state polymerase between different primer/template-DNAs 

over the course of a reaction; measured kcat values can reflect the, usually slow, 

dissociation rate of the polymerase and not the catalytic rate [95]. In principle, 

sufficiently low concentrations of nucleotides would allow for accurate steady-state 

measurements, as described by Johnson [95]; but has in some cases lead to 

underestimated discrimination values [63, 78, 104, 105]. 

Single-turnover presteady state kinetic assays avoid this problem and are the 

most widely used approach to measure polymerase fidelity [11, 12, 78, 95, 106-108] 

(Figure 1.8). In contrast to steady state, much higher concentrations of polymerase are 

used relative to primer-template DNA. This ensures that at the start of the experiment 

every DNA has been pre-bound by a polymerase and that each polymerase will only act 

on a single primer-template DNA (single-turnover). The purpose of this setup is to force 

primer extension to obey pseudo-first order kinetics by removing effects from the 

concentration of the polymerase and DNA. The amount of extended primer is measured 

over a time course for multiple dNTP concentrations for both correct and incorrect 
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incorporation. For each dNTP concentration, the amount of extended primer is plotted 

against time and fit to,  

Equation 1.3: Pre-steady state kinetics 

[𝑃𝑟𝑜𝑑𝑢𝑐𝑡] = 𝑎(1 − exp	(−𝑘T3b𝑡) 

Where kobs is the pseudo-first order [dNTP]-dependent maximum rate of incorporation. 

Each kobs value is then plotted against [dNTP] and fit to the rectangular hyperbola, 

𝑘T3b =
𝑘STU	 × [𝑑𝑁𝑇𝑃]
𝐾c + [𝑑𝑁𝑇𝑃]

 

 Where kpol is the [dNTP]-independent maximum rate of polymerization and Kd is the 

apparent binding constant of the dNTP. The calculation of misinsertion probability is 

analogous to steady state where the ratio of the specificity (kpol/Kd) for correct and 

incorrect incorporation defines fidelity. 

𝐹STU =
)
𝑘STU
𝐾c

/
XY+TZZ[+,

)
𝑘STU
𝐾c

/
+TZZ[+,

 

Presteady state single-turnover reactions avoid many of the problems of steady-

state measurements but are subject to assumed models. Throughout much of the history 

of polymerase mechanistic studies, a simplified model was assumed where a relatively 

slow conformational change step preceded a relatively rapid chemistry step. Under this 

scheme the slow conformational change is the single rate-limiting step and is defined by 

the kpol value derived from experimentation following the binding of a nucleotide with 
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an apparent Kd. This model allows for simple direct determination of the specificity 

constant by determining kpol/Kd [95]. It should be noted that the apparent Kd derived 

from presteady state experiments is best regarded as Km value, which under certain 

conditions can be lower than the intrinsic Kd. In general, the relation between apparent 

Kd and the true binding Kd will be dictated by the specific kinetic model used [95]. 

Under kinetic schemes where a weak binding event is followed by a rapid 

conformational change, such as the putative model governing T7 polymerase, the 

measured Kd can be influenced by the Keq of the step following binding [95]. 
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Figure 1.8: Pre-steady state kinetic fidelity assay 

Representative plots for correct and incorrect incorporation in a presteady state 
kinetic assay.  
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1.4 Misincorporation and polymerase fidelity 

1.4.1 Fidelity is primarily dictated by efficiency of correct 
incorporation 

The fidelity of a given polymerase is defined by the ratio of efficiencies (kpol/Kd) 

of correct and incorrect nucleotide insertion and therefore changes in fidelity arise from 

change to one or more of these values. In practice, the differences in fidelity between 

high and low fidelity polymerases are primarily attributable to differences in correct 

incorporation efficiency [45]. Low-fidelity polymerases have lower fidelity because they 

are less efficient at incorporating the correct base. A 2002 study [45] compared the 

catalytic efficiencies of correct (dG•dCTP) and incorrect (dG•dTTP) incorporation for 

twelve previously studied polymerases and found that the efficiency of incorrect 

incorporation varied over only a little more than one order of magnitude (10-5 to 10-4 µM-

1 s-1 : kpol  = ~0.1 s-1, Kd ~ 1mM). In contrast, correct incorporation varied over a remarkable 

six orders of magnitude (10-4 to 102 µM-1 s-1). These data reveal that high-fidelity 

polymerases discriminate against wrong incorporations by actively selecting for the 

correct nucleotide [45]. In addition, the narrow range of efficiencies for incorrect 

incorporation may be suggestive of a common mechanism of dG•dTTP incorporation. 

Crystallographic and kinetic analysis of these polymerases show that the catalytic rate 

(kpol) of correct incorporation is primarily responsible for differences in correct 

incorporation efficiency across polymerases and is likely attributable to the coordination 
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of the α-phosphate by a basic residue on the polymerase that is not present in many low 

fidelity polymerases [45]. Polymerases investigated since the 2002 study follow this 

trend.  

1.4.2 Kinetic versus thermodynamic determinates of fidelity 

Early investigation into the basis of polymerase fidelity revolved primarily 

around understanding contributions from standard free energy differences between 

canonical and non-canonical base pairs [109]. It was reasoned that energetic instability of 

mismatches would allow for polymerases to recognize and reject mismatched dNTPs. 

Early free energy thermal denaturation studies of a blunt-end 9-base DNA construct, 

absent of dNTP or polymerase, with either a correct or mismatched base pair at the 3’ 

end found an only ~ 0.2 kcal mol-1 difference in the free energy changes upon 

dissociation (ΔΔG°) for an A•T versus G•T base pair [109]. This free energy difference is 

much too small to explain the necessary ~ 6 kcal mol-1 needed to account for error 

frequencies of 10-4 – 10-5. This thermodynamic hypothesis was also investigated in the 

context of binding energies in the polymerase active site. The passive polymerase model 

assumes that dNTP on-rates for both correct and incorrect are diffusion limited, thus 

their Km (or Kd) values are determined by the dNTP off-rate. In such a system, 

discrimination would be proportional to the differences in the Km values for matched 

and mismatched pairs, reflecting differences in hydrogen bonding and stacking 
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energies. However, Km (or Kd) ratios are at most 10-3 (Correct ~ 1µM, Incorrect ~ 1mM), 

corresponding to a maximum ΔΔG ~ 4 kcal mol-1; insufficient to account for 10-4 to 10-5 

fidelity (ΔΔG ~ 5.4 – 6.4 kcal mol-1) [110].  

This was challenged by a publication in 2013 [111], which claimed to have 

obtained direct measurements of  energetic differences between incorporation of correct 

and incorrect bases sufficient to explain fidelity. This study attempted to operate Vent 

polymerase at equilibrium by using high concentrations of pyrophosphate. Increasing 

pyrophosphate concentrations led to the leveling off of extension and it was presumed, 

though not directly measured, that equilibration between extension and 

pyrophosphorolysis had been reached. Apparent Keq values were calculated and used to 

determine ΔG° values for right and wrong incorporation. Free energy differences 

(ΔΔG°) for incorporation of right verses wrong incorporation were found to be ~ 5.2 kcal 

mol-1. However, these results were refuted in 2016 [112] when a more comprehensive 

investigation of Vent pol and Pfu pol in the presence of high PPi found that polymerases 

do not operate at equilibrium under high PPi conditions as claimed in [111]. Since 

equilibrium cannot be achieved, the ΔG° measurements obtained do not reveal the 

intrinsic selectivity of DNA. Instead, this suggests that kinetic selectively must be a 

primary driving effect of replication fidelity.  
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As described above, correct dNTPs bind to the polymerase tighter than incorrect 

dNTPs. Correct dNTPs are also incorporated more rapidly, up to 100’s per second 

compared to ~ 0.1 – 1 per second for mismatches. This difference in catalytic rate 

provides a discrimination factor of ~ 103, complimented by  ~ 102 binding discrimination, 

resulting in total fidelity of ~ 10-5. While a substantial body of work has attempted to 

understand the mechanistic basis of the kinetic slow down during misincorporation, 

details still remain unclear.  

1.4.3 Searching for the rate limiting step 

Understanding the slow kinetic rate of misincorporation and determining the 

rate limiting step in correct and incorrect incorporation has long been thought to be a 

key to determining the mechanisms of fidelity and misincorporation. Decades of 

investigations have attempted to answer whether a pre-catalytic conformational change 

step or chemistry step is rate limiting for both correct and incorrect incorporation. 

Kinetic data to determine the rate-liming step frequently measures either pulse-

chase/pulse-quench experiments or thio-elemental effects.  

Pulse-chase/pulse-quench compare the amplitudes of 32P-labeled product 

produced between two different experimental setups. In the pulse-chase and pulse-

quench experiments ‘hot’ [α-32P]-dNTPs are mixed with binary complex for a set of time 

points. In the pulse-chase experiment, at each time point a large molar excess of ‘cold’ 
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unlabeled dNTP is added and subsequently quenched after an additional amount of 

time. In the pulse-quench experiment, the reaction is simply quenched once a time point 

is reached. The underlying principle is that the amounts of detectable hot product 

during a pulse-chase experiment would be greater than a pulse-quench when there is a 

rate-limiting conformational change step prior to catalysis and approximately equal if 

chemistry is rate limiting. As an example of a rate limiting conformational change 

mechanism, in the pulse-chase experiment a stable 32P intermediary complex would be 

pushed forward to product by the large molar excess of cold dNTP, increasing the ratio 

of product formation between pulse-chase and pulse-quench. If chemistry was rate 

limiting, it would be expected that there would not be the formation of a stable 

intermediate that could be pushed forward. Rather, hot dNTP would be out-competed 

by the addition of a large molar excess of cold dNTP. These results are also subject to the 

caveat that they are sensitive to steps following chemistry as well as the rate constants of 

the reverse reactions, not simply the rate-limiting forward step, complicating analysis 

without a detailed model. Additionally, due to low product yield pulse-chase/pulse-

quench experiments are not suited to measuring misincorporation [113, 114]. Pulse-

chase/pulse-quench experiments for many polymerases identified a rate-limiting 

conformational change step for correct incorporation [78, 113, 114]. 
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Thio-effects have also been used to determine the rate-limiting step for correct 

incorporation and misincorporation. Thio-effects are measured by determining 

incorporation rate for a natural dNTP and a dNTP with an α-phosphate non-bridging 

oxygen substituted for a sulfur atom [Sp-dNTPαS]. Theoretically, for a catalytically rate-

limiting reaction, the maximum thio-effect would be ~ 4 – 10-fold, due to energetic 

changes in the transition state from the sulfur substitution. Thio-effects < 2-fold would 

suggest a conformational change rate limiting step. Observed thio-effects for 

misincorporation have ranged from ~ 1 to more than 100-fold. Effects larger than 10-fold 

are difficult to interpret and are likely due to simple steric hindrance from the larger van 

der waal radii of the sulfur; similarly, modest effects (2 – 3-fold) are equally as difficult 

to interpret and thio-effects are now regarded as an, at best, questionable diagnostic tool 

[114]. Furthermore, it has also been hypothesized that the substituted oxygen is not 

involved in transition-state stabilization and may not accurately interrogate the catalytic 

step [115].  

1.4.4 Current understanding of polymerase fidelity 

Detailed studies of T7 polymerase [95, 116] and RB69 polymerase [55] have 

revised the search for an all-important rate-limiting step in favor of a more nuanced 

understanding of the interplay between forward and reverse rate constants and the 

impacts on nucleotide specificity. The most current model and understanding of high-
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fidelity polymerases suggests that binding of the correct nucleotide for a given 

templating base induces a rapid and favorable conformational change (Figure 1.7;,Values 

for T7 polymerase [95, 116], K2 ~ 400)  to a species that is committed for rapid catalysis (k3 

= 360 s-1). In contrast, upon binding a mismatched dNTP the subsequent conformational 

change is not favorable (K2 = 0.52) and the catalytic rate is much slower than correct 

incorporation (k3 = 0.3 s-1). The kinetic partitioning is dictated by the relative values of the 

forward catalytic step and the reverse conformational change step resulting in successful 

catalysis for 99.5% of correct base pairs and rejection of 99.93% of mismatches. 

Alternatively stated, upon binding a mismatch the reversal of the pre-chemistry catalytic 

step and rapid dNTP release is much more favorable than a slow catalytic mismatch 

incorporation. These studies on T7 polymerase investigated a dA•dG mismatch [95]. 

Subsequent studies of Polymerase β with a dA•dG mismatch support the conclusion of 

an alternative destabilizing intermediate pathway upon binding of a mismatch [117]. 

However, these concepts may not be generally extendable to all mismatches as there has 

been some evidence that dA•dG mismatches are incorporated via the formation of a 

transient abasic site [118]. Crystal structures of Pol I BF with dG•dT mismatches reveal a 

conformational on-pathway non-catalytic ‘ajar’ conformational state (Figure 1.5) that is 

halfway between the canonical ‘open’ and ‘closed’ states [58].  
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1.5 The rare tautomer hypothesis of spontaneous 
misincorporation 

1.5.1 Origins of the rare tautomer hypothesis 

In Watson and Crick’s original 1953 papers on the structure and implication of 

the DNA double helix [119, 120], it was proposed that a nucleobase in its non-dominant 

tautomeric form may be able to pair with a non-cognate partner forming the basis of 

spontaneous mutation. The discovery of the first polymerase was still half a decade off 

[32, 121], but it was reasoned that a base adopting one of these rare tautomeric forms at 

the moment a strand is copied would result in a miscoding event and the next pairing 

cycle would result in a change of the base sequence (e.g. AT to GC). They gave a specific 

example case of adenine which can, upon adopting a less favored tautomeric form, pair 

with cytosine forming a geometry near indistinguishable from a cognate pair (Figure 

1.9). This concept is immediately extendable to the other possible purine•pyrimidine 

mispair, G•T (Figure 1.9 and Figure 1.10) where enolic tautomeric forms of either the 

guanine or thymine would allow for a WC-like base pair near-isosteric to a cognate 

G•C.  

In the late 1950’s and early 1960’s, Jerry Donohue and Kenneth Trueblood 

enumerated a catalogue of potential mutagenetic base pairing configurations and 

highlighted a particular example of a non-tautomeric adenine•guanine mismatch which, 

with a syn oriented adenine fit quite well within the constraints of the WC double helix 
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[122]. In 1976, Michael Topal and Jacques Fresco laid out a set of tautomeric mismatches 

with WC-like geometry, including the original tautomeric A•C and G•T mismatches, a 

tautomeric form of Donahue and Trueblood’s A•G mismatch, a second potential A•G 

conformation, as well as potential pairings of A•A and G•G mismatches (Figure 1.10) 

[123].  

By this point in history, total fidelity was thought to range between 10-9 to 10-12, 

and around 10-4 to 10-5 for proofreading-deficient polymerases. The best estimates of 

unfavorable tautomer frequencies in solution centered around 10-4 to 10-5  [124-126]. The 

similar ranges of polymerase fidelity and free tautomeric equilibrium led Topal and 

Fresco to propose a hypothesis for the mechanistic process of spontaneous mutation. 

Their model envisions a free dNTP binding directly to a fixed template base within the 

polymerase. Upon binding a correct dNTP for a given templating base the active site is 

aligned for productive catalysis. In contrast, when a non-complementary dNTP binds to 

the templating base, deviations from WC geometry misalign the active site and the 

dNTP is subsequently rejected. An important assumption of the model is that any re-

equilibration between cognate and non-cognate forms of the template•dNTP base pair is 

prohibited in the active site post binding. Thus, in order for a misincorporation event to 

occur a non-complementary dNTP must undergo tautomerization prior to entering and 

binding the active site. The tautomeric dNTP is able to bind directly to the template base 
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as a WC-like pair, where it mimics the correct geometry and is subsequently 

incorporated. 

The foundation of this hypothesis [123] was a correlation (Figure 1.11) observed 

between the mutational frequencies of the tryptophan synthetase A gene of E. coli as 

measured by reversion mutation frequency (with both proofreading-proficient and 

proofreading-deficient E. coli variants) [127] to de novo predicted mutational rates based 

on the estimated free dNTP tautomerization equilibrium. In calculating the predicted 

mutational frequencies, Topal and Fresco assumed a free tautomeric equilibrium of 5 x 

10-5 for each of the four dNTPs, and that enzymatic proofreading, when active, would be 

subject to the same probability. Early tautomeric equilibrium estimates were derived 

from UV spectroscopy ‘basicity’ studies and varied over orders of magnitude with a 

rough consensus around 10-4 – 10-5 forming the basis of the 5 x 10-5 equilibrium 

estimation [124-126, 128].  

Notably, estimates of kinetics and thermodynamics of base tautomerization still 

remain elusive due to difficulties measuring the short lifetime and low populations of 

tautomeric species. Conventional UV and IR spectroscopy experiments have failed to 

conclusively observe any state other than the dominant keto form. This is hypothesized 

to be due the short lifetime of the tautomeric forms in solution (estimated to be up to 

sub-picosecond) [129-132]. Modern computational estimates have converged roughly 
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around 5 - 7 kcal mol-1 for estimates of free guanine tautomerization in solution [133-

136] and around 11 kcal mol-1 for thymidine tautomerization [134, 135, 137]. 

As an example of the Topal and Fresco mutation frequency calculations, AT → 

GC base pair substitutions in the absence of proofreading were calculated as (frequency 

of unfavored tautomer in the synthetic step ´ No. of pathways) = (5 x 10-5 ´ 2 = 1 x 10-4) 

compared to an observed error frequency of (1-2) x 10-5. The number of pathways refers 

to the two separate pathways to create an AT→ GC mutation via either an A•C 

intermediate or a G•T intermediate base pair. Mutational frequencies for proofreading-

proficient genes were calculated as (frequency of disfavored tautomer in the synthetic 

step ´ frequency of disfavored tautomer in proofreading ´ No. of pathways) = (5 x 10-5 ´ 

5 x 10-5 ´ 2 = 5 x 10-9) [123]. Purine•purine mismatches, which always require one syn 

and one anti oriented base to adopt a proposed WC-like pair (Figure 1.10), were subject 

to an additional factor of 10-1  for syn guanines and 5 x 10-2 for syn adenines to account for 

the adoption of the less populated syn base orientation.  

While the frequencies of tautomer formation and polymerase error rates agreed, 

there was a disconnect between the tautomeric equilibrium (~10-5) and total replication 

fidelity (~10-10). In order to account for this discrepancy Topal and Fresco assumed that 

the tautomeric equilibrium was invoked both during the catalytic incorporation of the 

new base and again during the checking step, theoretically obtaining the observed 
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overall probabilities of 10-10. Now, it’s known that proofreading only contributes a factor 

of about 102 to discrimination and not the 105 assumed by Topal and Fresco. 

Additionally, a follow up paper from Topal in 1980 [138], that took a closer look at 

kinetics of incorporation, concluded that tautomeric base pairing could not be the sole 

determinant of error frequencies because the differences in correct and incorrect dNTP 

Km values (16 to 1000–fold) were too small to explain the 10-5 tautomeric frequency.  

 

Figure 1.9: Watson-Crick-like dA•dC and dG•dT base pairs 
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Figure 1.10: Purine•pyrimdine and purine•purine Watson-Crick-like 
mismatches 

As proposed by Topal and Fresco [123].  
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Figure 1.11: Correlation between predicted and observed mutational 
frequencies 

Measured experimental mutational frequencies and de novo predicted 
frequencies by Topal and Freso for proofreading proficient and proofreading-deficient 
polymerases. AT→ GC mutations are colored in blue.  

1.5.2 Evolving understanding of the rare tautomer hypothesis 

In 1982, Alan Fersht and co-workers [139] measured the steady state kinetics of 

incorporation of E. coli Polymerase I and examined the results in light of the rare 

tautomer misincorporation hypothesis outlining several important principles and laying 

the foundation for much of the work in this thesis. As explained by Fersht [139] and 

further elaborated later in this work, the Topal and Fresco rendition of the rare tautomer 

hypothesis predicts misincorporation frequency would be dictated by the 
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tautomerization equilibrium of the free dNTP in solution (assuming the templating base 

is unable to tautomerize). It would be expected that correct and incorrect incorporation 

(via direct binding as a tautomer) have similar kcat values and that fidelity would be 

solely derived from binding affinities. This is not the case, as kcat values of 

misincorporation measured for Polymerase I were orders of magnitude lower than 

correct incorporation and the Km differences were insufficient to explain the rare 

tautomer frequency [139]. Thus, the mismatched ternary complex must be forming with 

the dominant tautomeric form of the dNTP. The differences in kcat between correct and 

incorrect suggests the initial ternary complex is not optimized for catalysis, leading 

Fersht to suggest that either tautomeric re-equilibration may occur within the active site 

or that the polymerase is able to somehow misincorporate the dominant tautomeric 

mismatch [139]. 

Investigations of the tautomeric misincorporation hypothesis were not limited to 

just the four cognate nucleobases, and ultimately led to the inclusion of rare charged 

bases (Figure 1.9). Shortly after the discovery of the double helix, Ernst Freese proposed 

that rare tautomers may be the basis of 2-aminopurine and 5-bromodeoxyuridine (5BrdU) 

mutagenesis [140]. A competing theory was soon proposed by Lawley and Brookes [141] 

whose studies on the mutagenic potential of alkylating agents led them to propose that 

the anionic form of 5BrdU is responsible for its mutagenicity. Measurements of 5BrdU’s 
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pKa found it to be decreased (pKa = 8.1) relative to dTTP (pKa = 9.8), which would greatly 

increase the fraction of the anionic form at physiological pH. Later, NMR structures of 

5BrdU and 5FdU paired with guanine revealed a pH-dependent equilibrium between WB 

and anionic WC-like base pairs [142-144], consistent with the ideas proposed by Lawley 

and Brooks in 1962 [141]. A comprehensive investigation from the lab of Myron 

Goodman of the pH-dependent steady-state kinetics of avian myeloblastosis virus 

reverse transcriptase (AMV RT) with dT, 5BrdU, and 5FdU opposite guanine (Figure 1.12) 

found that increasing the reaction pH stimulated mispairing of all three base analogues 

opposite a template guanine [145]. The observed increases in misincorporation from pH 

7.0 to 9.5 (430-, 370-, 70-fold for 5FdU, 5BrdU, and dT) were concomitant with their 

respective free nucleotide pKa values (pKaF » 7.3, pKaB » 8.3, pKaT » 10) strongly 

suggesting that AMV RT was capable of accommodating and incorporating ionized WC-

like structures. The authors concluded that ionized bases might be the basis for 

spontaneous misincorporation but that rare tautomeric forms cannot be excluded.  
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Figure 1.12: Anionic dG•dT, dG•5BrdU, dG•5FdU base pairs 

1.5.3 Structural evidence for the rare tautomer hypothesis 

More recently, crystallographic evidence has lent further support to the rare 

tautomer hypothesis of mutagenesis. Two high-resolution crystal structures published 

in 2011 from the labs of Lorena Beese [56] and Thomas Kunkel [57] showed that 

unmodified dA•dCTP and dT•dGTP mismatches could adopt WC-like geometry within 
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the active sites of two DNA polymerases (Figure 1.13). Wang and Beese [56] 

characterized the formation of a dA•dCTP WC-like base pair in the active sites of 

Bacillus stearothermophilus Pol I (Bacillus Fragment) in the presence of the mutagenic 

metal ion, Mn2+. The dA•dC base pair adopted a WC-like arrangement, isosteric to 

cognate dG•dC and dA•dT base pair, with proper coordination for productive catalysis, 

including a water-bridged minor groove interaction with the WC-like dCTP-O2. The 

active site base pair is proposed to be stabilized by adopting either the dA•dCimino or the 

dAimino•dC configuration. Bebenek and Kunkel [57] observed a WC-like dT•dGTP base 

pair within the active site of mutant Polymerase λ/DL, in the presence of Mg2+. The DL 

mutant is derived from wild-type pol λ and lacks five amino acids in loop 1, which has 

been show to minimally perturb the active site, but decreases fidelity through increased 

efficiency of misincorporation [146]. The observed WC-like dT•dGTP base pair overlaid 

well with a cognate dA•dTTP base pair. In addition to the base pair itself, the catalytic 

side chains and metal ions are oriented the same in both the cognate and WC-like 

mismatch structure. Here, the WC-like dG•dT base pair could adopt one of four 

possible WC-like base pairs, two tautomeric and two anionic forms. pH-dependent 

measurements of misincorporation show that misincorporation frequency increases by 

up 90-fold when the pH increases from 7.0 to 9.0, suggestive of a role for anionic WC-
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like base pairs but is ultimately inconclusive with regards to relative contributions of 

tautomeric or anionic base pairs.  

The work presented in this dissertation builds on the current understanding of 

the tautomeric hypothesis of misincorporation and provides a basis for how both 

tautomeric and anionic dG•dT WC-like base pairs contribute to misincorporation and 

how the thermodynamics and kinetics of the tautomerization and ionization dictate 

misincorporation probabilities. 

 

Figure 1.13: Watson-Crick-like base pair within polymerase active sites 

Watson-Crick-like dA•dCTP mismatch (PDBID: 3PXG) in the active site of 
Polymerase I Bacillus Fragment [56] and dT•dGTP mismatch (PDBID: 3PML) in the 
active site of polymerase λ [57].  
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1.6 Nuclear magnetic resonance characterization of 
conformational excited states 

Macromolecules are highly dynamic. Protein, RNA, and DNA sample multitudes 

of functionally relevant conformational states across a complex energetic landscape. The 

fundamental importance of conformational flexibility is evident in the structure of DNA 

and the need to separate the two strands in order to access the genetic data encoded 

within. Over the past decade, nucleic acid dynamics and flexibility has been shown to 

impact replication, gene expression, and regulation [147-151].  

Detecting and visualizing alternative conformational states of biomolecules is 

difficult. The tautomeric and anionic bases proposed to be involved in replication 

mistakes presented a particularly challenging target to biophysical techniques due to 

their low abundance (~0.01%), short-lived (50 ms) nature, and subtle molecular 

rearrangements (shuffling of protons and/or π-bonds) [152]. Both X-ray crystallography 

and cyro-electron microscopy are well-suited to elucidate the structure of complex 

biomolecules, and as mentioned previously, WC-like base pairs have been observed in 

polymerase active sites using x-ray crystallography [56, 57]. However, these methods are 

unable to determine the positions of the nucleobase protons and the exact identity of the 

WC-like base pair. Typically, these methods garner a static snapshot of the biomolecule, 

limiting ability to report on conformational dynamics. Advancements in infrared 

spectroscopy have allowed for the detection of a nucleic acid conformational excited 
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state using conventional 1D spectroscopy and 2D infrared spectroscopy but spectral 

overlap limits this approach [153]. NMR is well suited to detect low-populated and 

short-lived conformational alternative states of nucleic acids and has been used to 

characterize a multitude of unique biologically relevant excited states, including the 

WC-like tautomeric and anionic excited states discussed in this work [154]. 

1.6.1 Chemical shifts 

NMR provides information about the local environment of individual atoms 

within a larger molecule. In the presence of a strong external magnetic field, the unique 

environment of each individual atom gives rise to a unique resonant frequency. These 

frequencies can be recorded and analyzed to extract rich structural and dynamical data. 

Biomolecules, and all matter, is made up of atoms; atoms are in turn made of 

electrons, protons, and neutrons. The atomic nuclei have an intrinsic and highly abstract 

property call ‘spin’. Although simplistic the concept of spin can be thought of as planets 

rotating in space about their own axis. Due to the nature of the quarks and gluons that 

comprise each proton and neutron, atomic nuclei with an odd number of neutrons plus 

protons possess half-integer nuclear spins (i.e. 1/2, 3/2). For reasons outside the scope of 

this work, half-integer nuclear spins are NMR observable and spin-½ nuclei are best 

suited to conventional NMR. The naturally abundant isotopes 1H and 31P have the 

desired nuclear spin ½. Also of interest are carbon and nitrogen whose naturally 
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abundant isotopes, 12C and 14N are not NMR active. Instead, biomolecular NMR samples 

are frequently synthesized from building blocks that are enriched for 13C and 15N 

isotopes, termed ‘labeled’ samples. 

The ‘spin’ of spin ½ nuclei gives rise to a small electrical current that in turn 

gives rise to a small magnetic field. In the presence of a strong external magnetic field 

(B0), the individual atoms will align with B0 and begin to precess about it. The Larmor 

frequency (v0, Hz or ω0, rad s-1) describes the precessional frequency and is a product of 

the strength of B0 and the gyromagnetic ratio (γ). γ is a known ratio for each atom type 

that describes how fast different types of nuclei will spin in a magnetic field.  

Equation 1.4: Larmor Frequency 

𝑣d =
𝛾𝐵d
2𝜋

 

𝜔d = 𝛾𝐵d 

Each atom can experience the influence of B0 slightly differently given influences 

from the unique local environments and the miniscule magnetic fields created by each 

atom. Covalent bonds, hydrogen bonds, base stacking interaction, or any process 

involving the movement of electrons creates its own tiny magnetic field. These process 

act to ‘shield’ or ‘deshield’ the atomic nuclei from the external magnetic field, altering 

the exact strength of B0 experienced by the nuclei (Beff). In this manner each atom 
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experiences a unique Beff specific to its local environment and therefore a unique 

precessional frequency which can be recorded and analyzed. 

Equation 1.5: Beff 

𝑣(,T. =
𝛾𝐵[ii
2𝜋

 

𝜔(,T. = 𝛾𝐵[ii 

 The impact of the local environment on the resonant frequency of each atom 

(vatom) is assessed by comparing to IUPAC-defined standards (vref) and determining the 

‘chemical shift’ between the reference and the atom in question. The chemical shift (δ) is 

expressed in ‘parts per million’ which normalizes for differences in the B0 field strength 

[155, 156].  

Equation 1.6: Chemical shift 

𝛿 = 10l
𝑣(,T. − 𝑣Z[i

𝑣Z[i
 

1.6.2 Chemical exchange and relaxation dispersion 

In the presence of an external magnetic field (B0), a small majority of the spin ½ 

nuclei align with B0 along the +Z axis. The sum of the individual spins can be treated as a 

single bulk magnetization (M) vector along +Z and expressed relative to Cartesian X, Y, 

Z coordinate space (Mz, Mx, My). The bulk magnetization vector can be manipulated via 

application of weak radiofrequency (rf) pulses along the transverse (xy) plane. 

Conventionally, NMR experiments tilt the bulk magnetization vector to the transverse 



 

 

56 

plane, forcing the spins away from equilibrium. Different experiments and unique data 

can be obtained through further manipulation and observation of the bulk 

magnetization vector. In the absence of an rf field the bulk magnetization will relax back 

to its equilibrium position along the +Z axis. Relaxation occurs through two processes, 

both transverse (xy) and longitudinal (z) relaxation, each of which is governed by a 

different rate. R1 is the longitudinal relaxation rate and governs the rate at which the M 

vector return to +Z; R2 is the transverse relaxation rate and governs the rate of 

magnetization decay in the xy plane due to decoherance.  

Equation 1.7: Longitudinal and transverse magnetization relaxation 

𝑀n = 𝑀d(1 − exp(−𝑅p × 	𝑡)) 

𝑀Bq = 𝑀dexp	(−𝑅r 	× 	𝑡) 

The values of R1 and R2 can span orders of magnitude and are dependent on the 

size, conformation and dynamics of the molecule. As such, meaningful information can 

be extracted from these intrinsic relaxation rates and a multitude of different NMR 

experiments have been developed that are sensitive to different timescale processes. The 

R1ρ experiment is well suited to detect dynamic processes on the microsecond to 

millisecond timescale and is utilized extensively in this work.  

Macromolecular dynamics encodes information on NMR observables, giving rise 

to ‘chemical exchange’. For example, we can consider formation of a dGenol base from 
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dGketo (Figure 1.14) via observation of the dG-N1 atom. Suppose a sample contained a 

mix of Gketo and Genol with no exchange between the two species. Observation of dG-N1 

would show two distinct chemical shift values, with population-weighted intensities, 

corresponding to the unique local environment of the keto or enol tautomeric form, 

primarily the presence or absence of the H1 proton at the N1 position. Introducing 

exchange between the two species alters the observable chemical shifts of both states, 

encoding information about the details of the exchange process in the form of line 

broadening on both the GS and the ES observable peak. The specifics of how the NMR 

observables change vary as a function of both population and exchange rate (Figure 

1.15). For highly asymmetric populations, exchange makes already difficult-to-detect 

species impossible to directly detect using conventional approaches as the contributions 

from line broadening disproportionally affect the ES peak. The R1ρ experiment can be 

used to assess line broadening contribution from chemical exchange on the observable 

NMR signal and back out the parameters of the exchange process.  
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Figure 1.14: Effects of chemical exchange on NMR signals 
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Figure 1.15: Effects of population and exchange rate on NMR signals 

Varied population and exchange rate parameters for a Δω = 10 ppm difference 
between ground state and excited state as in Figure 1.14.  

 
The nuclear spin dynamics during an R1ρ experiment are mathematically 

described by the Bloch-McConnell equations. These first-order differential equations 

describe the evolution of magnetization in the presence of chemical exchange, 
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relaxation, and longitudinal B0 and transverse B1 magnetic fields. The equations can also 

be used to simulate RD profiles and to fit experimental data to extract exchange 

parameters.  

The Bloch-McConnell equation are a combination of two sets of equations: the 

Bloch equation and kinetic exchange equation. The Bloch equation describe the 

evolution of magnetization of independent atoms. The Bloch equations for a two-state 

system with no chemical exchange takes the following form in the rotating frame of ω1: 

Equation 1.8: Bloch Equation for two independent spins 
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The diagonal elements of the relaxation matrix and M0 terms describe the 

influence of R1 and R2 relaxation on the ES and GS magnetization vectors. The off-

diagonal elements in the relaxation matrix describe interchange between the x-y and y-z 

components due to precession about the z and x-axis due to Ω and ω1 (location and 

amplitude of the B1 field) respectively. In the absence of chemical exchange, the GS and 

ES magnetization vectors can be treated independently, and each state evolves as 

described by its own relaxation matrix.  
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For a system exhibiting first order exchange between a GS and an ES, the time-

dependent populations of the GS and ES are given by a system of first-order differential 

equations: 

Equation 1.9: Two-state kinetic exchange 

𝑑[𝐺𝑆]
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Which can be written in matrix representation as:  
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The Bloch-McConnell equation are a combination of the Bloch equations and the 

above rate exchange matrix and describe the evolution of magnetization as influenced 

by intrinsic relaxation and exchange contributions [157].  

Equation 1.10: Two-state Bloch-McConnell equation 
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The Bloch-McConnell equations are further generalizable to n exchanging states 

of arbitrary topological complexity as described by Trott and Palmer in 2004 [158]. The 

generalized equations are compactly represented in matrix form as: 

Equation 1.11: n-state Bloch-McConnell equation 

𝑑
𝑑𝑡
𝑴(𝒕)����������⃗ = 𝐷𝑴(𝒕)����������⃗ + 𝑩��⃗  

Where 𝑴(𝑡)����������⃗ =

⎝
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𝑴𝟐(𝑡)������������⃗
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⎞

is the net magnetization vector of the system and 𝑴𝒏(𝑡)������������⃗ =

V𝑀BY(𝑡),𝑀qY(𝑡),𝑀nY(𝑡)W is the magnetization vector corresponding to state n.  The first 

component of the equation 𝐷𝑴(𝑡)����������⃗  describes the time dependent evolution of 

magnetization influenced by chemical exchange, relaxation and the application of a 

spin-lock.  The matrix D is defined as: 

𝐷 = 𝐿 + 𝐾⊗ 𝑙b 

Where 𝑙b is the 3x3 identity matrix and ⊗ is the direct product. L denotes the relaxation 

matrix, generalized to n-states as: 
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� 

Where ⊕ is the direct sum of the individual relaxation matrices for each state.  

K is the kinetic exchange matrix, generalized to n-states as: 
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𝐾 = �
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Where kij is the exchange rate between the ith and jth state. 

The second component of the equation, 𝑩
→
=
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describes the longitudinal 

relaxation of magnetization to equilibrium, where 𝑴���⃗ 𝟎𝒏 is given by (0,0,𝑀nY(0)), where 

𝑀nY(0) is the equilibrium magnetization of the nth state along the z-axis.  

The solution to a first-order linear differential equation c
c,
𝑴(𝒕)����������⃗ = 𝐷𝑴(𝒕)����������⃗ + 𝑩��⃗  has the 

form: 

𝑴��(𝒕) =�exp	(𝜆X

�Y

X�p

𝑡)𝒍𝒊 + 𝒂→ 

where 𝜆X and 𝒍X are the ith eigenvalue and eigenvector of matrix D respectively, and 𝒂
→

 is 

the stationary solution [158, 159]. As noted by Palmer et al. [159] and Kay et al. [160], for 

realistic values of exchange parameters and considering the presence of spin-lock 

inhomogeneities, the decay of magnetization in most cases is mono-exponential and 

dominated by the least negative eigenvalue, denoted as R1ρ.  

The R1ρ value is the rate at which a spin relaxes back to equilibrium under an 

applied rf field (spinlock). In practice, the R1ρ value of the observable ground state peak 

of interest is measured experimentally by monitoring peak intensity as a function of 
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time (Trelax) with the application of a spinlock with varied frequency (ω1) and offset (Ω). 

The observed time-dependent intensities are fit to a monoexponential function to obtain 

R1ρ for a given ω1 and Ω combination.  

Equation 1.12: Exponential peak intensity decay 

𝐼(𝑡) = 𝐴	exp	(−𝑅p¥ 	×	𝑇Z[U(B) 

The use of these equations and the R1ρ experiment allows for the determination of 

rich structural and dynamical information about each excited state in the form of 

chemical shift changes (Δω), which are highly sensitive to the local environment, as well 

as population and lifetime information. R1ρ values can also be algebraically 

approximated as, 

Equation 1.13: Algebraic approximation of R1ρ  

𝑅p¥ = 𝑅p cosr 𝜃 + (𝑅r + 𝑅[B) sinr 𝜃 

Where R1 and R2 are the intrinsic relaxation rates and θ is the tilt angle defined by 

the average effective spinlock frequency and offset. To better visualize the contribution 

of chemical exchange to R1ρ values, R1ρ can re-expressed in terms of R2 + Rex and plotted 

as a function of spinlock frequency and offset. In these profiles, the appearance of a 

‘mountain’ is indicative of a chemical exchange process contributing an additional 

relaxation component (Rex) to R1ρ. This technique (Figure 1.16) has been used to detect a 

multitude of unique biologically relevant nucleic acid excited states including the 
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tautomeric and anionic WC-like base pairs proposed to be a source of misincorporation 

[152, 161-165].  

 

Figure 1.16: Simplified flowchart of an R1ρ experiment 
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1.7 Visualization of Watson-Crick-like tautomeric and anionic 
base pairs 

dG•dT mismatches typically adopt a characteristic wobble geometry, whose 

base pairing motifs are offset from that of a typical WC base pair (Figure 1.2). dG•dT 

WC-like base pairing is prevented in the dominant tautomeric forms due to steric 

collisions between the G-N1 and T-N3 imino protons. Enolic tautomers, or anionic 

forms, of either dG or dT, alleviate this clash and allow for the formation of a WC-like 

bp. Prior studies utilized NMR relaxation dispersion (RD) techniques to detect and 

characterize the formation of two rapidly interconverting enolic WC-like base pairs 

(ES1) and one anionic (ES2) WC-like base pair [152] (Figure 1.17).  

 

Figure 1.17: Star-like 3-state exchange network of dG•dT base pair 

1.7.1 Transient Watson-Crick-like dG•dT tautomeric mismatches 

The formation of a WC-like dG•dT base pair from a WB induces a characteristic 

set of chemical shift changes across the base pairs. At neutral pH, substantial RD was 

observed at both the G-N1 and T-N3 atoms (Figure 1.18), smaller RD was observed at G-

C8 and T-C6, and no RD was observed at the G-C1’ or T-C1’ atoms. Shared fitting of 

these RD data yielded a lowly populated (pES1 = 0.17%) and short-lived (τ = 0.38ms) 
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excited state. The large chemical shift changes observed at the G-N1 and T-N3 (ΔωN1 = 

+36 ppm, ΔωN3 = +18 ppm) are broadly consistent with expectations for the formation of 

an enolic base. However, the observed 15N chemical shift changes were not consistent 

with predictions for a 100% Genol•T base pair or a 100% G•Tenol base pair (Δω = + 50 – 60 

ppm) and were ultimately interpreted as a rapid population-weighted equilibrium 

between 80% Genol•T and 20% G•Tenol, collectively termed ES1. A chemical modification, 

O6-methyl-2’-deoxyguanosine, was also used to ‘trap’ and ‘fingerprint’ the observed ES 

chemical shifts providing additional support to the proposed ES bp [152].  

 

Figure 1.18: Off-resonance RD profiles of dG-N1 and dT-N3 at neutral pH 

1.7.2 Transient Watson-Crick-like dG•dT anionic mismatches 

Upon raising pH to 8.4 (Figure 1.19), a second excited state (ES2), appears as a 

second peak in the RD profile of dT-N3 (ΔωN3 = +56 ppm). Shared fitting showed that 

both ES1 and ES2 are occurring, arranged in a star-like topology (ES1 ⇌ WB ⇌	ES2). The 

large downfield shift of dT-N3 and smaller downfield shift of dG-N1 (ΔωN1 =  +9 ppm), 
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were interpreted as the formation of a WC-like dG•dT- base pair, with a lower 

population (pES2 = 0.04%) and lifetime (τES2 = 70 µs) than ES1 at pH 8.4. This assignment 

was further supported by its pH-dependent nature, agreement with DFT predicted 

chemical shift values, and the use of a chemical modification, 5-bromo-2’-deoxyuridine 

[152].  

 

Figure 1.19: Off-Resonance RD profile of dG-N1 and dT-N3 at high pH 
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2. Direct NMR evidence that transient dG•dT tautomeric 
and anionic states form Watson-Crick like base pairs 
2.1 Introduction 

In their paper describing the structure of the DNA double helix, Watson and 

Crick hypothesized that spontaneous mutations could arise when bases adopt their rare 

tautomeric forms [119] as this could allow mismatches such to adopt WC-like geometry. 

Topal and Fresco extended this idea to also encompass a wider range of tautomeric WC-

like mismatches that together could account for a broader spectrum of transition and 

transversion mutations [123] as well as miscoding events during translation [166]. 

Many decades later, it is now well-established that the replicative and 

translational machinery utilize the unique WC geometry (Figure 2.1) to discriminate 

against mismatches [77, 90, 167-169]. In addition, there is considerable evidence that 

tautomeric [56] as well as anionic [145] WC-like mismatches play roles in replication [57, 

123, 170, 171] and translation errors [166, 172, 173]. WC-like mismatches have been 

observed in crystal structures of polymerase [56, 57] and the ribosome [169, 172, 173] in 

catalytically active conformations. Chemical modifications that stabilize the tautomeric 

and anionic WC-like species also result in increased misincorporation probabilities [98, 

145, 174, 175].  Recently, studies based on NMR relaxation dispersion (RD) [176-178] 

targeting the imino nitrogen of guanine (G-N1) and thymidine / uridine (T-N3/U-N3) in 

DNA and RNA duplexes provided evidence for spontaneous transitions from WB 
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G•T/U mismatches toward short-lived and low-populated WC-like tautomeric and 

anionic (Figure 2.1) mismatches [152]. 

Although the NMR 15N imino RD data strongly suggest deprotonation of G-N1 

or T/U-N3, whether or not the resulting enolic (Genol and Tenol/Uenol) and anionic (T–/U–) 

bases do indeed adopt a WC-like base pair stabilized by hydrogen bonding remains to 

be conclusively established (Figure 2.1). Here, we developed two complimentary 

approaches and obtained evidence for WC-like hydrogen bonding in transient 

tautomeric and anionic dG•dT mismatches.  

 

Figure 2.1: Wobble and Watson-Crick-like G•T/U base pairs 

2.2 A guanine to inosine substitution suppresses excited state 
formation 

The prior 15N NMR RD study [152] showed that ground state (GS) dG•dT 

mismatches exist in dynamic equilibrium with two short-lived and low-abundance ESs 

[152, 161, 163, 176, 179]. The pH-independent ES1 is characterized by significantly 

downfield shifted dG-N1 (∆ωN1 ~ 36 – 40 ppm) and dT-N3 (∆ωN3 ~ 9 – 19 ppm) chemical 
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shifts [57, 152]. This was interpreted as evidence for deprotonation of dG-N1 and T/U-

N3 to form a major Genol and minor T/Uenol tautomeric species that exist in fast exchange 

on the NMR timescale (Figure 2.1). ES2 had a population (pB) that increased with pH 

and featured a smaller downfield shift in G-N1 (∆ωN1 ~ 1 – 10 ppm) and much larger 

downfield shift in T/U-N3 (∆ωN3 ~ 45 – 57 ppm). This was interpreted as ionization of 

T/U-N3 to form anionic T–/U– [152]. 

While the NMR data did not provide information regarding the conformation of 

these deprotonated bases, there is indirect evidence that they form WC-like bps (Figure 

2.1). First, the downfield shift in ES1 for the H-bond acceptor nitrogen (N1/3) was 

smaller than expected based on deprotonating isolated dGTP-N1 and dTTP-N3 [152]. 

This could in part be explained by H-bonding between N1 and N3 [136, 152]. Second, 

the relative energetic stability of ES1 measured by NMR RD was in good agreement 

with values computed using density functional theory calculations for H-bonded WC-

like tautomeric species [136, 180]. However, without direct experimental evidence for 

hydrogen bonding, alternative conformations [152] could not be entirely ruled out.  
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Figure 2.2: Structures of Inosine•Thymine Watson-Crick-like base pairs 

Removal of the exocyclic dG-NH2 amino group selectively knocks out a 
hydrogen bond in the proposed Watson-Crick-like excited state mismatches without 
altering the ground state.  

 
In the dG•dT WB bp, the exocyclic NH2 amino group of guanine does not form a 

hydrogen bond with dT, though it may form a relatively weak water-mediated H-bond 

[181]. In contrast, the same amino group is predicted to form an N-H•••O H-bond in 

both ES1 and ES2 (Figure 2.1). If the ESs do indeed adopt a WC-like geometry capable of 

replicative and translational errors, then they are expected to be stabilized by this third 

WC-like N2H2•••O2 hydrogen bond. Omission of the amino group via a guanine to 

inosine substitution has been shown to have little effect (~ 0.1 kcal mol-1) on the stability 

of the GS dG•dT WB. In contrast, by knocking out the WC-like N2H2•••O2 H-bond, it 

is expected to destabilize ES1 and ES2 by at least ~ 1 kcal mol-1, and to diminish ES 

abundance to levels (< 0.01%) undetectable by RD NMR (Figure 2.2) [57, 123, 152]. 
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We examined how a guanine (dG) to inosine (dI) substitution (Figure 2.2) affects 

off-resonance R1ρ RD profiles measured for dT-N3 in a dG•dT mismatch embedded in a 

DNA hairpin used in prior studies (Figure 2.2) [152]. Comparison of NMR spectra for 

the two duplexes confirms that the dG to dI substitution has little effect on the GS WB 

conformation (Supporting Figure 2.1) consistent with previous studies [182, 183]. 

Additionally, inosine is expected to have a similar tautomeric behavior to guanine based 

on experimental [184] and computational studies [185, 186]. As expected, at pH 6.9 in 

which ES2 is suppressed, we observed significant dT-N3 RD in dG•dT consistent with a 

single ES. Fitting the RD profiles to a two-state model yields exchange parameters (pES1 = 

0.169 ± 0.002% and kex = k1 + k-1 = 2896 ± 96 s-1, DwN3 = 18.4 ± 0.12 ppm) that are consistent 

with the tautomeric ES1 (Figure 2.2). A second ES (pES2 = 0.031 ± 0.001%, kex = 17030 ± 

1230 s-1, DwN3 = 49.4 ± 1.50 ppm) is observed upon increasing to pH 8.4 that is consistent 

with anionic ES2 (dG•dT–) [152]. In sharp contrast, the dT-N3 RD profiles measured for 

the dI•dT mismatch were flat at both pH 6.9 and 8.0 (Figure 2.3) and over a range of 

temperatures (Supporting Figure 2.1). These results indicate that a dG to dI substitution 

significantly destabilizes both the tautomeric ES1 and anionic ES2 by selectively 

knocking out a Watson-Crick type N2H2•••O2 H-bond as assessed by the loss of 

detectable chemical exchange at the dT-N3. 
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Figure 2.3: RD Profiles of dT-N3 in dG•dT and dI•dT mismatches at pH 6.9 
and pH 8.0 

2.3 Direct hydrogen bond formation detection via a guanine exo-
cyclic functional group 

To more directly probe the WC-like (G)N2H2•••O2(T) H-bond, we adapted, 

with minor modifications (Methods), the selective R1ρ experiment first introduced for 

proteins [160] and then adapted for nucleic acid imino N1/3 nitrogens [162] to measure 

dG-N2 RD. The selective R1ρ experiment employs Hartmann-Hahn cross polarization 

[187, 188] to selectively excite individual resonances. In dG•dC WC bps, the amino 

group is involved in a (G)N2H2•••O2(C) H-bond (Figure 2.1) and appears as a single 

NMR resonance with dG-N2 ~ 72 ppm. In contrast, the WB dG•dT amino group is not 

hydrogen bonded and the two equivalent protons appear as a single resonance with dG-
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N2 ~ 74 - 76 ppm. Therefore, a transition from the GS WB to a WC-like ES, in which it 

forms a (G)N2H2•••O2(T) H-bond, is predicted to induce a significant downfield shift 

(DwG-N2 > 2 ppm) in the dG-N2 chemical shift which should give rise to measurable 15N 

RD. 

RD measurements targeting amino nitrogen atoms have not yet been reported in 

nucleic acids. However, the utility of 15N CPMG RD targeting amino NH2 groups in 

protein side chains has been established [189]. These studies have highlighted additional 

important considerations in RD experiments for AX2 spin systems, including the need to 

account for potential contributions arising from N-H/N-H dipole-dipole 

(DDN2Ha/DDN2Hb) cross-correlated cross-relaxation [189, 190].  Fortunately, because the 

angle between the two N-H dipoles in amino NH2 groups is ~ 120°, these contributions 

are predicted to be small for the constructs studied here and can safely be ignored [191]. 

This was verified by observation of monoexponential decays and 15N multiplets with 

approximately 1:2:1 intensity ratio in a coupled HSQC spectrum (Supporting Figure 2.2 

and 2.3). As a negative control, we measured dG-N2 R1ρ in a canonical dG•dC WC bp 

within a hairpin duplex (Figure 2.4 and Supporting Figure 2.2) under high pH 

conditions where chemical exchange due to transient HG bps is suppressed (Supporting 

Figure 2.2). As expected, the RD profiles were all flat with no signs of chemical exchange 

(Figure 2.4).  
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Next, we measured dG-N2 RD in a site-specifically labeled dG•dT mismatch 

embedded within the hpTG-CGC construct. Measurements were initially carried out at 

neutral pH so as to suppress ES2. In contrast to the dG•dC WC bp, we observed clear 

signs of dG-N2 RD in the dG•dT mismatch. Two-state analysis of the dG-N2 RD profiles 

yielded exchange parameters (pES1 = 0.24 ± 0.04% and kex = 2486 ± 208 s-1) that are in good 

agreement with those obtained for ES1 (pES1 = 0.17 ± 0.002% and kex = 2743 ± 41 s-1) based 

on N1/3 RD measurements [152]. Indeed, the RD data measured for dG-N2, dG-N1, and 

dT-N3 at pH 6.9 could be globally fitted (Figure 2.5), confirming that that they are 

reporting on the same GS⇌ES1 exchange process.  

 
Figure 2.4: Amino (G-N2) RD profile measured in a dG•dC bp showing lack of 

chemical exchange 
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Figure 2.5: Globally fit 15N RD profiles (G-N1, T-N3, G-N2) measured in a 

dG•dT mismatch 

Importantly, the differences in the dG-N2 chemical shift between the GS and ES 

(DwG-N2 = 4.85 ± 0.19 ppm) deduced by the 2-state analysis of the dG-N2 RD data are in 

excellent agreement with the experimentally observed differences (DwG-N2 ~ +4 ppm) 

between the dG-N2 chemical shift in hydrogen bonded WC dG•dC and non-hydrogen 

bonded WB dG•dT bps in the same sequence context (Supporting Figure 2.2). We also 

carried out analogous dG-N2 RD measurements for a dG•dT mismatch in a second 

unique sequence context with distinct ES1/ES2 exchange parameters (Supporting Figure 

2.2). Again, we observed dG-N2 RD profiles that yield exchange parameters (pES1 = 0.53 ± 

0.037% and kex = 3087 ± 100 s-1) that are in good agreement with those obtained for ES1 

based on N1/3 RD measurements (pES1 = 0.37 ± 0.004% and kex = 2797 ± 41 s-1). The value 

of DwG-N2 ≈ +5.15 ppm is consistent with H-bonding and in agreement with the 

experimentally observed differences (DwG-N2 ≈ +4 ppm) between the dG-N2 chemical 

shifts in WC dG•dC and WB dG•dT bps. 

dG-N2 is also predicted to be hydrogen bonded in ES2. However, simulations 

show that due to the much faster GS-ES2 exchange kinetics (kex ≈ 20,000 – 50,000 s-1 as 
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compared to ≈ 2000 s-1 for ES1), the ES2 contribution to dG-N2 RD is expected to be 

negligible (Supporting Figure 2.4) even at pH 8.0, in which the population of both ES1 

(0.23%) and ES2 (0.22%) are significant [152]. In accord with this expectation, we 

observed only minor changes in the dG-N2 RD profiles measured in the dG•dT 

mismatch in hpTG-GGG when increasing to pH 8.0 (Figure 2.6). 

 

Figure 2.6: pH-dependence of dG-N2 RD profiles in a dG•dT mismatch 

2.4 Conclusions 

These results provide direct experimental evidence that tautomeric and anionic 

dG•dT ESs adopt a WC-like geometry that mimics both the shape and hydrogen bond 

patterns of canonical WC bps, and therefore satisfy the key requirements for inducing 

replication and translation errors. The methodology described in this chapter provides a 

new means for characterizing H-bond alignments and base-pairing patterns in transient 

nucleic acid conformational states.  

  



 

 

79 

2.5 Supporting Figures 

 

Supporting Figure 2.1: NMR experiments and controls of dG•dT and dG•dI 
constructs 

(a) Comparison of the hpTG-CGC NMR spectra with and without the guanine to 

inosine substitution. Shown are overlays of 1D 1H (left), 2D 13C/1H HSQC (center), and 

2D 15N/1H HSQC (right) spectra for dG•dT (black) and dI•dT (red and purple). (b) On- 

(left) and off- (right) resonance RD profiles measured for dT5-N3 in the dI•dT mismatch 

at 10°C, pH 8.0 showing no signs of chemical exchange. 
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Supporting Figure 2.2: Relaxation Dispersion Profiles for dG-N2 

(a) 2D 15N/1H HSQC spectra of site-labeled dG•dT (hpTG-CGC) showing the two 

equivalent non-bonded protons of the amino group as a single resonance. Blue arrow 

indicates the approximate position of dG•dC dG-N2 chemical shift. Red arrow indicates 

expected change in chemical shift upon transition from non-H-bonded wobble dG•dT to 

H-bonded ES dG•dT (b) Representative on-resonance RD profile for dG15-N2 measured 
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for the hpTG-CGC construct at pH 6.9, 25°C with spinlock powers ranging between 0 to 

2 kHz. (c) Representative 15N dG-N2 relaxation decays showing mono-exponential 

behavior as measured in a dG•dC WC bp in hpCG-CGC. The large uncertainty is due to 

poor signal to noise arising from exchange broadening of the two motionally averaged 

guanine amino protons. (d) Representative 15N dG-N2 relaxation decays measured in 

hpTG-GGG showing mono-exponential behavior at a high and low spinlock powers 

with high and low offset values (see inset). Error bars are within symbols. (e) hpCG-

CGC and hpTG-GGG DNA constructs used in this study. (f) dG-N2 RD profiles 

measured in a dG•dC WC bp in hpCG-CGC showing no evidence for chemical 

exchange due to Hoogsteen bp formation at pH = 6.0. [161] (g) RD profiles measured for 

dG-N1, dG-N2, and dT-N3 in hpTG-GGG. Solid line indicates global fit to the RD data in 

which the population (pB) and exchange rate (kex) are shared. 

  



 

 

82 

 

Supporting Figure 2.3: Coupled HSQC for dG-N2 

A coupled 2D 15N/1H HSQC showing the triplet splitting pattern of the dG-N2 

(NH2) resonance in the hpTG-GGG construct at pH 8.0, 25 °C. The intensity ratio is 

0.9:2.2:1.0. 
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Supporting Figure 2.4: Bloch-McConnell simulations of dG-N2 relaxation 
dispersion profiles 

Bloch-McConnell simulations showing limited contributions to dG-N2 RD 

profiles due to exchange with anionic ES2. Shown are simulated dG-N2 RD profiles due 

to exchange with ES1 and ES2 assuming exchange parameters deduced previously [152] 

based on N1/3 RD data measured in hpTG-GGG and an assumed DwB(dGN2) = 4.5 ppm RD 

profiles are shown for (a) 2-state exchange at low pH = 6.9 with pES1 = 0.36%; kex(GS⇌ES1) = 

3000 s-1; DwES1 = 4.5 ppm; R1 = 4.7 s-1; R2 = 6.5 s-1. (b) 3-state exchange with star-like 

topology at high pH = 8.0 with pES1 = 0.23%; pES2 = 0.22%; kex(GS⇌ES1) = 1500 s-1; kex(GS⇌ES2) = 

50000 s-1; DwB = 4.5 ppm; DwC = 4.5 ppm; R1 = 4.7 s-1; R2 = 6.5 s-1. The individual 

contributions to the 3-state RD profiles due to (c) tautomeric ES1 obtained by setting pES2 
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= 0% and (d) anionic ES2 obtained by setting pES1 = 0%. The smaller RD observed in (b) as 

compared to (a) is due to a slightly smaller tautomeric pES1 at higher pH. 

2.6 Data Tables 

Supplementary Table 2.1. Exchange parameters obtained from individual or global 

fitting of relaxation dispersion data. 

2.7 Materials and Methods 

2.7.1 Sample preparation 

Selectively 13C/15N site-labeled and site-modified DNA oligonucleotides were 

purchased form the Yale Keck Oligonucleotide Synthesis Facility and were synthesized 

using commercially available 2’-deoxyguaninosine DMT-phosphoramidites (13C, 98%, 

15N, 98%) and 2’-deoxythymidine phosporamidities (13C, 98%, 15N, 98%) purchased from 

Cambridge Isotope Labs. Cartridge purified oligonucleotides were resuspended in 

water and exchanged into NMR buffer (25mM sodium chloride, 15mM sodium 

phosphate, 0.1 mM EDTA, at the desired pH) using an Amicon Ultra-4 (3 kDA cutoff) 

centrifugal concentrator to a final volume of ~ 250 µl. D2O was added to a final 

concentration of 10%. 

2.7.2 NMR experiments 

The chemical shift assignments for all DNA constructs were obtained using 

imino [15N, 1H], amino [15N, 1H] and aliphatic [13C, 1H] heteronuclear correlation 

experiments as described previously [152, 155]. The data was collected on a 14.1 T 



 

 

85 

Agilent spectrometer equipped with a Bruker HCPN cryogenic probe. All data were 

processed and analyzed using the software NMRpipe [192] and SPARKY (T.D Goddard 

and D.G. Kneller, SPARKY 3, University of California, San Francisco). 1D 15N R1ρ RD 

experiments targeting imino nitrogen resonances of interest were carried out as 

previously described [160, 161, 177]. Raw data was processed using NMRpipe [192] to 

generate a series of peak intensities. On- and off- resonances RD profiles were recorded 

using spinlock powers ranging between 150 to 2000 Hz with the absolute offset ranging 

between 0-3.5C the applied spinlock power. Magnetization of the spins of interest was 

allowed to relax under an applied spinlock for 0 to 120 ms. 

15N R1ρ RD experiments targeting amino dG-N2 resonances were carried out 

using the same experiment used to measure imino dG-N1 and dT-N3 RD data [152, 161, 

162]. In both dG•dC WC and WB dG•dT, the amino appears as a single NMR resonance 

due to intermediate-fast exchange of the non-equivalent H-bonded and non-H-bonded 

protons (dG•dC) or because the amino group is not H-bonded yielding two equivalent 

protons (dG•dT). Therefore, analogous to imino experiment [152, 161, 162] matched 1H 

and 15N fields (~ 90 Hz) were applied during the cross polarization period to generate 

15N magnetization. In general, to avoid unwanted evolution of double-quantum 

coherence during CP, the sum of the rf amplitudes needs to be greater than the one-

bond N-H scalar coupling (1JNH) i.e. rf amplitude > 1JNH/3 [188]. Note that when 

calibrating the duration of the cross polarization period for AX2 systems with equivalent 
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protons, optimal transfer durations will be ~ ¾ t (t = 1/|J|) as compared to an optimal 

transfer duration of t in AX or nonequivalent AX2 spin systems [188]. For equivalent AX2 

spin system, the magnetization evolution starting from protons H1x and H2x after a 

duration of ¾ t generates Sx + 4I1zI2zSx. Some magnetization will therefore be lost to the 

generation of the three spin coherence [187, 188]. On-resonance continuous wave 1H 

irradiation (w1H » 5000 Hz) is used to suppress DD/CSA cross-correlated cross-relaxation 

as described previously [193]. In addition to DD/CSA interactions, AX2 and AX3 systems 

can be subject to N2Ha/N2Hb dipole-dipole (DD/DD) cross-correlated cross relaxation and 

the generation of doubly antiphase magnetization from in-phase magnetization during 

the relaxation period. Assuming isotropic tumbling, the DDN2Ha/DDN2Hb cross-correlation 

contribution scales as ~ tc (1/2)(3cos2 q - 1) [194], in which tc is the correlation time of the 

molecule and q in the angle between the two bonds. As noted previously, the angle 

between the N-H bonds in amino NH2 group (~ 120°), results in a small angular term (» 

-0.125) and DDN2Ha/DDN2Hb cross-correlation contribution for a ~ 10 bp duplex with 

tc ~ 5 ns is estimated to be small ~ 0.5 s-1 and safely be ignored [194, 195]. This is 

supported by lack of any significant bi-exponential behavior in the magnetization decay 

curves (Supporting Figure 2.2) even when using longer relaxation times (135 ms) or 

increased sampling (61 delay points) and by the observation of an approximately 1:2:1 

multiplet in a coupled 15N/1H HSQC (Supporting Figure 2.3).  
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2.7.3 R1ρ data analysis 

All RD data were measured on 600 and 700 MHz Bruker Avance spectrometers 

equipped with HCNP and HCN cryogenic probes, respectively, using the 1D 15N R1ρ 

experiment [177] as described previously [152, 196]. Raw data were processed as a 

pseudo-2D assuming a Lorentzian peak-shape using NMRpipe [192] to generate a series 

of time-dependent peak intensities. Data was collected at varying spinlock powers (ω 

2π-1 Hz) and offset frequencies (Ω 2π-1 Hz, where Ω = Ωobs - ωrf and ωrf is the carrier 

frequency) given in the respective RD profiles. The spins of interest were allowed to 

relax under an applied spinlock for the varying durations, ranging from 0 – 120 ms. R1ρ 

values for a given spinlock power and offset combination were calculated by fitting the 

decaying peak intensities to a monoexponential decay [151, 152]. The R1ρ uncertainty 

was calculated using a Monte-Carlo approach (500 iterations) using the root-mean-

square spectral noise to estimate uncertainty in intensity values as described previously 

[197].  

The chemical exchange parameters of interest were obtained by fitting the 

experimentally measured 15N R1ρ values to numerical solutions of the Bloch–McConnell 

(B-M) equations [158, 160] describing n-site chemical exchange. Briefly, for a given set of 

chemical exchange parameters and combinations of Ω and wSL, R1ρ can be simulated by 

solving the BM equations [160, 197]. Exchange parameters were obtained by finding 

values that best reproduce the experimentally measured R1ρ and their associated 
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uncertainties. The residual sum of squares of the experimental and simulated R1ρ data 

were minimized using a bounded [198] least-squares algorithm to give the exchange 

parameters that best fit the experimental data. The uncertainty in the fitted chemical 

exchange parameters were computed based on the standard error of the fit. For all RD 

data reported, fits were carried out assuming equivalent intrinsic longitudinal (R1) and 

transverse (R2) relaxation rates for the GS and ES. Here, R1(GS)=R1(ES1)=R1(ES2) and 

R2(GS)=R2(ES1)=R2(ES2) [158, 197, 199], which is a good approximation for low-populated ES 

(<≈0.5%). 

When available, both the RD data measured in G-N1 and T/U-N3 of the same 

mismatch under identical conditions were globally fitted, sharing the ES populations 

and exchange rates as described previously [152]. Very similar chemical exchange 

parameters were generally obtained from individual versus global fits. 
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3. Dynamic basis for dG•dT misincorporation via 
tautomerization and ionization 
3.1 Introduction 

Watson and Crick proposed that if nucleotide bases were to adopt their 

energetically unfavorable tautomeric forms, mismatches (Figure 3.1a) could pair up in a 

Watson-Crick-like (WC-like) geometry (Figure 3.1b) and potentially give rise to 

spontaneous mutations [119]. Decades later, it is well established that the replicative and 

translational machinery form a tight grip around the WC geometry to discriminate 

against mismatches [52, 112, 169, 200]. There is also evidence that both tautomeric [56, 

57, 123, 152, 166, 173, 201, 202] (Figure 3.1b) and anionic [57, 145, 152, 167, 173] (Figure 

3.1c) WC-like mismatches can evade such fidelity checkpoints and give rise to 

replication [56, 57] and translation errors [203]. Despite their centrality to the fidelity of 

information transfer in the central dogma of molecular biology, and growing evidence 

showing the involvement of spontaneous mutations in generating cancer causing 

mutations [50], the very existence of these species and their contributions to replication 

and translation errors remain to be definitively established. 

Tautomeric and anionic mismatches come in a variety of chemical forms 

(Supporting Figure 3.1). For example, WC-like G•T/U mismatches can form when either 

the guanine (Genol•T/U and G–•T/U) or thymidine/uridine (G•Tenol/Uenol and G•T–/U–) 

base assume a rare enolic (Figure 3.1b) or anionic (Figure 3.1c) form. While it remains 

unclear which WC-like mismatch contributes to replication and translation errors, 
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factors (e.g. changes in pH [57, 145, 152, 204] and chemical modifications [98]) that 

stabilize different forms have been shown to increase misincorporation probabilities 

[167, 205]. Misincorporation probabilities can also vary significantly with sequence 

context through mechanisms that remain poorly understood [107, 206]. Resolving these 

different WC-like mismatches and their chemical dynamics is key for elucidating their 

potential roles in replication, transcription, and translation errors. However, this 

presents a formidable challenge to current biophysical methods because these 

mismatches differ by the placement of a single proton and π-bond (Figure 3.1b,c and 

Supporting Figure 3.1). Protons are generally invisible to X-ray crystallography, and 

cryo-EM [201], and consequently it has not been possible to unambiguously resolve the 

identity of WC-like mismatches that have been captured within active sites of 

polymerases [54, 56, 57, 167] and the ribosome decoding site [172, 173]. Moreover, WC-

like mismatches are predicted to exist in rapid tautomeric (Genol•T/U⇌G•Tenol/Uenol) [136, 

207] equilibria (Figure 3.1b,c and Supporting Figure 3.1) making them exceptionally 

difficult to capture experimentally.  
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Figure 3.1: Chemical structures of ground state wobble and Watson-Crick-like 
G•T/U mismatches 

Wobble and G•C base pairs (a) and excited state tautomeric (b) and anionic (c) 
WC-like G•T/U (X = H or CH3 for uridine and thymidine, respectively) mismatches. 

 
Techniques based on NMR relaxation dispersion (RD) [160, 177, 199] are making 

it possible to characterize low-abundance short-lived conformational states, or ‘excited 

states’ (ESs), in biomolecules [179]. Using NMR RD, we recently provided evidence that 

wobble G•T/U mismatches exist in dynamic equilibrium with tautomeric (ES1) and 

anionic (ES2) WC-like mismatches within DNA and RNA duplexes [152, 208]. The 

guanine N1 (G-N1) and thymidine/uridine N3 (T/U-N3) chemical shifts measured for 

tautomeric ES1 were consistent with Genol•T/U, but were partially skewed toward 

G•Tenol/Uenol. This was interpreted as evidence for a rapid (on the chemical shift 

timescale) equilibrium between a major Genol•T/U and minor G•Tenol/Uenol species [152]. 

The anionic ES2 was only detectable at high pH (≥7.8) and was heavily skewed in favor 

of G•T–/U– with no evidence for G–•T/U. The roles of these various WC-like mismatches 

in replication and translation errors remains unknown. Here, by combining NMR RD 
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and measurements of misincorporation rates, we resolved a kinetic network connecting 

two distinct tautomeric and one anionic WC-like mismatches, and quantitatively 

established their relative contributions to dG•dTTP misincorporation. 

3.2 Tilting the tautomeric equilibrium 

If ES1 does indeed represent two tautomeric species in rapid equilibrium (Figure 

3.1b), it should be feasible to tilt the equilibrium (Kt = pGenol/pTenol/Uenol) by changing the 

sequence context or local structure around the mismatch, or by introducing base 

modifications (Figure 3.2). This in turn should lead to very specific changes in the ES1 G-

N1 and T/U-N3 chemical shifts, which are population weighted averages over the two 

species (Figure 3.3; left). Tilting the equilibrium in favor of Genol•T/U should induce a 

downfield shift in the ES1 G-N1, because it increases the population of deprotonated 

Genol, and an upfield shift in ES1 T/U-N3, because it decreases the population of 

deprotonated Tenol/Uenol, and vice versa (Figure 3.3; left). ∆wT/U-N3 versus ∆wG-N1 is predicted 

to be linear (Figure 3.3; right) with negative slope and intercept determined by the 

fundamental chemical shifts of the tautomeric species.  
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Figure 3.2: Tilting rapid tautomeric equilibrium using sequence, structure, and 
chemical modifications 

Tilting rapid tautomeric equilibrium using sequence (cyan), structure (red), and 
chemical modifications (green). X-X′ and Y-Y′ denote WC base pairs adjacent to the 
G•T/U mismatches. 
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Figure 3.3: Chemical shift perturbations from tautomeric equilibrium tilting 

Perturbations that differentially tilt the tautomeric equilibrium are expected to 
give rise to anti-correlated linear changes in the <∆ωG-N1> and <∆ωT/U-N3> values 
(color-coded). 

 
We measured 15N RD for five dG•dT mismatches within distinct sequence 

contexts and for thirteen rG•rU mismatches in nine structurally unique non-coding 

RNAs (Figure 3.4 and Supporting Figure 2). Experiments were carried out at near-

neutral pH (6.4 – 6.9) so as to keep the abundance of the anionic ES2 below the RD 

detection limit [152] (Supporting Figure 3.2). The RD experiments measure G-N1 and 

T/U-N3 spin-relaxation rates in the rotating frame (R1ρ) during a relaxation period in 

which a radiofrequency field is applied with variable offset (Ω 2π-1, in Hz) and power (ω 

2π-1, in Hz) to suppress the chemical exchange contribution (Rex) to the transverse spin 

relaxation rate (R2) arising due to chemical exchange between the energetically more 

stable ground state (GS) and ES [193, 199].  

We observed G-N1 and T/U-N3 RD consistent with WC-like ES1 exchange for all 

five dG•dT and eight rG•rU mismatches located within helical environments (Figure 
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RNA duplexes under these conditions. No RD was observed (Supporting Figure 3.3b) 

for rG•rU mismatches adjacent to apical loops, three-way junctions, or bulges 

(Supporting Figure 3.2a). This could be due to the lower abundance of WC-like 

mismatches when outside the grip of the helical environment (discussed in section 3.6) 

though we cannot rule out that the exchange is orders of magnitude faster, falling 

outside RD detection.  

As predicted based on variably tilting the Genol•T/U⇌G•Tenol/Uenol equilibrium 

(Figure 3.3; right), the fitted <∆wG-N1> and <∆wT/U-N3> values obtained from two-state 

analysis (GS⇌ES1) of the RD profiles (Figure 3.5; Supporting Figure 3.3a; and 

Supplementary Table 3.1) fell along a line with negative slope (Figure 3.6). As a negative 

control, no correlation was observed between the corresponding GS G-N1 and T/U-N3 

chemical shifts (Supporting Figure 3.3c). We confirmed these linear trends using 

chemical modifications that variably tilt the tautomeric equilibrium in favor of enolic dT 

(dG•dU and dG•5BrdU) or enolic dG (8BrdG•dT) (Figure 3.6; Supporting Figure 3.3a; and 

Supplementary Discussion 3.1).  
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Figure 3.4: Representative constructs used to tilt the tautomeric equilibrium 

Representative hairpin (“hp”) DNA, RNA, and chemically modified constructs. 
Name denotes mismatch and sequence context (5′-3′). 
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Figure 3.5: Representative G-N1 and T/U-N3 RD profiles (pH 6.8-6.9 and 25 °C) 
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3.3 Sequence dependent Genol – Tenol equilibrium 

A linear fit to the <∆wT/U-N3> versus <∆wG-N1> values, assuming physically 

reasonable ranges, yielded fundamental chemical shifts for the tautomeric species that 

are in excellent agreement with values predicted by DFT calculations (Figure 3.6 and 

Supplementary Tables 3.2 and 3.3)[152]. The tautomeric equilibria (Supplementary Table 

3.2) obtained from this analysis and from re-fitting the RD data using a 3-state model 

with linear topology [136] (wobble⇌G•Tenol/Uenol⇌Genol•T/U) are slightly tilted in favor 

of dGenol•dT in DNA (Kt = 2.1-4.6) whereas the populations of rGenol•rU and rG•rUenol are 

more comparable in RNA (Kt = 0.5-1.1). These differences may be attributed to the 

electron-donating methyl group in dT which destabilizes dTenol relative to rUenol [209]. 

The RD data also allowed us to estimate a lower bound for the fast tautomeric exchange 

rate kt = 𝑘v®¯°
	
→±®¯° + 𝑘±®¯°

	
→v®¯° >≈500,000-1,000,000 s-1 (Figure 3.7 and Supporting 

Figure 3.4)33 and a G•Tenol/Uenol→Genol•T/U transition state barrier <9-10 kcal mol-1 

(assuming transition state theory with the preexponential factor = kBT h-1 [210] and κ = 1) 

that is in good agreement with transition state barriers (≈11.5 kcal mol-1) reported 

previously using computational methods [136]. These results establish the existence of 

G•Tenol/Uenol and Genol•T/U in an ultra-fast equilibrium, each of which can potentially 

contribute to replication and translation errors.  
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Figure 3.6: Tilting the tautomeric equilibrium 

<∆wT/U-N3> versus <∆wG-N1> ES1 chemical shift differences measured by NMR RD. 
Blue line indicates fit to the ∆w’s using the fundamental tautomer chemical shifts as 
variables (Methods). Red line indicates DFT-predictions.  
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Figure 3.7: A rapid lower bound for the rate of tautomeric ES interconversion 

Lower bounds for the rate of tautomeric Genol•T/U⇌G•Tenol/Uenol exchange. 
Contour plots showing scaled 	𝝌𝟐 weights for combinations of kTenol/Uenol versus kt; red 
indicates better fit.  
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observed between pES1 and Kt (Figure 3.8 and Supplementary Table 3.2), indicating that 

the Genol•T/U population dominates these variations with sequence and structural 

context. In the DNA, these variations can potentially be explained by sequence-specific 

changes in stacking with the immediate neighbors that accompany the transition from 

the wobble to Watson-Crick geometry (Figure 3.9). For example, GGG, has the highest 

pES1 and is predicted to gain stacking overlap whereas CGG has the lowest pES1 and is 

predicted to lose stacking overlap. Similar sequence-dependent effects have been 

reported in lesion repair by methyltransferases [211]. Interestingly, dG dominates the 

sequence-specific changes in stacking overlap, and this may help explain the stronger 

sequence dependence of the Genol•T/U population compared to G•Tenol/Uenol.  

 

Figure 3.8: Sequence specific variation in ES1 populations are primary from 
variation in dGenol•dT population 

A plot of Kt versus tautomeric ES1 population for DNA (blue, n=5) and RNA 
(cyan, n=6) constructs determined at pH 6.9 and 25 °C. 
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Figure 3.9: Stacking energetics are correlated with sequence specific ES1 
populations 

Change in stacking overlap (∆Å2=Å2(WC)–Å2(WB)) between wobble and Watson-
Crick-like mismatches versus ES1 population (pH 6.9 and 25 °C) for five DNA sequence 
contexts (Methods).  
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Data Figure 3.5). 3-state fitting of the RD data assuming a starlike topology (Supporting 

Figure 3.6a) yielded large ∆wT/U-N3(ES2) ~ 55 ppm and comparatively much smaller ∆wG-

N1(ES2) ~ 5 ppm consistent with a dominant G•T–/U– species and with no evidence for G–

•T/U. Again, we observe strong sequence-specific variations in ES2 population (pES2) and 

the kGS®ES2 and kES2®GS rates robustly across a wide range of temperatures (10-30 °C) and 

pHs (7.8 - 9.3) (Supplementary Tables 3.4 and 3.5).  

 

Figure 3.10: 3-state exchange with triangular topology and minor exchange 
between tautomeric and anionic WC-like excited states 

Comparison of 3-state B-M fit with triangular (left) and starlike (right) topology 
to the RD profiles measured in (a) hpUG-CGC RNA and (b) hpTG-GGC DNA. Statistical 
AIC (wAIC) and BIC (wBIC) weights comparing starlike and triangular topologies are 
shown. Error bars reflect experimental uncertainty (one s.d., Methods). 
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In a previous study [152], the emergence of anionic ES2 at high pH was 

accompanied by unexpected changes in the average ES1 tautomeric chemical shifts. 

Similar deviations are observed here for both RNA and DNA (Supplementary Table 3.4). 

We postulated that ‘minor’ exchange [158] between ES1 and ES2, i.e. 

<Genol•T/U⇌G•Tenol/Uenol>⇌G•T–/U–, could ‘mix’ their chemical shift contributions and 

give rise to such deviations (Supporting Figure 3.6a,b and Supplementary Table 3.4). 

Indeed, all five RD profiles with peculiar ES1 chemical shifts showed a statistically 

significant improvement when fitting data to a 3-state model with minor exchange in a 

triangular rather than starlike topology (Figure 3.10; Supporting Figure 3.6c,d; and 

Supplementary Tables 3.4-3.6). This fit also yielded ES1 15N rG-N1 and rU-N3 chemical 

shifts that vary less significantly with pH (Supporting Figure 3.6e and Supplementary 

Table 3.4) and rate constants (kES1®ES2 and kES2®ES1) that exhibit the expected temperature 

dependence at two different pHs in both DNA and RNA (Supporting Figure 6f), neither 

of which are to be expected if the RD data were being spuriously over fitted. It should be 

noted that different topologies can be difficult to resolve when the RD data are limited 

or of poor quality [212] (Supplementary Table 3.6).  

3.5 Tautomerization and ionization during misincorporation 

dG•dT misincorporation is the most frequent base substitution error committed 

by high fidelity DNA polymerases with misincorporation frequency Fpol = 

(kpol/Kd)incorrect/(kpol/Kd)correct ≈ 10-4 – 10-5 for most studied polymerases [12, 213], i.e. an error 
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is committed with frequency of 1 in 104 – 105 nucleotide incorporations, in which kpol is 

the maximum rate of nucleotide incorporation and Kd is the apparent nucleotide 

equilibrium dissociation constant. Differences in nucleotide binding affinities (Kd-

1(incorrect)/Kd-1(correct)) only account for a factor of ≈10-1 – 10-2 in discrimination [110], whereas 

differences in the polymerization rates (kpolincorrect/kpolcorrect) account for ~ 10-3. 

The mechanisms that lower the values of kpolincorrect relative to kpolcorrect remain 

poorly understood. Many decades ago, Topal and Fresco postulated that the frequency 

of tautomerization may be an important determinant of misincorporation probability 

[123]. Interestingly, the population of the tautomeric species ≈10-3 is comparable to the 

kpolincorrect/kpolcorrect values. In addition, the rate at which the wobble dG•dT forms either 

the WC-like tautomeric (kGS®ES1 = 0.3 – 10 s-1; Supplementary Tables 3.1 and 3.5) or 

anionic (kGS®ES2 = 1.1 – 124 s-1; Supplementary Tables 3. 1 and 3.5) mismatches (Figure 

3.11) is comparable to kpolincorrect (0.16 – 1.16 s-1) measured for incorrect dG•dTTP or 

dGTP•dT misincorporation [12, 107] whereas it is up to ≈ 1000-fold slower than kpolcorrect 

(25 – 275 s-1) measured for correct dG•dCTP or dGTP•dC [12, 107]. If formation of WC-

like dG•dT mismatches (Figure 3.11) is required for misincorporation following initial 

dNTP binding in a wobble conformation, it could provide a mechanism for lowering 

kpolincorrect relative to kpolcorrect. Indeed, prior studies have shown that DNA polymerases 

cannot undergo the necessary conformational changes needed for catalysis when dG•dT 

is in a wobble conformation [57] and all available structures of catalytically active 
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polymerases with bound mismatches within the active site feature WC-like dG•dT or 

dA•dC geometries [56, 57]. Similarly, WC-like rG•rU mismatches have been shown to 

form in the first and second codon positions of catalytically active ribosomes [173], in 

which wobbles are typically rejected [169], potentially helping to explain translational 

error hotspots [214]. 

 
Figure 3.11: Triangular kinetic network of G•T/U exchange between wobble 

and ES1 and ES2 

Triangular exchange between wobble G•T/U mispair, rapidly interconverting 
WC-like tautomers (Genol•T/U⇌G•Tenol/Uenol), and anionic WC-like G•T–/U–. Exchange 
between anionic G•T–/U– and a low-abundance short-lived anionic G–•T/U or other non-
WC species that fall outside RD detection cannot be ruled out. WC-like G•T/U 
populations and ranges at pH 6.4-8.9 and 10-25 °C (Supplementary Tables 3.1 and 3.5). 
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Figure 3.12: Kinetic mechanism for dG•dT misincorporation 

Minimal kinetic mechanism for polymerization. Incorporation of an incorrect 
dNTP includes an additional tautomerization/ionization step allowing for the formation 
of a Watson-Crick-like dG•dT mismatch. Discriminatory steps are in red. 

 
To examine this possibility, we built a kinetic model for dG•dTTP 

misincorporation by inserting a tautomerization/ionization step (Figure 3.11) following 

initial nucleotide binding in a wobble conformation and prior to the pre-chemistry 

conformational change in the existing minimal kinetic model for correct incorporation 

[29] (Figure 3.12). All other steps, including the pre-chemistry conformational change 

and phosphodiester bond formation, are assumed to have identical kinetic parameters as 

measured for correct nucleotide incorporation [10-12, 116, 215] (Supplemental Table 3.7). 

The model assumes that misincorporation directly from the wobble conformation is 

negligible and that the tautomerization and ionization rates measured in duplex DNA 

by NMR approximate the rates in the polymerase active site. We tested models 

(Supporting Figure 3.7) in which either the tautomeric (MES1), anionic (MES2), or both 

(MES1+ES2) species can be misincorporated as well as models that excluded the triangular 

network all together (MKd).  
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Strikingly, the most general MES1+ES2 model robustly predicts the measured Fpol 

values for three polymerases (T7, polymerase e, and polymerase b) that have varying 

rate limiting steps and microscopic rate constants (Figure 3.13; Supporting Figure 3.8; 

and Supplementary Table 3.7). Similar results are obtained with MES1 under these neutral 

conditions in which the ES2 population is insignificant (<10-6 at pH 6.9) (Figure 3.13 and 

Supporting Figure 3.8). In contrast, MES2 consistently underestimates Fpol by one to two 

orders of magnitude whereas MKd overestimates Fpol by one to two orders of magnitude 

(Figure 3.13) [134]. Variants of the MKd model in which only pre-formed tautomeric 

dNTP with populations of 10-4-10-5 bind in a productive WC-like geometry overestimates 

kpol and Kd by several orders of magnitude (Chapter 4). These data indicate that 

formation of tautomeric WC-like dGenol•dT	and dG•dTenol with population of ≈0.1% can 

account for the ≈102-103-fold lower value of kpolincorrect relative to kpolcorrect and that at neutral 

pH, >99% of misincorporation proceeds via the tautomeric species, which form 

predominantly via direct exchange from the wobble (Figure 3.14).  
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Figure 3.13: Measured versus predicted misincorporation probability and rates 

Fpol measured experimentally for dTTP•dG misincorporation for human DNA 
polymerase e, rat DNA polymerase b, and T7 DNA polymerase with values simulated 
using MES1, MES2, MES1+ES2 and MKd (error bars represent one s.d., Methods). 
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Figure 3.14: Misincorporation flux for a modified and unmodified nucleotide 

3.6 Impact of pH, modification, and sequence 

As an additional test, we examined whether the MES1+ES2 model can reproduce the 

dependence of misincorporation probability on pH, modification of nucleotide bases, 

and sequence. MES1+ES2 accurately predicts the ≈3-fold increase in misincorporation 

probability observed with increasing pH (Figure 3.15, left). This can be attributed to an 

increase in the population of dG•dT–, which accounts for >70% of the net 

misincorporation at pH 8.4 (Figure 3.15). In contrast, MES1 fails to predict this increase in 

misincorporation probability (Figure 3.15, left; MKd not shown due to absence of pH-

dependent Kd values). Under high pH, the tautomeric and anionic species have 

comparable populations, and there is significant flux (>20%) toward both tautomeric and 
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anionic species through the indirect minor exchange pathway (Figure 3.14). In this 

manner, the tautomeric and anionic contributions to misincorporation are coupled.  

MES1+ES2 and NMR RD measurements also accurately predict Fpol and kobs for 5-

bromo-2′-deoxyuridine triphosphate (5BrdUTP) (Figure 3.15). This includes a steeper ~ 6-

fold increase in FpoldG•5BrdUTP measured for AMV RT when increasing the pH from 7.0 to 

8.4 (Figure 3.15; left). This can be attributed to the lower pKa of dG•5BrdU– (pKa ~ 9) [145] 

relative to dG•dT– (pKa ~ 11.8) as measured by NMR RD [152]. We further verified the 

robustness of these predictions by measuring kobsdG•5BrdUTP and kobsdTTP for human DNA 

polymerase b at high pH (8.4). The model accurately predicts the observed ≈4-fold 

enhancement in kobsdG•5BrdUTP relative to kobsdTTP (Figure 3.15, right). Again, MES1 fails to 

predict these variations (Figure 3.15). Indeed, at both neutral and high pH, 5BrdUTP is 

predicted to be predominantly misincorporated via the more populated dG•dT– (Figure 

3.15). These data indicate that misincorporation due to dG•dT– can dominate at pH≥8.4 

or for chemically modified nucleotides at neutral pH.  

Importantly, due to the sequence-dependence of tautomerization and ionization, 

MES1+ES2 also predicts ~8-fold sequence-specific variations in Fpol at pH 8.4 (Figure 3.16). 

Comparable (5-fold) sequence-specific variations have been reported previously [206]. 

We tested these predictions using human DNA polymerase b at pH 8.4 for nine different 

sequence contexts (Supplementary Table 3.8). While kobsdG•dCTP varied weakly (<1.2-fold) 

with sequence, kobsdG•dTTP varied ≈45-fold (Supporting Figure 3.9), with larger changes 
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observed when varying the base pair at the i-1 position, which stacks with dG•dTTP in 

the polymerase active site (Figure 3.16). While the MES1+ES2 predictions slightly 

underestimate the sequence-specific variations in kobsdG•dTTP, this is not too surprising 

considering that other microscopic steps could also vary with sequence. Nevertheless, 

the predictions do recapitulate the lower kobsdG•dTTP for CGA and comparable values for 

GGC and CGC (Figure 3.16). Interestingly, the two major outliers (TGA and GGG) have 

the largest ES1 and ES2 populations with the overestimation arising primarily from ES2. 

It is likely that the polymerase environment, including the absence of base pairs at the 

i+1 position (Figure 3.16), can influence the sequence-specific dependence of 

tautomerization/ionization and consequently misincorporation.  

 

Figure 3.15: Measured and Simulated Fpol values 

Left. Measured and simulated Fpol values for dTTP/5BrdUTP in AMV RT. Right, 
measured and simulated kobs values for dTTP/5BrdUTP misincorporation for human DNA 
polymerase b. Error is s.d. of n=3 biological replicates for kinetic assays, or previously 
published error for AMV RT. Error for kinetic simulations is described in Methods. 
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Figure 3.16: Measured and simulated kobs for dTTP misincorporation for 
human DNA polymerase b in different sequence contexts 

Measured and simulated kobs for dTTP misincorporation for human DNA 
polymerase b in different sequence contexts (*) indicates that ES2 exchange rates were 
extrapolated (Methods). Error is s.d. of n=3 biological replicates for kinetic assays. Error 
for kinetic simulations is described in Methods. 
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Templating bases in naked single-nucleotide gapped DNA and dangling end 

DNA favor binding of the correct base (G•C), relative to incorrect (G•T) by ~ 1.4 kcal 

mol-1 [72, 73]. The polymerase provides an additional ~1.5 kcal mol-1 of discrimination 

compared to naked DNA. Specific Kd values vary by polymerase but the discrimination 

between correct and incorrect dNTP is roughly on the order of 100-fold, contrasted 

against 10-fold for naked DNA.  

Critically, the “Watson-Crick grip” in the polymerase active site also likely acts 

to help offset part of the total energetic cost of tautomerization. In other words, the 

polymerase active site is biased such to energetically favor Watson-Crick conformations 

over the wobble conformation in a manner analogous to the DNA double helix. This is 

achieved due to the many interactions that can only form with WC base pairs upon 

domain closure. Thus, the total energetic cost of forming WC-like tautomers (ΔGWB-WC) is 

given by the sum of two processes, the energetic cost of tautomerization (ΔGtaut) and 

energetic benefit from favorable WC-like interactions within the helix (ΔGWC). 

ΔGµ¶�µ· = ΔG¸7¹¸ + Δ𝐺º»  

Importantly, the DNA double helix also provides such an intrinsic “Watson-

Crick grip”. These favorable interactions include the formation of an additional 

hydrogen bond and stacking interactions with the i+1 and i-1 base pairs. The value of 

ΔGWC for the intact double helix can be estimated from the difference in melting free 

energy measured by UV thermal denaturation of duplexes containing either dG•dC or 
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dG•dT base pairs (note that this approach ignores differences stemming from swapping 

a dC for a dT). Such an analysis reveals ΔGWC ~3.5 – 4 kcal mol-1 depending on sequence 

(data not shown). Based on the RD data presented here, ΔGWB-WC ~ 3 – 3.5 kcal mol-1. 

Therefore, the total cost of base tautomerization can be estimated as ΔGtaut = ΔGRD - ΔGWC 

= (3 – 3.5 kcal mol-1) - (-3.5 – -4 kcal mol-1) = 6.5 – 7.5 kcal mol-1 (Figure 3.17). This value is 

in good agreement with experimental measurements using basicity methods [124-126, 

128] and modern quantum calculations [134].  

 

Figure 3.17: Estimation of the total cost of tautomerization 

The importance of ‘Watson-Crick grip’ in duplex and polymerase can be 

appreciated by the lack of observable RD in rG•rU base pairs located next to RNA 

secondary structure bulges (Supporting Figure 3.2 and 3.3). In these locations, nothing 

prevents the rG•rU base pair from adopting the tautomeric conformation and forming 
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the third favorable hydrogen bond. However, due to the nature of the secondary 

structure, the favorable stacking interactions that are enjoyed by dG•dT and rG•rU base 

pairs in a double helix are disrupted. Thus, the total energetic cost of forming the 

tautomeric base pair is increased by the loss of favorable stacking interactions, 

decreasing the ES population to below the detection limit (Figure 3.18).  

Our results indicate that the polymerase accomplishes a WC grip similar to that 

observed in the helix but for a very distinct context. First, unlike in a helix, in a 

replicating polymerase, the dNTP is not chemically ligated and fixed in position. 

Second, the polymerase active site bp has stacking interactions with only the i-1 base 

pair and not i-1 and i+1 as in the helix. The polymerase may achieve a WC grip similar to 

the helix through the extensive interactions it forms specifically with WC bps including 

finger subdomain closure, stacking with the i-1 base pair, hydrogen bonds between the 

polymerase and base pair minor groove, and hydrogen bond interactions at the catalytic 

site. 

This suggest that the polymerase appears to achieve a similar WC-grip as the 

double helix but for a much less constrained dNTP•template. Indeed, these favorable 

interactions can be observed in crystal structures of polymerases with wobble and WC-

like dG•dT mismatches [56-58]. The similar pKa values measured for the anionic WC-

like species within the DNA double helix and for the misincorporation reaction (the 

latter presumably reflecting the pKa of G•T within the context of the polymerase active 
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site) for both dT and 5BrdU provides strong support for a similar environment and WC-

grip [145]. If, for example, the active site was more stabilizing, then we would expect a 

lower misincorporation pKa relative to the double helix. This model predicts that the 

WC-like tautomeric species would form with similar populations in the polymerase 

active site as in the interior of the DNA double helix. While the populations of the WC-

like tautomeric species has not yet been measured in the polymerase active site, crystal 

structures of dG•dT primarily observe the ajar conformation [54, 58, 216] and SAXS 

experiments with Polymerase β observe a conformationally on-pathway intermediate 

ternary structure [217], likely the ajar wobble base pair as is the case in the DNA double 

helix.  
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Figure 3.18: Polymerase and double helix enforcement of Watson-Crick grip 

The model proposed in this chapter assumes that the relative energetic 
differences between wobble and Watson-Crick base pairs are identical in the DNA 
double helix and the polymerase active site due to favorable Watson-Crick interactions. 
Contrastingly, Watson-Crick-like rG•rU mismatches next to a bulge are destabilized by 
the lack of Watson-Crick stacking interactions.  

3.8 Conclusion 

Our data indicate that formation of WC-like anionic and tautomeric mismatches 

help determine the frequency of dG•dT misincorporation and its dependence on pH, 

chemical modifications, and possibly sequence. Our analysis indicates that Fpol is 

determined primarily by the tautomeric ES1 population; increasing kex = kGS®ES1 + kES1®GS 

without altering the ES1 population does not significantly affect Fpol whereas significant 
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reductions in kex outside the range detected here are required to significantly reduce the 

value of Fpol (Supporting Figure 3.10). While it is likely that differences in the polymerase 

active site environment will tune tautomerization/ionization dynamics, the robustness of 

the predictions across different polymerases, pH conditions, and modified nucleotides 

suggests that it will not cause significant perturbations relative to the broad kinetic 

range examined here. Our results indicate that the natural grip for the WC geometry in 

the double helix is similar to that achieved by the polymerase in the context of an 

isolated dNTP paired to the template. Other mechanisms may also be applicable for 

purine-purine mismatches where alterations in the active site have been proposed rather 

than adoption of a WC-like base pair [90, 116]. The multifaceted approach presented 

here may be extended to examine the roles of other tautomeric and anionic mismatches 

in replication, transcription, translation, and mismatch repair [218].  

3.9 Supporting Discussions 

3.9.1 Tilting tautomeric equilibrium using chemical modifications. 

We exploited bias for either enolic T/U or enolic G and introduced chemical 

modifications that are designed to specifically tilt the tautomeric equilibrium in DNA 

(Figure 3.1b). We omitted the thymidine methyl group, an electron donating moiety, and 

indeed observed that dG•dU tilts the equilibrium in favor of dG•dTenol (Figure 3.6 and 

Supplementary Table 3.1). In contrast, replacement of the methyl group with a 

moderately electron-withdrawing bromine tilted the equilibrium to a lesser degree in 
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favor of dG•5BrdUenol (Figure 3.6 and Supplementary Table 3.1). These results are in 

general agreement with computational studies showing a preference for forming the 

Tenol/Uenol tautomer in 1-methyl nucleobases follows the general order: Uenol > 5BrUenol > 

Tenol [209]. Conversely, replacing the 2′-deoxyguanosine H8 with bromine tilted the 

equilibrium more in favor of dGenol•dT (Figure 3.6 and Supplementary Table 3.1). While 

the RNA data are less biased towards rGenol•rU, it also features slightly larger variations 

in the <∆ωES1> values; likely due to the much more varied structural contexts (Figure 3.6). 

Taken together, these results establish the existence of two statistically distinct [219] 

Genol•T/U and G•Tenol/Uenol species (Supplementary Table 3.2) in ultra-fast chemical 

exchange within the nucleic acid helical environment.  
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3.10 Supporting Figures 

 

Supporting Figure 3.1: Watson-Crick-like Mismatches 

Watson-Crick-like mismatches stabilized by tautomeric and ionic base forms. 

Tautomeric purine•pyrimindine and purine•purine mismatches were first proposed by 

Topal and Fresco [123]. For G•T/U mismatches, X = H or CH3 for uridine and thymidine, 

respectively. 
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Supporting Figure 3.2: DNA and RNA constructs used in this study 

a, Secondary structures of the various DNA and RNA constructs used in this 

study. G•T/U mismatches that show signs of chemical exchange directed toward 

tautomeric and/or anionic WC-like mismatches are highlighted in blue and green, 

respectively. G•T/U mismatches that show no evidence for WC-like RD are highlighted 

in brown. The value of Kt measured at near-neutral pH is shown next to each mismatch. 

The DickersonTG-CGA, hpTG-CGC and hpUG-CGC sequences contexts were studied in 

a prior publication [152]. b, 2D [15N, 1H] HSQC spectra of DNA and RNA constructs 

used in this study showing the imino resonances of G-N1/H1 and T/U-N3/H3 targeted 

for RD measurements. Spectra shown for xptG was collected at pH 6.7 and 25 °C in 

potassium acetate buffer described elsewhere [196]. 
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Supporting Figure 3.3: RD profiles measured in DNA and RNA at near-neutral 
pH 

a, 15N G-N1 and T/U-N3 RD measured for G•T/U mismatches at pH 6.4-6.9 and 

10-25 °C showing wobble⇌tautomer exchange. Note that in addition to 

wobble⇌tautomer exchange, tp5abc undergoes an independent slower exchange process 
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involving a change in secondary structure that is described in detail elsewhere53. The 

trend lines represent B-M 2-/3-state fits. Constructs containing a chemically modified 

base are indicated with (▼). b, Absence of 15N RD for rG•rU mismatches near bulges, 

apical loops, or three-way junctions. Error bars reflect experimental uncertainty (one 

s.d., see Methods). c, No correlation is observed between ground state (GS) wobble G-N1 

and T/U-N3 chemical shifts for DNA (n = 5) or RNA (n = 8). Error bars in a, b reflect 

experimental uncertainty (one s.d., see Methods). 
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Supporting Figure 3.4: Establishing lower limits for rates of base pair 
tautomeric exchange 
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Agreement between measured and predicted R1ρ values (scaled		𝜒r weight, Eq. 2) 

when varying the wobble⇌G•Tenol/Uenol (𝑘vw⇌±®¯°/½®¯°) and G•Tenol/Uenol ⇌Genol•T/U (kt) 

rate of exchange. See Methods for additional details. 

  



 

 

128 

 



 

 

129 

Supporting Figure 3.5: RD profiles measured in DNA and RNA at high pH 

B-M 3-state fits of a, RNA and b, DNA 15N RD data for starlike and triangular 

topologies (indicated within the plots). The relative statistical Akaike’s Information 

Criterion (wAIC) and Bayesian Information Criterion (wBIC) weights [219, 220] for each fit 

were used to select the model (representative starlike versus triangular, comparisons 

with linear models shown in Supplementary Table 3.6). Error bars reflect experimental 

uncertainty (one s.d., see Methods). 
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Supporting Figure 3.6: Discerning minor exchange between WC-like 
tautomeric and anionic G•T/U mismatches 

a, Topologies used to model chemical exchange. Individual rate constants are 

shown for each leg of the different topologies. b, Left: B-M simulations showing that 

when R2(GS) ≠ R2(ES1) and R2(GS) ≠ R2(ES2) no apparent peak asymmetry is observed. Right: B-

M simulations showing that minor exchange between two ESs in a triangular topology 

induces asymmetry in the RD profiles and opposite changes in the apparent chemical 

shift for the two ESs. c, B-M simulations (solid lines) showing the fitted exchange 

parameters for hpUG-CGC at pH 8.4 and 10 °C (Supplementary Table 3.5) when 

including minor exchange in a triangular topology. For comparison, simulations using 

the same parameters without minor exchange (k3 = 0 s-1 and k-3 = 0 s-1) are also shown 

(dashed lines). d, Dashed lines denote 3-state B-M best fit to starlike topology (kES1®ES2 = 0 

s-1 and kES2®ES1 = 0 s-1) to data simulated with triangular topology with minor exchange 
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(solid lines). Shown to the right is the over/under estimation of the true (green) versus 

fitted (red) ES chemical shifts when fitting RD profiles with triangular topology with 

minor exchange to a starlike model that has no minor exchange. e, The ES1 <∆wrG-N1> and 

<∆wrU-N3> values as a function of pH derived from the 3-state B-M fit with triangular and 

starlike topology. f, Forward (kES1®ES2) and reverse (kES2®ES1) minor exchange rate 

constants for hpTG-GGC (pH 8 and 8.4) and hpUG-CGC (pH 7.9 and 8.4) as a function 

of temperature. Error bars in e, f reflect experimental uncertainty (one s.d., Methods). 
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Supporting Figure 3.7: Kinetic mechanisms used to model misincorporation 
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Supporting Figure 3.8: Benchmarking kinetic simulations of misincorporation 

Comparison of kpol and Kd values for correct incorporation measured 

experimentally for human DNA polymerase e with values computed based on pre-

steady state simulations using the microscopic rate constants provided in [12]. Error bars 

reflect fitting uncertainty as previously published39. b, Robustness of calculated kpol 

values for human DNA polymerase e when varying rate constants (forward rate 

constant: blue; and reverse rate constant: orange) for steps other than 

tautomerization/ionization by 2-fold (n = 200 independent simulations in which rate 

constants were randomly varied within 2-fold). As expected, the only rate constant with 

a substantial effect on the reported kpol values was the rate limiting k2 conformational 

change step (middle). 
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Supporting Figure 3.9: kobs values measured for human DNA polymerase b 

dCTP•dG (left) or dTTP•dG (right) insertion at pH 8.4, 25 °C, and 100 µM dNTP. 

DNA template sequence (5¢ to 3¢) is read from bottom (n+1 position) to top (n-1 position). 

Individual replicates (n = 3 independent experiment) are indicated by grey circles. Bar 

height reflect average of replicates and error bars reflect one s.d.  
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Supporting Figure 3.10: Fpol is primarily governed by ES1 populations 

Simulated Fpol values as a function of scaling up or down the kinetic exchange 

rate for ES1 formation (kex = kGS®ES1 + kES1®GS) without altering the ES1 population. 

Increasing kex beyond values measured in this study experimentally (green dotted line) 

minimally affects Fpol. Decreasing the rate of exchange within the range measured 

experimentally in this study (purple dotted line) also minimally affects the value of Fpol. 

Much larger decreases in kex are required to significantly reduce the value of Fpol. 
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3.11 Data Tables 

Supplementary Table 3.1 Exchange parameters and statistics for fitting tautomeric 

ES1 RD profiles in DNA and RNA at near-neutral pH in unmodified and modified 

constructs. 

B-M 2-state fits of RD profiles measured in unmodified and modified DNA and 

RNA at near-neutral pH for data shown in Figure 3.6. Listed are the B-M fitted chemical 

exchange parameters, measurement conditions, and buffer composition. tp5abc-AGG 

undergoes slow exchange with a second independent ES characterized elsewhere [196]. 

Supplementary Table 3.2 Exchange parameters and statistics for explicit rapid-

tautomer 3-state fit in DNA and RNA at neutral pH. 

B-M 3-state fits of RD profiles in Supplementary Table 3.1 assuming the linear 

wobble⇌G•Tenol/Uenol ⇌Genol•T/U topology[136]. Listed are the B-M fitted chemical 

exchange parameters, measurement conditions, and buffer composition. The mismatch-

specific fundamental tautomeric chemical shifts obtained from this analysis vary by ≈9/4 

ppm for ∆wGenol-N1/∆wGenol-N3 and ≈10/9 ppm for ∆wTenol/Uenol-N3/∆wTenol/Uenol-N1. These 

variations are ≈2-4-fold greater than those observed for the corresponding GS chemicals 

shift (Supporting Figure 3.3c). Data for the glnA riboswitch is included for completeness 

but left out of analysis due to a second confounding slow exchange process, which 

introduces large errors in the fitting. 

Supplementary Table 3.3 Fundamental tautomer chemical shifts. 
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A table of the fundamental tautomer chemical shifts derived from experimental 

measurements and from density functional theory predictions [152]. 

Supplementary Table 3.4 Statistical comparisons of exchange parameters obtained 

from B-M fitting RD profiles assuming starlike, linear, and triangular topologies. 

Shown are the fitted exchange parameters and statistical weights (wAIC and wBIC) 

for DNA and RNA RD constructs given in Supplementary Table 3.5, assuming either 3-

state starlike, linear, or triangular topologies. 

Supplementary Table 3.5 Comprehensive list of 3-state fits of RD profiles measured 

in DNA and RNA assuming starlike and triangular topologies at various 

temperatures and pH conditions. 

All measured B-M 3-state fits (with and without minor exchange) for data at 

various temperatures and pH (≥7.8) conditions. Listed are the B-M fitted chemical 

exchange parameters, measurement conditions, buffer composition, flux calculations for 

excited state formation either directly or via minor exchange. 

Supplementary Table 3.6 Comparison of ES1 <∆ωG-N1> and <∆ωT/U-N3> chemical shifts 

in starlike versus triangular topologies. 

Reference ES1 <∆wG-N1> and <∆wT/U-N3> chemical shifts derived from low pH (<7.8) 

RD data in the absence of the influence of ES2 are shown. ES1 <∆wG-N1> and <∆wT/U-N3> 

chemical shifts for each corresponding construct at high pH (≥7.8) fit to starlike and 

triangular topologies are shown for comparison. Calculated residuals between starlike 
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and reference; linear and reference chemical shifts reflect similarity between 

starlike/triangular and reference chemical shifts. The lower residuals indicate that 

inclusion of minor exchange lowers the ES1 chemical shift peculiarities and brings them 

closer to the reference ES1 chemical shifts. 

Supplementary Table 3.7 Rate constants and results from kinetic modeling. 

Supplementary Table 3.8 kobs values and constructs from in vitro assays with human 

DNA polymerase b. 

Values reported are the average ± one s.d. from n = 3 biologically independent 

experiments. 

Supplementary Table 3.9 Spinlock powers and offsets for hpTG-GGC and hpUG-

CGC pH 6.9 / 8.4 at 10 °C. 

3.12 Materials and Methods 

3.12.1 Enzymatic synthesis of uniformly 13C/15N-labeled DNA and RNA 
samples 

The uniformly 13C/15N-labeled “DickersonTG-CGA” DNA sample was 

synthesized using the Crothers-Zimmerman primer extension procedure as described 

previously [152, 221] using uniformly 13C/15N-labeled deoxynucleotide triphosphates 

(Cambridge Isotope Labs). The sample was purified using polyacrylamide gel 

electrophoresis (PAGE) (20% polyacrylamide in 1X Tris/Borate/EDTA buffer) and gel 

electroelution (Whatman, GE Healthcare). RNA samples were prepared using in vitro 

transcription using uniformly 13C/15N-labeled ribonucleotide triphosphates (Silantes 
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GmbH) as described previously [151, 163]. Samples were purified using PAGE (10-20% 

polyacrylamide in 1X Tris/Borate/EDTA buffer) and gel electroelution (Whatman, GE 

Healthcare). 

3.12.2 Chemical synthesis of selectively 13C/15N-labeled DNA samples 

DNA samples containing residue-specific 13C/15N-labeled nucleotides at the 

dG•dT mismatch positions (hpTG-CGC, hpTG-GGC, hpTG-GGG, hpTG-TGA, 5BrdU5-

hpTG-CGC, dU5-hpTG-CGC, and 8BrdG15-hpTG-CGC) were purchased from the Yale 

Keck Oligonucleotide Synthesis Facility. The 13C/15N-selectively labeled 

phosphoramidites were purchased from Cambridge Isotope Labs (98% 13C/15N 2′-

deoxyguanosine DMT-phosphoramidites and 98% 13C/15N 2′-deoxythymidine 

phosphoramidites). All synthesized oligos were purified using RP-HPLC or GlenPak 

cartridges (Glen Research). The purity of each sample was assessed and confirmed by 

HPLC, mass spectrometry, and NMR. NMR experiments were also used to confirm 

proper duplex formation and folding. 

3.12.3 Choice of DNA duplexes 

The DNA duplexes used in this study (Supporting Figure 3.2a) were selected 

based on the following criteria: hpTG-CGC was the focus of our previous study [152] 

and was the subject of NMR studies in unmodified and modified form [222]. hpTG-GGC 

and hpTG-GGG were selected to study the impact of swapping one or both neighboring 

pyrimidines into purines. Based on melting data performed on a number of duplexes 
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containing dG•dT wobbles (data not shown), hpTG-TGA was selected because it was 

the least stable. In contrast hpTG-CGC was the second most stable sequence context. 

DickersonTG-CGA is the Dickerson dodecamer sequence context, and it was selected 

because it has been studied previously by X-ray crystallography [223] with dG•dT 

mismatches. It also allows us to assess the impact of swapping 5′ G > A on the central 

mismatch.  

3.12.4 NMR sample conditions 

All DNA and RNA samples were exchanged into their respective buffers (listed 

in Supplementary Table 3.1) using a centrifugal concentrator (EMD Millipore). The 

exchange was repeated to ensure >99.5% exchange into the target buffer. When the 

desired pH was >8.0, the sample pH was directly adjusted using stock solutions of 50 

mM NaOH and/or 50 mM HCl. All buffers contained 0.1 mM EDTA except the glnA and 

xptG riboswitch samples, which contained 5 and 10 mM magnesium, respectively, and 

which was directly added to the samples to the desired concentration. D2O (≈5-10%) was 

added to all NMR samples. The DNA and RNA concentration in the NMR samples 

ranged between ~ 0.5 and 3.5 mM.  

3.12.5 NMR resonance assignments 

The H1/H3 and N1/N3 resonance assignments for all DNA and RNA constructs 

were obtained using imino [15N, 1H] heteronuclear and [1H, 1H] NOESY homonuclear 

correlation experiments as previously described [152]. Assignment experiments were 
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collected on 600 and 700 MHz Bruker Avance spectrometers equipped with HCNP and 

HCN cryogenic probes, respectively, and an 800 MHz Agilent spectrometer equipped 

with a HCN cryogenic probe. Data was processed using NMRpipe software package 

[192] and analyzed using SPARKY (T.D. Goddard and D.G. Kneller, SPARKY 3, 

University of California, San Francisco).  

3.12.6 R1ρ measurements 

All RD data were measured on 600 and 700 MHz Bruker Avance spectrometers 

equipped with HCNP and HCN cryogenic probes, respectively, using the 1D 15N R1ρ 

experiment [177] as described previously [152, 196]. Raw data were processed as a 

pseudo-2D assuming a Lorentzian peak-shape using NMRpipe [192] to generate a series 

of time-dependent peak intensities. Data was collected at varying spinlock powers (ω 

2π-1 Hz) and offset frequencies (Ω 2π-1 Hz, where Ω = Ωobs - ωrf and ωrf is the carrier 

frequency) given in the respective RD profiles (Figure 3.5 and  Figure 3.10, Supporting 

Figure 3.3 and 3.5). Representative spin lock power and offsets are provided in 

Supplementary Table 3.9. The spins of interest were allowed to relax under an applied 

spinlock for the varying durations, ranging from 0 – 120 ms. R1ρ values for a given 

spinlock power and offset combination were calculated by fitting the decaying peak 

intensities to a monoexponential decay [151, 152]. The R1ρ uncertainty was calculated 

using a Monte-Carlo approach (500 iterations) using the root-mean-square spectral noise 

to estimate uncertainty in intensity values as described previously [197].  
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3.12.7 Fitting RD profiles using the B-M equations 

The chemical exchange parameters of interest were obtained by fitting the 

experimentally measured 15N R1ρ values to numerical solutions of the Bloch–McConnell 

(B-M) equations [158, 160] describing n-site chemical exchange. Briefly, for a given set of 

chemical exchange parameters and combinations of Ω and wSL, R1ρ can be simulated by 

solving the BM equations [160, 197]. Exchange parameters were obtained by finding 

values that best reproduce the experimentally measured R1ρ and their associated 

uncertainties. The residual sum of squares of the experimental and simulated R1ρ data 

were minimized using a bounded[198] least-squares algorithm to give the exchange 

parameters that best-fit the experimental data. The uncertainty in the fitted chemical 

exchange parameters were computed based on the standard error of the fit, or by a 

Monte-Carlo approach[197] in the case of the rapid tautomer B-M fits shown in 

Supplementary Table 3.2. For all RD data reported, fits were carried out assuming 

equivalent intrinsic longitudinal (R1) and transverse (R2) relaxation rates for the GS and 

ES. Here, R1(GS)=R1(ES1)=R1(ES2) and R2(GS)=R2(ES1)=R2(ES2) [158, 197, 199], which is a good 

approximation for low-populated ES (<≈0.5%). 

When available, both the RD data measured in G-N1 and T/U-N3 of the same 

mismatch under identical conditions were globally fitted, sharing the ES populations 

and exchange rates (kGS®ES1, kGS®ES2, kES1®ES2, kES1®GS, kES2®GS, kES2®ES1, 𝑘±®¯°
	
→v®¯°, and/or 

𝑘v®¯°
	
→±®¯°) as described previously[152]. Very similar chemical exchange parameters 
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were generally obtained from individual versus global fits. We also note that the linear 

correlation shown in Figure 3.6 is also observed when individually fitting the G-N1 and 

T/U-N3 RD data, giving identical results within error (Supplementary Table 3.3). 

Individual fits were reported in cases where only one base in the G•T/U mismatch was 

15N-labeled (dG in 5BrdU5-hpTG-CGC and dU5-hpTG-CGC; dT in 8BrdG15-hpTG-CGC; 

Supplementary Table 3.1).  

3.12.8 Model comparison and model selection 

Model selection (2-state or 3-state with four distinct topologies, Supporting 

Figure 3.6) in fitting the R1ρ data was carried out by calculating the Akaike’s (wAIC) and 

Bayesian information criterion (wBIC) weights [219, 220] for each model and selecting the 

model with the highest relative probability. AIC and BIC weights shown in Figure 3.10 

and Supproting Figure 3.5 reflect comparison between starlike and triangular 

topologies. The DNA and RNA mismatches that did not call for a triangular topology 

(Supplementary Table 3.5) were best fit with the 3-state starlike topology (Supporting 

Figure 3.5 and 3.6d, and Supplementary Tables 3.5 and 3.6).  

3.12.9 Expressions for chemical shifts and tautomeric equilibria used 
to interpret equilibrium tilting experiments 

The <∆wG-N1> and <∆wT/U-N3> values measured for ES1 at near neutral pH 

(Supplementary Table 3.1) from two state fitting of the RD data are given by, 

 

<∆wG-N1> = <wG-N1(ES1)> - wG-N1(GS) 
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<∆wT/U-N3> = <wT/U-N3(ES1)> - wT/U-N3(GS) 

 

Where w(ES1) and w(GS) represent the 15N chemical shifts of the ES1 and GS, 

respectively. The angular bracket denotes a population (p) weighted average over the 

Genol•T/U and G•Tenol/Uenol species. Below we use fGenol and fTenol/Uenol to denote the relative 

populations of Genol and Tenol/Uenol, whose sum is equal to 1.  

 

<∆wG-N1> = fGenol x ∆wGenol-N1 + fTenol/Uenol x ∆wTenol/Uenol-N1  

                 = fGenol x ∆wGenol-N1 + (1-fGenol) x ∆wTenol/Uenol-N1  

<∆wT/U-N3> = fGenol x ∆wGenol-N3 + fTenol/Uenol x ∆wTenol/Uenol-N3  

                   = fGenol x ∆wGenol-N3 + (1-fGenol) x ∆wTenol/Uenol-N3  

in which: 

∆wGenol-N1 = wGenol-N1(ES1) - wG-N1(GS) 

∆wTenol/Uenol-N1 = wTenol/Uenol-N1(ES1) - wG-N1(GS) 

∆wGenol-N3 = wGenol-N3(ES1) - wG-N3(GS) 

∆wTenol/Uenol-N3 = wTenol/Uenol-N3(ES1) - wT/U-N3(GS) 

 

wGenol-N1(ES1) and wTenol/Uenol-N1(ES1) are the G-N1 chemical shifts in the Genol•T/U and 

G•Tenol/Uenol tautomeric species, respectively. wGenol-N3(ES1) and wTenol/Uenol-N3(ES1) are the T/U-

N3 chemical shifts in the Genol•T/U and G•Tenol/Uenol tautomeric species, respectively. For 

simplicity we drop the “ES1” and “GS” arguments below.  
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Substituting fGenol = (<∆wT/U-N3>-∆wTenol/Uenol-N3) (∆wGenol-N3 - ∆wTenol/Uenol-N3)-1 into the 

expression for <∆wG-N1> yields the following relationship between <∆wG-N1> and <∆wT/U-

N3>, 

⟨∆ωG-N1⟩=⟨∆ωU-N3⟩
∆ωGenol-N1-∆ωUenol-N1

∆ωGenol-N3-∆ωUenol-N3
+

∆ωGenol-N3×∆ωUenol-N1-∆ωGenol-N1×∆ωUenol-N3

∆ωGenol-N3-∆ωUenol-N3
  

Equivalent expressions for DNA are obtained by replacement of “U” with “T”. 

The above equation shows that a plot of <∆wG-N1> versus <∆wT/U-N3> is linear with slope 

and intercept determined by the four fundamental chemical shifts of the tautomeric 

species: ∆wGenol-N1, ∆wGenol-N3, ∆wTenol/Uenol-N3, and ∆wTenol/Uenol-N1. 

The measured <∆wG-N1> and <∆wT/U-N3> values were fitted to the above expression 

under the assumption that the chemical shifts for the enolic bases (∆wGenol-N1 and 

∆wTenol/Uenol-N3) range between -10 to +70 ppm while the corresponding chemical shift for 

paired bases (∆wGenol-N3 and ∆wT/Uenol-N1) range between -10 to +10 ppm. These ranges are 

plausible given that deprotonation of G-N1 and T/U-N3 is known to give rise to large 

downfield chemical shifts[152], whereas small changes in H-bonding (as seen for ∆wGenol-

N3 and ∆wTenol/Uenol-N1) and stacking are not expected to give rise to deviations beyond that 

observed in the BioMagResBank. This analysis also assumes that the underlying basis 

tautomer chemical shifts (∆wGenol-N1; ∆wGenol-N3; ∆wTenol/Uenol-N3; and ∆wTenol/Uenol-N1; 

Supplementary Table 3.3) are, within error, the same for various mismatches in DNA 

and RNA and that sequence-specific variations are negligible because they are likely 
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comparable to those sequence specific variations seen in the GS (≈2.5/4 ppm for G-N1 

and T/U-N3, respectively). We carried out a grid search of over all possible combinations 

of ∆wGenol-N1, ∆wGenol-N3, ∆wTenol/Uenol-N3, and ∆wTenol/Uenol-N1 in 1 ppm. increments over their 

respective ranges (2,893,401 possible combinations). For each combination we used 

orthogonal distance regression [224] to calculate the residual variance between the 

experimental <∆wG-N1> and <∆wT/U-N3> chemical shifts, and their respective uncertainties 

(Supplementary Table 3.1), and those calculated using equation 1. The top 1% of these 

combinations with the lowest residual variance were selected. The values of ∆wGenol-N1, 

∆wGenol-N3, ∆wTenol/Uenol-N3, and ∆wTenol/Uenol-N1 were given by the mean of their respective 

distributions. The errors in each case were given by the standard deviation of the 

distributions. The deduced tautomeric ∆wGenol-N1, ∆wGenol-N3, ∆wTenol/Uenol-N3, and ∆wTenol/Uenol-

N1 chemical shifts and the measured values of <∆wG-N1> and <∆wT/U-N3> were then used to 

solve for pGenol for each mismatch, from which an initial estimate of Ktaut = pGenol / (1-pGenol) 

was calculated and used in B-M fitting simulations described below. 

3.12.10 Resolving the individual tautomers by constrained linear 3-
state B-M fits.  

We also carried out a 3-state fit assuming a linear wobble ⇌	G•Tenol/Uenol ⇌	

Genol•T/U pathway [136] to the RD data measured at low pH for constructs listed in 

Supplementary Table 3.1 using the B-M equations. The purpose of this analysis was to 

(i) verify that the tautomeric chemical shifts (∆wGenol-N1; ∆wGenol-N3; ∆wTenol/Uenol-N3; 

∆wTenol/Uenol-N1) and Ktaut values obtained from linear analysis of the <∆wG-N1> and <∆wT/U-N3> 
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values are consistent with the measured RD data, (ii) allow for further optimization of 

the mismatch specific Ktaut values, (iii) to relax the assumption of a single global set of 

tautomeric chemical shifts and allow for variations across different mismatches, and (iv) 

determine rate constants for a linear 3-state model supported by computational methods 

[136, 152] in which the wobble initially transitions into G•Tenol/Uenol (kTenol/Uenol, described 

by rate constants kGS®ES1* and kES1®GS*) followed by rapid tautomeric exchange (described 

by rate constants kt and k-t), i.e. wobble⇌G•Tenol/Uenol⇌ Genol•T/U. In this analysis, initial 

values for the tautomeric chemical shifts were equal to those deduced from the linear 

plot <∆wG-N1> versus <∆wT/U-N3> (Figure 3.6) and were allowed to float by an amount 

determined by the uncertainty in the fitted values (Supplementary Table 3.3). The initial 

values for Genol•T/U and G•Tenol/Uenol were obtained using the Ktaut value obtained in the 

linear fit (see section above) and the ES1 population (pES1) deduced from a 2-state fit to 

the RD data (Supplementary Table 3.1). The initial exchange rates were those given in 

Supplementary Table 3.1. The initial value for ktaut was set to 1,000,000 s-1 but was 

allowed to vary from 1-15,000,000 s-1. All parameters, except ∆wGenol-N1, ∆wGenol-N3, 

∆wTenol/Uenol-N3, and ∆wTenol/Uenol-N1, were allowed to float within a large range of parameter 

space (pES1 and pES2 from 0-0.5, 𝑘vw⇌±®¯°/½®¯° from 1-1,000,000 s-1, R1 from 10-6-20 s-1 and 

R2 from 10-6-200 s-1. While the fits converged to a singular ktaut value, we can only assign a 

lower bound to the rapid tautomeric exchange (see below) owing to experimental 
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limitations that result in equally good fits for rates of ktaut >≈500,000-1,000,000 s-1 

(Supporting Figure 3.4).  

3.12.11 Calculating Kt.  

In cases where we were unable to fit for the individual tautomeric probabilities 

owing to additional anionic exchange, Kt was calculated by directly solving for pGenol and 

pTenol/Uenol using the back-calculated fundamental tautomeric chemical shifts 

(Supplementary Table 3.3) and the fitted <∆wG-N1> and <∆wT/U-N3> chemical shifts.  

pGenol = pES1 [(<∆wG-N1> - ∆wTenol/Uenol-N1) (∆wGenol-N1 - ∆wTenol/Uenol-N1)-1] 

pTenol/Uenol = pES1 [(<∆wT/U-N3> - ∆wGenol-N3) (∆wTenol/Uenol-N3 - ∆wGenol-N3)-1] 

To further verify the consistency of these values with the RD data, and also refine 

the mismatch specific exchange parameters, we used these parameters and their 

uncertainties as initial guesses to re-fit the RD profiles to a 3-state model with a specific 

linear topology (wobble⇌G•Tenol/Uenol⇌Genol•T/U) that is supported by computational 

modeling. A satisfactory fit was obtained in all cases (Supplementary Table 3.4) yielding 

pGenol, pTenol/Uenol, and Kt values similar to the initial estimates.  

3.12.12 Defining the lower limits of rapid tautomeric exchange 

Owing to experimental limitations, it was not possible to uniquely determine kt 

for each fitted resonance (Supplementary Table 3.2). Instead, we were able to determine 

the lower bounds for kt by performing a grid search [197] over kTenol/Uenol versus kt 

parameter space while all other parameters were held constant to those values reported 
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in Supplementary Table 3.2. kTenol/Uenol was iterated near the B-M fitted value reported 

(Supplementary Table 3.3) in 31 logarithmically spaced increments. Simultaneously, kt 

was iterated from 103 to 108 s-1 in 31 logarithmically spaced increments. For each of the 

961 combinations of kTenol/Uenol and kt we calculated 𝜒rfor the simulated versus known R1ρ 

values. The combinations of kTenol/Uenol versus kt were each given a weight, calculated as: 

𝑍X(𝜒
r) = [ÃÄ.Æ⋅ÈÉÊ

Ë

Ì [ÃÄ.Æ⋅ÈÉÍ
Ë

Î

ÍÏÐ

  

Where Δ𝜒X
r = 𝜒X

r − 	𝑚𝑖𝑛	𝜒r. Here, the largest Z value reflects the most probable fit 

compared to all other possible combinations. Values are then scaled from 0 to 1, with 1 

(red) the most and 0 (blue) the least probable solution (Figure 3.7 and Supporting Figure 

3.4). 

3.12.13 Calculating stacking overlap 

Stacking overlap (measured as the Å2 geometric overlap) between dG•dT in 

wobble or Watson-Crick-like conformation with 5′ and 3′ neighboring Watson-Crick 

base pairs was computed for the five DNA duplexes analyzed in this study (Supporting 

Figure 3.2a) using 3DNA [225]. We report (Figure 3.9) the gain or loss in stacking 

overlap in transitioning from a wobble dG•dT mismatch to a WC-like dG•dT (∆Å2 = 

Å2(WC) – Å2(WB)). To calculate this, we first obtain DNA duplexes containing wobble 

dG•dT mismatches from the Protein Databank (PDB) [226]. An in-house program was 

used to identify high-resolution X-ray structures with ≤3Å resolution for DNA duplexes 
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containing wobble dG•dT mismatches in different sequence contexts. The Å2 geometric 

overlap was calculated using 3DNA and averaged across duplicate sequences. The 

average for each wobble sequence context was then saved. The corresponding WC-like 

dG•dT mismatch duplexes were built using make-NA (J. Stroud, make-NA, 

http://structure.usc.edu/make-na/server.html; 2011). The data shown in Figure 3.9 was 

calculated when excluding exocyclic groups from the geometric overlap calculation; 

however similar results were obtained when including the exocyclic groups.  

3.12.14 Kinetic modeling 

3.12.14.1 Implementation 

Simulations were performed to model kinetic mechanisms (Figure 3.12 and 

Supporting Figure 3.7) using the Python programming language to solve for the 

network of differential equations describing the time- and [dNTP]-dependent species 

populations for correct and incorrect incorporation events. Input for the simulations 

included the microscopic rate constants (Supplementary Table 3.7) for nucleotide 

binding and dissociation (k1 and k-1); the forward and reverse conformational changes (k2 

and k-2); phosphodiester bond formation and breakage (k3 and k-3); and NMR-derived 

rate constants describing the triangular tautomer/anion network (kGS®ES1, kGS®ES2, kES1®GS, 

kES2®GS, kES1®ES2,, kES2®ES1). Rate constants for conformational change (k2 and k-2) were 

assumed to be the same for incorporation of ES1 and ES2. Rate constants for 

phosphodiester bond formation for dG•dT were assumed to be identical to that of 
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dG•dC. The microscopic rate constants for correct dG•dC incorporation were obtained 

from prior studies [10, 12, 215] for a variety of polymerases and pH/temperature 

conditions and are listed in Supplementary Table 3.7.  

The kinetic simulations were performed in a manner analogous to a benchtop 

pre-steady-state kinetic experiment, where the kinetic parameters for correct and 

incorrect incorporation are determined by two separate assays rather than by direct 

competition. The incorporation time was varied at multiple dNTP concentrations in 

order to derive kobs, kpol, and Kd values for a given incorporation scheme. Time points for 

correct incorporation were: 0.001, 0.005, 0.01, 0.05, 0.1, 0.1, 0.2, 0.3, 0.5, and 1 second. 

Time points for incorrect incorporation were: 1.0, 2.0, 3.0, 4.0, 5.0, 6.0, 7.0, 10.0, 15.0, 30.0, 

and 60.0 seconds. Time points were ‘collected’ by recording the product species 

population at each time point. dNTP-concentrations were varied by multiplying the 

[dNTP] value by the estimated dNTP association rate constant (k1 = 100 s-1 µM-1), which 

is assumed to be limited by diffusion. Free dNTP concentration was assumed to be 

invariant over the course of the simulation. dNTP concentrations used for correct 

incorporation were: 0.625, 1.25, 2.5, 5, 10, 20, 40, 80, 200 µM; and for incorrect were: 50, 

100 200, 300, 500, 750, 1000, and 1500 µM. It is assumed that the [E•DNA] binary 

complex is pre-formed for both correct and incorrect incorporation models. The time 

dependence of product (DNAn+1) concentration was recorded at multiple time points for 

each dNTP concentration and fit to, 
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[𝑝𝑟𝑜𝑑𝑢𝑐𝑡, 𝑡] = 𝐴(1 − 𝑒�Ó¯ÔÕ,) 

where [product, t] is the concentration of the product (DNA+1) species at time = t, 

and kobs is the dNTP-concentration dependent rate of polymerization and A is a pre-

exponential factor. The dependence of kobs on [dNTP] was fit to,  

𝑘T3b = 	
𝑘STU 	× 	 [𝑑𝑁𝑇𝑃]
𝐾c + [𝑑𝑁𝑇𝑃]

 

where kpol is the maximum nucleotide incorporation rate constant. Kd is the 

apparent equilibrium dissociation constant for the dNTP, which does not reflect the true 

nucleotide equilibrium dissociation constant and should be regarded as a Km value [227]. 

Calculations were done for both correct and incorrect incorporation pathways and used 

to compute the misincorporation frequency (Fpol): 

𝐹STU =
)
𝑘STU
𝐾c

/
XY+TZZ[+,

)
𝑘STU
𝐾c

/
+TZZ[+,

 

For simplicity, all kinetic simulations treat the very rapid equilibrium tautomeric 

dG•dTenol⇌dGenol•dT equilibrium as a single aggregate ES1 species 

(dGenol•dT+dG•dTenol). However, similar results were obtained when explicitly treating 

the two tautomeric species using the NMR-derived Kt and kt assuming the 

computationally supported linear topology (wobble⇌dG•dTenol⇌dGenol•dT; data not 

shown).  
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3.12.14.2 Microscopic rate constants used in kinetic simulations 

Kinetic simulations reported in Figure 3.13 utilize the microscopic rate constants 

reported for correct incorporation of a dG•dCTP base pair by human DNA polymerase 

e (left), rat DNA polymerase b (middle), and T7 DNA polymerase (right) [10-12, 116, 

215]. Fpol values (MES1+ES2, MES1, MES2) in Figure 3.15 (left) are calculated with the Pol e 

mechanisms using GGC sequence data, and similar trends are observed with other 

models and sequences. Fpol models (M) were compared with pH-titration data for AMV 

RT [145], however lack of a comprehensive description of AMV RT precluded direct 

simulation of an AMV RT mechanism. Therefore, kobs values in Figure 3.15 and 3.16 were 

calculated using the Polymerase b mechanism, to directly compare with experimental 

results; when necessary ES2 populations and kinetics were extrapolated to match 

experimental conditions (See Methods). Finally, the model was independently verified 

using KinTek Explorer (Kintek)[227]. 

3.12.14.3 Exchange parameters for kinetic simulations 

Unless stated otherwise, exchange parameters for the CGC sequence deduced by 

NMR RD were used in the kinetic simulations given the availability of robust RD data at 

four different pH conditions. Similar results were obtained when using other sequence 

contexts (data not shown). In some cases, the populations and rate constants were 

interpolated to match the polymerase experimental conditions based on the linear 

dependence of ln(k) (where k is a rate constant) versus temperature or pH. This was 
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done for the data shown in Figure 3.13. In general, similar results (within <2-fold) were 

obtained when using exchange parameters measured under conditions that most 

resemble the polymerase experimental conditions without interpolation. In addition, 

interpolation was used to determine rate constants for negligible population of ES2 at 

low pH <8.0 in Figure 3.13. The ES2 populations at a desired pH were computed based 

on pKa values obtained from fitting the measured ES2 populations versus pH while 

forward rate constants were determined from a linear fit to ln(kGS®ES2) with pH while 

(kES2®GS) is pH-independent. The population of ES1 and GS⇌ES1 rates of exchange were 

assumed to be pH-independent as supported by the RD NMR data (Supplemental Table 

3.5). Interpolation was also used to determine rate constants and populations for ES2 at 

high temperatures/pH for CGA, TGA, GGG (indicated with *) to allow comparison to 

experimental data in Figure 3.16.  

3.12.14.4 Parameters and system of differential equations used in kinetic simulations 

Below is a description of all the parameters and system of differential equations 

used in the simulations. 

Rate constants as listed in Supporting Figure 3.7 

k1 = dNTP-on rate constant (s-1 uM-1) 

k-1 = dNTP-off rate constant (s-1) 

k2 = forward conformational change rate constant. Subscript t or a indicate transition 

from either tautomeric ES1 or anionic ES2.  
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k-2 = reverse conformational change rate constant. Subscript t or a indicate transition from 

either tautomeric ES1 or anionic ES2.  

k3 = forward phosphodiester bond formation rate constant. 

k-3 = reverse phosphodiester bond formation rate constant. 

kGS®ES1= forward rate constant of tautomeric ES1 formation. 

kES1®GS = reverse rate constant of tautomeric ES1 formation. 

kGS®ES2 = forward rate constant of anionic ES2 formation. 

kES2®GS = reverse rate constant of anionic ES2 formation. 

kES1®ES2 = rate constant for minor exchange from tautomeric ES1 to anionic ES2. 

kES2®ES1 =rate constant for minor exchange from anionic ES2 to tautomeric ES1. 

Kinetic Species 

E•DNA = Binary complex of a polymerase and primer-template DNA complex. 

E•DNA•dNTP = Initial ternary complex following dNTP binding of a correct dNTP.  

E•DNA•dNTP(WB) = Initial ternary complex following dNTP binding of an incorrect 

dNTP, assumed to adopt a wobble configuration.  

E•DNA•dNTP(ES1) = Ternary complex with a Watson-Crick-like incorrect base pair 

adopting a tautomeric ES1 conformation. 

E•DNA•dNTP(ES2) = Ternary complex with a Watson-Crick-like incorrect base pair 

adopting an anionic ES2 conformation.  
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E′•DNA•dNTP = Ternary DNA, dNTP, polymerase complex that has undergone 

conformational change and is poised for catalysis with either a Watson-Crick or Watson-

Crick-like base pair.  

E′•DNAn+1•PPi = Product DNA(n+1) species following phosphodiester bond formation.  

Differential Equations for Correct Incorporation 

c[Ö•×ØÙ]
c,

 = k–1[E•DNA•dNTP] – k1[E•DNA] 

c[Ö•×ØÙ•cÚ±Û]
c,

 = k1 [E•DNA][dNTP] – k–1[E•DNA•dNTP] + k–2[E¢•DNA•dNTP] – 

k2[E•DNA•dNTP] 

cÜÖÝ•×ØÙ•cÚ±ÛÞ
c,

 = k2[E•DNA•dNTP] – k–2[E¢•DNA•dNTP] + k–3[E¢•DNAn+1•PPi] – 

k3[E¢•DNA•dNTP]  

cÜxÝ•ßÚ0®àÐ•ÛÛÊÞ
c,

 = k3[E¢•DNA•dNTP] – k–3[E¢•DNAn+1•PPi]  

Differential Equations for Incorrect Incorporation 

c[Ö•×ØÙ]
c,

 = k–1[E•DNA•dNTP(WB)] – k1[E•DNA] 

c[x•ßÚ0•cÚ±Û(º4)]
c,

 = k1[E•DNA][dNTP] – k–1[E•DNA•dNTP(WB)] – 

kGS®ES1[E•DNA•dNTP(WB)] – kGS®ES2[E•DNA•dNTP(WB)] + 

kES1®GS[E•DNA•dNTP(ES1)] + kES2®GS[E•DNA•dNTP(ES2)] 

c[x•ßÚ0•cÚ±Û(xwp)]
c,

 = kGS®ES1[E•DNA•dNTP(WB)] + k–2t[E¢•DNA•dNTP] + 

kES2®ES1[E•DNA•dNTP(ES2)] – kES1®GS[E•DNA•dNTP(ES1)] – 

k2t[E•DNA•dNTP(ES1)] – kES1®ES2[E•DNA•dNTP(ES1)] 
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c[x•ßÚ0•cÚ±Û(xwr)]
c,

 = kGS®ES2[E•DNA•dNTP(WB)] + k–2a[E¢•DNA•dNTP] + 

kES1®ES2[E•DNA•dNTP(ES1)] – kES2®ES1[E•DNA•dNTP(ES2)] – 

k2a[E•DNA•dNTP(ES2)] – kES2®GS[E•DNA•dNTP(ES2)] 

c[xá•ßÚ0•cÚ±Û]
c,

 = k2t[E•DNA•dNTP(ES1)] + k2a[E•DNA•dNTP(ES2)] +  

k–3[E¢•DNAn+1•PPi] – k–2t[E¢•DNA•dNTP] – k–2a[E¢•DNA•dNTP] – 

k3[E¢•DNA•dNTP] 

c[xá•ßÚ0®àÐ•ÛÛÊ]
c,

= k3[E¢•DNA•dNTP] – k–3[E¢•DNAn+1•PPi] 

3.12.15 Kinetic assays 

All DNA substrates (Supplementary Table 3.8) used in pre-steady-state kinetic 

assays were purchased from Integrated DNA Technologies, INC. (Coralville, IA, USA), 

purified by denaturing PAGE, and recovered using the crush and soak method. Purified 

DNA oligonucleotide primers were 5′-radiolabeled by incubating with Optikinase and 

[γ-32P]ATP for 3 hr at 37 °C and then purifying from free [γ-32P]ATP by passing through 

a Bio-Spin 6 column (Bio-Rad). The 5′-radiolabeled primers were annealed to DNA 

oligonucleotide templates by mixing the primer with a 1.15-fold molar excess of a 

complementary template and incubating the mixture at 95 °C for 5 min before cooling 

slowly to room temperature over several hours. For pre-steady-state kinetic assays, a 

pre-incubated solution of 300 nM human DNA polymerase β and 30 nM 5′-radiolabeled 

DNA substrate in reaction buffer (50 mM Tris-Cl, pH 8.4 at 25 °C; 50 mM NaCl; 0.1 mM 

EDTA; 5 mM MgCl2; 5 mM DTT; 0.1 mg/mL BSA; and 10% glycerol) was rapidly mixed 
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with reaction buffer containing either 100 µM dCTP or 100 µM dTTP. Reactions were 

quenched after varying incubation times with the addition of 0.37 M EDTA. All reported 

concentrations in the reaction mixtures are final. Fast reactions were performed using a 

rapid chemical quench-flow apparatus (KinTek). Reaction products were separated by 

denaturing polyacrylamide gel electrophoresis (17% acrylamide, 8 M urea) and 

quantitated using a Typhoon Trio or RGB (GE Healthcare) and ImageQuant (Molecular 

Dynamics). All kinetic data were fit by nonlinear regression using KaleidaGraph 

(Synergy Software). Product concentration was plotted against reaction time and a 

single-exponential equation, [product] = A[1 – exp(-kobst)], was fit to the data to yield the 

observed nucleotide incorporation rate constant kobs. All reactions were carried out in 

triplicate and the reported errors reflect the standard deviation from the average value 

determined from three measurements of kobs. 

.
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4. Alternative models of misincorporation 
4.1 Introduction 

The model proposed in Chapter 3 (Mwobble) in which the 

tautomerization/ionization step occurs following dNTP binding as a wobble to the 

polymerase recapitulates the measured Kd and kpol data for a variety of polymerases 

under different pH conditions and for mutagenic bases. However, this does not exclude 

the possibility that there are other models that can equally satisfy the experimental data 

as well. In this chapter, we first ask whether there are other plausible kinetic rate 

constants for the tautomerization/ionization step that could satisfy the data, in which the 

polymerase alters tautomerization/ionization kinetics. Second, we ask whether there are 

models in which tautomerization/ionization occurs prior to binding to the polymerase as 

originally envisioned by Topal and Fresco [123]. 

4.2 Examining alternative tautomerization kinetics 

One of the major findings from Chapter 3 was that the population and rate of 

tautomeric exchange measured in naked DNA duplexes could explain rates and 

frequency of misincorporation errors in the entirely different context of a polymerase. 

We asked the question; keeping the same Mwobble model, were there any other solutions 

for the populations and exchange rates of the re-equilibration step that recapitulate 

misincorporation data? If this were the case, we could not rule out that the polymerase 

does indeed affect the exchange kinetics and energetic landscape. 
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We investigated the total solution space of Mwobble by determining what sets of 

forward and backward kinetic rate constants for the tautomerization step could 

recapitulate experimental data (kpol = 0.4 – 0.8 s-1, Kd = 600 – 800 µM, Fpol = 10-5 – 10-4). To 

determine the solution space of the model we carried out an unbiased gird search where 

the forward and reverse rate constants were varied logarithmically in 100 stepwise 

iterations from 10-1 – 106 s-1 and 10-3 – 106 s-1, respectively, for a total of 10,000 unique sets 

of rate constants for the Mwobble tautomerization step. 

We find that there is a narrow continuous set of solutions satisfying the model 

(Figure 4.1). These solutions can be divided into two sets; the first set features low 

populations of the tautomeric state and fall within the solutions measured by NMR. A 

second set of solutions feature a much higher population (> 10%) of the tautomeric state 

arising due to decrease in the backwards rate (Figure 4.1). In contrast to the 

thermodynamically controlled tautomer solution such a model would be governed by 

kinetics. The slowdown of kpol during incorrect incorporation would be due to the rate-

limiting slow forward step, and necessary additional discrimination is derived from the 

kinetic partitioning between the fast off rate of the wobble dNTP and slow forward rate 

of ES formation. This is compared to the normal tautomeric ES, where additional 

discrimination is derived from the kinetic partitioning of the tautomeric WC-like base 

pair between a fast reverse rate to WB and comparatively slow forward rate.  
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Therefore, in principle, the polymerase active site could alter the energy 

landscape to significantly favor the WC-like tautomer. Significant portions of this 

solution space predict that in the polymerase active site, the WC-like tautomeric state is 

the favored species relative to the GS wobble. Support for such an effect comes from a 

computational study which investigated the thermodynamic stability of dG•dT 

mispairs in the active site of mutant X-family pol λ/DL [57, 134], the same polymerase 

used to characterize an active site WC-like dG•dT [57]. Calculations within the active 

site of pol λ/DL were performed by taking the crystal structure of pol λ\DL with a WC-

like dG•dT (PDBID: 3PML)[57] and modifying the base pair proton positions to either 

that of a dG•dT, dG•dTenol, or dGenol•dT base pair and running an MD simulation, 

details given in [134]. Free energy calculations indicate that both Genol•T and G•Tenol are 

highly stabilized within the active site, relative to the wobble base pair: G•T ⇌ Genol•T = 

-0.2 kcal mol-1 and G•T ⇌ G•Tenol = 1.8 kcal mol-1, with minimal changes to the overall 

structure of the active site (Figure 4.2).  

The calculated energetic stability of WC-like dGenol•dT bp in pol λ/DL may 

explain why the pol λ/DL mutant crystal structure was observed with a WC-like base 

pair, rather than the typically observed WB. The mutant polymerase may not be 

representative of all polymerase energetics and additional studies are needed to 

determine the energetics of WC-like bp within the active site of wild type polymerases.  
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This result and alternative Mwobble solution would predict that closed mismatched 

polymerase conformations would be observed more frequently. However, based on a 

variety of studies ranging from crystallography [54, 58, 216], fluorescence [228-231], and 

SAXS [217], mismatched base pairs including dG•dT, dG•dA, and dA•dA do not form 

a closed polymerase complex, preferentially adopting the ajar or open state. Specifically, 

studies of a polymerase complex with ternary complex dG•dT mismatches [58, 217] are 

shown to adopt the ajar conformation, and not a highly populated equilibrium closed 

state as predicted by this model. Finally, the highly populated alternative solution to 

Mwobble; must have a kinetically slow transition between the WB and WC-like tautomer. If 

the forward kinetic rate was not reduced as population is increased, the probability of 

misincorporation would be much greater than measured experimentally due to the 

highly populated and readily formed WC-like species.  
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Figure 4.1: ‘Model-Free’ solution to the tautomer model of misincorporation 

The forward and reverse rate constants of the tautomerization step in the Mwobble 
model of misincorporation were allowed to vary over orders of magnitude. Rate 
constant combinations that satisfactory replicate experimental data are colored. Color is 
according to the equilibrium excited state population defined by that set of rate 
constants. Grey indicates the total search space, and the black data point is average of 
the tautomer excited state as measured in duplex.  
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Figure 4.2: MD structure of WB and WC-like base pair in pol λ/DL 

Overlaid MD structures of dGTP•dT wobble (dark grey), dGTPenol•dT (blue), 
and dGTP•dTenol (pink) within the active site of polymerase λ/DL as calculated in [134]. 
All three polymerase structures are shown overlaid in grey, no significant differences 
are discernable. 

4.3 Topal and Fresco direct binding alternatives 

Mwobble assumes that the tautomeric shift to a WC-like base pair occurs following 

initial formation of a dG•dT WB mismatch. However, in principle, the tautomeric shift 

could also occur prior to binding, as proposed originally by Topal and Fresco [123]. 

Their original model did not allow for formation of WB mismatches within the 

polymerase active site. Rather, it was assumed that misincorporation occurs solely via 

tautomerization prior to binding and binding as the dominant tautomeric form was not 

considered (Figure 4.3). This direct binding model can easily be refuted.  
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As noted by Topal [138] and elaborated in this chapter, such a model predicts 

that fidelity is derived solely from differences in binding of correct versus incorrect 

dNTPs (Kd) and cannot account for the experimentally observed contributions to fidelity 

arising from differences in kpol [12, 139]. Ionization of bases has also been shown to 

promote misincorporation [145, 232] and could theoretically occur via ionization pre-

binding. If ionization happens prior to binding, it would be expected that the pKa of 

misincorporation would be equal to that of free dNTP. However, this is not the case; the 

pKa for dTTP, 5BrdUTP and 5FdUTP are consistently 1 – 1.5 units lower than the pKa  of 

misincorporation [145]. Indeed, misincorporation pKa is in better agreement with the 

anionic ES measured in duplex [145, 152, 232]. 

 

Figure 4.3: Kinetic model of Topal-Fresco direct tautomeric binding 

Nevertheless, there is a need to expand the mechanism introduced in Chapter 3 

to include direct binding of tautomeric and anionic species. It is possible that after 

considering WB formation, tautomerization or ionization prior to binding becomes a 

viable pathway for misincorporation. Expanding the model to accommodate direct 

binding of a tautomeric species is also needed to account for some mutagenic bases, such 

as O6-methylguanine (Figure 4.4), which exists in a tautomeric-like form and is proposed 

to bind directly in a WC-like configuration [98]. Here, we construct and test variations of 
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Topal-Fresco direct binding models involving tautomeric shifts both before and after 

binding. The models are evaluated using the kinetic framework established in Chapter 3. 

 

 

Figure 4.4: O6-methylguanine•T/U Watson-Crick-like base pair 

4.3.1 Basic Topal-Fresco model  

We constructed a kinetic mechanism of ‘Topal-Fresco’ incorporation based on the 

established minimal model of correct incorporation (MTF, Figure 4.3 and 4.5 and 

Supporting Figure 4.1), under the assumption that only a tautomeric mismatched base 

may bind to the polymerase. This model starts with polymerase pre-bound to 

primer/template DNA (E•DNA). Free dNTPs can exchange to tautomeric dNTPs 

(dNTP*) in solution, which then bind directly to the template base as a WC-like base 

pair. This species then undergoes a conformational change (k2) and phosphodiester bond 

formation (k3) resulting in the incorporation of a mismatch [10, 11, 116, 232]. In its 

simplest form, the model assumes non-tautomeric non-complementary nucleotides are 
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unable to bind to the polymerase; thus, mismatched dG•dT WB base pairs are 

prohibited from forming [138, 139, 166]. This assumption will later be relaxed as we 

explore more complex models. 

A few assumptions need to be made regarding some rate constants in the model. 

The Kd of the incoming tautomeric dNTP (dNTP*), which forms a three hydrogen 

bonded WC base pair, is assumed to be the same as a cognate three h-bonded WC 

dG•dC base pair (Kd = 19 µM). Assumptions also need to be made about the kinetics 

and thermodynamics of free dNTP tautomerization. In general, the results reported here 

use 10-5 as the baseline dNTP* equilibrium in solution (Ktaut; Ktaut was varied between 10-6 

– 10-4 and results are discussed where applicable). A rapid tautomeric equilibrium is 

assumed; kex(free, taut) = 109 s-1 where the individual forward and reverse rate constants are 

calculated as: (ktaut(free) = kex(free taut) x Free Tautomer Population) and (k-taut(free) = kex(free taut) – 

ktaut(free)). For example, at Ktaut = 10-5, ktaut(free) = 10,000 s-1. Support for rapid equilibrium 

comes from gas phase and solution phase spectroscopy studies which estimate short 

lifetimes of tautomeric species [153]; however, variations to kex(free, taut) over a wide range 

result in negligible changes to the conclusions presented here, as dNTP ⇌ dNTP* 

achieves equilibrium rapidly. 

Experimental in vitro dG•dT misincorporation kinetic parameters across 

polymerases and conditions are approximately kpol(GT) ~ 0.1 – 1.0 s-1 and Kd(GT) ~ 1mM, Fpol 

~ 10-5. In contrast to experimental kinetic parameters, MTF, where only a free tautomeric 
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base can bind, predicts a correct incorporation-like kpol (> 200 s-1) and a very large Kd (> 

200mM) (Figure 4.5 and Supporting Figure 4.1) at Ktaut = 10-5. Fpol values predicted by MTF 

(~ 10-5) agree with experimentally observed Fpol values, however, inspection of the 

individual kinetic components reveal that all discrimination is derived from differences 

in the dNTP binding equilibrium (simulated Kd ≫ experimental Kd) and no 

discrimination via the rates of reaction (kpol correct ~ kpol incorrect). This result is not 

surprising given the similar conclusions reached by Topal [138] and Fresht [139] and is 

not representative of experimental observations. 

The very weak Kd and very fast misincorporation kpol of MTF arise due to the fact 

that the WB is specifically prohibited from forming. The apparent Kd obtained by the 

model is relative to the dNTP concentration, which is not the true substrate. Therefore, 

the modeled apparent Kd is a product of Ktaut and the intrinsic dNTP* Kd. The kpol remains 

the same as correct incorporation because nothing is acting to slow down the maximum 

rate of incorporation, but substrate concentration dependent kobs values are decreased 

relative to correct incorporation.  

An anion only interpretation of MTF would result in similar disagreements 

between the modeled and experimental kinetic parameters. The benefit of an anionic 

interpretation of this model is that Ktaut does not need to be assumed, as the population 

of free anionic dNTP can be calculated based on the known dNTP pKa. Misincorporation 

pKa can also then be used as a model test metric. As mentioned previously 
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misincorporation pKa is elevated ~ 1 – 1.5 units higher than the free dNTP pKa [145]. 

Since MTF relies on the ionization of free dNTP, the MTF misincorporation pKa ~ dNTP 

pKa which disagrees with experimental pKa values. 

Therefore, MTF  can be refuted due to the inability to recapitulate experimentally 

observed misincorporation kpol and Kd values. 

 

Figure 4.5: Kinetic schematic and results of MTF  

Cartoon representation of the kinetic mechanism of MTF(top); and results for 
individual kinetic parameters as determined by simulated presteady state kinetic 
experiments at multiple tautomeric equilibrium (Ktaut) values. Green areas indicate 
approximate ranges of experimental observed values for dG•dT incorporations. 
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4.3.2 Expanded and hybrid models for misincorporation via 
tautomerization 

MTF explicitly prohibited the formation of any mismatched base pair other than a 

tautomeric WC-like mismatch. However, multiple polymerases crystal structure with an 

active site dG•dT WB have been observed [54, 58, 216]. Thus, a more plausible model 

includes the formation of a non-catalytic polymerase complex with the WB mismatch; 

either as the first binding event, or following binding as a tautomeric base. Here, we will 

first expand MTF through the addition of a kinetic dead-end wobble ternary complex 

(MDeadEnd) where once formed the wobble cannot be incorporated. Later, we will merge 

the direct incorporation pathway and Mwobble [232] by introducing a tautomeric re-

equilibration process between the WB and WC-like base pairs within the polymerase 

active site. 

4.3.2.1 Dead End Model 

The ‘Dead-End Wobble’ model (MDeadEnd) still strictly follows the Topal-Fresco 

assumption that re-equilibration of the base pair is prevented post-binding (Figure 4.6 

and Supporting Figure 4.1); the only pathway for misincorporation is via direct binding 

of a dNTP*. However, a key feature of this model that differs from the original Topal-

Fresco model is that it allows non-tautomeric dNTPs to bind as a WB in a kinetically 

dead-end species, where their only option is to dissociate. Surprisingly, the idea of a 

completely catalytically dead-end WB complex has not been previously discussed in the 

literature. The earliest iteration of something similar was discussed by Fresht [139] who, 
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as described in Chapter 1, recognized upon measuring the steady state misinsertion 

kinetics of Pol I, that polymerase active sites must non-productively bind the 

mismatched base pair in its dominant tautomeric form. 

In this model, the Kd for the non-tautomeric dNTP to bind as a WB base pair is 

assumed to be 700 µM, as previously described [12, 232]. Interestingly, at Ktaut = 10-5, 

MDeadEnd is able to recapitulate experimental data (kpol = 0.1 s-1, Kd = 700 µM, Fpol = 1 x 10-5). 

Two effects are observed upon the addition of the dead-end WB complex compared to 

MTF. First, the kpol value decreased substantially. Second, the apparent Kd is now tighter 

then the apparent Kd in MTF but still weaker the intrinsic Kd of dNTP* and reflects the 

intrinsic Kd of the WB complex. These changes are as expected for such kinetic models 

often referred to as “non-productive binding” [103]. This is similar to having a 

competitive inhibitor (i.e. the non-tautomeric WB) but with a critical distinction. 

Whereas a competitive inhibitor decreases the apparent Kd (Km) of a reaction and leaves 

kpol (kcat) unaltered, non-productive binding both weakens the apparent Kd and decreases 

kpol. In a conventional competitive inhibitor system, the addition of substrate can be used 

to outcompete inhibitor, decreasing Km but not kcat. Out competition is not possible with 

non-productive binding, since both the productive and non-productive forms of 

enzyme-substrate complex are derived from the same substrate. This effectively reduces 

the enzyme concentration, lowering kpol (the maximum rate at which product can be 

produced).  
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The presence of alterative binding modes, dNTP as WB and dNTP* as WC-like, 

changes the determining feature of the apparent Kd. In MTF, where there was an 

abundance of available active sites, the very weak Kd was a product of the intrinsic 

dNTP* and Ktaut, as rare tautomer formation limited binding. In MDeadEnd, free dNTP* are 

at equilibrium but are in competition for an active site with the much greater 

concentration of [dNTP] ([dNTP] ≫ [E] ≫ [dNTP*]). The ability of a dNTP* to bind a 

polymerase becomes dependent on the Kd of the non-productive WB complex and how 

often a polymerase active site becomes available. Therefore, the apparent Kd from the 

assay is the Kd of the non-productive WB complex. These effects allow for a model in 

which tautomerization occurs prior to binding to correctly partition relative 

discrimination from kpol and Kd; and obtain Fpol values and kinetic parameters in 

agreement with experimental data.   
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Figure 4.6: Kinetic schematic and modeling of MDeadEnd 

Cartoon representation of the kinetic mechanism of MDeadEnd (top); and results for 
individual kinetic parameters as determined by simulated presteady state kinetic 
experiments at multiple tautomeric equilibrium (Ktaut) values. Green areas indicate 
approximate ranges of experimental observed values for dG•dT incorporations. 
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4.3.2.2 Dual Model 

The most general model (MDual) allows tautomerization to occur either before or 

after polymerase binding (Figure 4.7). This is essentially removing the dead-end aspect 

of MDeadEnd by incorporating the pathway inherent to Mwobble. 

To simulate MDual, the WB to WC tautomerization rate constants are modeled as 

kt = 6.53 s-1 and k-t= 3231 s-1; the average forward and reverse rate for ES1 formation in 

duplex as reported previously for multiple sequences [232]. For Ktaut = 10-5, MDual well 

recapitulates experimental data (kpol = 0.35 s-1, Kd = 700 µM, Fpol = 4 x10-5) (Figure 4.7 and 

Supporting Figure 4.1). A lower limit asymptote to kpol and Fpol is apparent as Ktaut < 5 x 

10-5 (Supporting Figure 4.1). At this point the flux [233] proceeds primarily through the 

wobble pathway, providing a lower ‘speed limit’ that is independent of Ktaut. Inversely, 

as Ktaut is increased, misincorporation proceeds predominantly via incorporation of free 

tautomeric bases. MDual robustly replicates experimental data across a wider range of 

Ktaut values than MDeadEnd due to active site re-equilibration. At low Ktaut, as described, a 

lower limit is defined by the Ktaut independent active site WB to WC transition. At high 

Ktaut values, the rapid active site WC-like to WB (k-t) rate constant serves to temper 

excessive incorporation from free dNTP*s. MDual beings to majorly diverges from 

experimental observations as Ktaut > 10-3 (Supporting Figure 4.1)  

Both MDeadEnd and MDual are in better agreement with experimental results than the 

initial MTF pathway due primarily to the inclusion of the WB ternary complex, which 
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results in occupied mostly non-productive active sites. Based on these two models with 

the tautomer alone, it cannot be completely ruled out that an extension of the Topal-

Freso model that includes dead-end wobble binding is able to sufficiently explain 

experimental data. 

 

Figure 4.7: Kinetic schematic and modeling of MDual 

Cartoon representation of the kinetic mechanism of MDual (top); and results for 
individual kinetic parameters as determined by simulated presteady state kinetic 
experiments at multiple tautomeric equilibrium (Ktaut) values. Green areas indicate 
approximate ranges of experimental observed values for dG•dT incorporations. 
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Lastly, modeling of MDeadEnd and MDual with both tautomeric and anionic dNTPs is 

limited due to lack of literature values for the anionic dNTP Kd or comprehensive pH-

dependent experimental kpol and Kd values. Exploratory modeling of pH-dependent 

MDeadEnd and MDual has shown that experimental data can be recapitulated if the anionic 

dNTP binding affinity is weak.  

4.4 Discussion 

This chapter has shown that while Mwobble well replicates experimental data 

across a wide range of conditions we cannot rule out alternatives. While polymerase 

environment is unlikely stabilizing the tautomeric WC-like ES to such a degree that it 

becomes the GS; we cannot rule out more modest changes (e.g. pES = 1 – 10%) to the 

energetic landscape within the polymerase active site and will need further NMR 

experiments targeting active site mismatched base pairs. The challenge for these 

experiments will be identification of a suitable model system that is NMR observable 

and non-catalytic. Even small polymerases push up against the size limitations for 

solution state NMR; and common modifications to prevent catalysis (di-deoxy primer, 

metal substitutions, modified dNTPs) are deleterious to the proper coordination and 

formation of the polymerase active site. 

Modeling of kinetic misincorporation schemes in this chapter has revealed an 

alternative model (MDeadEnd), in which tautomerization takes place prior to binding to the 

polymerase active site, is able to recapitulate experimental data. MDeadEnd best agrees with 
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experimental data when modeled with Ktaut = 10-5.  Notably, slight variations to Ktaut lead 

to disagreement with experimental values (Supporting Figure 4.1) but it should not be 

surprising that Mwobble and MDeadEnd agree at Ktaut = 10-5 as both models are under 

thermodynamic control and derive the required fidelity of 10-5, albeit in two different 

ways. In Mwobble, two steps contribute to a total ~ 10-5 fidelity, as described in Chapter 3. 

First, binding contributes ~ 102 discrimination and active site tautomerization provides ~ 

103 discrimination. By assuming that the Kd for dNTP* in MDeadEnd is equal to the correct 

dNTP, binding discrimination has been removed and the entirety of fidelity is derived 

from the free tautomer equilibrium (Figure 4.8). This can be further demonstrated by 

artificially placing MDeadEnd under kinetic control by decreasing the rate constants of 

dNTP* binding but not altering the thermodynamic Kd. Decreasing the dNTP* on-rate 

and off-rate 100x results in a 100x decrease in kpol at Ktaut = 10-5 (kpol = 0.006 s-1) and 

concomitant decrease in Fpol (~8 x 10-7). Mwobble and MDeadEnd are also degenerate in 

apparent discrimination partitioning between apparent kpol and Kd values at Ktaut = 10-5. 

The lynchpin of the degeneracy is the Kd of the WB base pair, as it defines both the 

apparent Kd and the kpol slowdown, which can be understood by the ratio of the Kd 

values for productive and non-productive binding. 
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Figure 4.8: Thermodynamic control of MDeadEnd and MWobble 

Thermodynamically controlled Mwobble and MDeadEnd both obtain Fpol values in 
agreement with experimental values when MDeadEnd is modeled with Ktaut = 10-5. 
Discrimination factors are show for each step in red. Mwobble path proceeds: upper left → 
upper right → lower right. MDeadEnd path proceeds: upper left → lower left → lower right.  

 
Based on analysis with best estimates for Ktaut, MDeadEnd cannot be ruled out a 

priori. However, several lines of evidence would argue against MDeadEnd being the sole 

misincorporation pathway. First, it has been previously demonstrated that there is a 

sequence-dependence to misincorporation [234]. If MDeadEnd governed in vivo replication, 

there would not be expected to be a significant sequence-dependence to 

misincorporation Fpol values for two reasons. First, the formation of tautomeric and 

anionic dNTP takes place in solution and would not be influenced by the polymerase or 

i-1 stacking with the primer-template DNA. Second, sequence-dependencies could also 

arise via sequence-specific binding affinities; however, assuming that the correct dNTP 
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Kd and dNTP* Kd are approximately equal (as necessitated by the model), sequence 

specific changes to dNTP* Kd value are compensated by coupled changes to kpol resulting 

in the same specificity value for different Kd values, and therefore equivalent Fpol values. 

While detailed sequence-specific kinetic studies are limited, steady state kinetics of AMV 

RT and D. melanogaster DNA polymerase α show Fpol variations of 4-fold and 6-fold for 

dTTP•dG and 1.5-fold and 8-fold for dGTP•dT incorporations, respectively [206].  

As discussed in section 4.3.2.1, MDeadEnd is a ‘non-productive binding’ kinetic 

scheme and alterations to the Kd of the non-productive complex will cause concomitant 

changes with the apparent kpol value: a tighter non-productive Kd results in a decreased 

kpol and vice versa. A mutator version of Polymerase β with an I260Q mutation does not 

significantly alter the kinetic parameters of correct dNTP incorporation but tightens the 

Kd of dG•dT mismatch binding by ~6-fold relative to wild type [235]. Under MDeadEnd this 

mutation should result in an equivalent decrease of the mutant G•T kpol due to the 

tighter non-productive Kd, however, a slight increase is observed in the kpol of the I260Q 

mutant which is not consistent with MDeadEnd [235]. Additionally, limited 2-aminopurine 

fluorescence studies of dG•dT mismatches in pol β show evidence for a slow 

conformational change step occurring during misincorporation [235, 236]. It has been 

proposed that the slow conformational change step reflects the reopening of the fingers 

subdomain post-incorporation and may be influenced by a slowdown of prior steps. 

These data are not conclusive, and in some cases contrasting results have been observed 
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based on the precise location of the fluorescent tag, the temporal resolution of the 

experiment, and the identity of the mismatch and polymerase [231, 237-239]. Additional 

experiments will be required to fully resolve putative incorporation via these two 

models; either via direct observation of tautomeric transitions in the active site or 

sophisticated fluorescence studies which may be able to differentiate direct binding from 

active site re-equilibration.  

The concept of a kinetically dead WB complex also warrants discussion. Since the 

WB to WC-like transition has been observed in duplex DNA alteration of the WB/WC 

energetic landscape within the active site would be required for MDeadEnd. Preventing re-

equilibration could be energetically accomplished one of three ways: 1) stabilization of 

the WB ground state relative to ES, 2) destabilization of the WC ES relative to the GS, or 

3) slowing down the kinetics, presumably by increasing in the transition state energy 

relative to the GS and ES.  

If re-equilibration was energetically infeasible due to stabilization of the GS WB 

that would require that the polymerase preferentially stabilizes the mismatch WB 

relative to matched WC as compared to the DNA double helix. However, the opposite is 

true and the polymerase binds the correct dNTP with more discrimination (ΔΔG ~ 2.8 

kcal mol-1) compared to naked DNA (ΔΔG ~ 1.4 kcal mol-1) [72, 73]. If instead, re-

equilibration was prevented due to destabilization of the tautomeric WC-like bp, the 

destabilization would also manifest in the dNTP* Kd. Thus far, we have assumed that 



 

 

181 

dNTP* is able to bind with the same affinity (19µM) as a correct dNTP. However, 

assuming that the ES bp is sufficiently destabilized so as to prohibit re-equilibration (e.g. 

Kt < 10-6, ΔΔG > 8.5 kcal mol-1 as compared to RD measured Kt ~ 10-3 ΔΔG ~ 4 kcal mol-1) 

would require that direct binding of a dNTP* is destabilized and the assumed tight WC-

like Kd for dNTP* could not be correct and would necessitate a weaker intrinsic Kd. The 

level of destabilization required to reduce/prohibit active site re-equilibration would 

result in a dNTP* Kd that is at least as weak as a typical WB pair (700 µM). Under these 

conditions, MDeadEnd fails to replicate experimental results (Supporting Figure 4.1).  

Therefore, the most plausible scenario for MDeadEnd only pathway would be to 

slow down the transition between the WB and WC-like tautomer. One possible way to 

slow the forward rate would be via destabilization of the transition state. The proposed 

transition state between WB and ES1 places a positive change on the dG-O6 and 

negative charge on the dT-N3 which may be disfavored within the polymerase active 

site. Similarly, a proposed transition state for anionic WC-like pairs involves loss of a 

proton to water which may be unfavorable due to de-solvation of the active site. We do 

not have evidence to exclude this as a possibility 

Rather, it is possible that MDeadEnd occurs concurrently with Mwobble. Such a system, 

MDual, still robustly predicts experimental data and requires the fewest number of 

assumptions to be made about base pair energetics while still allowing for both direct 

binding and active site re-equilibration. This most generalized model of 
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misincorporation (i) synthesizes multiple non-mutually exclusive hypotheses of 

misincorporation, (ii) well replicates experimental data within a reasonable set of 

assumptions, and (iii) explicitly provides a pathway for WC-like mutagens such as O6-

methylguanine [98]. Further investigation of misincorporation events will benefit from 

direct measurements of the tautomerization equilibrium in the polymerase active site 

using NMR as well as increased-resolution systematic single-molecule fluorescence 

studies for mismatch incorporation in a variety of polymerases. 
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4.5 Supporting Figures 

 

Supporting Figure 4.1: Kinetic mechanisms and results for Topal-Fresco based 
incorporation models 
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Complete kinetic mechanisms for tautomer only incorporation of MTF, MDeadEnd, 

and MDual. Data is shown for Ktaut values between 10-6 and 10-3 for assumed dNTP* Kd 

values of both 19 µM (WC-like) and 700µM (WB-like). Red dotted lines indicate 

approximate values of kpol and Kd for dG•dT incorporation and blue dotted lines in kpol 

and Kd plots indicate approximate correct incorporation values. The blue dotted line in 

Fpol plots indicates the approximate observed in vitro Fpol value. 
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4.6 Materials and Methods 

4.6.1 Kinetic Modeling 

4.6.1.1 Implementation 

Simulations were performed to model kinetic mechanisms described in this 

Chapter using the Python programming language to solve for the network of differential 

equations describing the time- and [dNTP]-dependent species populations for correct 

and incorrect incorporation events. Input for the simulations included the microscopic 

rate constants for nucleotide binding and dissociation (k1 and k-1); the forward and 

reverse conformational changes (k2 and k-2); phosphodiester bond formation and 

breakage (k3 and k-3); NMR-derived rate constants describing the triangular 

tautomer/anion network (kGS®ES1, kGS®ES2, kES1®GS, kES2®GS, kES1®ES2,, kES2®ES1), direct-binding 

specific rate constants, and free NTP exchange rate constants. Rate constants for 

conformational change (k2 and k-2) were assumed to be the same for incorporation of ES1 

and ES2. Rate constants for phosphodiester bond formation for dG•dT were assumed to 

be identical to that of dG•dC.  

The kinetic simulations were performed in a manner analogous to a benchtop 

pre-steady-state kinetic experiment, where the kinetic parameters for correct and 

incorrect incorporation are determined by two separate assays rather than by direct 

competition. The incorporation time was varied at multiple dNTP concentrations in 

order to derive kobs, kpol, and Kd values for a given incorporation scheme. Time points for 

correct incorporation were: 0.001, 0.005, 0.01, 0.05, 0.1, 0.1, 0.2, 0.3, 0.5, and 1 second. 
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Time points for incorrect incorporation were: 1.0, 2.0, 3.0, 4.0, 5.0, 6.0, 7.0, 10.0, 15.0, 30.0, 

and 60.0 seconds. Time points were ‘collected’ by recording the product species 

population at each time point. dNTP-concentrations were varied by multiplying the 

[dNTP] value by the estimated dNTP association rate constant (k1 = 100 s-1 µM-1), which 

is assumed to be limited by diffusion. Free dNTP concentration was assumed to be 

invariant over the course of the simulation. dNTP concentrations used for correct 

incorporation were: 0.625, 1.25, 2.5, 5, 10, 20, 40, 80, 200 µM; and for incorrect were: 50, 

100 200, 300, 500, 750, 1000, and 1500 µM. It is assumed that the [E•DNA] binary 

complex is pre-formed for both correct and incorrect incorporation models. The time 

dependence of product (DNAn+1) concentration was recorded at multiple time points for 

each dNTP concentration and fit to, [𝑝𝑟𝑜𝑑𝑢𝑐𝑡, 𝑡] = 𝐴(1 − 𝑒�Ó¯ÔÕ,), where [product, t] is 

the concentration of the product (DNA+1) species at time = t, and kobs is the dNTP-

concentration dependent rate of polymerization and A is a pre-exponential factor. The 

dependence of kobs on [dNTP] was fit to, 𝑘T3b = 	
Óã¯°	×	[cÚ±Û]
äåæ[cÚ±Û]

, where kpol is the maximum 

nucleotide incorporation rate constant. Kd is the apparent equilibrium dissociation 

constant for the dNTP. Calculations were done for both correct and incorrect 

incorporation pathways and used to compute the misincorporation frequency (Fpol): 

𝐹STU =
)
𝑘STU
𝐾c

/
XY+TZZ[+,

)
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/
+TZZ[+,

 



 

 

187 

For simplicity, all kinetic simulations treat the very rapid equilibrium tautomeric 

dG•dTenol⇌dGenol•dT equilibrium as a single aggregate ES1 species 

(dGenol•dT+dG•dTenol). 

4.6.1.2 Modeled species and systems of differential equations 

Rate Constants 

kt(free) = free dNTP to tautomeric dNTP* rate constant (s-1)  

k-t(free) = free tautomeric dNTP* to dNTP rate constant (s-1) 

kon = diffusion limited dNTP-on rate constant (s-1 uM-1) 

koff(WB) = dNTP-off rate constant (s-1) for wobble-polymerase complex 

koff(TF) = dNTP-off rate constant (s-1) for ES1-polymerase complex 

k2 = forward conformational change rate constant. 

k-2 = reverse conformational change rate constant.  

k3 = forward phosphodiester bond formation rate constant. 

k-3 = reverse phosphodiester bond formation rate constant. 

kGS®ES1= forward rate constant of tautomeric ES1 formation. 

kES1®GS = reverse rate constant of tautomeric ES1 formation. 

Kinetic Species 

dNTP: Free nucleotide triphosphate 

dNTP*: Free tautomeric nucleotide triphosphate 

E•DNA: Polymerase-DNA Binary Complex 
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E•DNA•dNTP(WB): Polymerase-DNA-dNTP ternary complex with an active site 

wobble base pair 

E•DNA•dNTP(WC): Polymerase-DNA-dNTP ternary complex with an active site 

tautomeric Watson-Crick-like base pair 

E’•DNA•dNTP(WC): Polymerase-DNA-dNTP ternary complex with WC-like base pair 

post conformational change. 

E’•DNAn+1•PPi: Polymerase-DNAn+1-PPi ternary complex. 

Network of Differential Equations 

MTF 

𝑑[𝑑𝑁𝑇𝑃]
𝑑𝑡

= 	−𝑘,(iZ[[)[𝑑𝑁𝑇𝑃] + 𝑘�,(iZ[[)[𝑑𝑁𝑇𝑃 ∗]	 

𝑑[𝑑𝑁𝑇𝑃 ∗]
𝑑𝑡

= 	−𝑘�,(iZ[[)[𝑑𝑁𝑇𝑃 ∗] + 𝑘,(iZ[[)[𝑑𝑁𝑇𝑃] − 𝑘TY[𝑑𝑁𝑇𝑃 ∗][𝐸 • 𝐷𝑁𝐴] + 𝑘Tii(±è)[𝐸

• 𝐷𝑁𝐴 • 𝑑𝑁𝑇𝑃 ∗] 

𝑑[𝐸 • 𝐷𝑁𝐴]
𝑑𝑡

= 	−𝑘TY[𝑑𝑁𝑇𝑃 ∗][𝐸 • 𝐷𝑁𝐴] + 𝑘Tii(±è)[𝐸 • 𝐷𝑁𝐴 • 𝑑𝑁𝑇𝑃(𝑊𝐶 ∗)] 

𝑑[𝐸 • 𝐷𝑁𝐴 • 𝑑𝑁𝑇𝑃(𝑊𝐶 ∗)]
𝑑𝑡

= 𝑘TY[𝑑𝑁𝑇𝑃 ∗][𝐸 • 𝐷𝑁𝐴] − 𝑘Tii(±è)[𝐸 • 𝐷𝑁𝐴 • 𝑑𝑁𝑇𝑃(𝑊𝐶 ∗)]

− 𝑘r[𝐸 • 𝐷𝑁𝐴 • 𝑑𝑁𝑇𝑃(𝑊𝐶 ∗)] + 𝑘�r[𝐸á • 𝐷𝑁𝐴 • 𝑑𝑁𝑇𝑃(𝑊𝐶)] 

𝑑[𝐸á • 𝐷𝑁𝐴 • 𝑑𝑁𝑇𝑃(𝑊𝐶)]
𝑑𝑡

= 𝑘r[𝐸 • 𝐷𝑁𝐴 • 𝑑𝑁𝑇𝑃(𝑊𝐶 ∗)] − 𝑘�r[𝐸á • 𝐷𝑁𝐴 • 𝑑𝑁𝑇𝑃(𝑊𝐶)]

− 𝑘�[𝐸á • 𝐷𝑁𝐴 • 𝑑𝑁𝑇𝑃(𝑊𝐶)] + 𝑘��[𝐸á • 𝐷𝑁𝐴Xæp • 𝑃𝑃X]		 



 

 

189 

𝑑[𝐸á • 𝐷𝑁𝐴Xæp • 𝑃𝑃X]
𝑑𝑡

= 𝑘�[𝐸á • 𝐷𝑁𝐴 • 𝑑𝑁𝑇𝑃(𝑊𝐶)] − 𝑘�[𝐸á • 𝐷𝑁𝐴Xæp • 𝑃𝑃X] 

MDeadEnd  

𝑑[𝑑𝑁𝑇𝑃]
𝑑𝑡

= 	−𝑘,(iZ[[)[𝑑𝑁𝑇𝑃] + 𝑘�,(iZ[[)[𝑑𝑁𝑇𝑃 ∗] − 𝑘TY[𝑑𝑁𝑇𝑃][𝐸 • 𝐷𝑁𝐴]

+ 𝑘Tii[𝐸 • 𝐷𝑁𝐴 • 𝑑𝑁𝑇𝑃(𝑊𝐵)]	 

𝑑[𝑑𝑁𝑇𝑃 ∗]
𝑑𝑡

= 	−𝑘�,(iZ[[)[𝑑𝑁𝑇𝑃 ∗] + 𝑘,(iZ[[)[𝑑𝑁𝑇𝑃] − 𝑘TY[𝑑𝑁𝑇𝑃 ∗][𝐸 • 𝐷𝑁𝐴] + 𝑘Tii(±è)[𝐸

• 𝐷𝑁𝐴 • 𝑑𝑁𝑇𝑃 ∗ 

𝑑[𝐸 • 𝐷𝑁𝐴]
𝑑𝑡

= 	−𝑘TY[𝑑𝑁𝑇𝑃 ∗][𝐸 • 𝐷𝑁𝐴] + 𝑘Tii(±è)[𝐸 • 𝐷𝑁𝐴 • 𝑑𝑁𝑇𝑃(𝑊𝐶 ∗)]

− 𝑘TY[𝑑𝑁𝑇𝑃][𝐸 • 𝐷𝑁𝐴] + 𝑘Tii[𝐸 • 𝐷𝑁𝐴 • 𝑑𝑁𝑇𝑃(𝑊𝐵)] 

𝑑[𝐸 • 𝐷𝑁𝐴 • 𝑑𝑁𝑇𝑃(𝑊𝐵)]
𝑑𝑡

= 𝑘TY[𝐸 • 𝐷𝑁𝐴][𝑑𝑁𝑇𝑃] − 𝑘Tii[𝐸 • 𝐷𝑁𝐴 • 𝑑𝑁𝑇𝑃(𝑊𝐵)] 

𝑑[𝐸 • 𝐷𝑁𝐴 • 𝑑𝑁𝑇𝑃(𝑊𝐶 ∗)]
𝑑𝑡

= 𝑘TY[𝑑𝑁𝑇𝑃 ∗][𝐸 • 𝐷𝑁𝐴] − 𝑘Tii(±è)[𝐸 • 𝐷𝑁𝐴 • 𝑑𝑁𝑇𝑃(𝑊𝐶 ∗)]

− 𝑘r[𝐸 • 𝐷𝑁𝐴 • 𝑑𝑁𝑇𝑃(𝑊𝐶 ∗)] + 𝑘�r[𝐸á • 𝐷𝑁𝐴 • 𝑑𝑁𝑇𝑃(𝑊𝐶)] 

𝑑[𝐸á • 𝐷𝑁𝐴 • 𝑑𝑁𝑇𝑃(𝑊𝐶)]
𝑑𝑡

= 𝑘r[𝐸 • 𝐷𝑁𝐴 • 𝑑𝑁𝑇𝑃(𝑊𝐶 ∗)] − 𝑘�r[𝐸á • 𝐷𝑁𝐴 • 𝑑𝑁𝑇𝑃(𝑊𝐶)]

− 𝑘�[𝐸á • 𝐷𝑁𝐴 • 𝑑𝑁𝑇𝑃(𝑊𝐶)] + 𝑘��[𝐸á • 𝐷𝑁𝐴Xæp • 𝑃𝑃X]		 

𝑑[𝐸á • 𝐷𝑁𝐴Xæp • 𝑃𝑃X]
𝑑𝑡

= 𝑘�[𝐸á • 𝐷𝑁𝐴 • 𝑑𝑁𝑇𝑃(𝑊𝐶)] − 𝑘�[𝐸á • 𝐷𝑁𝐴Xæp • 𝑃𝑃X] 
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MDual  

𝑑[𝑑𝑁𝑇𝑃]
𝑑𝑡

= 	−𝑘,(iZ[[)[𝑑𝑁𝑇𝑃] + 𝑘�,(iZ[[)[𝑑𝑁𝑇𝑃 ∗] − 𝑘TY[𝑑𝑁𝑇𝑃][𝐸 • 𝐷𝑁𝐴]

+ 𝑘Tii[𝐸 • 𝐷𝑁𝐴 • 𝑑𝑁𝑇𝑃(𝑊𝐵)] 

𝑑[𝑑𝑁𝑇𝑃 ∗]
𝑑𝑡

= 	−𝑘�,(iZ[[)[𝑑𝑁𝑇𝑃 ∗] + 𝑘,(iZ[[)[𝑑𝑁𝑇𝑃] − 𝑘TY(±è)[𝑑𝑁𝑇𝑃 ∗][𝐸 • 𝐷𝑁𝐴]

+ 𝑘Tii(±è)[𝐸 • 𝐷𝑁𝐴 • 𝑑𝑁𝑇𝑃 ∗] 

𝑑[𝐸 • 𝐷𝑁𝐴]
𝑑𝑡

= 	−𝑘TY[𝑑𝑁𝑇𝑃 ∗][𝐸 • 𝐷𝑁𝐴] + 𝑘Tii(±è)[𝐸 • 𝐷𝑁𝐴 • 𝑑𝑁𝑇𝑃(𝑊𝐶 ∗)]

− 𝑘TY[𝑑𝑁𝑇𝑃][𝐸 • 𝐷𝑁𝐴] + 𝑘Tii[𝐸 • 𝐷𝑁𝐴 • 𝑑𝑁𝑇𝑃(𝑊𝐵)] 

𝑑[𝐸 • 𝐷𝑁𝐴 • 𝑑𝑁𝑇𝑃(𝑊𝐵)]
𝑑𝑡

= 𝑘TY[𝐸 • 𝐷𝑁𝐴][𝑑𝑁𝑇𝑃] − 𝑘Tii[𝐸 • 𝐷𝑁𝐴 • 𝑑𝑁𝑇𝑃(𝑊𝐵)]

− 𝑘º4→xwp[• 𝐷𝑁𝐴 • 𝑑𝑁𝑇𝑃(𝑊𝐵)] + 𝑘xwp→º4[𝐸 • 𝐷𝑁𝐴 • 𝑑𝑁𝑇𝑃(𝑊𝐶 ∗)] 

𝑑[𝐸 • 𝐷𝑁𝐴 • 𝑑𝑁𝑇𝑃(𝑊𝐶 ∗)]
𝑑𝑡

= 𝑘TY[𝑑𝑁𝑇𝑃 ∗][𝐸 • 𝐷𝑁𝐴] − 𝑘Tii(±è)[𝐸 • 𝐷𝑁𝐴 • 𝑑𝑁𝑇𝑃(𝑊𝐶 ∗)]

− 𝑘r[𝐸 • 𝐷𝑁𝐴 • 𝑑𝑁𝑇𝑃(𝑊𝐶 ∗)] + 𝑘�r[𝐸á • 𝐷𝑁𝐴 • 𝑑𝑁𝑇𝑃(𝑊𝐶)]

+ 𝑘º4→xwp[• 𝐷𝑁𝐴 • 𝑑𝑁𝑇𝑃(𝑊𝐵)] − 𝑘xwp→º4[𝐸 • 𝐷𝑁𝐴 • 𝑑𝑁𝑇𝑃(𝑊𝐶 ∗)] 

𝑑[𝐸á • 𝐷𝑁𝐴 • 𝑑𝑁𝑇𝑃(𝑊𝐶)]
𝑑𝑡

= 𝑘r[𝐸 • 𝐷𝑁𝐴 • 𝑑𝑁𝑇𝑃(𝑊𝐶 ∗)] − 𝑘�r[𝐸á • 𝐷𝑁𝐴 • 𝑑𝑁𝑇𝑃(𝑊𝐶)]

− 𝑘�[𝐸á • 𝐷𝑁𝐴 • 𝑑𝑁𝑇𝑃(𝑊𝐶)] + 𝑘��[𝐸á • 𝐷𝑁𝐴Xæp • 𝑃𝑃X]		 

𝑑[𝐸á • 𝐷𝑁𝐴Xæp • 𝑃𝑃X]
𝑑𝑡

= 𝑘�[𝐸á • 𝐷𝑁𝐴 • 𝑑𝑁𝑇𝑃(𝑊𝐶)] − 𝑘�[𝐸á • 𝐷𝑁𝐴Xæp • 𝑃𝑃X] 
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5. Sequence-specific dynamics of dA•dG 
5.1 Introduction 

DNA base pair dynamics play essential roles in a multitude of processes, yet 

only a handful of these dynamic base pairs have been deeply examined. In addition to 

the tautomeric and anionic WC-like base pairs described in the work, canonical WC base 

pairs (G•C and A•T) are able to adopt lowly-populated, short-lived conformational 

excited states, termed Hoogsteen (HG) base pairs (Figure 5.1). HG bps are characterized 

by a 180° rotation of the purine base about its glycosidic bond to the syn orientation and 

a constriction of the C1’-C1’ distance to form a new set of hydrogen bonds between the 

bases [161, 162, 164, 165, 240]. HG bps have been shown to be involved in a multitude of 

biological processes including protein recognition and gene expression [241-243], drug 

interactions [244], and DNA replication mistakes [245, 246].  

When it comes to base pair dynamics, the dA•dG mismatch stands as a 

potentially very interesting case. Three non-tautomeric bp conformations have been 

characterized, one in which both bases adopt the WC-like anti base orientation, Aanti•Ganti 

[247-250], and two HG-like conformations one of which involves protonation of the dA-

N1; Asyn•Ganti [251-253], and A+anti•Gsyn [249, 250, 254, 255] (Figure 5.1). The Aanti•Ganti bp 

conformation has both bases in the canonical anti orientation and is stabilized by two 

hydrogen bonds A-N6•••G-O6 and A-N1•••G-N1. The purine•purine C1’-C1’ 

distance is ~2 Å longer than a typical base pair [256]. The Asyn•Ganti pair is characterized 
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by a 180° rotation of the dA base into the syn orientation stabilized by a unique set of 

hydrogen bonds A-N7•••G-N1 and A-N6•••G-O6. Lastly, the A+anti•Gsyn is 

characterized by a syn dG as well as protonation of the A-N1 which allows for the 

formation of an A-N1•••G-N7 hydrogen bond, in addition to A-N6•••G-O6. Due to 

the need to protonate the N1, A+anti•Gsyn is highly sensitive to pH and only observed in 

solution at low pH [249, 250, 254, 255].  

It is apparent from prior studies [247-255] that the ground state (i.e. the dominant 

conformation) of the dA•dG base pair is heavily influenced by the neighboring 

sequence context and pH. All three non-tautomeric dA•dG conformations have been 

observed previously using either solution state NMR [247-250] or x-ray crystallography 

[251-253]. The pH-dependent A+anti•Gsyn has been robustly observed both by x-ray 

crystallography and NMR at pH < 6 in a variety of sequence contexts [249, 250, 254, 255]. 

There is, however, a discrepancy with regards to the dominant conformation at neutral 

pH. While crystal structures robustly show an Asyn•Ganti conformation in three different 

sequence contexts (5’-TAG, 5’-CAC, 5’-CAA) [251-253], solution state NMR on three 

sequence contexts (5’-GAG, 5’-CAG, and 5’-CAA) report Aanti•Ganti as the dominant 

conformation [247-250]. It is unclear if this disparity is due to methodological influences 

or sequence-specific interactions. The one data point across both methods is the 5’-CAA 

sequence context, which crystalized at pH 7.2 5°C in the Asyn•Ganti conformation [253] 

but was observed to form an Aanti•Ganti conformation by NMR at pH 8.5 30°C [250]. The 



 

 

193 

authors of the NMR study [250] acknowledge that while they cannot rule out the 

Asyn•Ganti bp, they see no evidence to support it and find its occurrence to be unlikely in 

solution. To the best of our knowledge, the Asyn•Ganti base pair has never been observed 

under solution conditions.  

The conformational behavior of dA•dG is proposed to play roles in influencing 

the rates of mismatch repair initiation by the E. coli adenine glycosylase, MutY. This 

enzyme initiates the repair of 8-oxoguanine•A (8OG•A) and G•A mismatches by 

removing the mismatched dA. Repair polymerases fill in the correct dC base, and 

another enzyme repairs the damaged 8OG. 8OG is a common form of mutagenic 

oxidative DNA damage that preferentially pairs with dA instead of cognate dC. In the 

DNA helix the 8OG•A base pair will adopt an Aanti•8OGsyn conformation. MutY has a 

higher affinity and enzymatic rate on 8OG•A mismatches relative to G•A but has been 

shown to be active against dA•dG mismatches in cell-free E. coli extracts, separate from 

the methyl-directed repair pathway [257]. The preferential recognition of the 8OG•A 

mismatch is believed to be due to the unique 8OG•A base pair conformation where 

MutY is able to recognize the exposed syn 8OG-N2 [258, 259], and also make specific 

contact to the 8OG base at the O8 and H7 positions post initial recognition. Following 

recognition of the 8OG•A mismatch a series of molecular gymnastics occurs to form the 

catalytic active site structure. The 8OG base is rotated from the syn to anti orientation 

making a new set of specific DNA-protein contacts both along the Watson-Crick-face of 
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the base and to 8OG specific moieties (O8 and N7H); this is also accompanied by the 

insertion of intercalating side chains at the 5’ position of the 8OG. The mismatched dA 

base must be both rotated from the anti to syn orientation and extruded out of the 

double helix in order to engage with the protein active site [258, 259], where the syn 

orientation of the mismatch dA is required by the active site geometry [260]. The 

intermediary structures of these molecular gymnastics and exact order of operations are 

unknown. 

Nearest-neighbor base changes have been shown to alter E. coli MutY reaction 

rates by ~3-fold in in vitro [247]. It was proposed that the enzymatic rate was influences 

by the mismatch conformation adopted by a given sequence context. Where the enzyme 

would be encountering very different substrates (conformationally) depending on the 

sequence context. This, in turn, may influence the sequence of molecular transitions that 

are needed to form the active structure as well as the thermodynamics and kinetics of 

these transitions. Ultimately, no conclusions have been made regarding the relationship 

between MutY activity and sequence context [247].  

Topal and Fresco also proposed [123] that dA•dG can adopt two additional 

tautomeric like forms (Figure 5.1). The first, Asyn•Gantienol,imino, is a structural mimic of 

Asyn•Ganti, forming the same set of hydrogen bonds. The double tautomeric form of 

guanine is proposed to alleviate a steric clash between the dG-NH2 amino functional 

group and the syn dA-H8. This steric clash introduces a slight propeller twist to the base 
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pair as observed in crystal structures of Asyn•Ganti base pairs [251]. The second proposed 

tautomeric form, Aantiimino•Gsyn, is a structural mimic of A+anti•Gsyn which does not require 

protonation. Instead the necessary A-N1•••G-N7 hydrogen bond is formed via an 

amino-imino tautomerization of the dA [123]. As with the dG•dT mispair, the 

frequencies of tautomeric WC-like dA•dG base pair formation was hypothesized to 

form the basis of spontaneous misincorporation frequencies. These WC-like tautomeric 

forms of dA•dG have never been observed by any biophysical method. 

Thus, there are many open questions regarding dA•dG base pairs. First, while 

there is agreement that the conformation A+anti•Gsyn forms at low pH, the dominant 

conformation under neutral pH remains controversial. Second, while different 

conformational states have been observed at different conditions, the dynamic landscape 

including the population and kinetic rate constants for interconversion among these 

different conformations has not yet been measured. These potentially sequence-

dependent dynamics are of interest given their possible roles in mismatch repair. 

Finally, there is no experimental evidence to support the existence of WC-like 

tautomeric forms which are implicated in replication errors. In this chapter, we use 

NMR to examine the remarkable free energy landscape of dA•dG in duplex DNA with a 

focus on sequence-specific dynamics that may impact replication and repair.   
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Figure 5.1: Conformations of the dA•dT Hoogsteen and dA•dG base pairs 

5.2 What is the ground state conformation of dG•dT in solution? 
Application to the 5’-GAC-3’ sequence context 

We initiated our dynamics studies of dG•dA in DNA duplexes using the 5’-GAG 

sequence context used in our prior studies of dG•dT mismatches [152]. We initially 

carried out experiments at pH 6.8 and 25°C. We later change these conditions and also 

sequence context to more broadly examine the dA•dG dynamic landscape.  
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2D HSQC spectra of the aromatic (C6-H6 / C8-H8) and sugar (C1’-H1’) 

resonances showed that resonances in and around the dA•dG mismatch are 

significantly broadened, in many cases out of detection, consistent with conformational 

exchange at the micro-to-millisecond timescale. The inability to observe many of the 

resonances belonging to the GS impedes characterization of the GS. 

We hypothesized that changing the sequence context around the dA•dG 

mismatch might alter the kinetics of conformational exchange and yield better NMR 

spectra. We initially screened 3 additional sequences where the 3’ base to the dA was 

systematically varied (GAC / GAT / GAA). All sequences still showed some degree of 

chemical exchange as assessed by line broadening and the GAC sequence context was 

selected for further investigation as the mismatch A-C8, A-C1’, A-C2, G-C8, and G-C1’ 

resonances were observable at pH 7.4 and 25°C. As it turns out, we later discovered that 

the higher quality spectra of GAC was the result of slightly higher pH and lessened 

propensity to form a protonated base pair. Increasing the pH of the original GAG 

sequence context does improve spectral quality.  

2D HSQC and 2D NOESY spectra of the GAC construct (pH 7.4 and 25°C) 

yielded well-resolved and assignable resonances in and around the dA•dG mismatch. 

The chemical shifts and NOE distance-based connectivity are consistent with the 

formation of a ground state Aanti•Ganti conformation. This is consistent with prior NMR 
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studies in different sequence contexts and is inconsistent with x-ray studies indicating 

the Asyn•Ganti as the dominant conformation under these neutral conditions. 

The anti and syn base orientations can be distinguished by several key NMR 

signatures in both the 2D HSQC spectra and 2D NOE connectivity [161, 162, 164, 165, 

240]. Syn base pairs are characterized by downfield shifted chemical shifts of both the C8 

(Δω ~ 3 ppm) and C1’ (Δω ~ 3.5 ppm) of the syn base as well as unique patterns of NOEs 

[161, 162, 164, 240]. Simply put, NOEs are distance-dependent through-space 

correlations between protons that extend up to ~ 5 Å. Syn base pairs give rise to a unique 

pattern of interactions due to the alteration of intra- and inter-base distances between 

protons in anti and syn bases. First, syn bases bring the purine base H8 and sugar H1’ 

atoms into much closer proximity (~2.5 Å) than the anti orientation (~4.0 Å) giving rise to 

a very strong H8-H1’ intra-residue NOE. Second, syn dA bases will also display a 

unique set of NOEs between its own base H2 and the 5’ base sugar H2’/H2’’ atoms, 

whereas a typical anti dA base will have NOEs between its own H8 to the 5’ base 

H2’/H2’’. Thus, analysis of chemical shifts and NOE interactions allow for the 

determination of the ground state conformation.  

The GAC sequence mismatched A5 and G15 C8 and C1’ resonances are similar to 

that of previously observed anti bases. Notably both the dA-C8 and dA-C1’ show 

evidence of line broadening, which suggests that some form of chemical exchange is 

occurring. NOEs in both the H6/H8-H1’ and H2’/H2’’-H6/H8 regions suggest an 
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Aanti•Ganti GS conformation and confirm the 2D HSQC assignments (Supporting Figure 

5.1). Finally, the assignment of an Aanti•Ganti as the dominant conformation is strongly 

supported by NOEs between A5-H2 and G15-H1, which would not be possible if either 

base adopted the syn orientation [248]. 

5.3 NMR RD reveals Asyn•Ganti as an excited state 

While our studies indicate that dA•dG predominantly forms the Aanti•Ganti 

conformation in solution at pH 7.4 and 25°C in the 5’-GAC-3’ sequence context, it 

remains possible that other conformations such as Asyn•Ganti observed by x-ray 

crystallography also form at lower abundance as an ES. A transition between Aanti•Ganti 

and Asyn•Ganti is expected to induce a downfield shift for dA-C8 and dA-C1’ chemical 

shifts while little chemical shift perturbations are expected for dA-C2, dG-C8, or dG-C1’. 

These chemical shift differences are large enough to allow observation of the Aanti•Ganti 

to Asyn•Ganti transition by NMR RD provided the kinetic rates and population fall within 

RD detection limits. 

Indeed, we observed significant RD at dA-C8 and dA-C1’, and no RD on the dA-

C2, dG-C8, and dG-C1’ at pH 7.4 and 10°C (Supporting Figure 5.2). This pattern of RD is 

consistent with exchange from a ground state Aanti•Ganti towards an Asyn•Ganti ES. Upon 

increasing the temperature to 25°C at pH 7.4 weak RD becomes observable on the dA-

C2, dG-C8, and dG-C1’ (due to increase of a very slow exchange rate described later). 
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These RD profiles are consistent with the formation of a second excited state (A+anti•Gsyn) 

that will be discussed later.  

The RD data measured at dA-C8 and dA-C1’ in the GAC sequence context (pH 

7.4 and 10°C) could be globally fit to a single two-state exchange process with a 

population of 5.38 ± 0.26% and exchange rate (kex = kfwd + krev) of 406 ± 25 s-1. Similar 

results are obtained at 25°C where the data can be satisfactorily fit to an excited state 

with a population of 6.0 ± 0.07% and exchange rate 2192 ± 67 s-1 (Supporting Figure 5.2). 

This ES is characterized by downfield shifted 13C CSs for both the dA-C8 (Δω = 2.8 ppm) 

and dA-C1’ (Δω = 3.7 ppm). The downfield shifted dA-C8 and dA-C1’ are consistent 

with observed Δω values for dA-C8 (ΔωHG = 3.27)  and C1’ (ΔωHG = 3.70) in A•T HG base 

pairs which are characterized by an anti-to-syn flip of the dA base [161]. Therefore, these 

results indicate that the Asyn•Ganti conformation, as observed by x-ray crystallography, 

forms as an ES in solution in the GAC sequence context. 

5.4 pH-dependent NMR RD reveals A+anti•Gsyn as a second 
excited state 

As mentioned previously, both NMR and x-ray have observed A+anti•Gsyn 

conformation at pH < 6 for multiple sequence contexts [249, 250, 254, 255]. We 

hypothesized that the A+anti•Gsyn conformation also forms at near neutral pH but as a low 

abundance ES. Indeed, the RD profiles that become apparent on dA-C2, dG-C8, and dG-

C1’ at pH 7.4 and 25°C are consistent with the formation of the A+anti•Gsyn conformation.  
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Formation of the A+anti•Gsyn would be expected to give rise to a particular pattern 

of RD due to the syn flip of the dG base and the protonation of the dA-N1. The syn flip of 

the dG base would be expected to induce downfield shifts on the dG-C8 and dG-C1’, the 

protonation of the dA-N1 would be expected to induce a moderate downfield shift of 

the dA-C8 and a large upfield shift of dA-C2 [164]. The weak RD observable on the dG-

C8, dG-C1’, and dA-C2 at pH 7.4 25°C can be tentatively globally fit to a two-state 

exchange process (pES ~ 3% and kex ~ 30 s-1); however, data quality is not sufficient to 

confidently determine these values (Supporting Figure 5.2). RD on these atoms is not 

observable at 10°C, as the already slow exchange rate is decreased to outside the lower 

timescale detection limit (Supporting Figure 5.2).  

To better resolve this ES, we decreased the pH to 6.8 and 6.4 and re-collected RD 

data. At pH 6.8, we again observed RD at dA-C8 and dA-C1’ consistent with the 

formation of the Asyn•Ganti ES, as well as robust RD on the dG-C8, dG-C1’, and dA-C2 

consistent with formation of the A+anti•Gsyn conformation. RD on dA-C8 could be fit to a 

star-like three state exchange process (Figure 5.2 and Supporting Figure 5.2), where one 

process can be globally fit with the dA-C1’ and is consistent with the formation of the 

Asyn•Ganti with population of 5.9 ± 0.6 % and kex = 3318 ± 503 s-1. The second process 

sensed by the dA-C8 can be globally fit with the dA-C2, dG-C8, and dG-C1’ to a two-

state exchange process consistent with formation of A+anti•Gsyn with population of 1.6 ± 

0.4 % and kex = 158 ± 50 s-1. This second ES sensed by the dA-C8 is characterized by a 
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downfield shift of ~2.5 ppm, as expected for protonation of the dA-N1. The protonation 

of the dA-N1 is also sensed on the dA-C2 which experiences a substantial upfield shift (~ 

-7 ppm). The downfield shifts of the dG-C8 (Δω = 4 ppm) and dG-C1’(Δω = 4.16 ppm) 

are consistent with previously observed CS changes for dG anti to syn flips as measured 

in the formation of G•C Hoogsteen base pairs (Figure 5.4). Lowering the pH to 6.4 

increased the population of A+anti•Gsyn to 9.5 ± 1.4% consistent with the formation of a 

protonated ES (Figure 5.2 and Supporting Figure 5.2), while the population of Asyn•Ganti 

remained unchanged at 6.3 ± 0.6%. 

 
Figure 5.2: Three-state dA•dG exchange network 

Values shown are measured from hpAG-GAC RD at pH 6.8, 25°C. 

5.5 Chemical shift fingerprinting the dA•dG excited states 

To test the proposed ES conformations, we utilized the mutate-and-CS 

fingerprint strategy that has been used extensively to interrogate proposed ES identities 

as measured by RD experiments [152, 161]. Here, we used chemical modifications and 

pH to stabilize the two proposed ESs and map chemical shift perturbations (CSP).  

The Asyn•Ganti conformation was stabilized using N1-methyl-2’-deoxyadenine 

(m1A, Figure 5.3 and Supporting Figure 5.3). This modification has been used 
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previously to stabilize an Asyn•T HG base pair. Compared to unmodified dA•dG which 

adopts the Aanti•Ganti conformation, this modification would be expected to result in 

negligible changes to both dG-C8 and dG-C1’, and substantial changes to dA-C8 and 

dA-C1’. Indeed, we observe excellent agreement between RD Δω values and CSP 

(Figure 5.4). Negligible CSP was observed at dG-C8 and dG-C1’ consistent with lack of 

RD at both of these atoms. dA-C1’ CSP of ~ 3.75 ppm agrees with RD measurements (Δω 

= 3.73 ppm) , and with prior results of m1A stabilized AT HG base pairs [161]. dA-C8 is 

downfield shifted by ~ 6 ppm, larger than observed via RD, but consistent with prior 

observation from the use of m1A in mutate-and-CS experiments [161] (Figure 5.4). The 

N1-methyl modification introduces a positive charge, in addition to stabilizing the syn 

base orientation. As a result, the dA-C8 is downfield shifted by ~ 6ppm, where ~ 3.5 ppm 

is due to the syn base orientation and ~ 2.5 ppm is due to the protonation from the N1 

modification, this additive effect has been described previously [161, 243] (Figure 5.4). 

The putative A+anti•Gsyn base pair was stabilized by lowering the sample pH to 5.5 

and additionally using N1-methyl-deoxyguanine (m1G, Figure 5.3 and Supporting 

Figure 5.3). Sufficiently lowering the pH should induce a conformational change to a 

dominant A+anti•Gsyn base pair. Indeed, upon lowering to pH 5.5 we observe a downfield 

shift of the dA-C8 by ~ 2.1 ppm, and a -7ppm upfield shift of the dA-C2, consistent with 

the formation of a protonated anti dA. These values are in excellent agreement with RD 

measured chemical shift changes for dA-C8 (Δω ~ 2.5 ppm) and dA-C2 (Δω ~ -7 ppm) as 
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measured by RD. In the low pH sample, the dG-C8 is downfield shifted ~ 4 ppm, 

consistent with a syn G base as observed in HG bps and with RD measurements (Δω = 

4.17 ppm). The dG-C1’ was not assignable. 

We also stabilized this proposed excited state using an m1G modification, which 

has been previously used to stabilize a syn guanine in G+•C HG bps [242]. Indeed, with 

this chemical modification we observe a downfield shift of the dA-C8 (~ 2 ppm), small 

changes to the dA-C1’ (< 0.5 ppm), and a significantly downfield shifted dG-C8 (~ 4.1 

ppm), in excellent agreement with RD measured values and CSP fingerprint results 

stabilizing this excited state using pH. Both dG-C1’ and dA-C2 were no assignable or 

broadened out of detection in the m1G construct (Supporting Figure 5.3). In summary, 

results from the mutate-and-CS experiments (Figure 5.4) support the proposed Asyn•Ganti 

and A+anti•Gsyn ESs.  

 
Figure 5.3: Chemically modified bases for mutate-and-CS fingerprint 

experiments 
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Figure 5.4: Mutate-and-CS fingerprint of dA•dG excited states 

Chemical shift perturbations fingerprints as determined from RD, Hoogsteen 
base pairs [161, 242], pH changes, and chemical modification. Data points are color 
coded based on the excited state it is reporting on: Asyn•Ganti (blue) and A+anti•Gsyn 
(green). m1G data was collected at pH 5.8. Grey points were not measurable.  

5.6 Tautomeric Watson-Crick-like dA•dG base pairs 

Next, we used our amino RD experiment described in Chapter 2 to examine 

whether or not WC-like tautomeric conformations proposed by Topal and Fresco [123] 

also form as ESs. Building on our kinetic model, we first estimated the population of 

such dG•dA ESs. The value of kpol for dG•dA misincorporation is ~ 10 times lower than 

dG•dT, as measured in human polymerase ϵ (~ 0.01 s-1 compared to ~ 0.1 s-1) and as a 

consequence, based on our model, we would predict that the tautomeric WC-like ESs 
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have populations that are 10-fold lower than dG•dT. Both proposed WC-like base pairs 

involve amino-imino tautomerization of either the dA-N6H2 or dG-N2H2. DFT (data not 

shown) and NMR of amino-pyridine compounds [261] predict that the amino nitrogen 

should experience a substantial chemical shift change (Δω > 50 ppm) upon 

tautomerization. Even with such a large change in chemical shift, the dA•dG ESs would 

be expected to fall outside the RD detection window. Therefore, if our kinetic model is 

also applicable to dA•dG, we would predict to not observe RD for dG or dA amino 

groups.  

Efforts to target the dA-N6 were unsuccessful due to weak observable NH2 

resonances stemming from hydrogen bonding-based splitting of the amino proton 

resonances, further reduced by intermediate exchange between the bonded and non-

bonded proton. This result was expected based on similarly weak dA-NH2 resonances in 

WC base pairs for the same reasons. In contrast, the dG-N2H2 group manifests as a 

single peak, as in the dG•dT mismatch, since it is primarily non-hydrogen bonded. No 

RD was observed at the dG-N2 at pH 7.4 25°C.  

5.7 Sequence-dependence of dA•dG ground states 

5.7.1 Sequence-dependent identity of dA•dG ground state 

We have noted that there is a conformational disparity in the observed GS 

structures between NMR and crystallographic studies and its possible that these 

changes are due to alteration of the nearest-neighbor base sequence. We analyzed six 
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additional sequences of the form 5’ GAN and 5’ NAG to determine whether the dynamic 

landscape of dA•dG changes with sequence context. These sequences were selected 

based on their previous usage in a study of MutY sequence-specific efficiency [247] and 

from our initial sequence screen of 5’ GAN sequences to identify a candidate for initial 

experiments. Notably, at neutral pH, some sequences show signs of an Asyn•Ganti GS 

conformation, as is observed in crystal structures. All sequences displayed evidence of 

significant conformational exchange based on line broadening at and around the 

mismatch (Figure 5.5).  

NMR spectra of the GAT sequence data is very similar to GAC (Supporting 

Figure 5.4). At high pH 7.4, 2D HSQC and 2D NOESY data are supportive of an 

Aanti•Ganti ground state as assessed by chemical shifts of the mismatched base pair and 

NOE interactions. The GAT sequence mismatched A5 and G15 C8 and C1’ resonances 

are similar to that of previously observed anti bases, and to the GAC sequence context. 

Again, broadening of both dA-C8 and dA-C1’ suggests chemical exchange is occurring. 

NOEs in both the H6/H8-H1’ and H2’/H2’’-H6/H8 regions, particularly NOE 

connectivity between the 5’ base H2’/H2’’ and dA-C8 suggest an Aanti•Ganti GS 

conformation in the GAT sequence context. 

Three other sequences, TAG, GAG, and AAG, upon close inspection of CSs and 

NOE interactions show evidence for a possible Asyn•Ganti ground state (Supporting 

Figure 5.5 – 5.8). In all three sequences the G-C8 and G-C1’ are well resolved and fall 
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within the typical values for anti bases; however, the A-C8 and A-C1’ resonances are 

highly broadened in all three sequences. Across the three sequences the dA-C8 

resonances fall ~ 1 – 2 ppm downfield of the typical anti region (Figure 5.6). Indeed, 

NOE interactions in the H8/H6 – H2’/H2’’ region between the A-C2 and the 5’ base 

sugar H2’/H2’’ are indicative of a syn orientated dA (Supporting Figure 5.8). These NOE 

interactions are weaker than for a typical stable interaction and suggest that the GS 

exchanges with other species. In particular, the broadening observed in the GAG 

sequence context is consistent with prior observations [248], where at neutral pH the 

GAG sequence context was found to have to Aanti•Ganti base pair which was detectable at 

-5°C, with complete broadening occurring by +5°C. Furthermore, the A5 H8-H1’ NOE in 

all three spectra is significantly more intense than other H6/H8-H1’ cross-peaks in the 

same spectra, also supportive of a dA syn orientation and an Asyn•Ganti ground state. 

The 2D HSQC and 2D NOESY spectra for sequences GAA and CAG are too 

broadened and/or overlapped to determine the GS identities. 

5.7.2 Fingerprinting the sequence-dependent dA•dG ground state 

To further investigate the GS conformations of Aanti•Ganti-like GAT and Asyn•Ganti-

like TAG, GAG, and AAG, we collected 2D HSQC spectra of corresponding WC dA•dT 

constructs, where the mispair dG has been replaced with a WC dT. We also collected an 

additional m1A construct (TAG, to complement GAC), where the mispair dA is replaced 

with a m1A to stabilize the syn dA base conformation (Supporting Figure 5.5). Sequences 
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with Aanti•Ganti GS should be distinguishable based on smaller CSP to the dA-C8 and C1’ 

resonances between the A•G and A•T constructs, since the dA will remain in the anti 

orientation. Larger changes would be expected in the dA-C1’ between the A•G and 

m1A•G, as the m1A modification stabilizes the syn orientation. Comparison of A-C8 

CSP is precluded by effects of the N1-methyl on the A-C8 chemical shift. Inversely, GS 

Asyn•Ganti sequences, should see relatively large dA-C8 and dA-C1’ CSP between the 

A•G and A•T constructs, and smaller CSP between the A•G and m1A•G base pairs. 

Indeed, the CS changes for dA-C8 are slightly smaller for Aanti•Ganti sequences 

GAC and GAT (avg. A-C8 Δω ~ -1 ppm) than for Asyn•Ganti sequences TAG, GAG, and 

AAG (avg. A-C8 Δω ~ -1.5 ppm). The difference between anti dA and syn dA sequences 

is not as pronounced as expected; however, two important trends are observed (Figure 

5.6). First, the dA-C8 CS in Aanti•Ganti sequences (GAC and GAT) both in A•G and A•T 

mismatches are within the observed ranges for a typical anti base pair. The transition 

from A•G → A•T is also accompanied by a large 1H H8 Δω which is potentially due to 

the relaxation of the helix from the wide Aanti•Ganti base pair. Contrastingly, the dA-C8 

CS in Asyn•Ganti sequences TAG, GAG, and AAG moves from a non-WC region to a WC-

region, ~ 1 – 2 ppm upfield, for dA•dG → dA•dT. dA-H8 CS is minimally affected by 

the transition.  

Second, more conclusive results come from mutate-and-CSP fingerprint 

experiments of the dA-C1’ CS in sequences GAC (Aanti•Ganti) and TAG (Asyn•Ganti) for 
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dA•dG, dA•dT, and m1A•dG containing duplexes. The dA-C1’ in the GAC sequence 

context has a minimal CSP for dA•dG → dA•dT and a large (~ 4 ppm) CSP for dA•dG 

→ m1A•dG (syn A) substitution. The large CSP in the m1A base pair is consistent with 

observed Δω values for an anti to syn base flip and further supports the assignment of an 

Aanti•Ganti ground state to GAC. In contrast, sequence TAG has moderate CSP of ~ -1.5 

ppm for A•G → A•T and ~ + 1.5 ppm for A•G → m1A•G (Figure 5.6). In both cases, the 

resonance linewidth significantly sharpens, suggesting that the CSP mutations are 

stabilizing an otherwise exchanging interaction.  
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Figure 5.5: All sequences display significant broadening around the dA•dG 

mismatch 

NMR peak intensities were normalized to A10-C8 for purine C8, C19-C6 for 
pyrimidine C6, and to C19-C1’ for all C1’ resonances.  
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Figure 5.6: Mutate-and-CS results for five dA•dG sequence contexts 
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5.7.3 Ground state conformational stability  

We reasoned that the different GSs may differentially impact the stability of the 

dA•dG containing helix. To further investigate the stability of the GS base pairs we 

carried out UV thermal denaturation melts on duplex DNA containing mismatched 

dA•dG and matched dA•dT base pairs at pH 7.4 for all seven GAN and NAG 

sequences. Unsurprisingly, at neutral pH the dA•dG base pair containing duplexes are 

highly destabilized (~ 3 – 4 kcal mol-1), compared to dA•dT (ΔΔG(AT-AG)), in all sequences 

except GAC which is only destabilized by ~ 0.5 kcal mol-1 (Figure 5.7). Incidentally, this 

stability may explain why the GAC sequence was discovered as the initial candidate for 

our NMR studies, but we do not have a concrete reasoning for why the GAC sequence is 

less destabilizing. We also carried out UV thermal melt studies at low pH 5.5. Prior UV 

melt experiments have shown that sequences containing a dA•dG base pair can stabilize 

at low pH due to the formation of the A+anti•Gsyn base pair [254, 262]. 

Upon lowering to pH 5.5 the ΔΔG(AT-AG) is decreased to ~ 1 – 2 kcal mol-1 relative 

to dA•dT. The overall decrease in ΔΔG(AT-AG) at low pH comes from two sources. First, 

the dA•dT duplex is destabilized as pH decreases, a well-known phenomenon [262]. 

Across the seven sequences the dA•dT duplex is destabilized at low pH on average by ~ 

2 kcal mol-1. Second, the dA•dG duplexes are not as destabilized by the decreased pH 

and on average only destabilized by + 0.3 kcal mol-1. Some sequences are actually 

moderately stabilized (-0.5 kcal mol-1) by decreased pH. Together, these effects mean 
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that the dA•dG containing duplexes are still less stable than WC duplex at low pH but 

more similar to WC duplexes than at high pH (Figure 5.7). 

 Interestingly, the sequences GAC and GAT which can be confidently assigned 

the Aanti•Ganti GS conformation are not differently stabilized at high and low pH and 

respond to changes in pH nearly identically to their WC counterparts. Both dA•dG and 

dA•dT containing GAC and GAT helices are destabilized by ~ 1 and 2 kcal mol-1, 

respectively, resulting in the same relative free energy difference between the matched 

and mismatched helices. This may be indicative that the Aanti•Ganti conformation it is 

energetically preferred over A+anti•Gsyn in certain sequence contexts due to the particular 

sequence stacking energetics of the conformations.  
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Figure 5.7: UV thermal denaturation of dA•dT and dA•dG containing 

duplexes 
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5.8 Sequence-specific excited state formation 

5.8.1 Aanti•Ganti ground state excited states 

Site-specific labeling and RD targeting the dA C8/C1’/C2 atoms was used to 

measure the occurrence of both the Asyn•Ganti (via C1’ and C8) and A+anti•Gsyn (via C2) 

ESs in the GAT sequence context. Robust RD was observed at all three atoms. 

Analogous to prior observations of the GAC sequence context, RD data is consistent 

with the formation of both Asyn•Ganti and A+anti•Gsyn. dA-C8 and dA-C1’ can be fit to a 

shared two-state exchange consistent with Asyn•Ganti formation. dA-C2 RD data can be fit 

to a second two-state exchange process, consistent with the formation of A+anti•Gsyn. Data 

quality of the dA-C8 is not sufficient to resolve both A syn and A protonated ESs 

(Supporting Figure 5.4). Exchange to Asyn•Ganti is characterized by a pES = 7.9 ± 0.3% and 

kex = 2811 ± 160 s-1 and ΔωC8 = 2.77 ppm and ΔωC1’ = 3.42 ppm. The second exchange 

process detectable on the dA-C2 cannot be shared with the C8 and C1’ and corresponds 

to the formation of A+anti•Gsyn (pES = 2.5 ± 0.96% and kex = 59 ± 28 s-1, Δω = -6.95 ppm) 

based on the large upfield Δω.  

5.8.2 Asyn•Ganti ground state excited states 

RD data collected for TAG and AAG (Figure 5.8) targeting the dA-C8, C1’, and 

C2 atoms show patterns that are distinct from RD of the GS Aanti•Ganti sequences, GAC 

and GAT. Robust RD is observed on the dA-C2 in both TAG and AAG, consistent with 

the formation of the A+anti•Gsyn base pair (TAG: ΔωC2 = -8.4 ppm, pES = 9.9 ± 1.2%, kex = 228 
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± 34 s-1; AAG: ΔωC2 = -7.8 ppm, pES = 11.4 ± 1.5%, kex = 285 ± 47 s-1). RD profiles of AAG 

dA-C8 and dA-C1’ can be globally fit with the dA-C2 RD (ΔωC8 = 1.2 ppm, ΔωC1’ = -1.4 

ppm). The Δω values obtained for dA-C8 are consistent with observed Δω values 

obtained from CSP fingerprint analysis for dAsyn to dA+anti and the small dA-C8 

downfield shift is exactly as seen in HSQC of the A•G mismatch construct at pH 7.4 and 

pH 5.4 (Supporting Figure 5.7). The upfield dA-C1’ Δω would be expected based on 

prior observations of HG base pairs and the m1A•G TAG sample. The Δω value is not 

as large as would be expected for a typical HG base pair but is approximately the same 

as observed in the TAG m1A CSP sample.  

RD profiles on the dA-C8 and dA-C1’ of the TAG sequence context are not as 

clear and a reliable fit cannot be obtained. The exchange process from a GS Asyn•Ganti to 

A+anti•Gsyn is likely not observable on dA-C8 due to the similar CS of the syn dA-C8 (at 

neutral pH) and protonated dA-C8 (at low pH) in the TAG sequence context (Δω < 0.6 

ppm). Indeed, weak RD is observed on the dA-C8 and slight Rex contributions around 0 

kHz offset are possibly attributable to this small Δω. dA-C1’ would, however, be 

expected to give rise to an RD profile with an ~ 1.5 ppm based on the m1A chemical 

modification and from the upfield shift expected from a syn to anti base transition. As 

with dA-C8, RD on the dA-C1’ is weak and cannot be fit.  
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The RD data from both TAG and AAG are broadly consistent with transition 

from Asyn•Ganti to an A+anti•Gsyn ES. Neither of these sequences show evidence for the 

formation of the Aanti•Ganti conformation, but its occurrence cannot be ruled out. 

 
Figure 5.8: Unique pattern of hpAG-TAG and hpAG-AAG RD 

5.9 Correlation with sequence-specific MutY activity 

The efficiency of MutY adenine glycosylase has been shown to vary up to ~3-fold 

based on sequence context [247]. Prior investigations have thus far failed to reveal a 

correlation between the observed sequence-specific GS and catalytic efficiency of MutY. 

While far from conclusive, we do note that our sequence contexts with an Asyn•Ganti GS 

are, in general, processed faster (0.19 – 0.77 s-1) by MutY compared to Aanti•Ganti GS 

sequences (0.19 – 0.29 s-1). We have not observed trends between MutY activity and the 

propensity to form various ESs nor with thermodynamic stability. The small number of 

characterized sequences (n = 5) limit the generalizability of this observation, but it is 
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reasonable that the unique substrates of the different GS conformations slightly alter the 

MutY mechanistic pathway. For example, the Asyn•Ganti base pair may benefit from the 

pre-formation of the syn dA base required by the MutY active site, or it may mimic an 

intermediate structure on the MutY enzymatic pathway and thus be recognized more 

readily than the Aanti•Ganti base pair. These hypotheses are speculative and additional 

experiments will be necessary to determine the causal effects of MutY sequence specific 

activity, but we do observe a weak correlation between GS conformation and MutY 

activity.  

5.10 Conclusions 

The dA•dG is remarkably dynamic across all examined sequences contexts, 

sampling at least one ES populated up to ~ 11% at neutral pH. Sequence-specific 

interactions are also shown to dictate the GS conformation. It has been previously 

suggested that the conformation of the dA•dG mismatch is influenced by the 

neighboring base pairs, yet the Asyn•Ganti base pair remained unseen in solution 

structures. By systematically altering the identity of the mismatch neighbor base pairs 

we have observed sequence-specific alteration of dA•dG GS and for the first time 

observed the Asyn•Ganti conformation in solution both as a GS and ES. 

Understanding and mapping sequence-context effects is critical for a complete 

understanding of cellular fidelity processes. For example, repair efficiency of the DNA 

legion O6-methylguanine by E. coli methyltransferases Ada and Ogt has been shown to 
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vary by ~3-fold depending on the nearest-neighbor context [211]. The repair bias is likely 

attributable to both sequence-specific legion recognition and sequence-specific initiation 

of base flipping, extruding the damage base from the helix into the enzyme active site. 

More than 10-fold differences have been observed with sequence changes in rates of 

uracil removal by E. coli and bovine uracil-DNA glycosylase [263].  

Nearest-neighbor base changes alter the catalytic efficiency of mismatch adenine 

removal by ~3-fold. It has been previously suggested that the conformation adopted by 

the dA•dG base pair influences the rate of processing, but no correlations could be 

drawn between the observed states and catalytic rates. We have not been able to 

conclusively draw conclusion regarding the identity of the GS and the rate of enzymatic 

processing but we do observe that Asyn•Ganti GS sequences tend to be processed faster by 

MutY. Our results lead us to speculate that base pair dynamics and thermodynamic 

stability as well as the ground state ‘substrate’ conformation encountered by the enzyme 

may contribute to multiple steps along the enzymatic processing mechanism including: 

legion recognition, base flipping (dG to anti and dA to syn), and base extrusion from the 

double helix, sequence specifically altering enzyme kinetics. 

Finally, we have thus far not observed the formation of any tautomeric WC-like 

dA•dG base pair, when targeting the NH2 functional groups of the dA and dG bases. 

Measurements on dA-N6H2 were not possible due to weak NMR observable signals; 

while dG-N2H2 simply did not show evidence of RD. The proposed WC-like ES that 
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could be detected via dG-N2H2 involves a highly energetically disfavored double 

tautomeric state and it is not surprising that we were unable to observe such a state. 

Additionally, predictions of dA•dG WC-like populations from Mwobble would expect 

species ~10x less populated than the dG•dT WC-like base pair, outside of the RD 

detection window. Indeed, dA•dG mismatches may have alternative formation 

pathways. Time-resolved crystallography of a dATP•dG mismatch incorporation in 

polymerase β suggests that dA•dG misincorporation may occur via the formation of a 

transient abasic site and not via a WC-like base pair [90]. It is likely that many unique 

mechanisms govern misincorporation, each with their own probability, which will 

require further study to elucidate. 
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5.11 Supporting Figures 

 

Supporting Figure 2.1: HSQC overlay of GAC sequence context 
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Supporting Figure 5.2: hpAG-GAC relaxation dispersion profiles 
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Supporting Figure 5.3: hpAG-GAC overlays with m1A and m1G modifications 
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Supporting Figure 5.4: hpAG-GAT HSQC, NOESY, and RD Data 
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Supporting Figure 5.5: hpAG-TAG HSQC overlays 

  



 

 

227 

 
Supporting Figure 5.6: hpAG-GAG HSQC overlays 

  



 

 

228 

 
Supporting Figure 5.7: hpAG-AAG overlays 
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Supporting Figure 5.8: NOESY H2'/H2'' - H6/H8 interactions for syn dA  
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5.12 Materials and Methods 

5.12.1 Chemical synthesis of selectively 13C/15N-labeled DNA samples 

DNA samples containing residue-specific 13C/15N-labeled nucleotides at the 

dA•dG mismatch positions were purchased from the Yale Keck Oligonucleotide 

Synthesis Facility. The 13C/15N-selectively labeled phosphoramidites were purchased 

from Cambridge Isotope Labs (98% 13C/15N 2′-deoxyguanosine DMT-phosphoramidites 

and 98% 13C/15N 2′-deoxythymidine phosphoramidites). All synthesized oligos were 

purified using RP-HPLC or GlenPak cartridges (Glen Research). The purity of each 

sample was assessed and confirmed by HPLC, mass spectrometry, and NMR. NMR 

experiments were also used to confirm proper duplex formation and folding. 

5.12.2 Chemical synthesis of modified DNA samples 

DNA samples containing residue specific modification (N1-methyl-

deoxyadenosine and N1-methyldeoxy-adenosine) were purchased from the Yale Keck 

Oligonucleotide Synthesis Facility. All synthesized oligos were purified using GlenPak 

cartridges (Glen Research). The purity of each sample was assessed and confirmed by 

HPLC, mass spectrometry, and NMR. NMR experiments were also used to confirm 

proper duplex formation and folding.  

5.12.3 NMR sample conditions 

All samples were exchanged into their respective buffers using a centrifugal 

concentrator (EMD Millipore). The exchange was repeated to ensure >99.5% exchange 
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into the target buffer. All buffers contained 15mM PO4, 25 mM NaCl, 0.1 mM EDTA. 

D2O (~10%) was added to all NMR samples. The DNA concentration in the NMR 

samples ranged between ≈0.5 and 3.5 mM.  

5.12.4 NMR resonance assignments 

The H1/H3 and N1/N3 resonance assignments for all DNA and RNA constructs 

were obtained using imino [15N, 1H] heteronuclear and [1H, 1H] NOESY homonuclear 

correlation experiments as previously described [152]. Assignment experiments were 

collected on 600 and 700 MHz Bruker Avance spectrometers equipped with HCNP and 

HCN cryogenic probes, respectively. Data was processed using NMRpipe software 

package [192] and analyzed using SPARKY (T.D. Goddard and D.G. Kneller, SPARKY 3, 

University of California, San Francisco).  

5.12.5 R1ρ measurements 

All RD data were measured on 600 and 700 MHz Bruker Avance spectrometers 

equipped with HCNP and HCN cryogenic probes, respectively, using the 1D 15N R1ρ 

experiment [177] as described previously [152, 196]. Raw data were processed as a 

pseudo-2D assuming a Lorentzian peak-shape using NMRpipe [192] to generate a series 

of time-dependent peak intensities. Data was collected at varying spinlock powers (ω 

2π-1 Hz) and offset frequencies (Ω 2π-1 Hz, where Ω = Ωobs - ωrf and ωrf is the carrier 

frequency) given in the respective RD profiles. The spins of interest were allowed to 

relax under an applied spinlock for the varying durations, ranging from 0 – 120 ms. R1ρ 
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values for a given spinlock power and offset combination were calculated by fitting the 

decaying peak intensities to a monoexponential decay [151, 152]. The R1ρ uncertainty 

was calculated using a Monte-Carlo approach (500 iterations) using the root-mean-

square spectral noise to estimate uncertainty in intensity values as described previously 

[197]. The chemical exchange parameters of interest were obtained by fitting the 

experimentally measured 13C R1ρ values to numerical solutions of the Bloch–McConnell 

(B-M) equations [158, 160] describing n-site chemical exchange. 

5.12.6 Optical Melting Experiments 

DNA for optical melting experiments was ordered from Integrated DNA 

Technologies (Coralville, IA). 3 µL each of 1mM single-stranded DNA containing a dA 

and complementary single-strand containing either a dG or dT were mixed, heated at 95 

°C for 2 minutes and cooled at room temperature. Samples were diluted to a 

concentration of 3µM and used for optical melting experiments. Measurements were 

performed using a Shimadzu UV-3600 UV-Vis spectrophotometer with a temperature 

control unit and 8-cell sample changer with a blank/sample volume of 100µL. Samples 

were heated at a rate of 1°C/min with the absorbance at 260 nm (A260) being recorded 

every 0.5 min. The absorbance curves were then fit to obtain the thermodynamic 

parameters using an in-house python script and the following equations: 

𝐴rld = Vë(𝑚cb ∗ 𝑇) + 𝑏cbí ∗ 𝑓W + (ë(𝑚bb ∗ 𝑇) + 𝑏bbí ∗ (1 − 𝑓)) 
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𝑓 =
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Where mds, bds, mss, and bss are coefficients representing the temperature 

dependence of the extinction coefficients of the double and single stranded species, T is 

the temperature in Kelvin, ΔH is the enthalpy of the melting transition in kcal mol-1 and 

R is the universal gas constant in kcal mol-1 K-1. The free energy of the melting transition 

was then obtained as: 

𝑆 = ñò
±ð
− 𝑅𝑙𝑛 V»õ

r
W and Δ𝐺 = Δ𝐻 − 𝑇Δ𝑆 

Where Ct is the total concentration of the duplex species at the start of the 

measurements and ΔS and ΔG are the entropy and free energy of the melting process. 

Errors in the thermodynamic measurements (one standard deviation) were estimated by 

performing the experiments in triplicate.   
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6. Conclusions 
The tautomeric hypothesis of spontaneous misincorporation was proposed more 

than 60 years ago in the original publications on the structure and implications of the 

DNA double helix [119, 120]. The research presented in this work shows that dG•dT 

mismatches in DNA can transiently adopt Watson-Crick-like base pair geometry via 

tautomerization or ionization; and that the kinetics and thermodynamics of WC-like 

base pair formation can explain the rates and frequency of dG•dT base misinsertion 

events. By integrating structural analysis of insertion events and WC-like base pairs with 

generalized kinetic models developed for polymerase mechanisms it has been possible 

via mathematical modeling to describe how both tautomeric and anionic WC-like base 

pairs contribute to mutational frequencies in sequence- and condition-dependent 

manners.  

The results in this dissertation primarily focus on the WC-like states of dG•dT 

mismatches. The dG•dT mismatch was originally studied due to its frequent occurrence 

and structural properties that are amenable to NMR [152]. Many other mismatches have 

been proposed to form WC-like base pairs and remain to be characterized. Efforts are 

on-going in the Al-Hashimi lab to target the dA•dC, dA•dG, and dG•dG proposed 

Watson-Crick-like excited states (Figure 1.10). These other forms of mismatches lack the 

highly sensitive imino functional groups present in the dG•dT mismatch and so far, RD 

experiments targeting other base mismatches are inconclusive. While efforts to target the 



 

 

235 

dA•dG WC-like base pairs have been unsuccessful; these experiments have uncovered a 

rich energetic landscape that is highly influenced by sequence and pH. These studies 

include the first description, to the best of our knowledge, of an Asyn•Ganti base pair in 

solution. Furthermore, this base pair conformation has been shown to form both as a 

ground state and excited state based on sequence context. These sequence specific 

alterations of the ground state sequence may influence the rates of mismatch repair 

enzymes, but this remains to be conclusively shown.  

The ultimate test of the tautomeric misincorporation hypothesis will be the direct 

observation of a tautomeric base pair formation and incorporation within the active site 

of a polymerase. Crystallographic studies of dA•dC [56] and dG•dT [57 ] mismatches 

have shown that it is possible for mispairs to adopt WC-like geometry in the polymerase 

active site. The identity of these WC-like state remains unknown and we have shown 

here that both tautomeric and anionic base pairs are viable species for misincorporation. 

We have also shown in Chapter 4 that the kinetics and thermodynamics of 

misincorporation can be explained via several alternative models and direct observation 

of an active site mismatch will help to address outstanding questions regarding the 

accuracy and details of these proposed models. Experiments are on-going in the Al-

Hashimi lab to attempt to observe the polymerase active site bp using human 

polymerase β with a site-specifically labeled 13C/15N template dG and 13C/15N-labeled 

dTTP. Direct visualization of the mismatched ternary complex would provide the most 
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biologically relevant evidence for the exact species responsible for spontaneous 

misincorporation; and elucidation of the kinetics and thermodynamics of active site 

exchange processes will allow for further refinement of the kinetic misincorporation 

model proposed in this thesis.  
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Appendix A 

Data tables associated with this document have been archived with the Al-

Hashimi lab and are available at https://sites.duke.edu/alhashimilab. 

NMR RD data fitting code and kinetic simulation code is available at 

https://github.com/alhashimilab and https://github.com/ericszy. 

The presteady state kinetic experiments using Polymerase β described in section 

3.6 were carried out by Walter Zahurancik and Dr. Zucai Suo.  
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