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Abstract 
Heart failure is a worldwide public health problem with substantial clinical 

burden and economic costs. In the progression into failure, the heart undergoes 

dramatic alterations in mitochondrial fuel metabolism and bioenergetics. As such, there 

is considerable interest in the delineation of regulatory events involved in the metabolic 

dysfunction of heart failure. Previous collaborative work identified three metabolic 

signatures associated with early stage heart failure: 1) accumulation of acylcarnitine 

metabolites; 2) mitochondrial hyperacetylation; and 3) elevated ketone catabolism. The 

goal of this dissertation was to explore the role of these metabolic signatures in the 

pathogenesis of heart failure.  

Tissue accumulation of acylcarnitine metabolites is characteristic of 

mitochondrial dysfunction and indicative of incomplete β-oxidation. This occurs when a 

large portion of the fatty acids (i.e., acyl groups) within the mitochondria are not fully 

catabolized and the resulting intermediates are transferred to carnitine esters, enabling 

the traversal of biological membranes and departure from the mitochondrial matrix.  

Nϵ-acetylation in the mitochondrial matrix is a non-enzymatic, post-translational 

modification (PTM) that spontaneously arises from the relatively basic pH and 

abundance of acetyl-CoA. Accumulation of this PTM has been observed in other tissues 

and disease states with evidence suggesting it impairs mitochondrial metabolism and 

causes dysfunction. However, convincing studies are lacking to establish a direct causal 

connection between dysfunction and acetylation. To address this shortcoming, a novel 

assay platform for the comprehensive assessment of mitochondrial bioenergetic 

transduction was developed and validated. Next, we generated and validated a novel 

mouse model of cardiac mitochondrial hyperacetylation and utilized the bioenergetic 

assay platform to test the hypothesis that it causes metabolic perturbations. Surprisingly, 
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these hyperacetylated mitochondria exhibited almost no deficits in mitochondrial 

oxidative metabolism. To determine if hyperacetylation causes mitochondrial 

dysfunction in vivo under pathologic stimuli, the mouse model and littermate controls 

were subjected to transaortic constriction, a surgical method to induce pressure-overload 

heart failure. The hyperacetylated animals did not exhibit enhanced sensitivity toward 

cardiac dysfunction relative controls. With these results, we concluded that 

mitochondrial hyperacetylation does not contribute to the pathogenesis of heart failure. 

Elevated ketone catabolism was observed in early stage failing hearts. Through a 

series of murine and canine heart failure models, ketone catabolism was shown to be 

adaptive in response to pathological stress. Additionally, the mitochondrial bioenergetic 

assay platform was applied to cardiac mitochondria under substrate limited-conditions. 

These results indicate that ketone catabolism improves mitochondrial bioenergetic 

efficiency under constraints which mimic the failing heart. With these results, we 

conclude ketone catabolism is an important metabolic defense in response to the 

dysfunction of the failing heart.  



 

vi 

Contents 
Abstract .............................................................................................................................. iv 

Contents ............................................................................................................................. vi 

List of Tables ...................................................................................................................... xi 

List of Figures ................................................................................................................... xii 

Acknowledgements ............................................................................................................ xv 

1. Introduction .................................................................................................................... 1 

1.1 The Heart in Health and Disease .......................................................................... 1 

1.2 Energy Metabolic Reprogramming in the Hypertrophied and Early Stage 
Failing Heart: A Multisystem Approach .............................................................. 3 

1.3 Mitochondrial Protein Hyperacetylation in the Failing Heart ............................ 5 

1.4 The Failing Heart Relies on Ketone Bodies as a Fuel .......................................... 7 

1.5 Summary and Preview ......................................................................................... 8 

2. Experimental Methods .................................................................................................. 11 

2.1 Introduction ........................................................................................................ 11 

2.2 Methods Related to Isolated Mitochondrial Experiments .................................. 11 

2.2.1 Mitochondrial Isolation ................................................................................... 11 

2.2.1.1 Standard Isolation Procedure .................................................................. 11 

2.2.1.2 Mitochondrial Purification with Percoll ................................................... 12 

2.2.2 Preparation of Mouse Mitochondrial Pellets for Western Blotting ................ 13 

2.2.3 Creatine Kinase Clamp .................................................................................... 13 

2.2.4 Free Magnesium Quantification...................................................................... 14 

2.2.5 Mitochondrial Respiration .............................................................................. 14 

2.2.6 Mitochondrial Membrane Potential (ΔΨ) and NAD(P)H/NAD(P)+ Redox 
using Spectrofluorometry ................................................................................ 15 

2.2.7 Mitochondrial Membrane Potential (ΔΨ) using a TPP+ Selective Electrode . 16 

2.2.8 Low-Dose Inhibitor Experiments.................................................................... 17 



 

vii 

2.2.9 Mitochondrial JH2O2 .......................................................................................18 

2.2.10 JATP ................................................................................................................ 19 

2.2.11 JNADH and JNADPH .................................................................................... 20 

2.2.12 Hydroxyacyl-CoA Dehydrogenase Activity .................................................... 20 

2.2.13 CV Activity ....................................................................................................... 21 

2.2.14 GOT2 Activity .................................................................................................. 21 

2.2.15 Proton Leak Kinetics ...................................................................................... 22 

2.2.16 Substrate Kinetic Analysis in Cardiac Mitochondria ..................................... 22 

2.2.17 Statistical Analysis .......................................................................................... 23 

2.2.17.1 Statistical Analyses for Chapters 4 and 5. ............................................... 23 

2.2.17.2 Statistical Analyses for Chapter 3 ............................................................ 24 

2.3 Methods Related to Proteomic Experiments ..................................................... 24 

2.3.1 Tissue Lysis, Digestion, and TMT labeling..................................................... 24 

2.3.2 Acetylpeptide Enrichment .............................................................................. 25 

2.3.3 Processing of the “Input” Fraction ................................................................. 26 

2.3.4 nLC-MS/MS ................................................................................................... 26 

2.3.5 Proteomics Data Analysis ............................................................................... 27 

2.3.6 Proteomics Statistical Analysis ...................................................................... 28 

2.3.7 Pathway Enrichment Analysis ....................................................................... 29 

2.4 Methods Related to Experimental Animal Models ............................................ 30 

2.4.1 General Animal Care ...................................................................................... 30 

2.4.2 Methods Specific to Work on Cardiac Hyperacetylation ............................... 30 

2.4.2.1 Generation Crat/Sirt3fl/fl and Sirt3fl/fl Mouse Strains ............................. 30 

2.4.2.2 Genotyping Crat/Sirt3fl/fl and Sirt3fl/fl Mouse Strains ............................. 31 

2.4.2.3 RT-qPCR Confirmation of Gene Ablation in Crat/Sirt3fl/fl Hearts .......... 31 

2.4.2.4 Trans-aortic Constriction and Serial Echocardiography ........................ 32 



 

viii 

2.4.2.5 Pressure Volume Loop Analysis .............................................................. 33 

2.4.2.6 Statistical Analyses .................................................................................. 33 

2.4.3 Methods Specific to Work on Cardiac Ketone Catabolism ............................ 34 

2.4.3.1 Generating csBDH1-/- Mice...................................................................... 34 

2.4.3.2 Trans-aortic Constriction with Small Apical Myocardial Infarction 
(TAC/MI) ................................................................................................. 35 

2.4.3.3 Echocardiography ................................................................................... 35 

2.4.3.4 Canine Studies ......................................................................................... 36 

2.4.3.5 Statistical Analysis ................................................................................... 36 

Prelude – Chapter 3 .......................................................................................................... 38 

3. Mitochondrial Diagnostics: A Multiplexed Assay Platform for Comprehensive 
Assessment of Mitochondrial Energy Fluxes ............................................................... 40 

3.1 Introduction ....................................................................................................... 40 

3.2 Results ................................................................................................................. 41 

3.2.1 Working Model of Mitochondrial Energy Transduction................................. 41 

3.2.2 The Creatine Kinase Clamp Technique and the Assessment of OXPHOS 
Conductance ................................................................................................... 47 

3.2.3 Multiplexed Assessment of Mitochondrial ΔΨ and NAD(P)H/NAD(P)+ 
Redox State across Increasing ATP Free Energies ......................................... 50 

3.2.4 Validating the Diagnostic Utility of the CK Clamp Technique Using 
Respiratory Inhibitors .................................................................................... 52 

3.2.5 Application of the Respiratory Diagnostics Platform Reveals Tissue-Specific 
Conductance Phenotypes and Dehydrogenase Limitations in Skeletal 
Muscle and Heart Mitochondria .................................................................... 55 

3.2.6 Adaptations in Energy Transfer Efficiency within Heart Mitochondria 
Maximize ΔGATP across Physiological Flux Demands .....................................57 

3.2.7 Mitochondrial JH2O2 Emission is Greater in Heart than Skeletal Muscle and 
Increases across a Physiologic Span of ATP Free Energies in Both Tissues .. 59 

3.2.8 Comprehensive Assessment of Mitochondrial Energy Transfer and 
Enzymatic Fluxes Provide Mechanistic Insights into Tissue-Specific 
Differences in Respiratory Conductance ........................................................ 62 



 

ix 

3.3 Discussion .......................................................................................................... 67 

Interlude – Chapter 4 ....................................................................................................... 74 

4. Disruption of Acetyl Group Balance in Cardiomyocytes Augments the Mitochondrial 
Acetylproteome without Affecting Respiratory Function or Heart Susceptibility to 
Pressure Overload .........................................................................................................75 

4.1 Introduction ........................................................................................................75 

4.2 Results ................................................................................................................. 77 

4.2.1 Ablation of Carnitine Acetyltransferase and Sirtuin 3 from Cardiomyocytes 
Additively Increases the Quantity of Mitochondrial Acetylated Lysine 
Residues and Recapitulates the Acetylome Observed in Heart Failure .......... 77 

4.2.2 Comprehensive Mitochondrial Diagnostics using the Creatine Kinase 
Energetic Clamp Technique ........................................................................... 83 

4.2.3 Coincident Ablation of SIRT3 and CRAT has Minimal Impact on 
Mitochondrial Bioenergetics Despite Extensive Lysine Hyperacetylation .... 88 

4.2.4 Coincident Ablation of SIRT3 and CRAT does not Accelerate Cardiac 
Dysfunction in Response to Pressure Overload ............................................. 92 

4.2.5 Trans-aortic Constriction does not Exacerbate Mitochondrial 
Hyperacetylation but Reduces Complex I Expression ................................... 97 

4.3 Discussion ........................................................................................................ 100 

Interlude – Chapter 5 ..................................................................................................... 103 

5. The Failing Heart Utilizes 3-Hydroxybutyrate as a Metabolic Stress Defense .......... 104 

5.1 Introduction ..................................................................................................... 104 

5.2 Results .............................................................................................................. 106 

5.2.1 Generation of Mice Incapable of Oxidizing 3OHB in the Heart .................. 106 

5.2.2 BDH1 is Necessary to Maintain Cardiac Function in the Context of a 
Nutritional Stress .......................................................................................... 110 

5.2.3 Inability to Oxidize 3OHB in the Heart Results in Worsened Pathologic 
Cardiac Remodeling in the Context of Pressure Overload/Ischemic Stress . 112 

5.2.4 Increased Delivery of Ketone Bodies to the Heart Ameliorates Pathological 
Cardiac Remodeling and Dysfunction........................................................... 115 

5.2.5 3OHB Augments Respiratory Efficiency in Isolated Heart Mitochondria ... 123 



 

x 

5.3 Discussion ......................................................................................................... 133 

6. Conclusions ................................................................................................................ 140 

6.1 Mitochondrial Hyperacetylation – Conclusions, Caveats, Future Work .......... 141 

6.2 Cardiac Ketone Catabolism – Conclusions, Caveats, and Future Work ........... 143 

6.3 Revising the Working Model of Metabolic Dysfunction in the Early Failing 
Heart.................................................................................................................. 145 

Appendices ...................................................................................................................... 148 

A. Additional Data and Rationale Related to the Mitochondrial Diagnostics 
Platform ............................................................................................................ 148 

A.1. Mitochondrial Respiration with the CK Clamp ............................................ 148 

A.2. The Impact of Sodium Salts on Mitochondrial Respiration .........................150 

A.3. Measuring Mitochondrial Membrane Potential (ΔΨ) using 
Spectrofluorometry ....................................................................................... 151 

A.4. Mitochondrial JH2O2 ..................................................................................... 153 

A.5. JNADH and JNADPH ................................................................................... 154 

A.6. Hydroxyacyl-CoA Dehydrogenase Activity ................................................... 155 

A.7. GOT2 Activity ................................................................................................ 155 

A.8. JATP .............................................................................................................. 155 

A.9. CV Activity ..................................................................................................... 156 

A.10. Proton Leak Kinetics ..................................................................................... 157 

B. Additional Methodology Related to Canine Tachypacing Experiments ........... 158 

C. Abbreviations .................................................................................................... 161 

References ........................................................................................................................ 167 

Biography ......................................................................................................................... 181 

 



 

xi 

List of Tables 
Table 1. Genotyping primers used in Chapter 4 ................................................................ 31 

Table 2. Genotyping primers used in Chapter 5 ............................................................... 35 

Table 3. Serial echocardiographic analyses. ..................................................................... 94 

Table 4. Terminal pressure-volume loop analysis. ........................................................... 96 

Table 5. Distribution of genotypes in offspring of Cre-/- Bdh1fl/fl × Cre+/- Bdh1fl/fl 
crosses .............................................................................................................................. 107 

Table 6. Echocardiographic analyses of csBDH1-/- and controls following a 24h fast. .... 111 

Table 7. Echocardiographic analyses post-TAC/MI or sham procedure in control vs. 
csBDH1-/- mice. ................................................................................................................ 113 

Table 8. Echocardiographic analyses post-TAC/MI or sham procedure in mice fed 
standard chow or ketogenic diet. ..................................................................................... 116 

Table 9. Serial Echocardiographic analyses in tachypacing canines and controls, with 
and without 3OHB infusion. ........................................................................................... 120 

 



 

xii 

List of Figures 
Figure 1. A summary of the metabolic dysfunction in early heart failure and proposed 
mechanisms. ....................................................................................................................... 3 

Figure 2. A summary of mitochondrial energy transfer. .................................................. 43 

Figure 3. The presence of Na+ impairs respiratory conductance. .................................... 46 

Figure 4. Assessment of mitochondrial respiratory conductance via the CK clamp. ....... 49 

Figure 5. Approximation of mitochondrial ΔΨ via TMRM and measurement of 
NAD(P)H/NAD(P)+ redox state under varying ATP free energies. ................................... 51 

Figure 6. Respiratory conductance workflow localizes distinct sites of resistance 
imposed by specific inhibitors. ......................................................................................... 53 

Figure 7. Respiratory control in mitochondria isolated from heart compared to skeletal 
muscle. .............................................................................................................................. 56 

Figure 8. Additional validation of heart and skeletal muscle mitochondrial isolations. . 59 

Figure 9. Thioredoxin reductase inhibition reveals stepwise increases in electron leak 
during transition from high to low energetic demands. .................................................... 61 

Figure 10. The H2O2 emission standard curve. ................................................................. 62 

Figure 11. Comprehensive assessment of dehydrogenase activities and ATP synthase. .. 64 

Figure 12. Representative data from plate assay and assessment of proton leak. ........... 67 

Figure 13. Mitochondrial diagnostics tree. ....................................................................... 69 

Figure 14. Validation of Carnitine acetyltransferase (Crat) and Sirtuin 3 (Sirt3) ablation 
in biventricular myocardium of animal models. .............................................................. 78 

Figure 15. Ablation of Crat and Sirt3 from the heart additively increases mitochondrial 
lysine acetylation and recapitulates the acetylome observed in heart failure. .................. 81 

Figure 16. Additional information pertaining to proteomic experiments 1, 2, and 3. ...... 82 

Figure 17. Comprehensive mitochondrial diagnostics using the Creatine kinase 
energetic clamp technique. ............................................................................................... 85 

Figure 18. Comprehensive assessment of cardiac mitochondrial bioenergetic fluxes in 
the setting of hyperacetylation reveals minimally improved transduction. ..................... 87 

Figure 19. Additional assessment of mitochondrial bioenergetic fluxes in the setting of 
cardiac mitochondrial hyperacetylation. .......................................................................... 90 



 

xiii 

Figure 20. Following a 24-hour fast, assessment of mitochondrial bioenergetic fluxes in 
the setting of cardiac mitochondrial hyperacetylation. ..................................................... 91 

Figure 21. Coincident ablation of SIRT3 and CRAT does not accelerate cardiac 
dysfunction in response to pressure overload. ................................................................. 93 

Figure 22. Trans-aortic constriction does not exacerbate mitochondrial 
hyperacetylation but reduces Complex I expression. ....................................................... 99 

Figure 23. Generation of the csBDH1-/- mouse line. ........................................................ 107 

Figure 24. csBDH1-/- mouse hearts are incapable of oxidizing D-3-hydroxybutyrate. .. 109 

Figure 25. Phenotype of fasted csBDH1-/- mice. ............................................................... 111 

Figure 26. Inability to oxidize 3OHB in the heart results in worsened pathologic cardiac 
remodeling in the context of pressure overload/ischemic stress. ................................... 113 

Figure 27. Gene expression signature indicates more severe pathological remodeling in 
the csBDH1-/- TAC/MI mice............................................................................................. 114 

Figure 28. Ketogenic diet results in elevated levels of circulating 3-hydroxybutyrate. .. 115 

Figure 29. Increased delivery of ketone bodies to the heart supplied by a ketogenic diet 
ameliorates pathological cardiac remodeling. ................................................................. 116 

Figure 30. Circulating levels of ketone bodies were elevated after tachypacing and 
further increased with 3OHB infusion. ........................................................................... 118 

Figure 31. Chronically increased delivery of ketone bodies to the heart by direct 
infusion ameliorates pathological cardiac remodeling. ................................................... 119 

Figure 32. Impact of 3OHB infusion on cardiac substrate utilization. ........................... 122 

Figure 33. Mitochondrial energy transduction. ............................................................... 126 

Figure 34. 3OHB augments respiratory sensitivity and efficiency in the context of Km 
concentrations of anaplerotic substrates. ........................................................................ 127 

Figure 35. 3OHB augments respiratory efficiency in isolated heart mitochondria. ....... 129 

Figure 36. The effects of 3OHB on mitochondrial respiratory efficiency depend on 
BDH1 flux. ........................................................................................................................ 131 

Figure 37. Additional evidence demonstrating the effects of 3OHB on mitochondrial 
respiratory efficiency depend on BDH1 flux. ................................................................... 132 

Figure 38. The effects of 3OHB on JNADH and αKG-supported JO2 require BDH1 
flux. .................................................................................................................................. 133 



 

xiv 

Figure 39. Proposed impact of 3OHB on mitochondrial redox and respiratory efficiency 
in heart failure. ................................................................................................................ 139 

Figure 40. A summary of the metabolic dysfunction in early heart failure and revised 
mechanisms ..................................................................................................................... 145 

Figure 41. Respiratory efficiency of medium- and long-chain acylcarnitines in cardiac 
mitochondria.................................................................................................................... 147 



 

xv 

Acknowledgements 
The work presented herein was only possible with the support of many individuals. In 
particular, I wish to thank:  
 

Deb Muoio for everything. Without her generous support, patience, and mentorship 
none of this would have been possible. I am forever grateful.  
 
Tim Koves for his mentorship, friendship, and patience. I could always count on him 
for experimental advice and a laugh at my jokes.  
 
Kelsey Fisher-Wellman for his mentorship at the bench and the imparting of a 
portion of his encyclopedic knowledge of mitochondria.  
 
Chris Newgard, Chris Kontos, Tso-Pang Yao, and Jen-Tsan Ashley Chi as my 
doctoral committee for their interest and guidance. 
  
Kari Wong, Dorothy Slentz, and April Hawkins for their support and friendship 
throughout my graduate work. 
 
Lilja Kjalarsdóttir for teaching me to work with mice and western blotting. 
 
Dan Kelly, Julie Horton, Fabio Recchia, and Clara Kurishima for work on the role of 
ketone catabolism in the failing heart.   
 
Lan Mao, Dennis Abraham, and Zhiqiang Chen from the Duke Cardiovascular 
Research Center Core Facility for performing the trans-aortic constriction 
procedures and related work. 
 
Brian Glancy and Bob Balaban for the original concept and development of the 
Creatine kinase Bioenergetic Clamp.  

 
 
 
 
 



 

1 

1. Introduction 

1.1 The Heart in Health and Disease 

The heart is essential to the metabolic homeostasis of the body through the 

continuous perfusion of tissues, an immensely energetic process requiring the 

consumption of kilograms of adenosine triphosphate (ATP) each day. As more than a 

simple pump, the heart must efficiently balance and respond to the changing demands of 

the body, necessitating the continuous and dynamic replenishment of ATP (Balaban, 

2002; Lopaschuk et al., 1994; Wisneski et al., 1987). In the normal adult heart, the vast 

majority of ATP (> 95%) is generated through mitochondrial oxidative phosphorylation; 

the remainder is derived from glycolysis (Balaban, 2002; Lopaschuk et al., 1994; 

Wisneski et al., 1987). Mitochondrial fatty acid oxidation is the principal fuel source for 

the heart, accounting for 60 to 90% of the ATP production (van der Vusse et al., 2000). 

However, the dynamic energetic demands necessitate omnivorous mitochondria capable 

of catabolizing glucose, lactate, and ketones. The control of cardiomyocyte energy-

production is complex, yet under healthy conditions these mitochondria perfectly 

coordinate the rate of ATP production with ATP utilization. 

The heart will undergo energetic and hypertrophic remodeling in response to 

various pathologic stimuli such as recurrent ischemic insult or chronic hypertension. As 

the heart progresses through hypertrophy and into failure, it reduces the capacity for 

fatty acid oxidation, increases the rate of glycolysis, and ultimately diminishes the 

capacity for ATP synthesis (Allard et al., 1994; Huss and Kelly, 2005; Neubauer et al., 

1997; Stanley et al., 2005; Tian et al., 1996). As a result, the failing heart is incapable of 

mustering the energy necessary to adequately perfuse the body.  

Restoration of bioenergetic balance is central to the clinical treatment of heart 

failure. To date, this is achieved almost solely through a reduction of the energetic 
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demand via a combination of neurohormonal modulation, heart rate reduction, and/or 

vasodilation (i.e., unloading). These treatments effectively reduce myocardial energy 

requirements and have improved survival in some patient populations (Brown et al., 

2017). However, additional advancements along these treatment modalities are unlikely 

to produce significant clinical benefits as they are inherently limited by bradycardia and 

hypotension. As a result, there is considerable interest in delineating the regulatory 

events involved in the metabolic re-programming in the early stages of heart failure. An 

understanding of these metabolic mechanisms constitutes the first critical step in the 

development of novel treatment modalities to enhance the bioenergetic capacity of the 

failing heart. 

To that end, the Muoio and Kelly laboratories have jointly investigated the early 

pathologic changes that occur en route toward heart failure and have identified three key 

signatures of the disease: 1) an accumulation of acylcarnitine metabolites; 2) 

mitochondrial hyperacetylation; and 3) elevated ketone catabolism. These observations 

are briefly summarized below as they form the conceptual basis for the work presented 

herein.  
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Figure 1. A summary of the metabolic dysfunction in early heart failure and 
proposed mechanisms.  

Metabolomic Analysis found (1) Elevated acylcarnitines (2) Decreased tricarboxylic acid 
(TCA) cycle intermediates (3) Elevated lactate to pyruvate ratio and (4) Increased acetyl-
CoA levels, which may increase lysine acetylation (5, purple arrow). These results suggest 
multiple bottlenecks to carbon flux which may be mechanistically explained by (5).  
(5) Increased mitochondrial protein acetylation (Kac) observed in heart failure. Kac is 
presumed to inhibit oxidative metabolism and is predicted to account for bottlenecks in 
the TCA cycle, PDH complex, and fatty acid oxidation (FAO) pathways (scattered “Ac” 
spheres). 
(6) Increased β-hydroxybutyrate dehydrogenase 1 (BDH1) enzyme expression and 
β-hydroxybutyrate dehydrogenase (3OHB) oxidation. Utility of ketone oxidation is 
unknown (yellow question mark). Ketone oxidation could reduce NAD+ and possibly 
inhibit Sirt3 activity while supplying more acetyl-CoA and ultimately contributing to 
increased lysine acetylation (purple arrow). Alternatively, it may circumvent bottlenecks 
in other pathways and benefit respiratory flux.  

1.2 Energy Metabolic Reprogramming in the Hypertrophied and 
Early Stage Failing Heart: A Multisystem Approach  

To unbiasedly interrogate the molecular and metabolic perturbations of early 

stage heart failure, an integrated series of ‘-omic’ studies was applied to an established 

mouse model of left ventricular (LF) pressure overload induced cardiac dysfunction (Lai 

et al., 2014). Trans-aortic constriction (TAC) was performed on C57BL/6 mice aged 8-12 

weeks by the Kelly lab. In their hands, this procedure resulted in significant LV 

hypertrophy with preserved systolic function without evidence of chamber volume 

remodeling after 4-weeks. This phenotype was termed compensated hypertrophy (CH). 
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In a second group of age-matched animals, TAC was combined with a small apical 

myocardial infarction (MI) resulting in global LV systolic and diastolic dilation with 

significantly reduced LV ejection fraction (EF) after 4-weeks. This phenotype was termed 

heart failure (HF). Of note, the HF model did not exhibit significant cardiomyocyte death 

or fibrosis, consistent with an early-stage of heart failure (Weinheimer et al., 2015). The 

combination of CH and HF provided a two-state progressive aperture into the 

pathogenesis of heart failure and was a particularly well-suited experimental model to 

delineate the early metabolic perturbations of the disease. 

In the first experiment, LV samples from CH, HF, and corresponding sham 

control animals received transcriptomic profiling focused on pathways involved in 

energy metabolism.  Differentially expressed (DE) genes were determined at false 

discovery rate (FDR) < 0.05 compared to sham controls. In samples from both CH and 

HF groups, a significant proportion of downregulated DE metabolic genes were involved 

in fatty acid metabolism (Lai et al., 2014). This observation validated the experimental 

design, as previous work had shown that the failing heart decreases the expression of 

fatty acid metabolic genes (Allard et al., 1994; Christe and Rodgers, 1994; Kanda et al., 

2000; Lopaschuk et al., 2010; Sack et al., 1996; Sihag et al., 2009; Taegtmeyer et al., 

2004). Surprisingly, the majority of downstream mitochondrial energy transduction 

pathways — including the electron transport system (ETS), oxidative phosphorylation 

system (OXPHOS), and the tricarboxylic acid (TCA) cycle — were not DE in either CH or 

HF groups. This observation contrasted with most published gene expression studies in 

heart failure, which demonstrated global downregulation of ETS and OXPHOS related 

transcripts; however, most of those studies were conducted on models or samples of 

severe, end-stage HF (Barth et al., 2011; Bugger et al., 2010; Gao et al., 2006). These 

transcriptomic results were subsequently validated at the protein level using unbiased 
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quantitative mitochondrial proteomics using Stable Isotope Labeling by Amino Acids 

(SILAC) on isolated mitochondria from the LV of CH and HF mice along with the sham 

controls (Aubert et al., 2016).  

Next, targeted quantitative metabolomics via mass spectrometry was performed 

on samples from CH, HF, and sham controls to assess the main components of 

mitochondrial oxidation: acylcarnitines (fatty acid oxidation, FAO), organic acids 

(lactate, pyruvate oxidation; TCA cycle), and amino acids. The resulting metabolomic 

data showed a surprisingly different pattern than the transcriptomic results. CH samples 

exhibited relatively few differences in metabolite levels from control samples (Lai et al., 

2014). In contrast, HF samples showed a greater degree of change relative their sham 

controls as well as a distinctly different pattern compared to the CH samples. In 

particular, HF samples exhibited significant elevation of acylcarnitine species and lactate 

with concomitant reduction in TCA cycle intermediates which together suggested a 

‘bottleneck’ of carbon flux within both fatty acid and pyruvate oxidation (Figure 1) (Lai et 

al., 2014). Integration of the results implicates a post-translational mechanism in the 

metabolic derangement of carbon flux in the pathogenesis of heart failure.  

1.3 Mitochondrial Protein Hyperacetylation in the Failing Heart  

Based on the integrated results observed en route toward heart failure, we began 

to explore post-translational modifications (PTMs) of mitochondrial proteins which 

might explain the metabolic dysfunction. Metabolomic profiling data led us to suspect 

that the failing heart was particularly susceptible to non-enzymatic acetylation; at the 

time, this was a relatively novel PTM implicated in metabolic dysfunction. Protein 

acetylation arises spontaneously in the mitochondrial matrix on the ε-amino group of 

lysine residues (Kac) due to the relatively basic pH and high concentration of acetyl-

Coenzyme A (CoA) (Wagner and Payne, 2013). Kac had been associated with other 
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metabolic disease states and was presumed to disrupt protein function and/or enzyme 

activity. The strongest evidence connecting mitochondrial acetylation with metabolic 

dysfunction came from mice lacking Sirtuin 3 (Sirt3-/-), a mitochondrial localized NAD+-

dependent deacetylase that removes Kac from proteins. These Sirt3-/- animals exhibited 

mitochondrial hyperacetylation, metabolic dysfunction, and increased susceptibility to 

metabolic stress (Dittenhafer-Reed et al., 2015; Hebert et al., 2013; Hirschey et al., 2011). 

Key observations from the aforementioned metabolomic dataset led to the 

speculation that mitochondrial hyperacetylation coincided with the metabolic 

dysfunction of heart failure. First, the levels of acetylcarnitine, which are thought to 

reflect changes in the mitochondrial pool of acetyl-CoA,1 were elevated in HF and not CH 

samples. Additionally, tissue levels of acetyl-CoA were elevated in HF samples.2 Finally, 

tissue levels of NAD+ were found to be reduced in HF, but not CH, which may reduce the 

activity of SIRT3 (Figure 1) (Peek et al., 2013). To test this hypothesis, the mitochondrial 

acetylproteome was interrogated in CH and HF samples via mass spectrometry following 

immune-affinity purification (Horton et al., 2016). A total of 244 unique Kac sites were 

detected across 82 mitochondrial proteins in the HF setting. The majority of these 

acetylated proteins were involved in mitochondrial energy transduction, including fatty 

acid oxidation, the TCA cycle, ETS, and OXPHOS. In the CH group (relative sham 

controls), fewer acetylated proteins were identified compared to HF samples. 

Additionally, the median relative fold change in CH setting was lower than the HF 

analysis (Horton et al., 2016). These results indicate that in the progression from 

                                                        
1 Carnitine acetyltransferase (CRAT) is the only enzyme capable of converting acetyl-CoA into acetylcarnitine 

is  and is exclusively localized to the mitochondrial matrix in cardiomyocytes (Colucci and Gandour, 1988). 
2 It should be noted that whole-tissue measures of acetyl-CoA cannot distinguish between mitochondrial and 

cytoplasmic acetyl-CoA, which makes this interpretation slightly nuanced. 
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compensated cardiac hypertrophy to failure, a substantial increase in mitochondrial 

protein acetylation occurs.  

1.4 The Failing Heart Relies on Ketone Bodies as a Fuel 

Additional analysis of the SILAC proteomic dataset used to confirm 

transcriptomic observations in CH and HF (above) yielded an unexpected finding: levels 

of β-hydroxybutyrate dehydrogenase (BDH1), a key enzyme in ketone body metabolism, 

was upregulated in both CH and HF relative controls (Aubert et al., 2016). This 

observation was subsequently confirmed in both CH, HF, and sham controls at the 

transcript and protein level. To determine the clinical relevance of this observation, 

BDH1 mRNA levels were quantified in human heart failure samples and found to be 

elevated (Aubert et al., 2016). Next, ketone body utilization was determined in using 

Langendorff heart perfusions and stable isotope labeled β-hydroxybutyrate (13C-3OHB) 

in CH hearts. This experiment determined that the relative incorporation of 13C-3OHB 

into TCA cycle carbon was increased in CH samples relative sham controls (Aubert et al., 

2016). Finally, a metabolite signature from wild-type mouse hearts fed a ketogenic diet 

for 4-weeks was obtained using targeted quantitative metabolomics via mass 

spectrometry and compared to controls fed a standard chow diet. Metabolites that can be 

produced via ketone body catabolism including hydroxybutyrylcarnitine (C4OH-

carnitine), acetylcarnitine, and succinate were increased while NAD+ levels diminished 

in animals with increased myocardial ketone body delivery compared to chow controls. 

This same pattern of metabolites was observed (all significantly) in HF hearts compared 

to sham controls (Aubert et al., 2016). These observations indicated that the 

hypertrophied and failing heart reprograms to oxidize ketones in the context of reduced 

fatty acid oxidation (Figure 1).  
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1.5 Summary and Preview 

To delineate the metabolic perturbations occurring en route to heart failure, 

transcriptomic, metabolomic, and proteomic profiling was performed on tissue samples 

from models of pathologic cardiac hypertrophy (CH) and early stage heart failure (HF). 

The comparative analysis of the resulting datasets led to the following key observations: 

1) A majority of genes involved in mitochondrial energy transduction were not 

significantly changed in either the hypertrophied or early failing hearts (one notable 

exception was downregulation of genes involved in fatty acid oxidation (FAO) and 

2) Tissue metabolites were more broadly regulated than the expression of metabolic 

genes and proteins. Together, these observations suggest HF might involve post-

translational regulatory events that have broad impact on metabolic networks. In line 

with this hypothesis, quantitative acetylproteomics revealed extensive mitochondrial 

hyperacetylation in HF. Thus, the first overarching goal of this project was to determine 

whether mitochondrial protein acetylation disrupts mitochondrial bioenergetics and 

cardiac function or if it was simply a correlative artifact.  

The idea of mitochondrial hyperacetylation impairing oxidative metabolism and 

contributing to cardiac pathophysiology had steadily gained traction within the scientific 

literature throughout and when this project began (Carrico et al., 2018; Choudhary et al., 

2014; Lee and Tian, 2015; Zhou and Tian, 2018). However, convincing evidence to 

establish a direct causal connection was still lacking. Studies evaluating the functional 

significance of Kac have relied heavily on assays of purified or semi-purified enzymes 

genetically engineered to encode acetyl-mimetic mutations (reviewed in Baeza et al., 

2016). Notably however, these mutant constructs typically fail to reproduce potential 

cooperation of multiple acetylated residues on a single protein, or coordination of 

multiple acetylated enzymes belonging to a common pathway. Additionally, unlike the 
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relatively low Kac occupancy rates (< 5%) that have been estimated from analyses of 

mouse tissues (Baeza et al., 2016), the site-directed mutagenesis approach mimics 

∼100% stoichiometry. Thus, the true physiological impact of mitochondrial Kac on 

enzyme fluxes and respiratory performance remained poorly understood.  

To address this gap, a we developed and validated an assay platform for the 

comprehensive assessment of mitochondrial bioenergetic transduction. This work was 

recently published (Fisher-Wellman et al., 2018) and an adaptation of this manuscript is 

presented in Chapter 3. This work involved the application and modification of many 

experimental techniques, the steps of which are detailed in Section 2.2. While the 

narrative of Chapter 3 and methods of Section 2.2 are sufficient to understand and apply 

the experimental techniques, Appendix A is provided for additional details and rationale. 

With the assay platform developed, we returned to the primary hypothesis that 

cardiac mitochondrial hyperacetylation impairs oxidative metabolism and contributes to 

the pathophysiology of heart failure. This work is presented in Chapter 4, which is an 

adaptation of the manuscript that will soon be submitted for peer review and 

publication.  We generated a novel mouse model of cardiac mitochondrial 

hyperacetylation by combining Carnitine acetyltransferase (Crat) and Sirtuin3 (Sirt3) 

ablation (Dual knock-out, DKO), two genes known to regulate the mitochondrial 

acetylome, and validated the phenotype via acetylproteomic analysis. Isolated cardiac 

mitochondria from the DKO model underwent deep and comprehensive assessment of 

bioenergetic transduction — from maximum kinetics to thermodynamic efficiency — by 

the assay platform detailed in Chapter 3 and were predicted to exhibit deficits in 

oxidative metabolism and function. Next, the DKO mice received trans-aortic 

constriction (TAC), an experimental model of heart failure, and were predicted to exhibit 

accelerated cardiac dysfunction relative non-hyperacetylated littermate controls. 
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Surprisingly, however, this animal model of exhibited no distinguishing cardiac 

phenotype despite the severe hyperacetylation; mitochondrial bioenergetic transduction 

was not compromised and the animals did not develop accelerated heart failure. These 

results cast significant doubt on the concept of acetylation impacting mitochondrial 

bioenergetic transduction or playing a causative role in the pathogenesis of heart failure. 

The second overarching goal of the project was to determine the role of ketone 

catabolism — as adaptive or maladaptive —in the pathogenesis of heart failure. To that 

end, the Kelly lab utilized a series of murine and large animal models to determine that 

ketone catabolism is an adaptive mechanism for the heart in response to nutritional and 

pathological stresses. To provide mechanistic insight into this observation, the assay 

platform developed in Chapter 3 was used to demonstrate that 3OHB enhances 

bioenergetic transduction in isolated cardiac mitochondria with reduced capacity to 

oxidize fatty acids and glucose, as in the failing heart. This work was recently published 

(Horton et al., 2019) and an adaptation of this manuscript is presented in Chapter 5. 

Finally, because Chapters 3, 4, and 5 were adapted from manuscripts intended 

for standalone publication, small sections termed ‘interludes’ are provided to aid in the 

narrative transition. 
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2. Experimental Methods 

2.1 Introduction 

This section provides the combined experimental procedures used in Chapters 3, 

4, and 5 with the aim of providing clear and detailed descriptions. Section 2.2 focuses on 

the methods developed in Chapter 3 and subsequently employed in Chapters 4 and 5. In 

addition to the procedural steps in Section 2.2 and the narrative of Chapter 3, Appendix 

A is provided for additional details on the optimization and rationale of these techniques.  

2.2 Methods Related to Isolated Mitochondrial Experiments 

2.2.1 Mitochondrial Isolation 

2.2.1.1 Standard Isolation Procedure 

Mitochondria were isolated from murine hearts and skeletal muscle by 

differential centrifugation. The following buffers were utilized for all isolations: Buffer 

A – phosphate buffered saline (pH 7.4) with EDTA (10 mM); Buffer B – MOPS 

(50 mM, pH 7.1), KCl (100 mM), EGTA (1 mM), MgSO4 (5 mM); Buffer C – Buffer B, 

supplemented with bovine serum albumin (2 g/L, MilliporeSigma A3803). Tissue was 

excised and immediately placed in ice-cold Buffer A. For the heart, the atria and aorta 

were trimmed away. Tissues were minced and subjected to a 5-minute incubation on ice 

in Buffer A supplemented with 0.05% (wt/vol) trypsin (MilliporeSigma T4799). Tissues 

were centrifuged at 200 rcf for 5 minutes at 4°C and the supernatant discarded to 

remove trypsin. Tissue pellets were suspended in Buffer C and homogenized with a 

Potter-Elvehjem tissue grinder with polytetrafluoroethylene (PTFE) pestle. Tissue 

homogenates were centrifuged at 500 rcf for 5 minutes at 4°C. The supernatant from this 

step was centrifuged at 10,000 rcf for 10 minutes at 4°C to pellet mitochondria. 

Mitochondrial pellets were gently washed in 1.4 mL of Buffer B, transferred to a 1.7 mL 
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microcentrifuge tube, and centrifuged at 10,000 rcf for 5 minutes at 4°C. The 

supernatant was aspirated and the mitochondrial pellet resuspended in 130 μL of Buffer 

B. Mitochondrial protein concentration was determined using the bicinchoninic acid 

(BCA) assay and subsequently diluted to a working concentration of 10 mg/mL in Buffer 

B. Functional assays involving isolated mitochondria were performed in Buffer D – 

Potassium-MES (105 mM, pH 7.2), KCl (30 mM), KH2PO4 (10 mM), MgCl2 (5 mM), 

EGTA (1 mM), BSA (2.5 g/L); Buffer E – HEPES (20 mM, pH 8.0), KCl (100  mM), 

KH2PO4 (2.5 mM), MgCl2 (2.5 mM), glycerol (1%).  

2.2.1.2 Mitochondrial Purification with Percoll 

Mitochondrial Percoll purification was carried out as previously described 

(Glancy and Balaban, 2011; Graham, 2001), with some modifications. Mitochondrial 

pellets (∼5 mg) were resuspended in 1 mL of sucrose wash buffer (250 mM sucrose, 

10 mM HEPES (pH = 7.2), 0.1% BSA). A 30% Percoll solution was prepared by mixing 

sucrose wash buffer with Percoll solution (MilliporeSigma P4937) and adjusting the pH 

to 7.2. Self-generating Percoll gradients were prepared by adding 15 mL of the 30% 

Percoll solution to ultracentrifuge tubes (Beckman #344061) and then layering the 

mitochondrial suspensions atop using a plastic transfer pipette. Samples were 

centrifuged in a swinging bucket ultracentrifuge rotor (ThermoFisher #79363) at 

22,700 rpm for 20 minutes at 4°C. This process yielded two distinct bands containing a 

top unpurified fraction and a bottom purified mitochondrial fraction. Purified 

mitochondria were extracted using a plastic transfer pipette and immediately washed in 

40 mL of sucrose wash buffer. Following centrifugation at 10,000 rcf for 10-minutes at 

4°C, mitochondrial pellets were washed once more in Buffer B prior to final resuspension 

in Buffer. Protein content was determined using the BCA assay. 
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2.2.2 Preparation of Mouse Mitochondrial Pellets for Western Blotting 

Flash frozen isolated mitochondrial pellets from each tissue were thawed on ice 

and homogenized in CelLytic M (MilliporeSigma) supplemented with protease inhibitor 

cocktail using a motor-drive Potter-Elvehjem tissue grinder. Samples were centrifuged at 

14,000 rcf for 10 min at 4°C and the supernatant saved and frozen at -80°C until later 

analysis. Protein concentration was determined via the BCA assay and the samples were 

diluted in CelLytic M. Protein samples (40 μg each) were combined with 5× loading 

buffer and resolved by SDS-PAGE, transferred to nitrocellulose, blocked for ∼1 hr in 

5% milk prepared with TBS followed by western blotting with specific antibodies. 

2.2.3 Creatine Kinase Clamp 

Mitochondrial respiration, membrane potential, and NAD(P)H/NAD(P)+ redox 

states were measured using a modified version of the creatine energetic clamp technique 

(Glancy et al., 2013; Messer et al., 2004). In this assay, the free energy of ATP hydrolysis 

(ΔG′ATP) can be calculated based on known amounts of creatine (Cr), phosphocreatine 

(PCr) and ATP in combination with excess amounts of creatine kinase (CK) and the 

equilibrium constant for the CK reaction (i.e., KCK). Calculation of ΔG′ATP was performed 

according to the following formula: 

ΔGATP′ = ΔGATP′∘ + 𝐑𝐑T ln
[Cr][P𝑖𝑖]

[PCr]KCK
′  

where ΔG′°ATP is the standard apparent transformed Gibbs energy (under a 

specified pH, ionic strength, free magnesium and pressure), R is the gas constant 

(8.3145 J × K-1 × mol-1), T is temperature in Kelvin (310.15 K), and K′CK is the apparent 

equilibrium constant for the CK reaction. Given that experiments were performed via 

sequential additions phosphocreatine, both the ΔG′°ATP and K′CK were determined at 

each titration step based on the changes in buffer ionic strength and free magnesium 
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(below), as previously described (Golding et al., 1995; Teague et al., 1996). Calculation of 

ΔG′ATP at each titration point was performed using the online tool 

(https://dmpio.github.io/bioenergetic-calculators/).  

2.2.4 Free Magnesium Quantification 

Fluorescent determination of free magnesium concentration was performed in a 

QuantaMaster Spectrofluorometer (Horiba Scientific). The assay buffer was Buffer D, 

supplemented with creatine (Cr; 5 mM), phosphocreatine (PCr; 1 mM), creatine kinase 

(CK; 20 U/mL), and 1 μM Magnesium Green™ (ThermoFisher M3733). The fluorescent 

signal (Ex:Em 475:530 nm) was converted to free magnesium concentration by the 

following equation: 

[Mg2+] = Kd
𝐹𝐹 − 𝐹𝐹𝑚𝑚𝑖𝑖𝑚𝑚

𝐹𝐹𝑚𝑚𝑚𝑚𝑚𝑚 − 𝐹𝐹
− 0.055 𝑚𝑚𝑚𝑚 

where Fmin and Fmax represent the signal with saturating concentrations of EDTA 

or MgCl2, respectively. The dissociation constant, Kd, is 1 mM (Chinopoulos et al., 2009). 

This measurement was performed following the addition of ATP (5 mM) and sequential 

PCr additions to a final concentration of 3, 6, 9, 12, 15, 18, 21, 24, 30 mM. The 

concentrations of free magnesium were used in calculating the ΔG′ATP over the CK clamp 

(above). 

2.2.5 Mitochondrial Respiration 

High-resolution O2 consumption measurements were conducted using the 

Oxygraph-2K (Oroboros Instruments). All experiments were carried out at 37°C in a 

2 mL reaction volume. Buffer for all assays was Buffer D, supplemented with creatine 

(Cr, 5 mM; MilliporeSigma C3630), phosphocreatine (PCr, 1.5 mM; MilliporeSigma 

P1937), and creatine kinase (CK, 20 U/mL; MilliporeSigma CK-RO). Isolated 

mitochondria were added to the assay buffer (0.025 mg/mL), followed by the addition of 

https://dmpio.github.io/bioenergetic-calculators/
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respiratory substrates, then adenosine triphosphate (ATP, 5 mM; MilliporeSigma 

A9062). Next, sequential additions of PCr were added to produce concentrations of 3, 6, 

9, 12, and 15 mM. For some experiments, this PCr titration is extended in 3 mM 

increments to a final concentration of 30 mM.  

For assay rationale see Appendix A.1 

2.2.6 Mitochondrial Membrane Potential (ΔΨ) and NAD(P)H/NAD(P)+ 
Redox using Spectrofluorometry 

Fluorescent determination of ΔΨ and NAD(P)H/NAD(P)+ were carried out 

simultaneously via a QuantaMaster Spectrofluorometer (QM-400; Horiba Scientific). 

The ΔΨ was determined using the ratiometric fluorescent dye TMRM as previously 

described (Krumschnabel et al., 2014; Scaduto and Grotyohann, 1999). Briefly, the 

excitation/emission intensities (nm) at 572/590 and 551/590 were recorded and the 

572/551 ratio was subsequently converted to millivolts using a KCl standard curve in the 

presence of valinomycin (see below). The excitation/emission parameters for NAD(P)H 

were 340/450 nm. All experiments were carried out at 37°C in a 0.2 mL reaction volume 

with constant stirring. All assays were performed in Buffer D, supplemented with 

creatine (Cr, 5 mM), phosphocreatine (PCr, 1 mM), adenosine triphosphate (ATP, 

5 mM), creatine kinase (CK, 20 U/mL) and TMRM (0.2 μM).3 Isolated mitochondria 

were added to the assay buffer (0.1 mg/mL), followed by the addition of respiratory 

substrates, then sequential PCr additions to produce concentrations of 3, 6, 9, 12, and 

15 mM. For some experiments, this PCr titration is extended in 3 mM increments to a 

                                                        
3 It should be noted that 1 mM PCr was used for experiments in Chapter 3. However, in Chapters 4 and 5, the 

concentration was shifted to 1.5 mM. The remaining titration concentrations steps were the same. The 
working stock concentration of PCr was changed to 0.75 M for easier handling and the 1.5 mM 
concentration alteration enabled more precise titrations to 3 mM.  
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final concentration of 30 mM. Next, potassium cyanide (4 mM) was added to generate a 

state of 100% reduction within the NAD(P)H/NAD(P)+ redox couple. Finally, 

alamethicin (12.5 μg/mL; AG Scientific A-1286) was added to generate a state of 0% 

reduction.4 The NAD(P)H/NAD(P)+ throughout the experiment was expressed as a 

percent reduction based on the following formula: (F – F0%) × (F100% - F0%)-1. Of note, the 

concentration of TMRM employed in our assays did not affect respiratory conductance 

(Figure 5A).  

For assay rationale see Appendix A.3 

2.2.7 Mitochondrial Membrane Potential (ΔΨ) using a TPP+ Selective 
Electrode 

Membrane potential was measured using the Oxygraph-2K (Oroboros 

Instruments) combined with electrodes sensitive to TPP+ and oxygen at 37°C in a 2 mL 

volume, as previously described (Gilliam et al., 2013). All experiments were run in Buffer 

D containing 20 U/mL CK, 5 mM creatine, 5mM Na-ATP, 1 mM Na-phosphocreatine, 

5mM Na-pyruvate, 2.5mM malate and 1.1 μM TPP+. During the protocol the TPP+ 

electrode was calibrated by a 6-point titration (1.1-1.35 μM TPP+) for quantifying the 

concentration of TPP+. Isolated skeletal muscle mitochondria (0.075 mg/mL) were 

added and ΔGATP was manipulated by Na-phosphocreatine titration from a starting 

concentration of 1 mM to 6, 9 and 15 mM. The calculation of ΔΨ is based on the Nernst 

equation with internal/external binding correction factors and estimates of 

mitochondrial volume. The Oroboros TPP+-ΔΨ calculation template 

(http://wiki.oroboros.at/index.php) was used with the following equation: 

                                                        
4 It should be noted that experiments conducted in Chapter 3, the 0% reduction state was defined as de-

energized mitochondria exposed to ADP but not substrates. Later work using sub-saturating 
concentrations of substrates in Chapter 5 indicated that measured redox state could go lower than these de-
energized mitochondria and produced negative reduction percentages in our assays (data not shown). 
Consequently, the alamethicin step was used for 0% reduction in Chapter 4 and 5. 
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ΔΨ =  
𝐑𝐑𝑇𝑇
𝑧𝑧𝐹𝐹

 ln

𝑛𝑛𝑚𝑚𝑎𝑎𝑎𝑎
𝑐𝑐𝑒𝑒𝑚𝑚𝑒𝑒,   𝑓𝑓𝑓𝑓𝑒𝑒𝑒𝑒

− 𝑉𝑉𝑒𝑒𝑚𝑚𝑒𝑒 − 𝐾𝐾𝑜𝑜′𝑃𝑃𝑚𝑚𝑒𝑒  

V𝑚𝑚𝑒𝑒(𝑠𝑠𝑠𝑠𝑠𝑠𝑐𝑐)𝑃𝑃𝑚𝑚𝑒𝑒 + 𝐾𝐾𝑖𝑖′𝑃𝑃𝑚𝑚𝑒𝑒
 

Variables and constants of the equation include: nadd = total amount of ions 

added to the system; cext,free = free concentration of TPP+ outside mitochondria; 

Vext = volume of the external solution outside mitochondria; Vmt = volume of the 

mitochondrial matrix (1 μL/mg); Ki′ = internal partition coefficient of TPP+(11 μL/mg); 

Ko′ = external partition coefficient of TPP+(11 μL/mg); Pmt = total mitochondria protein 

(Labajova et al., 2006). 

2.2.8 Low-Dose Inhibitor Experiments 

 Assays were conducted using sub-maximal concentrations of respiratory 

inhibitors to demonstrate the efficacy of the aforementioned workflow to localize sources 

of respiratory resistance. The inhibitors included UK5099 (100 nM, targets the pyruvate 

carrier), rotenone (9 nM, targets Complex I), and oligomycin (15 nM, targets Complex V) 

thus localized resistance to the following control nodes: 1) substrate delivery and 

dehydrogenase activity (UK5099), 2) electron transport (rotenone) and 3) ATP synthesis 

(oligomycin). Pilot experiments were performed to identify drug concentrations that 

produced submaximal impacts on respiratory conductance. Of note, the impact on 

respiratory conductance was highly dependent upon mitochondrial concentration, so 

slight modifications were made to basic respiratory protocol.  

UK5099. Buffer D (2.5 mL) was supplemented with 5 mM creatine, 5 mM ATP, 

6 mM PCr and 20 U/mL CK. TMRM (0.2 μM), mitochondria (0.1 mg/mL), and UK5099 

or DMSO (vehicle). The solution was transferred to designated O2K chamber and after 

an ∼5-minute temperature equilibration period, 200 μL was pipetted into 0.5 mL 

cuvette for spectrofluorimetric analysis. Chamber stoppers were then added to the O2K 

and respiration was assessed. Cuvettes were placed inside the QuantaMaster 
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Spectrofluorometer (Horiba Scientific) and ΔΨ and NAD(P)H/NAD(P)+ redox 

assessments were performed (see above). Additions during the assay were Pyr/Mal 

(1 mM/2.5 mM), 3 mM PCR (total = 9 mM) and 6 mM PCR (total = 15 mM), followed by 

CN (4 mM). UK5099 was made up in DMSO as a 160 μM stock.  

Rotenone/Oligomycin. Buffer D (2.5 mL) was supplemented with 5 mM creatine, 

5 mM ATP, 6 mM PCr and 20 U/mL CK. TMRM (0.2 μM), mitochondria (0.1 mg/mL), 

and rotenone (9 nM), oligomycin (15 nM) or DMSO (vehicle). The solution was 

transferred to designated O2K chamber and after an ∼5-minute temperature 

equilibration period, 200 μL was pipetted into 0.5 mL cuvette for spectrofluorimetric 

analysis. Chamber stoppers were then added to the O2K and respiration was assessed. 

Cuvettes were placed inside the QuantaMaster Spectrofluorometer (Horiba Scientific) 

and ΔΨ and NAD(P)H/NAD(P)+ redox assessments were performed (see above). 

Additions during the assay were Oct/M (0.2 mM/2.5 mM), 3 mM PCR (total = 9 mM) 

and 6 mM PCR (total = 15 mM), followed by CN (4 mM). Rotenone and oligomycin were 

prepared in DMSO as 30 μM stocks.  

2.2.9 Mitochondrial JH2O2 

Mitochondrial H2O2 emission was measured fluorometrically via the Amplex 

Ultra Red (AUR)/horseradish peroxidase (HRP) detection system (Ex:Em 565:600 nm). 

Fluorescence was monitored via a QuantaMaster Spectrofluorometer (Horiba Scientific). 

For each experiment, AUR fluorescence was converted to pmoles H2O2 via an H2O2 

standard curve. All experiments were carried out at 37°C in a 0.2 mL reaction volume. 

Buffer for all assays was Buffer D, supplemented with creatine (Cr, 5 mM), 

phosphocreatine (PCr, 1.5 mM), adenosine triphosphate (ATP, 5 mM), creatine kinase 

(CK, 20 U/mL), AUR (10 μM), HRP (1 U/mL) and superoxide dismutase (20 U/mL). To 

begin, isolated mitochondria (0.1 mg/mL) were added to assay buffer, followed by the 
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addition of respiratory substrates (Oct/M, G/M, Pyr/M), auranofin (0.1 μM), ATP 

(5 mM), and then sequential PCr additions to a final of 6, and 15 mM. For some assays, 

an additional step was added: CDNB (2 μM). The percentage of electron leak is 

calculated by dividing the rate of H2O2 production by the corresponding O2 consumption 

rate measured under identical conditions and expressed as a percentage 

(% Leak = JH2O2 /JO2 × 100). Of note, the JH2O2 rates used in the electron leak 

calculation were generated in the presence of auranofin; however, the corresponding JO2 

assays did not contain auranofin, as the inhibitor was found to not impact respiratory 

conductance. 

For assay rationale see Appendix A.4 

2.2.10 JATP 

Buffer for the assay was Buffer D, supplemented with glucose (5 mM), hexokinase 

(1 U/mL; MilliporeSigma H4502), glucose-6-phosphate dehydrogenase (G6PDH, 

2 U/mL; MilliporeSigma G6378), NADP+ (2 mM) and ADP (200 μM). Assay buffer 

(200 μL) was loaded into individual wells of a 96-well plate, followed by isolated 

mitochondria (5 μg/well). The assay was initiated with the addition of respiratory 

substrates following a ∼5-minute pre-incubation at 37°C in the absence of substrates to 

deplete endogenous metabolites. In the assay, NADPH and ATP are produced in a 

1:1 stoichiometry and thus JATP was determined via monitoring the NADPH 

auto-fluorescence (Ex:Em 340/450 nm). Fluorescence values were converted to pmoles 

of ATP via an NADH standard curve. The following substrate conditions were tested in 

parallel for each assay: octanoylcarnitine/malate (0.2/2.5 mM), pyruvate/malate 

(5/2.5 mM), octanoylcarnitine/pyruvate/malate/L-carnitine (0.2/5/2.5/2 mM), 

succinate/rotenone (10/0.005 mM), glutamate/malate (10/2.5 mM).  

For assay rationale see Appendix A.8 
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2.2.11 JNADH and JNADPH 

Buffer for the assays was Buffer D, supplemented with alamethicin 

(0.03 mg/mL), rotenone (5 μM) and NAD+ (2 mM) or NADP+ (2 mM). For experiments 

designed to assess JNADH from the pyruvate dehydrogenase complex (PDH), the 

α-ketoglutarate dehydrogenase complex (αKGDH) and the branched-chain keto-acid 

dehydrogenase complex (BCKDH) the followed cofactors were included in the assay: 

coenzyme-A (100 μM) and thiamine pyrophosphate (300 μM). Rates of NADPH 

production from glutamate dehydrogenase (GDH) were determined in the presence of 

ADP (5 mM); NADH production was measured without ADP present. Assay buffer 

(200 μL) was loaded into individual wells of a 96-well plate, followed by isolated 

mitochondria (2-60 μg/well). The assay was initiated with the addition of enzymatic 

substrates. In the assay, NADH and NADPH were determined via auto-fluorescence 

(Ex:Em 340/450). Fluorescence values were converted to pmoles of NADH or NADPH 

via an NADH/NADPH standard curve. The following substrates were tested in parallel 

for each assay: pyruvate (5 mM), α-ketoglutarate (10 mM), α-keto-β-methylvalerate 

(5 mM), glutamate (10 mM, both NAD+ and NADP+ based), malate (5 mM), isocitrate 

(5 mM). For work in Chapter 5, BDH1 activity was tested using 10 mM R-3-

Hydroxybutyric acid or S-3-Hydroxybutyric acid.  

For assay rationale see Appendix A.5 

2.2.12 Hydroxyacyl-CoA Dehydrogenase Activity 

Mitochondrial lysates for the assay were prepared via dilution of the final isolated 

mitochondrial suspensions in CelLytic M at a protein concentration of 1 mg/mL. Buffer 

for the assay was Buffer E, supplemented with rotenone (5 μM) and NADH (200 μM). 

Assay buffer (200 μL) was loaded into individual wells of a 96-well plate, followed by 

mitochondrial lysate (5 μg/well). The assay was initiated with the addition of 
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acetoacetyl-CoA (500 μM). The activity of hydroxyacyl-CoA dehydrogenase was 

determined via tracking the degradation in the NADH auto-fluorescence (Ex:Em 

340/450) upon acetoacetyl-CoA addition. Fluorescence values were converted to pmoles 

of NADH via an NADH standard curve.  

For assay rationale see Appendix A.6 

2.2.13 CV Activity 

CV activity was assessed as described previously (Barrientos et al., 2009) with 

slight modifications. Mitochondrial lysates for the assay were prepared via dilution of the 

final isolated mitochondrial suspensions in CelLytic M (MilliporeSigma; C2978) at a 

protein concentration of 2 mg/mL. Buffer for the assay was Buffer E, supplemented with 

lactate dehydrogenase/pyruvate kinase (10 U/mL), phosphoenoyl-pyruvate (5 mM), 

rotenone (5 μM) and NADH (0.2 mM). Assay buffer (200 μL) was loaded into individual 

wells of a 96-well plate, followed by mitochondrial lysate (2 μg/well). Assays were done 

in the absence and presence of oligomycin (5 μM) in order to calculate the oligomycin-

sensitive rates of ATP hydrolysis (i.e., Complex V specific). The assay was initiated with 

the addition of ATP (5 mM). In the assay, NADH oxidation and ATP hydrolysis occur at a 

1:1 stoichiometry and thus CV activity (pmoles of ATP/sec/mg) was determined via 

tracking the degradation in the NADH auto-fluorescence (Ex:Em 340/450) signal upon 

ATP addition. Fluorescence values were converted to pmoles of NADH via an NADH 

standard curve.  

For assay rationale see Appendix A.9 

2.2.14 GOT2 Activity 

Buffer for the assay was Buffer E, supplemented with aspartate (200 mM), 

pyridoxal 5′-phosphate (100 μM), malate dehydrogenase (2 U/mL, MilliporeSigma 
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10127248001), rotenone (5 μM) and NADH (200 μM). Assay buffer (200 μL) was loaded 

into individual wells of a 96-well plate, followed by mitochondrial suspension 

(5 μg/well). The assay was initiated with the addition of αKG (12 mM). The activity of 

GOT2 was determined via tracking the degradation in the NADH auto-fluorescence 

(Ex:Em 340/450 nm) upon αKG addition (Siest et al., 1975). Fluorescence values were 

converted to pmoles of NADH via an NADH standard curve.  

For assay rationale see Appendix A.7 

2.2.15 Proton Leak Kinetics 

Buffer D (2.5 mL) was supplemented with oligomycin (5 μM), TMRM (0.2 μM), 

and mitochondria (0.1 mg/mL). The solution was transferred to designated O2K 

chamber and after an ∼5-minute temperature equilibration period, 200 μL was pipetted 

into 0.5 mL cuvette for spectrofluorimetric analysis. Chamber stoppers were then added 

to the O2K and respiration was assessed. Cuvettes were placed inside the QuantaMaster 

Spectrofluorometer (Horiba Scientific) and ΔΨ assessments were carried out as detailed 

above. Additions during the assay included Pyr/M (1 mM/2.5 mM) and sequential 

additions of UK5099 (2, 4, 6, 8 μM). 

2.2.16 Substrate Kinetic Analysis in Cardiac Mitochondria 

The Michaelis constant of substrates (Km) was determined in isolated cardiac 

mitochondria for use in sub-saturating experiments detailed in Chapter 5. This was 

performed using high resolution respirometry (Oroboros Oxygraph-2K) at 37°C in a 

2 mL reaction volume of Buffer D supplemented with glucose (5 mM) and hexokinase 

(1 U/mL, MilliporeSigma H4502) to clamp the ADP concentration and prevent ATP 

accumulation. Following addition of isolated mitochondria (0.025 mg/mL), and then 

adenosine diphosphate (ADP, 2.5 mM), substrates were added sequentially to titrate the 
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concentration from 10 μM to 10 mM and included α-ketoglutarate; pyruvate and malate; 

and α-ketoglutarate and pyruvate. For the combined substrate conditions, equal 

concentrations of both metabolites were used. Steady-state JO2 was plotted as a function 

of substrate concentration. A non-linear fit of the Michaelis-Menten equation was 

performed using GraphPad Prism version 7.04 for Windows to determine the Michaelis 

constant (Km) for the substrates: 110 μM pyruvate and malate; 550 μM α-ketoglutarate; 

60 μM α-ketoglutarate and pyruvate, which were used subsequently for assays involving 

the creatine kinase clamp. 

2.2.17 Statistical Analysis 

The statistical analyses utilized in the mitochondrial experiments evolved over 

the course of this work. It is my opinion that methods employed in Chapters 4 and 5 

were more sophisticated than that those utilized in Chapter 3. However, the analysis, 

results, and interpretation from Chapter 3 are no less valid than Chapters 4 and 5.  

2.2.17.1 Statistical Analyses for Chapters 4 and 5.  

For respiratory flux (JO2), membrane potential ΔΨ, and NAD(P)H/NAD(P)+ 

redox potential plotted against Gibbs energy of ATP Hydrolysis (ΔGATP), 2-way ANOVA 

(genotype × ΔGATP) was performed with a significant threshold (α) of P < 0.05 (†main 

effect of genotype; ‡genotype, ΔGATP interaction). These analyses excluded measurements 

made at the highest ΔGATP, which represents an extreme, non-physiological energetic 

condition positioned outside the linear range of JO2. Maximal JO2 and corresponding 

energetics recorded upon addition of 1.5 mM PCr at ΔGATP of –12.95 kCal/mol 

(approximately state 3 respiration) were analyzed separately by 2-tailed t test. JH2O2, 

Percent electron leak, JNADH, JATP, and GOT2 activity were analyzed by 2-tailed t tests 

with a significant threshold (α) of P < 0.05. Statistical analysis was performed using the 

python libraries pandas (0.24.0) and statsmodels (0.9.0). 
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2.2.17.2 Statistical Analyses for Chapter 3 

Data are presented as mean ± SEM. Differences between groups were analyzed 

by t tests or among groups using one-way ANOVA with Tukey’s multiple comparison 

tests. The level of significance was set at P < 0.05. Figures were generated using 

GraphPad Prism (Version 7.0). Statistical details of each experiment are located in the 

figure legends. Unless otherwise stated, the number of mice per experiment is 

represented by n. 

2.3 Methods Related to Proteomic Experiments 

2.3.1 Tissue Lysis, Digestion, and TMT labeling  

For each sample, approximately 15 mg of powdered biventricular cardiac tissue 

was resuspended in ice-cold Urea Lysis Buffer (8 M urea, 50 mM Tris pH 8.0, 40 mM 

NaCl, 2 mM MgCl2 supplemented with 10 mM nicotinamide, 10 μM trichostatin A 

(MilliporeSigma T8552), 1× Roche cOmplete ULTRA EDTA-free protease inhibitor mini 

tablet, Roche 1× PhosSTOP phosphatase inhibitor cocktail tablets, 10 mM Sodium 

pyrophosphate dibasic, 5 mM sodium fluoride) and samples were disrupted with a 

TissueLyser (Qiagen) for 30 sec at 30 Hz two times. Samples were removed, frozen in 

liquid nitrogen, thawed for three freeze-thaw cycles, and further disrupted by sonication 

with a probe sonicator (three 5-sec bursts, power setting of 3). Samples were clarified by 

centrifugation at 10,000 rcf for 10 min at 4°C. Protein content of supernatant was 

determined via the Pierce BCA protein assay. 500 μg of protein were transferred to a 

clean tube and volumes were normalized with Urea Lysis Buffer to a final concentration 

of 2.5 mg/mL. Samples were reduced with 5 mM DTT at 32°C for 30 min, cooled to room 

temperature, alkylated with 15 mM iodoacetamide for 30 min in the dark; unreacted 

iodoacetamide was quenched by the addition of DTT to a final concentration of 15 mM 
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Samples were digested with Endoproteinase LysC (Wako Chemicals; 1:100 w:w; 

5 μg enzyme per 500 μg protein) for 4h at 32°C. Urea was diluted to 1.5 M (using a 

solution of 50 mM Tris pH 8.0, 5 mM CaCl2) and digested with trypsin (Promega Seq 

Grade Modified Trypsin, 50:1 w/w, protein:enzyme) overnight at 32°C. Samples were 

acidified to 0.5% v/v trifluoroacetic acid (TFA) and centrifuged at 10,000 rcf for 10 min 

at room temperature to pellet any undigested material. The supernatant containing 

soluble peptides was desalted on a 50 mg tC18 SEP-PAK Solid Phase Extraction (SPE) 

column (Waters) and peptides were eluted once with 500 μL of 25% acetonitrile/0.1% 

TFA and twice with 500 μL 50% acetonitrile/0.1% TFA. The eluate was frozen on dry ice 

and dried overnight in a speed vac.  

All samples were suspended in 100 μL of 200 mM triethylammonium 

bicarbonate (TEAB, ThermoFisher), mixed with a 10 or 11-plex Tandem Mass Tag (TMT, 

0.8 mg in 50 μL 100% acetonitrile, ThermoFisher), and vortexed for 4h at room 

temperature. Samples were quenched with 0.8 μL 50% hydroxylamine, vortexed for an 

additional 15 min at room temperature, combined, frozen, and dried overnight in a speed 

vac. Samples were suspended in 1 mL 0.5% TFA and desalted on a 100 mg tC18 SEP-PAK 

SPE column (Waters) as described above. The eluate was vortexed and ∼5% was 

transferred to a separate tube for quantification of unmodified peptides (“input” 

material) and the larger portion (95%) was retained for acetylpeptide enrichment. Both 

portions were frozen on dry ice, dried overnight in a speed vac, and stored at -80°C. 

2.3.2 Acetylpeptide Enrichment 

Acetylpeptide enrichment was performed using the Cell Signaling PTMScan 

Acetyl-lysine Motif Kit (#13416). Peptide pellets were suspended in 1.4 mL IAP buffer 

and centrifuged at 10,000 rcf for 5 min at 4°C to remove any insoluble material. The 

supernatant was transferred into a tube containing PBS-washed antibody-bound-beads 



 

26 

and incubated on a rotator overnight at 4°C. Samples were centrifuged at 2,000 rcf for 

30 sec to pellet the beads and beads were washed twice with IAP buffer and three times 

with chilled milli-Q filtered water. After the last wash step, all remaining liquid was 

carefully removed, and bound peptides were eluted twice with 100 μL of 0.15% TFA. The 

eluate was acidified to 0.5% TFA and desalted on a 50 mg tC18 SEP-PAK SPE column 

(Waters) as previously described, the eluate frozen on dry ice, and dried overnight in a 

speed vac. Samples were resuspended in 12 μL 0.1% formic acid and stored at -80°C. 

2.3.3 Processing of the “Input” Fraction  

The input material (retained prior to acetylpeptide enrichment) was processed 

using the Pierce High pH Reversed-Phase Peptide Fractionation Kit (ThermoFisher 

#84868). Dried input material was dissolved in 300 μL of 0.1% TFA. A 150 μL aliquot 

was removed, diluted 1:1 with 150 μL 0.1% TFA, and loaded onto a spin column while the 

remaining 150 μL was stored at -80°C. The eluate was collected for a total of eight 

fractions per TMT kit. All fractions were frozen on dry ice and dried overnight in a speed 

vac. Dried samples were resuspended in 10 μL 0.1% formic acid and peptides were 

quantified using the Pierce Quantitative Colorimetric Peptide Assay (ThermoFisher 

#23275). Samples were suspended to a final concentration of 0.1 μg/μL with 0.1% formic 

acid and stored at -80°C 

2.3.4 nLC-MS/MS 

All samples were subjected to nanoLC-MS/MS analysis using an EASY-nLC 1200 

ultra-performance liquid chromatography system coupled to a Q Exactive Plus Hybrid 

Quadrupole-Orbitrap mass spectrometer via an EASY-Spray nano-electrospray 

ionization source (ThermoFisher Scientific). Acetylpeptide samples were analyzed with 

one or more injections of 4 µL and input fractions were subjected to 5 μL (1 μg) 
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injections. After trapping on an Acclaim PepMap 100 C18 trapping column (3 μm 

particle size, 75 μm × 20 mm, Thermo) at a variable flow rate dictated by max pressure 

of 500 Bar, each sample was subjected to analytical separation on an Acclaim PepMap 

RSLC C18 analytical column (2 μm particle size, 75 µm × 500 mm column, Thermo) over 

a 105 min gradient (flow rate of 300 nL/min) of 5 to 40% solvent B (90% ACN/0.1% 

TFA), with a column temperature of 55°C. MS1 (precursor ions) was performed with 

default settings of 70,000 resolution, an AGC target of 3×106 ions, and a maximum 

injection time (IT) of 60 ms. MS2 spectra (product ions) were collected by data-

dependent acquisition (DDA) of the top 10 (loop count) most abundant precursor ions 

with a charge greater than 1 per MS1 scan with dynamic exclusion enabled for a window 

of 30 sec. Precursor ions were filtered with a 0.7 m/z isolation window and fragmented 

with a normalized collision energy (NCE) of 30. MS2 scans were performed at 35,000 

resolution with an AGC target of 1×105 ions and a maximum IT of 60 ms. 

2.3.5 Proteomics Data Analysis 

Data were searched against the UniProt mouse complete proteome database of 

reviewed (Swiss-Prot) and unreviewed (TrEMBL) proteins, which consisted of 51,434 

sequences on the date of download (7/21/2017). Data analysis was performed using 

Proteome Discoverer 2.3, searching with both Sequest HT and MS Amanda 2.0 with the 

following default parameters: oxidation (15.995 Da on M) as a variable modification and 

carbamidomethyl (57.021 Da on C) and TMT10plex (229.163 Da on peptide N-terminus 

and K) as fixed modifications, and 2 missed cleavages (full trypsin specificity). All runs 

with an acetyl-enriched fraction included acetylation (42.011 Da on K) as a variable 

modification and TMT as a variable modification on K (remaining fixed on peptide N-

terminus). PSMs from each search algorithm were filtered to a 1% FDR using Percolator 

(Kall et al., 2007) and PTM site localization probabilities were determined using ptmRS 
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(Taus et al., 2011). PSMs were grouped to unique peptides while maintaining a 1% FDR 

for peptides and a 90% localization threshold for PTMs. Peptides from acetyl and input 

fractions were grouped to proteins using the rules of strict parsimony and proteins were 

filtered to 1% FDR using the Protein FDR Validator node of PD 2.2. Reporter ion 

intensities for all PSMs with co-isolation interference below 0.5 (50% of the ion current 

in the isolation window) and an average S/N > 2.5 for reporter ions were summed 

together at the peptide and protein level, but quantification for each data type (acetyl, 

input) were kept separate. Peptides shared between protein groups were excluded from 

protein quantitation calculations. 

2.3.6 Proteomics Statistical Analysis 

Protein and peptide groups tabs from the PDv2.2 results were exported as tab 

delimited files and analyzed with an in-house Python module (Fisher-Wellman et al., 

2019). Briefly, peptide group reporter intensities for each peptide group in the input 

material were summed together for each TMT channel, each channel’s sum was divided 

by the average of all channels’ sums, resulting in channel-specific loading control 

normalization factors to correct for any deviation from equal protein/peptide input into 

the ten-sample comparison. Reporter intensities for peptide groups from the 

acetylpeptide runs and proteins from the input fraction runs were divided by the loading 

control normalization factors for each TMT channel, respectively. All loading control-

normalized TMT reporter intensities were converted to log2 space. The 

R-package limma was used to construct linear models for differential expression of 

peptides and proteins (Ritchie et al., 2015). The eBayes function within limma was used 

to compute moderated statistical values of differential expression using an empirical 

Bayesian algorithm (Phipson et al., 2016). Protein-level quantification was performed 

exclusively on Master Proteins—the most statistically significant protein representing a 
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group of parsimonious proteins containing common peptides identified at 1% FDR. 

Acetylpeptide measurements were calculated alone (abundance) and with normalization 

to any change in the corresponding Master Protein (relative occupancy) by subtracting 

log2 Master Protein values from PTM-containing quantitation values on a sample-

specific basis. All code for the analyses (python and R scripts) is available at 

https://github.com/dmpio/Davidson_et_al_2019_Kac_PRX 

2.3.7 Pathway Enrichment Analysis  

As described above, master proteins from each data set were assessed for 

differential expression using the limma package. The data from both proteomic 

experiments 2 and 3 were merged based on the master protein Uniprot Accession; only 

proteins identified in both data sets were used for subsequent analysis. The intermine 

webservice API library for python (intermine-ws-python v1.11.00) was used to 

communicate with the MouseMine data warehouse (Kalderimis et al., 2014; Motenko et 

al., 2015). The enrichment analyses were performed at the protein level (using Uniprot 

Accessions) as well as the gene level (using MGI identifiers matched by MouseMine from 

the Uniprot accession). For all analyses, the background dataset was the ∼3375 

proteins/genes identified in both proteomic experiments. Statistical significance was set 

at P-adjusted < 0.05 using the Benjamini-Hochberg correction. The results from protein 

and gene set enrichment analyses were almost identical. The tables in Figure 22H and 4I 

represent a portion of the results from the protein level analyses. Of note: in Figure 22H, 

the volcano plot demonstrating concordant changes utilized the log2 fold changes and 

P-values from the DFC-TAC vs. DFC-Sham comparison. The red scatter points retain the 

same general configuration if the TAC-MI vs. Sham data is used as these were congruent 

gene changes between both models. All code for the analyses (python and R scripts) is 

available at https://github.com/dmpio/Davidson_et_al_2019_Kac_PRX 

https://github.com/dmpio/Davidson_et_al_2019_Kac_PRX
https://github.com/dmpio/Davidson_et_al_2019_Kac_PRX
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2.4 Methods Related to Experimental Animal Models 

2.4.1 General Animal Care 

All animal studies were approved by the Duke University Institutional Animal 

Care and Use Committee. All mice were housed in temperature (22°C) and light 

controlled (12 hr light/dark) room with ad libitum access to food and water throughout 

all experiments unless otherwise noted. Unless otherwise noted, male mice on a 

C57BL/6NJ background, age 12-20 weeks were used for all experiments. Unless 

otherwise stated, mice were anesthetized with pentobarbital (Nembutal, Oak 

Pharmaceuticals, Inc. 100 mg/kg) prior to tissue extraction. 

2.4.2 Methods Specific to Work on Cardiac Hyperacetylation 

2.4.2.1 Generation Crat/Sirt3fl/fl and Sirt3fl/fl Mouse Strains 

The generation of Cratfl/fl [Crattm1.1Pbrc, MGI:5427430] mice was previously 

described (Muoio et al., 2012); these mice were crossed with MCK-Cre mice purchased 

from Jackson Labs (Stock No 006475, Tg(Ckmm-cre)5Khn, MGI:2182095) and 

backcrossed onto a C57BL6/NJ background to generate heart and skeletal muscle 

specific gene ablation. The MCK-Cre transgene was maintained as hemizygous (Tg/0). 

Sirt3fl/fl mice were kindly provided by Dr. Matt Hirschey (Martin et al., 2017); these mice 

were backcrossed onto a C57BL6/NJ background. Mice with muscle and heart specific 

deletion of Crat and Sirt3 (DKO) and controls (DFC) were generated by crossing the two 

strains (MCK-CreTg/0; Cratfl/fl; Sirt3fl/fl). Sirt3 single-gene ablation model was generated 

by crossing Sirt3fl/flout of this DKO mouse line to ensure genetic similarity between 

mouse lines (MCK-CreTg/0; Sirt3fl/fl). Strains were genotyped for Crat, Sirt3, and Nnt 

until three generations of animals were homozygous for these alleles. All animals were 

genotyped for Cre recombinase. Genotypes were confirmed post-mortem for all 

experimental animals.  
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2.4.2.2 Genotyping Crat/Sirt3fl/fl and Sirt3fl/fl Mouse Strains 

Animal genomic DNA was obtained from tail clippings at weaning and extracted 

using HotSHOT method (Truett et al., 2000). Briefly, tail clippings were heated in 

100 μL basic solution (25 mM sodium hydroxide, 0.2 mM EDTA) at 95°C for 20 minutes, 

vigorously vortexed, and neutralized with 100 μL 40 mM Tris-HCl solution. Samples 

were centrifuged at 8,000 rcf for 1 min at room temperature, and 100 μL of supernatant 

transferred to a clean, labeled microcentrifuge tube and stored at 4°C. Animal genotypes 

were determined using standard PCR reactions, agarose gel electrophoresis, and 

ethidium bromide for DNA band visualization. Primers and cycling parameters listed 

below. 

Table 1. Genotyping primers used in Chapter 4 

Internal control, int; Forward, Fwd; Reverse, Rvs, wildtype, WT. 

Gene Function Primers (5′ → 3′) 
Generic Cre Fwd CCTGGAAAATGCTTCTGTCCG 
 Rvs CAGGGTGTTATAAGCAATCCC 
Spectrin αII Fwd TACATAGAGAATGGCCAGTCTTTTGAC 
(Cre int. ctrl) Rvs GCACAACTGGGTAAGGTTCCTATTCC 
Crat Fwd TCAAAGGCATGGGTGACTCC 
 Rvs GTGGACGGAGACTGGCTTGT 
Nnt WT Fwd GGGCATAGGAAGCAAATACCAAGTTG 
 Mutant Fwd GTGGAATTCCGCTGAGAGAACTCTT 
 Common Rvs GTAGGGCCAACTGTTTCTGCATGA 
Sirt3 WT Fwd CTTCTGCGGCTCTATACACAG 
 Floxed Fwd TACTGAATATCAGTGGGAACG 
 Common Rvs TCGAACAAGGCTTTATCTTCC 
Il2 Fwd CTAGGCCACAGAATTGAAAGATCT 
(Sirt3 int. ctrl) Rvs GTAGGTGGAAATTCTAGCATCC 

 

2.4.2.3 RT-qPCR Confirmation of Gene Ablation in Crat/Sirt3fl/fl Hearts 

Crat and Sirt3 gene ablation was confirmed in the following whole-body 

genotypes: MCK-CreTg/0 Cratfl/fl Sirt3fl/fl (i.e., Dual Knock-out in heart and skeletal 

muscle, Crat/Sirt3fl/fl or DKO) and MCK-Cre0/0 Cratfl/fl Sirt3fl/fl (Dual Floxed Controls, 

DFC); MCK-CreTg/0 Sirt3fl/fl (i.e., Sirt3 Knock-out in heart and skeletal muscle, Sirt3M-/-) 
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and MCK-Cre0/0 Sirt3fl/fl (i.e., Sirt3fl/fl); and MCK-CreTg/0 Cratfl/fl (i.e., Crat knock-out in 

heart and skeletal muscle, CratM-/-) and MCK-Cre0/0 Cratfl/fl (i.e., Cratfl/fl).  

RNA was isolated from ∼15 mg of pulverized cardiac biventricular tissue using 

the TRIzol reagent (ThermoFisher) and RNeasy kit (Qiagen) following the universal 

protocol provide by Qiagen. Briefly, TRIzol reagent was added to pulverized tissue and 

samples were disrupted with a TissueLyser (Qiagen). Chloroform was added, tubes were 

vortexed, the spun at 10,000 rcf 4°C for 15 minutes to separate layers. Supernatant was 

aspirated, mixed with ice cold ethanol (70%), then added to RNeasy column. Continued 

with RNeasy protocol as per manufacturer’s instruction and included on-column DNase 

digest. RNA concentration was determined with a NanoDrop 2000 (ThermoFisher). 

cDNA was generated using SensiFAST cDNA synthesis kit (Bioline). TaqMan Assay on 

Demand was used for Crat expression (Assay ID Mm00483985_m1, ThermoFisher). 

iTaq Universal SYBR Green Supermix (Biorad 172-5121) was used for Sirt3 expression. 

Both assays utilized 18S rRNA as a control. Each assay was performed with three 

biological replicates, with three technical replicates per condition. Analysis was 

performed on a QuantStudio 6 Real-Time PCR instrument (ThermoFisher). Sirt3 RT-

qPCR primers: Fwd: 5′-AGGTGGAGGAAGCAGTGAGA-3′; Rvs: 

5′-GCTTGGGGTTGTGAAAGAAA-3′. 

2.4.2.4 Trans-aortic Constriction and Serial Echocardiography 

Trans-aortic constriction to induce left ventricular pressure overload in DKO and 

DFC mice was performed as previously described (Rockman et al., 1991) except the 

ligature was placed between the left common carotid and subclavian arteries. Serial 

echocardiography was performed with a Vevo 2100 high-resolution imaging system 

(VisualSonics) on conscious mice, as previously described. Trans-aortic constriction, 
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serial echocardiography, and echo cardiograms were performed by the Duke 

Cardiovascular Physiology Core. 

2.4.2.5 Pressure Volume Loop Analysis 

In vivo pressure-volume (P-V) analysis was performed as previously described 

(Abraham and Mao, 2015; Abraham et al., 2018). Briefly, after bilateral vagotomy, the 

chest was opened and the pericardium was dissected to expose the heart. A 7-0-suture 

ligature was placed around the transverse aorta to manipulate loading conditions. A 

1.4-Fr pressure-conductance catheter (Millar Instruments, Houston, TX) was inserted 

retroaortically into the LV to record hemodynamics. Baseline hemodynamic parameters 

were obtained once the catheter recordings had achieved steady state, usually 3-5 

minutes following conductance catheter placement.  Subsequently, parallel conductance 

of the blood pool (Vp) was determined by 10 μL injection of 15% saline into the right 

jugular vein. The derived Vp was used to correct the P-V loop data. Data were recorded 

digitally at 1,000 Hz and analyzed with pressure volume analysis software (PVAN data 

analysis software version 3.3; Millar Instruments) as previously described (Abraham and 

Mao, 2015; Abraham et al., 2018). 

2.4.2.6 Statistical Analyses 

RT-qPCR. Analysis performed using the Comparative CT method (Schmittgen 

and Livak, 2008). 

Survival Analysis. Survival analysis for TAC study was performed in GraphPad 

Prism 7.04 for Windows. Significance was determined using the Log-rank (Mantel-Cox) 

test, threshold (α) of P < 0.05.  

Serial Echocardiography and Pressure-Volume Loops. Serial echocardiographic 

data was analyzed by 3-way ANOVA (genotype × procedure × week) within each 

measurement with significant threshold (α) of P < 0.05 followed by Tukey HSD post-hoc 
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comparisons (FWER < 0.05). PVL Data was analyzed by 2-way ANOVA 

(genotype × surgical procedure) within each measure with a significant threshold (α) 

of < 0.05 followed by Tukey HSD post-hoc comparisons (FWER < 0.05). 

2.4.3 Methods Specific to Work on Cardiac Ketone Catabolism 

2.4.3.1 Generating csBDH1-/- Mice 

To generate cardiac-specific BDH1-KO mice, targeted ES cells were purchased 

from EUCOMM (Bdh1tm1a[EUCOMM]Wtsi) and injected into C57BL/6J blastocysts (Charles 

River Laboratories). The allele contains flippase recognition target (FRT) sites flanking 

the lacZ and neo cassettes (gene trap), as well as Loxp sites flanking exons 3 and 4 

(Figure 23A). Founder mice were crossed to C57BL/6J to confirm germline 

transmission, followed by crossing to the flippase (FLP) mouse (The Jackson Laboratory, 

009086) to remove the gene trap. Subsequent mating was performed to remove the FLP 

allele and create the Bdh1 flox mice. The Bdh1 flox mice were backcrossed twice with WT 

BL6N mice to obtain Bdh1flox mice on a BL6N (Nnt WT) genetic background. Finally, to 

create the cardiac-specific BDH1-/- mice, a Cre recombinase strategy was employed using 

the αMHC promoter (Figure 23A) (Agah et al., 1997). Breeding pairs were established 

with Bdh1flox BL6N mice and hemizygous αMHC-Cre BL6N mice. The litters generated 

from final breeding pairs included mice with floxed Bdh1 alleles and either αMHC-Cre+ 

or αMHC-Cre– genotype. 

For genotyping, ear punch samples were collected from pups at 4-weeks of age 

(after weaning). DNA was extracted from ear punch samples by adding 100 μL of 25 mM 

NaOH (Thermo Fisher Scientific) and 0.2 mM EDTA (Thermo Fisher Scientific, pH 12), 

and by heating the samples at 95°C for 20 minutes. Subsequent addition of 100 μL of 

40 mM Tris (Thermo Fisher Scientific, pH 5) neutralized the samples. Samples were 

used immediately following extraction or stored at 4°C. Standard PCR protocols using 
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the following primers (manufactured by IDT) were utilized to amplify the DNA region of 

interest. PCR products were analyzed using standard gel electrophoresis.  

Table 2. Genotyping primers used in Chapter 5 

Forward, Fwd; Reverse, Rvs, wildtype, WT. 

Gene Function Primers (5′ → 3′) 
Cre Fwd CCGGTGAACGTGCAAAACAGGCTCTA 
 Rvs CTTCCAGGGCGCGAGTTGATAGC 
Nnt WT Fwd GGGCATAGGAAGCAAATACCAAGTTG 
 Mutant Fwd GTGGAATTCCGCTGAGAGAACTCTT 
 Common Rvs GTAGGGCCAACTGTTTCTGCATGA 
Bdh1 Fwd TGCAGGAATCAGTGCTCTCTCCTAGCA 
 Rvs GGTGTCAGGGCTGAAGGATG 

 

2.4.3.2 Trans-aortic Constriction with Small Apical Myocardial 
Infarction (TAC/MI) 

Transverse aortic constriction (TAC) was performed on anesthetized mice by first 

freeing the aortic arch by blunt dissection. A 7-0 silk suture was passed under the aorta. 

The suture was then tied around a blunt needle (25 to 28 gauge depending on size of 

animal) lying on the artery, and the blunt needle was removed to induce constriction. 

Second, to generate a small myocardial infarction (MI), the chest wall was retracted 

through the 4th intercostal space to clearly visualize the left ventricle and the left 

anterior descending artery. The left anterior descending branch (LAD) of the left 

coronary artery was ligated with a 9-0 nylon suture. 

2.4.3.3 Echocardiography 

Ultrasound examination of the cardiovascular system was non-invasively 

performed using a Vevo2100 Ultrasound System (VisualSonics Inc, Toronto, Ontario, 

Canada). Mice had cursory examination of cardiac structure and function under 

physiologic conditions obtained by hand-held manipulation of the ultrasound transducer 

(30-60 MHz). Detailed ultrasound examination was performed with animals secured on 

an imaging platform in supine position using isoflurane (3% induction and 
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1.5% maintenance) through a customized nose cone. Physiologic parameters including 

heart rate, respiratory rate, and core body temperature were continuously monitored by 

a built-in monitoring system. Complete two-dimensional, M-mode, and Doppler 

ultrasound examinations were performed using multiple views. 

2.4.3.4 Canine Studies 

Studies performed by Clara Kurishima and Fabio A. Recchia. Thirteen male 

mongrel dogs (aged 9–12 months; 21–27 kg) were chronically instrumented with a solid 

state pressure gauge inserted in the left ventricle, 3 fluid-filled catheters (1 inserted in 

the descending thoracic aorta, 1 in the right ventricle, and 1 in the left atrium), a Doppler 

flow probe placed around the left circumflex coronary artery, and 2 pacing leads attached 

to the LV epicardial surface, as previously described (Seki et al., 2018; Woitek et al., 

2015). The dogs wore cotton/nylon jackets to protect the exteriorized wires and 

catheters. Continuous intravascular infusions were performed by connecting external 

pumps (50 mL capacity), held in the pockets of the jacket, to the right ventricular 

catheter or, in case of occlusion, to the left atrial one. All the experiments were 

performed in conscious, non-sedated dogs recumbent on the right side on the laboratory 

table. 

Additional details located in Appendix B. 

2.4.3.5 Statistical Analysis 

Canine Studies. Statistical analysis for the canine studies was performed by using 

commercially available software (SigmaStat 4.0). Data were found normally distributed; 

therefore, changes were compared by t tests and paired t tests or 1-way and 2-way 

ANOVA followed by Student–Newman post hoc test, depending on the number of groups 

and time points involved in the comparisons. Data are presented as mean ± SEM. For all 

the statistical analyses, significance was accepted at P < 0.05. 
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Mendelian inheritance. For determination of Mendelian inheritance patterns, 

χ2 test was applied using Excel (Montoliu, 2012). The χ2 test was conducted using 1 

degree of freedom with χ2 table set at 3.841. 

General. GraphPad Prism 7.0 was used for all statistical analyses except χ2 test. 

Significance was defined as P < 0.05. Statistical tests were chosen based on the number 

of compared variables and the size of samples (De Winter, 2013). For comparisons of 

two groups with one variable: if at least one comparison group n < 5, an F-test was 

applied to determine if variance between groups differed significantly. If variance did not 

differ significantly, a 2-tailed unpaired t test was applied. If F-test results showed 

significant difference in variance, a 2-tailed unpaired t test with Welch’s correction was 

applied (Sawilowsky, 2002). For experiments with a small sample size (such as Figure 

24, at least 1 group less than n = 8), a 2-tailed Mann-Whitney U test was used (Sheskin, 

2007). When both groups had n = 8 or greater, a D’Agostino-Pearson omnibus normality 

test was used to determine if values followed a Gaussian distribution (D'Agostino, 1986). 

If values were determined to be normally distributed, an F-test was applied to determine 

if variance between groups differed significantly. Depending on these results, either a 2-

tailed t test or 2-tailed t test with Welch’s correction was applied as described above. If 

values were determined to come from a nonnormal distribution, a 2-tailed unpaired 

Mann-Whitney U test was applied. Comparisons of more than 2 groups were analyzed 

with 1- or 2-way ANOVA (normal distribution or n < 5 in at least 1 group) with post hoc 

analysis as described in individual legends (Zar, 2010). 
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Prelude – Chapter 3 
The overall goal of this dissertation was to understand the bioenergetic 

pathogenesis of heart failure. We observed the onset of metabolic dysfunction to 

correlate with increased mitochondrial acetylation using mass spectrometry-based 

proteomics. Like mitochondrial acetylation and heart failure, additional non-enzymatic, 

post-translational modifications such as succinylation, glutarylation, and malonylation 

are correlated with various disease states and in several tissues; each is typically 

quantified with acyl-proteomics. The challenge with proteomics and other relatively 

low-cost, high-throughput experimental techniques (ex. transcriptomics, metabolomics) 

is the appropriate follow-through with the resultant dataset.  

For mitochondrial Nϵ-lysine acetylation — or acylation in general — the field has 

largely circled an experimental pattern of generating acyl-proteomic datasets, selecting 

candidate sites, generating over-expressed mutants, and screening for altered enzyme 

activities. While these studies have been honestly and rigorously performed, they are 

inherently flawed by the manual selection of targets and the artificial experimental 

conditions. On occasion, isolated mitochondria from hyperacetylated models are 

functionally evaluated; however, the scope is limited and performed under 

physiologically irrelevant conditions.  

As we began working to understand the role of cardiac hyperacetylation in heart 

failure, other mitochondrial hyperacylation investigations were being performed in the 

Muoio lab. We accrued multiple acyl-proteomic datasets, each with hundreds of 

candidate targets, and now needed to form and test hypotheses. My first instinct was to 

follow the paradigm of the field and to generate semi-purified acetyl-mimetics enzymes 

to screen for biochemical perturbations. I did tinker with one protein and a handful of 
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acetyl mimetic sites for a few months, albeit with little success.5 Kelsey Fisher-Wellman, 

an incredibly talented post-doc working on another model of hyperacylation, had a 

better idea. Instead of selecting a handful of target residues to artificially test for 

changes, he envisioned a series of assays to broadly screen for bioenergetic perturbations 

under physiologically relevant conditions. This was a logistically challenging goal but 

with a lot of hard work, the platform was successfully developed and implemented. I was 

quite fortunate that he chose to mentor me, teaching the nuances of mitochondrial 

isolation, efficient time management at the bench, the discipline of complex procedural 

reproducibility, and a portion of his encyclopedic knowledge of mitochondrial function. 

In the process, I was lucky enough to help develop this platform. As the project matured, 

we increasingly recognized that the power and utility exceeded the scope of the initial 

purpose (mitochondrial hyperacylation) and was more broadly applicable to the field of 

mitochondrial function. As a result, we published a manuscript to serve as a validation 

and resource to the field. Chapter 3 is adapted from this manuscript. For additional 

details about the methodology and development, please see Section 2.2 and Appendix A. 

Fisher-Wellman, K.H., Davidson, M.T., Narowski, T.M., Lin, C.-T., Koves, T.R., and 
Muoio, D.M. (2018). Mitochondrial Diagnostics: A Multiplexed Assay Platform for 
Comprehensive Assessment of Mitochondrial Energy Fluxes. Cell Reports 24, 3593-
3606.e10. https://dx.doi.org/10.1016/j.celrep.2018.08.091 

                                                        
5 I looked at four lysine residues on Carnitine acetyltransferase (CRAT) found to be hyperacetylated in 

several acetylproteomic datasets. April Hawkins, a research technician, generated a series of mutant 
mimetic plasmids where lysine (K) was mutated to glutamine (Q) to mimic an acetylated state or arginine 
(R) to mimic the de-acetylated state and serve as a mutation control. The mutations were additively 
incorporated to produce gradations of (de)acetylation (ex. 1 acetyl-mimetic residue → 2 acetyl-mimetic 
residues). Ashley Williams, a post-doc, overexpressed these constructs in tissue culture to generate protein 
lysates. She applied a comprehensive substrate kinetic analysis to these lysates but found significant 
variability in the lysate activity. To determine if the variation was caused by changes in protein expression 
or enzyme activity, I validated and applied a quantitative immunoblot technique to measure the 
concentration of enzyme within Ashley’s lysates. The quantitation enabled a more sophisticated enzyme 
analysis which revealed a small, but additive enhancement of CRAT activity in the acetylated-mimetic 
constructs. Without this quantitation, the data was much more difficult to interpret. To validate this 
observation, I re-performed the entire experiment: overexpressing the plasmids, repeating the substrate 
kinetic analysis, and quantifying the enzyme content in the new lysates. This time, the results did not 
match the first experiment and the project was abandoned for the work presented in Chapter 3. 
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3. Mitochondrial Diagnostics: A Multiplexed Assay Platform 
for Comprehensive Assessment of Mitochondrial Energy 
Fluxes 

3.1 Introduction 

Mitochondria are the principal site of energy conversion in mammalian systems 

and primarily responsible for establishing the free energy of ATP hydrolysis (ΔGATP) 

through the process of oxidative phosphorylation (OXPHOS). Defects in oxidative 

metabolism represent a common manifestation of aging and age-related metabolic 

disorders such as obesity, diabetes, heart disease, and cancer (Gonzalez Herrera et al., 

2015; Muoio and Neufer, 2012; Sun et al., 2016). The strong association between 

mitochondrial metabolism and pathophysiological phenotypes has also emerged as a 

prominent theme among studies that have deployed discovery technologies, such as 

genomics, proteomics, and metabolomics, to identify molecular signatures prognostic of 

disease risk (Davies et al., 2016; Koves et al., 2008; Overmyer et al., 2015; Williams et 

al., 2016). Together, these findings provide traction for theories implicating 

mitochondrial dysfunction as a cornerstone of metabolic disease and have sparked 

intense interest in drug development strategies targeting mitochondrial health. 

Implicit in this field of study is the idea that complex disease traits arise from 

metabolic flux limitations or perturbations imposed by the sum of all aberrant changes 

in the quantity and quality of mitochondrial proteins. In most cases, pathological 

remodeling of these organelles involves multiple enzyme complexes, at multiple steps, 

along multiple oxidative pathways that act cooperatively to transduce the energy in 

carbon fuels to a more biologically accessible form of currency (i.e., ΔGATP). Importantly, 

molecular remodeling at the level of the transcriptome, proteome, and/or metabolome 

does not necessarily translate to functional consequences that confer physiologic 
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phenotypes. Thus, progress toward deciphering the precise role of the mitochondria in 

disease etiology requires tools and methods that can capture changes in metabolic and 

respiratory flux in intact mitochondria working to regenerate ATP in the context of a 

physiologically relevant energy charge. To this end, we have developed a multiplexed 

platform for interrogating respiratory fluxes under multiple substrate and energetic 

conditions. The goal of the project was to bridge the gap between molecular and 

functional phenomics by developing a suite of assays that permit modeling of in vivo 

mitochondrial energy transduction in a comprehensive manner. Application of these 

assays to a functional comparison between mouse skeletal muscle versus the heart 

revealed several profound distinctions in energy transduction efficiency between the 

mitochondrial pools resident in these two tissues. Herein, we provide a blueprint for 

building this platform and a workflow for executing and interpreting the assays. 

3.2 Results 

3.2.1 Working Model of Mitochondrial Energy Transduction 

Before discussing the design and implementation of the mitochondrial 

diagnostics platform, it is important to review several fundamental bioenergetics 

principles that formed the framework for this project. First, experiments tasked with 

providing insights into mitochondrial metabolism must consider the basic mechanisms 

by which biological energy transduction proceeds, as well as caveats of studying 

bioenergetics using a cell-free, in vitro system. These considerations are modeled in 

Figure 2A, which depicts mitochondrial energy transduction as a series of inter-

connected energy cells (i.e., batteries) that power a sequential set of energy 

transformation steps. Inherent to this model is the critical concept that the energy 

potential (i.e., “charge”) of any one cell is constrained by the maximal charge of the 

preceding battery. The charging and discharging of each battery are regulated by three 
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distinct flux control nodes that act as power generators to collectively convert the 

chemical energy in electron-rich carbon substrates (“Fuel”) to ATP free energy (ΔGATP). 

In intact cells, substrate availability can exert substantial control over respiratory 

kinetics and thermodynamics. By contrast, flux control at this step is eliminated when 

isolated mitochondria are provided with saturating substrate concentrations. Thus, the 

first control node under evaluation in our experimental system (node 1) is the power 

generator defined as the “Matrix Dehydrogenases” (Figure 2B). This node encompasses 

substrate uptake across the mitochondrial inner membrane via a collection of proteins 

that mediate electroneutral or electrogenic ion transfer, as well as catabolism by multiple 

dehydrogenase enzymes that remove hydrogens while transferring electrons from 

specific carbon substrates to nicotinamide adenine dinucleotide (NAD+) and/or protein-

bound flavin adenine dinucleotide (FAD). The resulting production of NADH and FADH2 

provides reducing power that drives the electron transport system (ETS). Simply stated, 

the “Matrix Dehydrogenases” transfer the charge available in the “Fuel” cell into 

“Electron Potential Energy,” thus establishing the energetic driving force for the 

subsequent transfer step. The efficiency of energy transfer at node 1 can be assessed 

experimentally via the fluorescent measurement of the NADH/NAD+ and/or 

FADH2/FAD+ redox couples (Koretsky and Balaban, 1987). Importantly, the specific 

subset of dehydrogenases engaged by these assays depends on the substrates provided. It 

should be noted that the common practice of adding high concentrations of malate 

(> 2 mM) to respiring mitochondria is intended to (1) promote efflux and depletion of 

matrix tricarboxylic acid (TCA) cycle intermediates via malate exchange with citrate, 

isocitrate, and alpha-ketoglutarate, which prevents enzyme product inhibition; and (2) 

eliminate succinate dehydrogenase (SDH) flux via malate-fumarate equilibration, which 

results in feedback inhibition of the enzyme. Alternatively, dehydrogenase flux can be 
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limited exclusively to SDH by adding succinate as the substrate in combination with 

inorganic phosphate, which promotes malate-phosphate exchange, along with rotenone, 

an inhibitor of complex I that causes hyper-reduction of the NADH/NAD+ couple and 

feedback inhibition of malate dehydrogenase (MDH). Thus, these strategies are designed 

to isolate fluxes through specific dehydrogenases and/or enzyme complexes. 

 

 

 
Figure 2. A summary of mitochondrial energy transfer. 

(A–D) Simplified model (A) and detailed depictions (B–D) of mitochondrial energy 
transfer and the corresponding control nodes.  
(B) Upper left box shows several common mechanisms of metabolite exchange in the 
inner mitochondrial membrane. “IN” and “OUT” refer to substrate uptake into, or export 
from the matrix, respectively. The enzymes (color-filled boxes) activated under each 
substrate condition are depicted within distinct segments. Black filled, primary (1°) 
NAD-linked dehydrogenase; gray filled, secondary (2°) NAD-linked dehydrogenases; blue 
filled, FAD-linked dehydrogenases; white filled, non-dehydrogenase enzymes.  
(C) The difference in redox potentials between NADH/NAD+ and H2O/O2 (780 mV 
− (−280 mV) = 1,060 mV) provides energy for pumping of protons from the matrix to the 
inner-membrane space during the process of electron transport.  
(D) depicts the increase in ATP free energy as the ATP:ADP ratio is displaced from 
equilibrium during the process of mitochondrial energy transfer.  
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Node 2 (“Electron Transport System”; Figure 2C) represents the ETS generator, 

which transfers electron potential energy in the form of NADH/NAD+ and FADH2/FAD+ 

to the electrochemical proton gradient known as the protonmotive force (Δp; “Proton 

Potential Energy” cell). This process consists of a series of oxidoreductase reactions in 

which electrons flow down an energy gradient as they transfer by default to redox 

cofactors with sequentially more positive reduction potentials, each residing within a 

multi-subunit protein complex embedded in the inner mitochondrial membrane. 

Molecular oxygen serves as the final electron acceptor, resulting in the formation of a 

water molecule. The exothermic transfer of electrons to oxygen drives the pumping of 

protons from the matrix to the inner membrane space at three locations (CI, CIII, and 

CIV), in turn establishing Δp. The electrical component of this potential can be assessed 

using a variety of fluorescent cationic compounds (Scaduto and Grotyohann, 1999), or 

via tetraphenylphosphonium (TPP) in conjunction with a TPP-selective electrode 

(Palmeira and Rolo, 2012). In node 3 (“ATP Synthesis”; Figure 2D), the energy available 

in Δp drives the generation and transport of ATP, as the proton current traverses the 

inner mitochondrial membrane via the ATP synthase complex (CV) and the adenine 

nucleotide translocase (ANT). Under most circumstances, proton flux is tightly coupled 

to OXPHOS, which is a demand-driven process regulated by the rate of cellular ATP 

turnover and the subsequent availability of ADP. An acute increase in ATP hydrolysis 

leads to a transient fall in cellular energy charge, which in turn promotes proton flux and 

ATP resynthesis. However, it is important to consider that Δp can also be dissipated by 

proton leak and/or consumed by processes such as metabolite or ion transport (e.g., Ca2+ 

uptake) (Figure 3). Thus, a drop in Δp due either to elevated demands for ATP 

regeneration or proton leak will result in a partial loss of ATP free energy, triggering 

increased electron transport and proton pumping in effort to defend and recharge ΔGATP. 
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The net flux of the proton current is reflected by the rate at which oxygen is reduced at 

CIV, measured as the rate of mitochondrial oxygen consumption (JO2), which therefore 

serves as the experimental measurement of node 3. In sum, mitochondria serve two 

primary functions: (1) ATP resynthesis, and (2) displacement of the ATP/ADP ratio far 

from equilibrium, by about 10 orders of magnitude. This means that mitochondria are 

typically pumping ATP into a sea of ATP, “up an energetic hill.” The extent to which the 

ATP generator at node 3 can displace the extra-mitochondrial ATP/ADP ratio away from 

equilibrium dictates the free energy of ATP hydrolysis (ΔGATP), which in turn determines 

the power available for cellular work. The energy available to displace ATP/ADP depends 

entirely on the potential energy harnessed in the steady-state Δp, which in turn draws its 

charge from the steady-state redox potential that is maintained by the dehydrogenase 

enzymes and regulated by enzyme activities and fuel availability. As such, a decline in 

capacity and/or efficiency within any of the power-generating control nodes will by 

default impact the energy charge and discharge of all batteries, ultimately leading to a 

loss in ATP free energy and ensuing biological consequences. Thus, given the 

interconnectivity of the foregoing energy transduction circuit, attempts to identify 

potential lesions in oxidative metabolism would greatly benefit from comprehensive 

information that enables one to diagnose shifts in flux control at each of the three nodes 

during mitochondrial respiration occurring under near-physiologic energetic conditions. 

In other words, the conventional approach of measuring JO2 alone in the context of 

unlimited ADP availability (i.e., ATP/ADP ratio approaching equilibrium) severely limits 

the diagnostic utility of that assay. 
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Figure 3. The presence of Na+ impairs respiratory conductance. 

(A) Representative trace displaying oxygen consumption in skeletal muscle mitochondria 
pre-incubated with NaCl (10 mM) or vehicle and energized with G/M (10/2.5 mM), 
followed by the addition of ADP (1 mM). 
(B) ADP-dependent JO2 in skeletal muscle mitochondria respiring on G/M and pre-
incubated with NaCl or vehicle. (C) JATP synthesis in skeletal muscle mitochondria 
energized with G/M in the absence or presence of NaCl (10 mM). 
(D-E) Phosphocreatine titration experiments performed in skeletal muscle mitochondria 
energized with G/M (D) and heart mitochondria energized with Oct/M (E) in which the 
PCr was supplied as either di-sodium phosphocreatine (Na+) or di-tris phosphocreatine 
(Tris+). ATP in each experiment was added as either a sodium or tris salt for consistency. 
(F) Calculated linear slopes (i.e., respiratory conductance) from the experiments in 
panels F. 
(G-H) Phosphocreatine titration experiments performed in heart mitochondria prepared 
without trypsin or EDTA and energized with Oct/M in which the PCr was supplied as 
either di-sodium phosphocreatine (Na+) or di-tris phosphocreatine (Tris+). ATP in each 
experiment was added as either a sodium or tris salt for consistency. 
(H) Calculated linear slopes (i.e., respiratory conductance) from the experiments in 
panels G. 
Data are mean ± SEM (n = 3–5 biological replicates). Differences between groups were 
analyzed by unpaired 2-tailed t tests. *P < 0.05. 
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3.2.2 The Creatine Kinase Clamp Technique and the Assessment of 
OXPHOS Conductance 

Conventional respirometry assays measure JO2 in response to an ADP bolus or an 

ADP clamp. In these assays, the ATP/ADP ratio is essentially at or near equilibrium, 

which means the mitochondria are operating under conditions that are physiologically 

irrelevant. The approach described here was designed to interrogate a multitude of 

mitochondrial fluxes under more physiologically meaningful conditions using a 

population of mitochondria isolated from a single mouse. The diagnostic power of the 

platform stems from the application of a modified version of the creatine kinase (CK) 

energetic clamp (Glancy et al., 2008; 2013; Messer et al., 2004; Willis et al., 2016). This 

technique leverages the enzymatic activity of CK, which couples the interconversion of 

ATP and ADP to that of phosphocreatine (PCr) and free creatine, to titrate the extra-

mitochondrial ATP/ADP ratio. Importantly, the CK clamp permits assessment of 

respiratory control across a range of ATP free-energy states (expressed herein in 

kilocalories per mole and estimated per details in Methods Section 2.2.3), effectively 

modeling in vivo flux demands for ATP regeneration. An increase in ATP energy charge 

(ATP/ADP ratio) mimics a decrease in demand and vice versa. A simple analogy is that 

the transition from high to low ATP/ADP ratio mimics the transition between rest and 

exercise; thus, the assay serves as an in vitro stress test. Figure 4A depicts the 

concentrations of the primary clamp components (ADP, ATP, Cr, PCr) across a span of 

ATP free energies, which are varied via the sequential addition of PCr from a starting 

concentration of 1 mM to a final concentration of 30 mM. Consistent with the study by 

Glancy et al. (2013), exposure of energized mitochondria to increasing ATP free energies 

(i.e., more negative ΔGATP values corresponding to an increased ATP/ADP ratio) 

progressively diminished respiratory flux (Figure 4B). This is because a fall in demand 

facilitates recharging of the Δp battery, and consequently, proton pumping at CIV is met 
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with increasing backpressure. Plotting mitochondrial JO2 as a function of ΔGATP permits 

a calculation of conductance (the reciprocal of resistance) throughout the entire 

OXPHOS pathway, according to the equation I = V/R (Figure 4C), wherein current (I) 

corresponds to the proton current (experimentally represented via JO2) and voltage (V) 

is represented by ΔGATP (Willis et al., 2016). The slope of the inverse relationship 

between JO2 and ΔGATP reflects relative flux resistance (R) within the entire 

mitochondrial OXPHOS energy transduction pathway, such that the steeper slope 

observed in skeletal muscle mitochondria energized by glutamate/malate (G/M) as 

compared to octanoylcarnitine/malate (Oct/M) (Figure 4D) indicates lower resistance 

and greater conductance (sensitivity) in the context of the respective substrate 

conditions (Glancy et al., 2013). These results are interpreted as indication of a 

respiratory flux limitation, and thus decreased responsiveness to energy challenge, when 

Oct/M is provided as substrate. In other words, muscle mitochondria are more capable 

of responding to an energy deficit when provided with glutamate as opposed to fatty acid 

substrate. It should be noted that the relationship between JO2 and ΔGATP loses linearity 

at either extreme of oxygen flux (Figure 4E), further underscoring the caveats of 

interpretations based on state 3 respiration kinetics. 



 

49 

 
Figure 4. Assessment of mitochondrial respiratory conductance via the CK 
clamp. 

(A) Changes in ADP, ATP, creatine (Cr), and phosphocreatine (PCr) and the estimated 
free energy of ATP hydrolysis (ΔGATP) during a typical CK clamp experiment. The 
transition from a high to low energy charge, and thus low to high energy demand, mimics 
the transition from rest to exercise. 
(B–D) Representative JO2 trace (B) and linear relationship between JO2 and ΔGATP 
during a PCr titration experiment in skeletal muscle mitochondria energized with G/M 
(C) or G/M versus Oct/M (D). 
(E) Representative PCr titration experiments in skeletal muscle mitochondria 
demonstrating the linear range of the relationship between JO2 and ΔGATP. 
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3.2.3 Multiplexed Assessment of Mitochondrial ΔΨ and NAD(P)H/NAD(P)+ 
Redox State across Increasing ATP Free Energies 

A central bioenergetics tenet relevant to the goals of this project is that shifts in 

JO2 and respiratory responsiveness are difficult to interpret without corresponding 

information on the energy charge of the redox and Δp batteries. Accordingly, the 

platform we developed incorporates concurrent assessments of mitochondrial 

membrane potential (ΔΨ) and the NAD(P)H/NAD(P)+ redox state. Mitochondrial ΔΨ 

was assessed using the fluorescent cationic dye tetramethylrhodamine methyl ester 

(TMRM), which was selected because this fluorophore is amenable to a multiplexed 

assay platform. Here, TMRM emission spectra at 590 nm following excitation at both 551 

and 552 nm were used to estimate ΔΨ by converting the 572/551 ratio to millivolts, 

based on a KCl calibration curve performed in the presence of valinomycin 

(Krumschnabel et al., 2014). Next, the NAD(P)H/NAD(P)+ redox state, expressed as a 

percentage of complete reduction, was obtained by a second fluorometric reading based 

on NAD(P)H auto-fluorescence, in which emission intensity at 450 nm is recorded 

following excitation at 340 nm. These fluorometric assays were performed with a 

QuantaMaster Spectrofluorometer (QM-400; Horiba Scientific) equipped with a 

temperature-controlled four-position multi-sample turret, which permits processing of 

four samples per experiment. Simultaneous fluorescent measurements (Ex/Em; 

340/450, 551/590, 572/590) alongside parallel respirometry experiments using multiple 

O2K instruments permitted multiplexed assessment of respiratory conductance and 

associated steady-state energetic potentials (i.e., ΔΨ and NAD(P)H/NAD(P)+) under 

various substrate combinations. Further details pertaining to optimization and 

validation of these assays are provided in Appendix A.3 and Figure 5. 
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Figure 5. Approximation of mitochondrial ΔΨ via TMRM and measurement 
of NAD(P)H/NAD(P)+ redox state under varying ATP free energies. 

(A) Relationship between JO2 and ∆GATP in isolated skeletal muscle mitochondria in the 
presence of TMRM (0.2 μM) or DMSO. Experiments were carried out in Buffer D, 
supplemented with ATP (5 mM), Cr (5 mM), PCr (3 mM) and 20 U/mL CK. Assay 
additions were mitochondria (0.025 mg/mL), G/M and PCr × 4 (3 mM additions each). 
(B) Excitation and emission scans carried out in Buffer D, supplemented with TMRM 
(0.2 μM) and FCCP (5 μM) or ethanol (vehicle control). Mitochondria from skeletal 
muscle (0.1 mg/mL) were present for all experiments. 
(C) Excitation spectra calculated from the difference in fluorescence intensity between 
scans performed in the absence and presence of FCCP displayed in panel B (e.g., (EX 
Scan – EX Scan (+FCCP)) = Ex Diff). The peaks of each spectra are indicated by black 
arrows and the difference between them (572–551 = 21) is the quantified spectral shift 
experienced by TMRM as it accumulates in energized mitochondria. 
(D) Representative trace showing TMRM fluorescence at Ex/Em: 551:590 and Ex/Em: 
572/590 during a CK clamp experiment in isolated heart mitochondria.  
(E) The ratio of emission intensities calculated from the experiment depicted in panel D 
recorded at excitation wavelengths of 572 and 551. 
(F) Representative trace displaying a ΔΨ standard curve whereby the TMRM 
fluorescence ratio (572/551) was plotted against time. Protocol additions were heart 
mitochondria (Mito, 0.1 mg/mL), valinomycin (Valino, 40 ng/mL), and KCl (indicated by 
numbered black arrows). The table below indicates the extra-mitochondrial [KCl] at each 
titration step, as well as the calculated ΔΨ according to the Nernst equation. 
(G) TMRM fluorescence ratio (572/551) plotted against the calculated ΔΨ (-mV). 
(H) Representative trace showing ΔΨ assessment using a TPP+ selective electrode during 
a phosphocreatine titration experiment. 
(I) Relationship between ΔΨ and ∆GATP in isolated skeletal muscle mitochondria 
energized with Pyr/M. Membrane potential was assessed using either TMRM or a TPP+ 
selective electrode. 
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(J) Change in ΔΨ, expressed in mV, during the phosphocreatine titration experiments 
depicted in panel I using both experimental methodologies. 
(K) Representative trace showing NAD(P)H auto-fluorescence (Ex/Em: 340/450) during 
a CK clamp experiment in isolated heart mitochondria. The annotated sections of the 
trace utilized to calculate % Reduction correspond to isolated mitochondria devoid of 
substrates (0% Reduced) and the addition of cyanide (100% Reduced). 
(L) The % Reduction in the NAD(P)H/NAD(P)+ redox state calculated from the 
experiment depicted in panel K. (A, G-J)  
Data are mean ± SEM (n = 3–4 biological replicates). Differences between groups were 
analyzed by 2-tailed unpaired t tests. 

3.2.4 Validating the Diagnostic Utility of the CK Clamp Technique Using 
Respiratory Inhibitors 

In theory, parallel measurements of JO2, ΔΨ, and the NAD(P)H/NAD(P)+ redox 

state should permit both the detection and generalized localization of relative shifts in 

respiratory conductance. To directly test this concept, experiments were conducted in 

isolated heart mitochondria in the presence and absence of three distinct respiratory 

inhibitors that act specifically at each of the three nodes (Figure 2B-D). Each inhibitor 

was applied at a sub-saturating dose in the presence of increasing ATP free energies to 

simulate submaximal respiratory resistance (flux limitation). The pyruvate carrier 

inhibitor, UK5099, was used to induce resistance at control node 1 (“Dehydrogenases”) 

by restricting substrate supply to the pyruvate dehydrogenase (PDH) complex (Bricker et 

al., 2012). Application of resistance at this node should limit the steady-state reduction 

potential generated by PDH (i.e., NAD(P)H/NAD(P)+ redox state), therefore impairing 

all subsequent energy transfer steps. The substrate combination of pyruvate and malate 

was utilized for these experiments to activate the PDH complex. Consistent with the 

predicted outcome, addition of UK5099 imposed respiratory resistance compared to 

DMSO-treated mitochondria (Figure 6A-B), while also causing a relative depolarization 

of the ΔΨ (Figure 6C) and a decrease in NAD(P)H/NAD(P)+ (Figure 6D) reduction 

potential. Thus, the observed respiratory phenotype fit perfectly with that expected by a 

flux limitation at node 1. 
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Figure 6. Respiratory conductance workflow localizes distinct sites of 
resistance imposed by specific inhibitors. 

(A–H) Relationship between mitochondrial oxygen consumption (JO2) and ATP free 
energy (ΔGATP) in heart mitochondria energized with either Pyr/Mal (A–D) or Oct/M 
(E–H) performed in the presence of DMSO and (A–D) UK5099 or (E–H) oligomycin 
and rotenone. 
(E) The JO2 rates depicted to the right of the dashed line, at ΔGATP = 0, represent 
maximal, uncoupled JO2 induced via addition of 1 μM FCCP.  
(B and F) Slope of the relationships between JO2 and ΔGATP depicted in (A) and (B), 
respectively. 
(C and G) Mitochondrial ΔΨ and (D and H) NAD(P)H/NAD(P)+ redox state measured 
under identical conditions to those displayed in (A) and (E). 
Data are mean ± SEM (n = 3–4 biological replicates). Differences between DMSO and 
each inhibitor (UK5099, Rot, Oligo) were analyzed by paired t tests. *P < 0.05, 
**P < 0.001, and ***P < 0.0001. (E, G, and H). Asterisks (*) above the data points 
correspond to the DMSO versus Oligo comparison, while those below correspond to 
DMSO versus Rot. 
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We next used rotenone and oligomycin to simulate resistance within nodes 2 

(“Electron Transport System”) and 3 (“ATP Synthesis”), respectively. Rotenone inhibits 

electron entry into the ETS at the level of CI. Submaximal flux resistance at this stage 

should impair energy transfer efficiency at all points downstream of CI, while also 

imposing a bottleneck that results in the buildup of free energy in the form of redox 

potential. Thus, in experimental terms, rotenone would be expected to decrease both JO2 

and respiratory conductance due to relative depolarization of ΔΨ, while causing a 

hyperreduction in the NAD(P)H/NAD(P)+ redox state. This scenario was indeed evident 

in isolated heart mitochondria energized with Oct/M and treated with 9 nM rotenone 

(Figure 6E-H; DMSO versus Rot). In contrast to rotenone, oligomycin inhibits CV, where 

it restricts the transfer of energetic potential between the Δp and ΔGATP. As such, this 

agent would also be predicted to lower both JO2 and respiratory conductance, but with 

the bottleneck now occurring further downstream, a buildup of free energy should be 

observed at all preceding sites of the energy transduction pathway. Consistent with this 

notion, exposure of isolated heart mitochondria to 15 nM oligomycin led to a ∼30% drop 

in respiratory conductance, combined with a relative hyper-polarization of the ΔΨ and 

hyper-reduction of the NAD(P)H/NAD(P)+ redox state (Figure 6E-H; DMSO versus 

Oligo). Addition of the uncoupling agent, carbonyl cyanide 

4-(trifluoromethoxy)phenylhydrazone (FCCP) (1 μM), at the end of the respirometry 

experiments rescued absolute rates of JO2 in oligomycin, but not the rotenone-treated 

mitochondria (Figure 6E; rates to the right of the dotted line). This is because 

uncoupling eliminates flux control imposed by the ATP synthesis node (CV and/or ANT) 

and amplifies flux resistance at the ETS node. In sum, rotenone and oligomycin led to 

indistinguishable phenotypes at the level of respiratory conductance and 

NAD(P)H/NAD(P)+ reduction potential; however, the effects of the drugs diverged at the 
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level of the ΔΨ, in a manner consistent with the known molecular target of each agent. 

Taken together, these data validate the diagnostic power of the assay platform and 

highlight its ability to identify and localize respiratory resistance to one of three energy 

transfer control nodes within the entire OXPHOS pathway. 

3.2.5 Application of the Respiratory Diagnostics Platform Reveals Tissue-
Specific Conductance Phenotypes and Dehydrogenase Limitations in 
Skeletal Muscle and Heart Mitochondria 

The assay platform was subsequently deployed to investigate energy transfer in 

mitochondrial populations derived from mouse skeletal muscle as compared to heart. 

Notably, mitochondrial content, as determined by the expression of CIII, CIV, and CV 

(Larsen et al., 2012), were not different between skeletal muscle and heart mitochondrial 

preparations when normalized to total protein (Figure 8A and B). The substrate 

combinations employed for these assays included G/M, pyruvate/malate (Py/M), Oct/M, 

and succinate/rotenone (Succ/R), each of which engage a distinct set of dehydrogenase 

enzymes (Figure 2B). In the presence of G/M and Pyr/M, both of which are NAD-linked 

substrate combinations, absolute rates of JO2 as well as calculated conductance 

measurements (Figure 7A and D; G/M and Pyr/M) were as much as 4-fold greater in 

mitochondria from skeletal muscle as compared to heart, a distinction that was 

particularly pronounced in the context of G/M. By contrast, upon exposure to Oct/M, 

both JO2 and respiratory conductance (Figure 7A and D; Oct/M) were substantially 

lower in mitochondria derived from skeletal muscle versus heart. Interestingly, the 

presence of Succ/Rot produced similar maximal JO2 in skeletal muscle and heart 

mitochondria (Figure 7A; Succ/Rot), but respiratory conductance was greater in the 

latter group (Figure 7D; Succ/Rot). 
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Figure 7. Respiratory control in mitochondria isolated from heart compared 
to skeletal muscle. 

(A–C) Changes in mitochondrial (A) JO2, (B) ΔΨ, and (C) NAD(P)H/NAD(P)+ redox 
state as a function of ATP free energy (ΔGATP) and substrate: G/M, Pyr/M, Oct/M, and 
Succ/Rot. 
(D) The linear range of JO2, located to the left of the dashed line in (A), was used to 
calculate the corresponding slopes. 
(E–G) Relationship between mitochondrial JO2 and ΔΨ in the presence of (E) Pyr/M, 
(F) Oct/M, and (G) Succ/Rot. 
Data are mean ± SEM (n = 4–7 biological replicates). Tissue-specific differences in 
mitochondrial phenotypes were analyzed by 2-tailed t test. *P < 0.05, **P < 0.001, and 
***P < 0.0001. 

To localize the site of the substrate-specific flux limitations detected by the 

foregoing conductance assays, measurements of ΔΨ (Figure 7B) and NAD(P)H/NAD(P)+ 

redox status (Figure 7C) were performed simultaneously using the same two populations 

of mitochondria. For each of the substrate conditions tested, the mitochondrial pool that 

produced a more robust conductance plot also produced a more polarized ΔΨ and a 

more reduced NAD(P)H/NAD(P)+ redox state. These results align with the respiratory 

phenotype observed in the presence versus absence of the pyruvate carrier inhibitor, 
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UK5099 (Figure 6), and thus points to substrate delivery and/or dehydrogenase activity 

(node 1) as the primary node that explains the phenotypic distinctions between muscle 

and heart mitochondria. For example, the low respiratory conductance observed in heart 

mitochondria supplied with G/M appeared to stem from insufficient substrate flux 

through the enzymes that use those substrates to generate electron potential energy 

(Figure 2B), thereby resulting in a lower NAD(P)H/NAD(P)+ redox state. Likewise, the 

same was true of skeletal muscle mitochondria when Oct/M served as the substrate. 

3.2.6 Adaptations in Energy Transfer Efficiency within Heart Mitochondria 
Maximize ΔGATP across Physiological Flux Demands 

The lower respiratory conductance observed in heart as compared to muscle 

mitochondria fueled by Pyr/M (Figure 7B and D; Pyr/M) was accompanied by a relative 

hyper-polarization of ΔΨ (Figure 7B; Pyr/M) and a slight hypo-reduction of 

NAD(P)H/NAD(P)+ redox state (Figure 7C; Pyr/M). Lower respiratory conductance 

combined with heightened energetic potential within the Δp could indicate increased 

resistance in the ATP synthesis control node, as demonstrated by the experiments with 

low-dose oligomycin (Figure 6). However, unlike that observed with oligomycin, hyper-

polarization of ΔΨ in heart mitochondria energized with Pyr/M was accompanied by a 

relative decrease in electron potential energy (i.e., lower NAD(P)H/NAD(P)+ redox), a 

combination that instead implies enhanced energy transfer efficiency (i.e., 

thermodynamics). Likewise, plotting JO2 against ΔΨ for high flux substrate 

combinations revealed a pronounced rightward shift in the curves corresponding to 

heart mitochondria (Figure 7E-G), such that any given JO2 corresponded with a more 

negative ΔΨ, consistent with increased OXPHOS efficiency. The hyper-polarized 

phenotype of heart mitochondria was also apparent in Percoll-purified preparations 

(Figure 8F and G). This relationship is of particular importance because, in vivo, the 
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energy available in the ΔΨ determines the magnitude to which the mitochondria can 

displace the ATP/ADP ratio from equilibrium, which in turn drives ΔGATP. Accordingly, 

our findings suggest that heart mitochondria maintain a greater (i.e., more negative) 

ΔGATP for a given oxygen flux. It must be noted, however, that in these in vitro assays, 

ΔGATP is held constant (clamped) by large excesses of CK and a defined 

creatine/adenylate pool, which together confer unlimited capacitance to compensate for 

potential deficits in the rate of mitochondrial ATP regeneration. For this reason, in the 

context of our assay, the precise contributions of JO2 and CK flux to ΔGATP are unknown, 

and therefore we are unable to discriminate between changes in energy transfer 

efficiency (i.e., more negative Δp for a given JO2) and/or flux resistance at the level of 

ATP synthesis and transport, without additional diagnostics (addressed below). 
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Figure 8. Additional validation of heart and skeletal muscle mitochondrial 
isolations. 

(A) Immunoblot analysis of CIII, CIV and CV in skeletal muscle and heart isolated 
mitochondria lysates. (B) Quantification of the blots depicted in panel A. 
(C) Relationship between mitochondrial JO2 versus ATP free energy (∆GATP) in 
mitochondria energized with AKG (10 mM). (D) Calculated slopes from the linear 
portions of the data depicted in panel C. 
(E) Relationship between mitochondrial NAD(P)H/NAD(P)+ redox versus ATP free 
energy (∆GATP) in mitochondria energized with G/M in the presence of 0.6 mM CaCl2 
(free Ca2+ ∼500 nM). 
(F-G) Mitochondria JO2 plotted against ΔΨ in the presence of Pyr/M (F) and Succ/Rot 
(G) in percoll purified mitochondria. 
Data are mean ± SEM (A-F, n = 4–6; G n = 2 biological replicates). Differences between 
groups were analyzed by 2-tailed unpaired t tests. 

3.2.7 Mitochondrial JH2O2 Emission is Greater in Heart than Skeletal 
Muscle and Increases across a Physiologic Span of ATP Free Energies 
in Both Tissues 

Alterations in respiratory conductance that promote hyper-reduction of the 

NAD(P)H/AD(P)+ redox state might favor electron leak (Quinlan et al., 2012). Because 

electron leak and oxidative stress have been implicated as culprits in numerous 

pathologies (Kanaan and Harper, 2017), we sought to add further value to our 
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mitochondrial diagnostics platform by incorporating measures of JH2O2 emission as a 

function of ATP free energy. The rate of electron leak can be determined in isolated 

mitochondrial by measuring the rate of H2O2 emission using the Amplex Ultra 

Red/Horseradish Peroxidase system (Fisher-Wellman et al., 2013a). Accurate 

quantification of H2O2 using this system requires that all substrates/chemicals employed 

in the protocol be evaluated for potential interference with resorufin fluorescence 

(Fisher-Wellman et al., 2013a). To this end, H2O2 standard curves were generated in the 

presence of each inhibitor/ATP/PCr combination necessary for the CK clamp technique 

(Figure 10A). Slopes calculated from the linear regression of resorufin fluorescence 

intensity versus H2O2 (in picomoles) were unaffected by auranofin (0.1 μM) and ATP 

(5 mM), either alone or in combination, but were depressed with the additional inclusion 

of PCr (6 mM) (Figure 10B). To control for this effect, quantification of H2O2 within a 

given experiment was performed using standard curves unique to each of the 

substrate/PCr combinations tested. Another important consideration for these assays is 

that the observed H2O2 emission rates represent the balance between ROS generation 

and scavenging. To gain a better approximation of absolute H2O2 production rates, the 

protocol developed includes auranofin, which inhibits thioredoxin reductase-mediated 

scavenging of H2O2 in the mitochondrial matrix (Fisher-Wellman et al., 2013a; Munro et 

al., 2016). Importantly, the concentration of auranofin used in these assays did not affect 

respiratory conductance (Figure 9A), but as expected, its presence increased JH2O2 

emission (Figure 9B and C). In these experiments, mitochondria isolated from skeletal 

muscle were energized with Pyr/M under state 4 conditions (nonphosphorylating), and 

then exposed to increasing ATP free energies by the addition of PCr. Consistent with 

previous reports, JH2O2 emission was greatest during state 4 respiration, and markedly 

diminished upon exposure to low ATP free energy (i.e., near-maximal JO2). Subsequent 
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additions of PCr, resulting in a more physiologic energy charge (ΔGATP), progressively 

increased JH2O2 (Figure 9B and C). 

 
Figure 9. Thioredoxin reductase inhibition reveals stepwise increases in 
electron leak during transition from high to low energetic demands. 

(A) Relationship between mitochondrial oxygen consumption and ATP free energy 
(ΔGATP) in heart mitochondria (0.1 mg/mL) energized with Oct/M performed in the 
presence of DMSO or auranofin (AF) (0.1 μM). 
(B) Representative trace showing H2O2 emission from skeletal muscle mitochondria 
energized with Pyr/M under increasing ATP free energies performed in the absence 
(−AF) or presence (+AF) of AF. 
(C) Quantification of the data depicted in (B). 
(D and E) Electron leak, expressed as a percentage of total flux (JH2O2/JO2 = % Electron 
Leak), measured in isolated mitochondria prepared from (D) skeletal muscle or (E) heart. 
Mitochondria were energized with G/M, Pyr/M, or Oct/M and assayed under near-state 4 
conditions followed by exposure to ATP free energies of −12.95, −13.95, and −14.49 
kcal/mol corresponding to PCr concentrations of 1, 6, and 15 mM. 
(F) Difference in absolute JH2O2 emitting potential between skeletal muscle and heart for 
each experimental condition expressed as linear fold chance (FC) (Hrt/SkM). 
Data are mean ± SEM (n = 4–7 biological replicates) Differences between groups were 
analyzed by t tests in (C) and (F), and one-way ANOVA with Tukey’s multiple comparison 
in (D) and (E). *P < 0.05, **P < 0.001, and ***P < 0.0001. 

To determine tissue-specific differences in the relationship between electron leak 

and ΔGATP, both JO2 and JH2O2 emission were measured under identical conditions 

using the CK clamp technique applied to isolated mitochondria from skeletal muscle and 

heart energized with G/M, Pyr/M, and Oct/M. Because JH2O2 increases as a function of 

total electron flux, rates of electron leak were expressed as a percent of oxygen flux 
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(JH2O2/JO2) (Figure 9D and E). This experiment revealed near stepwise increases in 

electron leak in both skeletal muscle (Figure 9D) and heart (Figure 9E) mitochondria, 

particularly for the NAD-linked substrate combinations (G/M and Pyr/M). Interestingly, 

although not apparent under state 4 conditions, relative rates of fatty acid (Oct/M)-

supported electron leak were higher than all other substrate combinations at each ΔGATP 

in skeletal muscle, and for the lowest (i.e., least negative) ΔGATP in heart mitochondria 

(Figure 9D and E). Absolute rates of electron leak were higher in heart compared to 

skeletal muscle mitochondria for all conditions assessed, with the exception of Oct/M at 

a ΔGATP of -13.95 (kcal/mol) (Figure 9F). These results are consistent with the finding 

that heart mitochondria generate a greater ΔΨ for any given rate of oxygen flux (Figure 

7E-G) and provide evidence that rates of ROS emission under physiological conditions 

are sensitive to shifts in substrate supply and energy demand. 

 
Figure 10. The H2O2 emission standard curve. 

(A) Resorufin fluorescence plotted against H2O2 in pmoles during H2O2 standard curve 
experiments performed in the presence of vehicle alone (Control), AF (0.1 μM), AF plus 
ATP (AF/ATP; 0.1 μM/5 mM) and AF plus ATP and PCr (AF/ATP/PCR; 
0.1 μM/5 mM/9 mM) and the corresponding slopes (B)  
Data are mean ± SEM (n = 3, biologic replicates) and analyzed by 2-tailed 
unpaired t tests. *P < 0.05. 

3.2.8 Comprehensive Assessment of Mitochondrial Energy Transfer and 
Enzymatic Fluxes Provide Mechanistic Insights into Tissue-Specific 
Differences in Respiratory Conductance 

The final arm of this platform involves real-time assessment of multiple enzyme 

activities using alamethicin-permeabilized mitochondria, along with substrate-specific 
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rates of ATP synthesis measured in intact mitochondria, assayed together in a single 96-

well plate. These assays employ spectrofluorometric (excitation/emission, 340/450 nm) 

measures of NADH or NADPH kinetics to evaluate maximal activities of several 

NAD-linked dehydrogenases; including, the pyruvate (PDH), alpha-ketoglutarate 

(AKGDH), and branched-chain keto acid (BCKDH) dehydrogenase complexes, glutamate 

dehydrogenase (GDH), MDH, and hydroxyacyl-CoA dehydrogenase (HADHA), all of 

which were measured in the forward direction (NADH production [JNADH]), with the 

exception of HADHA activity (assessed via NADH degradation) (Figure 11A; 

representative traces). NADP-linked enzyme activities (JNADPH) included isocitrate 

dehydrogenase (IDH2), malic enzyme (ME), and GDH (Figure 11B; representative 

traces). Consistent with previous studies in liver mitochondria (Godinot and Gautheron, 

1971; Ronchi et al., 2016), we found that GDH can generate NADPH in both skeletal 

muscle and heart mitochondria when ADP is provided (Figure 11C). As expected, 

HADHA activity was 2-fold greater in heart compared to skeletal muscle mitochondria 

(Figure 11D). Likewise, JNADH from GDH and the BCKDH complex were also elevated 

in heart mitochondria (Figure 11E). By contrast, JNADH from PDH and AKGDH 

complexes were lower in heart mitochondria (Figure 11E), whereas MDH activity was 

similar between tissues (Figure 11E). The activities of all NADPH-producing enzymes 

were greater in heart compared to skeletal muscle mitochondria (Figure 11E; JNADPH). 

Given that JNADPH determines H2O2-scavenging capacity within the matrix (Cortassa et 

al., 2014), high activity of cardiac NADP-linked dehydrogenases might confer protection 

against the relatively greater peroxide burden imposed by the heart mitochondrial 

program (Figure 9F). 
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Figure 11. Comprehensive assessment of dehydrogenase activities and ATP 
synthase. 

(A) Representative traces depicting NADH auto-fluorescence during JNADH assays of 
various dehydrogenase enzymes. HADHA activity is assessed via NADH oxidation and 
thus plotted on the right y axis. Mitochondrial concentrations were adjusted to obtain 
linearity over time: MDH (0.005 mg/mL), PDH, AKGDH, and HADHA (0.025 mg/mL), 
GDH (0.15 mg/mL), and BCKDH (0.3 mg/mL). 
(B) Representative traces depicting NADPH auto-fluorescence during JNADPH assays of 
various dehydrogenases. NADPH production from GDH was assessed in the absence 
(GDH) and presence (GDPADP) of ADP (2 mM). IDH2 is plotted on the right y axis. 
Mitochondrial concentrations were as follows: IDH2, ME (0.025 mg/mL), GDH 
(0.15 mg/mL). 
(C) JNADPH from GDH in both skeletal muscle and heart mitochondria recorded in the 
absence and presence of ADP (2 mM). 
(D) HADHA activity in isolated mitochondria prepared from skeletal muscle and heart. 
(E) Rates of NADH and NADPH production from all dehydrogenases studies in skeletal 
muscle and heart mitochondria. 
(F) GOT2 (G) CV activity in mitochondrial lysates from skeletal muscle and heart. 
(H) Quantified rates of ATP synthesis (JATP) from skeletal muscle and heart 
mitochondria energized with G/M, Pyr/M, Oct/M, and Succ/R assayed in the context of a 
hexokinase ADP (0.2 mM) clamp. 
(I) Relationship between mitochondrial JO2 versus ATP free energies (ΔGATP) in 
mitochondria energized with G/M in the absence and presence of 0.6 mM CaCl2 (free 
Ca2+ ∼500 nM).  (J) Calculated slopes from the data depicted in (I). 
(K) Mitochondria JO2 plotted against ΔΨ in the presence of G/M and CaCl2. 
Data are mean ± SEM (n = 3–7, biologic replicates). Differences between tissues were 
analyzed by 2-tailed unpaired t tests. *P < 0.05, **P < 0.001, and ***P < 0.0001. 
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Integration of the NAD-linked enzyme activity results (Figure 11E) and the 

respiratory conductance phenotypes (Figure 7) revealed strong agreement across 

substrate conditions, with the notable exception of G/M. Thus, the low G/M-supported 

conductance in heart mitochondria was not explained by a corresponding decline in a 

relevant dehydrogenase activity. Although we did observe a slight decrease in AKGDH 

activity in heart mitochondria, respiratory conductance in the presence of AKG alone 

was similar between tissues (Figure 8C and D). Moreover, the primary dehydrogenases 

activated in the presence of G/M are MDH and GDH, because high malate 

concentrations tend to deplete matrix AKG via metabolite exchange (Figure 2B). Under 

these conditions, maximal MDH flux depends on the rate at which glutamate 

oxaloacetate transaminase (GOT2) can remove oxaloacetate. However, GOT2 activity 

was actually ∼15% higher in heart compared to skeletal muscle mitochondria (Figure 

11F). In aggregate, these discordant results prompted us to consider limitations in 

substrate delivery imposed at the level of glutamate/aspartate exchange. This process is 

carried out via the aspartate/glutamate carriers (AGC), aralar (SLC25A12) and citrin 

(SLC25A13), which are known to be differentially expressed in these two tissues and 

differentially sensitive to and activated by extra-mitochondrial calcium (Contreras et al., 

2007; Palmieri et al., 2001). We therefore examined G/M-supported respiratory 

conductance in absence and presence of 0.6 mM CaCl2 (free calcium ∼500 nM in the 

presence of 1 mM EGTA). Strikingly, addition of calcium increased G/M-supported 

conductance nearly 4-fold in heart mitochondria, while having little impact in skeletal 

muscle (Figure 11I and J). The presence of calcium also normalized NAD(P)H/NAD(P) + 

redox between the two pools of mitochondria (Figure 8) and led to a relative hyper-

polarization of ΔΨ in the heart (Figure 11K). Plotting JO2 against ΔΨ once again revealed 
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a rightward shift in heart mitochondria (Figure 11K), identical to that seen with the other 

substrate combinations and consistent with heightened OXPHOS efficiency in the heart. 

Last, we sought to determine whether the rightward shift in the relationship 

between JO2 and ΔΨ in heart mitochondria (Figure 7E-G) might reflect increased 

resistance within the ATP synthesis control node, and/or heightened OXPHOS 

efficiency. To account for the former, the assay platform incorporates multiple 

assessments of ATP synthase activity and flux (JATP). The activity of ATP synthase was 

assayed in mitochondrial lysates in the reverse direction (i.e., ATP hydrolysis) in the 

absence or presence of oligomycin, which permits subtraction of ATPase activity not 

requiring the ATP synthase complex (Figure 12A). Maximal activity of the ATP synthase 

complex was similar between skeletal muscle and heart mitochondria (Figure 11G). 

Assessment of JATP in intact mitochondria (Figure 11H), which depends on maximal 

rates of energy transfer through nodes 1–3, revealed substrate-dependent differences 

between skeletal muscle and heart that closely matched the maximal dehydrogenase 

fluxes. Interestingly, maximal JATP was similar between the skeletal muscle and heart 

(Figure 11H; compare Sk. Muscle G/M and Pyr/M to Heart Oct/M). Taken together, 

these findings offer no evidence that resistance at node 3 is dissimilar between the two 

mitochondrial populations, suggesting that the rightward shift in ΔΨ at any given JO2, 

observed in heart mitochondria under all substrate combinations, reflects increased 

OXPHOS efficiency that appears to be independent of differences in proton leak (Figure 

12D and E). 
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Figure 12. Representative data from plate assay and assessment of proton 
leak. 

(A) Representative trace from a CV activity assay performed in isolated mitochondria 
from skeletal muscle in the absence (-Oligo) and presence (+Oligo) of oligomycin (5 μM). 
(B) Representative trace from a JATP synthesis assay performed in the presence and 
absence of AP5A. 
(C) Effect of AP5A on JATP in skeletal muscle and heart mitochondria, expressed as fold 
change (FC). 
(D) Oxygen consumption in mitochondria energized with Pyr/M in the presence of 
oligomycin following sequential additions of the pyruvate carrier inhibitor UK5099 to 
titrate redox state and ΔΨ. 
(E) Relationship between proton leak and ΔΨ assessed in the presence of oligomycin and 
Pyr/M suggests similar proton leak rates between the two groups. Black arrow indicates 
leak rates at the highest common ΔΨ. 
Data are mean ± SEM (n = 4–6, biologic replicates). Differences between groups were 
analyzed by 2-tailed unpaired t tests. 

3.3 Discussion 

While the advent of “-omics” technologies has spawned an extraordinary new era 

of discovery science, challenges and limitations pertaining to data interpretation are 

increasingly recognized as a potential pitfall and source of misinformation. Inarguably, 

unbiased analyses of SNPs, transcripts, proteins, post-translational modifications, and 

metabolites offer great potential to identify molecular signatures of health and disease, 

but the biological relevance and clinical implications of those signatures cannot be 

clearly understood without similarly comprehensive approaches for phenotyping of 
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cellular and/or organelle function. To address this important methodological gap, we 

developed a mitochondrial diagnostics platform for deep phenotyping of respiratory 

fluxes and function at a level that is highly complementary to most molecular -omics 

tools. The assay platform can be integrated with other high-throughput technologies to 

facilitate functional phenomics of the same pool of mitochondria or tissue specimens 

used for unbiased molecular analyses, greatly enhancing the interpretive power of the 

science. Using the specified instrumentation and workflow, the entire collection of assays 

described herein can be performed in isolated mitochondria from a single mouse, and 

expanded to accommodate approximately four mice per day, depending on logistical 

constraints. Assuming a mitochondrial yield of > 1.5 mg/tissue, the final mitochondrial 

pellet can be subdivided into 2× aliquots dedicated to functional (∼1 mg) and other 

molecular analyses (∼0.5 mg). Comprehensive mitochondrial flux assessments can then 

be informed by concurrent molecular phenomics assays, and vice versa, to produce high-

confidence candidate targets for follow-up investigation. 

As with other biological and physiological outcomes measures, capturing 

dynamic respiratory responses to energy challenge can be much more revealing than a 

static snapshot. Thus, the key element of the platform described here is a CK energetic 

clamp technique that enables a highly tractable in vitro system for assessing respiratory 

sensitivity and resistance to dynamic energetic conditions. Importantly, we have adapted 

the CK assay as originally described (Glancy et al., 2013; Messer et al., 2004) to optimize 

the buffer conditions (Figure 3) and accommodate high-throughput analysis, which 

permits multiplexing of substrate conditions. The workflow developed includes 

measurements of respiratory conductance, ΔΨ, NAD(P)H/NAD(P)+ redox, and JH2O2 

emission across a physiologic span of ATP free energies, combined with parallel 

assessments of multiple dehydrogenase activities and ATP synthetic capacity, all 
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performed in real time. The comprehensive nature of the platform not only allows for an 

estimation of relative conductance throughout the respiratory system but also pinpoints 

potential sites of flux resistance within the three major control nodes. To aid data 

interpretation, we provide a diagnostics tree (Figure 13) that predicts likely sites of 

differential regulation based on the collective respiratory phenotypes of two discordant 

mitochondrial populations. 

 

 

 
Figure 13. Mitochondrial diagnostics tree. 

Diagram summarizing how this functional assay platform can be used to diagnose distinct 
sites of resistance within the mitochondrial energy transduction pathway. Primary 
respiratory phenotypes are depicted in the gray-filled ovals. Listed below each phenotype 
are candidate sites of regulation and potential strategies for validation, assuming Pyr/M 
was the substrate. Expected diagnostic results for several common respiratory inhibitors 
are listed. 
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To demonstrate the diagnostic utility of the assay platform, we sought to 

characterize and decipher functional distinctions between mitochondria resident in 

mouse skeletal muscle tissue as compared to those derived from the heart. The results 

revealed insights into the unique programming and/or organization of these two 

mitochondrial populations. Interestingly, OXPHOS conductance in heart mitochondria 

was higher in the presence of FAD-linked substrates (Oct/M and Succ/R), but 

surprisingly lower in the presence of NAD-linked fuels (Pyr/M and G/M). The contrast 

between the two populations of mitochondria was most remarkable when respiration 

was supported by either G/M or Oct/M, both which produced a ∼4-fold tissue-specific 

difference in conductance, but in opposite directions, with the heart strongly preferring 

Oct/M. In these experiments, a fall in conductance was universally associated with less 

polarized ΔΨ and less reduced NAD(P)H/NAD(P)+ redox, thereby revealing lower 

steady-state free energies generated by nodes 1 and 2. As depicted by the diagnostic tree 

diagram (Figure 13), the phenotype of “Decreased” Respiratory Conductance → 

“Depolarized” ΔΨ → “Oxidized” NAD(P)H/NAD(P)+ redox state, predicts OXPHOS 

resistance at control node 1 (“Matrix Dehydrogenases”). This interpretation was 

subsequently validated for the fatty-acid substrate combination by the dehydrogenase 

assay module (Figure 11D). 

Whereas mouse heart mitochondria are known to have high capacity to oxidize 

fatty acids (Fisher-Wellman et al., 2013b), the dramatic fall in respiratory conductance 

when the fuel source switched to G/M was unanticipated. In sum, the findings suggested 

that G/M-supported flux in mitochondria from mouse heart was limited by resistance at 

node 1. Because comprehensive assessment of enzyme activities linked to glutamate flux 

failed to identify an enzymatic explanation for the dramatic differences in G/M-

supported respiratory conductance, we reasoned that this phenotype might be driven by 
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differences in metabolite transport. Indeed, subsequent experiments revealed that G/M-

supported conductance in heart mitochondria is highly dependent on extra-

mitochondrial calcium. Given that previous studies have shown that aspartate/glutamate 

transport in heart mitochondria is activated by calcium (Contreras et al., 2007), we 

surmise that the G/M-supported respiratory phenotypes observed herein are mediated 

by tissue-specific expression and/or regulation of the two distinct isoforms of the AGC. 

Because the AGC is a key component of the malate-aspartate shuttle, which transfers 

redox equivalents from the cytoplasm to the mitochondrial matrix, these findings raise 

intriguing possibilities regarding the potential role of this carrier in the setting of heart 

failure and other pathologies linked to impaired calcium signaling (Carley et al., 2014; 

Finkel et al., 2015). 

Irrespective of substrate conditions, maximal respiratory conductance was ∼10% 

lower in mitochondria from heart (max conductance with Oct/M) compared to skeletal 

muscle (max conductance with Pyr/M or G/M). Similarly, maximal flux measurements 

of the most robust NAD-linked dehydrogenases (AKGDH and PDH) were also ∼10%–

50% lower in heart mitochondria. Thus, skeletal muscle mitochondria have superior 

OXPHOS flux capacity and sensitivity, driven primarily by more robust dehydrogenase 

enzyme kinetics, and therefore appear better poised to respond to a sudden and dramatic 

discharge of ΔGATP during the transition from rest to intense exercise. Measurements of 

maximal JO2 and/or JATP in isolation might lead one to conclude that heart 

mitochondria are surprisingly inferior. However, when results from the entire assay 

platform are synthesized, new insights emerge. For example, although maximal JO2 was 

lower in heart compared to skeletal muscle mitochondria, when assayed under more 

physiologically relevant energetic states (greater ATP free energy), heart mitochondria 

were able to maintain a greater (more negative) steady-state ΔΨ for any given rate of 
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JO2, as compared to skeletal muscle mitochondria working against the same energy 

charge and fueled by the same carbon substrates. Here, it is important to underscore 

that, in vivo, the capacity of the oxidative system to maintain or “recharge” the ΔGATP 

battery during elevated work rates is determined largely by the Δp charge (the exception 

being a state of CV/ANT inhibition). Thus, whereas JO2 provides a measure of energy 

demand, Δp (or ΔΨ) is a better indicator of ΔGATP. A drop in steady-state Δp lowers the 

driving force to displace the ATP/ADP ratio from equilibrium, thus diminishing ΔGATP 

and weakening the energy released by hydrolysis of each ATP molecule, which in turn 

threatens metabolic and functional homeostasis. By contrast, maintenance of a higher 

ΔΨ for any given JO2 and JATP equates to an elevated driving force to maintain ΔGATP, 

and thus increased aerobic power to sustain energetic stability in the face of a high work 

rate. When taken together, our results suggest that heart mitochondria are uniquely 

programmed to defend ΔGATP across a physiologic span of energetic demands, which 

appears attributable to some combination of heightened efficacy of energy transfer 

within the ETS and/or differences in CV/ANT-independent consumption of the proton 

current. These findings strongly agree with the known ability of healthy working hearts 

to maintain steady-state concentrations of adenylates (e.g., ATP, ADP) and NADH/NAD+ 

redox charge across a span of increasing workloads (Balaban et al., 1986; Heineman and 

Balaban, 1990). Increased OXPHOS efficiency could prove advantageous in mouse 

cardiac tissue, which maintains a resting heart rate of ∼500–600 beats/min and 

therefore must defend the ATP free energy charge within a narrow range of consistently 

high metabolic demands. The biological trade-off for increased efficiency appears to be a 

relatively lower OXPHOS elasticity along with heighted electron leak, as demonstrated 

herein by the elevated JH2O2 emitting potential observed in heart versus muscle 

mitochondria. In the context of a healthy heart, such trade-offs might be 
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counterbalanced by increased JNADPH flux, which is expected to mitigate potential 

toxicities imposed by a heavy peroxide load. By contrast, when confronted with 

pathophysiological insults such as ischemia-reperfusion, the phenotype of heart 

mitochondria might present unique vulnerabilities to oxidative stress. 

In sum, this work provides a manual for building and operating a diagnostics tool 

kit designed to facilitate deep phenotyping of mitochondrial energy transduction and 

respiratory function. Application of this platform to a comparison of mitochondrial 

populations derived from skeletal muscle and heart uncovered discordant respiratory 

phenotypes mediated by each of the three regulatory nodes highlighted in Figure 2, 

which in turn provided provocative insights into the link between tissue-specific 

mitochondrial programming and function. The suite of assays described here is meant to 

serve as a base platform, upon which new modules can be added and/or tailored to 

expand coverage and/or meet specific research needs. Inclusion of additional substrate 

combinations that broaden the scope of the metabolic network engaged by respiring 

mitochondria would surely strengthen the diagnostics value of the platform. When 

combined with other “shotgun” -omics technologies, this respiratory phenomics 

workflow now presents exciting opportunities for discovering novel biology and 

disentangling mechanisms of pathophysiology and disease. 
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Interlude – Chapter 4 
In Chapter 3, a multiplex assay platform was developed to probe key nodes of 

bioenergetic transduction. The platform was initially conceived to generate direct, causal 

evidence linking mitochondrial acylation with metabolic dysfunction. As it was 

developed, however, the broader utility for mitochondrial functional assessment was 

recognized.  

In Chapter 4, this platform was applied within the larger context of 

understanding the bioenergetic pathogenesis of heart failure. Previous work indicated 

1) the metabolic perturbations of heart failure were post-translationally regulated and 

2) mitochondrial lysine acetylation was a promising post-translational modification 

(PTM). To determine if this non-enzymatic PTM was causative or correlative in the 

pathogenesis of heart failure, we generated and validated a mouse model harboring 

cardiac deficiencies of CRAT and SIRT3, two enzymes known to regulate the 

mitochondrial acetylome. With this mouse model, we applied the assay platform 

developed in Chapter 3 to thoroughly assess for bioenergetic dysfunction. We also 

employed transverse aortic constriction (TAC) to induce heart failure and test for 

susceptibility to cardiac dysfunction. These results are detailed in Chapter 4, which is 

adapted from a manuscript currently in review for publication.   
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4. Disruption of Acetyl Group Balance in Cardiomyocytes 
Augments the Mitochondrial Acetylproteome without 
Affecting Respiratory Function or Heart Susceptibility to 
Pressure Overload 

4.1 Introduction 

The resting human heart consumes an estimated 6 kilograms of ATP each day. 

These enormous energy demands are sustained by a dense population of specialized 

mitochondria that are uniquely programmed to burn fatty acids in a robust and highly 

efficient manner. When mitochondrial fuel oxidation and ATP regeneration fail to keep 

pace with energy consumption, cardiac work and functional performance decline. Not 

surprisingly, mitochondrial malfunction is widely recognized as a hallmark of 

cardiovascular disease and heart failure (HF).  Nonetheless, despite intense 

investigation, the mechanisms underlying bioenergetic decay during disease progression 

remain uncertain. To gain new insights, recent studies used unbiased molecular profiling 

approaches to characterize a pressure overload mouse model of HF induced by 

transaortic constriction coupled with a small apical myocardial infarction (TAC-MI) (Lai 

et al., 2014). Investigators reported that mitochondrial derangements coinciding the 

with the onset of contractile dysfunction cannot be sufficiently explained by alterations 

in gene and protein expression, inferring a role for post-translational modifications 

(PTM) (Lai et al., 2014). Prominent among the various classes of PTMs implicated in HF 

is Nε-acetylation of lysine residues belonging to mitochondrial proteins, which appears 

to occur through a non-enzymatic process driven by the relatively basic pH and high 

concentration of acetyl-Coenzyme A (CoA) within the matrix (Wagner and Payne, 2013). 

Evidence from several animal studies (Grillon et al., 2012; Horton et al., 2016; Lee et al., 

2016; Vadvalkar et al., 2013; Zhang et al., 2018), as well as human cardiac specimens 
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(Horton et al., 2016; Zhang et al., 2018), suggests that the relative abundance of lysine 

acetylation (Kac) increases in failing hearts. Because mitochondrial hyperacetylation is 

widely presumed to impair oxidative metabolism (Carrico et al., 2018), the idea that 

acetyl PTMs might contribute to cardiac pathophysiology has steadily gained traction 

(Zhou and Tian, 2018).  

Accumulation of acetyl PTMs has likewise been observed in the context of other 

metabolic diseases, such as obesity and type 2 diabetes. In general, these modifications 

are thought to disrupt protein function, thereby compromising metabolic efficiency and 

bioenergetic capacity while also sensitizing tissues to nutritional and/or physiological 

stresses (Carrico et al., 2018). The strongest evidence in support of this theory comes 

from mice lacking SIRT3, the mitochondrial NAD+-dependent deacetylase. Whole-body 

SIRT3 knock-out (KO) animals demonstrate cardiac mitochondrial hyperacetylation, 

metabolic alterations, baseline cardiac dysfunction, and increased susceptibility to 

pressure-overload (Alrob et al., 2014; Chen et al., 2015; Koentges et al., 2015). However, 

phenotypes observed in whole-body SIRT3 KO models are not always recapitulated in 

tissue-specific models of SIRT3 deficiency (Fernandez-Marcos et al., 2012; Fisher-

Wellman et al., 2019; Peterson et al., 2018), raising uncertainty about the direct role of 

mitochondrial Kac in disease processes. 

Studies evaluating the functional significance of Kac have relied heavily on assays 

of purified or semi-purified enzymes genetically engineered to encode acetyl-mimetic 

mutations (reviewed in Baeza et al., 2016). Notably however, these mutant constructs 

typically fail to reproduce potential cooperation of multiple acetylated residues on a 

single protein, or coordination of multiple acetylated enzymes belonging to a common 

pathway. Additionally, unlike the relatively low Kac occupancy rates (< 5%) that have 

been estimated from analyses of mouse tissues (Baeza et al., 2016) , the site-directed 
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mutagenesis approach mimics ∼100% stoichiometry. Thus, the true physiological impact 

of mitochondrial Kac on enzyme fluxes and respiratory performance remains poorly 

understood. To address this gap, a recent investigation applied a newly developed assay 

platform for comprehensive assessment of mitochondrial bioenergetics (Fisher-Wellman 

et al., 2018) to three disparate mouse models of cardiac hyperacylation, including SIRT3 

null hearts (Fisher-Wellman et al., 2019). Despite dramatically elevated acyl-lysine 

landscapes in all three models, the reported impact on bioenergetics was minimal, 

arguing against the idea that mitochondrial hyperacylation confers latent vulnerabilities 

in respiratory function. The investigation was limited, however, to analyzes performed 

under baseline conditions, opening the possibility that a more remarkable respiratory 

phenotype might emerge after animal exposure to stress. The current study extends this 

and other previous work by examining mitochondrial bioenergetics and TAC-induced 

cardiac dysfunction in a new genetic model of hyperacetylation resulting from 

concomitant ablation of Sirt3 and carnitine acetyltransferase (Crat); the latter of which 

defends against carbon stress by buffering the mitochondrial acetyl group pool. Findings 

reported herein build on emerging evidence questioning the direct role of Kac in causing 

mitochondrial disrepair and respiratory insufficiencies. 

4.2 Results 

4.2.1 Ablation of Carnitine Acetyltransferase and Sirtuin 3 from 
Cardiomyocytes Additively Increases the Quantity of Mitochondrial 
Acetylated Lysine Residues and Recapitulates the Acetylome 
Observed in Heart Failure 

Unlike acetyl-CoA, acetylcarnitine generated by CRAT can traverse the inner 

mitochondrial membrane to reduce carbon burden within the mitochondrial matrix. 

CRAT activity is diminished in failing hearts (Figure 15B), and deficiency of this enzyme 

promotes lysine acetylation of mitochondrial proteins (Davies et al., 2016) while also 
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causing adaptive upregulation of Sirt3mRNA expression (Figure 14A). Based on these 

findings, we crossed animals with muscle-specific deficiency of CratM-/- with 

Sirt3M-/- mice to generate a dual knock-out (DKO) model, expecting to observe additive 

effects on the mitochondrial lysine acetylome (Figure 15A). This prediction was tested via 

quantitative acetyl-proteomics utilizing peptide labeling with isobaric tags according to 

the workflow in Figure 15C. Within each experiment, peptides from individual samples 

were labeled with a unique TMT-10plex (Thermo Fisher Scientific) reagent before 

pooling. A fraction of this pool was retained to assess protein abundance and the 

remainder was used for acetyl-peptide-enrichment (PTMScan Acetyl-Lysine Motif Kit, 

Cell Signaling). During nanoflow-LC-MS/MS, quantitation of reporter ions associated 

with each peptide enabled direct comparison between groups within each plex. 

Therefore, the relative abundance of acetylated peptides was used as a comparative 

measure of mitochondrial acetylation. 

Figure 14. Validation of Carnitine acetyltransferase (Crat) and Sirtuin 3 
(Sirt3) ablation in biventricular myocardium of animal models. 

RT-qPCR analysis of gene expression in biventricular murine myocardium, normalized to 
floxed-littermate controls. 
(A) Crat single-knock-out animals (CratM-/-) compared to littermate controls (Cratfl/fl). 
(B) Sirt3 single-knock-out animals (Sirt3M-/-) compared to littermate controls (Sirt3fl/fl). 
(C) Crat and Sirt3 double-knock-out animals (Crat/Sirt3M-/-) compared to littermate 
controls (Crat/Sirt3fl/fl). 
M = MCK-Cre positive animals, indicating Cardiac and Skeletal Muscle specific genetic 
ablation. For each comparison, data are mean ± SEM (n = 3 biological replicates). 
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Our first experiment (Exp. 1, Figure 15D-G) examined the acetylproteome of 

biventricular myocardium derived from DKO mice in parallel with those harboring a 

single muscle-specific deficiency of SIRT3 (Sirt3M-/-, S3KO), both compared against their 

corresponding littermate controls (DFC, Dual Flox Control: Cratfl/fl Sirt3fl/fl; S3FL, Sirt3 

Flox Control: Sirt3fl/fl Crat+/+). Of the detectible population of differentially abundant 

acetylated peptides, 84% belonged to mitochondrial proteins as defined by inclusion in 

MitoCarta2.0 (Calvo et al., 2016), covering nearly every metabolic pathway of the 

organelle (Supp. Files). The vast majority of mitochondrial Kac sites identified were 

increased in both genetic models relative to the respective littermate controls: 95% in 

S3KO and 98% in DKO. The median and maximum fold change in DKO:DFC (3.5-fold 

and 609, respectively) exceeded that of the S3KO:S3FL (2.2-fold and 133). Notably, the 

relative impact of each genetic manipulation on specific lysine acetylation sites was 

strongly correlated between the two models (Figure 15F). When directly comparing 

DKO:S3KO, 98% of mitochondrial Kac were more abundant in DKO relative S3KO, with 

a median fold change of 1.6 (Figure 16D). These results highlight the additive effects of 

disrupting SIRT3 and CRAT together and validate the DKO model as one that provokes a 

more extreme perturbation of the mitochondrial acetylproteome than either single 

genetic ablation. 

We next sought to compare acetylproteome remodeling of DKO hearts against a 

pathophysiological model (Horton et al., 2016). To this end, analyses were performed on 

biventricular myocardium derived from mice subjected to TAC-MI versus the 

corresponding sham surgical controls (Sham), along with those from DKO and DFC 

animals (Exp. 2, Figure 15H-K). The majority (86%) of mitochondrial acetyl-lysine 

residues identified in the first experiment were also found in the second experiment 

(Supp. Files). In agreement with (Horton et al., 2016), 85% of mitochondrial Kac were 
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elevated in the failing hearts (TAC-MI) relative the Sham controls, with a median fold 

change of 1.5. Of the mitochondrial acetyl-peptides with a fold change ≥1.5 in TAC-

MI:Sham, 86% were likewise elevated ≥1.5 in the DKO:DFC (Figure 15K). Moreover, a 

direct comparison between the genetic versus physiologic models revealed that 94% of 

mitochondrial Kac sites were more abundant in DKO than TAC-MI hearts, with a median 

fold change of 2.4 (Figure 16C). Thus, the acetylome of DKO cardiac mitochondria 

recapitulated and far exceeded the levels observed in a pressure overload model of HF. 

In aggregate, these experiments not only demonstrate the magnitude of hyperacetylation 

in DKO cardiac mitochondria but also establish the pathophysiological relevance of this 

model. 
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Figure 15. Ablation of Crat and Sirt3 from the heart additively increases 
mitochondrial lysine acetylation and recapitulates the acetylome observed in 
heart failure. 

(A) Acetyl-lysine residue accumulation in the mitochondrial matrix is normally limited. 
Carnitine acetyltransferase (CRAT) buffers acetyl-groups through interconversion of 
acetyl-CoA and acetyl-carnitine, enabling carbon efflux. Deacetylase Sirtuin3 (SIRT3) 
removes acetyl-groups from lysine residues. 
(B) Biventricular myocardial CRAT activity in a mouse model of heart failure (TAC-MI) 
and to sham-operated controls (Sham). Data are mean ± SEM (n = 6, biologic replicates). 
(C) Acetyl-proteomics workflow. Biventricular cardiac tissue was obtained from mouse 
models and the extracted proteins were trypsin digested, labeled with unique TMT 
isobaric tags, then pooled. Acetyl-peptides were enriched via immunoprecipitation. 
Samples were analyzed via nanoflow liquid chromatography tandem mass spectrometry 
(nLC-MS/MS). Identification and quantification performed with Proteome Discoverer 2.2 
software. 
Proteomic Experiment 1 (D-G). Comparing the acetylomes of two genetic models of 
mitochondrial hyperacetylation: DKO and Sirt3 single knock-out. Mitochondrial and 
non-mitochondrial acetylpeptides (Kac) identified by red or blue points respectively. 
Volcano plot of the acetylpeptide (Kac) relative occupancy in biventricular cardiac tissue 
comparison of (D) dual knock-out (DKO) vs. dual flox-control (DKO:DFC) and (E) 
Sirt3M-/- vs Sirt3fl/fl (S3KO:S3FL) genetic models.
(F) Floxed control comparison shows strong correlation of acetylpeptides (Kac) between 
genetic models (DKO:DFC, y-axis; S3KO:S3FL, x-axis). 
(G) Distribution of mitochondrial acetylpeptides (Kac) in DKO:DFC (blue) and 
S3KO:S3FL (grey) comparisons. 
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Proteomic Experiment 2 (H-K). Comparing the acetylomes of a genetic (DKO) and 
pathophysiological (TAC-MI) model of mitochondrial hyperacetylation. Volcano plots (H
and I) and histogram (J) depicting relative occupancy of mitochondrial acetylpeptides 
(Kac) identified in biventricular cardiac tissue of DKO:DFC (blue) and TAC-MI:Sham 
(grey), respectively. 
(K) Venn diagram comparison of mitochondrial acetylpeptides (Kac) with fold-changes 
≥ 1.5 in TAC-MI:Sham (left) and DKO:DFC (right).

Figure 16. Additional information pertaining to proteomic experiments 1, 2, 
and 3. 

(A) Proteomic Experiment 2. Echocardiographic assessment of cardiac function (Ejection 
Fraction) for samples used in proteomic experiment #2. Measures taken at 4-weeks post-
surgery, prior to tissue collection. Sham (n = 3), TAC-MI (n = 3). Data are mean ± SEM. 
(B) Proteomic Experiment 3. Echocardiographic assessment of cardiac function 
(Fractional Shortening) for samples used in proteomic experiment #3. Measures taken at 
16-weeks post-surgery, prior to tissue collection. DFC-Sham (n = 3), DKO-Sham (n = 2), 
DFC-TAC (n = 3), DKO-TAC (n = 3). 
(C) Proteomic Experiment 2. Distribution of mitochondrial acetylpeptides (Kac) in dual 
knock-out vs. TAC-MI model of heart failure model (DKO:TAC-MI). 
(D) Proteomic Experiment 1. Distribution of mitochondrial acetylpeptides (Kac) in dual 
knock-out vs. Sirt3M-/- (DKO:S3KO) and dual flox-control vs. Sirt3fl/fl (DFC:S3FL) 
comparisons. 
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4.2.2 Comprehensive Mitochondrial Diagnostics using the Creatine Kinase 
Energetic Clamp Technique 

To gain insights into the functional consequences of  mitochondrial Kac we 

leveraged a recently developed bioenergetics assay platform (Fisher-Wellman et al., 

2018) that enables multiplexed assessment of energy transduction across a span of 

physiologically relevant energetic demands, using freshly isolated mitochondria (Figure 

17A). The platform utilizes a modified version of the creatine kinase (CK) bioenergetic 

clamp (Glancy et al., 2013; Messer et al., 2004) to fix and titrate the extra-mitochondrial 

ratio of ATP:ADP (i.e., effectively the Gibbs Energy of ATP Hydrolysis, ΔGATP) (Figure 

17B). As this ratio decreases, the energetic demand imposed on the mitochondria 

increases, thus elevating steady-state rates of oxygen consumption (JO2) to support 

greater rates of proton flux and ATP regeneration by complex V (CV). The interplay 

between JO2 and ΔGATP during the CK clamp experiments is comparable to that which 

occurs during transitions between rest and exercise; thus, the technique serves as an ‘in 

vitro stress test’. Also noteworthy is that highest energy demand evaluated during the CK 

clamp approximates state 3 respiration (∼95% of JO2), and therefore lies outside a 

physiologic range of ΔGATP. 

Rates of mitochondrial oxygen consumption depend not only on the overall 

energy demand (ΔGATP), but also the free energy gradients and fluxes across three 

principal regulatory nodes of energy transduction (Figure 17B): 1) the dehydrogenase 

enzymes (DH) that convert the energy within carbon substrates to electron potential 

(ΔGredox); 2) the electron transport system (ETS), which harnesses ΔGredox to generate the 

proton-motive force (PMF) across the inner mitochondrial membrane, comprised 

primarily of the membrane potential (ΔΨ); and 3) ATP synthase (CV), which consumes 

the PMF to drive the extra-mitochondrial concentration of ATP relative to ADP away 

from equilibrium (ΔGATP). In the foregoing in vitro assays, the CK clamp sets the ΔGATP 
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via a large excess of CK along with defined concentrations of creatine, phosphocreatine 

(PCr) and adenylates, which together confer unlimited capacitance to compensate for 

deficits in rates of mitochondrial ATP regeneration. To ascertain the entire energy 

transduction process, we combine high resolution respirometry with fluorescent 

measures of ΔΨ, NAD(P)+/NAD(P)H redox state and H2O2 emission. The utility of the 

platform is illustrated by the example in (Figure 17C-F) showing JO2 (C), ΔΨ (D), and 

NAD(P)+/NAD(P)H redox (E) fueled by pyruvate/malate (Pyr/M) as compared to 

succinate/rotenone (S/R). Rotenone inhibits Complex I (CI), blocking NADH oxidation, 

and thereby forces electron flux through complex II. As a result, the S/R condition leads 

to greater JO2 but comparatively lower respiratory sensitivity (shallow JO2 slope) and 

reduced respiratory efficiency, evidenced by the relationship between JO2 and ΔΨ 

(Figure 17F). A leftward shift in this plot indicates that mitochondria are maintaining a 

lower (less polarized) ΔΨ for any given rate of oxygen consumption, which is often 

reflective of a reduced P:O ratio (moles of ATP produced per molecule of O2 consumed). 

This metric of respiratory performance is particularly meaningful because in vivo, the 

energy harnessed in ∆Ψ determines the extent to which mitochondria can displace ΔGATP 

from equilibrium to maintain energetic stability. 

A second layer of the platform uses a series of multiplexed assays in a 96-well 

plate format to evaluate maximal capacity for CV and DH flux in the context of specific, 

enzyme-targeted mixtures of substrates. Maximal rates of ATP synthesis (JATP) are 

measured with intact mitochondria using a hexokinase-based ADP clamp technique, 

whereas DH fluxes (JNADH) are measured in alamethicin-permeabilized mitochondria 

to retain organization of protein complexes while enabling the free diffusion of reactants 

and products. Collectively, the entire suite of biochemical assays provides diagnostic 

information across wide-ranging pathways of the mitochondrial metabolic network. 
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Figure 17. Comprehensive mitochondrial diagnostics using the Creatine 
kinase energetic clamp technique. 

(A) Workflow summary of mitochondrial bioenergetic assessment. Isolated murine 
cardiac mitochondria had maximal fluxes assessed with multiple substrates in a 96-well 
plate format. Maximum rates of ATP synthesis (JATP) used intact mitochondria; 
maximum velocity of dehydrogenases (JNADH) employed alamethicin permeabilized 
mitochondria. The creatine kinase (CK) bioenergetic clamp was used to titrate and fix the 
concentration of ATP to ADP (i.e., ΔGATP) in conjunction with measured rates of oxygen 
consumption (JO2, Orosboros-O2K) and parallel assessment of the membrane potential 
(ΔΨ), redox potential (NAD(P)H/NAD[P]+), and ROS emission (JH2O2) in isolated 
mitochondria (QuantaMaster Spectrofluorometer). 
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(B) Mitochondrial bioenergetic transduction. The model depicts a series of inter-
connected mitochondrial energy transformation steps carried out by three district control 
nodes whereby chemical energy present in electron-rich carbon substrates is ultimately 
converted to ATP free energy (ΔGATP). The chemical energy available in carbon substrates 
is converted to an electron potential (Redox, NADH/NAD+) by mitochondrial 
dehydrogenases. The redox couples are used by the Electron Transport System (ETS) to 
untimely reduce molecular oxygen into water (JO2) and pump protons across the inner 
membrane to generate the electrochemical proton motive force (PMF), the primary 
contributor to the membrane potential (ΔΨ). ΔΨ is utilized by the ATP synthase complex 
(Complex V) and adenine nucleotide translocase (ANT) to synthesize and transport ATP 
out of the mitochondria. The concentration of ATP is displaced far from equilibrium (i.e., 
large and negative Gibbs Energy of ATP Hydrolysis, ΔGATP) which enables it to serve as 
the “universal energetic currency” of the cell. Within the assay platform, Creatine kinase 
(CK) in conjunction with millimolar concentrations of ATP, ADP, Creatine (Cr), and 
phosphocreatine (PCr) is used to set the ratio of ATP:ADP (i.e., ΔGATP) and thus control 
the energetic demand exerted on the mitochondria within a physiologic range. 
(C-G) Example data used to illustrate the utility of the CK clamp and mitochondrial 
phenotyping platform. The mitochondrial ETS is composed of 4 complexes: Complex I, 
an NADH-oxidase which also pumps protons across the inner mitochondrial membrane 
(IMM); Complex II, also known as Succinate dehydrogenase; Complex III which reduces 
cytochrome C and effectively pumps protons across the IMM; and Complex IV which 
oxidizes cytochrome C, reduces molecular oxygen to water, and acts as a proton pump 
across the IMM. The substrate combination of Pyr/M (blue) primarily enters the ETS 
through Complex I, and ultimately engages all 3 ETS proton pumps. Succ/R primarily 
enters the ETS through Complex II and only stimulates 2 proton pumps. As a result, 
Succ/R generates a less polarized ΔΨ (D); experiences less resistance to electron flow 
resulting in faster oxygen consumption (C); and is ultimately less efficient as evidenced 
by the leftward shift of JO2 plotted against ΔΨ (F) relative Pyr/M. The elevated redox 
state (E) is an artifact of Complex I inhibition in the context of Succinate and Rotenone. 
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Figure 18. Comprehensive assessment of cardiac mitochondrial bioenergetic 
fluxes in the setting of hyperacetylation reveals minimally improved 
transduction. 

(A-E) All experiments performed using isolated cardiac mitochondria from dual knock-
outs (DKO, Crat/Sirt3M-/-, blue) and dual flox controls (DFC, Crat/Sirt3fl/fl, grey) 
energized with Oct/M, Pyr/M, Oct/Pyr/M/Carn, and αKG ± 3OHB. Data are 
mean ± SEM. (n = 5–11). 
(A-C, E) Relationship between (A) oxygen consumption rate (JO2), (B) mitochondrial 
membrane potential (ΔΨ) in millivolts, (C) NAD(P)H/NAD(P)+ redox state, (E) 
mitochondrial electron leak (defined as a percentage of the rate of ROS production in the 
presence of Auranofin relative oxygen consumption, JH2O2/JO2 × 100) versus Gibb’s 
energy of ATP hydrolysis (ΔGATP). 
(D) Mitochondria respiratory efficiency evaluated by plotting JO2 against ΔΨ. 
Dotted lines separate the submaximal and maximal portions of JO2 vs ΔGATP. 
Triangles denote the changing ratio of ATP to ADP (i.e., ΔGATP) over the plots, akin to 
transition between rest and exercise states. Measurements at submaximal JO2

(A-C) were analyzed by 2-way ANOVA (†main effect of genotype; ‡genotype, ΔGATP

interaction; P < 0.05), whereas those representing maximal JO2 (ΔGATP = -12.95) were 
analyzed via t test (*P < 0.05). Electron leak measures (E) were analyzed via t test at each 
step (*P < 0.05). alpha-Ketoglutarate (αKG), R-3-hydroxybutyrate (3OHB), L-Carnitine 
(Carn), Malate (M), Octanoylcarnitine (Oct), Pyruvate (Pyr). 
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4.2.3 Coincident Ablation of SIRT3 and CRAT has Minimal Impact on 
Mitochondrial Bioenergetics Despite Extensive Lysine 
Hyperacetylation 

Application of the bioenergetics platform to DKO cardiac mitochondria produced 

a substantial respiratory phenomics data set that was surprisingly negative in nature. In 

total, we evaluated JO2, ΔΨ, NAD(P)+/NA(D)PH and ROS emission under 7 distinct 

substrate conditions and 6 energetic states (Figure 18A-E, Figure 19A-E, I); while JATP 

was measured with 5 substrate combinations and JNADH assays were targeted to 9 

different mitochondrial DH enzymes (Figure 19F-H). Despite wide-ranging elevation of 

the lysine acetyl-proteome (Figure 15), we found little evidence of compromised function 

in DKO as compared to DFC mitochondria, with a few modest exceptions: i) a small 

reduction in maximal JO2 when respiration was supported by a fatty acid fuel 

(octanoylcarnitine/malate (Oct/M)) or a mixture of fatty acid plus pyruvate and L-

carnitine (Oct/Pyr/M/Carn) (Figure 18A); and ii) a slight shift towards a less reduced 

redox state in the presence of Pyr/M or Oct/Pyr/M/Carn (Figure 18C). Notably, the ΔΨ 

measured under these same substrate conditions was similar between genotypes. 

Furthermore, DKO mitochondria maintained a greater (more polarized) ΔΨ, without 

changes in JO2 or NAD(P)+/NA(D)PH redox, when fueled by the combination of 

αKG+3OHB (Figure 18B). Considering that results of the JATP and JNADH assays were 

unremarkable (Figure 19F-H), arguing against a flux limitation at these nodes, we 

presume that the subtle respiratory phenotype of DKO mitochondria relative the DFC 

controls reflects a modest shift towards more efficient electron flux and enhanced energy 

transduction (i.e. thermodynamics).  

Finally, to impose a nutritional stress known to alter the mitochondrial acetylome 

(Dittenhafer-Reed et al., 2015), the DKO and DFC animals were fasted for 24-hours prior 

to mitochondrial isolation and application of the bioenergetic assay platform. A total of 6 
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substrate conditions were tested under 6 energetic states (Figure 20). Once again, little 

evidence of compromised function was observed in the DKO mitochondria. Notably, 

however, the subtle differences observed under fed conditions were abrogated in the 

fasted state (Figure 20).  
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Figure 19. Additional assessment of mitochondrial bioenergetic fluxes in the 
setting of cardiac mitochondrial hyperacetylation. 

(A-E) All experiments performed using isolated cardiac mitochondria from dual knock-
outs (DKO, Crat/Sirt3M-/-, blue) and dual flox controls (DFC, Cratfl/fl Sirt3fl/fl, grey) 
energized with G/M or Succ/R. Data are mean ± SEM (n = 5–11). 
(A-C, E) Relationship between (A) oxygen consumption rate (JO2), (B) mitochondrial 
membrane potential (ΔΨ) in millivolts, (C) NAD(P)H/NAD(P)+ redox state, (E) 
mitochondrial electron leak (defined as a percentage of the rate of ROS production in the 
presence of Auranofin relative oxygen consumption, JH2O2/JO2 × 100) versus Gibb’s 
energy of ATP hydrolysis (ΔGATP). 
(D) Mitochondria respiratory efficiency evaluated by plotting JO2 against ΔΨ. Dotted 
lines separate the submaximal and maximal portions of JO2 vs ΔGATP. Triangles denote 
the changing ratio of ATP to ADP (i.e., ΔGATP) over the plots, akin to transition between 
rest and exercise states. 
(G) Quantified rate of GOT2 enzyme activity using lysates of isolated mitochondrial. 
(H) Rates of NADH production (JNADH) by various mitochondrial dehydrogenase 
enzymes measured in permeabilized mitochondria.
(I) Rates of mitochondrial electron leak in the presence of auranofin and CDNB at a 
ΔGATP of -14.49 kCal/mol under specified substrate conditions. 
No statistically significant differences were detected between genotypes for any assay in 
this figure. Measurements at submaximal JO2 (A-C) were analyzed by 2-way ANOVA 
(†main effect of genotype; ‡genotype, ΔGATP interaction; P < 0.05), whereas those
representing maximal JO2 (ΔGATP = -12.95 kcal/mol) were analyzed via t test (*P < 0.05). 
Electron leak measures (E, I) were analyzed via t test at each step (*P < 0.05). 
(F-H) t test used to compare genotypes for each substrate combination and enzyme 
(*P < 0.05). See Appendix C for abbreviation definitions. 
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Figure 20. Following a 24-hour fast, assessment of mitochondrial 
bioenergetic fluxes in the setting of cardiac mitochondrial hyperacetylation. 

(A-E) All experiments performed using isolated cardiac mitochondria from dual knock-
outs (DKO, Crat/Sirt3M-/-, blue) and dual flox controls (DFC, Cratfl/fl Sirt3fl/fl, grey) after 
fasting for 24 hours. Data are mean ± SEM (n = 5). 
(A-C, E) Relationship between (A) oxygen consumption rate (JO2), (B) mitochondrial 
membrane potential (ΔΨ) in millivolts, (C) NAD(P)H/NAD(P)+ redox state, (E) 
mitochondrial electron leak (defined as a percentage of the rate of ROS production in the 
presence of Auranofin relative oxygen consumption, JH2O2/JO2 × 100) versus Gibb’s 
energy of ATP hydrolysis (ΔGATP). 
(D) Mitochondria respiratory efficiency evaluated by plotting JO2 against ΔΨ. Dotted 
lines separate the submaximal and maximal portions of JO2 vs ΔGATP. Triangles denote 
the changing ratio of ATP to ADP (i.e., ΔGATP) over the plots, akin to transition between 
rest and exercise states. 
No statistically significant differences were detected between genotypes for any assay in 
this figure. Measurements at submaximal JO2 (A-C) were analyzed by 2-way ANOVA 
(†main effect of genotype; ‡genotype, ΔGATP interaction; P < 0.05), whereas those
representing maximal JO2 (ΔGATP = -12.95 kcal/mol) were analyzed via t test (*P < 0.05). 
Electron leak measures (E, I) were analyzed via t test at each step (*P < 0.05). 
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4.2.4 Coincident Ablation of SIRT3 and CRAT does not Accelerate Cardiac 
Dysfunction in Response to Pressure Overload 

Although the findings detailed in Figure 18 contradict the notion that acetyl 

PTMs disrupt protein function and compromise respiratory reserve, the phenotype of 

isolated mitochondria might not fully recapitulate bioenergetics in vivo (Picard et al., 

2011). Additionally, a growing number of reports have shown that SIRT3 deficient mice 

develop functional insufficiencies only after exposure to some form of metabolic stress. 

To address these possibilities, we proceeded to experiments wherein cardiac function 

was challenged by pressure overload, using TAC without the MI to keep consistent with 

most previous work in this field (Carrico et al., 2018; Zhou and Tian, 2018). To account 

for wide variations in mortality and morbidity responses to the TAC procedure 

(Mohammed et al., 2012), a large cohort of 46 animals underwent the procedure along 

with 22 surgical sham controls (Sham), with genotypes equally balanced in both 

interventions. Serial echocardiography was employed at 4-week intervals to monitor 

cardiac function. After 16-weeks of banding, the surviving animals were subjected to left 

ventricular pressure-volume analysis. Surprisingly, while the a priori hypothesis 

predicted that DKO would be more susceptible to TAC, the opposite trend was observed. 

Thus, during the first 3-weeks after surgery, survival rates were improved in the DKO 

group relative to their DFC littermates (Figure 21A). A similar trend persisted through 

week 16, but differences between genotypes across the duration of the experiment did 

not reach statistical significance. The transient difference in mortality rates was not 

explained by baseline functional measures and could have contributed to unintended 

selection bias. Still, serial echocardiography and pressure-volume loop analysis 

performed at 16-weeks found no effect of genotype on cardiac function, in either the 

Sham or TAC condition (Figure 21B, Table 3 and Table 4). In short, we found no 
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evidence to support the hypothesis that dysregulation of the mitochondrial acetylome 

coupled with a pathophysiologic stressor exacerbates or accelerates disease progression. 

Figure 21. Coincident ablation of SIRT3 and CRAT does not accelerate 
cardiac dysfunction in response to pressure overload. 

Dual knock-out mice (DKO, Crat/Sirt3M-/-) and dual flox controls littermates (DFC, 
Crat/Sirt3fl/fl) were treated with trans-aortic constriction (TAC) to induce heart failure or 
a sham surgery (Sham) to serve as a control. Animals were monitored for 16-weeks 
following intervention, with serial echocardiography at baseline and 4-week intervals. 
(A) Rates of Mortality. At 3-weeks post-surgery, significant difference in survival between 
genotypes within TAC treatment (¤P < 0.05, Mantel-Cox log-rank test), which was lost 
after 16-weeks of monitoring. Error bars indicate SEM. 
(B) Fractional Shortening. No significant differences were observed between genotypes in 
either surgical intervention. 
(C) Post-Mortem heart mass normalized to tibia length of animals that survived all 16 
experimental weeks plotted as function of 16-week fractional shortening (D) or banding 
gradient at 16-weeks (E). Within the TAC animals, the variability of disease severity can, 
in general, be ascribed to variations in banding gradient Initial biological replicates: 
DFC-Sham, n = 11; DKO-Sham, n = 11; DFC-TAC, n = 24; DKO-TAC, n = 22. 
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Table 3. Serial echocardiographic analyses. 

Mean ± SEM; Columns 0, 4, 8, 12, and 16 indicate the weeks post-surgical procedure. Statistical comparison using 3-way ANOVA 
(genotype × surgery × week) within each measure. No measures were significant for the 3-way interaction term 
(genotype × surgery × week). #P < 0.05 for 2-way interaction (surgery × week) within the 3-way comparison. *Post-hoc Tukey HSD 
FWER < 0.05 between surgical procedures at specific week with genotypes collapsed (ex. TAC-12w vs. Sham-12w); this is indicated in both 
genotype rows for significant measures. 
See Appendix C for abbreviation definitions 

Measure Proc. Geno. 0 4 8 12 16 
Fractional Sham DFC 52.5 ± 2.2 55.8 ± 2.1 52.7 ± 2.0 49.1 ± 1.9 46.1 ± 1.5 

Shortening  DKO 52.2 ± 2.2 52.6 ± 1.9 55.5 ± 1.5 49.2 ± 1.4 46.0 ± 1.7 

(%) TAC DFC 50.1 ± 1.2 38.7 ± 3.3* 32.0 ± 3.0* 31.3 ± 4.6* 32.1 ± 5.0* 

#  DKO 50.8 ± 1.5 34.2 ± 3.0* 34.1 ± 4.5* 31.0 ± 4.3* 26.4 ± 4.0* 

Interventricular Sham DFC  1.0 ± 0.0  1.1 ± 0.0  1.2 ± 0.0  1.1 ± 0.0  1.1 ± 0.1 

Septal Width  DKO  1.1 ± 0.0  1.1 ± 0.1  1.1 ± 0.0  1.2 ± 0.1  1.2 ± 0.0 

(mm) TAC DFC  1.0 ± 0.0  1.3 ± 0.1*  1.3 ± 0.0*  1.3 ± 0.1*  1.4 ± 0.0* 

#  DKO  1.0 ± 0.0  1.4 ± 0.0*  1.4 ± 0.1*  1.3 ± 0.0*  1.4 ± 0.1* 

Posterior Wall Sham DFC  1.1 ± 0.1  1.2 ± 0.1  1.3 ± 0.1  1.2 ± 0.1  1.1 ± 0.0 

Thickness  DKO  1.1 ± 0.1  1.2 ± 0.1  1.3 ± 0.1  1.2 ± 0.1  1.1 ± 0.1 

(mm) TAC DFC  1.0 ± 0.0  1.4 ± 0.1  1.3 ± 0.0  1.3 ± 0.1  1.4 ± 0.1* 

#  DKO  1.0 ± 0.0  1.3 ± 0.1  1.4 ± 0.1  1.3 ± 0.0  1.3 ± 0.1* 

LV end-diastolic Sham DFC  3.6 ± 0.1  3.4 ± 0.1  3.8 ± 0.1  3.6 ± 0.1  3.8 ± 0.1 

diameter  DKO  3.6 ± 0.1  3.6 ± 0.1  3.6 ± 0.1  3.5 ± 0.1  3.6 ± 0.1 

(mm) TAC DFC  3.7 ± 0.1  3.7 ± 0.2  4.2 ± 0.2  4.1 ± 0.4  4.1 ± 0.3 

  DKO  3.6 ± 0.1  3.9 ± 0.2  4.0 ± 0.2  4.0 ± 0.3  4.5 ± 0.3 
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LV end-systolic Sham DFC  1.7 ± 0.1  1.5 ± 0.1  1.8 ± 0.1  1.8 ± 0.1  2.1 ± 0.1 

diameter  DKO  1.7 ± 0.1  1.7 ± 0.1  1.6 ± 0.1  1.8 ± 0.1  1.9 ± 0.1 

(mm) TAC DFC  1.9 ± 0.1  2.3 ± 0.2*  2.9 ± 0.3*  2.9 ± 0.5*  2.9 ± 0.4* 

#  DKO  1.8 ± 0.1  2.6 ± 0.3*  2.7 ± 0.3*  2.9 ± 0.3*  3.4 ± 0.4* 

LV mass Sham DFC  121 ± 11  127 ± 6  168 ± 14  135 ± 11  141 ± 9 

(mg)  DKO  132 ± 8  134 ± 8  149 ± 9  135 ± 13  134 ± 7 

 TAC DFC  113 ± 5  184 ± 15 *  199 ± 18  199 ± 24 *  211 ± 18 * 

#  DKO  114 ± 5  195 ± 15 *  209 ± 16  199 ± 23 *  238 ± 22 * 

Ejection Time Sham DFC 41.9 ± 1.3 37.8 ± 1.3 40.0 ± 1.8 36.5 ± 0.7 38.9 ± 1.7 

(sec)  DKO 40.0 ± 1.2 36.8 ± 1.4 35.9 ± 1.9 37.3 ± 0.8 40.3 ± 2.0 

 TAC DFC 39.3 ± 1.2 39.2 ± 1.3 40.3 ± 1.5 36.1 ± 1.0 42.0 ± 2.6 

  DKO 40.5 ± 1.1 40.7 ± 1.0 38.3 ± 1.8 40.9 ± 2.3 39.7 ± 2.6 

Heart Rate Sham DFC  593 ± 30  665 ± 17  640 ± 25  666 ± 21  657 ± 27 

(bpm)  DKO  625 ± 18  675 ± 19  680 ± 18  703 ± 11  686 ± 10 

 TAC DFC  624 ± 15  624 ± 23  614 ± 27  658 ± 19  641 ± 23 

  DKO  621 ± 17  637 ± 12  658 ± 23  638 ± 23  630 ± 21 

mVcf Sham DFC 1259 ± 54 1507 ± 99 1348 ± 83 1348 ± 54 1216 ± 81 

(circ/sec)  DKO 1329 ± 86 1451 ± 73 1589 ± 86 1323 ± 44 1163 ± 62 

 TAC DFC 1297 ± 46 1020 ± 107*  813 ± 90 *  871 ± 126*  793 ± 130* 

#  DKO 1284 ± 59  861 ± 82 *  943 ± 138*  770 ± 103*  667 ± 95 * 

mVcfc Sham DFC  404 ± 20  452 ± 29  412 ± 21  407 ± 19  368 ± 22 

(circ/sec)  DKO  411 ± 25  432 ± 19  471 ± 23  387 ± 14  344 ± 19 

 TAC DFC  402 ± 12  314 ± 29 *  253 ± 26 *  260 ± 36 *  239 ± 37 * 

#  DKO  400 ± 18  264 ± 25 *  283 ± 40 *  234 ± 30 *  207 ± 29 * 
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Table 4. Terminal pressure-volume loop analysis. 

Data are mean, standard error of the mean (SEM), and biological replicates (n). Statistical comparison using 2-way ANOVA 
(genotype × procedure) within each measure. §main effect of procedure, †main effect of genotype, ‡interaction (genotype × procedure), 
P < 0.05. #Post-hoc Tukey HSD FWER < 0.05 compared to genotype within surgical procedure (ex. DFC-TAC vs DKO-TAC). 
See Appendix C for abbreviation definitions 

 Surgical Procedure Sham TAC 
 Genotype DFC DKO DFC DKO 
  n mean SEM n mean SEM n mean SEM n mean SEM 
 Banding Gradient -   -   - -   -   - 12  40.9  6.91 13  42.84  6.35 
 EDPVR (linear) intercept 4  -0.34  1.07 4  -0.25  0.82 8 -13.04  7.77 10  -9.57  5.11 

§ EDPVR (linear) slope 4   0.23  0.04 4   0.3  0.02 8  0.55  0.09 10   0.7  0.15 
 ESPVR (linear) intercept 4 -30.21 14.36 4 -10.73  5.9 8 -1.08  9.52 10  -0.94  6.14 

§ ESPVR (linear) slope 4   2.1  0.38 4   3.34  0.77 8  4.95  1.08 10   6.46  1.17 

§ Emax 4   4.79  0.89 4   6.44  1.18 8  7.67  1.22 10   9.4  2.04 

 Effective Arterial Elastance 9   3.65  0.28 8   3.6  0.29 12  7.88  1.1 14   7.68  0.78 
 Ejection Fraction 9  52.18  2.8 8  53.62  2.59 12  43.75  7.18 14  43.64  5.4 
 PRSW intercept 4  -8.46  9.06 4   1.39  4.41 8  14.24  8.16 9   5.8  5.68 
 PRSW slope 4  40.92  5.47 4  47.68  4.28 8  57.54  5.48 9  55.21  9.42 
 dP/dtmax vs. EDV intercept 4 -19.7  4.25 4 -11.99  4.14 8 -17.36 14.12 9 -18.44  8.54 
 dP/dtmax vs. EDV slope 4 116.33 13.04 4 150.57 30.18 8 104.51 17.49 9 123.08 23.41 

§ τglantz 9  11.57  1.14 8  10.95  0.55 12  17.0  2.05 14  19.8  2.25 

§ τlogistic 9   5.43  0.43 8   5.19  0.23 12   6.88  0.47 14   8.13  1.01 

§ τweiss 9   7.14  0.39 8   7.18  0.43 12   9.46  0.79 14  10.46  1.05 
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4.2.5 Trans-aortic Constriction does not Exacerbate Mitochondrial 
Hyperacetylation but Reduces Complex I Expression 

Previous observations that SIRT3 deficient tissues must be challenged to reveal a 

clear phenotype suggests that metabolic stress might raise the stoichiometry of some Kac 

sites beyond a critical threshold. However, to our knowledge, this presumption has not 

been tested, particularly in the context of pressure overload. We therefore performed a 

third proteomics experiment to compare DKO and DFC biventricular myocardium from 

TAC animals and Sham surgical controls, all of which were collected during experiments 

described in Figure 21 (Exp. 3, Figure 22A-B). The majority of mitochondrial acetylated 

lysine residues identified in the previous two acetylproteomic datasets were likewise 

found in this experiment (92% and 90%, respectively). Similar to proteomic experiments 

1 and 2 (Figure 15 and Supp. Files), we again found that 92% of mitochondrial Kac sites 

were elevated in the DKO-Sham relative DFC-Sham, with a median fold change of 2.3; 

and that the TCAC, β-oxidation, and ATP synthase complex were among the most heavily 

acetylated pathways. The same pattern was evident under the TAC condition, such that 

95% of mitochondrial Kac were elevated in the DKO-TAC versus DFC-TAC group, with a 

median fold change of 1.8 (Figure 22A). Interestingly however, in contrast to the impact 

of TAC-MI (Figure 15J), 16-weeks of TAC did not augment the mitochondrial acetylome 

relative sham surgical controls, regardless of genotype (Figure 22A-C). Moreover, in the 

DKO hearts, TAC tended to cause a leftward shift in the acetyl-peptide distribution plot 

(Figure 22A-B). 

We next sought to further understand distinctions between the two HF models by 

evaluating total proteome remodeling in response to each procedure (TAC-MI:Sham and 

DFC-TAC:DFC-Sham). To that end, significantly changing proteins were identified in 

each model (Figure 22D-F) and applied to a pathway enrichment analyses performed via 

the InterMine webservice API and MouseMine data warehouse (Kalderimis et al., 2014; 
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Motenko et al., 2015; Phipson et al., 2016; Ritchie et al., 2015). The first analysis, which 

focused on 522 proteins that changed concordantly in both HF models (Figure 22G), 

identified significant enrichment of proteins involved in fatty acid catabolism and related 

processes (Figure 22H), most of which were less abundant in the failing state, consistent 

with (Lai et al., 2014). Next, examining the set of proteins that changed uniquely in the 

TAC-MI model of HF, the analysis failed to identify any pathways that were particularly 

enriched as compared to the entire background proteome. By contrast, analysis of 

proteins that changed uniquely in the TAC:Sham model revealed significant enrichment 

of Complex I of the mitochondrial ETS and related pathways (Figure 22I). Predictably, 

most of these proteins were decreased by TAC. The pronounced downregulation of 

Complex I and TCA cycle proteins, in conjunction with reduced β-oxidative machinery, 

suggests more widespread diminution of oxidative metabolism and mitochondrial 

content in response to 16-weeks of TAC as compared to 4-weeks of TAC-MI. To this 

point, it is important to underscore that changes in relative Kac occupancy reported in 

Figure 22A-C were corrected for differences in total protein abundance. Considering that 

the foregoing mitochondrial pathways regulate acetyl-CoA production and flux, we 

speculate that the blunted acetylome response to TAC as compared to TAC-MI might be 

secondary to a progressive reduction in carbon catabolism during the course of the 

chronic TAC experiment. Nonetheless, the DKO hearts retained robust mitochondrial 

hyperacetylation relative their DFC littermates in both the Sham and TAC conditions 

(Figure 22A). 
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Figure 22. Trans-aortic constriction does not exacerbate mitochondrial 
hyperacetylation but reduces Complex I expression. 

Proteomic experiment 3: Comparing the acetylomes of DKO and DFC under TAC and 
Sham conditions. 
(A-C) Histograms depicting the relative occupancy comparisons of mitochondrial 
acetylpeptides (Kac) identified in biventricular cardiac tissue. 
(A) Genotype comparison (DKO:DFC) within surgical procedures: Shams (orange) and 
TACs (green). The DKO hyperacetylation phenotype was retained after both surgical 
interventions. 
(B) Surgical procedure comparison (TAC vs. Sham) within genotypes: DFC (blue) and 
DKO (yellow). Neither genotype exhibited mitochondrial hyperacetylation in the TAC 
procedure relative sham control. 
(C) Comparisons between two models of heart failure: TAC-MI vs. Sham (purple, data 
from proteomic exp. #2) exhibits mitochondrial hyperacetylation whereas DFC-TAC vs. 
DFC-Sham (blue, data from proteomic exp. #3) does not. Vertical lines indicate no fold 
change between comparisons. 
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Comparing proteomes of heart failure models (D-G): The whole cardiac 
proteomes from experiments 2 and 3 were used to compare the models of heart failure 
(TAC and TAC-MI). Analysis involves Master Proteins as defined by Proteome Discoverer 
software. 
Volcano plot of protein changes identified in biventricular cardiac tissue of (D) DFC-TAC 
vs. DFC-Sham and (E) TAC-MI vs. Sham. Significantly changing proteins (FDR < 0.05) 
highlighted in blue. 
(F) The majority of proteins (defined by Uniport accession) were found in both 
experiments which justifies model comparison. Only accessions found in both 
experiments were used for subsequent analyses (3375). This served as the background 
population for pathway enrichment analysis. 
(G) Significantly changing proteins from both models of heart failure. Venn Diagram 
overlap (grey) indicates congruently changing proteins observed in both models (522); 
dark blue (left) indicates uniquely changing proteins observed in the TAC model (559); 
light blue (right) indicates uniquely changing proteins observed in the TAC-MI model 
(478). 
(H) Pathway enrichment analysis of congruently changing proteins observed in both TAC 
and TAC-MI models of heart failure (522, G). Enrichment performed against the 
background of all commonly identified proteins (∼3375, F) and reveals an abundance of 
fatty acid catabolic genes (table) that are largely downregulated relative respective sham 
controls (plot, red). 
(I) Pathway enrichment analysis of uniquely changing proteins observed in the TAC 
model (561, G) against the background of all commonly identified genes (∼3375, F) and 
reveals an abundance of Complex I genes (table) that are downregulated relative sham 
control (plot, yellow).  
Tables in H and I list results from enrichment analysis performed on Uniprot accessions. 
“R-MMU-” is a common prefix for all listed Reactome Pathway Stable Identifiers. 

4.3 Discussion 

This study sought to examine the role of mitochondrial Kac in disrupting 

respiratory function and increasing cardiac susceptibility to metabolic stress. To this 

end, we generated a new mouse model of cardiac hyperacetylation by combining SIRT3 

deficiency with ablation of CRAT, an enzyme that buffers the mitochondrial acetyl CoA 

pool.  As anticipated, the DKO maneuver raised the entire acetyl-lysine landscape by 

approximately two-fold as compared to SIRT3 deletion alone and extended the extreme 

end of the Kac spectrum to relative increases that approached and exceeded a 600-fold 

upregulation. Importantly, relative changes in the abundance of specific acetylated lysine 

peptides occurring in DKO:DFC hearts strongly correlated those measured in the context 

of S3KO:S3FC. Moreover, a proteomics comparison across multiple settings of 

hyperacetylation revealed ∼86% overlap between the population of acetylated peptides 
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affected by the DKO model as compared to TAC-MI. Additionally, the magnitude of 

change was far more robust in the genetic model.  Thus, in theory, if Kac per se threatens 

metabolic resilience, the DKO model should amplify any functional perturbations caused 

by SIRT3 deficiency and/or TAC-MI. However, in contrast to the predicted outcomes, we 

found essentially no evidence linking hyperacetylation to compromised bioenergetics 

and/or cardiac dysfunction.  

SIRT3 has been touted as a deacetylase that confers stress resistance by 

defending against widespread accumulation acetyl PTMs, which presumably gives rise to 

a state of mitochondrial disrepair (Carrico et al., 2018; Zhou and Tian, 2018). The 

etiology of metabolic and tissue dysfunction observed in models of SIRT3 deficiency has 

been attributed to two potential mechanisms. First, hyperacetylation of the 

mitochondrial proteome might impart a latent form of respiratory dysfunction due to 

diminished oxidative reserve, which then manifests upon exposure to energetic stress. 

This possibility is refuted, however, by a recent report showing that baseline respiratory 

capacity and efficiency of heart mitochondria are largely normal across multiple models 

of cardiac hyperacylation (Fisher-Wellman et al., 2019; Williams et al., 2019). 

Alternatively, in circumstances of SIRT3 insufficiency, energetic challenges such as 

pressure overload might further exacerbate Kac, eventually causing a subset of specific 

acetyl-lysine sites to reach a stoichiometric threshold that dysregulates or disrupts 

protein function (Fisher-Wellman et al., 2019; Hebert et al., 2013; Lantier et al., 2015; 

Peterson et al., 2018; Williams et al., 2019).  Notably however, this hypothesis is 

contradicted by the proteomics analysis presented herein, which found that chronic TAC 

tended to diminish mitochondrial Kac in DKO hearts. Furthermore, apart from studies 

involving diet-induced obesity (Davies et al., 2016; Hebert et al., 2013; Lee et al., 2016), 

the notion that other forms of metabolic and/or pathologic stress exacerbate Kac in 
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models of SIRT3 deficiency has yet to be corroborated (Hebert et al., 2013). By 

comparison, some genetic manipulations that promote HF, such as the Ndufs4 cardiac-

specific model of CI deficiency, are accompanied by mitochondrial hyperacetylation 

(Karamanlidis et al., 2013; Lee et al., 2016); however, the precise role of Kac in this 

model is confounded by a dramatic loss of CI activity, which is critically important for 

electron transport and mitochondrial energy transduction.  

In sum, the current study adds to emerging evidence casting doubt on the idea 

that lysine acetylation per se has a substantive impact on mitochondrial quality control 

(Fisher-Wellman et al., 2019; Williams et al., 2019). Nonetheless, the findings do not 

dispute the premise that Sirt3 plays some role in metabolic control. Future investigations 

to further delineate why natural selection retained this enzyme for millions of years 

across multiple phylogenetic branches are clearly warranted. 
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Interlude – Chapter 5 
Concurrent to the work in Chapter 3 and 4, wherein we developed an assay 

platform for mitochondrial bioenergetic analysis and applied it to a model of 

mitochondrial hyperacetylation, our collaborators in the Kelly laboratory were pursuing 

the role of ketone catabolism in the pathogenesis of heart failure, a key signature our 

previous collaborative efforts identified. A series of animal models demonstrated ketone 

catabolism to be an adaptive mechanism for the heart under nutritional and pathological 

stresses. To determine if this mechanism was in part bioenergetic — i.e., improved the 

respiratory efficiency of the failing cardiac mitochondria — the mitochondrial 

phenotyping platform developed in Chapter 3 was leveraged.6 This work was recently 

published, and an adaptation of this manuscript is presented in Chapter 5. 

  

 

*Horton, J.L., *Davidson, M.T., *Kurishima, C., Vega, R.B., Powers, J.C., Matsuura, T.R., 
Petucci, C., Lewandowski, E.D., Crawford, P.A., Muoio, D.M., et al. (2019). The failing 
heart utilizes 3-hydroxybutyrate as a metabolic stress defense. JCI Insight 4, e124079. 
https://doi.org/10.1172/jci.insight.124079 
*contributed equally to this work 

                                                        
6To our knowledge, this data is the first to optimize conditions for ketone supplemented mitochondrial 

respiration in vitro and demonstrate the efficiency, a historical hindrance to the field of ketone 
bioenergetics.  
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5. The Failing Heart Utilizes 3-Hydroxybutyrate as a 
Metabolic Stress Defense 

5.1 Introduction 

As an incessantly working pump, the adult mammalian heart has very high 

energy demands that are met by a specialized mitochondrial system. Fatty acids serve as 

the chief fuel for mitochondrial ATP production in the normal adult heart (Dorn et al., 

2015; LaNoue et al., 1970). Glucose is also an important cardiac energy substrate, 

allowing for adaptive fuel utilization shifts during development and in accordance with 

diverse nutritional and physiological conditions. The mitochondrial fuel utilization 

machinery of the adult heart is programmed for fuel utilization flexibility during the 

perinatal and postnatal developmental periods (Dorn et al., 2015). Specifically, the fetal 

heart has relatively low mitochondrial oxidative capacity and relies largely on glucose 

and lactate as fuels, with fatty acids serving as a minor energy substrate (Griffin et al., 

2000; Lopaschuk and Spafford, 1990). At birth, a well-defined transcriptional circuitry 

triggers mitochondrial biogenesis, followed by induction of genes involved in 

mitochondrial fatty acid oxidation (FAO) during the postnatal period  (Dorn et al., 2015; 

Gulick et al., 1994; Huss et al., 2002; Lehman et al., 2000; Martin et al., 2014; Scarpulla, 

2008). The corresponding developmental maturation renders the heart a fuel omnivore, 

relying on both fatty acids and glucose. 

The heart changes fuel utilization preferences in chronic pathophysiological 

circumstances that lead to heart failure (HF). For example, during development of 

cardiac hypertrophy and HF caused by chronic hypertension or recurrent ischemic 

insult, cardiac myocyte mitochondria undergo a reprogramming resulting in a reduction 

in capacity for mitochondrial FAO with increased reliance on glucose oxidation and 

glycolysis (Lopaschuk and Jaswal, 2010; Sack et al., 1996; Stanley et al., 2005; 
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Taegtmeyer and Overturf, 1988). Significant evidence suggests that this metabolic 

reprogramming leads to bioenergetic derangements that contribute to the pathogenesis 

of HF. For example, human genetic defects in FAO can cause childhood cardiomyopathy 

in conditions that increase reliance of the heart on fatty acids as a fuel, such as with 

prolonged fasting (Kelly and Strauss, 1994). In addition, magnetic resonance 

spectroscopy measurements of humans with cardiac hypertrophy and HF have shown 

that reduced myocardial phosphocreatine (PCr)/ATP ratio correlates with worsened 

outcomes (Bottomley et al., 2013; Ingwall et al., 1985; Neubauer, 2007; Neubauer et al., 

1997; Weiss et al., 2005).  

Recently, we and others discovered an unrecognized fuel metabolic shift in the 

hypertrophied and failing heart (Aubert et al., 2016; Bedi et al., 2016). Unbiased 

metabolomic profiles in well-defined mouse models of HF and in the failing human heart 

were indicative of increased ketone body oxidation. Proteomic studies identified 

increased levels of D-β-hydroxybutyrate dehydrogenase (BDH1) in the failing heart 

(Aubert et al., 2016). BDH1 is a mitochondrial enzyme that catalyzes the first step in the 

oxidation of 3-hydroxybutyrate (3OHB), a ketone body that is synthesized mainly in the 

liver. 13C-NMR spectroscopy studies confirmed that the hypertrophied mouse heart 

utilizes 3OHB to a greater extent than the normal heart (Aubert et al., 2016), and in vivo 

measurements confirmed a higher ketone body uptake by canine failing hearts (Seki et 

al., 2018). Taken together, the results of these recent studies suggest that, in the context 

of reduced capacity to oxidize fatty acids as a fuel, the heart reprograms to increase 

utilization of ketone bodies generated in the liver. However, the role of this fuel switch as 

adaptive, maladaptive, or of no consequence to the pathogenesis of HF is unknown. 

In this study, we sought to assess the importance of ketone body utilization in the 

stressed and diseased heart. Our results indicate that the heart increases utilization of 
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3OHB as an adaptive metabolic response during periods of nutritional and chronic 

hemodynamic stress. Moreover, strategies aimed at increasing ketone delivery to the 

heart reduced pathologic cardiac remodeling and dysfunction in mice and in a large-

animal model of progressive HF. Studies conducted in isolated mouse mitochondria 

provided evidence that 3OHB provides ancillary substrate and enhances respiratory 

efficiency. These results raise the intriguing possibility that therapeutic strategies aimed 

at increasing myocardial 3OHB utilization could prevent or reverse the energy metabolic 

derangements and fuel starvation that contributes to the syndrome of HF. 

5.2 Results 

5.2.1 Generation of Mice Incapable of Oxidizing 3OHB in the Heart 

We first sought to define the cardiac phenotype of mice that are unable to oxidize 

3OHB. To this end, cardiac-specific BDH1-deficient (csBDH1-/-) mice were generated by 

crossing mice harboring loxP sites within the Bdh1 gene with a line expressing Cre 

recombinase downstream of the cardiac-specific α myosin heavy chain promoter 

(αMHC-Cre mice) (Agah et al., 1997) to create mice with the final genotype of 

Bdh1fl/flMHC-Cre+/WT (Bdh1fl/flCre+) (Figure 23A). csBDH1-/- mice appeared grossly 

normal, including no significant difference in body weight compared with Cre– 

littermate controls (Figure 23B). Assessment of offspring ratios from breeding pairs of 

Bdh1fl/flCre+ × Bdh1fl/flCre– revealed a small but finite deviation from Mendelian inheritance 

patterns at weaning, suggesting incomplete penetrance of a perinatal lethal phenotype 

(Table 5). Thereafter, no difference in survival between the csBDH1-/- and control mice 

was observed. Levels of circulating 3OHB were similar in csBDH1-/- and littermate 

controls (Figure 23C). csBDH1-/- mice did not exhibit a cardiac phenotype under basal 

conditions. Specifically, there were no abnormalities in ventricular mass or left 
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ventricular (LV) chamber size or function, as determined by echocardiographic analysis 

(Figure 23D and data not shown). 

 

 
Figure 23. Generation of the csBDH1-/- mouse line. 

(A) (Left) The fractional enrichment of acetyl-CoA (Fc), representing oxidation of 13C-
labeled D-3-hydroxybutyrate into the TCA cycle, is shown in Bdh1fl/flCre– (control) and 
csBDH1-/- isolated perfused mouse hearts (12- to 16-week-old male littermates) (n = 6). 
(Right) Representative in vitro NMR spectra displaying 13C labeling of glutamate at the 4- 
and 3-carbon (glu C-4 and glu C-3) positions in tissue extract from the hearts of control 
mice (top) and csBDH1-/- mouse (bottom) is shown. The latter has complete absence of 
signal (1% natural abundance). 
(B) Fc for 13C-labeled palmitate perfused isolated mouse hearts is shown (n = 5–6) (12- to 
16-week-old male littermates). 
(C) Levels of myocardial 3-hydroxybutyrate (3OHB) per wet weight (ww) measured in 
control and csBDH1-/- male mice 8–10 weeks after 4-hour fast (n = 5). 
Data mean ± SEM; *P < 0.05 control vs. csBDH1-/- using unpaired, 2-tailed Mann-
Whitney test. 

 

 

Table 5. Distribution of genotypes in offspring of Cre-/- Bdh1fl/fl × Cre+/- 
Bdh1fl/fl crosses 

*P<0.05 expected vs. actual using chi-square analysis (n = 127). 

 Male offspring at weaning Female offspring at weaning 
Genotype Obs. Expected Actual Obs. Expected Actual 
Cre-/- 41 50% 61% 39 50% 65% 
Cre+/- 26 50% 39% 21 50% 35% * 
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The myocardial substrate utilization profile of the csBDH1-/- mouse heart was 

determined by 13C-NMR spectroscopy, which allows for assessment of the relative 

contribution of specific labeled substrates for acetyl-CoA formation and entry into the 

tricarboxylic acid (TCA) cycle. Hearts isolated from csBDH1-/- and control groups were 

perfused in the Langendorff mode with 0.5 mM D-3-hydroxy-[2,4-13C2]butyrate 

([2,4-13C2]3OHB) and unlabeled 0.4 mM palmitate or with 0.4 mM [U-13C] palmitate and 

unlabeled 0.5 mM D-3-hydroxybutyrate, both in the presence of unlabeled 1 mM lactate 

and 5 mM glucose. Functional performance was similar between the groups (rate-

pressure product for controls = 41,716 ± 2,314 mmHg × bpm; 

csBDH1-/- = 42,826 ± 3050 mmHg × bpm). The fractional contribution (Fc) of 

[2,4-13C2]3OHB was virtually undetectable in the csBDH1-/- hearts compared with 

approximately 0.4 for the control group (Figure 24A). As expected, 13C-palmitate 

accounted for the majority of Fc to acetyl-CoA production (∼0.6) for control hearts. 

Palmitate utilization was modestly but significantly elevated in csBDH1-/- hearts 

compared with controls, consistent with a compensatory increase in the context of an 

inability to oxidize 3OHB (Figure 24B). These results confirm a complete deficit of 3OHB 

oxidation in the hearts of csBDH1-/- mice.  

To assess the uptake and fate of 3OHB in csBDH1-/- hearts, quantitative mass 

spectrometry–based measurements were performed. Levels of 3OHB were significantly 

elevated in the csBDH1-/- myocardium of fed mice (Figure 24C). The observation that 

13C-palmitate oxidation and 3OHB levels are increased in the BDH1-/- heart indicates that 

the normal adult mouse heart is capable of oxidizing ketone bodies as a minor fuel, even 

in nonstressed conditions. 
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Figure 24. csBDH1-/- mouse hearts are incapable of oxidizing 
D-3-hydroxybutyrate. (A) (Left) The fractional enrichment of acetyl-CoA (Fc), 
representing oxidation of 13C-labeled D-3-hydroxybutyrate into the TCA cycle, is shown 
in Bdh1fl/flCre– (control) and csBDH1-/- isolated perfused mouse hearts (12- to 16-week-old 
male littermates) (n = 6). (Right) Representative in vitro NMR spectra displaying 13C 
labeling of glutamate at the 4- and 3-carbon (glu C-4 and glu C-3) positions in tissue 
extract from the hearts of control mice (top) and csBDH1-/- mouse (bottom) is shown. The 
latter has complete absence of signal (1% natural abundance). 
(B) Fc for 13C-labeled palmitate perfused isolated mouse hearts is shown (n = 5–6) (12- to 
16-week-old male littermates). 
(C) Levels of myocardial 3-hydroxybutyrate (3OHB) per wet weight (w/w) measured in 
control and csBDH1-/- male mice 8–10-weeks after 4-hour fast (n = 5). 
Data are mean ± SEM; *P < 0.05 control vs. csBDH1-/- using unpaired, 2-tailed Mann-
Whitney test. 
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5.2.2 BDH1 is Necessary to Maintain Cardiac Function in the Context of a 
Nutritional Stress 

Tissues that rely on glucose as a chief fuel source, including many regions in the 

brain, shift to ketone oxidation as an ancillary fuel source during periods of fasting and 

starvation (Owen et al., 1967). Less is known about the importance of ketone body 

oxidation in the heart during states of nutritional stress, given that this organ — in 

contrast to the brain — is capable of high-capacity FAO (LaNoue et al., 1970; Taegtmeyer 

et al., 1980). The csBDH1-/- mice afforded us the opportunity to assess the necessity of 

3OHB as a fuel source in the heart in the context of nutritional deprivation. Accordingly, 

csBDH1-/- and littermate control mice were subjected to a 24-hour fast. There were no 

significant differences in the fed or fasting levels of circulating 3OHB or glucose between 

groups (Figure 25A). To assess the cardiac functional response to prolonged fasting, 

echocardiographic studies were conducted at the conclusion of the fasting period. The 

fasted csBDH1-/- mice exhibited significant alterations in LV function compared with 

fasted Bdh1fl/flCre– controls, as reflected by percent LV fractional shortening (FS) and 

longitudinal strain rate, together with an increase in LV internal diameter and volumes 

(Figure 25B and Table 6). These results strongly suggest that a shift to myocardial 3OHB 

oxidation serves as an adaptive alternative fuel source to maintain cardiac function in 

response to prolonged fasting and possibly other nutritional stress states. 
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Figure 25. Phenotype of fasted csBDH1-/- mice. 

(A) Circulating substrate levels in ad lib fed or 24-hour fasted control and csBDH1-/- male 
mice at 12–16 weeks of age. Top to bottom: 3-hydroxybutyrate whole blood levels and 
glucose plasma levels. Bars represent mean ± SEM (n = 3–4); ns using two-tailed, 
unpaired t test control vs. csBDH1-/-.  
(B) The results of echocardiography conducted following a 24h fast of csBDH1-/- and 
control male mice aged 12- to 16-week-old. (Left) % Fractional shortening (FS, n = 4–6) 
and (right) longitudinal strain rate (--1s, n = 3). All bars are shown as mean ± SEM, *P < 
0.05 control vs. csBDH1-/- using unpaired, 2-tailed t test. 

 
 
 

Table 6. Echocardiographic analyses of csBDH1-/- and controls following a 
24h fast. 

Data are mean ± SEM (n = 4–6). *P < 0.05 control vs. csBDH1-/- using unpaired, 
2-tailed t test.  
See Appendix C for abbreviation definitions 

 Control csBDH1-/- 
Heart rate (bpm) 604.7 ± 14.34 624.5 ± 23.14 

LVPWd (mm) 0.874 ± 0.04 0.822 ± 0.03 

IVSd (mm)  0.88 ± 0.03  0.87 ± 0.04 

LVIDd (mm)  3.31 ± 0.09  3.77 ± 0.07 * 

LVPWs (mm)  1.37 ± 0.06  1.26 ± 0.05 

IVSs (mm)  1.38 ± 0.05  1.29 ± 0.06 

LVIDs (mm)  1.61 ± 0.08  2.11 ± 0.11 * 

LVM (mg)  98.3 ± 8.58 113.9 ± 3.01 

LVMI (mg/g BW)  3.75 ± 0.18  3.95 ± 0.31 

RWT  0.53 ± 0.02  0.45 ± 0.02 * 

FS (%) 51.35 ± 1.43 44.03 ± 2.58 * 

IVCT (ms)  3.01 ± 0.53  3.84 ± 0.9 

ET (ms) 38.72 ± 3.2  44.1 ± 2.22 

IVRT (ms)  13.3 ± 1.6   8.8 ± 0.6 

Tei Index  0.45 ± 0.07  0.29 ± 0.04 

ESV (μL) 10.32 ± 0.3 21.19 ± 7.1 

EDV (μL) 37.83 ± 3.33 52.55 ± 4.68 * 

Radial Mean Strain (%) 36.95 ± 3.1 37.63 ± 1.7 

Longitude Mean Strain (%)  21.05 ± 0.62 19.39 ± 0.85 

Radial Strain Rate (-1s)  10.5 ± 1.02  10.0 ± 0.84 

Longitude Strain Rate (--1s) 10.53 ± 0.61  7.85 ± 0.66 * 
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5.2.3 Inability to Oxidize 3OHB in the Heart Results in Worsened 
Pathologic Cardiac Remodeling in the Context of Pressure 
Overload/Ischemic Stress 

Recent studies have shown that the hypertrophied and failing heart oxidize 

ketone bodies coincident with an induction in the expression of myocardial ketolytic 

enzymes BDH1 and succinyl-CoA-3-oxaloacid CoA transferase (SCOT) (Aubert et al., 

2016; Bedi et al., 2016; Huynh, 2016). An important question is whether this shift in 

myocardial fuel utilization is adaptive, maladaptive, or inconsequential to the disease 

process. As an initial step to address this question, csBDH1-/- and Bdh1fl/flCre– littermate 

control mice were subjected to an established mouse surgical HF model involving 

pressure overload via transverse aortic constriction (TAC) combined with a small apical 

myocardial infarction (TAC/MI) that results in predictable, progressive, pathological LV 

dilatation and contractile dysfunction over a 4-week period (Aubert et al., 2016; Horton 

et al., 2016; Weinheimer et al., 2015). Following surgery, mortality rates were no 

different between the 2 groups. Echocardiography performed 4-weeks after TAC/MI 

surgery demonstrated that csBDH1-/- mice had developed more severe LV dysfunction 

and pathological remodeling compared with the control group. Specifically, LV ejection 

fraction (LVEF) was significantly lower in the csBDH1-/- mice (Figure 26A and Table 7). 

In addition, csBDH1-/- mice exhibited greater LV end-diastolic volume (EDV) and end-

systolic volume (ESV) compared with controls (Figure 26B and Table 7). 
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Figure 26. Inability to oxidize 3OHB in the heart results in worsened 
pathologic cardiac remodeling in the context of pressure overload/ischemic 
stress. 
Echocardiographic data collected 4-weeks following sham or TAC/MI surgeries 
in Bdh1fl/flCre– (control) and csBDH1-/- male mice aged 8–11 weeks at time of surgery. 
(A) EF graphed as percent, (B) EDV (left), and ESV (right) graphed as volume (μL). 
Data are mean ± SEM (Sham, n = 5; TAC/MI, n = 8–9); *P < 0.05 TAC/MI control vs. 
TAC/MI csBDH1-/-via unpaired, 2-tailed t test. 
See Appendix C for abbreviation definitions 

 
 
 

Table 7. Echocardiographic analyses post-TAC/MI or sham procedure in 
control vs. csBDH1-/- mice. 

Data are mean ± SEM (Sham, n = 5–6; TAC/MI, n = 9); *P < 0.05 TAC/MI control vs. 
TAC/MI csBDH1-/-, using unpaired, 2-tailed t test.  
See Appendix C for abbreviation definitions 

 Sham TAC/MI 
 Control csBDH1-/- Control csBDH1-/- 
HR (bpm) 702.3 ± 8.86 690.6 ± 19.85   698 ± 16.41    635 ± 13.65 * 
BW (g) 25.96 ± 0.79 24.96 ± 1.05  24.6 ± 0.36   26.3 ± 0.64 
Ao Prox  3.96 ± 0.31  3.69 ± 0.23  3.84 ± 0.31   3.20 ± 0.16 
Ao Band  3.14 ± 0.14  3.02 ± 0.27 13.91 ± 1.78  12.20 ± 0.76 
VTI Ratio  0.81 ± 0.04  0.82 ± 0.05  3.87 ± 0.41   3.85 ± 0.26 
EDV (μL) 36.08 ± 1.83 40.02 ± 3.92 82.83 ± 12 131.16 ± 12    * 
ESV (μL) 11.94 ± 0.79 14.23 ± 0.86 60.69 ± 12.22 108.46 ± 11.77 * 
EF (%) 66.88 ± 1.31 63.61 ± 2.45 31.51 ± 4.74  18.31 ± 2.21  * 
Peak velocity  1.05 ± 0.07  0.98 ± 0.06  3.33 ± 0.25   3.09 ± 0.12 
Peak gradient  4.49 ± 0.59  3.90 ± 0.50 46.58 ± 7.7  38.89 ± 3.2 
SWMSI     0 ± 0     0 ± 0  0.46 ± 0.06   0.58 ± 0.01 
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Molecular signatures of cardiac remodeling were also indicative of worsened LV 

remodeling in csBDH1-/- mice after TAC/MI intervention. Induction of natriuretic 

peptide A (Nppa) was significantly greater in LV of csBDH1-/- mice compared with the 

control group (Figure 27A). Similarly, LV expression of genes encoding ATPase 

sarcoplasmic/ER Ca2+ transporting 2 (Atp2a2), cardiac troponin I (Tnni3), and genes 

involved in fatty acid utilization — which are well-known to be downregulated in the 

failing heart — were reduced to a greater extent in the csBDH1-/- mice (Figure 27, B and 

C). Lastly, as we have recently shown, cardiac expression of Bdh1 was induced in hearts 

of the control mice following TAC/MI (Aubert et al., 2016). Bdh1 was not induced by 

TAC/MI in csBDH1-/- mice (Figure 27D), indicating that the increased myocardial 

expression of Bdh1 observed in HF is specific to cardiac myocytes. 

 
Figure 27. Gene expression signature indicates more severe pathological 
remodeling in the csBDH1-/- TAC/MI mice. 

Ventricular tissue mRNA expression analyzed via qPCR on sham-operated control, sham 
csBDH1-/-, TAC/MI control, and TAC/MI csBDH1-/- mice. Within biological replicates, 
transcripts were normalized to Rplp0. All expression levels are shown relative to wildtype 
sham surgical control. 
(A) Myh6, Myh7, Nppa, and Nppb (B) excitation-contraction coupling transcripts 
Atp2a2 and Tnni3; (C) metabolic transcripts Ppara, Acadm, and Acsl1, and (D) Bdh1.  
Data are mean ± SEM (n = 4–9); *P < 0.05 Sham vs. TAC/MI; #P < 0.05 control vs. 
csBDH1-/- using one-way ANOVA with post-hoc Fisher’s LSD test.  
See Appendix C for abbreviation definitions 
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5.2.4 Increased Delivery of Ketone Bodies to the Heart Ameliorates 
Pathological Cardiac Remodeling and Dysfunction 

We next sought to determine whether increasing levels of circulating ketones 

would alter cardiac remodeling in mice following TAC/MI. To this end, WT mice were 

fed normal chow or a ketogenic diet (KD) starting 1-week before TAC/MI surgery and for 

the 4-week postsurgical period (Figure 28A). The KD was confirmed to induce significant 

ketonemia prior to surgery (mean fed blood 3OHB levels with standard 

chow = 0.5611 ± 0.036 mM; KD group = 1.213 ± 0.1802 mM; P < 0.0001), and 

circulating 3OHB levels remained elevated at 4-weeks after surgery (Figure 28B). 

Following TAC/MI surgery, no significant difference in mortality rates was observed 

between the chow and KD groups (data not shown). In addition, there was no significant 

difference in LVEF between the groups (Figure 29A and Table 8). However, several 

pathologic LV remodeling endpoints were improved in the KD group, as evidenced by 

assessment of LV volumes. Specifically, LVEDV and LVESV were both significantly 

reduced in the TAC/MI KD group compared with controls (Figure 29B and Table 8). 

 
Figure 28. Ketogenic diet results in elevated levels of circulating 
3-hydroxybutyrate. 

Timeline of the ketogenic diet and resulting 3OHB levels for the mouse groups indicated 
are shown. (A) Mice were started on either Chow or KD 1-week before surgery. Four 
weeks following surgery, echocardiographs were conducted. Mice were allowed to recover 
from echo for one day after which food was removed for 4 hours and circulating whole 
blood ketone levels were then measured. (B) Levels of 3OHB at time of echo are shown. 
Data are mean ± SEM (n = 6–12); *P < 0.05 Chow vs. KD or #P < 0.05 Sham vs. TAC/MI 
using ANOVA with post-hoc Tukey’s HSD. 
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Figure 29. Increased delivery of ketone bodies to the heart supplied by a 
ketogenic diet ameliorates pathological cardiac remodeling. 
Results of echocardiography 4-weeks after TAC/MI surgery on C57BL/6N mice fed 
standard chow (Chow) vs. ketogenic diet (KD) starting 1-week prior to surgery (total of 
5-weeks on diet). 
(A) LVEF graphed as percent, (B) EDV (left) and ESV (right) graphed as volume (μL).  
Data are mean ± SEM (n = 8–15), *P < 0.05 Chow vs. KD or #P < 0.05 Sham vs. TAC/MI 
using 1-way ANOVA with post hoc Tukey HSD. 

 

Table 8. Echocardiographic analyses post-TAC/MI or sham procedure in 
mice fed standard chow or ketogenic diet. 

Data are mean ± SEM (n = 8–15); *P < 0.05 Chow vs. KD or #P < 0.05 Sham vs. TAC/MI 
using ANOVA with post-hoc Tukey’s HSD. 
See Appendix C for abbreviation definitions 

 Sham TAC/MI 
 Chow KD Chow KD 
HR (bpm) 707.1 ± 9.06 721.4 ± 16.35   662 ± 10.79   699 ± 13.91 
BW (g) 23.96 ± 0.47 25.81 ± 0.64 22.06 ± 0.54 23.94 ± 0.73 
Ao Prox  3.65 ± 0.31  3.57 ± 0.38  2.95 ± 0.14  2.98 ± 0.21 
Ao Band  3.19 ± 0.17  3.09 ± 0.21 18.33 ± 1.31 # 19.87 ± 1.57 # 
VTI Ratio  0.90 ± 0.05  0.92 ± 0.09  6.49 ± 0.62 #  6.78 ± 0.55 # 
EDV (μL) 42.06 ± 4.12 37.54 ± 3.09   123 ± 9.47 #    95 ± 6.68 #* 
ESV (μL) 16.29 ± 1.84 14.86 ± 1.55   105 ± 9.08 #    78 ± 6.79 #* 
EF (%)  60.9 ± 2.30  60.3 ± 2.15 15.39 ± 1.42 # 18.59 ± 2.41 # 
Peak velocity  0.98 ± 0.06  0.96 ± 0.06  3.69 ± 0.17 #  3.71 ± 0.20 # 
Peak gradient  3.94 ± 0.43  3.75 ± 0.49 56.02 ± 5.06 # 56.38 ± 6.28 # 
SWMSI     0 ± 0     0 ± 0  0.55 ± 0.02 #  0.51 ± 0.02 # 

 

A KD, while increasing circulating levels of ketone bodies, introduces other 

significant dietary variables, including a marked enrichment in long-chain fatty acids 

together with reduced carbohydrate and amino acid composition. We sought to address 

the direct impact of chronically increasing 3OHB delivery to the heart. To this end, 

studies were conducted in the canine tachypacing model of dilated cardiomyopathy that 
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recapitulates, with high reproducibility, many of the functional, structural, biochemical, 

and molecular alterations that occur in human congestive HF (Dixon and Spinale, 2009). 

Importantly, this large-animal model allows chronic delivery of 3OHB via an indwelling 

catheter in the right ventricle together with in vivo measurements of hemodynamics and 

myocardial substrate metabolism. The graded tachypacing protocol results in severe and 

predictable cardiac decompensation over a period of approximately 4-weeks (Woitek et 

al., 2015). Starting on day 13 of pacing, when cardiac function was still in the 

compensated stage, 3OHB was infused continuously into the right ventricle until the end 

of the protocol (day 29 of pacing), resulting in a steady-state arterial plasma 

concentration of approximately 2.5-fold higher than that measured in an untreated 

historical control HF group used for comparison in this study (Figure 30A). The infusion 

did not alter arterial pH and did not affect food or water intake, as also indicated by the 

absence of significant changes in body weight compared with the HF control group at the 

end of the study (data not shown). The impact of chronic ketone body administration on 

cardiac function and LV remodeling was dramatic. With 3OHB infusion, heart rate and 

cardiac output remained at prepacing levels, and the progressive pacing-induced 

diminution in LVEF was markedly blunted (Figure 31A and Table 9). The 3OHB infusion 

completely prevented the rise in LV end-diastolic pressure (LVEDP) and attenuated the 

increase in LV end-diastolic diameter (LVEDD) (Figure 31A and Table 9). The latter 

effect indicated reduced chamber remodeling, as confirmed by the preservation of 

cardiac weight relative to control non-paced hearts, while pacing alone led to a 

significant increase in cardiac mass (data not shown). The characteristic reduction in 

dP/dtmax and dP/dtmin was not influenced by 3OHB under basal conditions (Table 9), but 

dP/dtmax was increased by 3OHB in response to a dobutamine challenge (Figure 31B). In 

addition, although mean arterial pressure was unchanged by the treatment, total 
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peripheral resistance and effective arterial elastance (Ea), 2 indices of afterload, were 

lower in the 3OHB-infused animals (Figure 31A and Table 9). Taken together, these 

results demonstrate a remarkable protective effect of 3OHB infusion on pathologic 

cardiac remodeling and suggest that the beneficial effects involve direct actions on the 

myocyte, as well as afterload reduction. 

 

 

 
Figure 30. Circulating levels of ketone bodies were elevated after tachypacing 
and further increased with 3OHB infusion.  

(A) Arterial metabolite concentrations of (left to right) ketones, free fatty acids, glucose, 
and lactate measured in dogs with non-paced hearts without (Control, n = 6) and with 
3OHB infusion (Control+3OHB, n = 5) and during the last day of cardiac pacing in dogs 
without (HF, n = 6) and with 3OHB infusion (HF+3OHB, n = 6). *P < 0.05 vs. Control, or 
#P < 0.05 HF vs. HF+3OHB one-way ANOVA followed by the Student-Newman test. The 
set of data for HF and non-paced controls was randomly selected from historical pools. 
(B) Cardiac uptake of ketone bodies, glucose, free fatty acids (FFA), and lactate, (bottom 
left to right) myocardial oxidation of glucose and FFA, and myocardial oxygen 
consumption (MVO2) in non-paced hearts without 3OHB infusion (Control, n = 6) and 
with 3OHB infusion (Control+3OHB, n = 5) (Top left to right) Data are mean ± SEM. 
*P < 0.05 vs. Control using t test. 
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Figure 31. Chronically increased delivery of ketone bodies to the heart by 
direct infusion ameliorates pathological cardiac remodeling. 

(A) Results of echocardiography and hemodynamic monitoring at weeks 0, 2, and 4 of 
tachypacing in dogs without (HF) or with infusion of 3-hydroxybuytrate (HF + 3OHB). 
Note that the “2-week” echo was performed on day 14 for the HF dogs, and — for the 
HF + 3OHB group — the echo was performed on days 12–13 immediately before starting 
3OHB infusion. The set of data for HF was randomly selected from a historical pool. 
(B) β-Adrenergic response to dobutamine infused after 4-weeks of cardiac pacing. 
Data are mean ± SEM (n = 7–8 per group), *P < 0.05 vs. baseline or #P < 0.05 HF vs. 
HF + 3OHB at the corresponding time point using 2-way ANOVA followed by Student-
Newman test for multiple comparisons. See Appendix C for abbreviation definitions. 
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Table 9. Serial Echocardiographic analyses in tachypacing canines and 
controls, with and without 3OHB infusion. 

Tachypaced canines not infused with 3OHB (HF), infused with 3OHB (HF + 3OHB), and 
sham controls infused with 3OHB (Control + 3OHB). 
Data are mean ± SEM *P < 0.05 vs baseline; #P < 0.05 3OHB vs HF. 
See Appendix C for abbreviation definitions 

Measure Treatment Baseline 2-weeks 4-weeks 
Heart Rate HF 106.7 ± 4.0 107.2 ± 7.5 136.0 ± 5.6 * 
(bpm) HF+3OHB 110.6 ± 3.6 109.2 ± 5.3 115.8 ± 4.7  # 
 Control+3OHB 119.0 ± 5.1 117.3 ± 4.7       - 
LVSP HF 130.0 ± 4.0 108.2 ± 3.7 *  91.4 ± 3.8 * 
(mmHg) HF+3OHB 124.3 ± 4.0 101.5 ± 2.9 *  96.9 ± 2.3 * 
 Control+3OHB 119.0 ± 5.1 117.3 ± 4.7       - 
MAP HF 110.2 ± 2.6  92.7 ± 3.2 *  77.6 ± 3.7 * 
(mmHg) HF+3OHB 107.0 ± 2.0  85.1 ± 2.8 *  83.0 ± 3.1 * 
 Control+3OHB 101.0 ± 4.5  96.4 ± 6.1       - 
LVEDP HF   6.8 ± 1.2  10.5 ± 1.5  25.3 ± 0.6 * 
(mmHg) HF+3OHB   6.1 ± 0.6   9.6 ± 2.0   8.2 ± 1.2  # 
 Control+3OHB   3.6 ± 2.0   6.4 ± 1.7       - 
dP/dtmax HF  3776 ± 260  2002 ± 249 *  1533 ± 102 * 
(mmHg) HF+3OHB  3975 ± 461  2575 ± 486 *  1840 ± 98  * 
 Control+3OHB  3340 ± 708  2922 ± 204       - 
dP/dtmin HF -3168 ± 194 -2284 ± 76  * -1905 ± 125 * 
(mmHg) HF+3OHB -3178 ± 422 -2437 ± 315 * -1901 ± 94  * 
 Control+3OHB -2558 ± 220 -2773 ± 142       - 
MCBF HF  57.9 ± 1.2  53.0 ± 5.1  56.9 ± 1.5 
(mL/min) HF+3OHB  59.1 ± 5.8  51.1 ± 3.8  62.5 ± 2.8 
 Control+3OHB  61.5 ± 2.2  53.3 ± 3.8       - 
Ea HF   4.3 ± 0.4   4.4 ± 0.4   4.2 ± 0.4 
(mmHg/mL) HF+3OHB   4.2 ± 0.2   4.2 ± 0.4   3.4 ± 0.2 * 
 Control+3OHB   4.2 ± 0.5   3.5 ± 0.5       - 
TPR HF  41.1 ± 6.4  37.2 ± 3.3  44.6 ± 4.3 
(mmHg/L) HF+3OHB  36.2 ± 2.6  32.2 ± 2.9  26.8 ± 1.8 *# 
 Control+3OHB  38.3 ± 4.9  32.6 ± 6.6       - 
EF HF  64.3 ± 1.8  51.3 ± 2.3 *  37.0 ± 3.1 * 
(%) HF+3OHB  66.9 ± 3.4  58.9 ± 2.2 *  56.1 ± 1.5 *# 
 Control+3OHB  69.8 ± 2.9  68.2 ± 2.6       - 
LVEDD HF  42.0 ± 1.2  44.9 ± 1.7 *  50.1 ± 1.2 * 
(mm) HF+3OHB  40.4 ± 0.4  43.9 ± 0.5 *  45.4 ± 0.8 *# 
 Control+3OHB  40.5 ± 0.5  41.2 ± 0.2       - 
CO HF   3.1 ± 0.4   2.5 ± 0.2   1.9 ± 0.2 * 
(L/min) HF+3OHB   2.9 ± 0.3   2.7 ± 0.2   3.2 ± 0.2 # 
 Control+3OHB   2.7 ± 0.2   3.2 ± 0.5       - 
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The impact of 3OHB on cardiac substrate oxidation rates was assessed at the 

conclusion of the pacing protocol by infusing [9,10-3H]-oleate and [U-14C]-glucose 

isotopic tracers and measuring coronary blood flow. In addition, arteriovenous (A-V) 

differences of ketone bodies and lactate across the heart were multiplied by coronary 

flow to calculate net cardiac uptake. As expected, the uptake of ketone bodies was 

increased with HF compared with historical non–cardiac-paced controls and further 

with 3OHB infusion (Figure 32A). The infusion of 3OHB did not significantly alter the 

arterial levels of free fatty acid (FFA) and glucose, while it caused a slight, albeit 

significant, reduction in circulating lactate (Figure 30A). Consistent with previous 

studies in this model (Seki et al., 2018), palmitate oxidation rates decreased and glucose 

oxidation rates increased in the HF group compared with controls in the absence of 

3OHB treatment (Figure 32, B and C). In the failing heart, myocardial glucose uptake 

and oxidation rates were markedly suppressed by 3OHB infusion, whereas FFA uptake 

and oxidation was not significantly changed (Figure 32, B–E). 3OHB infusion reduced 

net lactate uptake, which could reflect reduced consumption and/or increased 

production by the myocyte (Figure 32F). 
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Figure 32. Impact of 3OHB infusion on cardiac substrate utilization. 

Cardiac substrate utilization measured at the last day of the cardiac pacing protocol in 
dogs without (HF) or with infusion of 3-hydroxybuytrate (HF + 3OHB) compared with 
non-paced controls. The set of data for HF and non-paced controls was randomly selected 
from historical pools. 
(A) Cardiac uptake of ketone bodies. 
(B and C) Myocardial oxidation of (B) FFA and (C) glucose. 
(D and E) Cardiac uptake of (D) glucose and (E) FFA. 
(F) Cardiac uptake of lactate. 
(G) Myocardial oxygen consumption (MVO2). 
Data are mean ± SEM (n = 6), *P < 0.05 vs. Control; #P < 0.05 HF vs. HF + 3OHB by 1-
way ANOVA followed by Student-Newman test for multiple comparisons. 
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Notably, the reduction in myocardial O2 consumption (MVO2) occurring in the 

HF group was prevented by 3OHB infusion, consistent with increased work (Figure 

32G). Since pressure-volume or diameter loops were not measured in this study, we 

could not precisely calculate cardiac efficiency. However, stroke volume was determined 

by echocardiography, and — by approximating the height of the pressure-volume loop as 

equal to mean arterial pressure minus half of the LVEDP — we calculated a close 

estimate of the pressure-volume loop area. This was then divided by MVO2 to determine 

myocardial mechanical energetic efficiency (Saavedra et al., 2002). These calculations 

indicated that myocardial mechanical efficiency was approximately 30% higher in dogs 

infused with 3OHB than nontreated dogs (79,850.70 ± 5,549.48 vs. 

59,770.58 ± 6,171.35 mmHg × beat/100 g, P < 0.05). 

Interestingly, the impact of 3OHB on myocardial substrate utilization exhibited a 

different pattern in non-paced control hearts. Specifically, 3OHB infusion resulted in 

decreased palmitate uptake and oxidation rates, whereas glucose uptake and oxidation 

rates remained unchanged and net lactate uptake was reduced (Figure 30B). In addition, 

chronic 3OHB infusion decreased MVO2 in the non-paced control animals (Figure 30B). 

Taken together, the substrate utilization results suggest that ketones compete with the 

main myocardial substrates in a pattern that is influenced by the existence of cardiac 

dysfunction. 

5.2.5 3OHB Augments Respiratory Efficiency in Isolated Heart 
Mitochondria 

Infusion of 3OHB resulted in a marked improvement in cardiac function and 

remodeling in the tachypacing model, together with evidence of increased myocardial 

uptake of the ketone body. These observations suggest that, in the context of reduced 

capacity for oxidizing the main substrates (fatty acids and glucose), 3OHB improved 
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cardiac bioenergetics, thereby augmenting contractile function. One potential 

mechanism for the observed effect on energetics is that 3OHB provides a substrate for 

generating additional acetyl-CoA, leading to increased production of NADH to drive 

energy transfer and ATP production (Kim et al., 1991; Veech, 2004). We sought to 

discern the energetic value of 3OHB using a recently developed bioenergetics assay 

platform in which comprehensive assessment of mitochondrial respiratory flux is 

conducted on freshly isolated mouse heart mitochondria (Fisher-Wellman et al., 2018). 

The platform features a modified version of the creatine kinase (CK) energetic clamp 

technique (Glancy et al., 2008; Messer et al., 2004; Taegtmeyer et al., 1980), which 

permits dynamic control of the extramitochondrial concentration ratio of ATP/ADP — 

and, thus, the energy of ATP hydrolysis (ΔGATP) — within a near-physiologic range. In 

simple terms, the technique evaluates how well a given population of mitochondria 

exposed to a specific mixture of carbon fuels responds to an energetic challenge. The 

transition from a high to low ATP/ADP ratio mimics an increase in energy demand, akin 

to a transition between rest and exercise, and thereby serves as an in vitro stress test. 

Analysis of the linear relationship between energy demand (ATP/ADP, ΔGATP) and 

steady-state oxygen flux (JO2) allows for an estimation of respiratory conductance (i.e., 

reciprocal of resistance), wherein a steeper slope indicates greater sensitivity and 

improved kinetics. Both the absolute rates of oxygen consumption and respiratory 

sensitivity (slope) depend on energy gradients and fluxes controlled by 3 principal 

regulatory nodes (Figure 33): (a) the dehydrogenase enzymes, (b) the electron transport 

system (ETS), and (c) ATP synthesis and transport, which together mediate the transfer 

of energy from that available in carbon substrates to electron potential energy (ΔGredox), 

to the proton motive force (PMF, ΔGH+), to the free energy of ΔGATP. Thus, to gain insight 

into the free energies that drive the transduction process, the dynamic JO2 assays are 
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combined with parallel assessments of mitochondrial membrane potential (ΔΨ), the 

primary contributor to the PMF, and NAD(P)H/NAD+ redox state. 

The assay system was first used to evaluate 3OHB-supported energy transduction 

in the context of Km concentrations of the anaplerotic substrates, pyruvate and malate 

(P/M), in the absence of fatty acid (Figure 34). Addition of 2 mM 3OHB caused a modest 

but significant increase in respiratory sensitivity (slope of JO2 vs. ΔGATP), while affording 

a more polarized (more negative) ΔΨ and a more reduced NAD(P)H/NAD+ redox state 

(e.g., a higher NAD[P]H/NAD[P]+ ratio). Ketone-mediated enhancements in JO2 and 

energy transfer were even more impressive when added to Km concentrations of either 

P/αKG or αKG alone (Figure 34). Notably, in all 3 cases, the relationship between JO2 

and ΔΨ shifted rightward, such that mitochondria exposed to 3OHB were able to 

maintain a greater (more negative) ΔΨ for any given rate of oxygen consumption (Figure 

34). 
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Figure 33. Mitochondrial energy transduction.

Mitochondrial energy transduction. The model depicts a series of inter-connected 
mitochondrial energy transformation steps carried out by three district control nodes 
whereby chemical energy present in electron-rich carbon substrates is ultimately 
converted to ATP free energy (ΔGATP). In Node #1 (“Matrix Dehydrogenases”), respiratory 
fuels activate specific dehydrogenase enzymes that convert the chemical energy available 
in carbon substrates to electron potential energy (ΔG redox), assessed experimentally via 
the fluorescent measurement of the NAD(P)H/NAD(P)+ redox state. Electron potential 
energy is then transferred to Node #2 (“Electron Transport System” (ETS)), which 
converts energy available in ΔGredox to proton potential energy (ΔGH+) harnessed in the 
electrochemical proton motive force (PMF). Efficiency of energy transfer at Node 2 is 
assessed by fluorescent measurement of mitochondrial membrane potential (ΔΨ), the 
primary contributor to the PMF. In Node #3 (“ATP Synthesis”), the energy available in 
ΔGH+ drives the synthesis and transport of ATP via the ATP synthase complex (CV) and 
the adenine nucleotide translocase (ANT). Mitochondrial oxygen consumption (JO2) 
reflects the flux of the proton current at Complex IV of the ETS and thus serves as the 
experimental measurement of Node #3. The assay platform used to assess respiratory 
sensitivity and energy transfer efficiency leverages a creatine kinase (CK) clamp 
technique that permits dynamic control of the energy charge (and thus energy demand) 
to which isolated mitochondria are exposed by titrating and maintaining the 
extra-mitochondrial ATP:ADP ratio within a (near) physiologic range. 
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Figure 34. 3OHB augments respiratory sensitivity and efficiency in the 
context of Km concentrations of anaplerotic substrates. 

(A-C) Freshly isolated mitochondria from heart ventricles of C57BL/6NJ mice were 
utilized to assess the impact of 3-hydroxybutyrate (3OHB) on the relationship between 
(A) oxygen consumption rates (JO2) (B) ΔΨ in millivolts (mV), and (C)
NAD(P)H/NAD(P)+ redox state versus the estimated Gibbs energy of ATP hydrolysis
(ΔGATP).
Mitochondria were energized with Km concentrations either Pyruvate + Malate
(P/M; 110 μM each), α-Ketoglutarate + Pyruvate (αKG/P; 60 μM each) or
α-Ketoglutarate (αKG; 550 μM) in the absence (blue) or presence (red) of 2 mM 3OHB.
(D) Mitochondrial respiratory efficiency was evaluated by plotting JO2 against ΔΨ in the
presence of P/M ± 3OHB, αKG/P ± 3OHB, or αKG ± 3OHB.
Dotted lines separate the submaximal and maximal portions of JO2 vs. ΔGATP. Triangle
denotes the changing concentrations of ATP relative to ADP (ATP:ADP), resulting in a
reciprocal change in energy demand.
Data are mean ± SEM (n = 5). Measurements made at submaximal JO2 (A–C) were
analyzed by 2-way ANOVA (†main effect of ketone; ‡ketone, ΔGATP interaction; P < 0.05),
whereas those representing maximal JO2 (ΔGATP = –12.95) were analyzed via t test
(*P < 0.05)



 

128 

We next sought to examine the impact of 3OHB on mitochondria fueled with a 

more physiological mixture of substrates, including P/M and fatty acids. Here, octanoyl-

carnitine (OC) concentrations ranging from 10–100 μM were used to mimic impaired 

versus robust flux through the β-oxidation pathway, as occurs in failing hearts versus 

healthy hearts, respectively. Notably, increasing provision of OC resulted in greater 

maximal JO2 (Figure 35A), along with a more polarized ΔΨ (Figure 35B) and a more 

reduced NAD(P)H/NAD+ redox state (Figure 35C). Regardless of the OC concentration, 

addition of 3OHB had little impact on absolute JO2 and respiratory sensitivity but again 

produced a more negative ΔΨ, a more reduced NAD(P)H/NAD+ redox state, and a clear 

rightward shift in ΔΨ versus JO2, suggesting improved respiratory efficiency (Figure 

35D), particularly at the 2 lower OC doses. 
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Figure 35. 3OHB augments respiratory efficiency in isolated heart 
mitochondria. 

(A–C) Freshly isolated mitochondria from biventricular cardiac ventricles of C57BL/6N 
mice were utilized to assess the impact of 3-hydroxybutyrate (3OHB) on the relationship 
between (A) oxygen consumption rate (JO2) (B) membrane potential (ΔΨ) in millivolts 
(mV), and (C) NAD(P)H/NAD(P)+ redox state versus the estimated Gibbs energy of ATP 
hydrolysis (ΔGATP). 
Mitochondria were fueled with pyruvate + malate (P/M, 110 μM each) and increasing 
concentrations of L-octanoylcarnitine (OC; 10, 50, or 100 μM) in the absence (blue) or 
presence (red) of 2 mM 3OHB. 
(D) Mitochondrial respiratory efficiency was evaluated by plotting JO2 against ΔΨ in the 
presence of P/M + 10–100 μM OC ± 3OHB. 
Dotted lines separate the submaximal and maximal portions of JO2 vs. ΔGATP. Triangle 
denotes the changing concentrations of ATP relative to ADP (ATP:ADP), resulting in a 
reciprocal change in energy demand. 
Data are mean ± SEM (n = 5). Measurements made at submaximal JO2 (A–C) were 
analyzed by 2-way ANOVA (†main effect of ketone; ‡ketone, ΔGATP interaction; P < 0.05), 
whereas those representing maximal JO2 (ΔGATP = –12.95) were analyzed via t test 
(*P < 0.05). 
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To assess the necessity of 3OHB oxidation for the observed effects, identical 

experiments were repeated in heart mitochondria isolated from csBDH1-/- mice 

compared with Bdh1fl/flCre– controls. The findings demonstrate that the efficiency profile 

observed in the presence of 3OHB depends on BDH1 activity. Specifically, the 3OHB-

mediated effects on ΔΨ, respiratory efficiency, and NADH redox were not observed in 

BDH1-/- mitochondria (Figure 36 and Figure 37). Moreover, the S-enantiomer of 3OHB 

(S-3OHB, which is not a substrate for BDH1) did not confer the improvement in the 

respiratory efficiency profile observed with the R-enatiomer (R-3OHB) (Figure 36). The 

necessity of BDH1 for the effects of 3OHB on NADH generation and JO2 are further 

shown in Figure 36. Lastly, the use of acetoacetate (which bypasses the BDH1 step) 

produced a blunted response (Figure 36). In summary, while R-3OHB did not fully 

compensate for a limitation in FAO, this specific ketone clearly improved bioenergetic 

parameters when flux through the FAO pathway was limited. The energetic profile of 

3OHB-supported respiration is consistent with increased flux through NADH generating 

dehydrogenase enzymes and increased redox driving forces across the ETS, which in 

turn supports a more polarized ΔΨ for any given rate of oxygen consumption. These 

results suggest that ketones can defend against pathologic remodeling and HF not only 

by averting a severe acetyl-CoA deficit, but also by enhancing mitochondrial respiratory 

thermodynamics, including maintenance of a stronger PMF. 
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Figure 36. The effects of 3OHB on mitochondrial respiratory efficiency 
depend on BDH1 flux. 

(A–C) Freshly isolated mitochondria from heart ventricles of BDH1fl/fl (controls), 
csBDH1-/-, or WT C57BL/6N mice were used to assess the impact of 3OHB on the 
relationship between (A) oxygen consumption rate (JO2), (B) membrane potential (ΔΨ )
in millivolts (mV), and (C) NAD(P)H/NAD(P)+ redox state versus the estimated Gibbs 
energy of ATP hydrolysis (ΔGATP). 
Mitochondria were fueled with pyruvate + malate (110 μM each) and 50 μM 
L-octanoylcarnitine in the absence (blue) or presence of 2 mM of the (R, red) or (S, green) 
enantiomer of 3OHB, or acetoacetate (AcAc, gray). 
(D) Mitochondrial respiratory efficiency was evaluated by plotting JO2 against ΔΨ.
Dotted lines separate the submaximal and maximal portions of JO2 vs. ΔGATP. Triangle 
denotes the changing concentrations of ATP relative to ADP (ATP:ADP), resulting in a 
reciprocal change in energy demand. 
Data represent mean ± SEM (n = 4–6). Comparisons between BDH1fl/fl versus 
csBDH1-/-mitochondria were analyzed by 3-way ANOVA followed by Tukey HSD 
(#ketone/genotype interaction; §ketone effect; P < 0.05 and family-wise error rate 
[FWER] < 0.05) using measurements (A–C) made at submaximal JO2. Energy fluxes 
representing maximal JO2 (ΔGATP = –12.95) were analyzed by 2-way ANOVA and Tukey 
HSD (*FWER < 0.05, relative to vehicle control). Comparison of R and S enantiomers 
were analyzed by 2-way ANOVA (submaximal JO2) and 1-way ANOVA (maximal JO2) 
each followed by Tukey HSD (§effect of R at submaximal JO2; ¤effect of S at maximal JO2; 
FWER < 0.05). Effects of AcAc were analyzed by 2-way ANOVA at 
submaximal JO2 (†main effect of ketone; ‡ketone, ΔGATP interaction, P < 0.05) and t test 
at maximal JO2 (*P < 0.05). 
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Figure 37. Additional evidence demonstrating the effects of 3OHB on 
mitochondrial respiratory efficiency depend on BDH1 flux. 

(A–C) Freshly isolated mitochondria from heart ventricles of BDH1fl/fl (controls), 
csBDH1-/-, or WT C57BL/6N mice were used to assess the impact of 3OHB on the 
relationship between (A) oxygen consumption rate (JO2), (B) membrane potential (ΔΨ )
in millivolts (mV), and (C) NAD(P)H/NAD(P)+ redox state versus the estimated Gibbs 
energy of ATP hydrolysis (ΔGATP). 
Mitochondria were fueled with pyruvate + malate (P/M, 110 μM each) and 
L-octanoylcarnitine (OC; 10 or 100 μM) in the absence (blue) or presence (red) of 2 mM 
R-3OHB. 
(D) Mitochondrial respiratory efficiency was evaluated by plotting JO2 against ΔΨ.
Dotted lines separate the submaximal and maximal portions of JO2 vs. ΔGATP. Triangle 
denotes the changing concentrations of ATP relative to ADP (ATP:ADP), resulting in a 
reciprocal change in energy demand. 
Data represent mean ± SEM (n = 4–6). Comparisons between BDH1fl/fl versus 
csBDH1-/-mitochondria were analyzed by 3-way ANOVA followed by Tukey HSD 
(#ketone/genotype interaction; §ketone effect; P < 0.05 and family-wise error rate 
[FWER] < 0.05) using measurements (A–C) made at submaximal JO2. Energy fluxes 
representing maximal JO2 (ΔGATP = –12.95) were analyzed by 2-way ANOVA and Tukey 
HSD (*FWER < 0.05, relative to vehicle control) 
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Figure 38. The effects of 3OHB on JNADH and αKG-supported JO2 require 
BDH1 flux. 

Freshly isolated mitochondria from heart ventricles of BDH1fl/fl controls, csBDH1-/- or 
wildtype C57BL/6N mice were (A) permeabilized to assess the impact of 2 mM of either 
the R- (R) or S- (S) enantiomers of 3OHB on rates of NADH generation (JNADH); or (B) 
used intact to assess rates of oxygen consumption (JO2) in the presence of 500 μM 
α-Ketoglutarate (αKG) ± R-3OHB in the context of State 4 or maximal respiration during 
the CK clamp (estimated ΔGATP of -12.95 kcal/mole; similar to State 3).
Data are mean ± SEM (A, n = 3) and (B, n = 5). Data in B was analyzed by 3-way ANOVA 
(genotype × ketone × respiratory state) followed by Tukey's multiple comparisons test. 
(§FWER<0.05, effect of R-3OHB versus vehicle control under specified respiratory 
conditions) 

5.3 Discussion

During the development of HF, myocardial fuel metabolism is reprogrammed,

resulting in reduced capacity to oxidize fatty acids, the chief myocardial fuel (Lopaschuk 

and Jaswal, 2010; Stanley et al., 2005; Taegtmeyer and Overturf, 1988). Recently, we 

and others found that the hypertrophied and failing mouse heart utilizes ketone bodies 

at increased rates (Aubert et al., 2016; Bedi et al., 2016). These results, together with 

observations that circulating ketone bodies are increased in humans and experimental 
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dogs with HF (Puchalska and Crawford, 2017; Seki et al., 2018; Yokokawa et al., 2016), 

suggest that the failing heart oxidizes ketone bodies as an ancillary fuel in the context of 

reduced capacity to burn fatty acids, the chief substrate of the normal heart. However, 

the role of chronic ketone utilization as adaptive or maladaptive in the failing heart is 

unknown. In this study, we provide evidence that this fuel switch comprises an adaptive 

stress response based on the following lines of evidence. First, mice with cardiac 

deficiency of BDH1 cope poorly with nutritional deprivation and chronic pressure 

overload stress. Secondly, strategies aimed at increasing availability of ketone bodies 

ameliorated pathologic cardiac remodeling in both murine and large-animal models of 

HF. Lastly, in the context of reduced capacity to oxidize fatty acids and glucose, such as 

occurs in the failing heart, 3OHB enhanced bioenergetics in isolated mitochondria. 

Our stable isotope labeling protocol confirmed that the mitochondrial enzyme 

BDH1 is necessary for myocardial 3OHB oxidation in mouse hearts. Accordingly, the 

related cytosolic short-chain fatty acid dehydrogenase, BDH2, does not likely contribute 

significantly to 3OHB oxidation, raising a question as to its function. Our results also 

indicate that the normal mouse heart oxidizes 3OHB as a minor fuel, as evidenced by the 

increase in myocardial 3OHB levels and enhanced palmitate oxidation rates in the 

BDH1-/- heart. Interestingly, we found that BDH1 is necessary to maintain cardiac 

function in the context of the nutritional stress imposed by prolonged fasting. 

Specifically, the csBDH1-/- mice developed modest but significant fasting-induced 

reductions in LV function and increases in LV volume following a 24-hour fast. It is well 

known that the brain shifts to oxidation of ketone bodies as a fuel in the context of 

nutritional deprivation. The cardiac response of csBDH1-/- mice to fasting suggests that 

this adaptive shift to reliance on ketone bodies as a fuel is also operative in the heart. 

Hepatic production of ketone bodies 3OHB and acetoacetate is markedly increased in the 
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prolonged fasting state. Notably, the csBDH1-/- mice should still be able to oxidize 

acetoacetate in the heart via the reaction catalyzed by 3-oxoacid CoA-transferase 1 

(OXCT1) (Cotter et al., 2013). Accordingly, our results suggest that acetoacetate cannot 

fully substitute for 3OHB to meet the demands of the heart in the fasting state. 

The observation that csBDH1-/- mice develop worsened cardiac remodeling 

compared with controls following TAC/MI supports the conclusion that a shift to 

myocardial 3OHB oxidation in the hypertrophied and failing heart is adaptive. This 

conclusion is also supported by the previous observation that OXCT1-deficient mice also 

exhibit modest cardiac dysfunction with prolonged pressure overload (Schugar et al., 

2014). It should be noted that the csBDH1-/- mice exhibited greater LV dysfunction and 

remodeling than OXCT1-deficient mice in the context of a HF intervention. This could 

relate to the more aggressive HF model used here (TAC/MI) compared with TAC alone 

in the study with OXCT1-/- mice (Schugar et al., 2014). However, we cannot exclude other 

explanations for this phenotypic difference, such as the impact on redox state or 

metabolite accumulation profile related to the specific enzymatic action of BDH1. 

Regardless, the results of the OXCT1-/- and csBDH1-/- mice, together with the observed 

increase in 3OHB oxidation in the failing heart that occurs in the context of reduced 

utilization of fatty acids, suggest that ketone bodies are being used as an alternate 

oxidative fuel in order to maintain adequate ATP generation. This result is further 

supported by the recent observation that transgenic mice overexpressing BDH1 exhibit 

less pathologic remodeling in response to TAC (Uchihashi et al., 2017). 

The response of csBDH1-/- mice to TAC/MI prompted us to explore the impact of 

enhancing myocardial ketone delivery on the pathologic remodeling process that leads to 

HF. Administration of a KD, prior to and after the TAC/MI procedure in mice, reduced 

LV dilatation. However, KD also introduces major changes in nutrient composition. To 
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avoid these potentially confounding factors and directly assess the effects of increasing 

ketone body delivery, 3OHB was infused in a well-established canine pacing model of HF 

(Dixon and Spinale, 2009), starting during the phase of compensated cardiac 

dysfunction. The results were striking. 3OHB infusion completely prevented changes in 

LVEDP, preserved baseline heart rate, and markedly reduced pacing-induced 

diminutions in cardiac output and EF, thus halting the progression toward congestive 

HF. The chronic infusion of 3OHB also reduced LV remodeling, as evidenced by the less 

pronounced LV dilatation and lack of cardiac hypertrophy. Moreover, the enhanced 

dP/dtmax during β-adrenergic stimulation in 3OHB-treated dogs indicates a better-

preserved myocyte contractile reserve. It should also be noted that our in vivo findings 

raise the possibility that 3OHB infusion also influences cardiac output and remodeling 

by lowering afterload, as evidenced by reduced peripheral resistance and effective Ea. 

Such an effect could be related to a direct vasodilatory action exerted by 3OHB on 

resistance vessels, a secondary response to an increase in cardiac output, and/or 

decreased sympathetic tone. Future studies aimed at the extracardiac effects of 3OHB 

should prove interesting. 

The capacity for FAO is reduced in the failing heart, setting the stage for a 

compensatory increase in glucose utilization, though increased glycolysis has been 

shown to outpace the increases in downstream pyruvate oxidation due to PDH inhibition 

and elevated pyruvate carboxylation via malic enzyme 1 (Lahey et al., 2018). These 

collective fuel metabolic disturbances set the stage for a mitochondrial fuel (acetyl-CoA) 

input deficit. The myocardial substrate utilization studies following the pacing protocol 

indicate that the exogenous 3OHB served as an additional fuel for the failing canine 

heart. This conclusion is supported by the observations that cardiac 3OHB uptake was 

increased, together with an increase in oxygen consumption. The changes in myocardial 
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substrate oxidation observed with 3OHB infusion are also consistent with the conclusion 

that 3OHB provides an additional source of acetyl-CoA to the TCA cycle. The observed 

decrease in glucose oxidation rates likely reflects the well-known impact of increased 

acetyl-CoA levels on pyruvate dehydrogenase activity, otherwise known as the Randle 

effect (Randle et al., 1963). Interestingly, the effect of 3OHB on substrate utilization in 

the normal (non-paced) canine heart was different than that of the failing heart. In the 

normal heart, 3OHB infusion competed with FAO rather than glucose oxidation. This 

likely reflects the high rates of β-oxidation and derivative acetyl-CoA production in the 

normal heart. The substrate competition results in the normal canine heart shown here 

differ from those of a recent report that described a reduction on cardiac glucose uptake 

with acute infusion of 3OHB in humans without HF (Gormsen et al., 2017). The basis for 

this discrepancy is unclear but could relate to species differences or the impact of acute 

versus chronic infusion of 3OHB. It should also be noted that, in the study by Gormsen 

et al., glucose uptake — rather than glucose oxidation — was measured (Gormsen et al., 

2017). 

The bioenergetic effects of 3OHB oxidation were evaluated in freshly isolated 

mouse heart mitochondria using a recently developed assay platform that permits 

comprehensive assessment of respiratory fluxes and determinants of energy transfer 

(Fisher-Wellman et al., 2018). Importantly, this approach provides for a highly tractable 

model system wherein substrate supply and energetic backpressure (ΔGATP) can be 

precisely controlled. In the context of physiologic energy demands and limiting amounts 

of fatty acids and other substrates (as occurs in the failing heart), provision of 3OHB to 

intact mitochondria enhanced respiratory kinetics and thermodynamics. Our results 

support the conclusion that oxidation of 3OHB provides an alternate and uniquely 

efficient source of acetyl-CoA in the context of reduced oxidation of fatty acids and 
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pyruvate in the failing heart. Accordingly, increased generation of acetyl-CoA provides 

substrate for the TCA cycle, leading to increased production of NADH. NADH is also 

produced by the Bdh1-mediated oxidative reaction converting 3OHB to acetoacetate. We 

propose that the increased flow of reducing equivalents at Complex I of the ETC 

augments and protects the proton driving force and ΔGATP (Figure 39). Notably, the 

findings here align with the results of previous work conducted in healthy dogs and in 

rats, showing that provision of 3OHB improves cardiac respiratory efficiency and proton 

driving force (Kim et al., 1991; Sato et al., 1995; Veech, 2004). In these studies, the 

investigators surmised that the 3OHB oxidation reaction augments ΔGredox and promotes 

electron flux through Complex I of the ETS, while limiting flux through FAD-linked 

enzymes. In theory, the resulting improvement in redox driving forces across the ETS 

should support a more polarized ΔΨ for a given rate of oxygen consumption — the exact 

phenotype observed in our in vitro assays. This observation is noteworthy because, in 

working hearts, the energy harnessed in the steady-state PMF (Δp) determines the 

extent to which the ATP synthase complex can displace the ATP/ADP ratio from 

equilibrium, which dictates the free energy of ΔGATP and, thus, the power available for 

cardiac work. 

Taken together, our results support the conclusion that ketone bodies provide an 

additional myocardial fuel source when fatty acids and glucose cannot fully satisfy 

energy demands such as occurs in HF or in the context of prolonged fasting. Accordingly, 

increasing the availability of 3OHB exerts cardioprotective effects in pathophysiologic 

circumstances that lead to HF by providing an ancillary fuel source and improving 

mitochondrial energetics. It should be noted that our data do not exclude additional 

cardioprotective actions of 3OHB beyond energetics. For example, our results raise the 

possibility that 3OHB can exert beneficial extracardiac effects, including reducing 
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peripheral resistance, although we have not determined if this is a primary or secondary 

effect. In addition, 3OHB has been shown to convey anti-inflammatory functions and 

exert epigenomic effects, including inhibition of histone deacetylases (HDACs), which 

have been implicated in pathologic cardiac hypertrophy (Shimazu et al., 2013; Youm et 

al., 2015). Taken together, our results strongly suggest that increasing delivery of 3OHB 

to the heart should be considered as a potentially novel ancillary therapeutic approach to 

HF. 

 

 

 

 

 
Figure 39. Proposed impact of 3OHB on mitochondrial redox and 
respiratory efficiency in heart failure. 

Red arrows indicate reduced capacity for fatty acid (FA) and glucose oxidation 
contribution to the mitochondrial acetyl-CoA pool in the failing heart. Green arrows 
denote augmentation of acetyl-CoA pool, redox (NADH/NAD+), mitochondrial 
membrane potential, and ATP-producing capacity secondary to increased 
3-hydroxybutyrate oxidation. BHD1, β-hydroxybutyrate dehydrogenase 1; SCOT, 
Succinyl-CoA:3-ketoacid CoA transferase; PDC, pyruvate dehydrogenase complex. 



 

140 

6. Conclusions 
As the heart progresses through hypertrophy and into a failing state, it undergoes 

energetic and hypertrophic remodeling. There exists considerable interest in delineating 

the regulatory mechanisms that occur in the early stages of heart failure — i.e., minimal 

cardiomyocyte death and fibrosis — as this may advance the development of novel 

treatment modalities. Previous collaborative work between the Muoio and Kelly labs 

focused on the early pathologic changes en route toward failure and identified three key 

signatures of disease: 1) accumulation of acylcarnitines; 2) mitochondrial 

hyperacetylation; and 3) elevated ketone catabolism. 

Mitochondrial hyperacetylation offered a very promising explanation to the 

metabolic dysfunction of heart failure. Because the metabolic derangements of heart 

failure could not be sufficiently explained by alterations in protein expression, post-

translational mechanisms were warranted. As a post-translational modification (PTM), 

mitochondrial acetylation was generally thought to disrupt protein function and 

compromise bioenergetic capacity (Carrico et al., 2018). The accumulation of acetylation 

leading to metabolic dysregulation and ever more acetylation was a mechanistically 

satisfying disease model. We therefore presumed Kac to be responsible for the 

accumulated acylcarnitine profile, depleted TCA cycle intermediates, and elevated lactate 

to pyruvate ratio observed in the early failing heart (Figure 1). 

The role of ketone catabolism in heart failure was less clear – did it contribute to 

or mitigate the disease process? In the first step of ketone catabolism, β-hydroxybutyrate 

dehydrogenase 1 (BDH1) consumes NAD+, which may reduce the activity of Sirt3, an 

NAD+-dependent mitochondrial deacetylase. Additionally, the end product of ketone 

catabolism is acetyl-CoA, the precursor of mitochondrial lysine acetylation. In these 

ways, elevated ketone flux may have added to mitochondrial hyperacetylation and 
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exacerbated the metabolic dysfunction of the failing heart. Alternatively, ketone 

catabolism may have provided a means to circumvent the metabolic bottlenecks in fatty 

acid oxidation (FAO) and/or the pyruvate dehydrogenase complex (PDH), thereby 

mitigating the disease process. 

The work presented herein addressed the role of mitochondrial hyperacetylation 

and ketone catabolism in the pathogenesis of heart failure. The conclusions, caveats, and 

future prospects are discussed below.  

6.1 Mitochondrial Hyperacetylation – Conclusions, Caveats, Future 
Work 

The data presented in Chapter 4 does not support a mechanistic link between 

cardiac hyperacetylation, impaired mitochondrial bioenergetic transduction, or the 

development of heart failure. This work is part of a growing body of literature 

challenging the hypothesis of mitochondrial acetylation as a cause of mitochondrial 

dysfunction (Fernandez-Marcos et al., 2012; Fisher-Wellman et al., 2019; Peterson et al., 

2018; Williams et al., 2019). However, many other Sirt3-/- animal models exhibit 

hyperacetylation in conjunction with considerable metabolic dysfunction under basal or 

pathologically stressed states (Alrob et al., 2014; Chen et al., 2015; Hirschey et al., 2010; 

Jing et al., 2013; Koentges et al., 2015). Therefore, it is worth briefly examining the 

limitations of our studies.  

First, the genetic ablations in our dual knock-out animal model (DKO, 

Crat/Sirt3M-/-) were limited to the heart and skeletal muscle via muscle creatine kinase 

promoter driven Cre recombinase. However, many hyperacetylation models with 

dysfunctional metabolism were reported in models of whole-body ablation (Alrob et al., 

2014; Chen et al., 2015; Hirschey et al., 2010; Jing et al., 2013; Koentges et al., 2015), 

possibly implicating a developmental component or coordination between multiple-
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tissues in the pathogenesis. Additionally, the DKO mouse model was on a C57BL/6N 

background, a substrain closely related to the more popular C57BL/6J line but with 

functional Nicotinamide nucleotide transhydrogenase (Nnt) expression, a ubiquitously 

expressed mitochondrial inner membrane protein with a prominent role in 

mitochondrial reactive oxygen species detoxification. It is unclear if other animal models 

— especially those on a mixed B6-129S background — have functional NNT expression or 

not.  

In addition to differences between animal models, our experimental approach 

has limitations. For example, the mitochondrial bioenergetic assay platform developed 

Chapter 3 and applied in Chapter 4. Although sophisticated and comprehensive, the 

assays are inherently limited by the use of isolated mitochondria which may not 

recapitulate in vivo bioenergetics (Picard et al., 2011). To address this limitation, we 

employed a surgical model of heart failure (trans-aortic constriction, TAC) to stress the 

heart in vivo. However, TAC is not without caveats as response differences between 

mouse strains are well documented (Garcia-Menendez et al., 2013; Nickel et al., 2015).  

Nonetheless, I contend that the work presented in Chapter 4 is compelling and 

should be considered in the context of other recent developments in the field of 

mitochondrial hyperacetylation. First, other reports of minimal bioenergetic 

perturbations in organ-specific mitochondrial hyperacylation models lessens the 

possibility that the results in Chapter 4 are anomalous (Fisher-Wellman et al., 2019; 

Peterson et al., 2018; Williams et al., 2019). Additionally, increasingly sophisticated 

analytical techniques have found the stoichiometry of mitochondrial acetylation to 

constitute < 1% of sites (Hansen et al., 2019; Weinert et al., 2015). Based on these 

estimates, it is likely that other acyl-modifications are even less abundant as acetyl-CoA 
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is one of the most plentiful acyl-CoA species within the mitochondrial matrix 

(Sadhukhan et al., 2016).  

Given these observations, I believe future work to understand the role of 

mitochondrial sirtuins (esp. Sirtuin3) should reevaluate the hypothesis that ac(et)ylation 

per se is biologically meaningful and consider alternative roles these enzymes may serve. 

Additionally, future endeavors into the metabolic derangement of heart failure should 

not dwell on other acylation moieties and should instead look toward alternative 

mechanisms. While working on the bioenergetic characterization of the DKO 

hyperacetylated mitochondria, an interesting observation was made on the metabolic 

efficiency of fatty acid oxidation which led to the formation of a new mechanistic 

hypothesis (below).  

6.2 Cardiac Ketone Catabolism – Conclusions, Caveats, and Future 
Work 

The data presented in Chapter 5 indicated cardiac ketone catabolism to be an 

adaptive response to nutritional (fasting) and pathologic (pressure overload) stimuli, 

which was at least partly mediated through enhanced mitochondrial respiration.  

The beneficial effects of hyperketonemia observed in the animal models of heart 

failure were predicted, in part, following the unexpected risk reductions observed in the 

EMPA-REG OUTCOME trial (Ferrannini et al., 2016; Zinman et al., 2015). Patients with 

type 2 diabetes and high cardiovascular risk were administered the sodium-glucose 

cotransporter 2 (SGLT2) inhibitor empagliflozin and exhibited 35% risk reduction in 

hospitalization for heart failure relative placebo. Patients on an SGLT2 treatment 

regimen typically experience a mild, persistent hyperketonemia and Ferrannini, Mark, 

and Mayoux hypothesized that this may enhance cardiac mitochondrial bioenergetics 

and thereby account for the unanticipated cardioprotection found in the EMPA-REG 
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OUTCOME trial (2016). The work in Chapter 5, along with other recent publications 

(Nielsen et al., 2019) strengthens this hypothesis and offers exciting new opportunities to 

understand and treat the failing heart.  

We demonstrated ketone catabolism enhances mitochondrial respiratory 

efficiency in substrate limited conditions mimicking the failing heart. To strengthen this 

observation, future work should evaluate the respiratory efficiency of ketones in 

mitochondria isolated from failing hearts. Assuming the mitochondrial bioenergetic 

enhancement is observed in failing hearts, subsequent experiments should be devised to 

understand how this effect is mediated by ketone catabolism. Personally, I hypothesize 

ketone catabolism to modulate TCA cycle flux and electron current through the ETS — 

particularly at the Q-cycle junction —to achieve a more thermodynamically 

favorable/efficient series of half-cell reactions (Sato et al., 1995). I anticipate the 

successful testing of these hypotheses will include the bioenergetic assay platform 

developed in Chapter 3, metabolic flux analysis with stable isotope tracers in both 

isolated mitochondria and Langendorff heart perfusions, and split-beam 

spectrophotometers to measure the ETS redox states.  

  Beyond mitochondrial bioenergetics, the ketone mediated improvement in 

cardiovascular risk reduction may stem from additional physiological mechanisms 

within the myocardium — ex. epigenetic changes (Shimazu et al., 2013)— and outside the 

myocardium — alterations in vascular tone, neurohormonal modulation, etc. Albeit 

outside of mitochondrial bioenergetics and metabolism, it is therefore necessary to 

delineate the role of these mechanisms through experimentation. 
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6.3 Revising the Working Model of Metabolic Dysfunction in the 
Early Failing Heart 

The results from Chapters 4 and 5 necessitate a revision to our original model of 

metabolic dysfunction in the pathogenesis of heart failure (Figure 1). Evidence now 

suggests Nϵ-lysine acetylation in the mitochondrial matrix to be an epiphenomenon, 

possibly reflecting an expanded acetyl-CoA pool in early stage heart failure (Lai et al., 

2014) (Figure 40). Additionally, ketone catabolism is known to mitigate disease 

progression (Figure 31) and evidence suggests this to be partly mediated through 

enhanced mitochondrial bioenergetic transduction (Figure 35). 

 

 
Figure 40. A summary of the metabolic dysfunction in early heart failure and 
revised mechanisms 

Metabolomic Analysis found (1) Elevated acylcarnitines (2) Decreased tricarboxylic acid 
(TCA) cycle intermediates (3) Elevated lactate to pyruvate ratio and (4) Increased acetyl-
CoA levels, which may increase lysine acetylation (5, purple arrow). These results suggest 
multiple bottlenecks to carbon flux, with unknown etiologies (yellow question marks).  
(5) Increased mitochondrial protein acetylation (Kac) is sometimes observed in heart 
failure. However, it does not seem to play any causative role in disease pathogenesis. It 
may simply reflect the expanded pool of acetyl-CoA (purple arrow).  
(6) Increased β-hydroxybutyrate dehydrogenase 1 (BDH1) enzyme expression and 
β-hydroxybutyrate dehydrogenase (3OHB) oxidation. Utility of ketone oxidation is 
bioenergetically beneficial under conditions of limited fatty acid and pyruvate oxidation 
(green check). The exact mechanisms are still unknown but may involve circumvention of 
bottlenecked pathways. 
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Now, an alternative mechanism is needed to explain the accumulated 

acylcarnitine profile, depleted TCA cycle intermediates, and elevated lactate to pyruvate 

ratio observed in the early failing heart. To that end, we fortuitously observed a peculiar 

difference in the respiratory efficiency of long and medium chain fatty acid oxidation 

while tinkering with the bioenergetic assay platform. Briefly, medium chain fatty acid 

oxidation (in the form of octanoylcarnitine, Oct) is quite robust in cardiac mitochondria 

whereas long chain fatty acid oxidation (in the form of palmitoylcarnitine, PC) is 

surprisingly inefficient (Figure 41A). Additionally, PC exhibits a biphasic response where 

ΔΨ suddenly collapses in the transition to resting state. The addition of pyruvate to the 

assay will unexpectedly rectify this phenomenon (Figure 41B). Because this inefficiency 

occurs in healthy cardiac mitochondria, it suggests an inherent flaw in long-chain fatty 

acid catabolism which may play a role in the dysfunctional β-oxidation and acylcarnitine 

accumulation observed in the progression to heart failure. In support of this hypothesis, 

computational analysis has predicted an inherent vulnerability in β-oxidation (Martines 

et al., 2017; van Eunen et al., 2013). At the time of this writing, ongoing work has yielded 

additional, intriguing observations and formulated an exciting mechanistic framework 

for future experimentation. Although the project is still young, preliminary experiments 

suggest this new model will explain the accumulation of acylcarnitines, depletion of TCA 

cycle intermediates, and reduced flux through the PDH complex observed in early failing 

heart. 
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Figure 41. Respiratory efficiency of medium- and long-chain acylcarnitines 
in cardiac mitochondria. 

All experiments performed using isolated cardiac mitochondria. Mitochondria respiratory 
efficiency evaluated by plotting JO2 against ΔΨ. Data are mean ± SEM (n = 4–9). 
(A) Comparing respiratory efficiency between medium-chain (blue, Oct/Mal) and long-
chain (red, PC/Mal) acylcarnitines.
(B) Comparing respiratory efficiency between long-chain acylcarnitine (red, PC/Mal), 
Pyr/Mal (grey) and a combination of both (green).
Abbr.: Palmitoylcarnitine (PC), Octanoylcarnitine (Oct), Pyruvate (Pyr), Malate (M) 
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Appendices 

A. Additional Data and Rationale Related to the 
Mitochondrial Diagnostics Platform 

A.1. Mitochondrial Respiration with the CK Clamp 

For method details see Section 2.2.5 

Isolated mitochondria were added to the assay buffer containing Creatine 

(5 mM), Phosphocreatine (1 or 1.5 mM), and Creatine kinase (20 U/mL). Next, 

respiratory substrates were added, followed by adenosine triphosphate (ATP, 5 mM; 

MilliporeSigma A9062). Next, sequential additions of PCr were added to produce 

concentrations of 3, 6, 9, 12, and 15 mM. As PCr is added, it pushes the equilibrium to 

the left in the following chemical equation: 

ATP +  Cr ↔  ADP +  PCr 

As a result, the concentration of ATP increases and the concentration of ADP 

decreases, driven further away from equilibrium. Another way of saying this is the ratio 

of ATP:ADP increases, which makes the Apparent Gibbs Energy of ATP hydrolysis 

(ΔG′ATP) more negative. From a biological perspective, the addition of PCr gradually 

reduces the JO2 back toward baseline, which mimics a ‘resting state’ in the mitochondria. 

When the JO2 is plotted against the calculated ΔG′ATP, a linear force-flow relationship is 

revealed, the slope of which represents the conductance/elasticity of the entire 

respiratory system under specified substrate constraints. 

Assay Rationale. Traditional respirometry involves the assessment of 

mitochondrial JO2 via the addition of ADP, either in bolus amounts (e.g., no ADP 

“state 4” vs 5 mM ADP “state 3”) or in submaximal clamped titrations (e.g., hexokinase 

ADP clamp technique). In either case, respiratory flux is stimulated exclusively via ADP. 

Such conditions differ dramatically from those present in vivo whereby mitochondrial 
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flux rates respond to alterations in the free energy of ATP hydrolysis (ΔG′ATP), which 

itself exists as the “back-pressure” in living systems preventing unabated metabolic flux. 

A total collapse in ΔG′ATP (i.e., excess amounts of ADP) would eliminate the ability of 

ATP to carry out cellular work and as such would exist only in non-living systems. The 

creatine kinase clamp technique bypasses the need for bolus ADP to stimulate 

respiration and in turn does so via manipulation of the extra-mitochondrial ATP/ADP 

ratio and, thus, free energy of ATP hydrolysis. This system better mimics physiologic 

constraints and allows for an estimation of respiratory conductance/elasticity 

throughout the OXPHOS system based on a linear force:flow relationship (e.g., Ohm’s 

Law; I = V/R).  In this equation, current (i.e., flow; I) is respiratory flux, net driving force 

(V) is the difference between two free energies (i.e., ΔG′ATP) and conductance is the 

reciprocal of resistance (R). By plotting mitochondrial JO2 against the ΔG′ATP the 

resulting slope represents the conductance and/or elasticity of the respiratory system 

under defined substrate conditions. A change in respiratory conductance implies that 

resistance has either been increased (depressed slope) or decreased (increased slope) at 

some point or points within the OXPHOS system. The general source of resistance can 

then be interrogated by measuring the mitochondrial membrane potential and 

NAD(P)H/NAD(P)+ redox state under identical conditions. For example, a decrease in 

respiratory conductance (i.e., depressed slope) in the presence of no change or 

hyperpolarization of the mitochondrial membrane potential suggests that the source of 

resistance driving the change in respiratory conductance likely exists within the ATP 

synthesis step. Likewise, a decrease in respiratory conductance (i.e., depressed slope) in 

the presence of a depolarized mitochondrial membrane potential suggests that the 

source of resistance lies within the proton pumps of the electron transport system (e.g., 

CI, CIII, CIV) and/or the dehydrogenase enzymes responsible for generating the 
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reducing charge. In the latter scenario, the contribution of the dehydrogenases can be 

accounted for by assessing the NAD(P)H/NAD(P)+ redox state (no change or hyper-

reduction suggest the proton pumps are the source of resistance, whereas an oxidation of 

the redox state suggests the dehydrogenase are impaired). In essence, by assessing 

mitochondrial JO2, membrane potential (ΔΨ) and NAD(P)H/NAD(P)+ redox state in 

parallel under defined energetic demands, it becomes possible to determine global 

alterations in OXPHOS conductance/elasticity and subsequently assign the location of 

the altered conductance into one of three control nodes: (1) Matrix Dehydrogenases, (2) 

Electron Transport System, and (3) ATP synthesis (Figure 2). 

A.2. The Impact of Sodium Salts on Mitochondrial Respiration 

A key assumption in the working model of respiratory conductance is that the 

ATP synthetic complexes (ATP synthase, [CV] and Adenine nucleotide translocase 

[ANT]) are the sole resistors through which proton current flows (Glancy et al., 2013). 

This also implies that the buffer components — aside from the carbon substrates — do 

not impact JO2 in a CV-independent manner. However, preliminary work revealed that 

the presence of Na+ ions in the buffer (supplied via NaCl) resulted in a ∼25% increase in 

maximal ADP-stimulated JO2 without an accompanying increase in maximal JATP 

synthesis (Figure 3A-B). It was hypothesized that the presence of Na+ ions activated a 

futile pathway of oxygen consumption and precluded accurate determination of 

OXPHOS conductance. This was an important experimental consideration as the most 

commonly available commercial sources of phosphocreatine and ATP are di-sodium 

salts. To address this hypothesis, force-flow experiments were performed in isolated 

mitochondria using either di-sodium or di-tris salts of ATP and PCr. Both skeletal 

muscle and heart mitochondria were assessed with G/M (Figure 3D) and Oct/M (Figure 

3E), respectively. Once again, absolute rates of JO2 were higher in the presence of 
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sodium compared to tris salts (Figure 3D-E); however, the slopes of the relationship 

between JO2 and ΔGATP were greater in the presence of tris compared to sodium-salts in 

both tissues (Figure 3F). These findings strongly suggest that the heightened JO2 

observed in the presence of Na+ ions does not contribute to ATP synthesis. 

We hypothesize that the Na+ mediated increase in JO2 is accomplished through 

futile cycling at the inner mitochondrial membrane (IMM). Specifically, the Na+ 

concentration gradient in the buffer depletes matrix Ca2+ via the sodium-calcium 

exchanger. In conjunction, the Na+/H+ exchanger uses the proton motive force (Δp) to 

prevent mitochondrial Na+ accumulation (Territo et al., 2001). This cycle would 

ultimately consume of the membrane potential (ΔΨ), increase respiratory flux without 

ATP synthesis, and could therefore explain the lowered respiratory conductance in the 

presence of Na+ salts. Additionally, the impact of matrix calcium depletion may also play 

a role. Free calcium in the matrix is known to activate several matrix dehydrogenases 

(PDH, AKDH and IDH) (McCormack and Denton, 1980), enhance electron conductance 

within the ETS, and increase the activity of CV (Glancy et al., 2013). Therefore, depletion 

of matrix Ca2+ may also contribute to the reduced respiratory conductance observed in 

the presence Na+. Regardless of the mechanism and in order to satisfy the critical 

assumption of the CK energetic clamp detailed above, Na+-salts were avoided for all 

experiments. 

A.3. Measuring Mitochondrial Membrane Potential (ΔΨ) using 
Spectrofluorometry 

For method details see Section 2.2.6 

ΔΨ was determined using the ratiometric fluorescent dye TMRM as previously 

described (Krumschnabel et al., 2014; Scaduto and Grotyohann, 1999). TMRM, a cation, 

is concentrated in energized (i.e., polarized) mitochondria, resulting in fluorescent 



 

152 

quenching and a shift of the excitation and emission spectra (Figure 5B) (Scaduto and 

Grotyohann, 1999). The addition of FCCP to respiring mitochondria results in 

respiratory uncoupling and depolarization of ΔΨ, which is illustrated by the maximal 

differences in the excitation spectra of mitochondria in Figure 5C. This technique was 

utilized to determine the parallel excitation wavelengths of 551 and 527 nm (with an 

emission wavelength of 590 nm) for future assays. Figure 5D depicts changes in TMRM 

emission at 551/590 and 572/590 intensities during a typical CK clamp assay. The 

dynamic range of TMRM measurements from the 551/590 excitation/emission is 

adequate to monitor ΔΨ (Figure 5C). However, the dynamic range can be greatly 

enhanced if the ratio of two excitation/emission (551/590:572/590) spectra are 

calculated (Figure 5E). Additionally, this ratio acts to normalize the fluorescent signal 

within an assay, obviating the need for calibration steps. 

To convert the 551/572 TMRM fluorescent ratio to millivolts, a KCl standard 

curve was performed in the presence of valinomycin as previously described 

(Krumschnabel et al., 2014). In this protocol, mitochondria are isolated and assayed in 

potassium-free buffers and mitochondria are made to respire in the presence of TMRM 

and valinomycin (40 ng/mL), a highly specific potassium ionophore that embeds within 

lipid membranes. Because the buffer is initially devoid of potassium, serial additions of 

potassium (via KCl) equilibrate across mitochondrial membrane and modulate the 

potential (Figure 5F). The potassium concentration in the mitochondrial matrix is 

assumed to be 120 mM, based on historical precedent. Therefore, we can use the Nernst 

equation to reasonably calculate the membrane potential: 

𝐸𝐸 =
𝑅𝑅𝑇𝑇
𝑧𝑧𝐹𝐹

ln�
𝐾𝐾𝑏𝑏𝑏𝑏𝑓𝑓𝑓𝑓𝑒𝑒𝑓𝑓+

𝐾𝐾matrix+ � 

The calculated potential can be plotted against the TMRM emission ratio 

(551/527) to generate a standard curve (Figure 5G). While this technique enables ΔΨ 
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quantification, the resulting voltages should be regarded as approximations and used to 

compare between populations of mitochondria. These calculations are only as accurate 

as the underlying assumptions, which include 1) the matrix potassium concentration and 

2) that the change in membrane potential is solely the result of repartitioned potassium 

ions. 

To validate the TMRM technique, the ΔΨ of skeletal muscle mitochondria was 

assessed in parallel with a tetraphenylphosphonium (TPP+) selective electrode (above). 

Both methods generated slight differences in the absolute mV, however the change 

across the assay was nearly identical (∼10 mV, Figure 5J). Although determination of 

ΔΨ with TPP+ in conjunction with a TPP-selective electrode provides for highly accurate 

ΔΨ quantification, the temporal restriction imposed by the necessary probe cleaning and 

calibration procedures between experimental runs limits its amenability to high 

throughput platforms. 

A.4. Mitochondrial JH2O2 

For method details see Section 2.2.9 

Of note, the JH2O2 rates used in the electron leak calculation were generated in 

the presence of auranofin; however, the corresponding JO2 assays did not contain 

auranofin, as the inhibitor was found to not impact respiratory conductance. 

During the process of OXPHOS, a small percentage of electrons are prematurely 

leaked to O2, thus yielding the superoxide radical (O2-). The majority of superoxide 

produced is rapidly converted to H2O2 via superoxide dismutase (SOD) located in the 

matrix (Mn-SOD) or inner-mitochondrial membrane (Cu/Zn-SOD). This assay measures 

the rate of H2O2 appearance in the buffer as it diffuses from the point of origin within the 

electron transport system and/or matrix across the mitochondrial membranes. Amplex 

UltraRed reacts with the H2O2 in the presence of horseradish peroxidase to generate the 
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fluorescence compound resorufin. Excess SOD is included in the assay buffer to rapidly 

convert superoxide to H2O2. A portion of the H2O2 generated within the matrix is 

buffered by the endogenous antioxidant buffering networks (e.g., thioredoxin reductase 

system, glutathione reductase system), thus in the absence of any inhibitors of these 

buffering systems, the measured rate of H2O2 emission represents the net H2O2 (H2O2 

produced – H2O2 buffered = H2O2 emitted). The principle buffering system in skeletal 

muscle and heart mitochondria is the thioredoxin system (Fisher-Wellman et al., 2015). 

Therefore, inclusion of auranofin (an inhibitor of thioredoxin reductase) in the assay 

provides a more accurate approximation of the total H2O2 produced. A variety of 

chemicals can interfere with resorufin fluorescence and thus H2O2 standard curves must 

be run under all specified substrate/inhibitor conditions in order to achieve accurate 

quantitation of H2O2. The molecule CDNB (an inhibitor of glutathione S-transferase) can 

also be added to the assay system to more accurately assess total H2O2. However, we 

limited the use of CDNB to the final step in the assay platform for concerns of its non-

specific impacts on mitochondrial function (data not shown). 

A.5. JNADH and JNADPH 

For method details see Section 2.2.11 

In this assay, the activity of soluble matrix dehydrogenase enzymes are assessed 

in isolated mitochondria following chemical permeabilization of the inner mitochondrial 

membrane with the pore-forming peptide alamethicin. Permeabilization with 

alamethicin is required to allow for specific enzyme cofactors (e.g., CoA, thiamine 

pyrophosphate, NAD+, NADP+) to traverse the mitochondrial inner-membrane and 

activate matrix dehydrogenases. Once inside the matrix, NAD+ and NADP+ are converted 

to NADH and NADPH, which then diffuse back out into the buffer and are measured via 

fluorescence. The rate of NADH/NADPH appearance in the buffer indicates 
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dehydrogenase activity. Specific dehydrogenases are targeted via the addition of specific 

carbon substrates and cofactors (e.g., pyruvate along with CoA, thiamine pyrophosphate 

and NAD+ activates the pyruvate dehydrogenase complex while malate along with 

NADP+ activates malic enzyme). 

A.6. Hydroxyacyl-CoA Dehydrogenase Activity 

For method details see Section 2.2.12 

Hydroxyacyl-CoA dehydrogenase (HADHA) is the primary NAD+-linked 

dehydrogenase within the β-oxidation pathway. In this assay, the activity of HADHA is 

assessed in the reverse direction by tracking the rate of NADH disappearance upon 

oxidation of acetoacetyl-CoA. To begin, isolated mitochondria are first solubilized in a 

non-denaturing, low-percentage detergent buffer (CelLytic M), which serves to solubilize 

the mitochondria outer and inner membrane and allow access to HADHA. Alamethicin-

permeabilized mitochondria can also be used for this assay, but in our hands the 

dynamic range of the assay is improved upon the use of CelLytic M.  

A.7. GOT2 Activity 

For method details see Section 2.2.14 

GOT2 catalyzes a transamination reaction whereby aspartate and AKG are 

converted to glutamate and oxaloacetate. In this assay, GOT2 present in the 

mitochondrial lysate generates glutamate and oxaloacetate from aspartate and AKG 

present in the buffer. Excess malate dehydrogenase also present in the assay buffer 

converts the oxaloacetate into malate at the expense of NADH oxidation. 

A.8. JATP 

For method details see Section 2.2.10 
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In this assay, the rate of mitochondrial ATP synthesis (JATP) is assessed via 

tracking the fluorescence signal generated by NADPH as it is produced via G6PDH. In 

short, upon addition of ADP to energized mitochondria (i.e., mitochondria with 

saturating carbon substrates), this ADP is converted to ATP via ATP synthase and then 

exported back into the buffer via the adenine nucleotide translocase (ANT). Once in the 

buffer, the newly synthesized ATP is converted back to ADP via hexokinase (glucose + 

ATP → glucose-6-phosphate + ADP). Through an enzyme-coupled mechanism, the G6P 

along with NADP+ (present in the buffer) is then converted to 

6-phospho-D-glucono-1,5-lactone and NADPH via G6PDH. In this assay system, ATP 

and NAPDH are produced at 1:1 stoichiometry, thus the rate of NADPH generation 

serves as a measure of mitochondrial ATP synthesis. 

A.9. CV Activity 

For method details see Section 2.2.13 

In this assay, the activity of mitochondrial ATP synthase is assessed in the 

forward direction (i.e., ATP hydrolysis) via an enzyme-coupled mechanism. To begin, 

isolated mitochondria are first solubilized in a non-denaturing, low-percentage detergent 

buffer (CelLytic M), which serves to liberate intact ATP synthase from the inner 

mitochondrial membrane. Alamethicin-permeabilized mitochondria can also be used for 

this assay, but in our hands the dynamic range of the assay is improved upon the use of 

CelLytic M. This likely stems from the greater stability of NADH at alkaline pH (e.g., 

pH = 8.0), compared to the pH of the alamethicin-permeabilization buffer (pH = 7.1). 

Upon addition of ATP, ATP synthase hydrolyzes the ATP to ADP, which is then 

converted back to ATP via pyruvate kinase (ADP + phosphoenoyl-pyruvate → ATP + 

pyruvate). The pyruvate is then converted to lactate in the presence of NADH (present in 

the buffer at 0.2 mM), thus generating NAD+. ATP hydrolysis and NADH oxidation occur 
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at 1:1 stoichiometry, thus the rate of disappearance of NADH (assessed via fluorescence) 

serves as an indicator of ATP synthase activity. To control for ATP hydrolysis by enzyme 

systems other than ATP synthase, the assay is performed in the absence and presence of 

ATP synthase inhibitor oligomycin. The rate of NADH disappearance measured in the 

presence of oligomycin is subtracted from the rate of NADH disappearance measured in 

the absence of the inhibitor and thus the final rate represents ATP synthase-dependent 

activity only. 

A.10. Proton Leak Kinetics 

For method details see Section 2.2.15 

Proton leak is defined as mitochondrial respiration in the presence of ATP 

synthase inhibition via oligomycin and is primarily determined by ΔΨ. In this assay, ΔΨ 

is sequentially lowered by titration of the pyruvate carrier inhibition (via UK5099) 

similar to the previously described protocol employing succinate and rotenone (Affourtit 

et al., 2012). Plotting JO2 against ΔΨ normalizes the proton leak and allows for direct 

comparison of proton leak potential between tissues and conditions (Divakaruni and 

Brand, 2011). 
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B. Additional Methodology Related to Canine Tachypacing 
Experiments 
General protocol. The study included 4 groups of dogs, characterized and named 

as follows. (a) HF + 3OHB group: 8 dogs underwent cardiac pacing with an external 

pacemaker at the rate of 210 beats/min for 3-weeks and at 240 beats/min for an 

additional week to induce HF, as previously described (Seki et al., 2018; Woitek et al., 

2015). Starting at 12–13 days of pacing, sodium D-3OHB dissolved in sterile water was 

continuously infused first at the dose of 2.5 μmol × kg−1 × min−1 and progressively 

increased until day 16, when the dose of 5 μmol × kg−1 × min−1 was reached and 

maintained constant until day 29 of pacing. The total infusion volume was approximately 

55 mL/day, a negligible amount in dogs of this size, if compared with their total blood 

volume of 2.5-3 L. (b) Control + 3OHB group: in 5 dogs, the heart was not paced and was 

3OHB infused in a similar fashion for 14 days. (c) HF group: the control HF group not 

infused with 3OHB was composed of 8 dogs randomly drawn from a larger historical 

pool of 15 dogs previously studied by us for a recent study on cardiac metabolism (Seki et 

al., 2018). (d) Control group: a non-heart-paced control group was obtained by randomly 

drawing 6 dogs from a larger historical pool of 10 dogs utilized for the same study 

mentioned above. The control group was necessary as a term of comparison for the study 

on cardiac metabolism, since in HF and HF + 3OHB groups radioisotopes could be 

infused only once; hence, baseline metabolism could not be measured before starting the 

pacing protocol, as for functional measurements. Dogs were euthanized after performing 

the final functional and metabolic measurements. The end-point for the HF group was 

based on the time when LVEDP reached 25 mmHg, which — in our model — typically 

occurs after approximately 4-weeks of pacing (Woitek et al., 2015); therefore, dogs of the 

HF + 3OHB group were euthanized at 29 days (14–15 days of 3OHB infusion), regardless 
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of their stage of cardiac dysfunction. Dogs of the control + 3OHB group were euthanized 

after 14 days of 3OHB infusion. After euthanasia, the hearts were extracted and weighed. 

Recorded and calculated functional parameters. Hemodynamics and cardiac 

morphofunctional parameters were measured, respectively, by connecting the 

chronically implanted probes to recorders or by echocardiography. In the HF group, 

measurements were taken at baseline, before cardiac pacing, and then every week. In the 

HF + 3OHB group, intermediate measurements were not taken at 14 days, but at 13 days, 

immediately before starting the 3OHB infusion. In the control + 3OHB group, 

measurements were taken at baseline and after 14 days of 3OHB infusion. Directly 

measured hemodynamic parameters were heart rate; LV end-diastolic, aortic systolic 

and diastolic pressures; and coronary blood flow. Calculated parameters were mean 

aortic pressure, mean blood flow in the left circumflex coronary artery, and the first 

derivative of LV pressure (dP/dt). dP/dtmax is an index of contractility, and dP/dtmin is an 

index of diastolic relaxation rate during the respective isovolumic phases. Data for each 

time point were obtained by averaging measures over 1 respiratory cycle. Hemodynamic 

measurements were also taken, after 29 days of cardiac pacing, during β-adrenergic 

stimulation with dobutamine infusion at 5, 10, and 15 μg × kg−1 × min−1, with 5 minutes 

for each dose (Qanud et al., 2008). Echocardiographic measurements were performed 

based on the right parasternal short axis and long axis, as well as apical 4-chamber and 

2-chamber views of at least 5 consecutive cardiac cycles at a frame rate of 40.70 frames 

per second (fps). EF was calculated using the Simpson formula on the apical views. 

Cardiac output was calculated by multiplying stroke volume by heart rate. Total 

peripheral resistance, an index of mean afterload, was calculated by dividing mean 

arterial pressure by cardiac output. Effective Ea, a more integrated index of both mean 
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and pulsatile afterload (Kelly et al., 1992), was calculated by dividing mean arterial 

pressure by stroke volume. 

Cardiac oxygen and energy substrate consumption. Cardiac metabolism was 

assessed on the last day of the protocol. A catheter was inserted into the coronary sinus, 

through peripheral veins, under X-ray fluoroscopic guidance. Blood partial pressure of 

O2 (PO2) and O2 concentrations were determined in paired arterial and coronary sinus 

blood samples, and coronary blood flow was measured to calculate MVO2. The isotopic 

tracers [9,10-3H]-oleate (0.7 μCi/min) and [U-14C]-glucose (20 μCi as a bolus, followed 

by 0.3 μCi/min) were infused through a peripheral vein to track the metabolic fate of 

FFA and glucose, respectively, which are used by cardiac muscle as a source of energy 

(Taegtmeyer et al., 2016). After 40 minutes of tracer infusion, baseline hemodynamics 

were recorded, and paired blood samples were withdrawn from aorta and coronary 

sinus. The concentrations of total and radiolabeled FFA and glucose,14CO2, 3H2O, lactic 

acid, and ketone bodies were determined in arterial and coronary sinus blood samples, 

and the rate of cardiac substrate uptake and oxidation were calculated using coronary 

blood flow, according to well-established methods (Seki et al., 2018; Taegtmeyer et al., 

2016). All the calculated values of MVO2 and cardiac substrate uptake and oxidation 

were normalized by heart rate and heart weight. 
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C. Abbreviations 
3OHB 3-R-hydroxybutyrate. When prefixed with an R or S, indicates the 

specific enantiomer.  
3-hydroxybutyrate and β-hydroxybutyrate are synonyms 

Acadm medium-chain acyl-CoA dehydrogenase (gene) 

Acsl1 long chain fatty-acid CoA ligase 1 (gene) 

ADP adenosine diphosphate 

AGC aspartate/glutamate carriers (protein) 

AKG or αKG alpha-ketoglutarate, respiratory substrate 

AKGDH alpha-ketoglutarate dehydrogenase (protein complex) 

ANT adenine nucleotide translocase (protein) 

Ao aorta 

ATP adenosine triphosphate 

Atp2a2 ATPase sarcoplasmic/endoplasmic reticulum Ca2+ transporting 2 
(gene) 

AUR Amplex UltraRed™, a non-fluorescent molecule which becomes 
resorufin, a fluorescent molecule, in the presence of H2O2 and the 
enzyme Horseradish Peroxidase 

Banding Gradient in trans-aortic constriction, the difference in proximal and distal 
pressures relative the constrictive ligature 

BCKDH branched-chain keto acid dehydrogenase (protein complex) 

Bdh1 or BDH1 β-hydroxybutyrate dehydrogenase 1, mitochondrial (gene, protein 
respectively) 

BW body weight 

Ca2+ calcium ion 

Carn L-carnitine 

CDNB 1-Chloro-2,4-dinitrobenzene, an inhibitor of Glutathione S-transferase 

CH compensatory hypertrophy 

CI complex 1 of the ETS 

CII complex 2 of the ETS, also known as succinate dehydrogenase 
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CIII complex 3 of the ETS 

CIV complex 4 of the ETS 

CK creatine kinase (protein) 

CO cardiac output 

Cr creatine 

Crat or CRAT carnitine acetyltransferase (gene, protein respectively) 

CV complex 5, also known as ATP synthase 

DMSO dimethyl sulfoxide, a solvent used to dissolve hydrophobic molecules 

dP/dt(max/min) (maximal/minimal) first derivative of left ventricular pressure 

dP/dtmax vs. EDV the maximum rate of pressure change in left ventricle vs. end-diastolic 
volume 

Ea effective arterial elastance 

EDTA ethylenediaminetetraacetic, a chelating agent 

EDV end diastolic volume 

EF ejection fraction 

EGTA ethylene glycol-bis(β-aminoethyl ether)-N,N,N′,N′-tetraacetic acid, a 
chelating agent 

Emax time varying elastance 

ESPVR end-systolic pressure-volume relationship 

EDV end diastolic volume 

ESV end systolic volume 

ET ejection time 

ETS electron transport system 

FAD flavin adenine dinucleotide, oxidized form 

FADH2 flavin adenine dinucleotide, reduced form 

FADH2/FAD+ flavin adenine dinucleotide, redox couple 

FAO fatty acid oxidation 

FCCP carbonyl cyanide-4-(trifluoromethoxy)phenylhydrazone, a molecule 
used to uncouple mitochondria 
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FFA free fatty acid 

FS fractional shortening 

FWER family-wise error rate – used in multiple hypothesis testing to estimate 
the probability of making one or more false discoveries 

G/M glutamate and malate, a respiratory substrate combination 

GDH glutamate dehydrogenase (protein) 

GOT2 glutamate oxaloacetate transaminase (protein) 

H2O2 hydrogen peroxide 

HADHA hydroxyacyl-CoA dehydrogenase (protein) 

HF heart failure 

HR heart rate 

HRP horseradish peroxidase (protein) 

HSD honestly significant difference, as in Tukey’s test for multiple 
comparisons 

I current, as in Ohm’s law 

IDH2 isocitrate dehydrogenase (protein) 

IVCT isovolumic contraction time 

IVRT isovolumic relaxation time 

IVS(d/s) Interventricular septum thickness at end-(diastole/systole) 

JATP rate of ATP synthesis 

JH2O2 rate of hydrogen peroxide production 

JNADH rate of NADH synthesis 

JNADPH rate of NADPH synthesis 

JO2 rate of mitochondrial oxygen consumption 

KCl potassium chloride 

LV left ventricle 

LVEDD left ventricular end diastolic diameter 

LVEDP left ventricular end diastolic pressure 
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LVID(d/s) left ventricular internal dimension at end-(diastole/systole) 

LVM left ventricular mass 

LVMI left ventricular mass index 

LVPW(d/s) left ventricular posterior wall thickness at end-(diastole/systole) 

LVSP left ventricular systolic pressure 

MAP mean arterial pressure 

MCBF mean coronary blood flow 

MDH malate dehydrogenase (protein) 

ME malic enzyme (protein) 

Mg2+ magnesium ion 

mVcf mean velocity of circumferential fiber shortening 

mVcfc heart rate corrected mean velocity of circumferential fiber shortening 

MVO2 myocardial oxygen consumption 

Myh6 myosin heavy chain 6 (gene) 

Myh7 myosin heavy chain 7 (gene) 

NAD+ nicotinamide adenine dinucleotide, oxidized form 

NADH nicotinamide adenine dinucleotide, reduced form 

NADH/NAD+ nicotinamide adenine dinucleotide, redox couple 

NADP+ flavin adenine dinucleotide phosphate, oxidized form 

NADPH flavin adenine dinucleotide phosphate, reduced form 

NADPH/NADP+ flavin adenine dinucleotide phosphate, redox couple 

Nppa natriuretic peptide A (gene) 

Nppb natriuretic peptide B (gene) 

O2- superoxide anion 

Oct/M octanoylcarnitine and malate, respiratory substrate combination 

OXCT1 3-oxoacid CoA-transferase 1 (protein), synonym for SCOT 

OXPHOS oxidative phosphorylation 
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PCr phosphocreatine 

PDH pyruvate dehydrogenase (protein complex) 

PMF proton motive force, separation of protons across the inner 
mitochondrial membrane, the major contributor to the mitochondrial 
membrane potential 

Ppara peroxisome proliferator-activated receptor alpha (gene) 

Prox proximity or proximal 

PRSW preload recruitable stroke work  

Pyr/M pyruvate and malate, respiratory substrate combination 

R resistance, as in Ohm's law 
may also refer to the gas constant (8.3145 J × K-1 × mol-1) 

ROS reactive oxygen species, includes H2O2 and O2- 

Rplp0 ribosomal protein lateral stalk subunit P0 (gene) 

RWT relative wall thickness 

SCOT succinyl-CoA:3-oxaloacid CoA-transferase (protein), synonym for 
OXCT1 

SDH succinate dehydrogenase, also known as CII 

Sirt3 or SIRT3 sirtuin 3 (gene, protein respectively) 

SOD superoxide dismutase (protein) 

Succ/R succinate and rotenone, respiratory substrate and CI inhibitor 
combination 

SWMSI segmental wall motion score index 

τ, tau Isovolumic relaxation time 

TAC trans-aortic constriction 

TAC/MI or TAC-MI trans-aortic constriction with small apical myocardial infarction 

TCA tricarboxylic acid 

TCAC tricarboxylic acid cycle 

TMRM tetramethylrhodamine methyl ester, a fluorescent cationic dye used for 
measuring mitochondrial membrane potential 

Tnni3 Troponin I3, cardiac type (gene) 
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TPP tetraphenylphosphonium, a cation used for measuring mitochondrial 
membrane potential 

TPR total peripheral resistance 

UK5099 pyruvate carrier inhibitor 

V voltage, as in Ohm's law 

VTI velocity-time integral 

ΔG′°ATP standard apparent transformed Gibbs energy of ATP hydrolysis 
Gibbs energy also known as free energy 

ΔG′ATP apparent transformed Gibbs energy under a specified pH, ionic 
strength, free magnesium, and pressure 
Gibbs energy also known as free energy 

ΔGATP Gibbs energy of ATP hydrolysis 
In manuscripts, we usually use this to substitute as a short-hand for 
the apparent transformed Gibbs energy of ATP hydrolysis, emitting the 
prime (′) 
Gibbs energy also known as free energy 

Δp protonmotive force, separation of protons across the inner 
mitochondrial membrane, the major contributor to the mitochondrial 
membrane potential 

ΔΨ mitochondrial membrane potential 
sometimes referred to as ΔΨm in the text 
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