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Abstract 

The eukaryotic epigenome has an instrumental role in determining and 

maintaining cell identity and function. Epigenetic components such as DNA 

methylation, histone tail modifications, chromatin accessibility, and DNA architecture 

are tightly correlated to central cellular processes, while their dysregulation manifests in 

aberrant gene expression and disease. The ability to specifically edit the epigenome 

holds the promise of enhancing understanding how epigenetic modifications function 

and enabling manipulation of cell phenotype for scientific or therapeutic purposes. 

Genome targeting technologies, such as the CRISPR/Cas9 system, have successfully been 

harnessed to create epigenome editing tools to alter gene expression. Prominently, two 

leading CRISPR-based technologies, CRISPRa and CRISPRi, were shown to be highly 

specific and effective in controlling gene transcription levels. These tools, however, often 

lead to formation of complexes that affect a multitude of endogenous factors, thus 

mitigating our ability to elucidate the role of individual epigenetic marks. Moreover, 

changes in epigenetic marks are associated with numerous health conditions, therefore 

the development of tools that can modify specific marks may help in creating disease 

models, or the restoration of a “healthy” epigenome. We first created a suite of CRISPR-

based epigenome modifiers (CRISPR-GEMs) that were aimed to catalyze the removal or 

addition of specific histone tail marks. Next, we tested a few promising CRISPR-GEMs 
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on multiple target genes to characterize their effect on gene expression and chromatin 

marks. Furthermore, we utilized these tools to deepen our insights into the relationship 

of individual histone marks and gene expression in different contexts and to better our 

understanding of the kinetics and dynamics of several of these novel tools alongside 

existing ones. Additionally, we decided to use the CRISPRa platform to explore 

senescence, a cellular process that is at the epicenter of aging and has been shown to 

play a key role in various age-related diseases. Using the CRISPRa platform in an 

inducible-senescence cell model, we found and validated multiple transcription factors 

(TFs) that regulate senescence-associated growth arrest (SAGA). Lastly, we 

characterized genetic pathways that are pivotal to successful inhibition of SAGA, 

thereby demonstrating a new application of epigenome editing in a senescence model 

that enhanced our understanding of the pathways that govern SAGA. 
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Chapter 1. Introduction 

1.1 Rationale and objectives 

Methylation and acetylation of histones and DNA are associated with gene 

regulation and chromatin structure1-5. However, determining a causal role of these 

epigenetic marks in altering gene expression and chromatin structure has remained 

elusive. Until recently, our inability to edit these marks in a site-specific manner has 

precluded investigation of the functional role of these elements at individual loci.  

Recently, our lab has repurposed genome editing tools to modify the epigenome. By 

targeting these tools to gene promoters or enhancers6-9, we have established the 

feasibility of epigenetic-modifying tools to activate or repress a single gene in a site-

specific manner. We achieved these results by fusing putative activators or repressors to 

programmable site-directed DNA binding proteins (e.g. Transcription Activator-Like 

Effectors (TALEs) and the Clustered Regularly Interspaced Palindromic Repeats 

(CRISPR)-Cas9 system). Moreover, we also showed that some of the effectors carry an 

epigenetic effect on their targets, changing the histone marks as well as their 

expression6,9,10. However, domains such as P300, KRAB or VP64 affect multiple 

epigenetic marks concurrently and act promiscuously on multiple non-histone targets, 

and thus they are not ideal tools to probe the function and significance of specific 

chromatin marks3. In this research, we aimed to create technologies that would enable 

robust manipulation of specific histone modifications and test the hypothesis that these 
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epigenetic states affect expression of target genes. Furthermore, we demonstrated the 

utility of epigenome editing tools in a model of biomedical significance. Specifically, we 

used CRISPR activation (CRISPRa) to screen for TFs that may be able to bypass 

senescence-associated growth arrest (SAGA). The application of these TFs and genetic 

pathways which they promote may prove relevant for various clinical purposes, such as 

enhancing the usability of human mesenchymal stem cells (hMSCs). 

1.2 Specific aims 

1.2.1 Aim 1: Development of novel CRISPR-guided epigenetic 
modifiers 

dCas9 (nuclease-deactivated Cas9) is a modified version of the Cas9 nuclease 

that is part of the bacterial CRISPR system and has been widely used to easily and 

efficiently target specific loci in the genome. By fusing dCas9 to activators like P3006 and 

VP647, as well as repressors like the KRAB domain9, our lab and others have tailored 

dCas9 fusions that alter gene expression. These fusions, or CRISPR-guided epigenetic 

modifiers (CRISPR-GEMs), were shown to induce chromatin modifications and alter 

gene expression, but only a few studies utilized fusions that carry a specific epigenetic 

effect (such as methylation of H3K411, H3K9 and H3K2712, or deacetylation of 

H3K27Ac13). 

Furthermore, some results in these studies showed changes to chromatin that did 

not lead to the expected effect on gene expression13, while other results demonstrated 

changes in gene expression without corresponding changes to the intended chromatin 
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marks14. Ultimately, these results highlight the necessity for better tools to understand 

the intricacies of the epigenome and to discern the context-dependent role of individual 

chromatin marks. Thus, to create a simple yet specific epigenetic toolkit to change the 

chromatin state of different loci in the genome, we surveyed an array of CRISPR-GEMs 

comprising of dCas9 and various putative histone modifiers, specifically, H3K9 and 

H4K16 modifiers. Overall, in this aim we sought to design novel CRISPR-GEMs that 

demonstrate that ability to deposit/remove chromatin marks in a specific fashion and 

test their effect on gene expression. 

1.2.2 Aim 2: Using novel CRISPR-GEMs to characterize kinetics and 
dynamics of gene repression 

The epigenetic landscape of genes is comprised of many individual components, 

including dozens of chromatin marks. Only a handful, however, were shown to strongly 

correlate with the transcriptional activity of genes2,4, raising the question which 

epigenetic marks are necessary for gene regulation, which are dispensable, and whether 

there is a context-dependent relevance to these marks. In this aim we seek to understand 

the effect of individual epigenetic marks on transcription by utilizing repressive 

CRISPR-GEMs in different epigenetic landscapes. To this end, we compared the effect of 

these fusions on gene expression in additional cell-lines, and in knock out cell-lines 

where an individual epigenetic modifier had been knocked-out. We tested whether 

there is a synergistic effect by combining various CRISPR-GEMs, including ones that 

were created in Aim 1 alongside previously published fusions. Lastly, since different 
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chromatin marks were shown to have different kinetics15, we aim to test the kinetics of 

repression that will be achieved by the proposed CRISPR-GEMs, thus providing more 

data that may explain differences in resulting gene expression. Altogether, we believe 

that results obtained in this aim could provide some valuable insights about the 

epigenetic contexts that determine the relationship between the epigenetic landscape 

and the expression of genes.   

1.2.3 Aim 3: Application of epigenome editing tools to bypass 
senescence-associated growth arrest 

Senescence is a fundamental process that cells undergo as part of development 

and aging in multicellular organisms. Though senescence may manifest differently in 

various tissues16, all senescent cells share a common fate, a state of growth arrest. 

Additionally, senescent cells would often demonstrate senescence-associated secretory 

phenotype (SASP), this phenotype has been shown to play major role in the 

development of a multitude of pathologies, including inflammation, cancer, diabetes 

and neurodegenerative diseases17-23. Furthermore, senescence of primary tissues is a 

major obstacle to realizing some of the most exciting applications of regenerative 

medicine24,25. In Aim 3, we utilized epigenome editing in the context of senescence in 

order to identify TFs that could bypass SAGA and further our understanding of the 

pathways that govern senescence. These findings may prove useful for uncovering new 

genes that are involved in senescence, TERT regulation, development of cancer and may 

later contribute toward translational applications in regenerative medicine. 
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1.4 Significance 

In this research, we aimed to design an epigenome engineering toolkit that could 

serve as a robust and highly specific platform to modify the chromatin state in specific 

gene regulatory elements. This platform could advance the ongoing effort to understand 

various components of the epigenetic code and the relationship between chromatin 

modifications and gene regulation. Furthermore, expanding the currently limited toolkit 

for epigenome editing may aid in testing the hypothesis that there is a causal 

relationship between certain chromatin marks and gene expression4, consequently 

laying a better foundation toward altering gene expression in a precise and efficient 

manner. Moreover, a growing number of medical conditions are shown to stem from or 

manifest epigenetic aberrations26, thus by enhancing our ability to control the epigenetic 

landscape of a gene, we may be able to harness this technology toward translational 

purposes such as controlling gene expression in various pathologies, cell differentiation 

for regenerative medicine, and disease modeling. By modulating gene expression 

without altering the genome sequence, this method might circumvent some of the 

challenges associated genome editing and gene therapy27. 

1.4.1 Modification of individual histone marks in a specific manner 

Until recently, epigenetic modifications were mainly the consequence of genetic 

manipulation or chemical inhibition3. The emergence of several technologies to target 

specific loci gave rise to a new type of epigenetic modifying platforms that can target a 
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unique sequence in the genome. These technologies include zinc finger proteins, TALEs 

(transcription activator-like effectors), and the bacterial CRISPR-Cas9 system. The more 

recent CRISPR-Cas9 system has proven in the past few years to be an extremely robust, 

simple to apply, versatile and efficient tool for targeting specific DNA sequences, and 

has demonstrated the capacity to remain active when fused to a wide array of 

transcription modifiers6,11,14,28. Therefore, attempting to develop novel epigenetic 

engineering tools that are CRISPR-based, can be extremely useful for specific epigenetic 

edits while avoiding changes to the genomic sequence. Furthermore, development of 

tools that can add or remove specific chromatin marks in a locus-specific manner is of 

great necessity for two important reasons. First, it can serve as a tool to understand the 

function of those chromatin marks in a context-dependent manner, allowing to confirm 

or refute theories regarding their role in gene regulation. For example, it may help tip 

the scales between competing views regarding the effect of modifications such as 

H3K4me129 or H3K27me330,31 on gene regulation. Second, if indeed their presence 

determines the expression of genes or the associated chromatin architecture, then these 

tools can serve as a platform for further research as well as for translational purposes. 

1.4.2 Understanding the “epigenetic code” and the relationship 
between chromatin modification and gene regulation 

The realm of epigenetics is expansive and includes processes like imprinting, 

looping, DNA methylation and histone modifications3. These processes and their 

patterns were shown to be conserved, inherited and pivotal in mammalian 
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development. Indeed, important endeavors were made to decipher the relationship 

between DNA motifs to their epigenetic components32, however even the ample data 

that were obtained still failed to explain fully the importance of each component, or how 

they co-interact to regulate transcription. In fact, in 2011 Ernst et al published a 

comprehensive study showing data supporting earlier hypotheses asserting that H3K4, 

H3K9 and H3K27 modifications correlate the best with the status of promoters and 

enhancers4. Interestingly, although additional modifications were analyzed, no 

significant conclusions were made, and even the results that were significant cannot be 

generalized as there are many exceptions that are inconsistent14,29,33. Thus, the 

importance of each modification is still unclear, and the exact mechanism that underlies 

a long-term activation or repression of a gene is unknown, undermining whether 

generalities can be made about the epigenetic code. 

1.4.3 Expanding and improving the epigenome editor toolkit 

Several tools have been successfully implemented in the dCas9 system and carry 

a robust effect on gene expression, including fusions of VP64, KRAB, P300 and 

DNMT334. Those fusions included domains that altered the epigenetic state of genes, 

however in many of these cases it was difficult to draw causality between the epigenetic 

modification and the change in gene expression. In contrast, a few recent studies utilized 

dCas9 fusion proteins that deposit an epigenetic mark, such as LSD135, G9A, SUV-3-9, 

Fog12, HDAC313, DOT1L and PRDM911. The deposition of the associated epigenetic 
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marks was successful in these studies, however the transcriptional effect was modest in 

most cases, failing to clarify the overall contribution of these chromatin marks to 

transcription and to inform whether they are sufficient or required for sustainable 

expression/silencing of a gene.  

1.4.4 Focused effort on H3K9 and H4K16 

In order to concentrate the efforts toward a fruitful direction, we hypothesize 

that synthesizing H3K9- and H4K16- modifying proteins would yield the most useful 

results. H3K9 histone modifications are associated with promoter regions and their 

methylation status was shown to correlate with RNA transcript levels of respective 

genes4. Furthermore, as stated above, DNA methylation fusions have already been made 

and other histone modifications that were shown to correlate with transcription (H3K4 

and H3K27) are not as specifically localized to promoters as H3K9. Conversely, 

H4K16Ac, although much less studied, appears to be essential to pluripotency36 and X-

inactivation37, and the loss of MOF, which acetylates the H4K16 residue, has been 

implicated in different types of cancer38 and autism. 

1.4.5 Utilization of epigenome engineering tools toward translational 
purposes 

CRISPRa and CRISPRi screens were utilized in many different models, 

generating ample data about genes and pathways that affect various processes, or 

alternatively highlighting novel regulatory elements that govern the expression of 

important genes8,39-43. To our knowledge, these platforms were never conducted to 
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investigate TFs that are involved in senescence and recognizing such TFs can prove very 

useful for various translational purposes in regenerative purposes. For example, 

primary tissues, such as mesenchymal stem cells (MSCs), undergo rapid senescence 

when harvested and propagated ex-vivo24,25. Introducing an epigenetic mechanism to 

inhibit senescence in MSCs could advance their usage that is currently impeded by 

growth arrest. Additionally, this screen may contribute to a better understanding of the 

biological processes that are involved in senescence, thus allowing application in cancer 

models and other disease models. 

1.5 Innovation 

Current technologies to manipulate the epigenome are scarce and are either non-

specific, act on a limited subset of targets, or may carry a transient effect. Even in cases 

where chromatin modifications in the region of the targeted gene were observed, the 

transcriptional effect in many cases was either inconsistent or modest and could not 

explain the dynamics and causal relationship between the expression of a gene and its 

epigenetic landscape. Here, we expanded the toolkit of CRISPR-GEMs with proteins that 

can specifically target H3K9 and H4K16 modifications. We hypothesized that those 

would include the advantages of previously published tools but would be more specific 

and aid in elucidating the function and mechanics of those histone modifications. 

Using the novel CRISPR-GEMs in this research, we were able to glean important 

insights about the various kinetics of different catalytic domains and the temporal 
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relationship between modification of chromatin marks and subsequent changes in gene 

expression. Specifically, we were able to identify patterns of depletion in H3K9Ac and 

H4K16Ac, as well as enrichment of H3K9me3, that precede gene repression. We were 

able to find that under certain circumstances our newly designed CRISPR-GEMs were 

superior to currently used technologies. These cases exemplified that utility of 

epigenome modifiers may be context-dependent, as we showed that the effect of 

different CRISPR-GEMs is dependent on duration of expression, target genes, targeting 

guide RNAs and the chosen cell-line. Additionally, we managed to produce evidence to 

the existence of synergistic effects between various CRISPR-GEMs that are likely to be 

gene- and context- dependent. In summary, further development, optimization and 

application of these novel CRISPR-GEMs may provide a robust infrastructure for 

modeling the epigenetic landscape of various pathologies, or even create new types of 

treatment that will be able to recapitulate the epigenetic state of a healthy tissue in a 

more precise fashion. 

Furthermore, we demonstrated the utility of an already established epigenome 

editing tool, CRISPRa, to identify TFs that could bypass SAGA. Thus far, only a handful 

of pathways were shown to induce growth arrest in senescence models16,23,44-46, but it is 

still unclear if there is a common pathway that governs growth arrest across different 

senescence models. The TFs and pathways what were uncovered in this study may shed 

light on the poorly understood regulation of TERT regulation, as well as inform of new 
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ways to manipulate senescence and TERT activity in models of cancer, age-related 

pathologies. 

In addition, the data brought here could possibly be harnessed toward 

regenerative medicine. Currently, the usage of multipotent primary cells in clinic is 

severely limited by senescence, which is tied to ex vivo growth conditions24,25. The screen 

we performed in a senescence-inducible model highlighted TFs that can bypass SAGA. 

These TFs and can potentially be tested in a clinically relevant model, such as human 

mesenchymal cells (hMSCs). Successful application in hMSCs may prove to be key in 

circumventing the complications of SAGA in regenerative medicine. Lastly, a growing 

body of evidence implicates senescence in the development and progression of various 

pathologies. Thus, epigenetic activation/silencing of candidate TFs may also prove 

useful in treating other conditions in the future. 
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Chapter 2. Introduction to Epigenetic Regulation and 
Epigenome Editing 

In multicellular eukaryotes, somatic cells share almost exactly the same genomic 

sequence, however they differentiate into discrete cell types by expressing a unique set 

of genes, leading to a distinct phenotype. This phenomenon correlates with unique 

epigenetic signatures  that are considered to be fairly homogenous among the same cell 

type and often present reproducible changes in response to intrinsic processes and 

external stimuli 47-50. Therefore, the epigenome of a cell is believed to play a central role 

in regulating and maintaining the expression of genes, while its dysregulation has been 

tightly linked to numerous different disorders in humans 26,50,51, such as, type 2 Diabetes 

52,53, Alzheimer’s disease 54,55, Parkinson’s disease 56, Fragile X syndrome 57-59, Prader-Willi 

syndrome 60-62 and various types of cancer 38,63-69. 

The epigenome of eukaryotic cells is complex and can be defined by multiple 

components that include DNA methylation, histone tail modifications, chromatin 

accessibility, and DNA architecture. Each of these components have been found to 

correlate with gene regulation 2,4,50,70-74 and are modulated through key processes such as 

differentiation 73,75, imprinting 49,60,61,76, dosage compensation 37 and epigenetic inheritance 

77-79. Thus, developing tools that can manipulate these epigenetic changes in specific 

contexts would enable interrogating their role in gene regulation and provide insights to 

their function. 
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Comparisons of epigenetic marks across different eukaryotic organisms reveal 

high levels of similarity and conservation 48,70, however there are also some 

inconsistencies. For example, DNA methylation is sparse in yeast and Drosophila 

melanogaster 80,81, while in mammals it correlates with silenced promoters 1,2,82. 

Conversely, the correlations of histone modifications and demarcation of gene 

regulatory elements between mammals 2, insects 48,70,83, worms 83, yeast 84 or even plants 85 

generally present similar trends, as do comparisons of 3D-chromatin interactions in 

mammals 74. However, even within the same organism, histone modifications may 

correlate with a genetic element, but do not fully predict its activity or potency 2,4,70. In 

fact, there is only a very moderate correlation between most individual histone 

modifications and the expression levels of a gene 4, while the clustering of several 

epigenetic marks can sometimes result in a stronger correlation 5,47,83,86,87. These data have 

raised questions concerning the role of individual epigenetic marks, asking whether 

each mark is the cause of changes in gene expression or simply the result of it, and 

whether they initiate or maintain transcriptional stability 88,89 as well as epigenetic 

memory 77. 

Additionally, some modifications have been associated with cellular processes 

such as DNA damage response, DNA replication, telomeric silencing, X-inactivation, 

genomic stability and cell-cycle progression 26,37,90-92, and thus may work in a context-

dependent manner. Collectively, these observations highlight the problem of 
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understanding the role of various epigenetics components because of the inability to 

decouple the cause from the effect.  

2.1 Gene regulation and disease 

2.1.1 Epigenetic marks and gene regulation 

While gene-coding regions in the genome comprise less than 3% of the human 

genome 2, a majority (88%) of the small nucleotide polymorphisms (SNPs) which are 

associated with human disease lie within intergenic or intronic regions 93. Other studies 

have shown that targeted deletions and mutations in intergenic regions, such as 

enhancers, can strongly affect gene expression, demonstrating a tight regulatory 

network between the coding and non-coding parts of the genome 94. However, DNA 

motifs alone are not sufficient to fully explain mechanisms such as epigenetic memory, 

imprinting, dosage compensation, or more complex networks that lead to differentiation 

or cell-to-cell heterogeneity. 

Epigenetic components comprise a conserved and diverse list (Figure 1) of DNA 

and chromatin marks and interactions that can be readily deposited and removed, and 

even persist through many cell-divisions 77,78. Furthermore, strong correlations have been 

observed between various epigenetic components and gene regulatory elements (Figure 

1), allowing high-resolution prediction of genetic elements in silico 4,83,87. For example, 

enriched 5C-methylcytosine (5mC) levels near promoters correlate with low Pol II levels 

and reduced expression in primates 82. Similarly, chromatin conformation assays such as 
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Hi-C can often predict active gene networks and display interactions between genes and 

their active enhancers 74. Finally, super-enhancers can be identified by a unique 

fingerprint of transcription factors (TFs) and histone marks 65,95. 

 

Figure 1: The epigenome is complex and diverse 

The landscape of genes and gene regulatory elements is orchestrated by a 

multitude of epigenetic components, including histone tail modifications, DNA 

methylation, chromatin looping, topologically associating domains, and many 

interacting partners that catalyze the deposition and removal of these epigenetic 

features. Notable histone tail modifications correlate with active chromatin (green 
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background) or repressed chromatin (pink background). In addition to the deposition 

and removal of methylation (Me) or acetylation (Ac), histone modifiers may catalyze 

other processes, such as phosphorylation (P), SUMOylation (Su), and ubiquitination 

(Ub). Epigenetic marks and gene expression are altered by transcription factors, long 

noncoding RNAs, microRNAs, DNA methylation, DNA loops formed by cohesin and 

CTCF, and distal regulatory elements, such as enhancers and superenhancers, which are 

often enriched with H3K27ac, Brd4, and the Mediator complex. 

 

Furthermore, chromatin is tightly regulated by numerous protein-DNA 

interactions 96, including various tail modifications of histones, the building blocks of 

chromatin. The nucleosome that constitutes the basic unit of chromatin wraps 147 bp of 

DNA, and is assembled by a core H3/H4 heterotetramer (Figure 1) that is peripherally 

attached on both ends to a H2A/H2B heterodimer. The histone subunits that comprise 

the nucleosome exist in a dynamic equilibrium of exchange and different histone 

variants may be introduced. However, their exchange within canonical nucleosomes 

mainly increases due to transcription and replication during which the H3/H4 core is 

less readily exchanged than H2A/H2B unit 97,98.  Therefore, regulatory motifs mostly 

appear on the more stable H3/H4 subunit, which is in closer proximity to the DNA.  

Correspondingly, histone tail modifications to H3 and H4 that affect nucleosomal 

organization have been most thoroughly explored and strongly associated with 

regulation of gene expression (Figure 1). In particular, histone tail modifications of 

interest include the lysine residues on histone H3: lysine-4 (H3K4), lysine-9 (H3K9), 

lysine-27 (H3K27) and lysine-36 (H3K36). H3K4 is often enriched with tri- and di-methyl  

(H3K4me3/me2) marks near transcriptions start sites (TSSs), while mono-methyl 
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(H3K4me1) marks often localize to enhancers 2,87. Tri- and Di-methylation of H3K9 

(H3K9me3/me2) is often associated with heterochromatin and silenced chromosomal 

regions 2,48, while H3K9 acetyl marks (H3K9ac) are a strong predictive marker for active 

promoters 4. Acetylation of H3K27 (H3K27ac) and tri-methyl marks on H3K36 

(H3K36me3) are often associated with actively transcribed gene bodies 2,87,99. Conversely, 

tri and di-methylation of H3K27 (H3K27me3/m2) often demarcate a region which is 

silenced by the polycomb repressive complex 2 (PRC2), or a poised, bivalent state if both 

H3K4me3 and H3K27me3 are present 75. In addition to these most prominent histone 

marks, other important marks have been identified and characterized, such as H3K56, 

H3K79, H4K16 37,100, H4K20, and others that continue to be the subject of ongoing study. 

Despite the breadth of data collected on these epigenetic marks, our 

understanding of their function is somewhat limited. The correlation between the 

presence of a mark and the expression of a gene can sometimes be weak 4,87, and it is still 

unclear which marks may have a causal role and whether they act synergistically or 

epistatically. Some insights to this complex relationship were gained by Bintu et al. 15, 

who compared targeted repression of a gene by different epigenetic modifiers, including 

a histone deacetylase (HDAC4), histone methyltransferases (KRAB and EED) and a 

DNA methyltransferase 3B (DNMT3B). They showed that epigenetic memory of 

repression was most durable following DNA methylation, although this repression took 

longer to potentiate than by the other repressors. Conversely, KRAB and EED achieved 
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long-term repression in a lower percentage of cells, and HDAC4 demonstrated fast 

repression, but also showed no sustainable epigenetic memory as the expression 

reverted fully to the same levels before the treatment. These results are supported by Liu 

et al. 101 and Amabile et al. 102, who also demonstrated that DNA methylation is essential 

to facilitate potent and long-term repression. 

Furthermore, long-range inter- and intra-chromosomal interactions also correlate 

with and affect gene expression 65,74,95,103. The genomic features that mediate these 

interactions mainly consist of enhancers, super-enhancers, insulators, and cohesin-

mediated chromatin loops. These regulatory elements confer different roles to genes 

through development, differentiation, or disease 65,76,95,104,105. Additional screens 

implicated specific proteins such as cohesin and CTCF in the formation of cohesion 

loops 74 or enrichment of H3K27ac, Mediator, and Brd4 in super-enhancer regions 65,95. 

Interestingly, wide-range perturbation of super-enhancers by inhibition of BET domain 

family of proteins (such as Brd-4) in cancerous cells often results in cell-cycle arrest and 

apoptosis 65,106, displaying a similar transcriptional and phenotypic effects to those 

observed by a treatment of HDAC-inhibitors 107. Thus, by selectively and specifically 

manipulating the epigenome in loci of interest, it may be possible to screen for long-

range interactions that regulate gene expression, providing a better understanding of 

their mechanism of action, and creating an infrastructure for translational intervention. 
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2.1.2 Epigenetic aberrations and disease 

Many illnesses involve an epigenetic component (Figure 2), which may often be a 

side effect, but can also be the driver of the disease 51,105,108-110. There are several main 

reasons for epigenetic aberrations to occur, including: a) Loss-of-function mutation that 

abrogates the function of an epigenetic component, such as the loss of the transcriptional 

repressor MeCP2 in Rett Syndrome, b) Mutation in a non-coding region, resulting in 

epigenetic changes, such as the silencing of the FXN gene caused by CAG expansions in 

Fragile X syndrome, c) Inherited or de novo aberrant epigenetic marks, such as aberrant 

DNA methylation at the H19/IGF-2 locus, which is implicated in diabetes and cancer, d) 

Metabolic and stochastic processes that are often associated with aging 111,112 and cancer, 

resulting in transcriptional dysregulation and genomic instability. For example, 

epigenetic aberrations are commonly observed in cancer 64, Parkinson’s disease 56, 

Alzheimer’s disease 54,55 and diabetes 53. When studying primary samples from human 

patients, it is often challenging to decouple between correlation and causality of the 

epigenetic component, but multiple studies have revealed aberrant patterns of 

epigenetic components in many types of cancer that correlate with its progression and 

outcome 64,66,113-120. Prominently, these aberrations include dysregulated methylation of 

DNA and the histone residues H3K4, H3K9, H3K27, H3K36, H3K79, as well as changes 

in the binding of PRC2 and HDACs. Consequently, many small molecule inhibitors 
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were developed to perturb these processes and are currently used as anti-cancer therapy 

67. 

 

Figure 2: Epigenetics and disease 

Diseases can stem from various epigenetic aberrations, which can be categorized 

into four main groups. A disease can be caused by a loss-of-function mutation of a gene 

encoding a component of cellular epigenetic machinery, resulting in a pathologic 

phenotype. A disease can also result from a mutation to a gene regulatory region, 

leading to downstream changes to gene expression levels. Additionally, inheritance or 

de novo introduction of epigenetic aberrations can lead to disease, as can be observed in 

different imprinted regions, such as the H19/IGF-2 region. Other factors, such as aging, 

metabolism, or environment, may also affect the function of a cell and lead to epigenetic 

abnormalities and disease. 
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Novel epigenome editing tools can help in our understanding of the epigenetic 

component in these diseases. Selectively manipulating the epigenome in a disease model 

can provide insights to their contribution to the phenotype, and can serve as a 

foundation for a therapy in the future. Moreover, epigenome editing tools can serve to 

simulate the epigenetic landscape that is unique to a certain disease, and thus answer 

whether the epigenome creates the phenotype or epigenetic changes are a downstream 

effect. For example, Fragile X syndrome is associated with a rather convoluted 

epigenetic landscape, where many epigenetic aberrations are observed, including loss of 

H3K4 methyl marks, gain of H3K9 methyl marks, and increase of DNA methylation, in 

addition to the expression of an antisense non-coding transcript 57-59. Thus, simulating 

the epigenetic landscape in this locus may help elucidate which component leads to the 

silencing of FMR1 gene that results in the disease phenotype. Furthermore, epigenome 

editing tools may be able to assist in conditions where no epigenetic aberration exists. 

For example, in conditions where the expression of a gene is too high or too low, it may 

be possible to recruit epigenetic activators or repressors that can modulate the 

expression of a target gene. 

In the context of this literature review, there are several key issues that need to be 

addressed when one aims to edit the epigenome for either disease modeling or therapy: 

a) Is an epigenetic approach the most suitable experimental perturbation? In certain 

cases, delivery of a transgene or RNA interference may be a superior option. b) What are 
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the desired properties of the treatment? Should it be reversible? Should it create a short-

term, long-term, or permanent effect? What is the effect of multiplexing epigenetic 

modifications? Would they be additive? How would an over-dose manifest? c) How 

specific is the treatment and what would be the outcome of non-specific targeting? Can 

the tools be designed to be tissue-specific? Is it possible to tune the activity even further 

and make it more specific both spatially and temporally? d) How does cellular 

heterogeneity affect responses to epigenetic perturbations? Evidence of cell-to-cell 

epigenetic heterogeneity is growing 47,121, and different epigenetic treatments have 

various degrees of efficacy in treating the same disease in different cell-lines 65,106,115. In 

light of increasing emphasis on personalized medicine, this question is relevant both to 

variation across individuals and genetic backgrounds, as well as within a heterogeneous 

cell population such as cancer cells. Answering these questions before designing an 

epigenome editing strategy can assist in selecting the best methods and targets to 

achieve the optimal experimental or therapeutic outcome. 

2.2 Methods to manipulate the epigenome  

2.2.1 Genetic manipulation techniques 

Classic genetic techniques that manipulate genome structure or gene expression 

facilitate mimicking of the perturbation of discrete components of the epigenome. This 

approach can provide invaluable insights if the target gene is well characterized, and the 

spatiotemporal conditions of the system are well-defined. This approach engendered a 
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myriad of studies of epigenetics, including gene knock-outs and individual domain 

deletions, point mutations (whether in regulatory elements or protein-coding 

sequences), targeted knock-downs of a transcript, inducible-expression constructs, 

ectopic expression of vectors and various screens for gain- or loss-of-function (Figure 3). 

These powerful techniques effectively have created the foundation for our current 

knowledge of epigenetics, but this literature review will only discourse a limited 

number of this type of studies. Nonetheless, it is important to highlight the strengths 

and weaknesses of this approach. For example, these methods provide the option of 

specifically mutating the catalytic activity of an enzyme or simply deleting a structural 

motif, as demonstrated by the work of Poleshko et al. revealing the importance of 

HDAC3 in cardiomyocyte differentiation 122. Similarly, Dorighi et al. designed 

catalytically inactive versions of the histone methyltransferases Mll3 and Mll4, 

overexpression of which led to depletion of H3K4me1 marks in enhancer regions, but 

did not have a significant effect on gene expression, whereas the complete loss of these 

proteins led to marked depletion of enhancer RNA and downstream gene transcription 

29. These two examples clearly show how this approach can help in understanding the 

roles of epigenetic components. However, this methodology also leads to global effects 

on the epigenome which may convolute the observed data. 
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Figure 3: Methods to manipulate the epigenome 

Epigenome editing techniques vary in their application, complexity, and 

specificity. Nonspecific epigenome manipulation techniques include gene knockouts 

and knockdowns of epigenetic modifiers and the use of inducible expression or 

localization systems to fine-tune their activity by small molecules (such as doxycycline 

or tamoxifen) or even light at specific wavelengths. In addition, small molecules can 

serve as inhibitors of epigenetic processes, such as histone deacetylation or DNA 

methylation. Target-specific epigenome editing techniques include the fusion of 

epigenetic modifiers to programmable DNA-binding domains (DBDs) that can 

recognize and target specific DNA sequences. These fusions can be the product of 

protein engineering or use inteins (also called protein splicing), which can be useful 

particularly when the fusion is to a small molecule. Prominent DBD platforms include 

zinc-finger (ZF) proteins, transcription activator–like effectors (TALEs), and CRISPR 

systems. Various fusions of epigenetic modifiers to DBDs facilitate the addition or 

removal of specific epigenetic marks at the desired locus and can directly modulate gene 

transcription and chromatin looping. These platforms can also be regulated by inducible 
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expression systems and may incorporate additional switches, such as aptamers or 

chemicals that allow their operation to be turned on and off. Additional abbreviations: 

Ac, acetylation; CRISPRa, CRISPR activation; CRISPRi, CRISPR interference; DNMT, 

DNA methyltransferase; HDAC, histone deacetylase; HMT, histone methyltransferase; 

Me, methylation. 

 

2.2.2 Small molecule inhibitors 

Collections of chemical compounds that possess biological activity, often termed 

small-molecule libraries, have been widely used in different high-throughput screens to 

discover targets associated with particular effects. This practice, common in the 

pharmaceutical industry, has led to discovery of various drugs, such as mevastatin and 

cyclosporin A, and more commonly leads to candidate compounds that will undergo 

optimization. A small subset of these drugs target enzymes that deposit epigenetic marks, 

and are mainly applied in research and as anti-cancer treatments. Hallmarks of the latter 

type include the irreversible inhibitors of DNMT1 and DNMT3 azacitidine (5-

azacitidine) and decitabine (5-aza-2’-deoxycytidine), alongside the histone deacetylase 

(HDAC) inhibitors suberoyanilide hydroxamic acid (SAHA) and romidepsin 

(depsipeptide or FK228). In addition to these small molecules that are used in clinic, 

there are numerous other small molecule inhibitors that target specific epigenetic 

components, including histone-modifying enzymes such as DOT1L, LSD1, EZH2, G9a, 

SWI/SNF complex, BET domain proteins (Figure 3 and expanded information in ref. 67).  

Interestingly, although these compounds lack specificity for particular tissues, 

cells, or genomic target sites, within a particular dose range they have shown a 

remarkable efficacy in a variety of models. For example, when used in mixed lineage 
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leukemia (MLL) model, the DOT1L inhibitor EPZ004777 led to depletion of H3K79me3 

and selective killing of cells that bear the MLL translocation 123, the BET domain 

inhibitor JQ-1 was shown to induce inhibition of cell proliferation in many different 

cancer types 106, and the G9a inhibitor BRD4770 induced senescence and decreased 

H3K9 methylation in pancreatic adenocarcinoma cells 124. Moreover, although mostly 

applied in cancer models, these compounds hold a great promise for other illnesses, as 

demonstrated by Kim et al. in a Prader-Willi syndrome model, where the G9a inhibitors 

UNC0638 and UNC0642 led to depletion of H3K9 methylation and activation of genes 

that are hypothesized to overcome the phenotype of the syndrome. Alternatively, 

selective inhibitors of the jumonji histone demethylase domain, GSK-J1 and GSK-J4, led 

to attenuation of the immune response in macrophages and reduced loss of H3K27 

methylation upon macrophage stimulation 125.  

Overall, some small molecule inhibitors possess a remarkable capacity to pinpoint 

underlying mechanisms that are involved in a phenotype, and can serve for therapeutic 

purposes. However, they are also limited by the lack of specificity, which may confound 

results and lead to unknown side effects, affecting other loci and tissues. This also limits 

the dose range, and therefore also potency of inhibition, with which they can be 

effectively used. 

2.2.3 Targeted epigenome manipulation 

The development of genome-modifying tools that can efficiently and precisely 

target specific DNA sequences has created a versatile assortment of targeting platforms 
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mainly comprising of zinc fingers (ZFs), transcription activator-like effectors (TALE), 

and clustered regularly interspaced short palindromic repeats (CRISPR) 126. These 

platforms vary in their ease of use, implementation and flexibility, and they all have 

been coupled to epigenome editing tools and were demonstrated to effectively and 

specifically shuttle engineered proteins, which possess a functional epigenetic 

modifying moiety, to their target (Figure 3) 127. Due to ease of use and flexibility of the 

CRISPR system and the associated ‘dead’ nuclease-inactive Cas9 (dCas9), emerging 

epigenome editing tools are mostly CRISPR-based. 

A list of domains that have been shown to confer an epigenetic effect using these 

various targeting platforms is detailed in Figure 3. In addition to the targeting platform, 

they can also be divided according to their desired effect, which is often transcriptional 

activation or repression of the target gene. Domains that are used for repression often 

include the scaffold protein KRAB 9,28,128 that recruits heterochromatin-forming proteins 

including HP1, and the DNA methyltransferase DNMT3A (often accompanied by its 

homolog, DNMT3L) 34,101,102,129. Activation is often achieved by targeting acidic 

transactivation domains such as minimal domain of the herpes simplex virus protein 

VP16 (commonly used as the tetramer, VP64) 7,28,128, P65, HSF1, and Rta 130, enzymes that 

catalyze formation of activating epigenetic marks such as P300 6, or engineered 

combinations of these domains, such as the SAM activator 131, VPR 130 or SunTag-VP64 

132. Some of these activating domains promote histone acetylation at the target locus; in 
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addition, P300 is able to recruit the SWI/SNF complex to induce nucleosome remodeling 

133. Furthermore, the dCas9-based activator fusion of the methylcytosine dioxygenease 

TET1 leads to gene activation through inducing DNA demethylation 134-136. Moreover, it 

has been shown that under certain conditions, DNA demethylation via TET1 targeting 

may be necessary to achieve gene activation in methylated loci, where other activators 

fail to achieve gene activation 101,102. These different activators have been widely used for 

different purposes such as inducing pluripotency137 or cell fate differentiation 138. 

However  comparative analyses of various activators 139 often demonstrate similar 

results, suggesting that VP64 is typically inferior to the other activation systems, and the 

best activator appears to depend on the target gene, the binding site, and the cell line.   

Several structural motifs were incorporated to enhance the versatility and 

tunability of these dCas9 fusions. Introducing the MS-2 RNA aptamer into the gRNA 

structure allows the recruitment of the epigenome-modifying domains through an MS-2 

hairpin loop in the gRNA, and fusing the MS-2 protein sequence to an epigenome 

modifying domain leads to heterodimerization at the target locus 131. However, 

increasing the number of dimerizing domains sometimes produces a weaker effect 140. 

Tanenbaum et al. developed the SunTag platform, which recruits multiple copies of the 

same effector to a specific locus 132. This approach utilizes the strong affinity of an 

antibody short chain variable fragment (scFv) to an epitope, where the former is fused to 

an epigenetic effector and the latter is fused in multiple copies to dCas9. This method 



 

42 

was shown to induce transcriptional changes with different epigenetic modifiers, such 

as VP64 132, DNMT3A 141 and Tet1 136. Furthermore, Liszczak et al. demonstrated an 

additional method based on intein splicing in which two peptide domains splice 

together via autocatalytic activity. One of these domains is expressed within the cell as a 

fusion protein to dCas9, while the other peptide domain can be provided to the cell 

attached to any arbitrary chemical moiety 142. By splicing either the peptide 

transcriptional activator VP64 or the small molecule BET domain inhibitor JQ-1 to 

dCas9, these molecules were targeted to specific loci and activated or repressed gene 

expression, respectively. In addition, some technologies offer the ability to introduce an 

“On/Off switch” by fusing protein domains that dimerize when given a “signal”. This 

“signal” may be based on chemical compounds, such as rapamycin 140 or abscisic acid 143, 

or may even be certain wavelengths of visible light 144. 

Additionally, other novel dCas9-based fusions were designed to specifically 

catalyze the deposition of specific epigenetic marks, and they include well-characterized 

domains and proteins such as HDAC3 13, PRDM9, DOT1L 11, SUV3-9, G9a, EZH2, FOG1 

12, LSD1 35 and BAF 140 (Figure 3). The process of designing these fusions does not 

conform to one single paradigm, and it generally involves some trial and error. 

Although the majority of aforementioned domains were shown to work when fused to 

the C-terminus of dCas9, O’Geen et al. showed a stronger repressive activity when the 

domains were fused to the N-terminus of dCas9 rather than to its C-terminus, and in a 
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few cases the enzymatic activity was abrogated by fusing the repressive domain to both 

termini, suggesting that certain fusions are more susceptible to structural instability  12. 

Furthermore, the activity of the epigenetic moiety can vary greatly in cases when the full 

protein is being fused to dCas9, and fusions to core catalytic domains have been more 

effective in some cases, such as P300 6 and G9a 12. Fusing multiple copies of different 

domains can also affect the activity of the epigenetic tool as observed in VP64 or FOG1 

fusions 12,132. In summary, the design of a functional dCas9 fusion that catalyzes an 

epigenetic change does not follow one dogma, and usually requires some optimization 

that may arise from possible structural instability and conformational ambiguity. 

 There are several challenges to the appropriate design on an epigenome editing 

experiment. It is critical to find the right combination of epigenetic effector, target gene, 

and cell line, as it remarkably manifests in different studies that the deposition of an 

epigenetic mark is not always sufficient for a transcriptional change in the target locus 10-

12,122,140. It is sometimes difficult to parse if the lack of a change in gene expression is due 

to a deficient epigenome editing tool or the result of underlying biology in that a 

particular epigenetic change is not causal for alteration in transcription.  Conversely, the 

intended epigenetic change may not be solely responsible for modulating gene 

expression. For example, both dCas9-VP64 and dCas9-P300 resulted in H3K27ac 

enrichment when targeted to the HS2 enhancer of the globin locus, but H3K27ac 

enrichment at the target promoter and transactivation only occurred with dCas9-P300 6. 
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Finally, finding the optimal position to target an epigenome editing tool within a 

gene, promoter, or regulatory element can significantly influence the magnitude of the 

effect size, or whether any effect is observed at all. There are multiple strategies to 

finding optimal targeting sites with the CRISPR/Cas9 system. Some studies have 

simultaneously targeted several adjacent sites in the same region of the genome 7,12,140.  

this approach has been shown to work well for various novel epigenome editing tools, 

sometimes resulting in synergistic effects. However, the caveats of this approach include 

the possibility of increasing the number of off-target sites, and even more problematic is 

the interpretation of data that could be a result of a steric effect, such as the case of 

repression by catalytically-mutated variants 12. While targeting a single site does not 

obviate this problem completely, it can help mitigate it. Alternatively, CRISPR-based 

screens with libraries of dozens to thousands of different sgRNAs can be used to 

identify the most potent sgRNAs that alter transcription or protein expression. There are 

some pitfalls to this approach aside from cost and complexity, as it measures RNA or 

protein expression levels which do not necessarily correlate with changes to the 

epigenome 8. Gilbert et al. and Horlbeck et al. assessed different properties that may 

affect the potency of sgRNA in CRISPR activation (CRISPRa) and CRISPR interference 

(CRISPRi) screens 28,145. They demonstrated that similar properties affect both types of 

screens, mainly proximity to TSS with account for nucleosomal occupancy, and to a 

lesser extent sequence- and secondary structure-related properties 145. A key difference 
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between CRISPRa and CRISPRi is the position where their activity peaks. While 

maximal CRISPRa activation localizes to -400 to -50 bp upstream to the TSS (bp), 

repression by CRISPRi is often best achieved when targeted to -50 to +300 bp relative to 

the TSS 28. This analysis and other high-throughput screens 8,39 suggest that CRISPRi and 

CRISPRa are most potent in proximity to the promoter and TSS regions, however these 

conclusions may vary for different dCas9 fusions, such as dCas9-LSD1 that attenuated 

expression in the enhancer region, but not in the promoter region 35. An additional 

caveat to this type of analysis is the difficulty in assessing epigenetic changes that may 

not affect transcription 6,10. 

Overall, targeted epigenome editing techniques, and CRISPR/Cas9 system, in 

particular, offer a unique platform that allows for easy and flexible targeting of many 

different domains that possess an epigenetic activity and present excellent specificity in 

their localized effect 9,10,28. 

2.3 Epigenome editing for functional epigenomics 

Despite a great breadth and depth of research, the epigenome is still far from 

being fully understood. Confounded by the wealth of epigenetic components and the 

presence of contradicting evidence in different cells 4, tissues, and organisms 2,70, it still 

can be challenging to draw general conclusions about this multi-layered system. It is 

particularly difficult to conclusively determine if any epigenetic mark causes a change in 

gene expression or simply correlates with it. An epigenetic mark could be the driver of a 
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transcriptional change or an element that provides fine-tuning or maintains epigenetic 

memory. Alternatively, its presence can be merely circumstantial or the byproduct of 

another mechanism. Many large-scale studies attempted to comprehensively assess the 

correlations between major epigenetic motifs and their associated function 2,4,5,48,70,83,87. 

The results showed a strong correlation with gene expression for some epigenetic marks, 

mainly methylation in CpG islands, CTCF binding, and histone marks on residues 

H3K4, H3K9, H3K27, and H3K36. However, a significant percentage of genes did not 

have some of these marks, undermining general conclusions about their functional role 

and necessity for gene transcription or silencing. A study by Pérez-Lluch et al. suggested 

that while the aforementioned histone marks are essential to the maintenance of the 

epigenetic memory in stably expressed genes, they may have a lesser effect in genes 

whose expression is temporary, which may rely on the activity of transiently-expressed 

TFs 33. Another confounding factor in interpreting these studies is the various contexts 

that may affect the function of epigenetic marks, for example, DNA methylation at a 

particular locus may have a functional role only in the presence of a specific 

transcription factor 72. 

Thus far, classic genetic studies facilitated inquiry of the function of epigenetic 

marks in a limited manner. However, the introduction of epigenome editing tools are 

enabling experimental designs that could help in disentangling the question of 

correlation vs. causality by specifically editing epigenetic marks in an isolated manner 
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and evaluating the effect on the gene target. Additional questions that epigenome 

editing tools may answer include: (a) Whether individual epigenetic marks depend on 

other marks, and what is the nature of this interaction? (b) What topological or 

structural outcomes epigenetic marks confer to the genome? (c) What are context-

dependent effects of epigenetic marks across different conditions, such as stimuli, cell 

types, organisms, and gene targets? 

Despite the promises that these tools hold, there are some pitfalls to these 

prospects that should be carefully reviewed before analyzing an experiment. As 

observed in several studies, certain epigenetic marks, such as H3K9me3 8, H3K27me3 12, 

H3K27Ac 6 and open chromatin 10 may be enriched in targeted loci, but they will not 

necessarily result in a transcriptional effect, whereas other studies demonstrated results 

that supported the opposite 140. Therefore, it is important to use negative controls in the 

form of mutants that lack catalytic activity. Moreover, steric effects and recruitment of 

co-factors can result in misinterpretation of data. Thus, it is advisable that the negative 

controls including DNA-targeting factors that are similar in size and structure for a 

proper comparison. 

Depending on the platform, epigenome editing studies often attempt to target 

the epigenetic modifier to several adjacent target sites. Using TALE-VP64 or dCas9-VP64 

fusions targeted to multiple adjacent sites within a gene promoter, Perez-Pinera et al. 

showed a synergistic effect in gene activation 7,146, whereas conversely Hilton et al. 
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showed that targeting a single site was comparable to targeting four sites using a dCas9-

P300 fusion 6. It is unclear under what conditions targeting multiple effectors to a 

particular locus will result in synergistic effects, although it is likely to be dependent on 

several factors. The advantages of using multiple targets may be a more robust effect, 

but it can also introduce more confounding factors, due to steric perturbations or 

additional interactions with native machinery in the locus. Ideally, targeting a single site 

would be possible to isolate extraneous variables, minimize off-target effects, and simply 

delivery of epigenome editing tools to cells. 

2.3.1 DNA methylation 

DNA methylation, most commonly the addition of a methyl group to cytosine, 

can be found in every living organism, but it has been mostly shown to be involved in 

gene regulation in mammals 81,82,147, where it is involved in major processes, such as 

imprinting, X chromosome inactivation, aging, and differentiation 47,64,111,112,148,149. 

Interestingly, roughly two thirds of the known transcription factors are affected by 

methylation, and about half of these factors have higher affinity to methylated regions, 

while the other half have lower affinity 72. However, the typical trend in primates 

suggests that DNA methylation is enriched in silenced promoters, heterochromatin, and 

actively transcribed regions 50,82. 

Due to its central role in development and disease, gene regulation by DNA 

methylation has been extensively explored 148. Nucleosomes that possess the H3K4me3 
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active mark cannot undergo de novo DNA methylation by a DNMT3A-DNMT3L 

complex 150 and strong correlations were observed between DNA methylation and 

presence of H3K27me3 and H3K36me3, but not H3K9me3, suggesting interactions 

between DNA methylation and histone methylation 47. Several epigenome editing 

studies have demonstrated activation of genes by targeting the DNA demethylase TET1 

to specific loci 101,102,135,136, and repression of genes was achieved by introducing CpG 

methyl groups to promoter regions by targeting DNMT3A 101,102,129,141,151. Interestingly, 

Amabile et al. silenced a gene promoter by introducing DNA methylation, and showed 

that only the DNA demethylase dCas9-TET1, but not the activator dCas9-VP160 or 

histone acetyltransferase dCas9-P300, could catalyze the reverse reaction and induce the 

expression of the gene 102. Furthermore, both Amabile et al. and O’Geen et al suggested 

that a sustainable, long-term silencing of a gene requires the targeting of both DNMT3A 

and DNMT3L, concurrently with either KRAB 102 or EZH2 12. Lastly, Liu et al. 

demonstrated that deposition of methyl groups in a CTCF-binding site can perturb its 

binding, interfere with DNA looping and lead to transcriptional changes of the genes in 

the region 101.  

These studies demonstrate the powerful promise of epigenome editing tools, and 

provide additional proof to the causal role of DNA methylation on regulation of gene 

expression. Furthermore, these technologies can serve to further probe the effect of DNA 

methylation on transcription factor binding, formation of topologically associated 
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domains (TADs), chromatin accessibility, and other aspects of genome structure and 

function. Also, applications of these tools in practice may be valuable for translational 

purpose, as increased DNA methylation has been linked to aging 111, Fragile X syndrome 

57-59, cancer 64,66, and other disorders. 

2.3.2 H3K4 modifications 

H3K4 trimethylation is often associated with active promoter regions, that shifts 

to di-methylation further from the TSS, while enhancers are often associated with 

H3K4me1 2,87. However, it is unclear whether these epigenetic marks have a direct 

functional role 29,33. In fact, the modENCODE project concluded that H3K4me3 is not 

present in 34% of the actively expressing promoters in Drosophila 70. Several studies 

have attempted to answer this question using classic genetic techniques.  By knocking 

down LSD1/KDM1 and SET1/MLL homologs in C. elegans, Katz et al. and Li et al., 

respectively, showed that H3K4me2 and H3K4me3 are not necessary for the active 

transcription of genes 78,152. However, they did observe phenotypes of impaired growth 

and function in germline cells, hence they both suggested that these epigenetic marks 

contribute to maintenance of epigenetic memory and play a role in processes of 

reprogramming. Similarly, a study of epigenomic data in fungi, plants, flies, and 

mammals demonstrated that the function of the H3K4me3 mark stems from its breadth, 

and not necessarily its intensity 88. In this study, knockdown of WDR5 reduced the 

breadth of the H3K4me3 mark, which led to reduced consistency of expression rather 
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than reducing expression levels, thereby supporting the previous studies which 

suggested that H3K4me3 has a role in maintaining the expression rather than driving it 

88. Similarly, Dorighi et al.  investigated the role of H3K4me1, which is associated with 

enhancer regions. They used catalytically mutated Mll3/4 which abrogated the 

deposition of the H3K4me1 mark in a mouse model. Their results suggested that gene 

expression did not change, and that Mll3/4 could still serve as long-range coactivator, 

independently of H3K4me1 activity. Additionally, they suggested that the active Mll3/4 

is necessary to Pol II recruitment in enhancer regions and eRNA transcription 29. 

Conversely, Yan and Chen et al. demonstrated in mouse ES cells that the complete 

deletion of Mll3/4 leads to reduced Cohesin-mediated looping interactions, which 

affected both gene expression and cell differentiation 153. 

Interestingly, H3K4 methylation correlates with many different epigenetic marks 

85,86, such as unmethylated CpG islands 150,154 and H3K27Ac 155. Furthermore, its co-

occurrence with H3K27me3 constitutes the bivalent or poised state of gene promoters in 

undifferentiated tissues 49,75,149,156,157. These bivalent promoters are characterized by the 

presence of both these activating and repressive marks in order to express genes at low 

levels or allow them to be rapidly activated during development or in response to 

external stimuli 157. Moreover, the distribution of H3K4 methylation correlates with the 

presence of HDACs 86, and introduction of various HDAC inhibitors in cancer cells 

resulted in overexpression of the demethylase JARID1A 158.  Furthermore, studying 
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bivalent promoter states in differentiating tissues demonstrated gene regulation by 

H3K4me2/3 that is dependent on PRC2/H3K27me3. Jadhav et al. examined bivalent 

promoters in stem cells with methyl marks on both H3K4 and H3K27. They found that 

in differentiated tissues, the expression of genes downstream of these promoters 

correlates with H3K4 methylation when PRC2/H3K27me3 repressive marks are 

removed, but otherwise they remain silenced 31. 

Using the CRISPR/Cas9 and zinc finger (ZF) protein platforms, Cano-Rodriguez 

et al. developed dCas9-PRDM9/ZF-PRDM9 fusions to deposit H3K4me3 in a targeted 

fashion 11. At some targets, they also deposited H3K79me3 marks, using dCas9-

DOT1L/ZF-DOT1L fusions. Their data suggested the possibility for a moderate gene 

activation in response to deposition of H3K4me3. Notably, deposition of H3K4me3 

alone was not enough to initiate transcription, and treatment with 5-azacitidine, a 

DNMT inhibitor, was necessary to achieve activation. In contrast, dCas9-VP64 did not 

require 5-azacitidine for gene activation. Interestingly, some gene promoters required 

the co-presence of the dCas9-DOT1L fusion, and no activation was observed at these 

genes when any one of the three epigenome editing components was missing. These 

data suggest that different genes may have a distinct regulatory architecture since the 

various fusions successfully deposited the respective histone marks independently, but 

no single mark led to increase in the transcription. Similarly, removal of H3K4me1 

marks by delivery of a dCas9-LSD1 fusion to an enhancer region leading to gene 
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repression, whereas it did not affect transcription when targeted to the corresponding 

promoter region 35. Furthermore, the application of LSD1-specific inhibition in leukemia 

models led to enrichment of H3K4me2/3 marks in specific promoters, reduced their 

expression, and induced differentiation and apoptosis 159,160. These data support the idea 

that H3K4 methylation affects a subset of regulatory regions, perhaps due to the 

presence of other epigenetic marks, however these results are also somewhat 

counterintuitive, as gene expression diminished despite an increase of H3K4 

methylation. 

2.3.3 H3K9 and H3K27 modifications 

Di- and Tri-methyl marks on H3K9 and H3K27 residues are associated with 

repressed chromatin 2. However, there are differences between these marks: H3K9me2/3 

is associated with heterochromatin domains 2,161, while H3K27me2/3 is associated with 

Polycomb-group protein (PcG) 2. Nevertheless, H3K27 methylation was shown to be 

more dynamic throughout development 33,47,73,162, and both H3K9 and H3K27 

methylation can persist through trans-differentiation 163 and transmit to germline and 

offspring 77,164. 

Foundational evidence to the causal role of H3K9 and H3K27 methylation in 

gene silencing in metazoans was initially obtained in C. elegans.  In this organism, 

inactivation of histone methyltransferases (HMTs) that deposit H3K9me1/2/3 165 and 

H3K27me3 166 leads to activation of silenced genes. Furthermore, both H3K9me3 77 and 
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H3K27me3 79 marks can be inherited across multiple generations. Although the basis for 

this epigenetic memory is not fully understood, DNA polymerase is involved in this 

process 166. Notably, there are key differences between the worm epigenome and the 

human or the fly epigenomes 48. For example, in worms, the H3K27me3 mark is often 

enriched in H3K9me3-rich regions, while in fly and human their co-occurrence is 

uncommon 48, suggesting that in worms H3K27me3 has a less dynamic or 

developmentally-regulated role than in flies 33,70 and mammals 73. Nevertheless, a 

comprehensive comparison of these epigenomes reveals high levels of conservation 

among the chromatin marks that are enriched in active/silent promoters, gene bodies, 

enhancers, and other structural domains 48. 

Several genetic studies demonstrated a causal relationship of depletion of H3K9 

methylation on gene activation, showing some remarkable effects on organismal 

phenotype 77,89,147,166. Anreiter et al. created a G9a-null mutant fly that changed the H3K9 

di-methylation pattern of the different foraging (for) promoters, demonstrating a 

transcriptional change that led to a change in the behavior of the organism 167. Similarly, 

Heller et al. created two zinc-finger fusions, G9a and p65, which added H3K9me2 or 

H3K9Ac marks, respectively, at the Fosb locus 168. Expression of these fusions in the 

mouse brain led to moderate transcriptional and translational changes, however the 

treated mice indeed displayed corresponding behavioral changes, relating to addiction 

and depression, hence supporting the causal role of H3K9 histone modifications. 



 

55 

Furthermore, in disease models of Prader-Willi syndrome 169 and progeria 170, depletion 

of H3K9 methylation levels by a novel G9a-inhibitor, which depleted H3K9me2, or 

deletion of SUV39H1, which depleted H3K9me3, respectively, led to gene activation and 

alleviation of disease symptoms. 

Collectively, these results suggest causal role of H3K9 methylation in gene 

silencing, and highlight its potential to affect gene expression through epigenome 

editing. Consequently, the dCas9-KRAB fusion, which enriches H3K9me3 at its target 

sites, is often used to identify loci which are amenable to gene repression 8,9,28,39. 

However, KRAB is a scaffold protein that is known to recruit the methyltransferase 

SETDB1 and HP-1a. Hence, additional endeavors were made to target other specific 

H3K9 methyltransferase fusions, including SUV39H1 and G9a, in order to specifically 

understand the function of those enzymes. By using an inducible system to bind 

SUV39H1 to the MS-2 loop within an engineered gRNA, Braun et al. demonstrated 

H3K9me3 enrichment and reduction of gene expression at the locus targeted by the 

gRNA/dCas9 complex 140. Similarly, targeting a dCas9-G9a[SET] fusion ([SET] denotes 

the truncated SET domain) to a particular gene led to significant enrichment of 

H3K9me3 and decreased transcription 12. However, similar gene repression was also 

observed when a dCas9-SUV39H1[SET] fusion was used but did not enrich for 

H3K9me3 marks, suggesting that the repression could have been the result of steric 

effects or unrelated to the H3K9 methyltransferase activity of G9a 12. 
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Other studies of H3K27 methyl marks have revealed similarly complex 

relationships. While H3K9 methylation often correlates with silent promoters 2,4,70, 

H3K27 methyl marks are often associated with developmentally- or differentially-

regulated genes 33,48,162,171,172, and can be present both on active and inactive genes 31,162,173. 

Additionally, H3K27me2 and H3K27me3 marks are not synonymous and may drive 

distinct outcomes. By mutating EZH2 in embryonic stem cells (ESCs), Juan et al. 

engineered the enzyme to favor the trimethyl state, resulting in more differentiated ESCs 

that displayed an increased propensity to a neural fate 30. In fact, Ferrari et al. 

demonstrated that H3K27me2 marks are present on 70% of total H3 and contribute to 

cell identity by reducing cell type-independent transcription 174. 

A strong association between H3K27 methylation and PcG is observed in genes 

that are linked to development, differentiation, and cancer 113,156. Jadhav et al. used a 

conditional knock-out of the EED polycomb protein in the mouse gut to show a causal 

role for PRC2/H3K27 methyl marks in repression of H3K4me2/3-rich promoters 31. 

Interestingly, Bonev et al. characterized changes in gene expression, H3K27me3 marks, 

Polycomb binding, and DNA topology during neuronal differentiation, and while all the 

other parameters underwent vast changes, H3K27me3 distribution remained unchanged 

73. In cancer, the abnormal activity of PcG is pronounced and results in elevated levels of 

H3K27me3 175, recruitment of DNMTs, increased DNA hypermethylation, and gene 

silencing 113,176,177. Nonetheless, Kondo et al. demonstrated that gene silencing is 
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independent of DNA methylation and relies on increased polycomb activity 114. Gliomas 

that possess the H3K27M mutation, which leads to reduction in H3K27me3 levels, have 

increased sensitivity to treatment with EZH2 inhibitor, suggesting that H3K27me3 may 

assist the binding of PRC2, but is not sufficient for gene silencing 115. Collectively, these 

data suggest that methylation of H3K27 alone is not sufficient for gene silencing but may 

correlate with or facilitate repression by PcG.  

Similar to targeted editing of H3K9, some divergent results were observed in the 

case of H3K27 methylation. O’Geen et al. employed a dCas9-based approach to direct 

H3K27 methylation to specific loci 12. They created dCas9-EZH2 and -EZH2[SET] 

fusions, and observed a similar transcriptional repression with both fusions, despite that 

H3K27me3 marks were only deposited by the full length EZH2 fusion, suggesting that 

the repression did not require the H3K27me3 marks. However, when they combined the 

EZH2 fusion with dCas9-DNMT3A-3L fusions, they observed a persistent long-term 

repression only with the full-length dCas9-EZH2 construct. Conversely, Braun et al. 

used a different dCas9-based approach in which the MS-2 loop attracts the BAF complex 

and directs gene activation, corresponding reduced H3K27me3 and increased H3K4me3 

140. Although no controls with catalytically inactivating mutants were used, this effect 

was observed only in one out of seven genes that they targeted. These studies, when 

compared to data above, suggest that directed deposition and removal of H3K27 methyl 
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marks may carry a change in gene expression only for a subset of genes, may be context-

dependent, and may be necessary to constitute an epigenetic memory. 

2.3.4 Chromatin architecture and structural domains 

The organization of chromatin is highly conserved and genome architecture has 

been shown to correlate with gene expression, DNA methylation, histone marks, and 

nuclear compartments 48,73,74,178,179. In general, this organization segregates into two 

modes, cohesin-dependent and cohesin-independent structure 180. Cohesin is essential to 

the formation of topologically-associated domains (TADs), which are insulated loops 

that span kilo- and mega-base pairs of actively-transcribed or repressed genes 71,73,74,178,180. 

The boundaries of TADs are typically defined by the CCCTC-binding factor CTCF, 

which is required to maintain the insulation of the TAD. Interestingly, DNA methylation 

can affect CTCF-binding which may result in the dissolution of loops and affect 

transcription of the genes in the TAD and its neighboring loci 76,101,179,181,182. Lamina-

associated domains (LADs are a specific type of silenced TADs that localize to the 

nuclear lamina. LADs often have high levels of DNA methylation and coincide with 

genes that are differentially expressed in development and cancer 122,179,183. 

Independently, the genome divides into sub-compartments in a manner that is 

not cohesin-dependent, but rather correlates with histone modifications. High resolution 

imaging of immuno-stained histone marks in ESCs demonstrates a remarkable co-

localization with nuclear compartments 122. For example, H3K9me2 marks visibly 
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localize to the nuclear lamina and denote peripheral heterochromatin, while H3K9me3 

marks are a hallmark of nuclear heterochromatin compartments, which often condense 

long chromosomal regions as well as pericentric regions 48. Other modifications on 

histone residues such as H3K4, H3K27, H3K36, H4K16, and H4K20 divide into, at least, 

six groups that localize or express differently in the nucleus 74,162. Overall, these studies 

define a strong correlation between histone marks and the 3D structure of the genome. 

Recently, two different studies demonstrated that removal of cohesin leads to 

complete depletion of loop domains and Hi-C peaks 180,184. This radical change resulted 

in a stronger cohesin-independent genome segregation that correlated with histone 

marks. Remarkably, these major changes to DNA architecture led to only a modest effect 

on overall gene expression, mostly decreasing transcription in regions that are in 

proximity to super-enhancers. In order to precisely perturb chromatin looping and 

study downstream effects, Morgan et al. developed a dCas9-based tool that connects 

two genomic regions upon treatment by a chemical dimerizing agent, resulting in a de 

novo loop 143. They demonstrated that induction of the artificial loop between active 

enhancer and promoter may lead to moderate increase of gene expression, Pol II 

occupancy and H3K4me3 marks. This builds on previous studies of forced looping 

leading to changes in gene expression at the globin locus 185. However, these results were 

observed only in genes that are already actively transcribed in the cell, and the ability to 

activate silent genes by forced looping of enhancers to promoters is unclear. 
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Interestingly, loop associations increased when RNA helicases were knocked down, 

resulting in sustainable gene expression and loop conservation, even after the 

dimerizing agent was washed out 143. Lastly, DNA methylation by dCas9 fusions can 

lead to changes of DNA architecture, including DNA loops and pericentromeric regions 

101,186. For example, methylation of CTCF-binding sites was shown to disrupt looping 

activity and insulation, resulting in mild activation of neighboring genes 101. 

2.3.5 Summary 

The work reviewed here highlights the valuable insights and promising 

opportunities gained through the investigation of the structure and function of various 

epigenetic marks via both classical genetics and targeted epigenome editing. However, 

only a small fraction of possible epigenetic targets has been investigated. Other histone 

modifications, in addition to other regulatory components such as PcG or SWI/SNF, 

carry an important functional role in gene regulation, DNA repair, nucleosome 

accessibility, and other processes. A non-exhaustive list of other major histone 

modifications implicated in important cellular functions include: H2BK20Ac, H3K9Ac, 

H3K27Ac, H3K36me3, H3K56Ac, H3K79me3, H4K16Ac, and H4K20me3. As the 

understanding of enzymes responsible for modulating these marks increases, the power 

of epigenome editing to create a diversity of epigenetic states will grow exponentially.  

In summary, despite tremendous progress the field still faces many quandaries. 

Why does targeting epigenome editing tools to the same gene in different cell-lines 
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presents different results 12? Why are some genes or loci are more responsive to 

epigenome editing than others 11,13,140? Why does epigenome editing often result in 

moderate changes to expression, leading to questions about the functional role of 

individual modifications, how they interact, and what is necessary to elicit a potent 

activation/repression of a gene? Why do some epigenetic changes persist, while others 

are transient? What components are necessary and sufficient to create epigenetic 

memory? What is the interplay between different epigenetic markers, transcription 

factors, and downstream effect they engender? These questions describe the rich 

opportunity for epigenome editing technologies to dramatically increase our 

understanding of epigenetics. Furthermore, these questions motivate the development 

of universal comprehensive toolbox of epigenome editing technologies that facilitate 

programmable and predictable outcomes. 

2.4 Epigenome editing for therapeutic applications 

2.4.1 Epigenetic therapy 

Epigenetic aberrations are observed in many different diseases, and play a 

central role in disease progression and outcome 26,66,93. Epigenetic dysregulation has been 

demonstrated in almost every type of cancer, as well as immune response in disease 

125,171,187,188 and neuronal and metabolic syndromes 53,55,56,58-60,62. DNA methylation is tightly 

linked to the natural process of aging, which is also associated with late-onset diseases 

111,112,170,189,190. Therefore, application of epigenome editing tools in treating disease is an 
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intriguing possibility. Similar to gene therapy, epigenome editing therapy could use 

similar delivery platforms that were already developed and tested in human, such as 

viral vectors and nanoparticles. 

Clinical practice of epigenetic therapies is limited and currently only small 

molecule inhibitors epigenetic effectors such as DNMTs and HDACs are prescribed to 

treat specific types of cancer 67. Ongoing research of other small molecules that target 

epigenetic components is expansive and has resulted in the discovery of more than a 

dozen chemical compounds that effectively treated cancer in preclinical studies, such as 

inhibitors of BET domain 65, Dot1L 123, EZH2 115, G9a 124 and LSD1 159. Interestingly, some 

of these molecules suggested the possibility of treatment in other diseases besides 

cancer, such as Prader-Willi syndrome 60,169 or Fragile X syndrome 191. However, these 

approaches use chemical modulators of epigenetic functions that act globally, when only 

targeted manipulation of a specific epigenetic state is desired. Therefore, application of 

targeted epigenome editing tools in disease could completely revolutionize epigenetic 

therapy. The introduction of targeted therapy that is aimed at core components of gene 

regulation could minimize side-effects that may stem from global changes to gene 

regulation. Moreover, targeted epigenetic therapy may also be applied in different 

diseases to directly or indirectly compensate for the loss of gene expression,  such as the 

activation of pro-survival neurotrophic factor GDNF in Parkinson’s Disease 192. It could 

also be used to treat monogenic diseases by activation of an  X-linked or imprinted 
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healthy allele or by silencing of the mutant allele as demonstrated in repression of the 

mutant huntingtin in Huntington’s disease 193. Another exciting application of 

epigenome editing is the creation of epigenetic disease models, where epigenome 

editing tools can be used to simulate the epigenetic landscape of a disease, despite a 

healthy genome, allowing to dissect the contribution of epigenetic components to the 

phenotype, 

Epigenome editing can also be used to induce specific cell fates, such as 

pluripotency 137, myocytes 194, and neuronal fates 138. This application is particularly 

important since epigenetic marks, and specifically H3K9me3 and H3K27me3, play a 

central role in determining cell lineage specification 47, are carried through induction of 

pluripotency 195, and are linked to diminished efficiency of trans-differentiation 163,196. 

Overcoming these barriers may prove useful in a variety of promising applications 

including personalized medicine, where patient-derived cells can be screened ex vivo for 

response to different therapies, and regenerative medicine, where proper programming 

of cell and tissue function is critical. 

2.5 Future directions 

2.5.1 Interactions between epigenetic factors and transcription 
factors 

Pioneer transcription factors possess the capacity to promote widepspread 

epigenetic reprogramming and induce global transcriptional changes 47,49,73,149. Similarly, 

epigenetic marks and chromatin accessibility can determine the affinity and likelihood 
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transcription factor binding to DNA 72,178,181. Epigenome editing tools can serve as a 

powerful platform to characterize the nature of this relationship and understand which 

epigenetic components contribute to this process and how they do so. Furthermore, 

defining and understanding the epigenetic characteristics of a locus may serve as a 

platform that would enable various biochemical analyses of epigenetics 15,197. 

Additionally, combining this platform with cutting edge technologies, such as STORM 

(stochastic optical reconstruction microscopy) 198, DNA-PAINT 199 and MERFISH 200, 

would add a spatial component to our understanding of the general dynamics and 

kinetics of epigenetic modifications. This approach can help to disentangle questions of 

correlation and causality, as it captures genetic and epigenetic changes in real time while 

directly monitoring a single site in a single cell. 

2.5.2 Epigenetic manipulation by base editing 

The epigenome is largely an outcome of the DNA sequence, epigenetic memory, 

and interactions with environmental factors. Evidence collected from genetic variation 

and disease association studies demonstrates the significant effect that SNPs in non-

coding region possess, suggesting that single base changes can result in major epigenetic 

outcomes 93. Additionally, cohesin-depletion studies suggest that the DNA architecture is 

well embedded in its sequence, as it readily reforms to its original shape when cohesion is 

restored 180,184. Thus, some studies have sought to predict the epigenome by from DNA 

sequence 32,157. These attempts were only moderately successful, and additional studies 

demonstrated that binding of transcription factors may be a stronger predictor of 
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epigenetic modifications than DNA sequence alone 201. Current innovative techniques of 

targeted base editing 202,203 should be extremely helpful in better understanding the 

interactions between DNA sequence and the epigenome. Thus, although this route is not 

epigenome editing per se, but rather genome editing, it can ultimately increase our 

understanding of epigenome formation and maintenance, allowing us to better understand 

the capabilities and limitations of epigenetic editing. Moreover, this approach can 

complement current and prospective methods of epigenetic editing, since it may allow to 

engineer transcription facator binding sites or DNA architecture in a predictable fashion. 

Because current base editing tools are restricted based which transitions and transversion 

are possible, PAM distribution, and the corresponding allowable window of base editing 

adjacent to the gRNA target site, the continue development of next generation base 

editing technologies will be essential to realizing the full potential of this area of 

research. 

2.5.3 Screening opportunities 

High throughput genetic screens are a powerful technique to scan many 

conditions and parameters for a desired phenotype. Traditionally, genome-wide screens 

for regulators of gene expression randomly introduced mutations, deletions, or 

integrations to disrupt genetic elements. A central challenge in these experiments was 

mapping the mutation or deletion responsible for conveying the phenotype of interest. 

This was partly mitigated by the development of RNAi-based screens, although these 

were still limited by inadequate specificity and predictability of gene knockdown. 

Moreover, all of these genetic screening strategies focused on loss-of-function screens.   
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The advent of CRISPR-based screens with libraries of gRNAs, and especially pooled 

screens with CRISPR epigenetic activations and repressors, have had a tremendous effect 

in overcoming many of these difficulties. In particular, this has enabled the high-

throughput functional interrogation of non-coding regulatory elements, such as enhancers 

regions 8,39,94.  

Despite the major contribution of these screening techniques, they are largely 

focused on selecting on the downstream effects of gene regulation or other cell 

phenotypes, rather than screening directly for changes in specific epigenetic marks at 

specific sites. To perform screens of specific epigenetic states, it is necessary to develop 

novel reporters or single-cell measurements that would directly assess epigenetic changes 

in a locus-specific manner. In the meantime, however, it is still possible to conduct 

screens that select hits based on one or more highly specific epigenetic modifications 86, 

and assay for transcriptional changes, or employ super-resolution microscopy in screens 

of a smaller scale 15. Moreover, indirect screens of epigenome editing can use the 

CRISPR/Cas9 platform to target dCas9-based libraries of epigenetic components, such as 

transcription factors, histone modifiers, or even chemical compounds, for example by 

using the intein system 142. 

Lastly, synergistic relationships exist among various transcription factors 204, 

epigenetic marks 86 and between these two groups 72. Therefore, an enticing prospect is to 

screen well-characterized regulatory regions with different combinations of transcription 

factors and/or epigenome editing tools, to further elucidate the complex relationship 

between gene expression, various chromatin marks, DNA architecture, chromatin 
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accessibility and DNA-binding affinity. The results of such a broad and deep study could 

significantly expand our understanding and application of epigenetic reprogramming 

tools. 

 

 

Figure 4: Epigenome editing – future directions 

Epigenome editing may be harnessed for many different applications. Through 

site-directed introduction of a specific epigenetic mark, it may be possible to characterize 

the functional role of epigenetic marks in gene regulation, chromatin architecture, 
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genome stability, and other cellular processes. Similarly, incorporating spatial 

information through superresolution microscopy may facilitate an understanding of 

how these epigenetic markers operate. Integrating additional epigenetic modifications 

into this proposed system may increase understanding of how epigenetic marks work 

when combined. Additionally, genome-wide screens with epigenome editing tools 

enable the identification and characterization of novel noncoding gene regulatory 

elements. Overall, these endeavors may contribute to improving current protocols that 

direct cell fate identity, disease modeling, regenerative medicine, and epigenetic 

therapy. Abbreviations: Ac, acetylation; DBD, DNA-binding domain; Me, methylation. 
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Chapter 3. Development of Novel CRISPR-Guided 
Epigenetic Modifiers 

3.1 Introduction 

Regulation of genes is a complex and hierarchical process that is determined by 

various factors, often divided to genetic and epigenetic elements. Since most somatic 

cells share the same genomic sequence, it has been hypothesized that the expression of a 

gene is determined by an epigenetic code that can also be described through a host of 

processes which were shown correlate with gene expression, such as DNA methylation, 

histone tail modifications, chromatin accessibility and DNA architecture 2-4,50,70-74.  

Among these components of the epigenetic landscape, previous studies demonstrated 

histone tail modifications to be main predictors of gene expression, specifically 

highlighting residues on histone H3 lysine 4 (H3K4), lysine 9 (H3K9), lysine 27 (H3K27), 

and lysine 36 (H3K36) and histone H4 lysine 20 (H4K20) to be more essential for an 

accurate prediction 2,4,70,205,206. However, there have also been multiple observations 

which show gene expression that deviates from the “canonical” epigenetic code. For 

example, Perez-Lluch et al. showed a host of actively transcribed genes during the fly 

development that lack any canonical active marks, such as mono- or tri-methyl marks on 

H3K4, or acetyl marks on H3K9 and H3K27 33, and Zhang et al. showed that H3K27 

acetylation is dispensable for enhancer activity in mouse embryonic stem cells 207. In 

2017, Dorighi et al. showed that H3K4 mono-methylation is unnecessary for promoters 

to transcribe 29, and in 2014, Zhang et al. showed that genes in yeast can be transcribed 
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from heterochromatic regions despite the absence of active chromatin marks 208. In spite 

of these studies, and although only a mild correlation has been observed between 

individual chromatin marks and gene expression levels 4, the clustering of several 

epigenetic marks would sometimes yield a stronger correlation 5,47,83,86,87,205,206, suggesting 

that while some chromatin marks may be causative, others may be an outcome of 

parallel processes. Moreover, studies that attempt to draw whole-genome correlations 

inherently possess several shortcomings, such as coarse resolution and relying on cells 

that have reached a steady state, thus possibly overlooking outliers and transient effects 

that may be in disagreement with the current paradigm. For example, some studies 

demonstrate how actively perturbing the expression of a gene may lead in itself to 

epigenetic changes, such as accumulation of trimethyl marks at H3K27 209, while other 

studies demonstrate how changes in gene expression are subsequent to changes in 

chromatin 210,211. These findings, altogether, raise the possibility that the “epigenetic 

code” is more intricate than previously thought, and is likely to involve additional 

processes of feedback and crosstalk between its various components. 

Thus, to better understand epigenetic regulation, it is necessary to design and 

develop new targeted technologies that would possess the ability to edit individual 

epigenetic marks. In recent years, this endeavor has been facilitated by the discovery 

and application of multiple gene-targeting platforms such as zinc-fingers (ZFs), 

transcription-activator-like effectors (TALEs) and CRISPR/Cas9 (clustered, regularly 
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interspaced, short, palindromic repeat / CRISPR-associated protein 9). While each of 

these platforms was successfully utilized for targeted gene activation or repression when 

fused to a catalytic domain 128,146,192,193, CRISPR/Cas9 has become the leading platform for 

this purpose due to high specificity 9, simplicity of scaling up to target thousands of 

genomic regions at once 8,39,40,212, and the relative ease of adding functional modules to 

this platform 131,132,143. Prominently, the utility of the dCas9 for gene repression or gene 

activation engendered two main sub-technologies: CRISPRi (CRISPR interference) and 

CRISPRa (CRISPR activation). The CRISPRi and CRISPRa platforms have been both 

optimized and are considered a powerful tool in turning on and off transcription from 

gene promoters, as well as from enhancers 6-8,28,39,40,128,130,131,145,212. The main effector used 

for CRISPRi is the Krüppel-associated-box (KRAB) domain, which is derived from the 

ZFP10 protein 9,128. Moreover, certain studies have demonstrated that stronger or longer 

gene repression may be achieved when dCas9-KRAB is supplemented with MeCP2 213, 

HP1 214, and the DNA methyltransferase domains DNMT3A and DNMT3L 34,101,102,129. 

CRISPRa, on the other hand, has been utilized with multiple different activator domains, 

such as VP16 (or VP64, its tetramer) 7, P300 6 and P65 130. These domains and others are 

sometimes combined to obtain more potent activation 40,139. Of particular interest to this 

study, there is a class of CRISPR-based tools where dCas9 is tethered to an enzyme that 

is known to directly catalyze changes in histones tail modifications or CRISPR-GEMs. In 

the past few years, only about a dozen CRISPR-GEMs, comprising of various catalytic 
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domains, were developed and shown to effectively manipulate chromatin marks and 

gene expression 6,11,13,14,35,102,140,215. In summary, induction of gene expression by these 

studies was shown to be dependent on DNA methylation 11,102 and could be associated 

with methylation of H3K4 and H3K79 11,140,215 or acetylation of H3K27 6.  In contrast, 

attempts to repress gene expression by introducing repressive marks proved to be more 

challenging and yielded a few unexpected results. For example, deacetylation of H3K27 

13 showed only marginal decrease in gene expression levels, and enrichment of methyl 

marks at H3K9 or H3K27 did not always lead to reduced gene expression levels. 

Interestingly, there were cases in which gene repression was observed in the absence of 

changes to chromatin marks 13,14, suggesting additional modes of repression, either by 

steric hindrance or by recruitment of additional endogenous factors that carry an 

unknown effect. Overall, despite major technological advancements that allow complete 

epigenetic characterization of a plethora of cell types from multiple origins, it is still a 

fundamental challenge to disentangle cause from effect in the crosstalk between gene 

expression and its epigenetic landscape. One of the leading paths to tackle this problem 

is the creation of reliable epigenome editors, that could easily and efficiently target loci 

of interest.  

In this chapter, we used the CRISPR/Cas9 platform to develop novel targeted 

epigenome editors to catalyze specific histone tail residues H3K9 and H327 which are 

strongly associated with gene expression in the promoter region 2,4, but have also been 
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implicated in disease 26,216-221. In addition, we expanded our selection to involve the 

underexplored residue H4K16, due to recent studies that linked it to various medical 

conditions 36,218,222-227. Toward this goal, we created several novel dCas9 fusions with the 

catalytic domains or full-length proteins: HDAC8 228, KAT8 229,230, PHF8 231-234, SIRT6 235,236 

and SETDB2 237. We demonstrated the ability of our newly developed CRISPR-GEMs to 

alter gene expression and deposit/remove specific chromatin marks. Lastly, we 

demonstrated the application of our novel tools in a CRISPRi screen to uncover 

regulatory elements in the B2M locus. This screen led to four interesting observations: a) 

surprisingly, we were able to induce higher transcription levels, by presumably, 

targeting insulator/silencer sequences. b) We uncovered the big component that steric 

hindrance has in conventional CRISPRi screens. c) Due to its strong repressive potential, 

when utilized in CRISPRi screens, dCas9-KRAB may depict a somewhat coarse image of 

regulatory regions in the vicinity of a gene. When we used our novel CRISPR-GEMs we 

were able to obtain a refined image of the regulatory elements of B2M and their 

respective locations in the genome. d) Although, our CRISPR-GEMs did not 

demonstrate strong repressive potential similarly to dCas9-KRAB, we were still able to 

pinpoint interesting regions where our tools proved to be superior to the commonly 

used KRAB domain. 
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3.2 Materials and methods 

3.2.1 Plasmid construction 

To create various CRISPR-GEMs, P300(core) was excised from a plasmid 

backbone which included dCas9-P300(core) (Addgene #83889). Sequences of effectors 

were picked by custom designed primers from cDNA that originated in HEK-293T (or 

by ordering of a gene block from IDT-DNA for SIRT6) and were cloned into previously 

mentioned backbone using Gibson assembly (NEB, E2611L). Catalytically inactive 

effectors were created by overlap extension PCR, where mutated sequences were 

introduced with custom primers, amplified, and cloned into the same vector as 

described before. All plasmids were validated by sequencing. 

Individual guide RNAs (gRNAs) sequences were ordered as oligonucleotides 

(IDT-DNA), phosphorylated, hybridized, and cloned according to their application. For 

all experiments which used 2 gRNAs, gRNAs were cloned into a lentiviral eGFP-P2A-

BlastR backbone that originated from the optimized SpCas9-sgRNA plasmid (Addgene 

#51024) where Puro-mCherry was replaced with eGFP-P2A-BlastR from Addgene # 

83925. Experiments which involved 4 gRNAs used Addgene #84034, which expresses 4 

gRNAs from four different promoters. 

3.2.2 Cell lines and transfection 

HEK-293T and K562 cells were procured from the American Tissue Collection 

Center (ATCC, Manassas VA) through the Duke University Cell Culture Facility. 
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HEK293T and K562 cells were cultured in Dulbecco’s modified Eagle’s medium 

(DMEM) and RPMI 1640, respectively, supplemented with 10% FBS and 1% 

penicillin/streptomycin and maintained at 37°C and 5% CO2. Depending on harvest day 

and type of assay, transfections were either performed in 24-well or 6-well plates using a 

total amount 1000 ng or 5000 ng plasmid DNA, respectively, mixed with Lipofectamine 

3000 (Life Technologies, #L3000008) as per manufacturer’s instruction. For gene 

expression and ChIP assays, CRISPR-GEMs, gRNA-1 and gRNA-2 plasmids were 

transfected in a 2:1:1 mass ratio (If one multiplex gRNA plasmid was used, the 

fusion:gRNA plamsids ratio was 1:1) . Cells were propagated until day of harvest as 

described for each experiment. 

3.2.3 Quantitative RT-PCR (RT-qPCR) 

RNA was isolated using the RNeasy Plus RNA isolation kit (Qiagen, #74136). 

cDNA was synthesized with the SuperScript VILO cDNA Synthesis Kit (Invitrogen, 

#11754250). Real-time PCR was performed by either using PerfeCTa SYBR GreenFastMix 

(Quanta Biosciences, #95072-012) or PerfeCTa FastMix II for probe-based assays (Quanta 

Biosciences, #95118-012) with the CFX96 RealTime PCR Detection System (Bio-Rad). The 

results are expressed as fold-increase expression of the gene of interest normalized to 

RPS29 (B2M screen) or GAPDH (all other experiments) expression using the ΔΔCt 

method. 
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3.2.4 Chromatin immunoprecipitation RT-qPCR (ChIP-qPCR) 

ChIP was performed using the EpiQuik ChIP Kit (EpiGentek, #P-2002-3) 

according to manufacturer’s instructions with 0.5M cells and 2μg antibody per IP. 

Soluble chromatin was immunoprecipitated with antibodies against H3K9Ac (Abcam, 

#ab4441),  H3K27Ac (Abcam, #ab4729), H4K16Ac (Sigma-Millipore, #07-329) and 

H3K9me3 (Abcam, #ab8898) and genomic DNA (gDNA) was purified for qPCR analysis. 

All sequences for ChIP-qPCR primers can be found in Table 1 qPCR was performed 

using PerfeCTa SYBR GreenFastMix (Quanta Biosciences, #95072-012) and the data are 

presented as fold-change gDNA relative to negative control (gRNA only) and 

normalized to a region of the GAPDH locus for H3K9Ac, H3K27Ac, H4K16Ac or to a 

region of the MYOD1 locus for H3K9me3. 

3.2.5 Production of lentivirus and transduction 

Approximately 4 million HEK-293T cells were plated per 10-cm tissue-culture 

polystyrene dish. Twenty-four hours later, the cells were transfected using the calcium 

phosphate precipitation method with pMD2.G (Addgene #12259) and psPAX2 

(Addgene #12260) second-generation envelope and packaging plasmids as well as 

gRNA/CRISPR-GEM that was intended to be packaged in the lentivirus. The medium 

was exchanged 12-16 h post transfection, and the viral supernatant was harvested 24 h 

and 48 h after this medium change. The viral supernatant was passed through a 0.45-
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mm filter and concentrated to 66X using a Lenti-X Concentrator (Clontech, #631280) in 

accordance with the manufacturer’s protocol. 

For gene expression and ChIP experiments, transduction of target cells was 

performed first for CRISPR-GEM expressing virus at 20X in the presence of 4 µg/mL 

polybrene (Santa Cruz, #sc-134220), which was followed by 48 h recovery and then 3 d 

selection with puromycin (Sigma, # P8833). Subsequently, CRISPR-GEM expressing cells 

were transduced with gRNA expressing virus at 5X in the presence of 4 µg/mL 

polybrene and were later validated for >98% expression of fluorescent marker under a 

fluorescent microscope. 

3.2.6 Design and preparation of B2M gRNA Library 

The genomic sequence of the gene B2M was extracted from the UCSC Human 

Genome Browser (coordinates chr15:45,003,685-45,010,357 in the human genome 

assembly GRCh37/hg19) in addition to the regions which are located 7.5 Kb upstream 

and 7.5 Kb downstream to the gene (~21.7Kb in total) . This sequence was further 

analyzed by a python script to generate a list which includes every sequence that can be 

targeted by SpCas9 (20nt-ngg protospacers), however it also removed all protospacers 

that included a 7-mer or 75% of the of the same nucleotide within its sequences. In 

addition, each protospacer that had more than a single target in the human genome 

(http://www.rgenome.net/cas-offinder/) was also removed. In the end of this process, 

there were 1750 gRNAs, in addition to 250 non-targeting gRNAs that were picked from 
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the Weissman library **. The gRNA library was synthesized by Twist BioScience, PCR 

amplified using Q5 hot start polymerase (NEB, #M0493L), and purified product was 

cloned using Gibson Assembly (NEB, E2611L) into a gRNA-expressing plasmid 

(Addgene #83925) as previously described (Klann 2018, Screening Regulatory Element 

Function with CRISPR/Cas9-based Epigenome Editing). The resulting plasmids were 

purified and packaged into lentivirus as described above and later transduced into 

HEK293T cells at MOI of 0.5 at 300X coverage. The cells were allowed to recover for 2 

days and then were selected with Blasticidin (Invitrogen, #A1113903) at a concentration 

of 10 µg/mL for 5 days. 

3.2.7 B2M Screen, staining and Fluorescence-Activated Cell Sorting 
(FACS) 

To maintain 300X coverage, 1 million cells were plated in a 6-well tissue-culture 

polystyrene dish and after 24 h they were transfected using 5ug CRISPR-GEM plasmid 

DNA with Lipofectamine 3000 (Life Technologies, #L3000008). At day 5 post 

transfection, cells were washed once with 1X PBS, dissociated with 0.25% trypsin-EDTA 

(Thermo Fisher, #25200056), pelleted by centrifugation and resuspended in FACS buffer 

(1X PBS, 1% BSA, 2mM EDTA) at a concentration of 108 cells / mL. PE anti-human B2M 

antibody (Biolegend, #395704) was introduced to the cell concentrate at 1:50 dilution and 

the cells were placed on an orbital shaker for 30 min at 4C. Next, 1 mL FACS buffer was 

added to the cells, followed by 5 min centrifugation at 1000g and resuspension at FACS 

buffer at 5X107 cells / mL. Using the SH800 cell-sorter (Sony Biotechnology) cells were 
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sorted into two bins, low and high, which were based on their PE-expression levels: 

where low denotes bottom 10% PE-expressing cells and high denotes top 10% PE-

expressing cells. 1 million cells were collected for each bin of each treatment of the 

experiment, which was done in 3 replicates. gDNA was extracted from the collected cells 

using DNeasy Blood and Tissue Kit (Qiagen, #69506) and gRNA sequences were 

amplified with barcoded primers using Q5 hot start polymerase (NEB, #M0493L). 

Indexed libraries were validated for quality and size distribution using the Tapestation 

2200 (Agilent) and quantified by Qubit 2.0 (Invitrogen) prior to multiplex pooling and 

sequencing at an Illumina MiSeq sequencer. Reads were aligned to the designed library 

using a proprietary python script counts for each gRNA were extracted and used for 

further analysis. All enrichment analysis was done with R. Individual gRNA enrichment 

was determined using the DESeq2 package to compare between high and low condition, 

and differential expression was determined with DESeq2 238. 

 

3.3 Results 

3.3.1 Design and development of CRISPR-GEMs 

To expand the epigenome editing toolkit, we designed novel CRISPR-guided 

epigenome modifiers (CRISPR-GEMs) consisting of two fused domains: a dCas9 moiety 

to allow specific-targeting across the genome with a single guide RNAs (sgRNA) and an 

epigenetic modifier moiety to catalyze the removal or deposition of specific histone 
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marks that are associated with gene regulation. As stated previously, we chose to focus 

creating CRISPR-GEMs that would modify histone residues H3K9 and H4K16. Thus, we 

picked two epigenetic modifiers that are associated with gene activation, KAT8 and 

PHF8, as well as three effectors that are associated with gene repression: SETDB2, 

HDAC8 and SIRT6 (Fig. 5A). These proteins were used for the creation of C-terminal 

dCas9 fusions in a plasmid, which we later used for delivery, either by transfection with 

lipofectamine, or by lentiviral transduction. 

Both HDAC8 and SIRT6 are members of the HDAC protein family, and they 

have been shown to catalyze the removal of acetyl marks from histones H3 and H4 

228,235,236,239. To investigate the individual effect H3K9 trimethylation, we chose to use the 

SETDB2 methyltransferase, an enzyme that is known to specifically catalyze this histone 

modification 237. The full length SETDB2 measures 719 amino acids (aa), however due to 

known size limitations of lentivirus-based delivery, we preferred to remove 126 aa from 

the N-terminal side of the enzyme, still maintaining the SET and pre-SET catalytic 

domains on the 593 aa portion, which was ultimately fused to dCas9. PHF8 is a 1060 aa 

demethylase that possesses activity toward H3K9me1/2, H3K27me1/2, and to a lesser 

degree, toward H4K20me1 231-234. For similar reasons as previously suggested, size 

limitations induced us to clone only the 415 aa N-terminal part of PHF8, which contains 

both PHD and JumonjiC domains. Lastly, we cloned KAT8, also known as hMOF or 

MYST, which is considered to be the only H4K16 acetyltransferase 229,230,240. 
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Additionally, to better assess the catalytic activity of the CRISPR-GEM fusions, 

and account for indirect effects that may be due to steric hindrance or recruitment of 

endogenous factors, we created mutant versions for each novel CRISPR-GEM in 

addition to utility of dCas9 on its own. For all fusions but SETDB2, we used previously 

described mutations that were shown to ablate their deacetylase activity: 

HDAC8D101A/Y306F228, SIRT6H113Y235, KAT8K274R, PHF8H283A, while for SETDB2 we created a 

new variant, SETDB2C293L/C295P, which relied on its shared homology with SETDB1 as well 

as previously described mutations in SETDB1 that were shown to impair its 

methyltransferase activity 241. In addition, as a positive control in our experiments, we 

used previously published dCas9 fusions of the P300 (core) 6 and KRAB 9,128 domains, 

that were shown to effectively activate or repress genes, respectively.  Previous studies 

demonstrated that the acetyltransferase P300 (core) leads to enrichment of H3K27Ac 

marks in target loci, while KRAB is known to promote enrichment of H3K9me3 and 

deacetylation of H3K27 marks 9,35. 
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Figure 5: Development and Characterization of CRISPR-GEMs. 

a) Schematic of novel CRISPR-GEMs displaying activator CRISPR-GEMs (PHF8, 

KAT8, P300 and VP64) and repressor CRISPR-GEMs (KRAB, HDAC8, SIRT6, SETDB2) 
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in the context of the lentiviral construct of the plasmids that were used in this study. Size 

of effectors is adjacent to labeled domains (aa – amino acids); Mutated catalytic domains 

are denoted by “Mut.” alongside the mutation that was introduced to abrogate their 

catalytic activity. b) Effects of activator CRISPR-GEMs on gene expression and 

chromatin marks. qRT-PCR of activator CRISPR-GEMs shows modest activation of 

FGF4 and IL1RN (left); ChIP-qPCRs for H3K27Ac and H4K16Ac (middle) and for 

H3K9me2 and H3K27me2 (right) demonstrate acetylation and demethylation of target 

loci, respectively. (fold-change compared to non-treated, NT; N=3; IL1RN-10 days post-

transduction in K562; FGF4- 5 days post-transfection in HEK293T; Welch’s test; *p<0.05) 

c) Effects of repressor CRISPR-GEMs on gene expression and chromatin marks. qRT-

PCR of repressor CRISPR-GEMs shows repression of FMR1 (left); ChIP-qPCRs for 

H3K9Ac, H3K27Ac and H4K16Ac (middle) and for H3K9me3 (right) demonstrate 

removal and deposition of chromatin marks at target locus, respectively. (fold-change 

compared to non-treated, NT; N=4 for NT, N=3 for all other conditions; 10 days post-

transduction in K562; Welch’s test; *p<0.05, **p<0.01) 

 

3.3.2 Characterizing the effects of activator CRISPR-GEMs on gene 
expression and chromatin 

To demonstrate the ability of activator CRISPR-GEMs to induce transcription, we 

selected two target genes that are silenced in the tested cell-lines (Fig. 5B). First, we 

targeted the IL1RN gene in K562 with 4 gRNAs that were previously shown to induce 

gene expression with dCas9 -VP647 and -P3006. We were able to demonstrate induction 

of the target gene with P300, KAT8 and PHF8 of 38-, 3.6- and 2-fold compared to the 

non-treated, respectively (day 10 post-transduction; N=3; Welch’s test, P<0.05). Next, we 

targeted in HEK293T a different gene, FGF4, for which we were able to identify 2 potent 

gRNAs (data not shown). Measuring FGF4 expression levels in HEK293T five days post-

transfection revealed that P300, KAT8 and PHF8 were able to activate the target gene by 

4111-, 4.2- and 2-fold compared to non-treated, respectively (N=3; Welch’s test, P<0.05). 

These data showed that both KAT8 and PHF8 were able to achieve modest activation of 
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their target genes, whereas P300 showed stronger activation in comparison. Next, we 

were interested in comparing the effects of CRISPR-GEMs on chromatin. Thus, we 

conducted ChIP-qPCR on target loci. First, we measured the effects of both 

acetyltransferases P300 and KAT8 on target loci. While we could not discern significant 

effects of any effector at the IL1RN locus, we observed strong enrichment of H3K27Ac 

and H4K16Ac by KAT8 in the FGF4 locus of 5.02- and 5.19-fold compared to non-

treated, respectively (5 days post-transfection; N=3; Welch’s test, P<0.05). Interestingly, 

while P300 led to much stronger activation of FGF4 transcription than KAT8, we 

witnessed milder enrichment of H3K27Ac and H4K16 by P300 (~2-fold for both marks). 

Next, we assessed the impact of P300 and PHF8 on methyl marks in target loci. While 

we observed that both P300 and PHF8 led to comparable depletion of H3K27me2 by 80-

90% at the IL1RN locus, at the FGF4 locus only PHF8 led to significant depletion of 

H3K9me2 and H3K27me2 marks by 0.33- and 0.44-fold compared to non-treated, 

respectively (N=3; Welch’s test, P≤0.05). In conclusion, we showed that both KAT8 and 

PHF8 resulted in expected changes to chromatin, while the effect of P300 on histone 

marks was very moderate. These changes in chromatin do not necessarily translate to 

changes in gene expression, where P300 demonstrated stronger capacity to activate 

target genes.   
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3.3.3 Characterizing the effects of repressor CRISPR-GEMs on gene 
expression and chromatin  

Fragile X syndrome is driven by trinucleotide repeats in the FMR1 (fragile X 

mental retardation 1) locus, which lead to gene silencing, depletion of its encoded 

protein FMRP, neuronal death and mental retardation242. Furthermore, various 

epigenetic processes, such as DNA methylation and histone deacetylation, were shown 

to be involved in the prognosis of this syndrome57-59,191,218. Therefore, we reasoned that 

testing our novel CRISPR-GEMs in this locus could provide an infrastructure for the 

development of an “epigenetic disease model”, i.e. a genetically intact model that 

simulates the epigenetic landscape of a disease. 

Subsequently, we aimed to characterize the effects of repressor CRISPR-GEMs on 

gene expression and chromatin marks in K562 cells at the FMR1 locus using a lentiviral 

delivery system (Fig. 5C). To this end, we created polyclonal cell-lines that express the 

various CRISPR-GEMs, transduced them with 4 gRNAs at day 0, and assayed for gene 

repression at day 10. RT-qPCR data revealed that all effectors (HDAC8, SIRT6, SETDB2) 

led to reduced FMR1 expression levels between 0.16- and 0.61-fold compared to non-

treated (n=3; Welch’s test, p<0.05). Interestingly, also catalytically mutated versions of 

HDAC8 and SIRT6 led to similar changes in expression, suggesting the possibility that 

steric hindrance led to these changes. 

Next, we tested the effects of repressor CRISPR-GEMs on chromatin and 

observed that both KRAB and HDAC8 led to similar reduction of H4K16Ac of 0.49- and 
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0.53-fold, respectively (n=3; Welch’s test, p<0.05). This effect was not observed by 

HDAC8-Mut., suggesting that the wildtype catalytic domain of HDAC8 led to this 

change. Furthermore, we observed that both KRAB and SIRT6 led to strong depletion of 

acetyl marks at H3K9 and H3K27. These changes by SIRT6 were especially stark when 

compared to SIRT6-Mut., for example we observed 0.49- vs. 1.49-fold change in levels of 

H3K9Ac (n=3; Welch’s test, p<0.05). Similarly, SIRT6 reduced H3K27Ac to 0.79-fold vs. 

1.47-fold by SIRT6-Mut. compared to non-treated (n=3; Welch’s test, p<0.01). These 

results demonstrate that functional dCas9 -HDAC8 and -SIRT6 lead to desired 

chromatin changes, while their mutated versions are inactive. Additionally, we showed 

that SETDB2 led to enrichment of H3K9me3 levels at the target locus by 4.15-fold (n=3; 

Welch’s test, p<0.05). 

3.3.4 CRISPR-GEM screen uncovers novel regulatory regions in the 
B2M locus 

Beta-2 microglobulin (B2M) is a component of the major histocompatibility 

complex (MHC) class I, and thus it is considered an enticing target for translational 

purposes. For example, both stem cells and tumor cells that were B2M-deficient 

exhibited lower immunogenicity and were shown to readily transplant due to their 

impaired ability to present antigens 243-245. Therefore, we decided to test our array of 

novel repressor CRISPR-GEMs in the B2M locus in a non-biased manner, demonstrating 

proof-of-concept, a method to utilize CRISPR-GEMs for the purpose of highlighting 

putative regulatory elements in an underexplored genomic region. 



 

87 

To this end, we designed a screen (Fig. 6A) that is based on a 1751 gRNA library 

that saturate the ~22kb region of the B2M gene (the B2M gene is located in its center), in 

addition to 250 non-targeting gRNAs that would serve as control. We cloned this library 

into a lentiviral vector and transduced it at 0.5 MOI into HEK293T cells, followed by 5-

day selection with blasticidin. We began the screen by transfecting into the cells the 

array of repressor CRISPR-GEMs we previously developed, followed by staining with 

PE-conjugated α-B2M Ab at day 5 post-transfection, and we then sorted the cells into 

two bins of top- and bottom- 10% fluorescence. Further analysis revealed which gRNAs 

were enriched in each treatment (Fig. 6B). While we saw that the overwhelming majority 

of the downregulating gRNAs in all conditions were centered in a ~100bp region that 

spans exon 1 and intron 1, we also observed that KRAB managed to demonstrate 

significant repression of B2M over a region that extends ~1kb downstream to exon 1, 

suggesting it is less sensitive to distance from regulatory elements. Interestingly, we also 

observed that all non-catalytic fusions showed enrichment of downregulating gRNAs in 

the exon1-intron1 limited region, indicating that steric hindrance at this region is 

sufficient to manufacture gene repression. 

Surprisingly, although we used in this screen repressor CRISPR-GEMs alongside 

their catalytically inactive counterparts, we still found a substantial number of gRNAs 

that led to an increase of B2M expression levels (Fig. 6C). Using dCas9-KRAB, we found 

more than 140 gRNAs which led to B2M upregulation (adj. p-value<0.05), and similarly, 
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we found 32 and 26 gRNA that led to B2M upregulation with HDAC8 and SIRT6, 

respectively. Interestingly, in the case of KRAB and SIRT6, we observed less than 10% 

overlap between upregulating gRNAs of catalytically active fusions and catalytically 

inactive fusions. These finding suggest that this upregulation may be due to the 

epigenetic activity of these fusions and it is possible that they altered the function of 

repressive gene regulatory elements, such as insulators or silencers. 

Additionally, using dCas9-KRAB we were able to identify 391 gRNAs that 

repressed B2M (adj. p-value<0.05), while, in comparison, using HDAC8, SIRT6 and 

SETDB2 we found 12, 25 and 9 gRNAs that reduced B2M expression levels, respectively. 

The overlap between catalytically active fusions and catalytically inactive was low 

(<10%) among KRAB and HDAC8, while it was somewhat higher among SIRT6 and 

SETDB2 (~45%). 

3.3.5 Combining CRISPR-GEMs and CRISPRi screens results in high-
resolution mapping of regulatory elements in the B2M locus 

We reasoned that while the analysis of the KRAB data resulted in a low-

resolution image of B2M regulatory elements, combining all significant gRNAs from all 

conditions may result in a finer ability to identify B2M cis-regulatory elements. Thus, we 

counted how many times each gRNA was found significant (adj. p-value<0.05) across all 

conditions and plotted it against the genomic coordinates of B2M (Fig. 6D). This analysis 

resulted in a high-resolution image of putative enhancers and possible 

insulators/silencers, that can be targeted by various CRISPR-GEMs. Since this analysis 
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includes catalytically inactive fusions, it holds the caveat that some of this regions would 

only be affected by catalytically active fusions, however the stark convergence of 

significant gRNAs into particular genomic regions highlights the possibility to carry out 

high-resolution CRISPR-based screens that take advantage of the steric hindering 

property of dCas9 and other CRISRP-GEMs. 

3.3.6 Novel repressor CRISPR-GEMs expand the utility of CRISPR 
screens and can be superior to dCas9-KRAB in discrete cases 

Lastly, we proceeded to validate four gRNAs of particular interest. First, we 

validated two gRNAs that were shown to upregulate B2M in the original screen (Fig. 

6E). To this end, we transduced gRNA #332, which is located ~4kb upstream to the 

transcription start site (TSS) of B2M, and gRNA #758, which is located ~3kb downstream 

to the TSS of B2M in an intronic region, followed by transfection of CRISPR-GEMs. In 

both cases, we witnessed a formidable activation (1.22 to 1.44-fold compared to non-

treated), that was markedly potent with SIRT6 and SETDB2 (day 3 post-transfection; 

N=2; One-way ANOVA, Dunnett’s post-hoc correction, P<0.05). Although, in both 

regions, we observed stronger effect by novel CRISPR-GEMs than with dCas9-KRAB or 

dCas9 on its own, these changes were also observed with the catalytically inactive 

versions of both fusions, suggesting that this change is possibly mediated by recruitment 

of additional factors that are unrelated to the main catalytic activity of the effectors. 

Next, we validated two gRNAs that were shown to downregulate B2M in the original 

screen (Fig. 6F). To this end, we transduced gRNA #231, which is located 287bp 
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upstream to the transcription start site (TSS) of B2M, and gRNA #1628, which is located 

~5kb upstream to the TSS of B2M, followed by transfection of CRISPR-GEMs. Five days 

later, we measured B2M levels and witnessed that dCas9-KRAB and gRNA #231 led to 

significant reduction (0.69-fold compared to NT; Welch’s test, p<0.01). However, when 

we used gRNA #1628 to target the CRISPR-GEM array, we noticed that HDAC8 was the 

fusion the led to the strongest repression (0.7- vs. 0.96-fold of HDAC8-Mut. compared to 

non-treated; n=2; Welch’s test p<0.01), while delivering KRAB resulted in milder 

repression of 0.81-fold compared to non-treated (Welch’s test, p=0.0529). Although the 

latter results were in accordance with the results of the original screen, they indicate that 

repression by KRAB and HDAC8 (or other CRISPR-GEMs) do not always overlap, and 

the usage of various CRISPR-GEMs has the potential to reveal different regulatory 

elements. 
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Figure 6: CRISPR-GEM screen in the B2M locus 

a) Diagram showing the CRISPR-GEM screen setup. ~1750 gRNAs targeting the 

B2M locus and 250 non-targeting gRNA were cloned into a lentiviral vector. HEK293T 

cells were transduced with the gRNA library at 0.5 MOI and selected with blasticidin for 

5 days. Cells were seeded and transfected with various CRISPR-GEMs, stained with PE-

conjugated α-B2M Ab at day 5 and sorted into top- and bottom- 10% bins. gDNA was 

extracted, and gRNA sequences were quantified using PCR and next-generation 
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sequencing. b) Adjusted p-value was calculated for each gRNA in every treatment 

(denoted above each graph) and plotted against its relative genomic location in the B2M 

locus (non-targeting gRNAs are separated on the left broken part of the horizontal axis). 

Upregulating gRNAs are colored in blue, and downregulating gRNAs are colored in 

red. c) All gRNAs which had an adjusted p-value<0.05 regardless of the treatment were 

counted and their count was plotted against the B2M locus. Upregulating gRNAs are 

colored in green, and downregulating gRNAs are colored in red. d) Venn-diagram 

representation of overlap of gRNAs (adjusted p-value<0.05) among different conditions. 

Upregulating gRNAs are plotted on top, while downregulating gRNAs are plotted at 

the bottom. e) Validation of upregulating gRNAs at day 3 post-transfection (fold-change 

compared to no effector, NT; one-way ANOVA, Dunnett’s post-hoc correction *p<0.05, 

**p<0.01, ***p<0.001; n=2). f) Validation of downregulating gRNAs at day 5 post-

transfection (fold-change compared to no effector, NT; Welch’s test**p<0.01; n=2). 

 

3.4 Discussion  

 The discovery of CRISPR/Cas9 has created a fecund infrastructure for large-scale 

multiplexed screens to interrogate the genome and the epigenome in a variety of 

conditions 8,28,39,145. This advent led to the creation and utilization of powerful activation 

and repression platforms, such as CRISPRa and CRISPRi, which took advantage of 

potent activating and repressing domains. Although, these powerful techniques proved 

very useful, scalable, and specific in targeted manipulation of gene expression, they still 

fail to illuminate the epigenetic mechanisms that govern these changes. In addition, 

there have been multiple attempts to create CRISPR-based epigenome editors that 

comprise of enzymes that catalyze specific chromatin modification.  These attempts, 

however, sometimes raise more questions than before, which may be the result of 

diminished activity of fusions, wrong duration of the experiment, or equally plausible, 

our misunderstanding of epigenetics and incorrectly drawing causality from 
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correlations. O’geen et al. demonstrate these conundrums very well in their study, 

which showed that deposition of H3K9me3 marks did not results in gene repression, 

while they sometimes managed to achieve gene repression regardless of deposition of 

repressive marks 14. Therefore, we aimed to develop novel CRISPR-GEMs that would 

possibly be able to disentangle some of these questions and prove to be useful in various 

applications. 

In this chapter, we created five novel CRISPR-GEMs: KAT8, PHF8, HDAC8, 

SIRT6 and SETDB2. The first two are considered to deposit activating histone marks, 

while the latter three are considered to enrich for repressive histone marks. We have 

shown here that all novel CRISPR-GEMs were able to deposit the expected chromatin 

marks in genomic context, and also affected transcription. Moreover, we applied the 

repressor CRISPR-GEMs in a screen of the B2M locus to uncover unknown regulatory 

elements. This screen included the widely used KRAB domain, and highlighted the 

added value of using additional epigenome modifiers to create a finer resolution image 

of unknown regulatory elements. Moreover, we demonstrated the underexplored utility 

of CRISPR-based repressors to increase transcription by targeting of insulators/silencers. 

Despite strong correlations between chromatin marks and gene expression, it is 

still unclear if they affect each other or are the result of parallel processes. In this chapter, 

our activator CRISPR-GEM data showed that KAT8 led to stronger acetylation levels at 

the FGF4 locus than P300 (2-fold), although P300 led to higher expression of the FGF4 
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mRNA (~250-fold). A similar comparison of PHF8 and P300 suggested similar 

conclusions regarding demethylation of H3K9me2 and H3K27me2 at the same locus. 

These confounding results suggest a few non-exclusive hypotheses: a) P300 operates 

through additional factors to bolster transcription b) the chromatin marks which we 

tested for do not regulate transcription. 

Additionally, we showed here that the repressor CRISPR-GEMs that we 

developed can efficiently edit histone modification in the FMR1 locus. Interestingly, we 

observed that the changes to mRNA expression levels did not necessarily correlate with 

changes to histone marks. For example, we observed that HDAC8 and HDAC8-Mut. led 

to similar repression of FMR1, while only catalytically active HDAC8 was able to reduce 

H4K16Ac levels in target locus. Similarly, SIRT6 and SIRT6-Mut. led to similar 

repression of FMR1, however only catalytically active SIRT6 could effectively reduce 

H3K9Ac and H3K27Ac levels. These observations are similar to previously mentioned 

results by O’Geen et al. and could be due to multiple reasons: a) Changes to gene 

expression lag after changes to chromatin marks 210, and it may be necessary to test the 

gene expression levels at a later time point. b) There is a certain threshold that needs to 

be met for changes in transcription to happen. c) The positioning of the chosen gRNAs is 

not ideal to differentiate between catalytically active and catalytically inactive fusions, 

thus the changes we observed to gene expression may merely reflect the outcome of 

steric hindrance. 
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Interestingly, the B2M screen could provide an answer to some of these 

questions. Although using KRAB resulted in a substantially larger number of significant 

gRNAs, we were still able to identify gRNAs /genomic positions that respond to 

HDAC8, for example, while KRAB or HDAC8-Mut. les to smaller effect on gene 

expression. Moreover, we witnessed that KRAB was able to lead to gene repression from 

expansive regions, suggesting that the huge repressive complex that is recruiting drives 

its potent ability to cause repression from a distance that is farther than other CRISPR-

GEMs. In addition, we found a surprisingly high number of gRNAs that were able to 

significantly affect B2M expression by dCas9 and other catalytically inactive fusions, 

suggesting that results of CRISPRi screens are often “confounded” with steric hindrance 

driven data. Although, it does not diminish from these data, it raises a question about 

the necessity of the epigenetic component that is often attributed to CRISPRi 

applications. In fact, we harnessed this unexpected result to depict a high-resolution 

image of the B2M locus, where we embedded a handful of unknown regulatory regions, 

that are likely to be enhancer, insulators, and silencers. 

Lastly, we explored another aspect of repressor CRISPR-GEMs that was 

previously underexplored, activation by repressors. We showed that there are cases, 

which we were able to induce higher expression of target genes by targeting 

aforementioned insulators/silencers with our novel CRISPR-GEMs, resulting in higher 

expression levels than by targeting with known CRISPR-based tools. 
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In summary, in this chapter, we developed and characterized five novel CRISPR-

GEMs, that may prove to be highly useful in future research and will be further explored 

in Chapter 4 to probe kinetics and dynamics of gene repression. 
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Chapter 4. Using Novel CRISPR-GEMs to Characterize 
Kinetics and Dynamics of Gene Repression 

4.1 Introduction 

The KRAB domain that is pervasively used in CRISPRi (CRISPR interference) 

systems is a 65 amino acid domain that was shown to serve as a recruitment scaffold for 

a multitude of other proteins, including KAP-1, SETDB1, HP1, as well as multiple 

members from the HDAC family 241,246,247. In addition to its robust gene repression 

capability, dCas9-KRAB was shown to drive the deposition of trimethyl marks on H3-

Lys9 (H3K9me3) and H3-Lys27 (H3K27me3) as well as the removal of acetyl marks from 

H3-Lys27 (H3K27Ac) 9,35. However, while previous studies have shown these chromatin 

marks to correlate with gene expression in promoter regions 2,4,50, there have been 

multiple studies which demonstrated that these marks are not sufficient for gene 

repression 14,207,208, or may be the result of declining transcription levels 209. Conversely, 

there is abundant evidence which contradicts these findings and suggests that epigenetic 

marks determine expression of genes 11,140,210. 

Furthermore, there are additional facets to this question that impede our ability 

to properly investigate the relationship between epigenetics and gene regulation. First, 

there seems to be substantial variation between different genes and epigenetic 

landscapes (or cell types) that can greatly influence the outcome 102,140,248, thus 

complicating our ability to draw general conclusions. Second, different epigenetic 

modifiers and chromatin modifications distinguish in their kinetics, hence there may be 
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some increased variation and heterogeneity, inherent to the process, which impede our 

ability to connect between changes that operate asynchronously 15,140,210.  Third, it has 

been demonstrated that certain epigenetic marks are coordinated together11,150, thus it is 

possible that effective changes in gene expression may require a combination of changes 

in multiple epigenetic marks. Fourth, currently the ability to assay for gene expression 

levels and chromatin changes in the same cell is technically challenging. In addition, the 

ability to isolate individual components in cells that constantly express transcription 

factors that negate external changes may further complicate our ability to discern sound 

conclusions about the crosstalk between epigenetic regulation and gene expression. 

Despite these difficulties, we aimed in this chapter to explore the kinetics and 

dynamics of gene repression. Specifically, to overcome possible issues of context-

dependent repression, we decided to select target genes that are more likely to be 

responsive to our proposed epigenetic editing. Additionally, we selected to use the three 

repressor CRISPR-GEMs, which we previously introduced in chapter 3: HDAC8, SIRT6 

and SETDB2, and compare them to the KRAB domain and the catalytically inactive 

dCas9. Furthermore, to account for confounding effects that may result from delivery of 

dCas9 or any of the CRISPR-GEMs, for each experiment we elected to test the entire 

array of CRISPR-GEMs and their catalytically mutated versions in addition to dCas9. 

An important aspect of this study was the attempt to better characterize 

differences in activity and kinetics between the novel CRISPR-GEMs we developed, 
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therefore we carried out the experiments over three time points and in three different 

loci. By performing this extensive characterization, we were able to uncover meaningful 

differences in the kinetics of the various novel CRISPR-GEMs, allowing future users to 

decide which technology would best fit their needs. Furthermore, we aimed to better 

understand if and how context-dependent repression operates, and to further explore 

the relationship between various epigenetic marks. Thus, we investigated whether 

combinatorial targeting of CRISPR-GEMs would cause a synergistic effect on gene 

repression, and lastly, we expanded our experiments from HEK293T, an embryonic 

kidney cell line, to A549, a lung cancer cell line, in order to test how established 

dynamics of repression in one cell line would translate to another.  

4.2 Materials and methods 

4.2.1 Plasmid construction 

The CRISPR-GEM plasmids that were cloned in Chapter 3 were used in this 

chapter as well.  Individual guide RNAs (gRNAs) sequences were ordered as 

oligonucleotides (IDT-DNA), phosphorylated, hybridized, and cloned according to their 

application. To generate the HDAC8 knock-out cell-line, gRNAs were cloned into a 

Cas9-2A-GFP backbone (Addgene #48138). For all other experiments, gRNAs were 

cloned into a lentiviral eGFP-P2A-BlastR backbone that originated from the optimized 

SpCas9-sgRNA plasmid (Addgene #51024) where Puro-mCherry was replaced with 

eGFP-P2A-BlastR from Addgene # 83925. 



 

100 

4.2.2 Cell lines and transfection 

HEK-293T and A549 cells were procured from the American Tissue Collection 

Center (ATCC, Manassas VA) through the Duke University Cell Culture Facility. Cells 

were cultured in Dulbecco’s modified Eagle’s medium (DMEM) and Ham’s F12 

(Kaighn’s) medium, respectively, supplemented with 10% FBS and 1% 

penicillin/streptomycin and maintained at 37°C and 5% CO2. Depending on harvest day 

and type of assay, transfections were either performed in 24-well or 6-well plates using a 

total amount 1000 ng or 5000 ng plasmid DNA, respectively, mixed with Lipofectamine 

3000 (Life Technologies, #L3000008) as per manufacturer’s instruction. To generate the 

HDAC8 knock-out cell-line, both Cas9-gRNA plasmids were introduced to the cells in a 

1:1 ratio, and for gene expression and ChIP assays, CRISPR-GEMs, gRNA-1 and gRNA-2 

plasmids were transfected in a 2:1:1 mass ratio. Cells were propagated until day of 

harvest as described for each experiment. 

4.2.3 Generation of HDAC8 knock-out cell-line 

200,000 HEK-293T cells were seeded in a 24 well-plate, and a day later were 

transfected with two Cas9-2A-GFP plasmids (1:1 ratio) that express gRNAs that target 

the first exon of HDAC8. A day later the bulk population of cells was resuspended in 

FACS buffer (1X PBS, 1% BSA, 2mM EDTA) and top 2% GFP-expressing cells were 

sorted using the SH800 cell-sorter (Sony Biotechnology) and plated into single colonies 

in a 96-well plate with fresh DMEM medium. Medium was replaced every 4-5 days until 
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formed colonies were visible under a microscope (2 weeks), and then were split and 

expanded into 48-well plate. DNA from colonies was extracted using QuickExtract 

(Lucigen, #QE09050) and was amplified with HDAC8 specific primers and Q5 hot start 

polymerase (NEB, #M0493L), products were visualized on a 1.2% agarose gel alongside 

a wildtype control to assess which colonies showed the deletion band. Gel bands at the 

correct size were excised with QIAquick Gel Extraction Kit (Qiagen, #28706) and 

subsequently sequenced using commercial Sanger sequencing services. Positive colonies 

were further propagated and used for validation by western blot and further gene-

expression assays.   

4.2.4 Western blot 

20 μg of protein was loaded for SDS PAGE and transferred to a nitrocellulose 

membrane for western blots. Primary antibody α-HDAC8 (Biolegend, #685503) was 

used at 1ug/ml and was followed by HRP goat α-mouse (Sigma, #A8924) at 1:5000 

dilution in TBST + 5% Milk. HRP-conjugated primary antibody α-GAPDH (Sigma, 

#G9295) was used at 1:5000 dilution in TBST + 5% Milk. Membranes were exposed after 

addition of ECL (Bio-Rad, #170-5060). 

4.2.5 RNA-seq and selection of target genes 

RNA-seq was performed on both wildtype and HDAC8 knock-out HEK-293T 

cell lines. RNA was isolated from cells using the RNeasy Plus mini kit (Qiagen, #74136) 

and 500 ng of purified mRNA was used for the preparation of both libraries with 
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Universal Plus mRNA-Seq (Nugen, cat. #508203) as per manufacturer’s instructions. 

Indexed libraries were validated for quality and size distribution using the Tapestation 

2200 (Agilent) and quantified by Qubit 2.0 (Invitrogen) prior to multiplex pooling and 

sequencing at the Duke University Genome Sequencing Shared Resource facility. 

Libraries were pooled and 75 bp single end reads were sequenced on a NextSeq 500 

(Illumina), de-multiplexed and then aligned to the HG19 transcriptome using HISAT2. 

Transcript abundance was calculated using htseq-count on the Galaxy platform 249. 

To identify genes that may be more amenable to editing by CRIPR-GEMs, we 

filtered RNA-seq results only for protein-coding genes of TPM>0.5 which also showed 

enrichment above 2-fold in the HDAC8 knock-out cell line compared to the wildtype 

HEK-293T. We then used publicly available database (UCSC genome browser, 

http://genome.ucsc.edu/) and identified H3K27Ac peaks that are in close proximity to 

candidate genes that were previously found verified by RT-qPCR. To further narrow 

down the list of genes, repression was assessed by co-transfection of HDAC8 knock-out 

cell-line with newly designed gRNAs (Table 2) and CRISPR-GEMs in a 96-well plate. 

RNA was extracted using Cells-to-Ct kit (Invitrogen, #4402955) and RT-qPCR was 

performed to determine corresponding levels of expression. 

4.2.6 Quantitative RT-PCR (RT-qPCR) 

RNA was isolated using the RNeasy Plus RNA isolation kit (Qiagen, #74136). 

cDNA was synthesized with the SuperScript VILO cDNA Synthesis Kit (Invitrogen, 
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#11754250). Real-time PCR was performed by either using PerfeCTa SYBR GreenFastMix 

(Quanta Biosciences, #95072-012) or PerfeCTa FastMix II for probe-based assays (Quanta 

Biosciences, #95118-012) with the CFX96 RealTime PCR Detection System (Bio-Rad). The 

results are expressed as fold-increase expression of the gene of interest normalized to 

RPS29 expression using the ΔΔCt method. 

4.2.7 Chromatin immunoprecipitation RT-qPCR (ChIP-qPCR) 

ChIP was performed using the EpiQuik ChIP Kit (EpiGentek, #P-2002-3) 

according to manufacturer’s instructions with 0.5M cells and 2μg antibody per IP. 

Soluble chromatin was immunoprecipitated with antibodies against H3K9Ac (Abcam, 

#ab4441),  H3K27Ac (Abcam, #ab4729), H4K16Ac (Sigma-Millipore, #07-329) and 

H3K9me3 (Abcam, #ab8898) and genomic DNA (gDNA) was purified for qPCR analysis. 

All sequences for ChIP-qPCR primers can be found in Table 1 qPCR was performed 

using PerfeCTa SYBR GreenFastMix (Quanta Biosciences, #95072-012) and the data are 

presented as fold-change gDNA relative to negative control (gRNA only) and 

normalized to a region of the GAPDH locus for H3K9Ac, H3K27Ac, H4K16Ac or to a 

region of the MYOD1 locus for H3K9me3. 

4.2.8 Production of lentivirus and transduction 

As described previously in subsection 3.2.5. 
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4.3 Results 

4.3.1 Generation of a HDAC8 knock-out cell-line to identify novel 
responsive target genes 

Previously, in chapter 3, we have demonstrated the ability of novel CRISPR-

GEMs to deposit desired chromatin marks at target loci, but we observed that the effects 

of gene expression were comparable to their catalytically inactive counterparts. Thus, we 

adopted a goal-oriented approach to first uncover candidate genes that may be 

responsive to the novel CRISPR-GEMs. Since two of our effectors are from the HDAC 

family, we aimed to create a knock-out cell-line of either HDAC8 or SIRT6, identify 

differentially expressed genes, and test how well the HDAC-based CRISPR-GEMs 

repress them. To create the knock-out cell-line, we used the CRISPR/Cas9 nuclease 

system and designed gRNAs that flank the first exon of the target gene (Fig. 7A). We 

then cloned those gRNAs into a vector that expresses Cas9-2A-GFP and co-transfected 

both plasmids into wildtype (WT) HEK293T cells. Next, we used fluorescence-activated 

cell sorting (FACS) to isolate the top 2% GFP-expressing cells and seeded them 

separately in a 96-well tissue culture dish. We allowed the clones to recover and 

proliferate for 3 weeks, and then we assayed the clones for deletion of HDAC8 or SIRT6 

using polymerase chain reaction (PCR) with primers that overlap their first exon. While 

we were unable to identify homozygous colonies of a SIRT6 deletion (data not shown), 

we were able to identify the colony ΔHDAC8-3, which demonstrated a homozygous 

deletion band of HDAC8 (Fig. 7B). To further validate the knock-out of HDAC8, we 
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excised the PCR bands of ΔHDAC8-3 and the WT cell-lines and performed sanger 

sequencing of those products which showed a precise deletion as expected. Lastly, to 

confirm that the HDAC8 protein is no longer expressed in ΔHDAC8-3, we conducted a 

Western blot assay on both ΔHDAC8-3 and the WT cell-lines, showing that indeed 

HDAC8 is not expressed in ΔHDAC8-3 (Fig. 7C). 
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Figure 7: Generation and characterization of HDAC8 knock-out cell-line 
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a) A workflow for the HDAC8 knock-out generation. Cas9-2A-GFP expressing 

plasmids that include gRNA cassettes flanking the first exon of HDAC8 were co-

transfected in HEK293T cells, and top 2% GFP-expressing clones were further analyzed 

to generate a HDAC8 knock-out. b) Gel electrophoresis of clones ΔHDAC8 1-4. Genomic 

DNA was amplified with PCR primers surrounding exon 1 of HDAC8, visibly showing 

HDAC8 deletion band. c) Validation of HDAC8 knockout by a western blot. Wildtype 

HEK293T and ΔHDAC8-3 were stained for HDAC8 demonstrating successful deletion 

of HDAC8. d) Change in expression of candidate genes for CRISPR-GEM targeting (as 

fold-change expression of ΔHDAC8-3 relative to wildtype HEK293T). RT-qPCR results 

(normalized to RPS29; N=2 experiments) are compared to RNA-seq (as TPM levels in 

ΔHDAC8-3 divided by TPM levels in wildtype HEK293T ratio; N=1). 

 

4.3.2 CRISPR-GEMs repress selected target genes in ΔHDAC8-3 and 
wild-type HEK293T cell-lines  

To identify candidate target genes that are upregulated in the ΔHDAC8-3 cell-

line, we conducted RNA-sequencing of both ΔHDAC8-3 and WT HEK293T, calculated 

abundance of transcripts, and were able to identify 188 protein-coding transcripts that 

showed at least 0.5 transcripts per million (TPM), and were at least doubly enriched in 

the ΔHDAC8-3 cell-line (TPM levels in ΔHDAC8-3 compared to TPM levels in WT > 2). 

To further narrow these 188 transcripts, we used publicly available ChIP-seq tracks from 

UCSC genome browser (http://genome.ucsc.edu/) to design a pair of gRNAs for 13 genes 

that we clearly could observe H3K27Ac peaks in the vicinity of their promoter (-500 to 

+500 bp from TSS). In addition, we validated the RNA-seq expression ratios for the 13 

candidate genes by RT-qPCR as well as for GAPDH (Fig. 7D) and corroborated that 10 

out of the 13 candidate genes showed an expression ratio above 1.5. We also observed 

that the GAPDH ratio by RT-qPCR was 0.669 (normalized to RPS29, which remained 

stable according to RNA-seq data) compared to the 0.87 ratio which was observed by 
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RNA-seq, thus we chose to use RPS29 as endogenous control in subsequent RT-qPCR 

experiments. 

Repression of gene expression relies heavily on the kinetics of the effector 

domain15. Therefore, to optimize our ability to discern meaningful changes in 

subsequent experiments, we assayed for dCas9 expression levels upon transfection of 

various CRISPR-GEMs (Fig. 8A). We observed a mild reduction by one order of 

magnitude between day 2 (~105 compared to non-treated) and day 4 (~104 compared to 

non-treated), and an additional drop by one order of magnitude at day ~8 post-

transfection. Thus, we reasoned to test all 13 candidate genes using Cells-to-Ct kit at day 

3 post-transfection, while transcript levels are still high, and duration aligns with similar 

studies 14. To assess the capacity of CRISPR-GEMs to repress target genes, we co-

transfected ΔHDAC8-3 cells with two gRNAs for every candidate gene alongside 

selected CRISPR-GEMs (No effector, dCas9, KRAB, HDAC8 and SIRT6) (Fig. 8B). Out of 

the 13 genes we tested, we picked 3 genes (DKK1, IGFBPL1 and MLNR) for further 

validation in a 24-well plate format and compared their relative expression levels after 

treatment with CRISPR-GEMs for 3 days both in the ΔHDAC8-3 and WT HEK293 cell-

lines (Fig. 8C). In the ΔHDAC8-3 cell-line, we were able to show significant and similar 

repression of DKK1 (0.86-0.9 fold compared to no effector) and IGFBPL1 (0.64-0.71 fold 

compared to no effector) across different CRISPR-GEMs (P<0.05 for KRAB, HDAC8 and 

SIRT6 compared to no effector, Welch’s test; N=3), while the observed repression (0.82- 
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and 0.77-fold for HDAC8 and SIRT6, respectively, compared to no effector) in MLNR 

was not significant (Welch’s test; N=2). We further decided to see if the observed effect is 

similar in the WT HEK293 cells (N=2). Despite some differences between the two cell-

lines we still managed to observe similar trends in 2 of the 3 genes that we targeted 

(Pearson’s correlation coefficients R2 for DKK1: 0.23; IGFBPL1: 0.84; MLNR: 0.82). 

Overall, using these 3 target genes to successfully demonstrate repression in both cell-

lines encouraged us to continue further characterization of our newly developed 

CRISPR-GEMs in the WT HEK293T cell-line, thus showing wider applicability for 

unedited cell-lines. 
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Figure 8: Testing candidate genes for targeted repression by CRIPSR-GEMs 
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a) Expression of dCas9 fusions 2-, 4-, 7- and 10-days post-transfection in 

HEK293T, demonstrating a consistent decline of transcript level. mRNA expression 

relative to non-treated cells is represented by mean±SEM (N=3). b) Expression of 13 

candidate genes 3 days post-transfection in ΔHDAC8-3 upon co-transfection of 2 gRNAs 

and CRISPR-GEMs. mRNA expression relative to non-treated cells represented by 

mean±SEM (N=2-4 for all conditions) c) Expression of target genes DKK1, IGFBPL1 and 

MLNR 3 days post-transfection in ΔHDAC8-3 (left) and wildtype HEK293T (middle) 

upon co-transfection of 2 gRNAs and CRISPR-GEMs. mRNA expression relative to cells 

transfected by gRNA-only (No effector) is represented by mean±SEM (for ΔHDAC8-3, 

N=3 for DKK1 and IGFBPL1 N=2 for MLNR; for wildtype HEK293T, N=2 for all 

conditions). The differences between no effector and CRISPR-GEMs were analyzed by 

two-way Welch’s test. *P<0.05, **P<0.01, ***P<0.001. Pearson’s correlation coefficients (R2) 

between measured mRNA levels in ΔHDAC8-3 and HEK293T wildtype were calculated 

and plotted (right) on a heatmap (N=5 for each condition). 

 

4.3.3 HDAC-based CRISPR-GEMs repress target genes within 2 days 
post-transfection 

Previously published CRISPR-guided epigenome modifiers were able to show 

desired changes to histone marks under transient expression within several hours for 

gene activation 140 and within 2-4 days for gene repression 14,213. Thus, we chose day 2 

past co-transfection of CRISPR-GEMs and gRNAs as the first benchmark to assess their 

impact on gene expression as well as on chromatin marks. Subsequently, we targeted 

DKK1, IGFBPL1 and MLNR by the various CRISPR-GEMs and measured their relative 

mRNA levels by RT-qPCR (Fig. 9A) and found that both HDAC8 and HDAC8-Mut. 

significantly repressed DKK1 (0.55- and 0.83-fold, respectively; compared to no effector; 

P<0.01; N=4). Moreover, HDAC8 also repressed DKK1 better than HDAC8-Mut. (P<0.01; 

N=4). Similarly, HDAC8 repressed IGFBPL1 better than HDAC8-Mut. (0.70- vs. 0.92-

fold, respectively; compared to no effector; P<0.05; N=4). SIRT6 demonstrated strong 
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repression of DKK1 and IGFBPL1 (0.73 and 0.87-fold, respectively, compared to no 

effector; P<0.001; N=4), however only when comparing IGFBPL1 expression between the 

SIRT6 with SIRT6-Mut. treatments (0.87- and 1.11-fold, respectively, compared to no 

effector) there is a significant difference between the two (P<0.01; N=4). When we 

measured mRNA levels of MLNR, we witnessed global reduction by all CRISPR-GEMs 

(between 0.53- to 0.7-fold reduction compared to no effector), suggesting there may be a 

confounding steric hindrance effect which resulted in no observed significance between 

tested CRISPR-GEMs and their mutated counterparts. Notably, we could not observe a 

significant repression of any of the target genes by dCas9 or KRAB at day 2 post-

transfection, that in addition to indistinguishable mRNA levels between SETDB2 and its 

mutant. Interestingly, however, HDAC8 consistently showed the most potent repression 

across all three genes at this time point. 

4.3.4 Chromatin analysis at day 2 post-transfection confirms catalytic 
activity of CRISPR-GEMs but only partially explains changes in gene 
expression 

Of the multitude of chromatin marks that were shown to be associated with gene 

expression 4,50,87, we chose to focus on testing whether our novel HDAC-based CRISPR-

GEMs would be able to remove acetyl marks that were shown to strongly correlate with 

promoter activity (H3K9Ac, H3K27Ac, H4K16Ac) 4,36, and whether the dCas9-SETDB2 

fusion could enrich for H3K9me3, which is associated with silenced genes 2. In addition, 

dCas9-KRAB is known to carry strong gene repression activity, which has been shown 
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to correlate with enrichment of H3K9me3 9 and to depletion of H3K9Ac and H3K27Ac 

marks 35. However, it is still not known whether these changes in histone marks are 

responsible for its repressive activity, thus we decided to also analyze its epigenetic 

activity alongside the other CRISPR-GEMs in this study. We then proceeded to 

characterize the effect of CRISPR-GEMs on H3K9, H3K27 and H4K6 acetyl marks near 

the target loci by ChIP-qPCR (Fig. 9B-D). In the DKK1 locus, all tested effectors led to a 

global depletion of H3K9Ac (0.47- to 0.56-fold; N=3) and H4K16Ac (0.45- to 0.73-fold; 

N=3) levels, that could potentially be explained due to interactions with other 

endogenous factors. Thus, mainly focusing on significant changes between catalytically 

active domains and catalytically mutated fusions, we observed a significant depletion of 

H3K9 acetyl marks by HDAC8 against HDAC8-Mut. of 0.53- vs. 0.9-fold and 0.51- vs. 

1.28-fold, in the IGFBPL1 and MLNR loci, respectively (P<0.05; N=3). In addition, we 

observed depletion of H3K9Ac marks by SIRT6 in the IGFBPL1 locus (0.73-fold 

compared to no effector, P<0.05; N=3), and of H4K16Ac marks in the MLNR locus by 

0.74-fold compared to no effector (P<0.05; N=3), these changes however, were not 

significant when compared to SIRT6-Mut. These data led us to the conclusion that both 

HDAC-based fusions, HDAC8 and SIRT6, were effective at removing certain acetyl 

marks within 2 days of expression in cells, however we could not observe significant 

differences between KRAB and HDAC8, possibly suggesting additional targets of 

HDAC8 which contribute to its repression. 
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Next, we measured H3K9 trimethyl levels at the target loci (Fig. 9E) and found 

out that dCas9-KRAB successfully enriched for H3K9 trimethyl marks by 3.52-, 1.19- and 

2.12-fold at the target loci of DKK1, IGFBPL1 and MLNR, respectively (P<0.05, P<0.05 

and P=0.06, respectively; N=3). H3K9me3 enrichment by dCas9-SETDB2, however, could 

only be observed at the DKK1 locus (2.19-fold compared to no effector; P<0.05; N=3). 

Although we were able to show that dCas9-KRAB readily deposits H3K9me3 marks, 

quite interestingly, these changes did not translate to significant gene repression of any 

of the genes we tested. These results are in agreement with previous studies which 

showed that enrichment of H3K9me3 marks does not result in gene repression 14. 
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Figure 9: Effects of CRISPR-GEMs at target loci on day 2 post-transfection 
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a) Expression of target genes DKK1, IGFBPL1 and MLNR 2 days post-

transfection in wildtype HEK293T upon co-transfection of 2 gRNAs and CRISPR-GEMs. 

mRNA expression relative to cells transfected by gRNA-only (no effector) is represented 

by mean±SEM (N=4 for all conditions). The differences between no effector and CRISPR-

GEMs or between CRISPR-GEMs and their respective mutant counterparts (Mut.) were 

analyzed by two-way Welch’s test. *P<0.05, **P<0.01, ***P<0.001, ns means not 

significant. b-e) ChIP-qPCR fold enrichment of assayed marks (H3K9Ac, H3K27Ac, 

H4K16Ac and H3K9me3, respectively) in tested loci DKK1, IGFBPL1 and MLNR 2 days 

post-transfection in wildtype HEK293T upon co-transfection of 2 gRNAs and CRISPR-

GEMs. Fold enrichment relative to cells transfected by gRNA-only (no effector) is 

represented by mean±SEM (N=3 for all conditions). The differences between no effector 

and CRISPR-GEMs or between CRISPR-GEMs and their respective mutant counterparts 

(Mut.) were analyzed by two-way Welch’s test. *P<0.05, **P<0.01, ***P<0.001, ns means 

not significant. 

 

4.3.5 Measuring expression of target genes 4 days post-transfection 
reveals different CRISPR-GEMs have varying kinetics 

Various epigenome editing domains were previously shown to possess different 

kinetics that can result in significant changes to gene expression within days or even 

hours 11,15,140. Thus, we decided to measure gene expression of target genes at a later 

time-point, 4 days after transfection, which later can be compared to the data obtained at 

day 2. Since we used a transient delivery method, we hypothesized there may be some 

processes that may interfere with our endeavor to target gene repression, including 

declining transcripts of CRISPR-GEMs, or endogenous feedback loops of target genes. 

Thus, to confirm the continuous expression of CRISPR-GEMs at a later timepoint, we 

measured the mRNA levels at day 4 and compared it to day 2 post transfection (Fig. 8A). 

We observed a decline that is roughly an order of magnitude, suggesting that the 

expression levels of CRISPR-GEMs indeed decline, but are still abundantly present 



 

117 

compared to no effector. Next, we measured the relative mRNA levels of the target 

genes by RT-qPCR (Fig. 10A). Interestingly, on day 4 post-transfection, we witnessed 

that the trends of gene repression were changing. First, SIRT6 significantly repressed all 

target genes compared to its mutated version, DKK1: 0.61- vs. 0.89-fold, IGFBPL1: 0.94- 

vs. 1.41-fold and MLNR: 0.73- vs. 0.96-fold, respectively, compared to no effectors 

(P<0.05; N=4). Second, SETDB2 demonstrated significant repression of DKK1 and 

IGFBPL1 by 0.89- and 0.86-fold, respectively (P<0.05; N=4), however these results were 

not significant when compared to its mutated counterpart. Third, KRAB significantly 

repressed DKK1 (0.7-fold compared to no effector; P<0.05; N=4). In addition, HDAC8 

was no longer showing repression of target genes, and SIRT6 yielded the most potent 

repression in 2 out of the 3 genes we tested. Overall, a comparison of these results to 

repression data at day 2 (Fig. 9A) support the hypothesis that different CRISPR-GEMs 

possess varying kinetics of gene repression. 

4.3.6 Chromatin analysis at day 4 post-transfection reveals slower 
kinetics by SIRT6 and SETDB2 in comparison to HDAC8 and KRAB 

Gene repression data at days 2 and 4 post-transfection raised the possibility that 

different CRISPR-GEMs conform to different kinetics, hence we reasoned that these 

changes may also manifest in changes to chromatin marks. Subsequently, we proceeded 

to measure H3K9, H3K27 and H4K16 acetyl levels 4 days post-transfection (Fig. 10B-D). 

Notably, we observed multiple instances of acetyl marks depletion by SIRT6 when 

compared to SIRT6-Mut. At the DKK1 locus, treatment with SIRT6 measured H3K9Ac 
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and H3K27Ac levels of 0.68- and 0.75-fold, respectively, vs. corresponding levels of 1.03- 

and 1.01-fold by SIRT6-Mut. (P<0.01; N=3). Additionally, at the IGFBPL1 locus, we 

observed significantly lower H3K9Ac levels by SIRT6 vs. SIRT6-Mut. (0.94- vs. 1.41-fold, 

respectively; P<0.05; N=3). At the MLNR locus, we calculated lower H3K27Ac levels of 

SIRT6 vs. SIRT6-Mut. (0.74- vs. 0.94-fold, respectively; non-significant; N=3), this 

difference, however, was not statistically significant. While we observed multiple 

occurrences at day 2 post-transfection in which HDAC8 or KRAB led to significant 

deacetylation, the data we obtained at day 4 indicated that most of these changes did not 

persist. Moreover, this pattern could be also observed at the H3K9me3 data (Fig. 10E), 

indicating that the effect of KRAB diminished in all loci, and showed only a modest 

enrichment at the DKK1 locus (1.32-fold; p,0.05; N=3). SETDB2, however showed 

enrichment of H3K9 trimethyl marks in two loci after 4 days post-transfection. At the 

IGFBPL1 and MLNR loci, it led to an increase of H3K9me3 levels by 2.02- and 1.68-fold 

(P<0.05 and P<0.001, respectively; N=3). Peculiarly, SETDB2 also led to depletion of 

H3K9me3 marks at the DKK1 locus (0.43-fold; P<0.05; N=3). In all tested loci, however, 

SETDB2 and SETDB2-Mut. followed a similar trend, which may indicate that the 

mutations we introduced to SETDB2 did not completely abrogate its catalytic activity, or 

alternatively, both fusions recruit similar endogenous factors that indirectly alter 

H3K9me3 levels in target loci. 
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Figure 10: Effects of CRISPR-GEMs at target loci on day 4 post-transfection 
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a) Expression of target genes DKK1, IGFBPL1 and MLNR 4 days post-

transfection in wildtype HEK293T upon co-transfection of 2 gRNAs and CRISPR-GEMs. 

mRNA expression relative to cells transfected by gRNA-only (no effector) is represented 

by mean±SEM (N=4 for all conditions). The differences between no effector and CRISPR-

GEMs or between CRISPR-GEMs and their respective mutant counterparts (Mut.) were 

analyzed by two-way Welch’s test. *P<0.05, **P<0.01, ***P<0.001, ns means not 

significant. b-e) ChIP-qPCR fold enrichment of assayed marks (H3K9Ac, H3K27Ac, 

H4K16Ac and H3K9me3, respectively) in tested loci DKK1, IGFBPL1 and MLNR 4 days 

post-transfection in wildtype HEK293T upon co-transfection of 2 gRNAs and CRISPR-

GEMs. Fold enrichment relative to cells transfected by gRNA-only (no effector) is 

represented by mean±SEM (N=3 for all conditions). The differences between no effector 

and CRISPR-GEMs or between CRISPR-GEMs and their respective mutant counterparts 

(Mut.) were analyzed by two-way Welch’s test. *P<0.05, **P<0.01, ***P<0.001, ns means 

not significant. 

 

4.3.7 KRAB demonstrates stronger gene repression over long-term 
constitutive expression 

Previous studies have mostly utilized dCas9-KRAB over a prolonged period of 

time (at least 10 days), often stably expressed by a lentiviral delivery system 8,39,212,213. 

Since using a transient expression system, such as lipofectamine-based transfection 

would result in marked decline of CRISPR-GEM transcript levels (Fig. 8A), we had to 

switch to a different platform that would stably express our novel epigenome editors. 

Thus, we decided to use a lentiviral delivery platform and constitutively express 

CRISPR-GEMs with gRNAs for 10 days prior to analysis. We proceeded to measure 

repression of target genes by RT-qPCR (Fig. 11A), indicating potent repression by KRAB 

at day 10 post-transduction of all target genes: DKK1, IGFBPL1 and MLNR (0.17-,0.03- 

and 0.23-fold, respectively; P<0.001, P<0.01 and P<0.001, respectively; N=4). 

Furthermore, SIRT6 demonstrated a formidable repression in all target genes: DKK1, 
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IGFBPL1 and MLNR (0.84-, 0.33- and 0.55-fold, respectively; P<0.01, P<0.01 and P<0.05, 

respectively; N=4). Interestingly, however, repression by KRAB was substantially 

stronger than any other CRISPR-GEM we tested at day 10. Moreover, Bintu et al. 

previously proposed a three-state repression model for KRAB 15, which included a fast 

transition to a “reversibly repressed” state, followed by a slow transition to an 

“irreversible repressed” state. Our observations of a potentiating repression by KRAB 

are in agreement with this model. 

4.3.8 Long-term effects on chromatin marks by CRISPR-GEMs are 
demonstrably different than short-term effects 

Next, we proceeded to examine how CRISPR-GEMs affected H3K9Ac, H3K27Ac, 

H4K16Ac and H3K9me3 levels 10 days post- transduction at the tested loci (Fig. 11B-E). 

Since KRAB produced the strongest repressive effect on gene expression, we anticipated 

to see corresponding deposition of repressive marks. Interestingly, KRAB indeed 

showed strong enrichment of H3K9me3 marks in all tested loci: DKK1, IGFBPL1 and 

MLNR of 3.31-, 2.69- and 7.47-fold, respectively (P=0.06, P<0.05 and P<0.001, 

respectively; N=4). However, we did not observe significant deacetylation by KRAB in 

all tested loci but in two (depletion of H3K9Ac and H3K27Ac at the DKK1 and IGFBPL1 

loci, respectively), thus questioning whether KRAB-driven deacetylase activity is 

necessary for its long-term repression. Furthermore, while the deacetylase activity of 

HDAC8 for the tested histone marks at day 10 was modest, we witnessed a significant 

depletion of H3K27Ac levels by SIRT6 in all three target loci: DKK1, IGFBPL1 and 
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MLNR of 0.7-, 0.27- and 0.44-fold, respectively (P<0.01, P<0.01 and P<0.05, respectively; 

N=4). These values remained significant even when SIRT6 was compared to SIRT6-Mut. 

at the DKK1 and MLNR loci (0.97- and 0.8-fold, respectively; P<0.01; N=4). Similarly, 

SIRT6 showed lower H3K9Ac when compared to SIRT6-Mut. at the MLNR locus (0.62- 

vs. 0.93-fold, respectively; P<0.05; N=4), as well as lower H4K16Ac levels at the IGFBPL1 

locus (0.42- vs. 0.64-fold, respectively; P<0.05; N=4). Lastly, our results indicate that 

SETDB2 led to a modest deposition of H3K9me3 marks at the MLNR loci of 2.58-fold, 

while SETDB2-Mut. resulted in 1.22-fold enrichment compared to no effector (P<0.001; 

N=4). Altogether, these changes to chromatin at day 10 depict a vastly different 

epigenetic landscape than previously observed at early time points, suggesting that the 

continuous interactions of CRISPR-GEMs with endogenous factors may lead to new 

regulatory and transcriptional equilibria. 
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Figure 11: Effects of CRISPR-GEMs at target loci on day 10 post-transduction 
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a) Expression of target genes DKK1, IGFBPL1 and MLNR 10 days post-

transduction of gRNA constructs in polyclonal CRISPR-GEM expressing cells 

(HEK293T). mRNA expression relative to cells transfected by gRNA-only (no effector) is 

represented by mean±SEM (N=4 for all conditions). The differences between no effector 

and CRISPR-GEMs or between CRISPR-GEMs and their respective mutant counterparts 

(Mut.) were analyzed by two-way Welch’s test. *P<0.05, **P<0.01, ***P<0.001, ns means 

not significant. b-e) ChIP-qPCR fold enrichment of assayed marks (H3K9Ac, H3K27Ac, 

H4K16Ac and H3K9me3, respectively) in tested loci DKK1, IGFBPL1 and MLNR 10 days 

post-transduction of gRNA constructs in polyclonal CRISPR-GEM expressing cells 

(HEK293T). Fold enrichment relative to cells transfected by gRNA-only (no effector) is 

represented by mean±SEM (N=4 for all conditions). The differences between no effector 

and CRISPR-GEMs or between CRISPR-GEMs and their respective mutant counterparts 

(Mut.) were analyzed by two-way Welch’s test. *P<0.05, **P<0.01, ns means not 

significant. 

 

4.3.9 Correlations between changes in gene expression and changes 
in histone marks suggest H3K9 modifications precede changes in 
gene expression 

Traditionally, acetylated histone marks are associated with active gene 

expression, while H3K9me3 marks are associated with gene silencing 2,4. Thus, to gain 

meaningful insights into the relationship between chromatin and gene expression, we 

decided to calculate Spearman’s rank correlation coefficients between changes we 

observed in chromatin marks and gene expression (Fig. 12A). We hypothesized that the 

calculated coefficients for active marks would be positive, while for repressive marks, it 

would result in negative coefficients, demonstrating an inverse correlation. Indeed, we 

witnessed that the expression of IGFBPL1 on day 2 strongly correlated with H3K27Ac 

and H4K16Ac marks (rho values of 0.93 and 0.79, respectively; P<0.01 and P<0.05, 

respectively; N=7). However, on day 4 post-transfection, we observed mostly weak 

correlation between chromatin and gene expression. Previous studies showed that 
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certain epigenetic changes precede changes in gene expression 140,210,211, thus we 

hypothesized that the expression levels on day 4 may better correlate with chromatin 

marks at day 2. This hypothesis was supported by the correlation coefficients at the 

IGFBPL1 locus and showed that gene expression at day 4 significantly correlated with 

H3K9Ac marks at day 2 (rho value of 0.82; P<0.05; N=7). Similarly, in the DKK1 and 

MLNR loci, we observed that early H3K9me3 marks strongly correlated with gene 

repression on day 4 (rho values of -0.8 and -0.9, respectively; non-significant and P<0.05, 

respectively; N=5). Interestingly, we also observed that H3K9me3 marks strongly 

correlated with DKK1 expression at day 4 (rho of -0.9; P<0.05; N=5), while at the MLNR 

locus, we measured a strong correlation at day 10 post-transduction with H3K9me3 

marks (rho of -0.9; P<0.05; N=5). These findings led us to propose several hypotheses 

(Fig. 12B) suggesting that (a) Changes in certain epigenetic markers (namely, H3K9 

modifications), may precede changes in gene expression, as observed in the case of 

IGFBPL1 and MLNR as well as previous studies. Conversely, changes in other marks 

(H3K27Ac and H4K16Ac) may better reflect a contemporary state of transcription. (b) 

Previous studies showed that different genes may have a different mechanism of 

epigenetic regulation 33,140. Our data suggest that the expression of IGFBPL1 mostly 

correlate with the acetyl marks we tested, while changes in the expression of MLNR 

correspond better with changes in the levels of H3K9me3. 
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Figure 12: Correlations between changes in gene expression and changes in 

histone marks 

a) Spearman’s rank correlation coefficients (ρ) between fold enrichment of tested 

histone marks and relative mRNA levels were calculated and plotted on a heatmap (for 

H3K9Ac, H3K27Ac and H4K16Ac N=7 and for H3K9me3 N=5). Top-left, top-right and 

bottom-right schematics denote relationship at day 2, 4 and 10, respectively. 

Relationship between gene expression at day 4 and chromatin marks at day 2 are 

depicted at bottom-left corner. Significance of Spearman’s rank correlation analysis was 

calculated by a two-tailed test. *P<0.05, **P<0.01. b) A diagram of proposed model. Upon 

binding of a repressor, there are changes in H3K9 modifications, which are later 

followed by changes of other histone marks, as well as changes in RNA output, leading 

to a new equilibrium. 

 

4.3.10 Combinatorial effects of CRISPR-GEMs 

Previous studies have demonstrated occurrences in which gene expression was 

dependent on the combination of multiple epigenetic modifiers 11,102,248. Therefore, to 

explore whether combinations of novel (and previously published) CRISPR-GEMs could 
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lead to stronger repression, we created stable HEK293T cell-lines that express gRNAs for 

DKK1, IGFBPL1 and MLNR, and later transfected them with every possible 

combinations of dCas9 -KRAB, -HDAC8, -SIRT6, -SETDB2 and -DNMT3AL (dsRED 

served as negative control). We measured the expression levels of targeted genes at days 

2, 4, 7 post-transfection, as well as day 10 post-transfection for selected fusions that 

demonstrated repression by day 7. Moreover, in our analysis we referred to a 

combination as synergistic, only if it performed better than both components that 

comprised said combination. The caveat to this approach, however, was that this 

comparison is between two CRISPR-GEMs that were delivered to cells at 0.5ug each, 

whereas the total mass of individual CRISPR-GEMs was 1ug. Despite this disadvantage, 

we reasoned that this approach is better than the alternative since it is more stringent. 

Testing combinations with DKK1 (Fig. 13A), we observed the following 

synergistic combinations at day 2 post-transfection: HDAC8-DNMT3AL and SIRT6-

DNMTAL which resulted in expression levels of 0.63- and 0.59-fold compared to no 

effector, respectively (N=3; Welch’s test vs. DNMT3AL, P<0.05), while 2XDNMT3AL 

resulted in 0.74-fold compared to no effector. Similarly, we saw synergistic effect 

between SETDB2 and SIRT6 which resulted in mRNA levels of 0.63-fold compared to no 

effector. Interestingly, these synergistic effects were not observed on days 4 and 7 post-

transfection, however we saw that the combination of DNMT3AL with HDAC8 and 

SIRT6 were again more potent at day 10. While we previously showed that HDAC8 and 
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SIRT6 operate within several days, other studies showed that DNMT represses slowly 

but over a long period of time 15,102,248, therefore it is plausible that the two minima we 

observed in DKK1 expression are the result of early repression and de-repression by 

HDAC8/SIRT6, while repression by DNMT3AL is still potentiating. 

Next, we measured IGFBPL1 mRNA levels with all possible combinations (Fig. 

13B). These data indicated that combining KRAB with HDAC8 and SIRT6 led to 

IGFBPL1 expression levels of 0.75- and 0.77-fold compared to no effector, respectively 

(N=3; Welch’s test vs. KRAB, P<0.05). The synergistic repression between SIRT6 and 

KRAB was observed in days 2 and 7 post-transfection as well, however it was only 

significant on day 4. Moreover, we tested both combinations separately with respective 

catalytically inactive mutants (Fig. 13D). In both cases, we observed that the 

combinations of KRAB with HDAC8 and SIRT6 resulted in significantly lower 

expression levels than with KRAB-HDAC8-Mut. or KRAB-SIRT6-Mut., respectively 

(n=3, p<0.01 in both cases, Welch’s test), supporting the conclusion that there is a 

synergistic effect between KRAB and HDAC8/SIRT6 in the IGFBPL1 locus. 

Lastly, in the MLNR gene, we observed a synergistic effect between KRAB and 

SETDB2 on day 4 (Fig. 13C), which showed 0.76-fold compared to no effector, while 

delivery of KRAB or SETDB2 alone resulted in 0.91- and 0.94-fold, respectively.   
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Figure 13: Combinatorial effects of CRISPR-GEMs 

a-c) Expression of target genes DKK1, IGFBPL1 and MLNR 2, 4 ,7 and 10 days 

post-transfection of various CRISPR-GEM combinations. At top, mRNA expression 

relative to cells transfected by dsRed (no effector) is represented by mean±SEM (N=3 for 

all conditions). The differences between a combination and its two CRISPR-GEM 

components were analyzed by two-way Welch’s test and denoted as significant only if 

the combination was lower than both CRISPR-GEMs separately. *P<0.05, **P<0.01, 

***P<0.001, ns means not significant. At bottom, additional representation by heatmap 

which corresponds to bar graph above. d) Expression of IGFBPL1 at day 4 post-

transfection. Two best IGFBPL combinations from figure 13B were re-tested alongside 

catalytically inactive versions. mRNA expression relative to cells transfected by dsRed 

(no effector) is represented by mean±SEM (N=3 for all conditions). The differences 

between a combination and its two CRISPR-GEM components were analyzed by two-

way Welch’s test. **P<0.01. 

 

4.3.11 Characterizing effects of CRISPR-GEMs on gene expression 
and chromatin marks in A549 

Using epigenome editors to alter gene expression in one epigenetic landscape  

transcription with a particular set of gRNAs can sometimes translate to other cell-lines 

with different epigenetic landscapes 11,14. It is, however, unclear if previous successful 

attempts should be attributed to steric effects or to epigenetic changes that were driven 

by these epigenome editors. Moreover, other aspects, such as potency or duration of 

expression, may vary between these different environments. Here, we tried to examine 

how the changes we observed in HEK293T, which are derived embryonic kidney cells, 

would translate to a different cell line, A549, which were immortalized from a lung 

cancer tumor. 

Since A549 do not transfect with high efficiency, we chose to transduce them 

with CIRSPR-GEMs and after selection with puromycin we created polyclonal cell-lines 
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similarly to what was previously described in subsection 4.3.7 with HEK293T. 

Additionally, due to lower rate of proliferation, we conducted RT-qPCR and ChIP-qPCR 

on day 15 post-transduction of gRNAs (Fig. 14). 

In agreement with previous data we obtained in HEK293T cells, we observed 

that KRAB obtained the strongest repression of IGFBPL1 and MLNR of 0.007- and 0.05-

fold compared to no effector, respectively (N=4; Welch’s test, p<0.001). However, 

surprisingly, when we targeted DKK1, we witnessed that HDAC8 achieved the 

strongest repression of 0.43-fold compared to no effector (N=4; Welch’s test compared to 

HDAC8-Mut., p<0.001). Of note, treatment with KRAB did not result in significant 

repression of DKK1 (0.87-fold compared to no effector). 

Interestingly, we assayed for H3K27Ac levels at the DKK1 locus, and found that 

it shared moderate level of similarity with qPCR data (Spearman’s rank correlation 

coefficient of 0.43), also in accordance with previous long-term data we obtained in 

HEK293T. In addition, we observed that both KRAB and SETDB2 deposited similar 

levels of H3K9me3 marks at the DKK1 locus, 3.89- and 3.95-fold compared to no effector 

(N=4; Welch’s test, p<0.05). However, both treatments failed to lead to significant decline 

in DKK1 mRNA levels. 

In the IGFBPL1 locus, we demonstrated that HDAC8 reduced H3K9Ac levels by 

0.24-fold compared to no effector (N=4; Welch’s test compared to HDAC8-Mut., P<0.05), 

and that KRAB reduced H3K27Ac by 0.46-fold compared to no effector (N=4; Welch’s 
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test, p<0.01). Lastly, H3K9me3 ChIP-qPCR at this locus revealed that KRAB led to an 

increase of 5.53-fold compared to no effector (N=4; Welch’s test, P<0.01). 

At the MLNR locus, KRAB led to consistent removal of H3K9Ac and H3K27Ac 

marks of 0.42- and 0.61-fold compared to no effector, respectively (N=4, Welch’s test, 

P<0.05). In addition, it was also shown to enrich for H3K9me3 by 4.46-fold compared to 

no effector (N=4; Welch’s test, P<0.05).  
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Figure 14: Effects of CRISPR-GEMs at target loci on day 15 post-transduction 

in A549 
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a) Expression of target genes DKK1, IGFBPL1 and MLNR 15 days post-

transduction of gRNA constructs in polyclonal CRISPR-GEM expressing cells (A549). 

mRNA expression relative to cells transfected by gRNA-only (non-treated, NT) is 

represented by mean±SEM (N=4 for all conditions). The differences between no-ntreated 

and CRISPR-GEMs or between CRISPR-GEMs and their respective mutant counterparts 

(Mut.) were analyzed by two-way Welch’s test. *P<0.05, **P<0.01, ***P<0.001, ns means 

not significant. b-e) ChIP-qPCR fold enrichment of assayed marks (H3K9Ac, H3K27Ac, 

H4K16Ac and H3K9me3, respectively) in tested loci DKK1, IGFBPL1 and MLNR 15 days 

post-transduction of gRNA constructs in polyclonal CRISPR-GEM expressing cells 

(A549). Fold enrichment relative to cells transfected by gRNA-only (non-treated) is 

represented by mean±SEM (N=4 for all conditions). The differences between non-treated 

and CRISPR-GEMs or between CRISPR-GEMs and their respective mutant counterparts 

(Mut.) were analyzed by two-way Welch’s test. *P<0.05, **P<0.01, ns means not 

significant. 

 

4.4 Discussion 

The field of epigenetics is riddled with many observations that are seemingly 

contradictive 3,250. One of the major obstacles that hinder our progress toward answering 

these questions stems from our fundamental inability to distinguish between cause and 

effect in a system that is highly convoluted and comprised of multifarious components. 

Thus, it is necessary to develop tools that are capable of editing specific chromatin marks 

in a targeted and efficient fashion. In this chapter, we used three repressive epigenome 

editors that we developed in Chapter 3, dCas9-HDAC8, dCas9-SIRT6 and dCas9-

SETDB2, and demonstrated their ability to target and modify gene expression and 

histone marks in three different loci. Although we were unable to demonstrate a 

uniform outcome for all three genes, we were able to observe unique kinetics for the 

individual CRISPR-GEMs that were characterized in this study. We also showed that 

various targetable domains, including the dCas9 infrastructure itself, may have an effect 
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on gene expression and/or chromatin marks regardless of having an active catalytic 

domain, thus justifying the inclusion of dCas9 and catalytically inactive fusions in these 

experiments. Lastly, although limited by the technical hurdles of performing multiple 

ChIP-based assays, we were able to draw meaningful correlations between transcription 

and chromatin marks, which supported previous evidence strongly linking H3K9 marks 

to promoter activity 4, as well as suggesting that changes in gene expression are 

subsequent to changes in certain epigenetic marks while concomitant with others 

140,210,211.  

The discovery of CRISPR and its application in mammalian cells led to a 

substantial surge in the development of targeted gene editing technologies alongside an 

increasing utility of the CRISPRa and CRISPRi platforms. However, these platforms, 

whose main focus is to potently alter gene expression, recruit endogenous machineries 

to drive a potent transcriptional change, thereby affecting a multitude of epigenetic 

marks. For example, the commonly used KRAB domain that is derived from the ZFP10 

protein, is known to recruit KAP1, which in turn provides a scaffold for a repressive 

machinery that recruits HP1, SETDB1 and multiple other enzymes, including several 

proteins from the HDAC family 241,246,247. These components are capable of driving 

epigenetic changes on their ow, for example, HP1 can propagate heterochromatin 

formation and enrichment of H3K9me3 through recruitment of SUV39H1 251. In this 

study, we witnessed a significant deposition of trimethyl marks by dCas9-KRAB in early 
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timepoints (day 2 post-transfection), however these changes in chromatin marks only 

correlated with gene expression in later time points (day 4 post-transfection and day 10 

post-transduction). Prominently, the effect of dCas9-KRAB was significantly potent in 

the latest time point (day 10 post-transduction), suggesting there is a potentiation of its 

repressive effect over time. These observations can be explained by Bintu et al. who used 

a three-state kinetics model to describe the repression by the KRAB domain, indicating a 

quick reversible repression and a slow transition to an irreversibly committed state 15. 

Furthermore, our results also agree with previous observations that showed that 

deposition of H3K9me3 marks was not sufficient to drive gene repression 14. These 

observations were made at days 3-4 post-transfection and can be similarly observed in 

this study. Looking at measurements that were taken at early time points, we were able 

to demonstrate that H3K9me3 levels correlated with gene expression only at day 4 post-

transfection or day 10 post-transduction in two of the three tested loci. Due to the 

inherent limitations of testing more time points and additional loci, we cannot rule out 

additional hypotheses regarding gene repression by dCas9-KRAB and dCas9-SETDB2. 

(a) It is unclear if the repression is directly correlated with H3K9me3 levels or there is 

also a threshold that needs to be met for repression to take place (b) Since we observed 

only weak methyltranseferase activity by dCas9-SETDB2 (in comparison to dCas9-

KRAB), it is possible that the repression by KRAB is supported or even dependent on 

recruitment of endogenous co-factors, such as HP1. (c) Although the KRAB domain in 
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dCas9-KRAB is relatively small, it forms a large complex by recruiting multiple proteins. 

There is no known KRAB mutant that can mimic its steric hindrance without performing 

its enzymatic activity, thus mitigating our ability to estimate the effect of its steric 

hindrance on transcription. 

Thus far, only a limited number of publications showed effective deposition of 

epigenetic marks, mostly targeting acetyl groups on H3K27 6,13 and methyl groups on 

H3K4 11,35,140, H3K9 14, H3K27 14,140,248 and H3K79 11. Interestingly, among the few 

epigenome editors that were tailored for gene repression, a common challenge was to 

distinguish between the catalytic effect they directly carry on gene expression and 

chromatin marks versus confounding effects they may carry through steric hindrance or 

recruitment of various endogenous factors 13,14. To account for this issue, we included in 

our experimental design a comprehensive set of controls, including dCas9, dCas9-KRAB 

and CRISPR-GEMs that possess mutations in their catalytic domains. In multiple cases 

we could observe patterns in the data that applied to all CRISPR-GEMs (or to a specific 

CRISPR-GEM and its respective mutant) which could be attributed to aforementioned 

reasons. For example, Fig.9B demonstrates a ~50% depletion of H3K9Ac levels by every 

dCas9 fusion at day 2 post-transfection, raising the possibility that dCas9 competes with 

endogenous factors that maintain H3K9Ac levels at this locus. Notably, similar 

phenomena were observed previously: for example, O’Geen et al. showed that 

SUV[SET]-dCas9 and Ezh2-dCas9, as well as mutants of the latter, reduced HER2 
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mRNA levels, but did not result in enrichment of methyl marks at H3K9 or H3K27 14. In 

contrast, Dorighi et al. showed that expression of genes by Mll3/4 remained intact even 

when its methyltransferase activity was abrogated 29. Moreover, Polstein et al. 

demonstrated that merely the targeting of dCas9 to gene promoters could increase 

chromatin accessibility and expression of these genes 10. Collectively, these examples 

may provide an explanation to results in this study that demonstrated significant 

changes to gene expression or chromatin marks by dCas9 or by CRISPR-GEMs that 

possess catalytically inactive domains, therefore emphasizing the importance of 

including catalytically functional and non-functional CRISPR-GEMs to separate cause 

from effect. Nonetheless, there may still be additional challenges, such as effectors that 

carry an effect through their non-catalytic domains as exemplified by Poleshko et al., 

who showed that abolishing the deacetylase activity of HDAC3 did not impair its effect 

on cardiac myocyte differentiation 122. 

In addition to confounding effects by steric hindrance, another major challenge 

in previous studies was to link changes in gene expression to deposition of repressive 

mark. For example, O’Geen et al. showed that the enrichment of canonical repressive 

marks, such as di- or tri-methylation of H3K9 and H3K27, was not sufficient for gene 

repression 14. In this study, we employed multiple methods to tackle this conundrum. 

First, we characterized the changes in gene expression and chromatin marks over three 

time points. Second, we utilized statistical methods to draw correlation levels between 
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gene expression and chromatin marks over multiple time-points. This combined 

approach allowed us to take into consideration changes that develop over time, 

resulting in unbiased correlations which support a model where certain histone marks 

precede changes in gene expression, as was previously shown 140,210,211. Prominently, our 

results indicate that H3K9 modifications demonstrate significant correlation between 

gene expression at day 4 and chromatin marks at day 2-post transfection. In addition, 

H4K16 acetyl marks also show mild correlation across all three loci between their levels 

at day 2 and the observed gene expression at day 4, however these correlation 

coefficients are not significant. In contrast to the other marks that we tested, H3K27 

acetyl levels demonstrated strong correlation in the IGFBPL1 locus that is concomitant 

with gene expression levels. While these correlations resulted in valuable insights 

regarding each gene, it proved difficult to discern universal patterns across all genes. 

This may be in part due to the limited ability to test many more chromatin marks in 

different genes, however it is supported by previous observations, which suggested 

there may be different models of epigenetic regulation across different genes 140,248. For 

example, Braun et al. were able to induce expression using the BAF domain in only one 

gene out of six that they tested 140, and O’Geen et al. who showed that certain subgroup 

of genes necessitated dCas9-KRAB for long term repression, while another subgroup 

required dCas9-Ezh2 248, both supporting the hypothesis of context-dependent 
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epigenome editing, thereby providing a possible explanation as to why IGFBPL1 mainly 

correlated with acetyl marks, while MLNR mostly correlated with H3K9me3 marks. 

It was previously shown that different epigenetic domains possess vastly 

different kinetics 15. By testing multiple effectors, they showed that the repression 

kinetics of HDAC4 and KRAB are both quick, but the level of cells that commit to an 

“irreversibly repressed” mode is substantially higher with KRAB. This observation 

aligns with data in our study, which showed that HDAC8 has fast and non-committing 

kinetics, leading to the strongest gene repression at day 2 alongside depletion of acetyl 

marks in tested loci, while the effects of SIRT6 and KRAB on chromatin were prominent 

at days 2 and 4, but their strongest impact on gene expression showed only later at days 

4 and 10, respectively. This aspect of kinetics has often been overlooked in similar 

studies, although it can prove to be an important factor when deciding which 

epigenome editor to use. For example, if a certain application necessitates fast 

repression, it may be more beneficial to use HDAC8 or SIRT6 over KRAB, or 

alternatively to use a combination of CRISPR-GEMs to take advantage of the individual 

strengths of each tool. 

Furthermore, we explored here whether there is a synergistic effect when 

multiple effectors are combined to repress a single gene. Previously, various studies 

demonstrated that combining different epigenetic modifiers may lead to gene 

activation/repression which otherwise would not have been achieved by using a single 
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epigenetic modifier 102,140,248. Our experiments have demonstrated discrete cases in which 

our novel CRISPR-GEMs bolstered the repression which was observed by KRAB or 

DNMT3. The size of this synergistic effect, however, was marginal, and could did not 

last for a long time. Nonetheless, the modest effect we observed may be attributed to 

difference in kinetics of effectors, as shown before. Thus, we posit that under different 

experimental settings, such as constitutive expression of CRISPR-GEMs, the synergistic 

effect may increase. 

 It is difficult to estimate whether transcriptional effect which was established in 

one epigenetic context would translate to another epigenetic context. Thus, we tested 

whether the results we observed in HEK293T cells would reflect in A549. The RT-qPCR 

data indicated that KRAB was the most potent effector in the long term for IGFBPL1 and 

MLNR, which was in line with the data we obtained in HEK293T. For DKK1, however, 

we encountered a surprising result which suggested that HDAC8 could repress 

adequately this gene even after 15 days, but KRAB did not. Moreover, in a similar 

fashion to the data we observed in HEK293T, we noticed that the changes in H3K27Ac 

levels correlated modestly with changes in gene expression. Moreover, we showed that 

KRAB deposited H3K9me3 marks in this locus at a comparable level to SETDB2, again 

supporting the idea that H3K9me3 marks may not be sufficient for gene repression.    

Since this study ventured into a fairly uncharted territory of epigenome editing, 

these experiments surely have multiple limitations: (a) The chosen domains did not 
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undergo optimization, and it is very possible that later studies can employ directed-

evolution methods to increase their potency; (b) Furthermore, due to technical 

difficulties of performing ChIP with small number of cells, or declining expression levels 

at later time points, we had to change the delivery method between days 4 and 10 (c) 

Due to the laborious nature and technical complexity of these experiments, we tested 

only one locus per ChIP-qPCR, thus possibly overlooking changes in other loci (d) Due 

to endogenous feedback loops, changes in later time points are more prone to bias, 

especially by effectors that are less potent, thus mitigating our ability to understand 

long-term kinetics of certain CRISPR-GEMs. 

In summary, we created and comprehensively characterized three novel 

CRISPR-GEMs based on the methyltransferase SETDB2 and two proteins from the 

HDAC family, HDAC8 and SIRT6. While the widely used tool for targeted gene 

repression dCas9-KRAB demonstrated superior repression under constitutive 

expression at a late time point (day 10), transient expression experiments revealed that 

dCas9-HDAC8 demonstrated the strongest repression at day 2 in all three genes, and 

dCas9-SIRT6 had the strongest repression at day 4 in 2 of the 3 tested genes. 

Furthermore, despite modest gene repression and deposition of H3K9me3 by dCas9-

SETDB2 at days 4 and 10, it was difficult to conclude that the latter was mediated by its 

catalytic activity, since both the wildtype and the catalytically inactive fusion often 

showed similar results. Nonetheless, comparison of changes to H3K9me3 levels by 
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dCas9-KRAB at different time points, suggested that its effect on histone marks precedes 

its effect on gene expression. Similarly, early results with the dCas9-HDAC8 and -Sirt6 

fusions, suggested that H3K9Ac marks and to a lesser degree H4K16Ac, precede 

changes in gene expression as well. Moreover, we were able to draw strong correlations 

between gene expression and specific chromatin marks that are gene dependent. 

Overall, these new tools provide diversity to the relatively small toolkit of epigenome 

editing tools. They introduce aspects of variegated kinetics, and expand the available 

infrastructure to tackle burning questions in the field of epigenetics, such as the 

endeavor to distinguish between correlation and causality between chromatin marks 

and gene expression, or the attempt to identify chromatin marks that are predictive of 

gene expression levels, namely “the epigenetic code”.  
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Chapter 5: Application of Epigenome Editing Tools to 
Bypass Senescence-Associated Growth Arrest 

5.1 Introduction 

Aging in eukaryotic organisms is associated with loss of epigenetic memory 252-

254, tissue dysfunction22 and onset of disease 17-23. While the underlying mechanism of 

aging is still not fully understood, there is growing evidence that two interwoven 

processes play an important role in its propagation: epigenetic dysregulation and 

replicate senescence. Epigenetic dysregulation may occur naturally, or through 

environmental insults and can be reflected in DNA methylation and epigenetic marks as 

previous studies have shown 19,23,111,112,116,189,190,219,222,252-255. Senescence, however, is a cellular 

process that can manifest differently in various cells leading to production of 

senescence-associated secretory phenotype (SASP) and a state of senescence-associated 

growth arrest (SAGA)16-19. Furthermore, secretion of SASP protein by senescent cells is 

known to play a role in tissue inflammation and promotes other cells to undergo 

senescence as well, for example it has been shown that the elimination of senescent cells 

from tissues can markedly decrease the prevalence of other senescent cells and vastly 

increase the life span of mice 21. 

Notably, previous studies attempted to elucidate pathways that can promote or 

inhibit senescence in regenerative and disease models, such as mesenchymal stem 

cells24,25, myocardial infarction20, cancer 44,124,255-257, atherosclerosis 45, and in the nervous 

system 222,258. Generally, there are relatively low number of processes that are known to 
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influence senescence, prominently, JAK/STAT255-257,259-261, TGF-β44, glucose/insulin 23,45,46,260,  

and cell-cycle related 24,262-265 pathways. In addition, recent study has exemplified the 

exciting possibility of harnessing TF-based reprogramming to reset epigenetic marks 

and restore vision in mice 258. This type of approach may represent a growing trend that 

may be able to tackle both arms of aging more efficiently. 

In this chapter, we sought out to find transcription factors (TFs) that can inhibit 

SAGA, thus could offer valuable insights into the underpinnings of senescence. To this 

end, we implemented a CRISPRa screen in a senescence-inducible model, the cell-line 

SVts-8 262-266. This lung fibroblast cell-line has its SV40 expressed under the regulation of 

a temperature-sensitive large T-Antigen promoter, thus it behaves as an immortalized 

cell line and proliferates indefinitely in 34C, but when grown in 39C, the large T-antigen 

is inactive and the cells rapidly (<5 days) undergo senescence and growth arrest. This 

unique phenotype is superior to other senescence models because it allows for 

enrichment of cells that bypassed SAGA and kept proliferating in 39C, thus enriching 

for the gRNAs that were effective in SAGA inhibition. Our study describes the TFs that 

were uncovered in the screen, characterizes the expression profiles of the cells that were 

able to evade senescence and explores the pathways that meditated this process. 
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5.2 Materials and methods 

5.2.1 Plasmid construction 

For CRISPRa screen, we used a plasmid expressing VP64-dCas9-VP64 (Plasmid 

#59791). Individual guide RNAs (gRNAs) sequences were ordered as oligonucleotides 

(IDT-DNA), phosphorylated, hybridized, and cloned according to their application. All 

gRNAs were cloned into a lentiviral PuroR backbone that originated from the optimized 

SpCas9-sgRNA plasmid (Addgene #51024) after the mCherry cassette was removed. 

5.2.2 Cell lines 

SVts-8 cells were procured from the Japanese Cancer Research Resources Bank 

(JCRB, Osaka, Japan). SVts-8 cells were cultured in Dulbecco’s modified Eagle’s medium 

(DMEM), supplemented with 10% FBS and 1% penicillin/streptomycin and maintained 

at 34°C and 5% CO2. To induce senescence, temperature was changes to 39°C. 

Depending on type of assay, cells were propagated until day of harvest as described for 

each experiment. 

5.2.3 TF library design and contruction 

Putative TFs were selected from a previous catalog of human transcription 

Factors 267. A gRNA library consisting of 5 gRNAs per TSS targeting 1496 TFs was 

extracted from a previous genome wide CRISPRa library 145. The library included a set of 

100 scrambled non-targeting gRNAs for a total of 8505 gRNAs. The oligonucleotide pool 
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(Custom Array) was PCR amplified and cloned using Gibson assembly into the single 

gRNA expression plasmid for the CRISPRa screen.  

5.2.4 Quantitative RT-PCR (RT-qPCR) 

As previously described in subsection 3.2.3. 

5.2.5 CRISPRa TF Screen 

As described in Fig. 15A, cells were first transduced with VP64-dCas9-VP64, 

allowed to recover for 2 days and then were selected with Blasticidin (Invitrogen, 

#A1113903) at a concentration of 10 µg/mL for 5 days. Next, 2M cells were transduced 

with TF library at MOI of 0.5 (~100X coverage), which was followed by 48 h recovery 

and then 7 d selection with puromycin (Sigma, # P8833). Five days later (2 weeks post TF 

library transduction) ~1M cells were harvested, and the rest were allowed to continue 

propagation at 39C (induction of senescence). Cells were maintained in 200X coverage 

for 5 more weeks until final harvest at day 49 (5 weeks at 39C). 

5.2.6 Lentivirus production 

As previously described in subsection 3.2.5. 

5.2.7 SA-βGal staining 

Cells were stained with Senescence β-Galactosidase Staining Kit (Cell Signaling 

#9860S) as per manufacturer’s instructions and were analyze using a Zeiss laser capture 

microscope. Percentage of senescent cells was determined by dividing number of blue 

cells out of all counted cells (n>100). 
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5.2.8 Clonogenic assay 

For clonogenic assay, cells were grown at 34C, counted and 100,000 cells were 

seeded in a 10cm polystyrene plate. Immediately after, temperature was switched to 39C 

to induce senescence, and 4 days later plated were split 1:6, and 3 weeks later clonogenic 

assay was performed as previously described on three 10cm plates 268. Colonies in each 

plate were counted and summed together (considered as one biological replicate).  

5.2.9 Proliferation assay 

 To determine how proliferative the cells were, we trypsinized the cells, counted 

~12,500 cells and seeded them in a 12-well plate. 72 hours later, we again trypsinized 

and counted the cells. We calculated the doublings of the cells as the log-2 of the ratio 

between the number of cells on day 3 and the number of cells on day 0 (12,500).  

5.2.10 Protein-Protein interactions 

 To uncover protein-protein interactions, we used STRING (http://www.string-

db.org)269 and searched for TFs that were found significant in the CRISPRa screen.  

5.2.11 RNA-sequencing and analysis 

SVts-8 cells were transduced with the indicated TFs and grown until SAGA was 

inhibited and a population of ~1M cells was achieved. Cells were harvested and total 

RNA was extracted with RNeasy Mini Kit (Qiagen) and sent for RNA-sequencing 

preparation by a third-party vendor (Genewiz). The libraries were sequenced on a HiSeq 
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4000 with 150 bp paired end reads. Reads were aligned to human RefSeq transcripts 

using Bowtie2 and differential expression was determined with DESeq2 238. 

 

5.3 Results 

5.3.1 CRISPRa screen reveals TFs that inhibit SAGA 

To identify novel TFs that could bypass SAGA, we chose to use CRISPRa 

platform with VP64dCas9VP64 and a gRNA library that targets 1496 TFs (at least 5 gRNAs 

for each TF), in addition to 100 non-targeting gRNAs. This library was successfully used 

to uncover TFs that are involved in neuronal cell fate differentiation 270. To apply it in a 

senescence model, we used a temperature-sensitive cell-line SVts-8, a lung fibroblast 

cell-line that has its SV40 expressed under the regulation of a temperature-sensitive 

large T-Antigen promoter, and upon transition to 39C, the large T-antigen is inactive 

and it rapidly (<5 days) undergoes senescence and growth arrest. After creating a 

polyclonal cell-line which is constitutively expressing VP64dCas9VP64, we transduced 2M 

cells with TF library at 0.5 MOI (~100X coverage) and selected with puromycin to ensure 

that all cells express gRNAs (Fig. 15A). To account for enrichment of TFs that promote 

mitogenic or oncogenic activity, we continued propagating the cells at 34C for 2 weeks 

(since transduction with TF library) and harvested 1M cells for gRNA sequencing before 

inducing senescence by switching to 39C. We continued propagating and maintaining 

cells for 5 weeks at 39C before harvesting the cells again (>1M cells) for sequencing. 
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Analysis of gRNAs that were enriched at day 49 vs. day 14 revealed 6 gRNAs (Fig. 15B) 

that were targeting the TFs: DMRTA2, FEV, POU4F1, STAT3, ZNF395 and ZNF479 (adj. 

p-value < 0.01). 

 

Figure 15: Screening and validation of TFs that inhibit SAGA 
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a) Schematic of the TF CRISPRa screen. Cells were grown at permissive 

temperature (34C), transduced with VP64-dCas9-VP64 and selected with blasticidin. 

Next, at day 0, the cells were transduced with TF library at 0.5 MOI (~100x coverage) 

and after a short recovery, they were selected with puromycin and at day 14 ~1M cells 

were harvested for sequencing. The remainder was propagated for 5 more weeks at 39C 

(induction of senescence) and then harvested and sequenced. b) TF screen results 

displayed as enrichment of gRNA on day 49 vs. day 14 (top). Significant hits are labeled 

and colored in red. A detailed list of significant hits and respective counts (bottom). c) 

Summary results of SA-βGAL staining as percentage of senescent cells out of all counted 

cells (left, N=1), accompanied by representative images of samples (right). d) Results of 

crystal violet staining (clonogenic assay) as total number of colonies per treatment (left, 

N=1), accompanied by representative images of samples. e) Proliferation assay results 

displayed as number of doublings over a 72-hour period (N=2). The sample on the left 

was measured before induction of senescence (34C), whereas the rest were measured at 

39C. f) Protein-protein interactions of selected TFs. Results were adapted from 

http://www.string-db.org, demonstrating known interactions between displayed 

proteins. 

 

5.3.2 Validation and characterization of screen hits 

Next, to validate that indeed these TFs can aid the cells in evading SAGA, we 

repeated the experiment with the individual gRNAs, adding for each TF an additional 

gRNA that targets the same gene, in addition to scrambled gRNAs. We again let the cells 

grow at 34C for 2 weeks, followed by 5 weeks at 39C, and then stained for a hallmark 

marker of senescence, senescence-associated β-Galactosidase, or SA-βGal (Fig. 15C). 

These results validated all the gRNAs that came up at the screen, but ZNF479. 

Interestingly, we were also able to show that gRNAs that target the same TFs could also 

lead to proliferation at 39C in 4 out of the 5 TFs that validated, suggesting that the 

efficiency of this process is very low. Of note, the non-treated samples and the 
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scrambled gRNAs demonstrated high levels of staining for SA-βGal (70-100%), proving 

the assay to be functional. 

To further validate these targets and probe the efficiency of the cells’ ability to 

resist senescence, we performed a clonogenic assay with crystal violet staining (Fig. 

15D). To this end, we seeded 100,000 gRNA-expressing cells, induced senescence, and 

stained half of them 26 days later to identify colonies. Remarkably, we witnessed very 

small number of colonies for most treatments (0-2 colonies for 50,000 cells), except for 

ZNF395, which resulted in 64 colonies. Moreover, when testing the 5 gRNAs that were 

significant in the initial screen (excluding ZNF479), we witnessed even higher number of 

colonies (171), suggesting possible synergism between the various components. Despite 

these encouraging results, the percentage of cells that were able to resist SAGA under 

this regimen was still very low (0.34% or less). In addition to the low efficiency of this 

process, these findings raise the possibility that this process is also stochastic and takes 

at least several weeks to manifest. Indeed, it is possible that sampling the number of 

colonies at later time point would reveal different dynamics, however it would diminish 

the ability to correctly count colonies in proliferative samples, such as ZNF395. 

To characterize the different treatments, we continued propagating the cells past 

week 5 and assayed for their ability to double over a period of 72 hours (Fig. 15E). The 

results of this assay indicated that all cell-lines that expressed gRNA at 39C were 

similarly proliferative and doubled 2.4-3.4 times within the during of the assay. 
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Interestingly, we observed sharp decline in the number of cells among the negative 

controls (cells that did not express gRNAs), that may be attributed to the inability of 

senescent cells to re-attach to the tissue culture dish at the beginning of the assay. 

To better understand the context of the TFs that were found in the screen, we 

conducted a protein-protein interaction analysis using STRING 269 (Fig. 15F). By using 

STRING, we observed a connection between FEV, POU4F1 and DMRTA2, which are all 

interacting with PAX6, and vicariously, ISL1 and TP53 (or P53). Although PAX6, to our 

knowledge, is not related to senescence, insulin (ISL1, also known as Insulin Gene 

Enhancer Protein ISL-1) and P53, have been previously shown to affect senescence 46. 

Furthermore, we explored another TF, STAT3, which  is already known to regulate 

senescence, and it has been shown to do it through the JAK/STAT and IL-6 pathways 255-

257,260,261, moreover this activity leads to TERT upregulation 271, which elongates 

telomerase which aids the cells to proliferate indefinitely. Lastly, regarding ZNF395, we 

could only find one known protein-protein interaction with SAP30. This protein is 

associated with histone deacetylation, a process that was previously shown the correlate 

with delay of senescence and activity of proteins from the sirtuin family 253,254. 

5.3.3 Differences between RNA expression profiles of senescent and 
non-senescent cells 

To characterize genetic pathways which are involved in SAGA and its inhibition, 

we conducted an RNA-seq analysis of non-senescent cells at 34C, senescent cells at 39C, 

and TF-expressing cells that resisted senescence at 39C (Fig. 16). First, to understand 



 

154 

relationship and similarity between different samples, we conducted principal 

component analysis (Fig. 16A) of all RNA-seq samples, which showed that both 

DMRTA2- and POU4F1-expressing cells demonstrate highly dissimilar expression 

profiles to the rest of the samples (PC1: ~40% variance), while they cluster very closely to 

each other, suggesting that they operate via similar pathways. Between the other 

samples, senescent samples at 39C cluster together but further away from the remaining 

samples (PC1: 15% variance). Furthermore, non-senescent no-gRNA samples at 34 are 

on the axis between FEV-expressing and STAT3-expressing samples, showing only 5-

10% variance between these different samples. Interestingly, ZNF395-expressing 

samples are not clustered close to each other in a similar fashion to the other duplicates, 

and while one of them is extremely similar to STAT3-expressing samples, the other one 

shares high similarity level with the non-senescent no-gRNA samples at 34C. 

Next, in order to define senescent-related pathways in this model, we explored 

the main differences between non-senescent cells at 34C and senescent cells at 39C (Fig. 

16B). We measured at the non-senescent cells ~1900 upregulated genes and ~1700 

downregulated genes that were differentially expressed compared to the senescent cells 

(adj. p<0.01). These differentially expressed genes encompassed a multitude of 

pathways, including prominent pathways that include: cell-cycle factors (upregulation 

of P21 and downregulation of CDC20, CDCA8, KIF20A, AURKA, AURKAB), 

inflammatory cytokines and chemokines (upregulation of CCL2, IL-6, IL-1A, IL-1B) and 
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epigenetic regulators (downregulation of EZH2, MED1, PRC1). Interestingly, we 

observed upregulation in genes that are considered to resist senescence, including: the 

proto-oncogene MDM2 which promotes P53 degradation, MVP which is part of the 

JAK/STAT pathway and TERT which encodes for telomerase reverse transcriptase, 

which is essential for immortalization of cells. 
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Figure 16: Expression profiles of senescence and TF-expressing cells at 39C 

a) Principal component analysis of RNA-seq samples demonstrating similarity 

between expression profiles across assayed samples. b) Analysis of differentially 

expressed transcripts between non-senescent samples at 34C and senescent samples 

at 39C (red dots denote transcripts with adj. p<0.01, black dots denote transcripts 

with adj. p>0.01; n=2). c) Validation of target gene activation. Log-10 TPM levels of 5 

induced TFs and TERT in different samples (normalized to “no-gRNA_34C”; n=2). d) 

TERT isoform analysis. TPM levels of TERT isoforms in different samples divided to 

coding (blue) and non-coding transcripts (red) (n=2). e) Splicing factors correlate 

with treatment. Log-2 TPM levels of selected splicing factors in different samples 
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(normalized to “no-gRNA_34C”; n=2). f) Pathway characterization of SAGA and its 

inhibition. Prominent senescence-related pathways (left) next to Log-2 TPM levels of 

selected genes (right; normalized to “no-gRNA_34C”; n=2). g) Expression of sex 

chromosomes correlates with treatment. Log-2 TPM levels in different chromosomes 

across different samples (normalized to “no-gRNA_34C”; n=2). 

 

5.3.4 Expression of target TFs and splicing regulation support TERT 
activity in non-senescent cells 

To validated activation of target TFs and characterize the relationship between 

them, we looked at the expression of the various TFs, as well as TERT which was 

previously shown to be essential for indefinite proliferation in this model 264 (Fig. 16C). 

RNA-seq data reveal that all TF-expressing cells showed an increase in their respective 

TF compared to the non-senescent cells at 34C. Furthermore, as previously suggested, 

DMRTA2- and POU4F1-expressing cells shared a similar profile in which both TFs were 

expressing highly, however FEV was only expressing in the DMRTA2-expressing cells, 

suggesting DMRTA2 may be upstream to both FEV and POU4F1. Additionally, STAT3-

expressing cells demonstrated a slightly different pattern, in which FEV was not 

expressed at all and both DMRTA2 and POU4F1 expression levels decreased. FEV- and 

ZNF395-expressing cells demonstrated a similar expression profile of these selected TFs, 

which mainly differed in their respective targets, indicating the FEV expression levels 

were higher in FEV-expressing cells and ZNF395 expression levels was higher in 

ZNF395-expressing cells. Intriguingly TERT was similarly upregulated in all samples. 
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To better understand this conundrum, we performed an isoform analysis of 

TERT expression levels in all treatments (Fig. 16D). Strikingly, we observed that while 

expression levels were comparable among different treatments, there were virtually no 

protein-coding isoforms among the TERT transcripts of the senescent cells at 39C, 

suggesting the TERT regulation was vastly post-transcriptional. Previously, it was 

shown the splicing factors such as NOVA1, HNRNPL, HNRNPH2, SRF2, SRF11 and 

PTBP1 were central in regulating the splicing of TERT 272. Indeed, when we analyzed the 

transcription levels of these factors (Fig. 16E), we witnessed a stark upregulation in 

expression of these factors (except for NOVA1) in most treatments (all TF-targeting 

treatments but FEV). These results suggest that splicing and its regulation of TERT play 

a pivotal role in resisting SAGA and sustaining the proliferation of these cells. 

5.3.5 RNA expression profile of SAGA inhibition by ZNF395 

In attempt to further explore the differences between the TF-expressing cells, we 

looked deeper at senescence-related genes that we characterized previously in 

subsection 5.3.3 (Fig. 16F). First, we characterized the effect of TFs on inflammatory 

cytokines and chemokines, which showed that while all TFs led to reduction of IL-6, IL1-

A, IL1-B and CCL2, DMRTA2- and POU4F1-expressing cells demonstrated vastly 

stronger anti-inflammatory response. These expression profiles also correlated strongly 

with downregulation of proteases such as SERPINE2, MMP1 and MME, insulin-related 

gene IGFBP7 and the gene MVP which is part of the JAK/STAT pathway. Moreover, we 
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witnessed upregulation of MDM2 in both treatments, suggesting they promote P53 

degradation. Overall, these data suggest that both DMRTA2 and POU4F1 operate 

through similar anti-inflammatory pathways that are not insulin-dependent, but 

possibly strongly influence P53 and the JAK/STAT-IL-6. 

Furthermore, examining the expression profiles FEV-expressing cells, we 

observed an increase of insulin-related genes, such as IGFBP7, IGFPL3, however also the 

TGF-beta related protein TGFBI, thus it is possible that both pathways are essential to its 

SAGA inhibition. Interestingly, FEV-expressing cells also showed high levels of 

CDKN1A (p21), IL-1A and IL-6 similarly to the senescent cells, possibly supporting its 

relatively low enrichment at the initial screen. 

Next, we tried to understand the differences between STAT3- and ZNF395 cells, 

which demonstrated very similar expression profiles (17 differentially expressed genes, 

adj. p<0.01). Two main genes that stood out were EGFR and ABCB1 (data not shown), 

that were both upregulated in the ZNF395-expressing cells. EGFR, or epithelial growth 

factor, is a known mitogenic pathway which promotes survival and proliferation. 

ABCB1 is an important ATP-dependent efflux pump that plays a key role in cancer 

multidrug resistance, a function that can explain the heightened survivability of these 

cells. 

Lastly, despite the fact the SVts-8 cell-line is a male cell-line, we observed a 

striking increase of XIST expression levels in all non-senescent treatments. XIST is 
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known to mediate X-chromosome inactivation, thus it was unclear what purpose it may 

serve in these non-senescent cells. Furthermore, an examination of transcription levels 

across all chromosomes (Fig. 16G) revealed that the Y-chromosome was virtually 

silenced in both DMRTA2- and POU4F1-expressing cells, while the X-chromosome 

expression levels in these cells markedly increased, a result that is seemingly 

contradicting the rise of XIST expression. While we could not find a satisfying 

explanation to this observation, the only known occurrence in which the Y-chromosome 

is silenced is during the meiosis of gametes, in this case however, also the X-

chromosome is silenced 273,274. 

 

5.4 Discussion 

Aging has long been considered an inevitable and irreversible process. Recently, 

however, a growing number of studies cast a doubt on this axiom. In a variety of models 

and treatments, researchers were able to significantly increase the life span of mice by 

clearing senescent cells 18, rejuvenate the nervous system and improve vision through 

epigenetic reprogramming 258, and promote regrowth of the thymus and production of 

naïve T-cells in adult humans by treating them with senolytics 275. These studies support 

a long-standing theory that aging is the product of environmental insults that lead to 

epigenetic dysregulation 112,190,222,254, and thus can be reprogrammed and ultimately reset. 

In this chapter, we used the CRISPRa platform to screen 1496 TF in an inducible-
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senescence model. We were able to find 6 TFs that were able to bypass SAGA, and 

successfully validated 5 of them. In a sequence of simple steps, i.e. expressing individual 

TFs prior to induction of senescence, we were able to achieve a few colonies of 

proliferating cells that resisted SAGA and did not exhibit senescence markers, such as 

SA-βGAL. Furthermore, we analyzed the expression profiles of the different TF-

expressing cells which showed restoration of activity among prominent mitogenic 

pathways, reduced expression of P21 and pro-inflammatory cytokines and chemokines. 

Of note, our data also demonstrated the indirect regulation of TERT through the splicing 

machinery. 

The hallmark of senescence is replicative growth arrest, however there is a 

plethora of different senescence-associated secretory phenotypes (SASPs) that are 

unique to the cell-type that undergoes senescence, and even among the same cell-types 

there is a formidable amount of heterogeneity 16,276-278. In our results, however, we were 

able to identify many of these pathways that were previously implicated in promoting 

senescence, such as the JAK/STAT-IL6 axis 255,259,260,271, MDM2 (P53 pathway) 46,265, insulin 

(IGFBP7) 45,46, P21 (in addition to various cyclin-dependent kinases)262 21,24,263,264, TGF-β 

44,279, and pro-inflammatory cytokines and chemokines (IL-1A, IL1-B, CCL2, IL-6) 255,260,277. 

Furthermore, many of these genes that we identified as unique to the expression profile 

of senescence in our study, were also found in a list of 55 genes that were described to be 

“at the core of the senescence-associated transcriptome” by Hernandez-Segura et al. in 
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2017 277. Interestingly, our results also demonstrated the important role of splicing in 

senescence, and how its regulation affects TERT activity, thus skewing the balance 

between protein-coding and non-coding transcripts. 

The interaction between the cells and their environment has been posited to have 

an important role in the progression of senescence through its epigenetic effect on cells 

112,190,275,280. These data are supported by recent application of epigenetic modifiers Oct4, 

Klf2 and Sox2 in a mouse model of the aging nervous system and their conclusions that 

the activation of the DNA demethylases TET1 and TET2 promoted rejuvenation and 

improvement in vision. Moreover, out data also support that dysregulation of important 

epigenetic components plays a role in senescence, since we witnessed unique changes to 

major epigenetic components, such as EZH2, PRC1 and MED1 in the senescent cells. 

Furthermore, the effect of the senescent cells on their environment was previously 

shown by Baker et al., who showed that senescent cells affect their environment and 

promote the senescence of neighboring cells 21. We hypothesize that the pro-

inflammatory proteins and cell-matrix proteases that we and others have found to 

upregulate during senescence, may promote this process and perform as a paracrine 

signal. 

We attempted to characterize the phenotypes of the TF-induced cells that were 

able to evade SAGA. By clustering the different profiles with PCA, we observed high 

similarity between the DMRTA2- and the POU4F1-expressing cells, as well as close 
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proximity between the FEV-, STAT3- and ZNF395-expressing cells, with more similarity 

between the latter two. Interestingly, the group of the three TFs, also showed expression 

profiles that resembled most closely the no-gRNA samples at 34C, with ZNF395 

demonstrating the highest level of similarity. These data suggest that FEV, STAT3 and 

ZNF395, operate through similar pathways, that are likely to rely on JAK/STAT 

signaling, with possible variations in regard to TGF-β, insulin, EGFR and ABCB1 

pathways as explained above. Additionally, a recent saturation mutagenesis study 

probed the TERT promoter and showed the existence of ETS motif in it 281. Since FEV is a 

member of the ETS-family TFs, it is possible that it directly regulates TERT. This possible 

hypothesis may explain why FEV-induced cells demonstrated formidable levels of 

protein-coding TERT, although their splicing factors profiles were similar to the 

senescent cells’ profile. Lastly, we tried to characterize the phenotype of the cells that 

expressed DMRTA2 and POU4F1, which showed vast transcriptional changes (>7500 

differentially expressed genes compared to non-senescent cells at 34C; adj. p<0.01). 

Although, we could not observe a hallmark of any known cell-fate, we still were able to 

make some interesting observations. For example, we witnessed very strong 

downregulation of anti-inflammatory factors, as well as genes that regulate the 

JAK/STAT and P53 pathways, hinting that they may still evade SAGA by a different 

path that leads to activation of the JAK/STAT pathway. Moreover, we witnessed strong 

activation of XIST with both TFs, as well as what appears to be a Y-chromosome 
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inactivation. These two phenomena occurring in a non-meiotic male cell-line have not 

been observed previously to our knowledge, and we believe that more work would be 

necessary to explain them. 

In summary, in this study we were able to find and characterize a host of TFs 

that induce cells to avoid SAGA. We characterized their proliferative potential and 

showed that this process is of low efficiency, but still, is consistent. Since epigenetics has 

been shown to play a role in senescence and is known to form barriers in other similar 

processes of trans-differentiation 163, we posit that future work to combine these TFs 

with other epigenetic factors may increase the penetrance of this phenotype. Creating a 

protocol to overcome senescence that would be applicable to multiple cell-lines could be 

extremely useful in regenerative medicine 22,25, and could lay the framework for senolytic 

and rejuvenating technologies.  
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Chapter 6: Conclusions 

In this work, we used the CRISPR/Cas9 system to create and develop novel 

epigenome editors that are capable of altering gene expression as well as depositing and 

removing histone marks in a specific manner. We have introduced five new CRISPR-

GEMs whose main target residues are H3K9, H3K27 and H4K16 in the promoter region, 

and have shown their functionality in various genomic contexts. 

Following the development of these tools, we choose to utilize them to explore 

the process of gene repression. Thus, we conducted a CRISPRi screen of the B2M locus, 

in which we used dCas9, KRAB and the whole array of repressor CRISPR-GEMs that we 

developed. While the results of this screen showed that KRAB is indeed superior in its 

ability to carry out gene repression from a formidable genomic distance, we were also 

able to uncover several unique loci that are amenable to repression by HDAC8 but not 

by KRAB. Interestingly, combining the data of all effectors used in this screen, 

highlighted the impact that steric effect has in this type of screens. Furthermore, we 

were also able to show that using novel CRISPR-GEMs helped in refining and 

annotating regulatory regions in much higher resolution than KRAB alone could 

provide. Lastly, we demonstrated that repressor CRISPR-GEMs can be highly useful in 

annotating regulatory regions that upregulate gene expression but are not “classic’ 

enhancers, or often referred to as silencers or insulators. Very little is known about this 
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type of regulatory regions, however their abundance in our screen, may suggest they 

play a bigger role than previously thought. 

Further characterization of our novel CRISPR-GEMs suggested that they 

distinguish in their kinetics, for example, when we examined expression of the target 

genes, we noticed that HDAC8 showed the most repression by day 2 post-transfection, 

SIRT6 on day 4, and KRAB performed the best by day 10 post-transduction. 

Furthermore, we were able to show that gene expression often correlated better with 

H3K9 marks at day 2, suggesting that marks that are associated with this residue 

precede changes in gene expression. These results also aligned with observations of 

KRAB, which showed strong methyltransferase activity on early time points, while gene 

repression peaked much later at day 10. Altogether, these data led us to hypothesize a 

revised model for epigenetic regulation, which gives more importance to H3K9 marks in 

determining gene expression than other residues, however it is still impossible to 

determine if there is a causal link between the two components, or that they are simply 

both driven by another process. Despite that, it is noteworthy to highlight the 

importance of having novel CRISPR-GEMs that are a fusion of an enzyme, thus also 

have catalytically inactive version, that could serve as a control, whereas the current 

main tool, dCas9-KRAB, performs as a scaffold, hence it is virtually impossible to 

distinguish its catalytic effect from it structural effects.  
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Additionally, we applied epigenome editing to explore senescence, a cellular 

process that is at the epicenter of aging and has been shown to play a key role in various 

age-related diseases. Using the CRISPRa platform in an inducible-senescence cell model, 

we found and validated multiple transcription factors (TFs) that regulate senescence-

associated growth arrest (SAGA). Further characterization of these hits revealed that the 

induced TFs alter pathways that are known to correspond with senescence, such as JAK-

STAT, P53, TERT, insulin, TGF-β and other inflammation-related components. We were 

able to underscore important differences between the induced TFs and showed that they 

cluster into two main groups. Interestingly, one group that showed strong reduction of 

pro-inflammatory cytokines, also demonstrated upregulation of TERT and X-

chromosome genes as well as silencing of the Y-chromosome. Additionally, we were 

able to demonstrate the indirect regulation of TERT by splicing factors and that in the 

absence of the induced TFs, we could not observe any protein-coding transcripts of 

TERT.  Altogether, we were able to demonstrate a novel application of epigenome 

editing in a senescence model, which deepened our understanding of the pathways that 

govern senescence and sSAGA. 
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Appendix A 

Gene Application Forward Reverse 

IGFBPL1 ChIP-qPCR AGGCTGGCTCCAGATAGTATGC GGGGATACAAGGTGGTAGGGTA 

MLNR ChIP-qPCR TGCTCAGTCCTGTAACCAAAGC GCGCTTCCCTCTCCACTAACT 

DKK1 ChIP-qPCR TCCTTCTGAGATGATGGCTCTG CAGGTTCTTGATAGCGTTGGAA 

GAPDH ChIP-qPCR CAGAAGAATGGATCCCCTGTG GGCAGGGTGAGTCAAGAAGAG 

MyoD1 ChIP-qPCR CCGCCTGAGCAAAGTAAATGA GGCAACCGCTGGTTTGG 

B2M ChIP-qPCR TATGCCTGCCGTGTGAACCAT GCATCTTCAAACCTCCATGATGCT 

FMR1 ChIP-qPCR AAATGAGAGACCAGCGAGGA GAAAGGGGGAATAAGCCATC 

FGF4 ChIP-qPCR GGAGGGGTGGATAAGAGCAGTA CTCCCGCCTGTAGCCAAA 

IL1RN ChIP-qPCR TGTTCCCTCCACCTGGAATA GGGAAAATCCAAAGCAGGAT 

IGFBPL1 RT-qPCR AAGGAGGATGAGGGTGTGTACC TGGGAAGTGGAAGCTCCTGTAT 

RPS29 RT-qPCR GCACTGCTGAGAGCAAGATG ATAGGCAGTGCCAAGGAAGA 

Emilin2 RT-qPCR CTCGGCCTCGAAACAGCTT GGCCCCTCTTTTGGATCTACC 

MLNR RT-qPCR CTGAGCGCATCTATCAACCCA TCCCATCGTCTTCACGTTAGC 

IFI30 RT-qPCR GGAGTGCAAATTCAACAAGGTG GGCAGACTTCTCTCCATGTCCT 

APOBEC3B RT-qPCR CTTTGAAAACGAACCCATCCTC GAAATACACCTGGCCTCGAAAG 

CLU RT-qPCR CCAATCAGGGAAGTAAGTACGTC CTTGCGCTCTTCGTTTGTTTT 

DACH2 RT-qPCR CCTAAGCGTTCTTTGGGAGTG TGATAAGTCCTGGCGATAAGAGG 

MAFB RT-qPCR TCAAGTTCGACGTGAAGAAGG GTTCATCTGCTGGTAGTTGCT 

NAPSA RT-qPCR CTGGTTACACCACCGATTTGA CCACCAATAGTCAGCTTGTCC 

CRISPLD1 RT-qPCR TGCTGTTCATGGCTAGAGCAA CCTCGTTGTTTGGCTATCCAC 

HES5 RT-qPCR ACCAGGACTACAGCGAAGGCTA GGAAGTGGTACAGCAGCTTCAT 

NELFE RT-qPCR AAGAGGAGGCTCTGCAGAAGAA GTTGTGCTGCTGCTACTTTGCT 

HDAC8 RT-qPCR TCGCTGGTCCCGGTTTATATC TACTGGCCCGTTTGGGGAT 

B2M RT-qPCR TATGCCTGCCGTGTGAACCAT GCATCTTCAAACCTCCATGATGCT 

Cas9 RT-qPCR CCGAAGAGGTCGTGAAGAAG GCCTTATCCAGTTCGCTCAG 

RIBC2 RT-qPCR CCAGAAACTCGCCGTGAATTT CCGAACATCATTATCTGACTGCC 

GAPDH RT-qPCR CAATGACCCCTTCATTGACC TTGATTTTGGAGGGATCTCG 

OAZ1 RT-qPCR GGATCCTCAATAGCCACTGC TACAGCAGTGGAGGGAGACC 

FMR1 RT-qPCR CCAACAAACCTGCCACAAAAG GCACACATTTGCCGTAAGTCTT 

FGF4 RT-qPCR gactacctgctgggcatcaa tggaggtggaagccgatg 

B2M RT-qPCR TATGCCTGCCGTGTGAACCAT GCATCTTCAAACCTCCATGATGCT 

IL1RN RT-qPCR ggaatccatggagggaagat tgttctcgctcaggtcagtg 

HDAC8 (exon 
1) Genotyping TGAGAACACTTCCTTCTGATACAGC GCTCAAACCTCCGGAAACTACA 

*DKK1 
Taqman 
probe ThermoFisher Hs00183740_m1 

Table 1: List of primers used in this study 
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Target # Protospacer 

FMR1 1 CGCGCGTCTGTCTTTCGACC 

FMR1 2 CGGGTCGAAAGACAGACGCG 

FMR1 3 ACGACAGGCCCGGATCCCGC 

FMR1 4 AAATGTGGTCAAGTTCTTAG 

IL1RN 1 TGTACTCTCTGAGGTGCTC 

IL1RN 2 ACGCAGATAAGAACCAGTT 

IL1RN 3 CATCAAGTCAGCCATCAGC 

IL1RN 4 GAGTCACCCTCCTGGAAAC 

HDAC8 1 ACCATCCTTGTTGCCCTACG 

HDAC8 2 AAGAGCGTTAGGAAGCGGAG 

STAT3.4 NA CCTCCCTCCGCCACAGCGA 

STAT3.5 NA CCCCGCCCACTGACCAATG 

ZNF395.4 NA TACGTGAGCGCAGTGTCCC 

ZNF395.5 NA TGTAGCCCAGGCGCGCTGG 

ZNF479.1 NA GCAGGGCTTCTTCCTCGAT 

ZNF479.2 NA GTTGGCCTGGCTCCGATCG 

DMRTA2.4 NA GCAGAATgcggggctcccc 

DMRTA2.5 NA GGAGGGGGCGCGCCAGGAA 

FEV.2 NA GAACCCGGGTGGGGATAGA 

FEV.3 NA ACTCTCTGCAAACAGTGAT 

POU4F1.1 NA TCTCGGCGGCCCCGTGCGT 

POU4F1.2 NA CCCACGCGCTGGTCGCGGC 

Scrambled.1 NA TGTCGTGATGCGTAGACGG 

Scrambled.2 NA TCATCAAGGAGCATTCCGT 

NELFE 1 CTCACAACGATGACGTAGCG 

NELFE 2 GCGTGAACTATCGCTGCGGA 

MLNR 1 ATCGCTCACCGGACCGGGTA 

MLNR 2 GGTACTCCGGGCACCTTCGA 

IGFBPL1 1 ATCTCGGCGCTCGACGAGTG 

IGFBPL1 2 GCTGGGGTACGAGCGACCGT 

HES5 1 GGCCATGCCTGGCGCGGAAC 

HES5 2 TGCTGCTGTTGATGCGGTCG 

CRISPLD1 1 ACGGAGAGCCCCGCTCGCGA 
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CRISPLD1 2 TCGCGAACGCGAGAGAGCGA 

DKK1 1 GCTCCGGGCCCGCGGTATAA 

DKK1 2 TACCCGGGTCTTTGTCGCGA 

NAPSA 1 GGAGATCTCCCAGTACGCTT 

NAPSA 2 AATCTTTCCCGAATCCCCTC 

ZNF85 1 GAACGCAGCTGGTGCGGATA 

ZNF85 2 TGCCAGGTCCGCCATCCCGA 

DACH2 1 CCACGATCTAACCCGGTGTA 

DACH2 2 GTCGACCATGCGGCACTCGT 

MAFB 1 ACGCGCAGATCTCCAGAAAC 

MAFB 2 GACCCAACTCTTAACCTCAG 

CLU 1 CGTGGTGATGATGCGCCCCC 

CLU 2 GCCGCTCGGCGCTTCCAGTA 

IFI30 1 GCCCACGCCCCTCGGGTCCC 

IFI30 2 CGGGACCGCCGCCTGGTTAA 

Emilin2 1 CCGGTCCCTCAATGACGCAC 

Emilin2 2 AGTAGGAACGAGAAGCCGGA 

RIBC2 1 GCGTGTTCTAAAAACCCCTT 

RIBC2 2 TAGAGCGGCAGATGCGGGCG 

APOBEC3B 1 GGAAGAGGGGACGCATGCCA 

APOBEC3B 2 ATTCCCGTCGTCGTAGCCAG 

FGF4 1 AGGCAGGGACAAAGTGCAAG 

FGF4 2 AAGAGCAGTAAGCGACACCG 

B2M 231 GGGCCAGTCTGCAAAGCGAG 

B2M 332 TGTGTGCCCCCCACATTCAC 

B2M 758 AATAAAGAGGTTTTGTTGTT 

B2M 1628 GCGGTGGTTACCATAGGCCT 

Table 2: List of gRNAs and protospacers used in this study 
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