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Abstract
During the past two decades, soft lithographic techniques that circumvent
the limitations of photolithography have emerged as important tools for the
transfer of patterns with sub‐micron dimensions. Among these techniques,
microcontact printing (CP) has shown special promise. In CP, an elastomeric
stamp is first inked with surface‐reactive molecules and placed in contact with an
ink‐reactive surface, resulting in pattern transfer in the form of self‐assembled
monolayers in regions of conformal contact. The resolution in CP is ultimately
limited to the diffusion of ink and the elastomechanical properties of the bulk
stamping material.
One way to improve resolution is to eliminate diffusion by using inkless
methods for pattern transfer.

Inkless catalytic‐CP uses a chemical reaction

between a stamp‐immobilized catalyst and surface bearing cognate substrate to
transfer pattern in the areas of conformal contact.

By using pre‐assembled

cognate surfaces, the approach extends the range of surfaces readily amenable to
patterning while obviating diffusive resolution limits imposed by traditional
μCP.
In this thesis, we report two methods using inkless catalytic μCP:
biocatalytic‐μCP utilizes an immobilized enzyme as a catalyst whereas catalytic‐
iv

μCP utilizes an immobilized small molecule as a catalyst, such as an acid or base.
Both catalytic techniques demonstrate pattern transfer at the microscale while
using unconventional, acrylate‐based stamp materials.

Previous results

produced with catalytic‐μCP have shown pattern transfer with sub‐50 nm edge
resolution.

In this demonstration of catalytic‐μCP, we use the technique to

demonstrate a bi‐layered patterning technique for H‐terminated silicon, the
foremost material in semi‐conductor fabrication. This technique simultaneously
protects the underlying silicon surface from degradation while a highly‐reactive
organic overlayer remains patternable by acidic‐functionalized PU stamps. Line
widths as small as 150 nm were reproduced on the reactive SAM overlayer,
which would not be possible without circumvention of diffusion. Before and
after patterning, no oxidation of the underlying silicon was observed, preserving
desired electronic properties throughout the whole process. This bi‐patterning
technique could be extended to other technologically‐relevant surfaces for
further application in organic‐based electronic devices and other related
technologies.
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1. Introduction
1.1 Overview
The first efforts to manipulate surfaces in order to store and convey
information were developed by Cro‐Magnon man (Homo sapiens) over 34,000
years ago. These paintings of animals and stenciled hand prints on cave walls
not only represented a new art form,1 but also commenced the record of human
history by revolutionizing communication beyond time and space. For many
thousands of years, writing on stone, cloth, and paper was used for the
decoration of garments, the production of documents, and the creation of art.2
However, when more than one copy of a text or design was required, copies had
to be created serially by hand. Thus, for example, from the 5th to the mid‐15th
century, Catholic monks devoted entire lifetimes copying the Bible to spread
Christianity to people throughout the world.3 The need for copies inspired many
cultures to seek alternatives to time‐consuming serial processes when more than
one copy of an object was needed.
To increase copy count more easily, parallel methodologies for writing
characters, or “printing,” were developed in which more than one complete
character or figure could be produced simultaneously. Relief printing methods
date back to 3,000 B.C. in Mesopotamia, in which an impress was rolled onto clay
1

tablets to form complex works of art. Circa 200 A.D., a wood block with relief
features was first used in China to print three different colors on a silk cloth; soon
after this “block printing” technique was used to print solid text.

Similar

methodologies were used in Egypt, Europe, and India a few centuries later until
the development of movable type around 1040 A.D. The first movable type
system, credited to the Chinese Bi Sheng, consisted of movable characters made
of porcelain. These characters were placed together on a composing stick, inked,
and used to print ordered characters in a parallel fashion multiple times.
Johannes Gutenberg adapted this method in the mid‐15th century and invented
the well‐known and revolutionary movable type printing press. The “Gutenberg
press” not only provided the world with a massive quantity of inexpensive
Bibles, but also increased the literacy of the world’s population beyond higher
social classes.

Gutenberg’s invention is considered a giant step toward the

democratization of knowledge by transforming the world’s printing techniques
and communication forever.4
This great feat in printing still had many serial and time‐consuming
aspects. Single characters had to be molded out of metals and placed in separate
lines. Only after thousands of these characters were constructed could they be
placed into rows, inked, and pressed onto paper. Finally after placing thousands
2

of characters, the resulting image could be stamped as many times as desired,
but the lines had to be disassembled before a new page could be put together.
This process was convenient for low‐copy number needs, but was not practical
for very high‐throughput demands. In addition, illustrations could not be placed
in books using movable type processes. The alleviation of the latter problem was
developed only a few years after the invention of the Gutenburg printing press,
and evolved into a new popular method for the mass production of images for
books and posters. Instead of molding raised characters, templates for intaglio
printing were constructed by etching or engraving patterns into a metal surface.
To make prints from this master, the entire surface was inked, the excess ink
wiped off, and paper was applied at high pressures. The paper was forced into
the recesses of the intaglio both inking it in areas of contact and producing
slightly‐raised images on the paper.5‐6

3

Figure 1. Diagram showing relief, intagio, and planographic printing
techniques on paper. In each, a master (dark gray) is inked (black) and placed in
contact with paper, resulting in the printed image on the right.
Despite the success of the Gutenburg and intaglio processes, new methods
to improve the laborious printing process and to decrease printing costs were
needed to keep pace with the growing literacy of the population. At the turn of
the 19th century, the German playwright Alois Senefelder invented the first
chemical method of printing – a planographic technique he called “lithography,”
from the Greek words for “stone” (“lithos”) and “to write” (“graphein”).
Originally intending to copy his own plays, Senefelder realized the importance
of his invention not only as an expedient method for the reproduction of his own
work, but for music and drawings as well.7‐8 Chemical lithography exploited the
chemical concepts of hydrophobicity and hydrophilicity using by using a water‐
repulsing pencil made of wax, soap, and lampblack to draw images on
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hydrophilic slabs of limestone.

After the image was completed, the entire

surface of the limestone was covered with gum arabic containing a small amount
of nitric acid – etching the entire surface except for those areas protected by the
waxy substance. The mixture was removed after etching and oily ink was rolled
onto the wetted surface, resulting in the etched (hydrophilic) areas rejecting the
ink, thus perfectly inking only the hydrophobic image on the stone. A press was
generally used to transfer the inked pattern onto paper, resulting in an accurate
mirror image of the original drawing.6

This technique was ideal for high‐

throughput copying incorporating both characters and images in one plane,
expediting the printing process far beyond the Gutenburg press.

Over the

centuries, Senefelder and his successors have vastly improved the materials and
methodology of lithography. As a result of these advances, offset lithography
remains the most widely‐used method for the high‐throughput reproduction of
books, posters, and maps.6‐8 Photolithography, the process of chemically altering
a surface material using light, was discovered in 1822 by Nicéphore Niépce in
France. Using an etched print of Pope Pius VII, Niépce reproduced the image
through a glass plate by exposure to sunlight for several hours on the first
known negative resist – bitumen. These areas exposed to sunlight became hard
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and soluble to a mixture of turpentine and lavender oil. Eventually, Niépce
streamlined his process into the invention of photography.9

Figure 2. Lithography stone (left) and mirror‐print (right) on paper.10
Remarkably, the concepts of photolithographic printing inspired an
entirely new system of printing on surfaces that resulted in a different form of
information storage over a hundred years later – the microfabrication of
materials for integrated circuits (ICs). Modern‐day photolithography is a top‐
down fabrication technique that utilizes the exposure of a photosensitive
polymer deposited on a flat metal surface to light, changing the dissolution
properties of the cured polymer. Other metals (or molecules) can be deposited
on the surface, polymer again applied and exposed, and the process repeated
until the desired circuitry had been formed.
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Figure 3. Integrated circuit of Atmel Diopsis 740 System on Chip.11
The integrated circuit (IC) was invented independently in the late 1950’s
by both Jack Kilby (Texas Instruments) and Bob Noyce (Fairchild Semiconductor)
vastly decreasing the size of computers built in the 1940’s containing circuits
constructed only of discrete components and tubes to smaller, more efficient, and
more economical computers consisting of integrated components.

Since the

invention of the IC, the number of transistors that can be inexpensively placed on
an IC doubles every two years on average. Gordon E. Moore, the co‐founder of
7

Intel, first made this observation in 1965 and “Moore’s Law” has held true until
present day.12‐13 Today, photolithography is the foremost parallel technique used
to generate patterned surfaces for ICs as well as the most widely‐used method
for the parallel fabrication of 2D patterned surfaces for biological and chemical
assays and the production of patterned templates for the molding of polymers
for soft lithographic methods on the micro‐ and nanoscales.9, 14 Recent advances
in photolithography permit resolution below 30.0 nm13 and fabrication of 45‐nm
full transistors.15
Although still the foremost high‐throughput parallel patterning technique
for high resolution features below 100 nm, photolithography remains of only
limited utility due to requirements for expensive, complex instrumentation, long
set‐up times, and a limited set of reliable photoresists.16‐17 The resolution of
photolithography is determined by the behavior of light and high‐frequency
radiation, limiting its utility for patterning non‐planar and large surfaces.
Finally, photolithography and related serial patterning methods require the dust‐
free environment of a clean room, further increasing cost and limiting the wide‐
spread use of the technique.16‐23 As such, photolithography is of only limited
utility

in

fields

such

as

(bio)organic

8

sensing

and

organic

thin‐film

semiconductors, which require the use of ordered molecular systems on
conventional, inorganic semiconductor materials.
The development of soft lithography in 1993 by Kumar and Whitesides24
circumvented many of the limitations of photolithography. Soft lithography uses
a flexible elastomeric stamp as the key element for pattern transfer to substrate
and organic molecules as dyes, as opposed to the inorganic materials commonly
used in pattern transfer in lithographic methods.25 Microcontact printing (μCP),
the most common embodiment of soft lithography, uses an elastomeric stamp to
print surface features in relief through the self‐assembly of molecular inks on a
surface in areas of conformal contact. Originally, μCP of alkanethiols on gold
was used as an etch resist for potential applications in electronics as a fast,
convenient, and inexpensive alternative to photolithographic methods.24,

26

Methyl‐terminated, long‐chain (>C16) alkanethiols provided the best etch resists
on gold against cyanide‐based etchants (1 M KOH, 0.1 mM KCN, sat. O2, room
temperature).21 In addition to using microstructures of gold as masks for the
subsequent etching of silicon, electroless deposition of nickel, optical diffraction
gratings, patterned crystallization, and patterning of proteins using μCP were
demonstrated within a year of its invention.21 Because μCP did not directly use
light to pattern surfaces, μCP and related soft lithographic methods were
9

originally intended to replace photolithography in the electronics industry.17
However, due to various advances in photolithography, μCP has never exceeded
resolution of photolithography.
μCP has now gained universal recognition as a versatile, simple, and
inexpensive technique for patterning large surface areas with micro‐ and
nanoscale features, obviating both the high costs and expensive equipment of
photolithography.16,

23, 27

Due to the accessibility of the technique, μCP has

become the method of choice for patterning a variety of both planar and non‐
planar substrates with biological, organic, and inorganic materials17, 25, 28‐30 for a
range of purposes, including the fabrication of DNA, proteins, and glycopolymer
microarrays;14,

31‐45

biosensors;46‐47 cell patterning and tissue engineering;48‐54 the

preparation of organic thin‐film transistors and photovoltaic devices;55‐59 and
microelectronics.21, 60‐68 Here we review traditional μCP, its potential limitations,
and discuss unconventional μCP approaches that aim to circumvent the diffusive
resolution limitations of traditional μCP.

1.2 Principles of microcontact printing
The goal of soft lithography is to replicate the features of a master mold
for a high‐throughput, low‐cost pattern transfer. To fabricate a stamp capable of
pattern transfer via μCP, a master mold is first made by conventional
10

lithographic techniques. Pre‐polymer is added to this mold, cured, and peeled
off, providing a negatively‐patterned stamp in relief. The stamp is inked with a
surface‐reactive molecule and placed on a cognate substrate, forming SAMs in
the areas of conformal contact (Figure 4).

Figure 4. Overview of fabrication of stamp for μCP using a silicon master and
subsequent stamping of alkanethiolate SAMs.

1.2.1 Master and mask fabrication
Most elastomeric stamps for traditional μCP are molded against masters
made by photolithography or e‐beam lithography (EBL).9, 17, 25 The majority of all
present‐day lithographic techniques have three main aspects to their design: i) a
material (normally a resist) capable of being manipulated on the micro‐ and
nanoscales in order to ii) fabricate a master or a mask as a pattern template, and,
iii) a medium or set of conditions capable of transferring the patterns from the
master/mask to other surfaces.18
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Conventional methods for pattern fabrication using lithographic methods
are generally serial and slow, involving some type of writing tool to either etch
part of the surface, deposit a material on a surface, or chemically modify the
surface to create a pattern.18 The most popular methods for generating masters
and masks for both photolithography and soft lithography involve the use of a
top‐down serial writing technique.9 The resolution of this technique depends on
the “sharpness” or the radius of the writing tool, which can range from features
visible by the naked eye down to single nanometers.
EBL is the method of choice for the fabrication of both masters and masks
for patterning small, high‐resolution features 5 nm and larger.16, 18, 29 EBL uses
tightly focused, high‐energy electrons to expose electron‐sensitive resists,
resulting in feature sizes from micrometers to single nanometers.16, 69 Computer
aided design (CAD) is incorporated to direct the electron gun, making specific
patterns ranging from actual text and pictures to dots, lines, and shapes.9 After
the resist is exposed to the electron beam, it is developed in an appropriate
solvent mixture to obtain the patterned surface. Metals and other materials can
be deposited on the original pattern to add complexity to the original pattern,
such as in the generation of ICs. Alternatively, pre‐polymer can be added to
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form a stamp containing the mirror image of the master pattern and used in
mold fabrication.16, 18
Masks for photolithography and masters for soft lithography displaying
micron and sub‐micron features are fabricated using EBL in very similar ways,
but using different substrates.

The substrate for a photomask is typically

optically flat glass or quartz covered with a thin layer of an adsorber pattern
metal such as chromium. Masters for soft lithographic techniques generally do
not need to be transparent for subsequent pattern transfer and are typically made
of silicon.9,

69‐70

Robust photomasks and masters can often be reused multiple

times without damage, adding to the parallel fabrication intrinsic to both
techniques.21 Many facilities provide photomasks bearing various features, such
as a matrix of squares or lines of varying widths, for general use so they need not
be created manually by the user for pattern generation by photolithography.
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Figure 5. SEM images of Si/PMMA master for soft lithography (left).
Elastomeric stamp made from master (right).
Once a resist has been spin‐coated on the substrate, baked, and exposed to
an electron beam, the polymer chains of a resist can undergo one of two chemical
processes:

i) cross‐linking resulting in an increase in molecular weight and

reduction of solubility in a developer, or ii) chemical bond cleavage resulting in a
decrease in molecular weight and increase of solubility in a developer.16, 18, 22, 69
The former process describes a negative resist such as SU‐8 while the latter
describes a positive resist such as polymethylmethacyrlate (PMMA). In both
cases, substrates are developed in a corresponding solvent/developer solution
resulting in relief pattern formation such as a 1:3 methyl isobutyl ketone:
isopropyl alcohol solution for PMMA. As shown in Figure 5, this resulting
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pattern can be used directly in subsequent stamp fabrication for soft
lithography.17, 25, 28

Figure 6. Master fabrication for soft lithography via EBL or photolithography
(PL).
Finally, wet chemical etching through the exposed chromium absorbing
layer and removal of the remainder of the photoresist produces a photomask
ready for pattern replication via photolithography and/or soft lithography. 16, 18, 22,
69
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Figure 7. General mask fabrication for photolithography using EBL and a
positive resist.
In summary, masters for use in soft lithography are patterned either
directly by EBL for sub‐micron features or by photolithography for large features
in general‐use cleanrooms.

EBL is also used to pattern high‐resolution

transparencies for use in photolithography as photomasks.
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1.2.2 Stamp fabrication using PDMS as a stamp material
The

most

commonly‐used

stamp

material

for

μCP

is

polydimethylsiloxane (PDMS), commercially‐available from Dow Corning as
Sylgard 184. A PDMS pre‐polymer is first mixed with curing agent (Sylgard
Curing Agent 184) in a 10:1 (v:v) mixture, and added to the fabricated master.
The PDMS is then cured by heating from 100‐150 °C for 10‐45 minutes or left at
room temperature overnight. Finally, the PDMS is removed from the master and
cut to size.25, 71

Figure 8. Stamp fabrication from master for use in μCP.
In addition to commercial availability, PDMS has several attractive
properties for use in μCP. First, PDMS is an isotropic elastomer capable of
conformal contact with surfaces over large surface areas (~ 30 cm x 40 cm)17, 24‐25 as
well as deformable enough to transfer pattern to nonplanar surfaces.17, 25, 72‐73 The
17

Young’s modulus of PDMS is ~750 kPa, which allows PDMS to both conform to
surfaces and effect stamp release from molds.71 Second, cured PDMS provides a
chemically inert surface with a low interfacial free energy (~2 x 10‐3 J/m2),71,

74

allowing a PDMS replica to be easily released from masters without damaging
the master or itself.25, 71 Third, PDMS cures as an isotropic, homogenous mixture
that is optically transparent down to 240 nm.25, 71 Optical transparency ensures
good conformal contact with a surface. Fourth, PDMS is a robust stamping
material, and has been able to stamp over 100 times over a period of months
without degradation of the polymer or transferred patterns.17, 25, 64 Elastomeric
PDMS stamps are capable of printing features down to ~300 nm over large
surface areas.28 Fifth, the mechanical properties of cured PDMS are minimally
affected by ethanol (2.5% swelling), a solvent in which alkanethiols are soluble.17,
25, 71, 75

Ethanol is volatile and rapidly evaporates from the surface of the stamp,

concentrating the thiol ink.75 Sixth, the surface chemistry of PDMS can be readily
manipulated to facilitate stamping of various chemical and biological
molecules/cells.76‐80 One of the most popular surface passivation techniques for
PDMS is oxygen plasma treatment, which creates a hydrophilic surface for
stamping polar inks and biological molecules.28, 76, 81
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1.2.3 Pattern transfer and SAM formation
Historically the most common ink‐substrate system for μCP is
alkanethiolates and gold.21, 24, 26 Gold is a popular substrate for SAMs and μCP
for several reasons. 1) Gold is readily available commercially and easily coated
by vapor deposition. 2) Gold does not oxidize readily, making it inert outside a
clean room and at atmospheric pressure in a laboratory setting. 3) Protocols to
pattern

gold

using

photolithographic

methods,

chemical

etchants,

micromachining, etc. are well‐known and easy to use.82 4) Monolayers on gold
are easily analyzed using existing and varied analytical techniques such as
quartz

crystal

spectroscopy.

microbalances,

ellipsometry,

and

X‐ray

photoelectron

5) Gold binds thiolates with high affinity83 and the resulting

monolayers of simple, long‐chain alkanethiols such as dodecanethiol are well‐
ordered and crystalline.84 In fact, the affinity between thiols and gold is so high
that thiols will displace other materials from the surface, including chemisorbed
disulfides.85

Although formed at room temperature, these monolayers can

withstand relatively harsh environments and elevated temperatures.82 5) Gold is
biocompatible – cells, DNA, proteins, and other biological materials have been
patterned on gold and retained biological viability.19, 23, 28, 35‐36, 41‐43, 86‐87
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When forming highly‐ordered SAMs on gold, the sulfur atoms of
alkanethiols form a (√3 x √3)R30° overlayer on Au(111) where the sulfur atoms
(yellow) are positioned in the 3‐fold hollows of the gold lattice (brown). To
maximize van der Waals interactions between neighboring chains, the
alkanethiols orient themselves ~30° from the surface normal and twist relative to
one another by ~90° (Figure 9).21, 49, 82

Figure 9. Side‐view diagram showing the orientation of bound alkanethiolate
species to a crystalline gold surface.
To form patterns of monolayers on gold, a PDMS stamp is typically inked
with an ethanolic solution of alkanethiols or alkanedisulfides (0.1‐10 mM) for a
few seconds to a few minutes. The stamp is placed on a clean, gold substrate for
a few seconds to a few minutes to transfer the surface‐reactive alkanethiols or
20

alkanedisulfides to the gold substrate (Figure 10). The voids on the stamp serve
as transport barriers and prevent SAM formation in areas not contacted by the
stamp. Post‐stamping, the stamp can be washed to remove any remaining ink
and either the same or a different ink applied to the stamp for patterning other
surfaces.75, 82 Once the alkanethiols are printed, they act as protective resists to
cyanide etchants. Unprotected gold is completely dissolved by etching.21

Figure 10. Traditional μCP using a PDMS stamp to print alkanethiols on gold.
In summary, μCP is an inexpensive, parallel process for patterning large
surfaces with self‐assembled monolayers. This methodology is easily accessible
to non‐specialist scientists due to minimal environmental constraints and
commercial availability of required materials.
In spite of its many advantages, traditional μCP of alkanethiols and
disulfides on gold using a PDMS stamp has a multitude of restrictions that limit
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its use in patterning features around or below 300 nm.28, 75 Below we consider the
nature and origin of these limitations.

1.3 Limitations of microcontact printing
The invention and potential application of μCP for patterning surfaces
was immediately realized in the growing field of microfabrication. Within five
years of its invention, μCP had been expanded to other substrates such as silicon
copper, and palladium.17,

21, 25, 47, 88

Terminal functional groups on alkanethiols

were explored as a means to control the surface properties to facilitate coupling
reactions at the surface. Finally, various biological and chemical molecules were
patterned directly onto surfaces, forming patterns of proteins, monolayers of
DNA, non‐fouling polyethylene glycol monolayers, and so forth.14, 17, 19, 21, 25, 28, 36, 41‐
42, 47, 49, 76, 80, 86‐96

In spite of these novel demonstrations of the power of μCP, three

intrinsic properties of traditional μCP limit the applicability of the technique for
patterning features below 300 nm: ink diffusion,22, 62, 75, 97‐99 stamp deformation,100‐
106

and restricted availability of patternable substrates eligible for use in

technological applications.28, 49, 107

1.3.1 Molecular ink diffusion
Traditional μCP utilizes molecular ink diffusion from a stamp to a
substrate for pattern transfer in the areas of conformal contact.84, 108 Despite the
22

clear and demonstrated utility of this μCP approach to pattern surfaces, the
diffusive nature of pattern transfer limits the feature resolution possible with
μCP.

Unwanted diffusion occurs during printing, depositing molecular ink

beyond areas of conformal contact.
When an elastomeric stamp is brought into conformal contact with a
substrate, a variety of diffusive processes deposit ink on and beyond the limits of
the stamp feature, diminishing pattern resolution.75 As shown in Figure 11, the
ink not only diffuses through the stamp (paths 1‐2) and deposits onto the
substrate in the areas of conformal contact, but also travels on the surface
through lateral spreading (paths 3‐5) and through the ambient in the gas phase
(path 6).22, 75, 99 The extent of lateral diffusion depends on stamping time as well
as the nature and quantity of ink on the stamp.

Figure 11. Pathways for ink diffusion in traditional μCP.
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Most stamps are dried with a stream of inert air before printing, limiting
the lateral spreading of inks on the surface of the stamp (paths 2 and 3).
However, due to the bulk properties of PDMS, a large volume of molecular ink is
retained within the stamp, constantly resupplying the surface with fresh ink.
Lateral diffusion of the ink on the surface has been shown to cause at least 50 nm
of feature enlargement at the edges, independent of time and ink concentration.75,
109

To decrease spreading, short stamping times with low ink concentration

result in reduced diffusion, but also in poorly ordered, weakly protective
SAMs.75 Lateral spreading from initial attachment points (path 5) can also occur
in μCP, although the strength of the Au‐S bond minimizes this effect for
patterning gold.75, 110
Diffusion through the gas phase is even more difficult to control. The
extent of gas diffusion during stamping is directly proportional to vapor
pressure, and consequently molecular weight.75, 100 Even high molecular weight
inks such as hexadecanethiol (258.51 g/mol; m.p. 18‐20 °C) and eicosanethiol
(314.62 g/mol; m.p. 37 °C) diffuse through the gas phase during μCP.100
The most accurate pattern transfer using traditional μCP of alkanethiols
on gold utilized a high‐molecular weight ink which is a solid at room
temperature, eicosanethiol (ECT), with a PDMS stamp bearing sub‐micron
24

features. Accurate pattern transfer of features ~300 nm was achieved with 150
nm broadening of features using a 0.2 mM ethanolic solution of ink and 3
seconds stamping time.75
Clearly, ink diffusion in traditional μCP is a double‐edged sword –
without sufficient stamping time (~ 3 seconds for small features of eicosanethiol
(ECT)), printed alkanethiols cannot fully protect an area in conformal contact
with a cognate surface by forming ordered monolayers. However, increasing the
stamping time will result in increased blurring of edge features and thus
decreased resolution of pattern transfer.

1.3.2 Stamp deformation
Ink diffusion is not the only effect limiting the resolution of traditional
μCP. Stamp deformation of PDMS due its elastomechanical properties limits
feature size on a single stamp. The low Young’s modulus of PDMS (~750 kPa)
allows bending around nonplanar surfaces to achieve conformal contact;
however, the same effect also limits the mechanical stability of relief features on a
stamp. The structural features of height h, distance between features d, and
feature width l are limited relative to one another in producing pattern without
deformation of features (Figure 12).

Beyond certain aspect ratios, stamp
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deformations occur during stamping, resulting in defects during pattern
transfer.75, 101, 103

Figure 12. Topography and feature descriptors of a PDMS stamp.
The effects of gravity, capillary forces, and adhesion play significant roles
in the deformation of features in elastomeric stamps during printing.75,

103

As

shown in Figure 12, buckling of the stamp features under their own weight or
upon loading can occur if an aspect ratio (h/l) of 0.2 – 2 is not maintained.62, 75, 103
Aspect ratios above 2 produce a particular type of lateral collapse of features
during the stamping process. Due to the adhesive nature of capillary forces,
liquid remaining on the surface and/or between stamp features can result in an
adhesive pairing of features instead of complete buckling (Figure 13).101,

103, 111

When the aspect ratio is below 0.2, “roof collapse” or stamp sagging occurs
between features due to gravity.103
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Figure 13. Schematic illustration of possible deformations and distortions of
microstructures on PDMS stamps.
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In addition to feature deformation due to aspect ratios beyond 0.2 – 2,
PDMS can also be deformed due to the surrounding environment.

During

curing, the volume of a PDMS stamp decreases by roughly 1%.25 PDMS stamps
also swell when exposed to various nonpolar solvents such as toluene and
hexane and swell minimally when exposed to ethanol (2.5%), causing stamp
features to bulge upon inking and during pattern transfer.74, 112 An inability to
use a variety of solvents limits the use of PDMS to only non‐polar molecules,
restricting its application in patterning organic and biological molecules.28
Other studies using PDMS as a stamping material demonstrated that
uncured, low molecular weight PDMS was transferred from the stamp to the
surface, contaminating the substrate.113‐114

In addition, oxidized PDMS (ox‐

PDMS) stamps can also contaminate the substrate with low‐molecular weight
PDMS deposition. Treatment of the surface with oxygen plasma or ozone/UV
etching results in a hydrophilic surface capable of stamping hydrophilic
molecules and polar inks.41, 76, 79 Ox‐PDMS has elastomechanical properties very
different from PDMS, resulting in the formation of cracks on the stamp surface
following oxidation.115 This behavior not only disrupts the topography of the
stamping area, but also allows migration of low‐molecular weight PDMS
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fragments to the stamp surface, leading to the recovery of the hydrophobic
character of PDMS and preventing reuse of the stamp.28, 81, 115

1.3.3 Availability and technological applicability of ink‐substrate
systems
The majority of research using traditional μCP is dedicated to surfaces
such as gold and silicon oxide due to the simplicity of the reaction of
alkanethiols/sulfides with gold and of silanes with silicon oxide.25,

28, 30

Using

these two surfaces and cognate attachment chemistry, inorganic materials,
organic molecules and polymers, cells, DNA, proteins, and other biological
materials have been patterned on gold and retained biological viability.19, 23, 28, 35‐36,
41‐43, 86‐87

However, neither of these surfaces are technologically relevant.

In

addition, gold has a fairly large grain size (30‐50 nm),116 which limits the
resolution of μCP‐based methods.
The ability to pattern H‐terminated silicon with μCP, the current starting
point for all semiconductors, would be useful for organic‐based electronics.28, 117‐
118

Also, the ability to pattern potentially useful semiconductors with high

thermal conductivity such as germanium and diamond is not possible with
traditional μCP. Printing on atomically flat surfaces such as silicon and mica
would also obviate the limitation of grain size.119‐121
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In summary, the use of PDMS stamps in traditional μCP has resulted in
patterning surfaces with ~300 nm with ~150 nm edge resolution. However, these
stamping parameters were very specific in order to maximize resolution and
minimize feature size and cannot be universally applied to other ink‐substrate
systems, including more technologically‐relevant materials.

1.4 Resolution improvement of patterning SAMs by manipulation of
ink diffusion
Many groups have attempted to increase the resolution of μCP by
modifying or eliminating the molecular ink in the stamping process for printing
SAMs or printing on pre‐formed SAMs. The use of inking pads97 and high‐
molecular weight inks75, 94, 97, 122‐125 as well as the manipulation of stamping time,75,
126

stamping environment,112, 127‐129 and ink concentration75, 126 have been shown to

decrease the effect of diffusion on resolution and feature size attainable by μCP.
In addition, manipulation of pre‐formed SAMs by deposition of metal on SAMs
by μCP130‐131 and stamp‐immobilized chemical manipulation81, 88, 120‐121, 132‐139 offers
the possibility of the complete elimination of diffusion.
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1.4.1 Printing SAMs using various molecular inks
1.4.1.1 Use of inking pads for use in traditional μCP methods
One of the principal hypotheses offered by Delamarche and co‐workers in
their study of the role of ink diffusion in traditional μCP is that the bulk
properties of PDMS result in sequestration of a large volume of molecular ink
within the stamp, constantly resupplying the surface with more ink.75 Libioulle
and co‐workers investigated the use of an inking pad in lieu of wet inking, in
which a flat block of PDMS was incubated with a solution of thiols (Figure 14).97
A PDMS stamp with relief features was placed in conformal contact with this
“inking pad” and subsequently used to print gold surfaces. The authors noted
increased pattern contrast with both HDT and ECT indicative of decreased
diffusion through the gas phase.

However, minimum feature size was

unaffected by contact inking as opposed to wet inking, independent of stamping
time and concentration. The concentration of ink on the stamping pad and
stamping time both still significantly affected the resolution of pattern transfer,
indicating lateral diffusion of ink remains problematic in this variation of μCP.
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Figure 14. Contact inking of stamps for use in traditional μCP.
1.4.1.2 High‐speed μCP
Another of the principle conclusions from ink diffusion studies by
Delamarche and co‐workers was the dependence of diffusion on time and ink
concentration.75 This conclusion was confirmed through high‐speed μCP, where
HDT SAMs printed with a stamp ink concentration of 15‐39 mM using a
piezoelectric stage over a range of milliseconds, demonstrated that the most
ordered SAMs and optimal feature resolution was obtained between 2 and 9 ms.
At these high printing speeds and low ink concentrations, lateral and gas phase
diffusion were suppressed and adequate protection of Au was obtained for
etching.126
1.4.1.3 Microdisplacement μCP
Suppression of the lateral diffusion of thiol ink molecules across a surface
using the displacement of a bulky thiol has been demonstrated by Weiss and co‐
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workers (Figure 15).127‐128 First, a SAM of a bulky adamantane thiol is formed on
a gold surface and subsequently patterned with a PDMS stamp inked with either
1‐decanethiol or 11‐mercaptoundecanoic acid. Upon conformal contact with the
substrate, the alkanethiol displaces adamantane SAMs from the surface.
Spreading does not occur due to the surrounding adamantane molecules on the
surface.

However, the extent of adamantane displacement is dependent on

stamping time and ink concentration, which are two main problems displayed
by traditional μCP. Therefore, microdisplacement μCP solves only resolution
issues associated with lateral diffusion when compared to traditional μCP
methods.

Figure 15. Microdisplacement printing using adamantane‐terminated SAMs
and n‐alkanethiols.
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1.4.1.4 Submerged μCP
Due to the immiscibility of hydrophobic ink molecules in water,
submerged μCP using hydrophobic inks has been shown to inhibit gas and
lateral diffusion of ink, permitting printing with hydrophobic long‐chain thiols at
feature sizes near 500 nm.112

In addition, high‐aspect ratio PDMS stamps

demonstrated pattern transfer of microscale features using submerged μCP
under water with alkanethiols.129 Differences in the mechanical stability of high
aspect ratio structures of PDMS stamp features in water, ethanol, and air were
also studied, showing that ethanol as a solvent for PDMS stamps minimizes
feature collapse.140 However, since alkanethiolates are typically patterned on
gold using ethanol as a solvent, the applicability of submerged μCP in ethanol is
obviously limited.
1.4.1.5 Use of low‐diffusion inks in μCP
A phenomenon also observed by Delamarche and co‐workers was the
increased etch‐resistance of high molecular weight alkanethiols on gold such as
ECT.75 Use of inks of even higher molecular weight than ECT or inks with
multiple attachment points may reduce or eliminate lateral and gas diffusion.75, 94,
122

However, the use of increasingly bulky materials results in loosely‐packed

monolayer, which fails to protect the underlying gold substrate from etching or
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oxidation.28, 75 Liebau and co‐workers demonstrated the use of high‐molecular
weight thioethers as inks for μCP but these molecules form disordered
monolayers, resulting in little to no etch resistance.122
The more recent use of these molecules in conjunction with positive‐μCP
resulted in ~ 100 nm features – the smallest features printed using dendrimeric
ink and positive‐μCP under ambient conditions to‐date on gold.92 Positive‐μCP
utilizes two different inks: a surface is first patterned with an ink forming poorly
ordered monolayers, which is then dipped in an etch‐resistant adsorbate
solution.123

The adsorbate monolayer adheres only to the surface in places

lacking high‐molecular weight thioethers.

Subsequent etching results in a

positive replica of the original master (the negative of what would be obtained
with traditional μCP).92, 123
In addition, Li and co‐workers performed nano‐contact printing with a
modified PDMS stamp using a dendrimeric ink, resulting in features bearing
widths as small as 50 nm silicon substrates and thus the successful obviation of
ink diffusion.124‐125
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1.4.2 Patterning pre‐formed SAMs using μCP
1.4.2.1 Nanotransfer printing
Nanotransfer printing is an additive technique in which a metal‐
functionalized stamp is reacted with a substrate, resulting in metal deposition
onto the SAMs in regions of stamp‐substrate contact (Figure 16).

The first

demonstration of this technique did not utilize SAMs, but patterned an oxidized
silicon surface with a Au/Ti functionalized PDMS stamp, resulting in –Ti‐O‐Si
bonds and a Au‐terminated surface in the areas of pattern transfer.141 In a second
demonstration of this technique, SAMs were used as a covalent “glue” to transfer
material from a stamp to a substrate in areas of contact.130 To pattern a silicon
substrate, the silicon surface is chemically oxidized creating surface hydroxyl
groups on the native oxide layer. This surface was subsequently functionalized
with mercapto‐propyl‐trimethoxysilane (MPTMS) resulting in SAMs bearing a
terminal mercapto group. Gold does not adhere to PDMS; thus, evaporation of a
thin layer of gold on top of a PDMS stamp with relief features and subsequent
stamping on mercapto‐terminated monolayers on silicon resulted in high‐fidelity
pattern transfer of gold features less than 100 nm wide on silicon substrates with
~ 5‐15 nm edge resolution.130 This technique was also demonstrated on gallium
arsenide (GaAs) surfaces using alkanedithiol monolayers for the deposition of
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gold in areas of stamp contact.131 Pattern uniformity was again observed, but
with 50 nm edge resolution.

Figure 16. Nanotransfer printing of gold films with Au‐functionalized PDMS
stamp and mercapto‐terminated silicon substrate.
1.4.2.2 Catalytic‐μCP
An alternative approach to resolution enhancement involves eliminating
diffusive ink completely and instead achieving pattern transfer through a specific
chemical reaction between substrate and stamp, eliminating diffusion‐related
blurring issues. In this approach, a stamp is made catalytically active toward a
functionalized substrate and components of the stamp‐substrate system are
either covalently or specifically immobilized, preventing pattern blurring
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through lateral and gas phase diffusion. Therefore, resolution of pattern transfer
is limited only by the stamping material and the properties of the stamping
surface itself.
The first application of inkless catalytic μCP was reported in 2003 by
Reinhoudt and co‐workers, using deprotection of silyl ether‐functionalized
SAMs immobilized on gold by a stamp bearing acid catalyst (Figure 17). A
surface‐oxidized

PDMS

functionalized

in

stamp

acid‐labile

was

brought

into

trimethylsilyloxy

butyldimethylsilyloxy (TBDMS) groups.

contact
(TMS)

with

SAMs

or

tert‐

Due to the acidity of the oxidized

stamp, the terminal silyloxy groups were hydrolyzed to alcohols in areas of
conformal contact.

Although pattern transfer was observed and sub‐micron

features with 60‐nm edge resolution were obtained, XPS data showed only 30%
deprotection of terminal TMS groups.81 In addition, ox‐PDMS has very different
elastomechanical properties than does PDMS – cracks form on the surface of the
stamp following oxidation. This behavior not only disrupts the topography of
the stamping area, but also allows migration of low‐molecular weight PDMS
fragments to the stamp surface, thus leading to the recovery of the hydrophobic
character of PDMS and preventing reuse of the stamp.28
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Figure 17. Inkless catalytic‐μCP with an acidic ox‐PDMS stamp on acid‐labile,
silyl ether‐terminated SAMs.
More recently, the same group demonstrated heterogeneous catalysis with
μCP by using a copper‐functionalized stamp to catalyze an azide‐alkyne
cycloaddition (CuAAC) reaction (Figure 18).132

A surface‐bound azide was

exposed to dissolved alkyne, and upon stamping with the Cu‐functionalized
stamp, the CuAAC reaction between surface‐immobilized azide and alkyne was
catalyzed only in areas of stamp contact. After patterning, surfaces were reacted
with an alkyne‐terminated fluorophore or fluorinated molecule and pattern
transfer was subsequently confirmed by fluorescence microscopy. Using flat
stamps, XPS confirmed chemical functionalization of the underlying SAM.
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However, only 5‐μm wide features were prepared, and this technique has not yet
been applied at the nanoscale.

Figure 18. Heterogeneous catalysis through μCP: CuI‐catalyzed azide‐alkyne
coupling in areas of conformal contact.
In an embodiment of nanoscale‐confined surface functionalization using a
flat elastomeric stamp, covalent amidation was demonstrated using ox‐PDMS
stamps inked with N‐protected amino acids on amine‐terminated gold surfaces
(Figure 19).133

The coupling was performed without a catalyst present,

confirming that nanoscale confinement of N‐protected amino acids on NH2‐
terminated SAMs at a stamp‐substrate interface facilitates covalent amidation.
Stepwise coupling and Fmoc‐deprotection steps resulted in the successful
production of short peptides with 90% efficiency for each step.133 This technique
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demonstrated the feasibility of stamp‐facilitated chemical modification of
surfaces by peptide coupling on inorganic substrates; however, no pattern
transfer using ox‐PDMS stamps displaying relief features was attempted.

Figure 19. Nanoscale‐confined peptide synthesis using elastomeric stamps.
Catalytic‐μCP methods with <100 nm resolution have been demonstrated
by Mizuno and Buriak utilizing a hydrosilylation reaction catalyzed by a h‐
PDMS/PDMS stamp containing 20 nm Pd or Pt nanoparticles (NPs) and inked
with alkenes/alkynes to pattern H‐terminated silicon surfaces (Figure 20).134‐135
Although replication of the NP features was achieved, the applicability of the
approach is clearly limited. Stamp features are produced by self‐assembly of
block co‐polymers that bind Pd or Pt NPs. After self‐assembly on silicon, the
surface is covered in PDMS pre‐polymer and cured. Once removed from the
surface, the NPs are taken up with the stamp, fabricating a stamp functionalized
with NPs on the surface. Due to the nature of the self‐assembly process and
replication of patterns from random NP arrays, features such as squares, lines,
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circles, and text cannot be patterned simultaneously.

In these studies, only

circles and lines have been patterned. Furthermore, the reaction between the ink
and the surface can occur in the absence of a metal catalyst, promoted by both
heat and UV light. Most importantly, areas not functionalized by hydrosilylation
are susceptible to oxidation, resulting in degradation of the electronic properties
of silicon in those areas.

Figure 20. Catalytic‐μCP on H‐terminated silicon surfaces using chemically‐
patterned flat stamps containing Pd or Pt catalyst NPs with alkene‐ or alkyne‐
terminated molecular ink.
A non‐soft lithographic embodiment of catalytic‐μCP was demonstrated
by Hsu and co‐workers to directly pattern metallic nanostructures on silver
films.136 A pre‐patterned solid electrolyte or superionic conductor (Ag2S) was
used as a stamp to etch a metallic film of silver in conformal contact upon
application of an electrical bias (Figure 21). Pattern transfer occurs when metal at
the stamp‐substrate interface is processively dissolved, resulting in a pattern on
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the metal substrate complementary to that on the stamp. Using this technique,
3D high‐fidelity pattern transfer was achieved down to 100 ± 10 nm. However,
this technique is limited to metallic films, use of specialized equipment, and
results in no chemical difference between the inside and outside of patterned
features.

Figure 21. Electrochemical nanoimprinting with solid‐state superionic stamps
to pattern metallic nanostructures.
In our own laboratory, both biocatalytic and chemical catalytic inkless
μCP methods have been developed for use in patterning gold and H‐terminated
silicon surfaces. The development of inkless biocatalytic‐μCP,137 which uses a
stamp‐immobilized enzyme to pattern surface‐immobilized cognate substrate, is
described in detail in Chapters 2 and 3. Inkless chemical catalytic‐μCP has been
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demonstrated with chemically‐modified basic and acidic stamps to pattern
cognate substrate on both gold and silicon surfaces.
The first embodiment of inkless chemical catalytic‐μCP was demonstrated
in our laboratory by Shestopalov and co‐workers.

Piperidine‐modified

polyurethane (PU) stamps were used to pattern SAMs terminated in 9‐
fluorenylmethoxycarbonyl (Fmoc) protection groups.139 Fmoc‐protected primary
amines are selectively cleaved under mildly basic, nonhydrolytic conditions
using aliphatic amines, such as piperidine.

In order to immobilize such a

chemical catalyst, the PU prepolymeric mixture was co‐polymerized with
piperidine‐4‐ylmethanamine, which reacted with acrylate via a Michael addition
(Figure 22).
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Figure 22. Preparation of polyurethane acrylate stamps.
Both flat and patterned piperidine‐immobilized PU stamps were used in
catalytic‐μCP on SAMs of Fmoc‐protected amines.

Printing with patterned

stamps bearing 620 nm lines separated by 380 nm with an aspect ratio of 0.15
resulted in high‐fidelity pattern transfer with demonstrated edge resolution of
less than 50 nm, as observed via SEM and AFM imaging techniques.139 Thus, the
resolution of the technique is limited only by the mechanical properties of the
stamp material and/or by the granular size of the gold substrate, indicating a
diffusion‐free process.
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Figure 23. Chemical catalytic‐μCP using piperidine‐functionalized stamps on
Fmoc‐terminated SAMs.
A gold substrate incubated with a flat catalytic stamp was analyzed with
XPS and showed near 100% cleavage of the Fmoc group after 3 hours at 50 °C.
The second use of the piperidine‐immobilized PU stamp on fresh Fmoc‐
protected substrate also resulted in near 100% cleavage using the same stamping
conditions, demonstrating not only the completion of the reaction, but also the
truly catalytic nature of the technique. Printing with flat PU stamps containing
no catalyst resulted in no significant change in elemental composition observable
via XPS analysis.139
In spite of its demonstrated advantages over traditional μCP methods
such as obviating stamp deformation and diffusion, near 100% deprotection was
achieved only after prolonged reaction times and at elevated temperatures. To
overcome these limitations, Shestopalov and co‐workers investigated acid‐
immobilized catalytic stamp‐substrate systems.88,
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120‐121, 138, 142

PU pre‐polymeric

mixture was co‐polymerized with 2‐mercaptoethanesulfonic acid (via Michael
addition) in fabrication of acidic patterned and flat stamps. SAMs displaying
either terminal tert‐butyl carbamate‐ (Boc) and tert‐butyldimethylsilyl‐ (TBDMS)
protection groups were immobilized on gold surfaces and subsequently
incubated with sulfonic acid‐immobilized stamps.
Printing with patterned stamps with feature widths as small as 240 nm
with aspect ratio as low as 0.042 resulted in high‐fidelity pattern transfer with
edge resolution of less than 50 nm.120 Again, the resolution of the technique is
limited only by the mechanical properties of the stamp material and/or by the
granular size of the gold substrate, indicating a diffusion‐free process. After
stamping Boc‐ and TBS‐functionalized SAMs with an acidic‐functionalized flat
stamp, XPS analysis showed complete deprotection of both monolayers to the
corresponding amine or alcohol, respectively, after only one minute of stamping
time at room temperature.120

This methodology is thus a significant

improvement over the base‐catalyzed μCP method both in terms of stamping
time and reaction conditions.
To increase the applicability of this method, Boc‐protected SAMs oxide‐
free silicon substrates were fabricated from H‐terminated silicon and incubated
with both patterned and flat sulfonic acid‐modified PU stamps.121
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Pattern

transfer was achieved at the microscale (6.5 μm features), demonstrating the
feasibility of the technique, while XPS analysis showed complete deprotection of
the Boc group, resulting in the corresponding amine, after 5 minutes at room
temperature.121 This system demonstrates the first example of a soft lithographic
method that chemically patterns SAMs on oxide‐free silicon to display two
different distinct chemical functional groups. Further exploration of catalytic‐
μCP using sulfonic acid‐functionalized PU stamps to pattern SAMs on oxide‐free
silicon surfaces in our laboratory is discussed in Chapter 4.
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2. Biocatalytic microcontact printing
2.1 Overview
Here we describe the development of catalytic soft lithographic
techniques that employ an enzyme catalyst immobilized to a polymeric stamp
for the replication of patterns on functionalized SAMs. The use of immobilized
enzymes to chemically modify functionalized SAMs has previously been used in
serial AFM‐based writing techniques, but not in stamping applications.143‐144
Using a model system of reversibly immobilized Exonuclease I (ExoI) and
immobilized single‐stranded DNA (ssDNA), we sought to demonstrate both the
feasibility of biocatalytic‐μCP and its advantages over conventional and
unconventional μCP techniques. Several other enzyme‐substrate systems were
also tested for potential application in biocatalytic‐μCP.

Figure 24. Biocatalytic‐microcontact printing.
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2.2 Demonstration of biocatalytic‐μCP with model system ExoI‐
ssDNA
2.2.1 Acrylamide‐based elastomeric stamps
2.2.1.1 Bulk material of elastomeric stamp
Our process required a stamp support capable of immobilizing enzymes
while performing μCP. Although historically the elastomeric stamping material
of choice in μCP for patterning alkanethiols on gold,24 native PDMS is not
suitable for stamping hydrophilic materials such as polar inks or biological
molecules. Although oxidation or chemical modification improve performance
in these applications, both result in stamp defects.23, 81 We therefore considered
alternative elastomeric stamping materials that are both compatible with
biological materials and readily amenable to synthetic manipulation.
Agarose and acrylamide have been used to form reusable hydrogel
stamps for patterning surfaces with both aqueous solutions of hydrophilic
materials and living cells.

Grzybowski and co‐workers reported the use of

agarose and acrylamide micropatterned stamps to print features as small as 50
μm on a PDMS surface using an oxidative ink (KCr2O7).145 Whitesides and co‐
workers reported the use of micropatterned agarose stamps to print live bacteria
on agar plates in the 100‐μm to millimeter range.90 Both agarose and acrylamide
are used extensively in molecular biology and biochemistry for the
50

electrophoretic separation of nucleic acids and proteins,146 are non‐fouling,147‐149
and broadly biocompatible.
Several advantages of acrylamide over agarose suggested its use as a
bifunctional support material for biocatalytic‐μCP. First, enzymatic reactions
have previously been demonstrated in acrylamide gels.147‐148

Second,

monoacrylates provide a specific handle for polymerization. Finally, acrylic acid
is easily coupled to a variety of alcohols and amines, providing the additional
functionality required for enzyme immobilization.150‐151
2.2.1.2 Synthesis of bifunctional linker for stamp
After selecting a stamp support, we turned our attention to chemical
moieties capable of reversible enzyme immobilization.

Specific reversible

immobilization ensures ordered, oriented enzyme at the surface while facilitating
replacement of inactive or degraded enzyme with new catalyst. Nitrilotriacetic
acid (NTA) groups act as chelators for transition metal ions such as Ni+2 and
immobilize proteins containing terminal histidine residues (His6‐tag).152‐154 Many
proteins are expressed with an N‐ or C‐terminal His6‐tag to facilitate purification
through standard IMAC protocols, an approach that offers a universal system for
the reversible immobilization of His6‐tagged proteins on stamps. The catalyst
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can be stripped from the stamp through competitive binding of EDTA or
imidazole, and new catalyst can be loaded upon fresh chelation of Ni+2.

Figure 25. Synthesis of Nε‐acrylamido, Nα‐bis(carboxymethyl)‐lysine 3.
Acrylate

3

was

prepared

from

commercially‐available

Nα,Nα‐

bis(carboxymethyl),Nε‐Z‐lysine 1 in four steps in according to the protocols of
Ho and co‐workers and Hochuli and co‐workers152, 154 (Figure 25). CBz‐protected
NTA‐lysine 1 was esterified with 2‐(trimethylsilyl)ethanol using 1‐ethyl‐3‐[3‐
dimethylaminopropyl]carbodiimide (EDC), resulting in the protection of all
three

carboxylates

of

the

NTA

moiety

as

the

corresponding

2‐

(trimethylsilyl)ethyl esters. Hydrogenolysis, which removed the CBz protecting
group from the side‐chain amino group, was followed by EDC‐promoted
amidation with acrylic acid.

Finally, deprotection of the TMSE esters with

trifluoroacetic acid (TFA) produced the desired acrylamido‐NTA derivative 3.
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2.2.1.3 Stamp fabrication protocols
With polymerizable bulk material and bifunctional NTA‐acrylate in hand,
stamp preparation protocols were investigated. Athough both Grzybowski and
Whitesides fabricated hydrophilic stamps against PDMS masters,90, 145 we found
silicon‐poly(methyl methacrylate) (Si/PMMA) masters fabricated by electron‐
beam lithography (EBL) to be superior to PDMS both with regard to mechanical
stability and relief feature fidelity in polymerized acrylate stamps.
To obtain an NTA‐functionalized stamp, an aqueous solution of NTA‐
acrylate 3 in commercially available (40:1 w/v) acrylamide/bisacrylamide was
allowed to polymerize in the presence of ammonium persulfate (APS) and
N,N,N’,N’‐tetramethylethylenediamine (TEMED) under a suspended Si/PMMA
master. After ten minutes, the master was removed and the stamp was easily
peeled away from the fabrication platform (Figure 26). The stamp was cut to
approximately 1 cm2 before activation with Ni+2 and exposure to His6‐tagged
enzyme.
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Figure 26. a) Stamp fabrication platform. b) Optical micrograph of a
polymerized NTA‐acrylate stamp in contact with glass at 63X (10 μm scalebar).

2.2.2 Model enzyme‐substrate system parameters using ExoI‐ssDNA
To increase the likelihood of success in demonstrating our biocatalytic‐
μCP technique, we chose as our initial enzyme‐substrate system one that is well‐
known in biology, well‐studied in conjunction with Au‐immobilized SAMs, and
that has previously demonstrated activity in immobilized biochemical catalysis.
Chilkoti and co‐workers used the enzyme DNaseI, a nonspecific ssDNA and
dsDNA endonuclease, as a chemical “ink” in DPN.143 In these experiments, an
AFM tip was inked with DNase I and used to “write” patterns via enzymatic
ablation of thiol‐functionalized ssDNA SAMs on a gold surface.
2.2.2.1 Model Enzyme: Exonuclease I (ExoI)
Exonuclease I (ExoI) offers several advantages relative to DNaseI for
biocatalytic‐μCP. First, although both enzymes are monomeric, DNaseI is an
bovine endonuclease that cleaves ssDNA and dsDNA nonspecifically to release
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multi‐base oligonucleotide products155 while ExoI, an exonuclease from E. coli,
catalyzes processive hydrolysis of its ssDNA substrate from the 3’ to 5’ termini.156
If the physical parameters of our system allow only a single base to be
hydrolyzed, DNaseI will fail to produce hydrolysis while ExoI should remain
effective.

Second, ExoI requires no cofactor other than Mg2+ while DNaseI

requires both Ca2+ and Mg2+ for activity.137, 155‐156 Third, although both enzymes
have been cloned into a pET vector and expressed with a terminal His6‐tag, His6‐
tagged DNaseI shows poor solubility at neutral pH, presumably due to the lack
of glycosylation of the recombinant protein.156‐157
ExoI plays roles in DNA recombination and repair.156, 158 The “C”‐shaped
protein (Figure 27) consists of three well‐defined regions:

an N‐terminal

(exonuclease) domain (1‐201 residues), an SH3‐like domain (202‐354 residues),
and an C‐terminal region (359‐475 residues).

Residues 355‐358 make up a

disordered linker connecting the SH3 domain to the C‐terminus domain, actually
closing the “C” into an “O.” (Residues 355‐358 are not visible in electron density
maps due to disorder.)156
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Figure 27. ExoI enzyme (PDB: 1FXX).156 The active site residues are colored pink
and the C‐terminal His6‐tag is colored red.
2.2.2.2 Model substrate: ssDNA on gold and glass surfaces
Synthetic oligonucleotides are commercially available both in native form
and chemically modified with various tags for immobilization and/or imaging.
Additionally, methods for the immobilization of ssDNA on surfaces have been
well‐studied.

14, 41, 87, 91, 159‐163

Of particular interest are ssDNA‐alkanethiol SAMs

studied by Tarlov and co‐workers91 and Satija and co‐workers,161 in which the
bonding behavior of ssDNA‐alkanethiols to gold was studied using various
surface characterization techniques. This work showed ssDNA‐alkanethiols not
only react with the gold through the terminal thiol group (chemisorption), but
also nonspecifically adsorb to the surface through nitrogen‐bearing nucleotides
(physisorption). ssDNA‐SAMs thus form a mixture of orthogonal DNA showing
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typical cant angles and DNA laying flat on the surface, producing disordered
monolayers with low DNA surface coverage.91, 161
Physisorption through nitrogenous bases is reversible. To create ordered
monolayers, both groups attempted to minimize physisorbed ssDNA by treating
gold surfaces with a mercaptohexanol (MCH) spacer, as shown in Figure 28.
MCH was chosen as an ideal “spacer” molecule because of its solubility in water
and inability to bind DNA. Treatment of gold‐ssDNA surfaces with 1 mM MCH
solution produced specifically‐bound ssDNA‐alkanethiols near‐orthogonal to the
surface and bound only through the terminal sulfur atom. Moderately‐spaced
ssDNA nearly orthogonal to the surface is an ideal surface for biocatalytic‐μCP,
providing both adequate spacing and appropriate substrate orientation for
enzyme binding.
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Figure 28. Schematic of ssDNA‐alkanethiols adsorbed to gold before and after
treatment with MCH.
Analysis of pattern transfer is an important aspect of our experimental
design, and fluorophore‐functionalized ssDNAs chemically absorbed to glass
substrates provide a useful probe for exploring the extent of enzymatic
hydrolysis, with surfaces showing a decrease in fluorescence in areas of
conformal contact with the enzyme‐functionalized stamp (Figure 29). Amino‐
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terminated ssDNA covalently binds commercially available isothiocyanate (ITC)
functionalized glass slides and was used for confocal microscopy work.

Figure 29. Reaction between 3ʹ‐TAMRA‐ssDNA‐NH2‐5ʹ ssDNA with ITC‐
functionalized glass slides.
The substrate sequence 5’‐GATTACAGATTACA‐3’ was purchased from
Integrated DNA Technologies with a 5’‐mercaptohexyl modification for SAM
formation on gold surfaces and with a 5’‐aminohexyl modification and 3’‐
cyTAMRA fluorophore for immobilization on ITC‐functionalized atomically flat
glass surfaces for confocal microscopy.
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2.2.3 ExoI activity assays
The gene for wild type ExoI was obtained by PCR amplification from E.
coli DH5 genomic DNA, digested with NdeI and XhoI, and ligated into a similarly
prepared pET22b overexpression vector (a generous gift from Dr. B. W.
Matthews, University of Oregon). The resulting construct was transformed into
BL21 DE3 cells via heat shock. ExoI protein was expressed and purified via Ni+2
column following standard IMAC protocols.156, 164 The enzyme was concentrated
to ~ 70 μM (~3.8 mg/mL) and diluted to 0.1 μM for stamp incubation.
2.2.3.1 MALDI‐TOF mass spectrometry for ExoI‐ssDNA solution‐based assay137
MALDI‐TOF mass spectrometry has been used previously to analyze
alkanethiolates165 and ssDNA,166 and this technique was used to confirm ExoI
activity against ssDNA. Control samples (without enzyme) showed an ion for
substrate at 2748.0 amu (calc’d MH+ 2747.1 amu). Incubation of 10 μM enzyme
with 1 mM ssDNA completely removed this peak. The most prevalent peak in
enzyme‐treated samples was 926.9 (calc’d MH+ 926.8), corresponding to a six
base‐ablation.

This experiment successfully demonstrated ExoI activity in

reaction buffer (66 mM glycine, 12 mM MgCl2, pH 9.50), indicating gold‐
immobilized ssDNA could be used as a substrate for biocatalytic‐μCP.

60

2.2.3.2 Fluorescence microscopy of glass‐immobilized 3’‐TAMRA ssDNA after
incubation with ExoI in solution
Surfaces of untreated glass (background), immobilized 3’‐cyTAMRA‐
modified 5’‐GATTACACA‐3’ DNA and enzyme‐treated 3’cyTAMRA‐ssDNA
was prepared to determine the suitability of fluorescence microscopy as a tool for
evaluating enzyme activity (TAMRA max: λabs = 559 nm and λemm = 583 nm). A
substrate displaying all three surfaces was created, excited at ~530‐560 nm and
imaged at ~580‐640 nm using a fluorescence microscope. Edges at the interfaces
are clearly visible (Figure 30), however the section containing enzyme‐treated
3’cyTAMRA‐ssDNA shows significantly more fluorescence than untreated glass.
This observation indicates background fluorescence either from ssDNA on the
surface or incomplete ablation of the 3’cyTAMRA‐fluorophore, or both.

In

addition, ambient light could have penetrated into the apparatus enclosing the
fluorescence microscope, causing background fluorescence from the treated
section. Despite this limitation, it was clear that a decrease in fluorescence was
produced by incubation with ExoI, and we moved on to a more quantitative
analysis of ablation.
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Figure 30. Fluorescent microscopy of isothiocyanate‐functionalized glass
surface (λexcited = 530‐560 nm and λemm = 580‐640 nm).
2.2.3.3 AFM of ssDNA SAMs on gold
To explore enzymatic digestion on gold substrates, 5’‐thiolated
oligonucleotides were adsorbed to a gold surface using previously established
protocols.91 Lines were drawn on the surface with a fine‐tip permanent marker,
and enzyme solution (1μM) in reaction buffer was aliquoted between the two
lines. Due to the hydrophobicity of the ink, the drop remained between the two
lines and was the surface incubated with enzyme for 2 hours at room
temperature. Figure 31 shows juxtaposed AFM lateral force images displaying a
significant, detectable pattern at the drop edge through three imposed AFM
images. The image shows an obvious friction difference between the exposed
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and unexposed areas, demonstrating that enzymatic digestion is detectable via
AFM.

Figure 31. Three juxtaposed AFM lateral force images taken of a surface that
had been incubated with a drop of ExoI enzyme solution. ExoI enzyme in
reaction buffer was deposited on the ssDNA‐functionalized surface, creating a
meniscus line of enzymatic digestion.

2.2.4 Stamp activation and stamping protocols
Following bulk polymerization of acrylamide with NTA‐acrylamido‐
lysine as described in Section 2.2.1.3, stamps immediately underwent a series of
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incubations for specific immobilization of enzyme (Figure 32). All manipulations
were conducted at 4 °C to maximize the binding of ExoI enzyme to the NTA
group on the stamp. Stamps were first placed in sterile‐filtered 50 mM NiSO4
solution until a homogeneous light green color developed (15‐20 minutes). A
series of rinses and incubations followed: binding buffer (500 mM NaCl, 20 mM
Tris‐HCl, 5 mM imidazole, pH 7.9), 0.1 M ExoI in binding buffer for 5 minutes,
binding buffer, wash buffer (500 mM NaCl, 60 mM imidazole, 20 mM Tris‐HCl,
pH 7.9), 0.05% SDS rinse and sonication for 1 minute to remove nonspecifically
adsorbed enzyme, two rinses with wash buffer, and reaction buffer (66 mM
glycine, 12 mM MgCl2, pH 9.50) to activate the enzyme. Stamps were then
placed on filter paper soaked with reaction buffer.
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Figure 32. Protocol for the activation of NTA‐acrylamide stamp and
biocatalytic‐μCP stamping on substrate‐immobilized ssDNA.
Stamp surfaces were dried under a stream of N2 and gold or glass
substrates functionalized with ssDNA were placed on top of the stamp. Gentle
pressure was applied to ensure conformal contact, and the substrate/stamp was
incubated for 1‐12 hours at 4 °C. Attainment of proper pressure was complicated
in the case of gold substrates as these substrates were opaque and air bubbles
between stamp and substrate could not be visualized. Transparent glass slides
facilitated stamping as pressure was increased until conformal contact was
achieved. After incubation with the stamp, the substrate was removed from the
stamp and immediately rinsed with water and dried under N2. Substrates were
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kept sealed with parafilm in closed containers until imaged by AFM and/or
confocal fluorescence microscopy.

2.2.5 AFM imaging of biocatalytic‐μCP on ssDNA‐functionalized gold
substrates
Dry samples were imaged via contact‐mode AFM.

The first trial of

biocatalytic‐μCP was performed for 12 hours to maximize ablation. Further
MALDI‐TOF experiments demonstrated that one hour of incubation was
sufficient to observe enzymatic cleavage, but using both immobilized enzyme
and immobilized substrate might affect enzyme activity.
The spacing between patterned features is approximately 35 μm (center‐
to‐center distance), which corresponds well to the spacing of the original stamp
features (35 μm center‐to‐center distance). However, digested patterns showed
shapes distinctly different from the features of the original stamp. Rather, AFM
height images showed enzymatic cleavage in oblong shapes instead of the
original rounded‐square features (Figure 33). Imaging several portions of the
substrate with gold‐coated SiN3 AFM tips suggested all distorted images were
oriented toward the center of the stamp.

Apparently, despite keeping the

stamping environment cool (4 °C) and enclosed, the stamp moist with reaction‐
buffer soaked filter paper, and minimizing vibrations or movement, radial stamp
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shrinkage during the course of a 12 hour‐stamping period produced oblong
patterns as features were dragged across the surface. In fact, all stamping times
longer than 4 hours showed similar defects caused by radial stamp shrinkage.
The estimated height difference between DNA inside and outside of a feature is 1
– 2 Å, which roughly corresponds to the removal of a single nucleotide from the
3’‐terminus of exposed DNA. This level of DNA ablation produced patterns that
were near the limit of sensitivity for AFM imaging. In confocal fluorescence
imaging, the 3’ nucleotide displayed the only reporting moiety and removal of a
single base provided a vast improvement in the observed signal. Stamping with
stamps not exposed to enzyme showed no detectable pattern or height
difference.
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Figure 33. Biocatalytic‐μCP “writing.” a) AFM height image of ssDNA‐gold
surface exposed to ExoI‐immobilized stamps for 12 hours at 4 °C. b) AFM
height image of feature edge and c) corresponding 1D height profile of edge at
white line.
Acrylamide‐based hydrogels have been studied extensively, and their
volume‐phase transitions in the presence or absence of water and other solvents,
temperature, and other environmental and chemical factors are well known.167‐169
During removal of water from an acrylamide gel, shrinkage over time is directly
proportional to the square of the gel radius,167 and therefore explains the defects
observed in Figure 33.
Finally, after evaluating the effect of enzyme‐immobilized stamping over
1‐3 hours, a 1‐hour stamping time at 4 °C provided lateral AFM images of
stamped features without defects from stamp shrinking (Figure 34).

To

demonstrate uniformity of pattern across the feature, statistical analysis (over
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20,000 points) of the noise inside features (85 μV) and outside of patterned
features (89 μV) was performed. Therefore, the mean of the noise (87 μV) is 20‐
fold greater than the difference in the noise mean (4 μV). The signal‐to‐noise
ratio of the entire feature is roughly 7‐fold (630 to 87 μV).

Together, these

observations suggest that surface roughness is equivalent inside and outside
ablated pattern.137

Figure 34. AFM lateral force image and trace of a 15‐μm feature replicated from
an acylamide hydrogel stamp via biocatalytic‐ μCP.
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2.2.6 Confocal fluorescent microscopy of biocatalytic‐μCP on ssDNA‐
functionalized ITC‐glass substrates
Activated,

exonuclease‐charged

aminohexyl‐5’‐GATTACAGATTACA‐3’

stamps
DNA

were

incubated

containing

a

with

5’‐

3’‐cyTAMRA

fluorophore on atomically flat glass slides at 4ºC for 1‐3 hours using our standard
protocol (Experimental Section).

Surfaces were analyzed by fluorescence

microscopy (λexcited = 530‐560 nm and λemm = 580‐640 nm) and areas that had been
in conformal contact with the enzyme‐immobilized stamp showed dark areas
consistent with ablation of ssDNA 3’‐cyTAMRA fluorophore (data not shown).
Although the fluorescence images showed obvious differences between
ablated features and unablated 3’‐cyTAMRA‐ssDNA, determining edge
resolution and quantifying fluorescence inside and outside of features was
beyond the capabilities of the fluorescence microscope. Instead, surfaces were
analyzed by confocal fluorescence microscopy using a HeNe laser (λabs = 543 nm
and λemm = 560‐615 nm). The surface features and spacing matched those of the
stamp (± 500 nm). The 12‐bit images shown in Figure 35 were obtained at 1024 x
1024 resolution. A clear decrease in fluorescence in the stamped areas confirms
the enzyme‐charged stamp both came into conformal contact with the cognate
surface and removed at least the terminal base bearing the 3’‐cyTAMRA

70

fluorophore.

The lighter areas show unmodified fluorophore‐functionalized

DNA.

Figure 35. a) and b) Confocal fluorescence microscopy images of biocatalytic‐
μCP on immobilized 3ʹ‐cyTAMRA‐ssDNA. c) Optical micrograph of the
stamp used for a and b in contact with glass.
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2.2.7 Using confocal fluorescent microscopy of to determine extent of
ablation caused by biocatalytic‐μCP
We next turned to the determination of ablation produced by stamp‐
immobilized ExoI enzyme. The extent of ablation was measured by comparing
fluorescence intensity inside and the outside of the patterned features (Figure
36). This difference was related to a calibration plot, prepared by exposing ITC
glass slides to ssDNA solutions containing 0%, 20% 40%, 60%, 80%, and 100% 5’‐
amine, 3’‐TAMRA‐ssDNA (with the remaining material as unlabeled 5’‐amine‐
ssDNA). An identical experiment using a flat stamp in lieu of a patterned stamp
containing immobilized enzyme was used to digest substrates in the same
manner at 4 °C for 1‐3 hours to ensure both patterned and flat stamps showed
the same amount of ablation. Experimental results correspond to a 69.2 ± 16.9%
decrease in intensity for the patterned stamp and a 63.8 ± 15.5% decrease for the
flat stamp, indicating approximately 70% removal of the terminal 3’‐cyTAMRA
group.137 No patterns were observed after stamping without incubating stamps
in enzyme or without incubating stamps with Ni+2.
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Figure 36. Confocal fluorescence microscopy shows a linear trend between
percent immobilized 3’‐cyTAMRA‐ssDNA and fluorescence intensity.
Experimental results correspond to ~70% removal of the 3’‐cyTAMRA
fluorophore.137
A number of effects might rationalize less than complete removal of the
terminal fluorophore, as several parameters were explored:

(1) cleaved

fluorophore physisorbed on the surface, (2) incomplete reaction between
immobilized substrate and immobilized enzyme, (3) measurement errors, (4) loss
of ExoI enzyme activity during stamping time.
To investigate the possibility of cleaved TAMRA fluorophore remaining
physisorbed on the surface after enzymatic stamping in biocatalytic‐μCP, ITC
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surfaces were functionalized with TAMRA‐functionalized ssDNA, incubated
with (flat) stamp‐immobilized enzyme, exposed to solutions containing sodium
dodecyl sulfate (SDS) for an hour to remove any physisorbed ssDNA, and
analyzed via confocal fluorescence microscopy.

SDS is a commonly‐used

detergent in molecular biology used to separate cellular debris from DNA in
DNA extraction protocols.170 SDS is also used in DNA microarray buffers to
minimize non‐specific interaction with surfaces before and after DNA
hybridization.171 A non‐native DNA base, such as the hydrophobic TAMRA
fluorophore, should be removed by SDS if it is only physisorbed to the surface,
while intact ssDNA covalently immobilized on the surface should remain
unaffected. As shown in Table 1, exposure to SDS did not significantly decrease
the intensity on Samples 1‐3; however, it did decrease the error (rms deviation)
in every instance.
Table 1. Intensity values of cleaved fluorophore‐functionalized ssDNA on
ITC surfaces before and after exposure to detergent (SDS).

Sample 1: 10% SDS

Intensity Before
SDS Wash
83.4 ± 12.8

Intensity After
SDS Wash
81.2 ± 5.4

Sample 2: 1% SDS

97.5 ± 11.9

91.3 ± 8.6

Sample 3: 0.5% SDS

79.0 ± 3.4

80.8 ± 2.6
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Incomplete reaction between immobilized substrate and immobilized
enzyme could also account for the only ~70% ablation of the 3’‐cyTAMRA
fluorophore. Glass surfaces were prepared as described previously, incubated
with flat stamps charged with immobilized enzyme and incubated for 60, 100,
and 120 minutes (Table 2). Due to the error in these results, there is little change
in intensity between 60 minutes and 120 minutes.

When compared to the

observed intensities for patterned and flat stamps in Figure 36, the error between
the two stamps is approximately ± 7 intensity units. Therefore, we hypothesize
immobilized enzymatic digestion for the ExoI‐ssDNA model system is complete
after 60 minutes.
Table 2. (Flat) Stamp‐immobilized ExoI activity assay on glass substrate.
Time (minutes)
60

Measured confocal
fluorescence intensity signal
89.8 ± 2.9

100

84.6 ± 4.6

120

83.2 ± 1.5

A third possibility for incomplete removal of the terminal fluorophore
could be due to measurement error. After measuring the intensity of 20 different
areas of one substrate digested with stamp‐immobilized enzyme, intensity before
stamping was 130 ± 4.54 and 87.8 ± 4.07 after stamping. Thus, the intensity error
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throughout one substrate (intrasample error) was estimated to be ± 4 intensity
units.

To measure the sample intensity error between different surfaces

(intersample error), five identical substrates were analyzed both before and after
stamping with immobilized enzyme. Intersample intensity for the five substrates
before stamping was 121.8 ± 11.6 and 85.8 ± 12.1 after stamping. Thus, the
intersample intensity error was estimated at ± 12. The experimental errors of ± 4
and ± 12 for intra‐ and intersample intensity, respectively, correspond well to the
total sample error, which was approximately ± 16, as shown in Figure 36.
A final question raised was whether discontinuation of ablation was due
to loss of enzyme activity. To explore this issue, a flat, enzyme‐activated stamp
was incubated for 60 minutes with a TAMRA‐ssDNA‐functionalized glass
surface and then removed, incubated again in reaction buffer, dried slightly, and
placed on another TAMRA‐ssDNA‐functionalized glass surface for 60 minutes.
The intensity obtained with confocal fluorescence microscopy after digestion of
the first substrate was 96.7 ± 9.87, and the intensity after digestion of the second
substrate was 108 ± 10.7.

There was no significant difference between the

intensities of the digested substrates; therefore, we concluded ExoI enzyme
remains functional after 60 minutes and ablation of the substrate must be limited
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by physical constraints of the immobilized enzyme‐immobilized substrate
system.
These physical constraints could arise from either surface. The manner in
which enzyme is bound on the stamp is immobilized may result in incomplete
digestion of the ssDNA‐terminated surface. The density of NTA groups on the
surface of the stamp could be increased by increasing NTA‐acrylamido lysine to
the stamping material to increase the amount of enzyme immobilized. More
likely is that ssDNA substrate is not well‐ordered. Some of the ssDNA could be
laying flat on the surface, inaccessible to the enzyme but still emitting
fluorescence intensity. Background fluorescence of plain ssDNA should not play
a role as it was accounted for during construction of the calibration plot in Figure
36.

2.2.8 Using MALDI‐TOF spectroscopy to determine the extent of
ablation caused by biocatalytic‐μCP
In addition to determining horizontal ablation efficiency of our technique
through confocal fluorescence microscopy, we also considered the vertical extent
of ablation, i.e. the number of bases cleaved of ablation using MALDI‐TOF
spectroscopy. Aside from the height images provided by AFM (Figure 33), a
more quantitative method for determining ablation was sought. Mrksich and co‐
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workers have shown that gold‐immobilized thiol‐ and disulfide‐functionalized
oligoethyleneglycols displaying either a short peptide or carbohydrate can be
detected via MALDI‐TOF MS.165,

172‐173

ssDNA oligomers have also been

visualized from surfaces using MALDI‐TOF MS.166
Both ssDNA‐gold and glass surfaces were incubated with 6‐aza‐2‐
thiothymine (ATT) as a matrix. No significant peaks were observed from gold
surfaces before incubation with stamps, but glass surfaces showed a clear mass
peak at 3885.90 g/mol for 3’‐TAMRA‐ssDNA (Figure 37). To simulate confocal
microscopy experiments, ssDNA‐functionalized glass surfaces were made and
incubated with enzyme‐immobilized flat stamps. Unfortunately, no significant
mass peaks could be identified after stamping with an enzyme‐functionalized
stamp using MALDI‐TOF MS as shown in Figure 37. It appears the enzyme has
completely ablated the 3’‐TAMRA‐ssDNA mass peak and produced a range of
products in the process (TIC > 3200 for both). This range of peaks could be from
multiply‐charged DNA products, MALDI‐induced fragmentation, and/or
subsequent binding of the resulting product(s) on the surface to various cations
surfaces to which they had been exposed. Due to the nature of biocatalytic‐μCP,
the stamp is exposed to many ions when undergoing incubations in various
buffered solutions for enzyme immobilization and activation.
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Studies have

shown that upon exposure to H+, Na+, and K+ ions, a variety of ionic species of
the type [(analyte‐) (H+)x(Na+)y(K+)z]‐ are formed resulting in poor resolution of
mass peaks and m/z assignments difficult.174‐176 Fragmentation of the ssDNA
oligonucleotide could have also occurred either separately or in conjunction with
ion adduction.177 In unrelated MALDI‐based DNA experiments containing no
terminal TAMRA group, a similar broad peak of ions was also observed but
without exposure to enzyme, indicating MALDI‐induced fragmentation (or
multiply‐charged DNA species).

Figure 37. MALDI‐TOF spectroscopy of 3’‐TAMRA‐ssDNA‐hexylamine‐5’
immobilized on glass slides before (left) and after (right) exposure to
biocatalytic‐μCP with flat stamps (with ATT matrix).
Resolution problems are not uncommon when analyzing ssDNA by mass
spectrometry due to the tendency of the highly charged DNA backbone to form
ionic bonds with sodium and potassium cations.176, 178 Although ATT is the most
commonly‐utilized matrix for analysis of ssDNA in the literature,178 the use of
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tetraamine spermine as a matrix additive instead of ammonium salts has been
shown by Asara and Allison to significantly reduce cation adduction and
improve detection limits, even after digestion with a DNA exonuclease.176
Utilization of this protocol176 with ssDNA‐functionalized gold and glass surfaces
failed to produce observable mass peaks in MALDI‐TOF MS even for unablated
samples.

2.2.9 Conclusions from biocatalytic‐μCP using ExoI‐ssDNA as a model
system
The results presented here demonstrate the feasibility of transferring
pattern from a stamp bearing reversibly‐immobilized catalyst to a surface
bearing immobilized cognate substrate via a specific biochemical reaction.
Conceivably, a variety of His6‐tagged enzymes could sequentially be applied to
the stamp, providing a way to pattern surfaces with a series of biochemical
reactions using a single stamp.

To remove His6‐tagged enzyme from Ni+2

columns using standard IMAC procedures, imidazole is used to competitively
remove the enzyme from the Ni+2‐chelated NTA group. Metal‐chelating reagents
such as ethylenediaminetetraacetic acid (EDTA) also could be used to chelate the
Ni+2, thus removing the enzyme from the NTA group.164,
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Both of these

methods should be compatible with the immobilization strategy utilized in
biocatalytic‐μCP.
Biocatalytic‐μCP as a patterning technique is not limited to ablative
patterning – His6‐tagged enzymes for phosphorylation, oxidation, reduction, and
other enzyme‐catalyzed reactions could be used to transfer pattern in a variety of
ways. This proof‐of‐concept system also opens the door to catalytic‐μCP, in
which immobilized chemical moieties such as acids and bases are polymerized
into a stamp and used to pattern cognate substrates.
In conclusion, we have demonstrated the feasibility of biocatalytic‐μCP
using the model system ExoI‐ssDNA on both gold and glass surfaces.
(1) Copolymerization of an acrylamido‐NTA monomer produces a stamp
suitable for reversible non‐covalent binding of enzyme catalyst. (2) The stamp
bearing reversibly immobilized enzyme was successfully used to transfer pattern
to a surface bearing cognate substrate, resulting in ~ 70% horizontal ablation in
the areas of conformal contact.

This represents a greater than two‐fold

improvement over previous catalytic‐μCP efforts.81

(3) “Inkless” catalytic‐μCP

should improve resolution, by removing the diffusive process during pattern
transfer.

However, edge resolution was limited by the elastomechanical

properties of the bulk acrylamide stamp and could not provide the same
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resolution as stamping materials for previously demonstrated inkless catalytic‐
μCP with more robust elastomechanical properties.81 As a whole, biocatalytic‐
μCP shows promise as a technique for the transfer of nanoscale features through
diffusionless pattern transfer.

2.3 Resolution of biocatalytic‐μCP dependence on tether
length
In order to improve the resolution of inkless catalytic‐μCP methods,
alternative stamping materials that circumvent stamp collapse and feature
deformation associated with mechanically weak hydrogels (such as acrylamide)
were considered. Of particular interest, polyurethane‐based (PU) acrylates have
shown great promise as rigid, elastomeric stamping materials capable of making
conformal contact while maintaining mechanical integrity during stamping.109, 120,
180

PU stamps have been used in a traditional form of μCP in which alkanethiols

were stamped on gold109 as well as in unconventional methods such as catalytic‐
μCP on SAMs used in our laboratory.120, 139 Both applications resulted in pattern
transfer of sub‐300 nm features and demonstrated polyurethane‐based acrylates
are readily co‐polymerized with other acrylates through a UV‐light induced,
radical reaction.

Therefore, the PU‐based acrylate could potentially be co‐
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polymerized with acrylamido‐NTA lysine 3 or similar acrylates for subsequent
immobilization of His6‐tagged enzyme via Ni+2 chelation to the NTA group.137
At some point, the resolution of biocatalytic‐μCP becomes dependent on
the length of the tether between the polymerization terminus (acrylamide
moiety) and the protein‐immobilization terminus (NTA moiety). Varying the
length of the tether should then vary the resolution accordingly. To explore the
effect of linker length on resolution, a longer bifunctional molecule was
synthesized using tetraethylene glycol (TEG) to increase the overall tether length
by roughly 1.8 nm over that of NTA‐acrylamido lysine 3.
The increased distance between the polymerization terminus (acrylamide
functionality) and the protein‐immobilization terminus (NTA functionality)
provides additional degrees of freedom at chain termini and may improve
enzyme activity.
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Figure 38. Synthesis of acrylamido‐TEG‐NTA lysine 11.
Acrylamido‐tetraethyleneglycol NTA lysine 9 (acrylamido‐TEG‐NTA‐Lys)
was prepared from Nε‐benzyloxycarbony‐L‐lysine 1 and tetraethyleneglycol 4 in
ten steps (Figure 38). Tetraethyleneglycol 4 was activated with 1/3 equivalent of
tosyl chloride to produce sufficient monotosylate (over the ditosylate) for
displacement with azide to produce azido‐alcohol 5.

Addition of tert‐butyl

bromoacetate was then used to increase the chain length, providing a protected
acid functionality that was deprotected via acid‐catalyzed ester hydrolysis.
NTA‐lysine derivative 1 was synthesized according to the procedure of Schacher
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and

co‐workers,152

protected

as

the

triester,

and

N‐deprotected

via

hydrogenolysis to yield amine 7. Compounds 6 and 7 were then coupled via
EDC‐promoted amidation to form 8.

Catalytic reduction of the azide

functionality, acylation with acrylic acid, and standard ester deprotection
provided the desired acrylamido‐TEG‐lysine 9.
Unfortunately, 9 proved insoluble in several PU‐based acrylates, most
likely due to the acidic NTA moiety.

However, our efforts with chemical

catalytic‐μCP using immobilized acids and bases showed more promise than
biocatalytic‐μCP efforts and are generally applicable to patterning on a multitude
of surfaces at a higher resolution and shorter time.120,
forward with catalytic‐μCP (Chapter 4).
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Thus, we continued

3. Expansion of biocatalytic‐μCP to other enzyme‐substrate
systems
3.1 Overview
Our initial embodiment of biocatalytic microcontact printing serves as a
proof‐of‐concept demonstration of the use of immobilized biocatalysts to achieve
pattern transfer of an elastomeric stamp. The practical utility of the specific
system, however, is greatly limited by both the stamping material and the
specific enzyme‐substrate pair.137

To improve the resolution and broad

applicability of this technique, more robust stamping materials and new enzyme‐
substrate systems were explored.
The resolution of our initial demonstration was limited by the poor
mechanical integrity of the acrylamide stamping materials.

PDMS – the

stamping material of choice for soft lithography – is of no value for biocatalytic
lithography because of the hydrophobic nature of the material and an inability to
functionalize the polymer with enzyme immobilization sites. Accordingly, we
investigated new polymer materials.

Of particular interest in this regard,

polyurethane‐based (PU) acrylates have recently shown great promise as rigid,
elastomeric stamping materials capable of making conformal contact while
preserving mechanical integrity during stamping.109, 120, 180 PU stamps have been
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used to stamp patterns of alkanethiols on gold109 as well as in catalytic‐μCP on
SAMs used in our laboratory.120, 139 Both applications resulted in pattern transfer
of sub‐300 nm features.

Polyurethane‐based acrylates are also readily co‐

polymerized with other acrylates through a UV‐light induced, radical reaction
facilitating

incorporation

immobilization sites.

of

both

hydrophilic

moieties

and

enzyme

For example, PU acrylate can easily react via Michael

addition with a nucleophile to functionalize a stamp for catalytic activity, as
demonstrated in recent catatlyic‐μCP methods.120, 139 A PU‐based acrylate could
potentially be co‐polymerized with acrylamido‐NTA lysines 3 or 9 or reacted via
Michael addition with their amine precursors. Both approaches would allow for
subsequent immobilization of His6‐tagged enzyme via Ni+2 chelation to the NTA
group.137 Because of these advantages, PU‐based acrylate was considered as a
material for stamp fabrication while examining other enzyme‐substrate systems
for high‐resolution biocatalytic‐μCP.
To improve the versatility and broader applicability of biocatalytic‐μCP,
new enzyme‐substrate systems were explored.

We focused our efforts on

substrates that would facilitate further functionalization of SAMs after stamping,
such as carboxylic acids and amines. Bifunctional SAMs consist of three regions:
(1) a terminal headgroup allowing SAM assembly, (2) a terminal functional
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group facing solution and capable of enzyme modification, and (3) a backbone
connecting the two functionalities consisting a carbon and/or oligoethyleneglycol
chain for use as a protective and ordering layer (Figure 39).181

For SAM

formation, gold has historically proven an attractive substrate due to ease of
preparation, ability to form a highly stable and covalent bond with sulfur
resulting in ordered monolayer formation, chemical inertness, and resistance to
oxidation.181 SAMs formed from alkanethiolates with various terminal functional
groups have been studied extensively.21,

60‐61, 63‐64, 82, 160, 182

In addition, due to

previous success and ease using ssDNA alkanethiols on gold, we decided to
again use a gold‐alkanethiolate system for the expansion of biocatalytic‐μCP to
other enzyme‐substrate systems.

Figure 39. The three regions of bifunctional SAMs on gold.
With both the terminal head group and backbone selected, we focused our
attention on finding a functional group that could be easily patterned using
biocatalytic‐μCP. In synthetic organic chemistry, protecting groups are used to
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mask the reactivity of a particular group. The functional group is able to react
with another chemical moiety only after the protecting group is removed. The
catalytic ablation of protecting groups has been applied to inkless catalytic‐μCP
in patterning Fmoc‐protected thiols with a basic stamp,139 and TBS‐ and Boc‐
protected thiols with an acidic stamp.81, 120 This system might be applicable to
biocatalytic‐μCP as well.

3.2 Carboxyesterases and lipases for use in biocatalytic‐μCP
Hydrolases are enzymes that catalyze the hydrolysis of a chemical bond
and are the most frequently‐used enzymes in organic synthesis, due to their
broad substrate specificity, lack of cofactor requirement, and stability.183 Among
hydrolases, the lipases and carboxyesterases are especially useful enzymes that
catalyze hydrolysis of ester bonds to their corresponding acids and alcohols at
interfacial surfaces formed between water and water‐insoluble lipid substrates.184
Their ability to hydrolyze substrates at interfaces was especially appropriate for
use in biocatalytic‐μCP. Synthetic precursors of ester substrates for lipases and
carboxyesterases with varying functional groups are commercially available and
easily converted into SAM substrates. Lipases and carboxyesterases are also
active without cofactors and catalyze ester hydrolysis under mild conditions.183
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Figure 40. Reaction of a hydrolase with protected alkanethiols.
With

an

immobilization

enzyme‐substrate
strategy

for

both

system

in

enzyme

mind

and

and

substrate,

a

functional

lipases

and

carboxyesterases were explored with the following properties: (1) The enzyme
must be active in monomeric form to eliminate any issues associated with
oligomerization at the stamp.

(2) For facile expression and purification,

expression of the enzyme in E.coli or yeast with a His6‐tag was required.
(3) Finally, the enzyme must be functional without additional cofactors.
Enzymes

satisfying

these

criteria

included

acetyl

esterase

(AES),

the

carboxyesterase BioH, and R.oryzae lipase (ROL).

3.2.1 Acetyl esterase (AES)
Acetyl esterase (AES) is an esterase from E.coli and a member of the
hormone‐sensitive lipase family. In addition to cleaving acetates, AES has been
shown to cleave phenyl esters with acyl chain lengths of C2 to C6 (Figure 41: n = 0
– 4).185‐186 We received the AES gene in a pQE‐lacIq vector, which contains an
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engineered N‐terminal hexahistidine‐tag, from Dr. Kinga Gerber at the
University of Konstanz. Transformation into BL‐21 cells and subsequent protein
expression, followed by purification on Ni+2 column provided ~ 0.1 mg of protein
per liter of growth.

Figure 41. Methods to monitor activity of esterases with pNPEs.
Kinetic parameters for AES hydrolysis were evaluated using p‐
nitrophenyl esters (pNPEs) of fatty acids to explore the substrate specificity with
respect to acyl chain length.186 Para‐nitrophenyl acetate (pNPA) (specific activity
= 34.2 U/mg)186 was used as a standard to test enzyme activity after expression
and purification as well as immediately before substrate specificity experiments
(Figure 41, n = 0).

AES activity can be measured by UV‐VIS at 405 nm or via change in pH.
Reactions monitored via pH were conducted at 4 °C to minimize the uncatalyzed
hydrolysis of pNPA, and in ⅛X binding buffer without imidazole (62.5 mM
NaCl, 2.5 mM Tris‐HCl buffer, pH 7.0) since this buffer is used in stamping
experiments. Reactions contained 10 μM enzyme and 1 mM substrate. Figure 42
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shows the decrease in pH observed for enzyme‐catalyzed reactions (∆pH ~ 1.5
over 30 minutes) compared to the controls containing no enzyme (∆pH ~ 0.2 over
30 minutes), showing that the enzyme is active against pNPA. The small change
in pH for the controls is a result of the uncatalyzed hydolysis of pNPA and has
been observed by others.187

Figure 42. Testing AES and BioH activities with pNPA monitored via a change
in pH over time.

3.2.2 BioH esterase (BioH)
BioH is a monomeric carboxylesterase isolated from E.coli that displays
broad substrate specificity against many types of esters including acyl esters of
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phenol with acyl chain lengths ranging from C2 to C12 (Figure 41, n = 0 – 10).188
BioH includes the canonical Ser‐His‐Asp catalytic triad found in many lipases.188
Genomic DNA was isolated from E.coli DH5α cells, and BioH was
amplified

using

standard

PCR

with

forward

5’‐TATAGGATCCATGAATAACATCTGGTG‐3’

and

reverse

primers
and

5’‐TATAAAGCTTCACCCTCTG CTTCAAC‐3’, respectively, cut with BamH1
and HindIII, and ligated into a pET‐22b vector containing a C‐terminal His6‐tag.
Sequencing confirmed successful ligation of the BioH gene into the pET‐22b
vector.

Transformation into BL‐21 cells and subsequent overexpression of

protein, followed by purification on Ni+2 column, provided ~ 0.1 mg of protein
per liter of growth.
Studies examining the kinetic parameters for BioH‐catalyzed hydrolysis
also used pNPEs of fatty acids to explore substrate specificity in relation to acyl
chain length.188 pNPA (specific activity = 22.5 U/mg)188 was used as a standard to
determine enzyme was activity after expression and purification and
immediately before hydrolysis experiments (Figure 41, n = 0). To determine the
activity of BioH, the same protocol and concentrations used to determine the
activity of AES were used. Figure 42 shows a significant decrease in pH for
enzyme‐catalyzed hydrolysis (∆pH ~ 1.9 over 30 minutes) compared to the
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controls containing no enzyme (∆pH ~ 0.2 over 30 minutes), showing that the
enzyme is active against pNPA.

3.2.3 R.oryzae lipase (ROL)
Recently, a lipase from the fungus Rhizopus oryzae (R. oryzae) was
expressed cytoplasmically in active form in Origami(DE3) E. coli cells.189 R. oryzae
lipase (ROL) shows good activity against short acyl chain esters of phenol and
has been expressed with both C‐ and N‐terminal His6‐tags, although only the C‐
terminal His6‐tag form maintained activity.189 The ROL gene was provided by
Drs. Uwe T. Bornscheuer and Michael Haas in a pET‐11d vector containing a C‐
terminal His6‐tag sequence.

Transformation into Origami(DE3) cells and

subsequent overexpression of the protein, followed by purification on Ni+2
column provided ~ 2.4 mg of protein per liter of growth.
The specific activity of ROL has been determined using p‐nitrophenyl
butyrate (pNPB) as a substrate (specific activity = 47.3 U/mg),189 and we used
pNPB to determine enzyme activity after expression and purification, and
immediately before hydrolysis experiments (Figure 41, n = 2). The same protocol
used to determine the activity of AES and BioH was used except pNPB was used
in place of pNPA. Figure 43 shows a significant decrease in pH for enzyme‐
catalyzed hydolysis (∆pH ~ 2.5 over 30 minutes) compared to controls containing
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no enzyme (∆pH ~ 0.2 over 30 minutes), showing that the enzyme is active
against pNPB.

Figure 43. Testing ROL activity with pNPB monitored via a change in pH over
time.
Having successfully demonstrated expression, purification by His6‐tag,
and catalytic activity of three esterases, AES, BioH, and ROL with their known
pNPE substrates, we turned to ester synthesis.
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3.3 Selection of functional ester protecting group for carboxyesterase‐
benzoic ester model system
Substrates for biocatalytic‐μCP must provide both an attractive ester for
carboxyesterases activity while simultaneously providing a functionality for
SAM formation on gold. Alkanethiols and disulfides both form ordered SAMs
on gold, as previously described.21, 26, 190 Commercially‐available alkanethiols and
alkanedisulfides of varying chain lengths functionalized with carboxylic acids
can be readily transformed into esters using standard synthetic methods.
Two main criteria in ester selection must be considered. First, AES, BioH,
and ROL must be active against the ester substrate. Because each of our selected
enzymes has demonstrated an ability to hydrolyze phenyl esters of varying acyl
chain length, aryl esters were explored as surface substrates.185, 188‐189 Second, a
means of quantitating ester hydrolysis must be incorporated.

X‐ray

photoelectron spectroscopy (XPS) is a quantitative spectroscopic method for
measuring the elemental composition and connectivity of atoms on a surface.
XPS can also be used to determine the empirical chemical formula of surface
immobilized compounds.191 Fluorine displays a high atomic sensitivity factor
(ASF) in XPS (1.00) relative to carbon (0.278),191 which would make up the
majority of atoms on the surface. In addition, the strong electron‐withdrawing
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capability of fluorine should increase the susceptibility of ester substrates to
hydrolysis.
To determine if substitution of a single fluorine for the ‐NO2 group would
affect catalytic ester hydrolysis, commercially‐available, p‐fluorophenyl acetate
(pFPA) was tested as a substrate for AES and BioH enzymes. The same protocol
used to determine the activity of AES and BioH with pNPA was used to
determine the activity of AES and BioH against pFPA.

Figure 44 shows a

significant decrease in pH for enzyme‐catalyzed hydrolysis (∆pH ~ 2.5 for AES
and ~ 1.5 for BioH over 30 minutes) compared to controls containing no enzyme
(∆pH ~ 0.2 over 30 minutes). This experiment shows that both enzymes are
active against pFPA, and substitution of fluorine for the –NO2 group results in
catalytic hydrolysis.
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Figure 44. Testing AES and BioH activity with pFPA monitored via a change
in pH over time.

3.4 Synthesis of para‐fluorinated alkanethiol and disulfide benzyl
esters and subsequent surface characterization
p‐Fluorinated alkanethiol and disulfide benzyl esters of varying chain
lengths

were

synthesized

and

tested

as

substrates

for

the

various

carboxyesterases. Because disulfides and the corresponding thiols both form
ordered SAMs on gold,192‐193 the disulfide forms of the esters were initially used
for activity assays both in solution as well as on surfaces. Benzyl esters were
used due to commercial availability of desired compounds and facile synthesis.
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Mercaptoundecanoate 14 was synthesized from 11‐mercaptoundecanoic
acid 10 in three steps (Figure 45). Oxidation of thiol 10 to disulfide 11 with I2 and
methanol proceeded with concomitant formation of methyl esters of 11. To
avoid esterification, thiol oxidation was achieved with a 3% aqueous solution of
H2O2.

Disulfide 11 was esterified with either 4‐fluorobenzyl bromide or 4‐

(trifluoromethyl)benzyl bromide, providing esters 12 and 13, respectively.
Disulfide 13 was reduced with dithiothreitol (DTT), providing free thiol 14.
Esters 12, 13, and 14 were used for surface experiments and/or in solution‐based
activity assays.

Figure 45. Synthesis of long p‐fluorinated benzyl esters 12, 13, and 14 from 11‐
mercaptoundecanoic acid 10.
Mercaptobutyrate 18 was synthesized from 4,4’‐dithiobutyric acid 15 in
two steps (Figure 46). Disulfide 15 was benzylated with either 4‐fluorobenzyl
bromide or 4‐(trifluoromethyl)benzyl bromide resulting in dibenzyl esters 16 or
17, respectively. Disulfide 17 was reduced with dithiothreitol (DTT), providing
99

free thiol 18. Esters 16, 17, and 18 were used for surface experiments and/or in
solution‐based activity assays.

Figure 46. Synthesis of short p‐fluorinated benzyl esters 16, 17, and 18 from
4,4’‐dithiobutyric acid 15.
Figure 47 shows representative XPS high‐resolution scans of fluorine
(F1s), carbon (C1s), and gold (Au4p) from gold surfaces incubated for 2 hours
with a 1 mM solution of 12 in hexanes, typical conditions used for the formation
of SAMs on gold.82 XPS spectra from a 1 mM ethanolic solution of 16 produced
similar spectra.

Initially, a single fluorine was incorporated into the ester

substrate and XPS spectra of SAMs of 12 or 16 displayed normalized F1s/Au4p
signal ratios of 0.37 and 0.26, respectively (Table 3). These values differ due to
differences in chain length and corresponding orientation on the surface and
thus their ability to form ordered monolayers. Due to disorder from lack of van
der Waals interactions, short‐chain alkanethiolates may cause a weaker F1s/Au4p
signal ratio because the chains may be laying flat on the surface. Long‐chain
alkanethiolates have more van der Waals interactions, forming more ordered
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monolayers in comparison, thus leading to a higher F1s/Au4p signal ratio for the
longer‐chain alkanedisulfide 12.21, 30, 82, 193

Figure 47. High‐resolution XPS spectra of F1s, Au4p, and C1s peaks for SAMs
formed on gold using para‐fluorinated benzyl esters 12 and 16.
Contact angle measurements were also recorded for both surfaces
(Table3). Static contact angles, ~ 69.1° and 64.2° respectively, were within the
range previously reported previously for monofluorinated aromatic groups
(~70°).194

From these data, we determined that SAMs of fluorine‐terminated

esters were formed on gold surfaces from 1 mM solutions of both 12 and 16.
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Table 3. XPS signal ratios of F1s and C1s relative to gold and corresponding
contact angles for SAMs formed from 12 and 16.
Sample:

F1s/Au4p

C1s/Au4p

Contact Angle

Plain Au
SAMs of 12
SAMs of 16

‐‐
0.37
0.26

0.59
4.17
1.74

52.0°
69.1°
64.2°

3.5 Activity assays in solution with synthetic benzyl ester disulfide
substrate 16
To determine which, if any, of the expressed carboxyesterases accepted
synthetic substrates 12 or 16 in solution, activity assays monitored via change in
pH were conducted.

As observed for the hydrolysis of pNPE and pFPA

substrates in solution, the hydrolysis of benzyl esters 12 and 16 should result in
the formation of acid, detectable by monitoring the reaction pH. Substrate 12
was insoluble in ethanol/water mixtures, and solution‐phase assays were
completed only for substrate 16. The activities of all enzymes were checked
immediately before testing with substrate 16 in solution using the protocol for
described in Section 3.2.1 with either pNPA for AES and BioH and pNPB for
ROL.

The same protocol and concentrations (10 μM enzyme and 1 mM

substrate) were also used for synthetic substrate 16.
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Figure 48. Testing AES activity with ester 16 monitored via a change in pH
over time.
Figure 48 demonstrates AES showed no activity with ester 16. To rule out
uncatalyzed degradation of substrate 16, pig liver esterase (PLE), a promiscuous
esterase, was added to the reaction (green triangles) after 30 minutes.

The

decrease in pH observed after the addition of PLE demonstrates ester 16 was
intact.
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Figure 49. Testing BioH activity with ester 16 monitored via a change in pH
over time.
Figure 49 demonstrates BioH shows activity against ester 16, and a
significant decrease in pH was observed relative to the control. To determine if
hydrolysis of 16 was complete, PLE was added to the reaction (green triangles)
after 155 minutes (~12 U/mg).

No significant additional change in pH was

observed after the addition of PLE, demonstrating ester 16 was completely
hydrolyzed by BioH to the corresponding acid.
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Figure 50. Testing ROL activity with ester 16 monitored via a change in pH
over time.
Figure 50 demonstrates ROL shows activity against ester 16, and a
significant decrease in pH was observed relative to the control (~14 U/mg). In
conclusion, BioH and ROL show significant catalytic activity toward ester 16 in
solution whereas AES showed no activity.
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3.6 Activity assays of immobilized synthetic benzyl ester disulfide
substrates 12 and 16 on gold

Figure 51. Desired reaction between esterase and fluorinated benzyl ester‐
terminated SAMs on gold.
We next sought to determine if BioH and ROL were active against
immobilized substrates 12 and 16. Gold substrates were incubated with 1 mM
solutions of each substrate for 2 hours at room temperature in accordance with
standard SAM formation procedures.82

Surfaces were washed with ethanol,

dried with filtered nitrogen, and stored in sealed containers until further use.
For hydrolysis experiments, substrates were then incubated in 25 μM enzyme
solutions for 3‐4 hours to ensure enzymes had adequate time to react with the
substrates and at 4 °C to minimize nonspecific degradation of the substrate. (25
μM enzyme corresponds to 12.8 U for BioH and 40.6 U for ROL.) Surfaces were
washed with water and ethanol, dried with filtered nitrogen, and stored in
sealed containers. Table 4 shows normalized F1s/Au4p and C1s/Au4p signal
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ratios for each of the two substrates before and after incubation with BioH and
ROL enzyme.

Hydrolysis of the fluorinated benzyl ester should produce a

decrease in the F1s/Au4p and C1s/Au4p signal ratios, in addition to a decrease in
contact angle.
Table 4. XPS signal ratios and corresponding contact angles for SAMs formed
from 12 and 16 before and after incubation with BioH or ROL enzymes.
Sample:

F1s/Au4p

C1s/Au4p

Contact Angle

Plain Au
1. SAMs of 12
2. SAMs of 12
with BioH
3. SAMs of 12
with ROL
4. SAMs of 16
5. SAMs of 16
with BioH
6. SAMs of 16
with ROL

‐‐
0.37

0.59
4.17

52.0°
69.1°

0.33

4.18

68.2

0.29

4.18

68.1°

0.26

1.74

64.2°

0.26

2.95

58.9°

0.26

3.10

61.9°

Table 4 shows that exposure of SAMs of 12 on gold to BioH or ROL
produces a decrease in the F1s/Au4p ratio. No change in the contact angle was
also observed, and the C1s/Au4p signal ratio remained constant relative to
controls. On the basis of these data, we concluded that benzyl ester hydrolysis
had not occurred.

It is unclear why a decrease in the F1s/Au4p ratio was

observed. Physisorption of adventitious material might decrease the F1s/Au4p
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ratio, but should also produce an increase in the C1s/Au4p ratio, which was not
observed. Desorption of SAMs would result in a decrease of both F1s/Au4p and
C1s/Au4p signals.

Nucleophilic aromatic substitution should not occur at

neutral pH in a buffered solution in the absence of strong nucleophiles.
After exposure of SAMs of 16 to BioH or ROL (Table 4), no decrease in the
F1s/Au4p ratio was observed. A decrease in the contact angle was also observed
relative to SAMs not exposed to enzyme indicating physisorption of carbon‐
based, hydrophilic adventitious material. However, the C1s/Au4p ratio doubled
after exposure to BioH or ROL, supporting the notion of physisorption sufficient
to increase the C1s/Au4p ratio, but insufficient to affect the F1s/Au4p ratio. As
mentioned previously, monolayers formed from short alkanethiolates are less‐
ordered than longer alkanethiols and disulfides due to a decreased amount of
van der Waals interactions between molecules on the surface in comparison to
longer‐chain alkanethiolates.192

This effect could result in an increase in

adventitious adsorption of carbon on SAMs from the shorter disulfide.
In conclusion, either no change was observed in the C1s/Au4p signal ratio
or no change was observed in the F1s/Au4p signal ratio, confirming no
hydrolytic activity against benzyl ester‐terminated SAMs.
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3.7 Formation of mixed SAMs using benzyl ester thiols 14 or 18 with
butanethiol
To further investigate the basis for the lack of activity against SAM
substrates, the quality of the SAMs from 12 or 16 was considered.

If ester

functional groups are too densely packed on the surface, enzymatic substrate
recognition might be impossible. Mixed SAMs have been used to avoid dense
packing of bulky groups as well as to form more ordered monolayers.161,

195

Because SAMs formed from 16 should be shorter than those formed from 12, the
use of mixed SAMs might also increase the order of monolayers of 16. The use of
a short molecule as a diluent to form mixed SAMs may produce more stable
monolayers.161, 196
Thiols are more effective diluents for mixed SAMs than are the
corresponding disulfides, which tend to aggregate in islands on the surface.21, 26,
182, 190

However, reduction in mole fraction of 12 and 16 will also result in lower

F1s/Au4p ratios by at least 50% (~ 0.15 signal ratio for F1s/Au4p) for a 1:1
dilution and by 90% for a 1:9 dilution with a “blank” thiol. These values are
lower than desired since noise in spectral data after incubation with enzymes
may complicate quantification.
Trifluorinated substrates were synthesized for the preparation of mixed
monolayers with F1s/Au4p signals similar to those of homogeneous SAMs from
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12 or 16 (Figure 51, R = CF3). An increase in the number of fluorines on the
benzyl ester should increase the F1s/Au4p signal. SAMs of disulfides 13 or 17
displayed F1s/Au4p signal ratios of 1.10 and 0.89, respectively (Figure 52). The
F1s/Au4p ratio was triple that of the monofluorinated species, as expected, while
the noise remained at the same level as SAMs formed from the monofluorinated
species (Figure 47). Disulfides 14 and 18 were reduced to the corresponding
thiols for use in dilution experiments at 1:9 and 1:1 with butanethiol (BT) as
diluent. BT was chosen as a diluent because it was the shortest alkanethiol that
could be used for the dilution of 18 without potentially blocking enzymatic
access to benzyl ester functional groups. BT also provides a sufficient F1s/Au4p
signal ratio for both 14 and 18 at a 1:1 dilution (0.97 and 0.56 respectively) and at
1:9 dilution (0.26 and 0.10) respectively (Table 5).
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Figure 52. High‐resolution XPS spectra of F1s, Au4p, and C1s peaks for SAMs
formed on gold using trifluorinated benzyl esters 13 and 17.
After achieving a useful F1s/Au4p signal, we turned to enzyme activity
experiments both in solution and on substrate‐immobilized gold surfaces.

3.8 Activity assays in solutions with synthetic benzyl ester thiols 14
and 18
Immediately before testing with substrates 14 and 18 in solution, the
activities of all enzymes were checked using the protocol described in Section
3.2.1.

The same protocol and concentrations (10 μM enzyme and 1 mM
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substrate) were also used for testing synthetic substrates 14 and 18 with
enzymes.

Figure 53. Testing BioH and ROL activity with ester 14 monitored via a change
in pH over time.
Figure 53 demonstrates that neither BioH nor ROL exhibits any significant
activity with ester 14 over time. Although BioH exhibited activity toward the
monofluorinated ester alkanedisulfide 12, the inability for BioH to catalyze the
hydrolysis for the trifluorinated ester alkanethiol 14 may arise due to a difference
in sulfur oxidation state, molecule size and/or shape difference, and/or the effect
of the protonation state of thiol 14. It is unclear which or what combination of
these factors could have affected hydrolysis. This behavior was not shown in
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previous assays with the monofluorinated form (ester 12) because the sulfur was
protected as the disulfide.
For ROL, it is also unclear why the enzyme exhibited activity toward the
monofluorinated ester alkanedisulfide 12, but not the trifluorinated ester
alkanethiol 14.

ROL accepts 2,3‐dimercaptopropan‐1‐ol tributyl ester as a

substrate, resulting in the production of 2,3‐dimercaptopropan‐1‐ol;197 therefore,
a thiol should not affect its activity.

In addition, ROL also turns over acyl

substrates with varying chain lengths from 4 to 16 carbons.197

The crystal

structure for the His6‐tagged form of ROL has not been solved, making
speculation regarding substrate binding in the active site difficult. Perhaps the
combination of a long‐chain ester alkanedisulfide, as opposed to a shorter ester
alkanethiol, inactivates ROL due to either oxidation state of the sulfur or
substrate size and shape differences.
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Figure 54. Testing BioH and ROL activity with ester 18 monitored via a change
in pH over time.
Figure 54 demonstrates that BioH does not exhibit any significant activity
with ester 18 (~ 12 U/mg). Again, this lack of activity could be due to binding of
reasons discussed in the previous paragraph.

ROL, however, does show

significant activity relative to the control with ester 18.

This observation

indicates chain length may play a role in benzyl ester hydrolysis, since ROL
accepts 18, but not 14. ROL also demonstrates activity toward disulfide 16,
confirming the suggestion that a shorter acyl chain substrate is particularly active
in ROL hydrolysis.
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3.9 Activity assays on surfaces with synthetic benzyl ester thiols 14
and 18
Gold substrates exposed to both 1:9 or 1:1 solutions of 14 or 18 with BT
were incubated with 25 μM enzyme for 3‐4 hours at 4 °C. Surfaces were washed
with water and ethanol, dried with a stream of nitrogen, and placed in dust‐free
scintillation vials until analyzed.

Tables 5 and 6 show the resulting XPS

integrated F1s/Au4p and C1s/Au4p signal ratios. A significant decrease in both
of these signal ratios would indicate benzyl ester hydrolysis.
Table 5. XPS data for Mixed SAMs of 14 and BT Before and After Incubation
with enzymes BioH and ROL.
Sample:

F1s/Au4p

C1s/Au4p

Contact Angle

1. SAMs of 14
2. 1:1 SAMs of
14:BT
2B. 1:1 SAMs of
14:BT w/BioH
2R: 1:1 SAMs of
14:BT w/ROL
3. 1:9 SAMs of
18:BT
3B. 1:9 SAMs of
14:BT w/BioH
3R: 1:9 SAMs of
14:BT w/ROL

1.21

5.34

67.5°

0.97

4.74

69.0°

0.96

4.81

60.7°

0.86

4.85

61.0°

0.26

1.57

61.4°

0.27

2.21

46.0°

0.25

2.01

49.5°

115

Both Tables 5 and 6 show that no decrease in the F1s/Au4p signal ratio
was observed, suggesting no hydrolysis occurred. In most spectra, the F1s/Au4p
signal ratio fluctuates slightly from controls while the C1s/Au4p signal ratio
increases, indicating adsorption of adventitious carbon. The decreases in surface
angle in conjunction with an increase in the C1s/Au4p signal ratio indicate
adsorption of hydrophilic species.
Table 6. XPS data for 1:1 Mixed SAMs of 18 and BT Before and After
Incubation with Enzymes BioH and ROL.
Sample:

F1s/Au4p

C1s/Au4p

Contact Angle

1. SAMs of 18
2. 1:1 SAMs of
18:BT
2B. 1:1 SAMs of
18:BT w/BioH
2R. 1:1 SAMs of
18:BT w/ROL
3. 1:9 SAMs of
18:BT
3B. 1:9 SAMs of
18:BT w/BioH
3R. 1:9 SAMs of
18:BT w/ROL

0.93

2.50

72.1°

0.56

1.94

68.4°

0.58

3.05

49.5°

0.52

2.46

53.3°

0.10

1.11

52.2°

0.09

1.83

45.1°

0.11

1.98

47.4°

The failure of this system in biocatalytic‐μCP may be the result of
esterases that could not bind immobilized substrate due to the orientation of the
substrate on the surface.

Monolayers of shorter chain length (substrates 16‐18)
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may be too disordered to react with enzymes in solution even though activity
was demonstrated in solution‐phase assays. Adsorption of adventitious material
could also block access to substrate.

Using polyethyleneglycol‐based

alkanethiols could decrease biofouling of enzyme or other non‐specifically
adsorbed material.198
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4. Catalytic microcontact printing
4.1 Overview
μCP‐based methodologies are used extensively as an alternative to
patterning techniques based on optical or electron diffraction to pattern a wide
variety of inorganic surfaces. The resolution of μCP is limited by three main
factors:

ink diffusion,28,

75, 84

stamp deformation,101‐102 and the properties of

substrate surfaces being patterned.120

In order to improve the resolution

attainable with μCP, each of these parameters must be systematically optimized
to provide a system capable of nanometer resolution and beyond.

Current

methods for traditional μCP (PDMS stamping alkanethiols on gold) replicate
patterns with high fidelity to roughly 300 nm.97,
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The smallest features

fabricated through unconventional μCP methods using an inked stamp have
edge resolutions of ~ 50 nm using a dendrimeric ink on silicon.124
Our proof‐of principle demonstration of biocatalytic‐μCP (Chapter 2)
replaces the ink of traditional μCP with an immobilized biochemical or chemical
catalyst that transfers pattern to an appropriately‐functionalized surface through
a highly specific chemical reaction.

A μCP approach using an immobilized

catalyst eliminates resolution degradation associated with ink diffusion.137 Since
our first report of biocatalytic‐μCP, further demonstrations of inkless catalytic‐
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μCP using acid and base catalysts in our laboratory have resulted in sub‐50 nm
resolution of 200 nm features, using a piperidine‐functionalized stamp with an
Fmoc‐terminated amine surface on gold as well as sulfonic acid‐functionalized
stamps for the deprotection of Boc‐ and TBS‐protected SAMs on both gold and
silicon.120‐121, 139
The nature of the stamping material also affects the resolution of μCP.
Historically, PDMS has been used as the elastomeric material of choice to stamp
alkanethiols, siloxanes, and biological materials such as DNA and proteins. On
the other hand, PDMS has several properties that significantly limit its utility for
μCP, especially catalytic variants of μCP.

PDMS can only support features

having an aspect ratio (h/l) of 0.2 – 2.17 As a result, features <250 nm are difficult
to pattern due to feature deformations such as stamp sagging or collapse of relief
structures (Figure 13). Stamps with higher elastic moduli such as those made
with hard‐PDMS/PDMS, block‐copolymers, or polyurethane (PU) show great
promise for patterning features with aspect ratios beyond those accessible by
PDMS.109, 199‐200 In particular, a UV‐curable, PU‐based acrylate has been used to
pattern 250‐nm features using alkanethiols on gold.109

This acrylate has

adjustable mechanical properties that depend upon the mole fraction of high‐ or
low‐ molecular weight acrylate added to the pre‐polymeric solution, resulting in
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the formation a stamp with a tensile modulus higher than that of h‐PDMS.109 PU
can be prepared with acrylate copolymers, providing a convenient Michael
acceptor for stamp functionalization. Shestopalov and co‐workers demonstrated
the utility of acrylate‐modified PU stamps in the fabrication of piperidine and
sulfonic acid stamps for ablative, catalytic patterning of base‐ or acid‐labile
surfaces, resulting in sub‐50 nm edge resolution (Figure 55).120‐121, 139

Figure 55. Preparation of polyurethane acrylate stamps co‐polymerized with 2‐
mercaptoethanesulfonic acid.
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In traditional μCP, pattern transfer relies on the rapid reaction of a specific
diffusible liquid ink and a cognate ink‐reactive substrate. Most methods for μCP
can pattern only specific metal and metal oxide surfaces,25, 28‐30 such as gold, and
cannot easily be applied to technologically‐relevant surfaces, such as silicon.28
Using catalytic‐μCP, a variety of substrates covered by pre‐formed monolayers
can be manipulated by a catalyst; in this instance, pattern formation is not
limited by the formation of monolayers on the underlying substrate material. In
addition, the resolution of traditional μCP is limited by the material properties of
gold due to its grain size of 30‐50 nm.116 Printing on atomically flat surfaces such
as H‐terminated silicon or mica would obviate limitations induced by grain
size.119‐121
Catalytic‐μCP methods with <100 nm resolution have been demonstrated
H‐terminated silicon by Mizuno and Buriak134‐135 and in our own laboratory on
both gold and H‐terminated silicon.120,
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Mizuno and Buriak utilized a

hydrosilylation reaction catalyzed by a h‐PDMS/PDMS stamp containing 20 nm
Pd or Pt nanoparticles (NPs) and inked with alkenes/alkynes to pattern silicon
surfaces. Although replication of the NP features was achieved, the applicability
of the approach is clearly limited. The shape and size of these stamp features is
produced by self‐assembly of block co‐polymers that attract Pd or Pt NPs on
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silicon. Stamps are formed by surrounding the NPs with h‐PDMS pre‐polymer
and subsequent curing. Once the stamp is released, the NPs remain on the
surface of the stamp for use in catalytic printing. However, due to the nature of
the self‐assembly process for NPs, features such as squares, lines, circles, and text
cannot be patterned simultaneously. In previous studies, only circles and lines
have been patterned. Furthermore, the reaction between the ink and the surface
occurs in the absence of metal catalyst, promoted by both heat and UV light.
Most importantly, areas not functionalized by hydrosilylation are susceptible to
oxidation, resulting in degradation of electronic properties in those areas.
The inkless variants of catalytic‐μCP developed in our lab produced 200
nm features with ~50 nm edge solution by utilizing catalyst immobilized on an
elastomeric PU stamp to chemically pattern a surface of terminally‐protected
SAMs.120‐121,
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Stamp feature sizes were limited only by EBL‐fabricated

Si/PMMA or Si/SiO2 master.120‐121 Finally, catalytic‐μCP significantly increases the
range of patternable surfaces by manipulating surfaces already functionalized
with SAMs. To build on our success in acid‐catalyzed μCP and to extend its
applicability to other surfaces, we sought to develop a universal bi‐layer
approach to μCP.

In this approach, a protective underlayer would be

functionalized with a labile, patternable surface. Additionally, we sought to
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understand the relationship between stamp acidity and pattern transfer. Below
we report our work in both regards.

4.2 Universal bi‐layered patterning technique
To extend the applicability of catalytic‐μCP to a wider variety of
substrates, a bi‐layered patterning technique was designed as a universal
approach that 1) displays a labile functional group for catalytic‐stamp patterning,
and 2) forms highly‐ordered monolayers, which, in turn, protect the underlying
metal or semiconductor surface from oxidation as an insulating layer (Figure 56).
Such a system would be particularly useful for patterning organic thin‐film
transistors and photovoltaic devices55‐59 as well as providing a universal system
for patterning chemically‐ or biologically‐relevant molecules.46‐47

Figure 56. Structure and characteristics of the bi‐layered system for SAMs.
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4.2.1 Substrate properties and components
Monolayers previously used in catalytic‐μCP methods provided sufficient
surface coverage of terminal functional groups to facilitate observation of pattern
transfer.81, 120‐121, 134‐135, 137, 139 On the other hand, monolayers formed from species
bearing bulky terminal functional groups are not well‐ordered due to steric
constraints.27, 30, 82 120 Because of the tendency of many semiconductor materials to
oxidize, a highly ordered monolayer is required to shield surfaces from water
and oxygen. Recent studies117‐118 have shown that silicon surfaces passivated
through a two‐step chlorination/Grignard alkylation are robust against oxidation
and degradation of the attached monolayers, and remain chemically inert in
ambient environment for 60+ days.117

In particular, 1‐propenylmagnesium

bromide has been used to protect underlying silicon for long periods, achieving
nearly

100%

surface

coverage

in

the

two‐step

protocol.

Propenyl

functionalization also provides a reactive alkene for further functionalization. Of
particular utility in this regard are carbene insertion reactions, conveniently
achieved by photolysis of diazirine precursors.

We121,

142

and others117 have

carried out such functionalization using N‐hydroxysuccinimide‐functionalized
(NHS) diazirines to create a reactive overlayer. NHS esters have been used for
over 30 years as an amine‐reactive species for coupling purposes in organic
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synthesis and in protein and DNA functionalization.201

Thus, any molecule

bearing a primary (basic) amine could be coupled to this NHS‐functionalized
surface through a highly‐stable amide bond.82

NHS‐esters are also easily

hydrolyzed to the corresponding acid, deactivating the surface toward further
NHS‐mediated coupling reactions. Thus, a sulfonic acid‐modified PU stamp
should act as an efficient acid catalyst with which to pattern NHS‐functionalized
bi‐layered substrate without oxidation or degradation of the underlying silicon.
Using the protocol of Puniredd and co‐workers,117 passivated silicon
monolayers were prepared to protect silicon from oxidation and to provide a site
for subsequent functionalization.

H‐functionalized silicon surfaces were

passivated and reacted with NHS‐diazirine using a three‐step chlorination‐
alkylation‐carbene addition pathway (Figure 57). A silicon <111> surface (S1)
was incubated in Nanostrip solution to remove organic contaminants from the
surface.

After rinsing thoroughly with water, silicon was reacted with 5%

aqeous HF solution to produce an oxide‐free, H‐functionalized silicon surface
(S2). Subsequent chlorination was performed by heating the substrate to 110 °C
in a saturated solution of PCl5 in the presence of 0.5 w% benzoyl peroxide in
chlorobenzene for 1 hour. Substrate (S3) was rinsed with chlorobenzene, dried
in a stream of argon, and immediately placed in a high‐pressure reaction vessel
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containing a 0.5 M THF solution of 1‐propenylmagnesium bromide.

The

Grignard reaction was performed overnight (16‐22 hours) at 130 °C, forming
surface (S4). Previous results using XPS142 demonstrate protection of the silicon
surface from oxidation. The formation of a highly ordered monolayer was
confirmed via the observation of very small contact angle hysteresis (~2°), and
low surface roughness via lateral force AFM data (Ra = 0.287 nm, Rrms = 0.366 nm,
Z range = 3.34 nm). In addition, literature results suggest this protocol should
provide essentially 100% coverage of the silicon surface with C‐Si bonds.117

Figure 57. Functionalization of bi‐layered SAMs on silicon surfaces.
To form a reactive secondary overlayer atop the passivated surface,
substrate (S4) was reacted with a 0.1 M solution of NHS‐diazirine 23 in CCl4
under UV light at 25 °C for 1 hour.

(Diazirine 23 was synthesized by A.
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Shestopalov and C. Morris.138, 142) Substrate (S5) was washed with ethanol and
CH2Cl2, dried in a stream of argon, and stored in a sealed vial purged with argon
to inhibit NHS hydrolysis. Previous studies142 using XPS, lateral AFM analysis,
and contact angle hysteresis show this protocol both forms a reactive overlayer
while preserving the protective SAM underlayer and silicon surface. Here, XPS
analysis142 showed the presence of fluorine following diazirine treatment, but no
detectable silicon oxide.

These results confirm selective reaction between

diazirine and propenyl‐functionalized silicon surface without concomitant
oxidation of the underlying silicon or degradation of protective monolayer.
AFM lateral force experiments142 again confirmed a surface of low roughness (Ra
= 0.256 nm, Rrms = 0.320 nm, Z range = 2.42 nm).

However, contact angle

hysteresis of 22° was observed,142 suggesting a loosely‐packed reactive overlayer.
Although a somewhat disordered overlayer is not surprising, given the bulky
succinimide moiety, additional disorder may be induced by NHS‐hydrolysis
during contact angle measurements.142, 202
Together, our results confirm the formation of a bi‐layered silicon surface
consisting of a (1) protective propenyl‐functionalized SAM which shields the
underlying silicon from oxidation and degradation and (2) a highly‐reactive
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overlayer which can be further used for the immobilization of any organic or
biological molecule displaying a reactive (primary) amine.

4.2.2 Stamping materials
4.2.2.1 Masters for catalytic‐PU stamps
Two different masters were used for preparing stamps with which to
pattern our bi‐layered, NHS‐functionalized silicon surfaces. For the fabrication
of stamps bearing micro‐features, a Si/SiO2 master bearing 8 μm squares was
fabricated using photolithography and reactive ion etching (A. Shestopalov).142
For the fabrication of stamps bearing sub‐micron features, electron beam
lithography (EBL) was used to pattern poly(methyl methacrylate) (PMMA) on
silicon producing a pattern of lines bearing widths ranging between 150‐500 nm.
Briefly, a positive photo resist (950 PMMA C2 resist, MicroChem Corp, 134 nm)
was spin‐cast on a 2.5 cm x 2.5 cm piece of silicon, pre‐baked at 180 °C for 140
seconds, and then patterned by EBL using a current of 50 pA, a voltage of 50 kV,
and a dosage dwell time of 1.75 μs. The patterned photoresist was developed in
a 1:3 mixture of methyl isobutyl ketone (MIBK) to isopropyl alcohol (IPA),
washed with IPA and water, dried with a stream of nitrogen, and stored in
sealed containers until use.
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4.2.2.2 Catalytic‐μCP stamp fabrication
To pattern NHS‐terminated, bi‐layered substrates, elastomeric PU‐based
stamps were used in the bi‐layered patterning system.109, 120, 139, 142 PU is a highly
useful stamp material for catalytic‐μCP because monomer can be polymerized in
the presence of other acrylates and Michael donors, resulting in a reactive,
reusable, and elastomeric catalytic stamp. PU stamps also provide a highly
accurate replica mold of master features while supporting and patterning sub‐
micron features without stamp collapse.120, 139, 203

Figure 58. Preparation of PU monomer 14 from isophorone diisocyanate 10
and polyethylene glycol 11 (avg mw: 400 g/mol).109
PU monomer 14 was prepared from isophorone diisocyanate 10 (Figure
58). Polyethylene glycol (0.5 eq., avg mw: 400g/mol) 11 was slowly added to a 55
°C solution of tin octanoate, 2,2’‐methylene‐bis(4,6‐di‐tert‐butylphenol), and 10
and stirred for 3 hours to form intermediate 12. The temperature of the reaction
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was then raised to 70 °C and hydroxypropyl acrylate 13 was added slowly to this
solution. The reaction was stirred at 70 °C for 4 hours and shielded from light to
suppress polymerization.109 Polymerization of the pre‐polymer mixture occurred
at temperatures above 75 °C.
To decrease viscosity and lower the glass transition temperature of the
resulting stamps, trimethylolpropane ethoxylate triacrylate 15 (avg mw: 912
g/mol) was added, diluting 14 by 30%. Photoinitiators 16 and 17 (1.5% wt%
each) were then added, and the solution was stored at 4 °C until needed for
stamp fabrication.
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Figure 59. PU prepolymer mixture and fabrication of PU stamps.109, 120
For polymerization of catalytically inactive PU stamps, the PU mixture
was warmed to room temperature. For polymerization of acidic stamps, 8 v/v%
2‐mercapto‐ethanesulfonic acid was added to the room temperature PU mixture,
resulting in covalent immobilization of the sulfonic acid via Michael addition.
For the fabrication of both catalytically active and inactive stamps, the respective
PU mixtures were heated to 50 °C under vacuum for ten minutes to remove
bubbles, cooled to room temperature, and deposited on a silicon master
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(patterned stamps) or plain silicon substrate (flat stamps), and polymerized
between the master and a glass slide under UV light for 2 hours at room
temperature. Stamps were peeled away from the silicon surfaces and cut to size.
Stamps bearing 8 μm squares and flat stamps were cut to ~1 cm2 to
maximize contact on ~1 cm2 substrate surfaces for analysis via SEM or XPS.
Stamps bearing sub‐micron features were cut to ~ 0.3 cm x 1 cm in order to stamp
multiple times on a single ~ 1 cm2 substrate because the area bearing pattern (~ 1
mm2) was small in comparison to stamps bearing micro‐features. Their
rectangular shape provided a region of the stamp bearing no pattern as a
“handle” for moving the stamp without touching the sub‐micron features.
Stamps were washed with water and ethanol after each use, dried in a stream of
argon, and placed in covered containers until needed for stamping experiments.
Stampings bearing both microfeatures and nanofeatures showed very
high fidelity to their corresponding masters, as shown by SEM in Figures 60142
and 61.

132

Figure 60. SEM images of Si/SiO2 masters bearing 8 μm squares and
corresponding patterned sulfonic acid‐functionalized stamp.142
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Figure 61. SEM images of Si/SiO2 masters bearing lines of varying widths (150
– 500 nm) and corresponding patterned sulfonic acid‐functionalized stamp.
Although catalytically active PU stamps corresponded well to their
masters (Figure 61), slight defects were occasionally observed in patterned lines.
An origin of this behavior is revealed by imaging the Si/PMMA master before
(Figure 61) and after (Figure 62) stamp formation. When stamps are removed
from masters, PMMA is sometimes removed from the master surface; reuse of
damaged masters results in PU stamp conforming to damaged areas. Figure 62
shows an overview of a master and corresponding stamp showing identical
patterns of feature defects. Higher magnification images show the roughness of
the master is visible in the stamp.
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Figure 62. Master and catalytic stamp defects due to removal of PMMA from
master.
No releasing compound was added to the stamp mixture providing a
possible explanation for the damage to masters as stamps are polymerized and
removed.

Previous work by Shestopalov and co‐workers did not utilize

releasing compound with Si/PMMA masters bearing 620 nm features spaced 380
nm apart, and corresponding stamps were obtained without defects.139 Stamps
bearing lines ranging from 150 nm to 500 nm were spaced by a distance larger
than their width (i.e. 1X – 2X) for EBL patterning purposes.
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The increased

contact area between PMMA master and PU pre‐polymer may result in ablation
of the features from the master. This behavior is especially apparent on the 320
nm features spaced 420 nm apart (Figure 62: quadrant IV).
Yoo et al.109 used Rad 2200N (TEGO Chemie Service, Germany) as a
releasing agent to decrease the surface energy of the stamp and facilitate removal
of stamps without damage to the master; releasing agent here might reduce the
interaction between PU and PMMA and prevent damage to the master. Damage
was not observed with 8 μm squares presumably because a mechanically more
robust Si/SiO2 master was used.

4.2.3 Patterning NHS‐functionalized SAMs using catalytic‐μCP at the
microscale
Previous work with sulfonic acid‐modified PU stamps and Boc‐protected
SAMs showed essentially complete deprotection to primary amine after only 5
minutes of stamp‐substrate contact.120 An identical protocol was followed here to
determine the reaction time required for removal of NHS ester; again near 100%
deprotection was observed in 5 minutes.142 Featureless catalytic and inactive
stamps were reacted with NHS‐terminated monolayers at room temperature for
5 ‐ 30 minutes. Conformal contact was visible through the transparent stamp.
Following reaction, the substrates were rinsed with ethanol, dried in a stream of
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filtered argon, and analyzed by XPS. As is evident from Figure 63, treatment
with the sulfonic acid stamp resulted in a decrease of carbon concentrations in by
approximately the same proportion to the HCl‐treated sample, whereas inactive
stamps did not change SAM compositions. The sulfonic acid stamp achieved the
same level of hydrolysis as a 1 M HCl solution within just 5 minutes of stamp‐
substrate contact, indicating exceptionally high NHS‐hydrolysis efficiency. The
fluorine concentration in all analyzed samples remained constant and did not
change from the value showed by initial NHS‐modified substrates.

This

observation suggests transformations induced by the sulfonic acid stamp and the
HCl solution were specific to the NHS groups and did not affect other
components of the bi‐layered system.
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Figure 63. XPS analysis of the NHS‐hydrolysis efficiency with featureless
catalytic stamps.
Sulfonic acid‐modified PU stamps and inactive control stamps (no acid)
bearing 8‐μm square features were used to determine the efficiency of pattern
transfer on NHS‐functionalized, oxide‐free silicon surfaces. During stamping for
5 minutes with catalytically‐active patterned stamp, the NHS‐ester is hydrolyzed
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to the corresponding acid in the areas of conformal contact between stamp and
substrate resulting in patterned, bifunctional surfaces bearing both NHS and
carboxylic acid functionalities (Figure 64). Inactive control stamps were also
stamped for 5 minutes, but no hydrolysis was observed after conformal contact
with NHS‐functionalized surfaces. After stamping, substrates were washed with
ethanol, dried in a stream of argon, and placed in dust‐free vials purged with
argon until analyzed via SEM. Stamps were thoroughly washed with water and
ethanol, dried with a stream of argon, and placed in closed containers until used
for further stamping experiments.
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Figure 64. SEM images of the patterned NHS‐functionalized SAMs after
reacting with catalytic stamp bearing 8 μm squares.
Figure 64 demonstrates the efficiency and reproducibility of patterning
surfaces with catalytic‐μCP using a sulfonic acid‐functionalized stamp. Patterns
were reproduced uniformly with identical features over the entire stamped
surface, even after using the same stamp multiple times on different NHS‐
functionalized surfaces during the course of over a week. The shape and size of
the square features were identical to those of the stamp and master. NHS‐
functionalized surfaces were patterned without deformation of the catalytic
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stamp, producing a chemical change on NHS‐terminated surface observable by
XPS and pattern observable by SEM.

4.2.4 Patterning NHS‐functionalized SAMs using catalytic‐μCP sub‐
microscale
Sub‐micron features were also replicated on NHS‐functionalized SAMs
using the previously described approach, demonstrating catalytic‐μCP with
sulfonic acid‐functionalized PU stamps on NHS‐functionalized substrates
obviates the diffusive limitations of traditional μCP methods. Catalytic stamps
bearing 500 nm, 320 nm, and 150 nm features were reacted with NHS‐
functionalized substrates, resulting in accurate pattern transfer onto the NHS‐
functionalized surface – a result not possible using conventional μCP methods in
which ink spreading is responsible for at least 50 nm enlargements of the feature
edges.75 Figure 65 demonstrates the efficiency of the developed technique for
producing patterns across the entire substrate surface and generating sub‐micron
features identical to those on the PU stamp. Notably, the same acidic stamp
bearing sub‐micron features can be used multiple times without losing catalytic
efficiency or reduction of accuracy and efficiency in pattern transfer.

141

Figure 65. SEM images of the patterned NHS‐modified SAMs on silicon after
reacting with patterned catalytic stamp bearing lines with 150, 320, and 500 nm
widths.
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4.2.5 Conclusions from universal bi‐layered patterning technique using
catalytic‐μCP
In conclusion, we have developed a general patterning protocol for oxide‐
free silicon SAMs that simultaneously protects the underlying silicon from
degradation and oxidation while providing a reactive overlayer for the facile
functionalization of the SAM with organic and biological molecules. Subsequent
reaction of these surfaces with an acidic catalytic stamp results in hydrolysis of
the NHS ester in areas of conformal contact both at the micron and sub‐micron
scales. By successfully and accurately replicating uniform 150‐nm features on
oxide‐free silicon with reusable catalytic stamps, our technique approaches
resolution of current photolithographic techniques without relying on controlled
environments or expensive equipment and reagents. This technique could be
expanded beyond patterning oxide‐free silicon to patterning diamond and
semiconducting materials for technological development in fields such as
biological and chemical sensing and organic electronics.204‐209

4.3 The relationship between the hydrolyzing efficiency and pKa of
the catalytic PU stamps
Our laboratory has demonstrated that sulfonic acid‐modified PU stamps
rapidly (within 5 minutes) deprotect Boc‐modified SAMs on both gold and
silicon120‐121 and hydrolyze NHS‐modified SAMs to the corresponding carboxylic
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acid on silicon.142 An important factor contributing to the efficiency of hydrolysis
is stamp pKa.

Previously, we have utilized sulfonic acid stamps used in

catalytic‐μCP experiments. We sought to explore the effect of the pKa of stamp‐
immobilized acids on rate of NHS hydrolysis.
The rate of stamp‐catalyzed reaction can be monitored via XPS:

the

integration of C1s/Si2p peaks reflects the density of NHS groups at the surface.
Upon hydrolysis of the NHS ester, a decrease in the C1s peak (normalized to
Si2p) corresponding to the removal of this functional group is observed. No
significant change in the F1s/Si2p peak is observed throughout the course of the
reaction.142 These data not only provide information about the rate of hydrolysis,
but also indicate the specific removal of the NHS group without damage to the
underlying monolayer, which bears a CF3 moiety (Figure 62).
To determine the limiting C1s/Si2p signal ratios, the limiting substrates
were examined. 1) Before reaction occurs, we assume maximal NHS coverage of
the surface permitted by the bi‐patterning technique, which corresponds to a
maximum C1s/Si2p value. 2) Complete hydrolysis of this surface with 1 M HCl
for 30 minutes provides a lower limit corresponding to a minimum C1s/Si2p
value. Previous experiments142 have shown no significant difference between the
C1s/Si2p value associated with NHS‐functionalized surfaces incubated with 1 M
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HCl solution for 30 minutes and those associated with catalytic‐μCP with flat
sulfonic acid‐modified stamps ranging from 5 – 30 minutes.
The same stamp fabrication protocol used to form sulfonic acid‐
functionalized stamps (Section 4.2.2.2) was followed, but mercaptoethanesulfonic
acid was replaced by an equimolar amount of other acids of varying pKa (Table
7). Acids for catalytic stamping experiments were chosen based upon three main
criteria: (1) The pKa range of the acid when polymerized in the stamp should be
between that of sulfonic acid (pKa ~ ‐0.6), the standard model of efficient
catalysis demonstrated for catalytic‐μCP, and the pKa where base‐catalyzed
hydrolysis could occur (pKa ~ 8). (2) The acid must bear a chemical moiety
capable of reacting with the PU polymeric mix through a Michael addition or
radical polymerization induced by UV light. (3) The inability of the conjugate
base to act as a nucleophile in this pKa range, which could lead to covalent bond
formation through NHS‐displacement instead of the desired acid‐catalyzed
hydrolysis of the NHS ester to the corresponding acid.
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Table 7. Acids co‐polymerized with PU pre‐polymeric mixture for catalytic‐
μCP.
Acid

Estimated pKa (in stamp)

2‐Propene‐1‐phosphonic acid
2.5, 7.7210

Acrylic acid
4.8211

4‐Vinylbenzoic acid
4.2212

2‐Mercapto‐ethanesulfonic acid
‐0.6213

To determine if PU stamps bearing acids of varying pKa would hydrolyze
NHS‐modified surfaces for catalytic‐μCP, substituted PU stamps bearing 8‐μm
features were fabricated with each acid.

Stamps bearing no acid were also

fabricated as controls. All stamps were used as described previously in stamping
protocols except stamps bearing phosphonic acid.

To manipulate the

protonation state of phosphonic acid‐functionalized stamps, stamps were
incubated either at pH 1 or pH 5, washed with ethanol, dried thoroughly in a
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stream of argon, and allowed to dry overnight before stamping experiments to
ensure catalytic transfer of features.
NHS‐modified surfaces were fabricated according to previously described
protocols,117 and stamping on these substrates was conducted for 3‐5 hours to
ensure pattern transfer.

Figure 66 shows pattern transfer for each acid,

indicating qualitative success using all four acids.

No pattern transfer was

observed with unfunctionalized stamps bearing relief features. It is of note that
phosphonic acid‐modified stamps produce a very light pattern after being
incubated in pH 5 water whereas those incubated at pH 1 produced a highly
defined pattern. This observation suggests pattern transfer occurs with both
mono‐ and diprotic acids.
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Figure 66. SEM images of surfaces patterned with different acidic stamps.
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Quantitative measurements of NHS hydrolysis were performed using XPS
to monitor the change in the C1s/Si2p signal ratio over time.

For each

experiment, four NHS‐functionalized surfaces were treated with acid‐
functionalized, flat stamps for 5, 30, 60, and 120 minutes each. Two control
samples for each set of surfaces were run simultaneously – an NHS‐
functionalized surface without further modification, providing a maximum
C1s/Si2p value; and an NHS‐functionalized surface that had been incubated in
1 M aqueous HCl, providing a minimum C1s/Si2p value.

Figure 67. Dependence of pKa on the decrease in C1s/Si2p ratio vs. stamping
time for catalytic hydrolysis of the NHS ester on surfaces.
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Figure 68. Dependence on pKa on the decrease in %C on NHS‐functionalized
surface over time during stamping with acidic stamps.
Figures 67 and 68 demonstrate that the rate of NHS ester hydrolysis is a
function of stamp pKa. Not surprisingly, acids with higher pKa values (acrylic
acid, phosphonic acid at pH 5) show a much slower rate of hydrolysis than do
those with lower pKas (benzoic acid, phosphonic acid at pH 1, sulfonic acid).
Figure 67 shows control values for maximum and minimum C1s/Si2p signal
ratios.

Figure 68 shows the decrease in carbon ratio on the surface before,

during, and after stamping referenced to NHS‐functionalized surfaces.
Complete hydrolysis of the NHS group should produce a reduction in carbon on
the surface of approximately 25% (4 carbons on NHS / 16 total carbons). This
behavior is observed in Figure 68 for all three acids with pKa values below 4.5,
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indicating complete hydrolysis with those stamps within the observed reaction
time. This value also corresponds to NHS‐functionalized surfaces exposed to
1 M HCl, again indicating complete hydrolysis of the NHS ester in the control
experiment.

Figure 69. Linear fit of second‐order kinetics for surface‐immobilized acidic
hydrolysis of NHS‐ester terminated SAMs.
As plotted in Figure 69, the reaction rate increased upon increased
immobilized acid strength, as expected. After fitting data using the terminal
start and end points of acid‐catalyzed reactions except sulfonic acid to zero, first,
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and second order kinetics, the best R2 fit values (≥ 0.44) yielded evidence of a
second‐order reaction (1/[%C]) over the other orders (≥ 0.39 for 0th order and ≥
0.41 for 1st order).

However, these R2 values are too low to determine

quantitative parameters of this reaction such as rate constants.
Qualitatively, the four stamping reactions using acids with a pKa > 0 show
biphasic kinetics – a fast initial hydrolysis followed by a slower hydrolysis phase.
(Reaction using sulfonic acid stamps is too fast to observe a biphasic behavior
mechanism.)

This initial rapid catalysis most likely corresponds to the

hydrolysis from the concentration of acid catalyst whereas the second phase
corresponds to the number of positions on the surface the flexible linker will
permit the acid to access.

Because pKa is indicative of acid strength and

decreases as the concentration of protons increases, it is logical the first step is
fast upon initial contact between the two surfaces.

Once the initial rapid

hydrolysis occurs, the reaction is dependent on the flexibility of the linker that
connects stamp to the catalytic acid groups. With increase in time, there is an
increase in the probability of the linker accessing more positions on the surface,
therefore allowing the acid to hydrolyze esters within a greater radius. This step
is much slower.
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As weak acids and thus comparatively poor proton donors in this
experiment, both phosphonic acid at pH 5 and acrylic acid show catalytic
behavior indicative of being almost entirely dependent on the flexibility of the
linker. The stronger acids, benzoic acid and phosphonic acid at pH 1, both show
biphasic behavior. Finally, sulfonic acid, the strongest acid used, shows such a
rapid hydrolysis, both phases cannot be distinguished.
In conclusion, a strong correlation between increasing acid strength of a
surface‐immobilized acid and decreasing reaction time with immobilized
cognate substrate when in conformal contact has been demonstrated for
catalytic‐μCP with acid‐functionalized PU stamps.
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5. Experimental section
5.1 Biocatalytic‐μCP on SAMs of ssDNA
5.1.1 General procedures for biocatalytic‐μCP
All reagents and solvents were purchased from either Sigma‐Aldrich or
VWR and used as supplied. Water used in aqueous solutions was purified by
the Millipore system with a minimum resistivity of 18 MΩ. All solutions, both
aqueous and organic, were sterile‐filtered through a 0.22μm filter and stored in
closed containers, except during use.
Thin‐layer chromatography was performed on glass‐backed Merc Silica
Gel 60 F254 plates using a 20% solution of phosphomolybdic acid (PMA) in
isopropanol or CAM stain214 for visualization. Column chromatography was
performed using Silicycle Silica‐P Flash Silica Gel.
1

H and 13C NMR spectra were recorded on a Varian 300 MHz Mercury

spectrometer.

ElectroSpray Ionization (ESI‐MS) mass spectra were collected

using Agilent Technologies 1100 LCMSD Trap.

Matrix‐Assisted Laser

Desorption Ionization Time of Flight (MALDI‐TOF) mass spectrograms were
collected using Voyager DE‐Pro.

For AFM height and lateral force images,

standard V‐shaped Si3N cantilevers (Veeco Metrology) with a force constant of
0.06 nN/nm were used at a force setpoint of ~1 nN (Asylum MFP‐3D). Ultra‐
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violet‐visible spectra were collected in 1 cm path length quartz cuvettes using a
Hewlet‐Packard 1100 spectrophotometer. Infrared spectra were collected using a
Nicolet Avatar‐360 FT‐IR.

Combustion analysis was conducted by Atlantic

Microlabs.
Si/PMMA masters containing 10 or 15 μm features and donated from the
Clark laboratory at Duke University. These masters were stored covered and
immediately cleaned before and after use with water, and dried with N2. Gold
substrates (~ 1 cm2) were manufactured using by coating silicon wafers with a
70Å chromium adhesion layer followed by a 230Å layer of gold using an
electron‐beam metal evaporator (CHA industries). Fresh stamps were fabricated
prior to each experiment.

5.1.2 Synthesis of NTA‐acrylate 3 for use in acrylamide‐based stamps for
biocatalytic‐μCP
Nα,Nα‐Bis(carboxymethyl)‐L‐lysine (1).
Nα,Nα‐Bis(carboxymethyl)‐L‐lysine

1

was

synthesized

from

N’‐

benzyloxycarbonyl‐L‐lysine according to the protocol of Ho and co‐workers.154
N’‐Benzyloxycarbonyl‐L‐lysine (6.45g, 23.0 mmol) was dissolved in 2 M NaOH
(35 mL), cooled to 0 °C, and added dropwise to a stirring solution of bromoacetic
acid (9.59g, 69.0 mmol) in 2 M NaOH (35 mL), also cooled to 0 °C. The reaction
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was stirred at 0 °C for 2 hours and then allowed to equilibrate to room
temperature overnight. The following day, the solution was heated for 2 hours
at 50 °C. 1 M HCl (70 mL) was added to the solution. After cooling to 0 °C to
maximize precipitation, the product was filtered and purified by dissolving in 1
M NaOH (100 mL) and reprecipitating with an equivalent amount of 1 M HCl.
The final white solid 1 was dried by lyophilization (88%).

1

H NMR (DMSO) δ

7.4‐7.3 (m, 5H), 7.2 (t, J = 5.2, 1H), 5.0 (s, 2H), 3.6 (m, 4H), 3.4 (t, J = 7.5,1H), 3.0 (m,
2H), 1.6‐1.3 (m, 6H); 13C NMR (DMSO) δ 172.8, 172.0, 155.3, 136.6, 127.6, 127.0,
64.4, 63.7, 52.6, 28.4, 22.3.
N,N‐bis(carboxymethyl),

Nε‐benzyloxycarbonyl,‐lysine

tris(2‐

trimethylsilylethyl) ester.137
A 1.0 L flask was charged with 10.8 g of 1, 19.0 g EDC, 23.0 mL 2‐
trimethylsilylethanol, 5.0 g DMAP and 200 mL DMF. The reaction was stirred
for 56 hours, and after completion, the suspension clarified. The solution was
dissolved in 1.0 L Et2O and extracted three times with both 1 M NH4Cl and then
with 1 M aqueous HCl. The ether layer was dried over MgSO4, filtered and
concentrated under reduced pressure. The mixture was then chromatographed
over silica gel using a gradient from hexane to 9:1 hexane/ ethyl acetate resulting
in a clear, colorless oil (11.0 g). 1H NMR (300 MHz, CDCl3)  7.34 (m, 5H), 5.08
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(s, 2H), 4.90 (bt, 1H), 4.16 (m, 6H), 3.60 (s, 4H), 3.39 (t, 1H, J = 7.5 Hz), 3.18 (m,
2H), 1.76 – 1.36 (bm, 7H), 0.97 (m, 6H), 0.036 (s, 9H), 0.022 (s, 18H);

13

C NMR (75

MHz, CD3Cl) 172.9, 171.5, 152.0, 128.5, 128.0, 103.8, 100.2, 66.5, 64.7, 62.8, 52.9,
40.8, 30.0, 28.2, 23.0, 17.5, 17.3, ‐1.5; IR (cm‐1) 3357, 2954, 2896, 1731, 1249, 1176,
1037, 8645, 694; MS 696.37(calc.), 697.5 (found MH+).

N,N‐bis(carboxymethyl)‐lysine tris(2‐trimethylsilylethyl)ester (2).
In accordance to the procedure of Ho and co‐workers,154 a 1.0 L flask,
under a funnel of nitrogen, was charged with 10.95 g Nε‐benzyloxycarbonyl, N‐
bis(carboxymethyl)‐lysine tris(2‐trimethylsilylethyl) ester, 300 mL methanol
(Omnisolve, EMD), and ~500 mg 10% dry palladium on carbon. The stirring
suspension was degassed for 5 minutes under house vacuum and repressurized
using a balloon of H2. This cycle was repeated twice and the reaction was left to
stir under H2 gas for 1.5 hours.

The reaction was diluted with 600 mL

dichloromethane and filtered through a pad of silica. The filtrate was again
filtered over celite and concentrated under reduced pressure. Some remnants of
carbon black and silica were typically evident in the otherwise clear oil (7.15 g),
but the amine was used without further purification. 1H NMR (300 MHz, CDCl3)
4.12(m, 6H), 3.57 (s, 4H), 3.36 (t, 1H, J =7.2 Hz), 2.64 (t, 2H, J =6.9 Hz), 1.74 – 1. 22
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(m, 10H), 0.94 (m, 6H), 0.01(s, 9H), 0.09 (s, 18H);

C NMR (75 MHz, CD3Cl)

13

173.0, 171.5, 64.9, 62.7, 62.6, 60.0, 52.8, 41.9, 41.9, 33.2, 30.3, 23.2, 22.1, 17.5, 17.3, ‐
1.6.

N,N‐bis(carboxymethyl),

Nε‐acrylamido‐lysine

tris(2‐

trimethylsilylethyl)ester.137
A 2.0 L flask was charged with 7.15 g N‐bis(carboxymethyl)‐lysine tris(2‐
trimethylsilylethyl)ester 2, 700 mL dichloromethane (Omnisolve, EMD), 1.1 mL
acrylic acid and 2.9 g EDC. The reaction was left to stir for 3 hours and then was
concentrated under reduced pressure. The resulting yellow oil was trituated
under pentane and then concentrated at reduced pressure. The resulting yellow
oil was chromatographed on silica gel using a gradient of dichloromethane to 3%
methanol in dichloromethane to give a clear, colorless oil (4.95 g). 1H NMR (300
MHz, CDCl3)  7.90 (bt, 1H), 6.18(m, 2H), 5.56(dd, 1H, J = 2.4, 9.9 Hz), 4.13(m,
6H), 3.54 (s, 4H), 3.45 (m, 4H), 1.71 – 1.20 (m, 6H), 0.967 (m, 6H), 0.07 (s, 9H),
0.04(s, 18H);

13

C NMR (75 MHz, CD3Cl) 173.1, 171.6, 165.7, 131.1, 125.7, 164.2,

62.9, 62.7, 53.4, 53.07, 39.1, 29.4, 27.91, 27.9, 22.6, 17.5, 17.3, ‐1.6; MS (ESI) 616.34
(calc.) 617.5 (found MH+).
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Nε‐acrylamido, N‐bis(carboxymethyl)‐lysine (3).137
A

1.0

L

flask

was

charged

with

4.95

g

Nε‐acrylamido,

N‐

bis(carboxymethyl)‐lysine tris(2‐trimethylsilylethyl)ester and 25 mL of fresh
trifluoroacetic acid. The reaction was left to stir at room temperature for 4 hours
and concentrated at reduced pressure.

Residual trifluoroacetic acid was

removed by redissolving in 100 mL methanol three times and concentrating at
reduced pressure.

The resulting white foam was chromatographed on C18‐

bonded silica by eluting with water and fractions were analyzed by UV‐visible
spectrometry. Fractions containing the desired compound were lyophilized to
provide the desired acrylamide as a white amorphous powder (1.7 g). Rf <0.01
(SiO2, 10% methanol in dichloromethane) visualized by fluorescence quenching
and charring with PMA; melting point analysis: the white powder slowly
decomposed over 45 – 50 °C, then foamed (perhaps as a polymer) and eventually
achieved the molten state between 100 – 105 °C; 1H NMR (300 MHz, D2O,
positions reported relative to HOD, 4.7ppm) 6.08 (m, 2H), 5.61 (dt, 1H, J = 2.1,
9.6 Hz), 4.09 (s, 4H), 4.03 (m, 1H), 3.16 (t, 2H, J = 6.3 Hz), 1.89 – 1.78 (m, 2H), 1.51
– 1.39 (m, 4H);
38.8, 27.9, 22.9;

13

C NMR (75 MHz, D2O) 170.9, 169.4, 168.5, 130.1, 127.1, 54.2,
MS (ESI‐) 315.307 (calc.) 315.1 (found); Anal. Calcd for
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C13H20N2O7•F3CCO2H•H2O: C, 40.18; H, 5.17; N, 6.25; O, 35.69. Found: C, 41.85;
H, 5.37; N, 6.60; O, 37.07.

5.1.3 ExoI expression and purification.156
Dr. B. W. Matthews (University of Oregon) generously provided the gene
encoding ExoI with a C‐terminal His‐tag in a pET22b overexpression vector. The
vector containing ExoI was transformed into BL‐21 DE3 cells via heat‐shock.
Single colonies from this transformation were grown to an OD600 of 0.9 – 1.0,
induced overnight at 25ºC with 125 mg/L isopropyl thiogalactopyranoside
(IPTG), concentrated by centrifugation, and resuspended in 500 mM NaCl, 20
mM Tris‐HCl, 5 mM imidazole, pH 7.9 (binding buffer). The cell solution was
physically lysed at high pressure.

The lysate was centrifuged, and the

supernatant was applied to a column of charged Ni‐IDA agarose resin
(Novagen®).

Standard buffers were used for Ni+2‐column purification and

elution with the exception of wash buffer, in which half the normal concentration
was used (250 mM NaCl, 30 mM imidazole, 10 mM Tris‐HCl, pH 7.9). Purified
ExoI was dialyzed into 500 mM NaCl, 20 mM Tris‐HCl, pH 7.9 (binding buffer
without imidazole). This construct yielded approximately 5 mg protein per liter
of cell growth.

160

5.1.4 ssDNA immobilization on surfaces.
5.1.4.1 ssDNA SAMs on gold surfaces.91
An electron‐beam metal evaporator (CHA Industries) was used to
manufacture gold substrates (~1 cm2). Silicon disks were coated with a 70 Å
chromium adhesion layer proceeded by a 230 Å gold layer. Lyophilized ssDNA‐
alkanethiol oligonucleotide with 5’‐mercaptohexyl modification of the sequence
5’‐GATTACAGATTACA‐3’ was purchased from IDT DNA Technologies. The
ssDNA was suspended in 10 mM Tris‐Cl buffer, pH 8.5 (Quiagen EB Buffer) for
storage and purified before each use using a NAP‐10 column. Purification was
performed according to the manufacturer’s instructions. ssDNA SAMs were
formed on freshly‐evaporated gold substrates using previously published
protocol.91

To maximize vertically‐standing ssDNA‐alkanethiols, freshly

purified/sterile‐filtered 1 μM ssDNA‐alkanethiol oligonucleotides in 800 mM
KH2PO4 solution were exposed to clean gold surfaces for 2 hours at room
temperature

followed

by

a

1‐hour

incubation

with

aqueous

1

mM

mercaptohexanol (MCH). The substrates were rinsed with water and ethanol
and dried using a stream of N2 and placed in dust‐free petry dishes for no more
than 2 hours before stamping.
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5.1.4.2 ssDNA immobilization on glass surfaces.
Isothiocyanate‐functionalized (ITC) glass slides (SAL‐0.1) were purchased
from Genorama®.

All oligonucleotides were purchased from IDT DNA

Technologies with 5’‐aminohexyl, 3’‐TAMRA modification of the sequence 5’‐
GATTACAGATTACA‐3’.

Oligonucleotides were stored in sterile‐filtered

phosphate buffer solution (PBS), pH = 7.00. For immobilization experiments, a
100 μL aliquot of 0.1 μM ssDNA in PBS was delivered to the surface of ITC
substrate and incubated for 1 hour at room temperature. The solution was then
removed and rinsed via aspiration. The substrates were dried using a stream of
N2. The substrates were dried using a stream of N2 and placed in dust‐free petry
dishes for no more than 2 hours before stamping.

5.1.5 MALDI‐TOF mass spectrometry activity assay for ssDNA‐ExoI in
solution.
Lyophilized ssDNA oligonucleotide with 3’‐TAMRA modification of the
sequence 5’‐GATTACACA‐3’ was purchased from IDT. Confirmation of ExoI
activity was assayed in solution by mixing a 1 μM solution of enzyme in reaction
buffer (66 mM glycine, 12 mM MgCl2, pH 9.50) with 10 μM solution of ssDNA
oligonucleotide 5’‐GATTACACA‐3’ with 3’‐TAMRA and 5’‐amino modifications
and incubating for 1 hour. The solution was then lyophilized and analyzed
using MALDI‐MS. The mass peak for the oligonucleotide (3715.8 g/mol) was
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clearly visible for the control experiment (no enzyme) and was not detected for
the sample containing active enzyme.

5.1.6 Stamp fabrication, activation, and biocatalytic‐μCP stamping
protocols.137
Silicon‐PMMA masters containing patterns of 15‐μm squares and 10‐μm
squares were stored in closed containers when not in use. Immediately before
use, the masters were cleaned with ethanol and water, and dried under N2.
Stamp formation and μCP were completed in a laminar‐flow hood to minimize
exposure to dust.
experiment.

New stamps were fabricated before each new stamping

Acrylamido‐NTA lysine 3 (25 mg) was dissolved in 300 μL of

commercially‐available 40% w/v acrylamide/bisacrylamide (19:1) aqueous
solution and 200 μL of 1.5 M tris, pH 8.8. This was proceeded by the addition of
polymerization radical‐forming reagents: 10 μL of 20% ammonium persulfate
(APS) and 0.4 μL of tetramethylethylenediamine (TEMED). The solution was
briefly agitated and 185 μL was deposited onto a polyethylene platform. The
silicon‐PMMA master attached to another polyethylene platform was brought in
contact with the solution and was suspended above the platform by 1.5‐mm
spacers as shown in Figure 26. All solutions were cooled to and all incubations
were carried out at ~4 °C. Following polymerization (10‐15 minutes), stamps
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were immediately placed in sterile‐filtered 50 mM NiSO4 solution until
homogeneously‐colored light green (15‐20 minutes).

A series of rinses and

incubations followed: 500 mM NaCl, 20 mM Tris‐HCl, 5 mM imidazole, pH 7.9
(500 mM NaCl, 20 mM Tris‐HCl, 5 mM imidazole, pH 7.9), 0.1 M ExoI in
binding buffer for ~5 minutes, binding buffer, wash buffer, 0.05% SDS sonication
rinse for ~1 minute to remove nonspecifically adsorbed enzyme, two rinses with
wash buffer, and reaction buffer.

Stamps were then placed on filter paper

soaked with reaction buffer. The tips of the stamp were dried slightly by N2, and
gold or glass substrates were placed on top of the stamp. Gentle pressure was
applied to create conformal contact, and the substrate/stamp was incubated for 1‐
12 hours at ~4 °C. The substrate was then gently removed from the stamp and
placed immediately in room temperature 50 mM EDTA (volumetric standard) to
chelate any remaining Mg+2, rinsed with Milli‐Q, and dried under N2. Substrates
were kept in sealed containers with until imaging with AFM or CFM.

5.1.7 AFM tips and MHA‐modified AFM tips.
Standard V‐shaped Si3N cantilevers (Veeco Metrology) with a force
constant of 0.06 nN/nm were used at a force setpoint of ~1 nN (Asylum MFP‐3D)
in AFM imaging experiments. The same type of cantilevers was modified for
chemical AFM imaging by coating sequentially with a 70 Å chromium adhesion
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layer proceeded by a 230 Å gold layer.

For mercaptohexadecanoic acid‐

functionalized (MHA) tips, gold‐coated cantilevers were submerged for 5
minutes at room temperature in a 1 mM mercaptohexadecanoic acid (MHA) in
ethanol solution and then dried using a stream of N2.

5.1.8 Preparation of glass‐immobilized ssDNA for MALDI‐TOF
spectroscopy.
ssDNA‐functionalized slides were made using the procedure described in
Section 5.1.4.2.

6‐Aza‐3‐thiothymine (ATT) and ammonium citrate were

purchased from Sigma. A 20 mg/mL solution of ATT in acetonitrile and a 40 mM
solution of ammonium citrate in H2O were combined 1:1 to make a 10 mg/mL
ATT, 20 mM ammonium citrate, 1:1 acetonitrile:H2O solution to be used as a
matrix for MALDI‐TOF MS. 1‐uL aliquots of this solution were deposited on
ssDNA‐functionalized glass slides and exposed to an accelerating voltage of
25000V, delay time of 1500 nsec, laser intensity of 2123, and a low mass gate of
500Da.

5.2 Synthesis of acrylamide‐TEG‐NTA‐lys 9.
11‐[(Toluenesulfonyl)oxy]‐3,6,9‐trioxaundecanol.215
p‐Toluenesulfonyl chloride (7.362g, 38.6 mmol) was added to a solution of
tetraethyleneglycol 4 (20 mL, 115.8 mmol) in dry pyridine (6.23 mL, 77.2 mmol).
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The reaction was stirred at 0 °C for 2 hours before solution was warmed to room
temperature. After stirring for 1 hour at room temperature, the reaction mixture
was exposed to 250 mL of 1.4 M HCl and extracted with 3 X 100 mL of
dichloromethane. The organic layer was evaporated and the remaining residue
was purified by gradient chromatography (EtOAc, 15:1 EtOAc:ACN, 10:1
EtOAc:ACN) giving 7.71g (57%) of a colorless oil. TLC (15:1 EtOAc:ACN) Rf 0.3;
1

H NMR (CDCl3) δ 7.80 (d, J = 8.1, 2H), 7.35 (d, J = 8.1, 2H), 4.20 (t, J = 5.0, 2H),

3.70‐3.60 (m, 14H), 2.50 (broad s, 1H), 2.45 (s, 3H);

13

C NMR (CDCl3) δ 144.9,

133.1, 129.9, 128.1, 72.6, 70.8, 70.6, 70.4, 69.4, 68.8, 61.8, 21.7.

11‐Azido‐3,6,9‐trioxaundecanol (5).215
Sodium azide (2.16g, 33.2 mmol) was added to a solution of 11‐
[(toluenesulfonyl)oxy]‐3,6,9‐trioxaundecanol (7.71g, 22.13 mmol) in dry DMF (50
mL). The mixture was heated at 110 °C for 12‐16 hours (overnight) and then
allowed to equilibrate to room temperature.

The reaction mixture was

coevaporated with toluene (300 mL), tritrated with ether, and filtered, giving
5.02g (69%) of 5 as a gold‐colored oil. (Note: This is an approximate yield
obtained from NMR data – not all DMF was removed before quantitation
because the next step also required DMF as a solvent.) TLC (EtOAc) Rf 0.6; 1H
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NMR (CDCl3) δ 3.74‐3.67 (m,12H), 3.60 (t, J = 4.5, 2H), 3.40 (t, J = 5.1, 2H), 3.10
(broad s, 1H); 13C NMR (CDCl3) δ 72.5, 70.7‐70.0, 61.7, 50.7.

tert‐Butyl 14‐azido‐3,6,9,12‐tetraoxatetradecanoate.215
Alcohol 5 ~2.60g, 11.86 mmol) was dissolved in dry DMF (60 mL) and
cooled to 0 °C. Under nitrogen gas, NaH (569 mg, 23.72 mmol) powder (95%)
was added to the reaction mixture. After the formation of H2 gas had ended, a
solution of tert‐butyl bromoacetate (2.63 mL, 17.79 mmol) in DMF (10 mL) was
added quickly under N2 atmosphere. The mixture was stirred at 0 °C for 2 hours,
then allowed to equilibrate to room temperature, and stirred for 12‐14 hours
(overnight).

Then the reaction was diluted with EtOAc (300 mL) and was

extracted with 3 x 150 mL water, dried over MgSO4, and concentrated in vacuo.
The residue was then purified by flash chromatography (9:1 EtOAc:Hex) to yield
1.91 g (48%) of a golden oil. TLC (EtOAc) Rf 0.7; 1H NMR (CDCl3) δ 4.02 (s, 2H),
3.68‐3.67 (m, 14H), 3.41‐3.37 (t, J = 5.3, 2H), 1.48 (s, 9H); 13C NMR (CDCl3) δ 169.7,
81.6, 70.9‐70.4, 70.1, 69.1, 50.2, 28.2.
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14‐Azido‐3,6,9,12‐tetraoxatetradecanoic acid (6).216
TFA (40 mL) was added to a solution of tert‐butyl 14‐azido‐3,6,9,12‐
tetraoxatetradecanoate (1.91g, 5.73 mmol) in CH2Cl2 (40 mL) and stirred for 5
hours at room temperature.

After concentrating in vacuo, the reaction was

suspended in 60 mL of toluene and concentrated in again.

This cycle was

repeated five times to remove all TFA, finally yielding 1.45g (95%) of 6 as a
brownish‐gold oil.

TLC (9:1 DCM:MeOH) Rf <0.1; 1H NMR (CDCl3) δ 9.23

(broads, 1H), 4.18 (s, 2H), 3.77‐3.62 (m, 14H), 3.42‐3.39 (t, J = 5.1, 2H); 13C NMR
(CDCl3) δ 173.3, 71.4, 70.8‐70.6, 70.4, 70.1, 68.8, 50.8.

6‐Benzylocarbonylamino‐2‐(bis‐methoxycarbonylmethyl‐amino)‐hexanoic
acid methyl ester.217
A solution of 2.0 M TMS‐diazomethane in diethyl ether (3.0 mL) was
added to a solution of 1 (260 mg, 0.656 mmol) in dry MeOH (30 mL) under an N2
atmosphere. The TMS‐diazomethane was added until the solution remained a
slight yellow color for at least 30 minutes, indicating an excess of TMS‐
diazomethane. The reaction was stirred for 30 minutes at room temperature,
concentrated in vacuo, and purified by gradient chromatography (EtOAc, 15:1
EtOAc:ACN, 10:1 EtoAc:ACN) giving 267 mg (97%) of a colorless oil. TLC (10:1
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EtoAc:Hexane) Rf 0.6; 1H NMR (CDCl3) δ 7.36‐7.27 (m, 5H), 5.09 (s, 2H), 4.95
(broad s, 1H), 3.72‐3.63 (m, 13H), 3.44‐3.39 (t, J = 3.7, 1H), 3.20‐3.16 (m, 2H), 1.73‐
1.46 (m, 6H); 13C NMR (CDCl3) δ 173.2, 171.9, 156.7, 136.8, 128.5, 128.1, 66.6, 64.6,
52.5, 51.7, 51.5, 40.8, 30.0, 29.3, 23.0.

6‐Amino‐2‐(bis‐methoxycarbonylmethyl‐amino)‐hexanoic acid methyl ester
(7).154
6‐Benzylocarbonylamino‐2‐(bis‐methoxycarbonylmethyl‐amino)‐hexanoic
acid methyl ester (267 mg, 0.609 mmol) was dissolved in a minimal amount of
MeOH. Palladium (10% wt) on activated carbon (2.7 mg) was then added under
N2 atmosphere. The reaction was exposed to H2 and then vacuum three times in
order to remove residual air. After 10 minutes, the exposure to H2 and vacuum
was again repeated. The reaction was left to stir overnight at room temperature.
The solution was then filtered, concentrated in vacuo, and dried overnight to
yield 78 mg (42%) of 7 as a colorless oil.

H NMR (D2O) δ 3.80‐3.64 (m, 13H),

1

3.57‐3.52 (t, J = 7.5, 1H), 3.02‐2.97 (t, J = 7.5, 2H), 1.75‐1.30 (m, 6H); 13C NMR (D2O)
δ 175.8, 174.8, 65.3, 53.5, 53.0, 52.8, 40.0, 29.6, 27.2, 23.0.
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6‐(2‐[2‐(2‐[2‐(2‐Azido‐ethoxy)‐ethoxy]‐ethoxy)‐ethoxy]‐acetylamino)‐2‐(bis‐
methoxycarbonylmethyl‐amino)‐hexanoic acid methyl ester (8).218
Compounds 6 (153 mg, 0.552 mmol) and 7 (168 mg, 0.552 mmol) were
dissolved together in DMF (2 mL). Triethylamine (77μL, 0.552 mmol), N‐(3‐
dimethylaminopropyl)‐N’‐ethylcarbodiimide hydrochloride (EDC‐HCl) (106 mg,
0.552 mmol), and 1‐hydroxybenzotriazole HOBt) were added to solution while
stirring at 0 °C. After all reagents were added, the reaction was stirred at room
temperature for 5 hours. The solution was concentrated in vacuo, dissolved in 50
mL EtOAc, and washed three times with 10% K2CO3. The organic layer was then
dried with MgSO4, filtered, and concentrated in vacuo yielding 100 mg (32%) of 8
as a yellow‐colored oil. 1H NMR (CDCl3) δ 6.96 (t, J = 5.1, 1H), 3.91 (s, 2H), 3.68‐
3.51 (m, 27H), 3.37‐3.30 (m, 3H), 3.24‐3.17 (q, J = 6.6, 2H), 1.66‐1.30 (m, 6H); 13C
NMR (CDCl3) δ 173.1, 171.8, 169.9, 70.8‐70.1, 64.7, 52.4, 51.7, 51.5, 50.7, 38.7, 30.1,
29.3, 23.3; IR (cm‐1) 3353, 2951, 2870, 2108, 1736, 1670, 1540, 1437, 1346, 1281, 1205,
1147, 1012, 947, 852, 732, 669, 560.

170

6‐(2‐[2‐(2‐[2‐(2‐Amino‐ethoxy)‐ethoxy]‐ethoxy)‐ethoxy]‐acetylamino)‐2‐(bis‐
methoxycarbonylmethyl‐amino)‐hexanoic acid methyl ester.154
Compound 8 (500 mg, 0.887 mmol) was dissolved in 45 mL MeOH.
Palladium (10% wt) on activated carbon (50 mg) was added under N2
atmosphere. The reaction was exposed to H2(g) and then vacuum three times in
order to remove residual air. After 10 minutes, the exposure to H2 and vacuum
was again repeated three more times. The reaction was left to stir overnight at
room temperature. The solution was then filtered and concentrated in vacuo to
yield 470 mg (98%) of a yellow‐colored oil. 1H NMR (CDCl3) δ 7.10 (broad t, J =
4.5, 1H), 3.98 (s, 2H), 3.72‐3.62 (m, 27H), 3.53‐3.49 (t, J = 5.4, 2H), 3.44‐3.39 (t, J =
7.5,1H), 3.30‐3.24 (q, J = 6.6, 2H), 2.88‐2.84 (t, J = 5.4, 2H), 2.42‐2.22 (broad s, 2H),
1.75‐1.45 (m, 6H); 13C NMR (CDCl3) δ 173.0, 171.8, 169.9, 73.3, 70.9‐70.3, 64.7, 52.4,
51.7, 51.4, 41.7, 38.6,30.1, 29.3, 23.3.

6‐(2‐[2‐(2‐[2‐(2‐Acryloylamino‐ethoxy)‐ethoxy]‐ethoxy)‐ethoxy]‐acetylamino)‐2‐
(bis‐methoxycarbonylmethyl‐amino)‐hexanoic acid methyl ester.137
6‐(2‐[2‐(2‐[2‐(2‐Amino‐ethoxy)‐ethoxy]‐ethoxy)‐ethoxy]‐acetylamino)‐2‐
(bis‐methoxycarbonylmethyl‐amino)‐hexanoic acid methyl ester (440 mg, 0.818
mmol), acrylic acid (70.8 μL, 1.03 mmol), and EDC‐Cl (392 mg, 2.04 mmol) were
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dissolved in 49 mL CH2Cl2 (in that order) and stirred overnight at room
temperature. The reaction was concentrated in vacuo and purified by column
chromatography (6:1 CH2Cl2:MeOH) giving 59 mg (12%) of a yellow‐colored oil.
TLC (6:1 CH2Cl2:MeOH) Rf 0.7; 1H NMR (CDCl3) δ 7.00 (broad m, 1H), 6.69
(broad m, 1H), 6.32‐6.11 (m, 2H), 5.63‐5.59 (m, 1H), 3.98 (s, 2H), 3.72‐3.24 (m,
32H), 1.75‐1.43 (m, 6H); 13C NMR (CDCl3) δ 173.2, 171.9, 170.0, 165.8, 131.2, 126.3,
71.0‐70.0, 64.8, 52.6‐51.6, 39.4, 38.8, 30.2‐29.4, 23.4.

6‐(2‐[2‐(2‐[2‐(2‐Acryloylamino‐ethoxy)‐ethoxy]‐ethoxy)‐ethoxy]‐acetylamino)‐2‐
(bis‐carboxymethyl‐amino)‐hexanoic acid (9).
6‐(2‐[2‐(2‐[2‐(2‐Acryloylamino‐ethoxy)‐ethoxy]‐ethoxy)‐ethoxy]‐
acetylamino)‐2‐(bis‐methoxycarbonylmethyl‐amino)‐hexanoic acid methyl ester
(59 mg, 0.0997 mmol) was dissolved in 300μL THF and 100μL H2O. While
stirring at room temperature, 658μL (0.658 mmol) of 1 M LiOH was added to the
solution. The reaction was stirred overnight at room temperature (standard
procedure for deprotection of the methyl ester).

The solution was then

transferred to a flask containing prepared AmberLite IR‐120 ion‐exchange resin.
The solution was stirred in the resin for 10 minutes, filtered, concentrated in
vacuo, and lyophilized overnight giving 40 mg (73%) of 9 as a white solid.
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1

H

NMR (D2O) δ 6.32‐6.15 (m, 2H), 5.78‐5.74 (m, 1H), 4.13‐3.99 (m, 6H), 3.81‐3.66 (m,
11H), 3.49‐3.45 (t, J = 5.3, 1H), 3.29‐3.3.25 (broad m, J = 5.7, 2H), 1.96‐1.59 (m, 6H);
C NMR (D2O) δ 174.4, 172.5, 172.0, 170.4, 168.7, 130.0, 127.5, 70.5‐69.7, 68.9, 67.8,

13

67.4, 54.7, 39.2, 38.5, 28.2, 26.9, 23.3.

5.3 Expansion of enzyme‐substrate system for biocatalytic‐μCP:
Carboxyesterase/lipase and aromatic ester‐functionalized SAMs.
5.3.1 Carboxyesterase and lipase DNA isolation and transformation, and
protein transformation, expression, and purification.
5.3.1.1 PCR amplification of the BioH gene from genomic DNA.
Genomic DNA isolation.
The protocol for genomic DNA isolation was provided by Amanda Jane
Lind (McCafferty Lab, Duke University Department of Chemistry).
Dr. Dewey McCafferty generously donated a 100‐μL aliquot of DH5α cells
for the isolation of genomic DNA. This aliquot was resuspended in 500 μL of cell
lysis buffer (25 mM Tris, 25 mM EDTA, 10 mg/mL lysozyme, pH 8.09) and
incubated for 2 hours with shaking at 37 °C. A 125‐μL aliquot of 10% SDS
solution was added to the growth, and the solution was incubated for 20 minutes
at 65 °C using a heat block. After adding 216 μL of 5 M potassium acetate
solution was added to the tube, a white precipitate formed. The tube was then
inverted gently to mix and incubated on ice for 30 minutes. This solution was
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then centrifuged at 13000 RPM for 10 minutes. The supernatant (~600 μL) was
decanted into a clean tube and the remaining fluffy white pellet was discarded.
One volume of isopropanol (600 μL) was added to this supernatant to precipitate
genomic DNA. The tube was then inverted gently to prevent shearing of the
DNA. Small transparent strands of DNA were observed, and the sample was
incubated at room temperature for 10 minutes.
To harvest DNA, the sample was centrifuged at 13000 RPM for 20
minutes. The supernatant was then aspirated, and the remaining pellet washed
with 500 μL 75% EtOH and centrifugation at 13000 RPM for 10 minutes. The
supernatant was aspirated, and the remaining pellet was again washed with 500
μL 75% EtOH and centrifugation at 13000 RPM for another 10 minutes. (The
tube orientation was rotated only 90° between washes so that the EtOH gently
“rolled over” DNA, washing it without shearing.)

The supernatant was

aspirated and the DNA was allowed to air dry (cap open) for 10 minutes. The
pellet was then resuspended in 50 μL TE buffer (10 mM Tris, 1 mM EDTA, pH
8.0) with 1 μL of RNAse solution (100 mg/mL of deoxyribonucleaseI from bovine
pancreas) and incubated at 65 °C for 15 minutes to redissolve DNA.
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PCR amplification of BioH from genomic DNA.
BioH was amplified successfully using standard PCR and the forward
primer, 5’‐TATAGGATCCATGAATAACATCTGGTG‐3’, which contained the
BamH1 cut site and had a calculated Tm of 54.6 °C. The reverse primer was a 26‐
mer, 5’‐TATAAAGCTTCACCCTCTG CTTCAAC‐3’, which contained the
HindIII cut site and had a calculated Tm of 56.0 °C.
The following were added to a 500‐μL eppendorf tube: 79.0 μL ddH2O, 10
μL of 10X Pfu Buffer, 2 μL of 10 mM dNTPs solution, 2 μL of 20 μM forward
primer, 2 μL of 20 μM reverse primer, 4 μL of genomic DNA, and 1 μL of Pfu
polymerase. This 100 μL reaction mixture was added in aliquots of 50 μL to two
separate PCR tubes. The PCR program was set up to complete 50 cycles of the
following temperatures and times: 98 °C for 5 minutes, 98 °C for 45 seconds, 49
°C for 45 seconds, 72 °C for 1 minute, and 72 °C for 7 minutes. The reaction was
kept at 4 °C once completed.
Both samples were run on a 1% agarose gel containing 0.01% EtBr at 130V
for 33 minutes. Each sample (50 μL DNA solution, 5 μL dye) showed a band
between 500 bp and 1000 bp, indicating the correct fragment (786 bp) had been
isolated. This band was excised and the QIAquick® Gel Extraction Protocol was
followed to purify and isolate DNA. To ensure we had successfully isolated
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BioH DNA, another 1% agarose gel was completed with each sample (2 μL DNA
solution, 2 μL dye) and corresponding bands were observed.
BamH1 and HindIII restriction enzymatic digests of BioH and pET22b vector
DNAs.
BamH1 and HindIII enzymatic digests must be performed sequentially.
To each reaction tube (one tube for the BioH DNA and the other tube for the
pET22b vector DNA), 48 μL of PCR product (the respective DNAs), 6.5 μL of 10X
BamH1 buffer, 6.5 μL of 10X BSA, 2 μL of BamH1 restriction enzyme, and 2 μL
H2O were added to make 65 μL of reaction solution in each tube. These reactions
were incubated for 3 hours at 37 °C (for the digestion reaction) and then 20
minutes at 80 °C (to denature the BamH1 endonuclease). A 1% agarose gel was
performed on the sample immediately after completion of the digestion. (A 6.5
μL aliquot of dye was used for each 65 μL reaction for loading.) One band was
present on the gel after the BamH1 digestion of BioH DNA between 500 bp and
1000 bp. Three bands were present on the gel after the BamH1 digestion of
pET22b. The gel could have been overloaded and that could be the reason three
bands were observed (instead of two). However, to be safe, the middle band that
corresponded to the desired molecular weight (5462bp) was excised. Both the
BioH and pET22b bands were excised and subjected to DNA isolation and
purification by using the QIAquick® Gel Extraction Protocol.
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The HindIII enzymatic digestion was performed by adding the following
to each reaction tube (one tube for the BamH1‐digested BioH DNA and the other
tube for the BamH1‐digested pET22b vector DNA): 48 μL of PCR product (the
respective DNAs), 6.5 μL of 10X HindIII buffer, 6.5 μL of 10X BSA, 2 μL of
HindIII restriction enzyme, and 2 μL H2O to make 65 μL of reaction solution in
each tube. A 1% agarose gel containing 0.01% ethidium bromide was performed
on the sample immediately after completion of the digestion. (A 6.5‐μL aliquot
of dye was used for each 65 μL reaction for loading.) Bands corresponding to
each of the DNAs were visualized and excised from the gel. DNA was isolated
and purified using the QIAquick® Gel Extraction Protocol.
Ligation of BioH DNA into pET22b vector.
The following reactants were added to a 500‐μL eppendorf tube to make
25 μL of reaction solution: 6 μL BioH linear insert, 9 μL pET22b linear vector, 2.5
μL T4 ligase buffer, 2.5 μL of 10 mM ATP solution (10X), 1 μL T4 DNA ligase,
and 4 μL H2O.

The reaction tube was place on ice and allowed to react

overnight. An attempt to visualize the DNA by electrophoresis using a 1%
agarose gel was performed; however, it was postulated the concentration of
DNA (2 μL DNA and 2 μL dye) was too low in order to observe DNA. The
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transformation was performed in spite of the fact DNA was not visualized on the
agarose gel.
For the isolation of BioH‐pET22b plasmid DNA, nine 15‐mL Falcon tubes
contained 2 mL of LB/carbenicillin solution (100 mg of carbenicillin per liter). A
pipette tip with no colony on it was added to the control tube, and pipette tips
with colonies on them were added to each of two experimental tubes. Cells were
grown at 37 °C overnight with shaking and then harvested by centrifugation at
9000 RPM in a table‐top microcentrifuge for 3 minutes at room temperature. No
growth was observed in the control sample.
The QIAprep® Spin Miniprep Kit was used to lyse the cells and isolate
plasmid DNA. The BioH gene contains an NcoI restriction endonuclease cut site
within it while the pET22b vector does not. To ensure the gene was present in
the vector, 10‐μL aliquots of DNA from each colony, 1 μL of NcoI enzyme, 2 μL
of Buffer 3, and 7 μL H2O were incubated together at 37 °C for 1 hour.
After an hour had elapsed, plasmid DNA from all nine colonies was
immediately visualized on a 1% agarose gel containing 0.01% ethidium bromide.
A 1‐μL aliquot of DNA (from colonies 4 and 9) in addition to 0.5 μL T7 primer
and 11 μL H2O was submitted for DNA sequencing because these showed
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evidence of cleavage. The remainder of BioH‐pET22b plasmid DNA was stored
in the ‐20 °C freezer for later use.
Sequences were analyzed via BLAST and Clustal X for homology to the
published literature sequence. Colony 4 yielded 97% homology and 9 yielded
99% homology; thus, plasmid DNA from 9 was used to overexpress BioH in BL‐
21 cells from this point onward.

5.3.1.2 DNA transformation methods for all vectors containing
carboxyesterase or lipase into XL‐10, BL‐21, and/or Origami(DE3) cells.
For vectors containing DNA sequences for AES, BioH, or ROL proteins,
the protocol for all transformations was adapted from Hanahan, et al.219 For the
purpose of DNA amplification, all DNA vectors were transformed into XL‐10
cells. For the purpose of protein overexpression, AES185, 220 and BioH188, 221 vectors
were transformed into BL‐21 cells, but the ROL vector was transformed into
Origami(DE3) cells.189 SOB‐Mg growth medium (50 mL) was made using the
following ingredients: 1g bacto‐tryptone, 0.25g bacto‐yeast extract, 10 mM NaCl,
and 2.5 mM KCl. SOB‐Mg was then autoclaved for 1 hour and sterile‐filtered.
To make SOC broth, 0.5 mL 2 M MgCl2 and MgSO4 solution and 0.5 mL 2 M
glucose solution were added to the SOB‐Mg solution. For transformation, SOC
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broth was heated to 42 °C. XL‐10 (~150 μL) and BL‐21 (~150 μL) cells were
thawed on ice for 15 minutes.
β‐Mercaptoethanol solution (4 μL) was added to each of the experimental
(100 μL) and control (~50 μL) samples for XL‐10 transformations only. The
samples were vortexed gently and then incubated on ice for 10 minutes,
vortexing gently every 2 minutes. One aliquot (2 μL) of the donated DNA vector
in TE buffer or from a previously performed transformation/purification was
added to 100 μL of XL‐10, BL‐21, or Origami(DE3) cells. One aliquot of Buffer EB
(2 μL) was added to the control sample (~50 μL) of cells. These samples were
first vortexed gently to mix and incubated on ice for 30 minutes. The samples
were then heat‐pulsed in a 42 °C water bath for 30 seconds and immediately
incubated on ice for 2 minutes. Each sample was added to 900 μL of preheated
SOC broth in 15‐mL Falcon culture tubes and incubated at 37 °C for 45‐60
minutes with shaking. A 50‐ to 200‐μL aliquot of each sample was plated on
LB/ampicilin agar plates (100 mg/L amp) except when working with the ROL
vector in Origami(DE3) cells, which was plated on LB/amp/tet/kan agar plates
(100 mg/L amp, 10 mg/L tet, 30 mg/L kan). All plates were inverted and allowed
to grow overnight at 37 °C. No colonies observed on the control plates, but a
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moderate lawn of colonies was observed on the experimental plate for each of
the three vectors.
For the isolation of plasmid DNA, three 15‐mL Falcon tubes contained 2
mL of LB/carbenicillin solution (100 mg of carbenicillin per liter). A pipette tip
unexposed to bacteria was added to the control tube, and a pipette tip containing
with a colony of bacteria was added to each of two experimental tubes. Cells
were grown at 37 °C overnight with shaking and then harvested by
centrifugation at 9000 RPM in a table‐top microcentrifuge for 3 minutes at room
temperature. The QIAprep® Spin Miniprep Kit was used to lyse the cells and
isolate plasmid DNA. After elution of DNA, plasmid DNA was visualized on a
1% agarose gel containing 0.01% ethidium bromide. Plasmid DNA was then
stored in the ‐20 °C freezer for later use.

5.3.1.3 AES protein overexpression and purification.
Notes: The AES gene was a generous gift from Dr. Kinga Gerber. The gene was
ligated into a pQE31‐lacIq vector (ampicilin‐resistant) and cloned between BamH1 and
SalI sites. “ROL plasmid” refers to this ligated version of ROL gene and vector.
For overnight growth of cells, one colony from the BL‐21 experimental
plate on LB/amp was added to 50 mL of LB solution containing 50 μL of a 100
mg/mL carbenicillin solution. This growth was incubated overnight at 37 °C
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with shaking.

In the morning, 10 mL of this growth was added to a flask

containing 1L of LB/carbenicillin media (100 mg carb per 1 liter of LB) and grown
to an optical density (λ = 600 nm) of ~1.0. The 1L growth was then induced
overnight with 101 mg of IPTG at 25 °C with shaking. This procedure was
adapted from Gerber and co‐workers.185
Cells were harvested via centrifugation at 5000 RPM, pelleted after
centrifugation at 4000 RPM, and lysed via sonication. The lysate was centrifuged
at 16000 RPM (X2), and the supernatant was applied to a column of charged Ni‐
IDA agarose resin (Novagen®).

Standard buffers were used for Ni+2‐column

purification and elution with the exception of wash buffer, in which half the
normal concentration was used (250 mM NaCl, 30 mM imidazole, 10 mM Tris‐
HCl, pH 7.9).

Purified protein was dialyzed into binding buffer without

imidazole (500 mM NaCl, 20 mM Tris‐HCl, pH 7.9). In addition, purified protein
could be dialyzed into ⅛X binding buffer as well.
The concentration of overexpressed protein was determined in Edelhoch
buffer (70 μL protein solution in 630 μL buffer) via absorbance at 280 nm
subtracting background at 320 nm. Protein concentration was then calculated
using the Beer‐Lambert Law: A = εlc, where A represents the absorbance of
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protein at 280 nm, ε represents the molar absorptivity (54570 M‐1cm‐1 for AES),
and c represents the concentration of enzyme.

5.3.1.4 BioH protein overexpression and purification.
For overnight growth of cells, one colony from the BL‐21 experimental
plate was added to 50 mL of LB media containing 50 μL of a 50 mg/mL
carbenicillin solution.

This growth was incubated overnight at 37 °C with

shaking. In the morning, 10 mL of this growth was added to a flask containing
1L of LB/carbenicillin media (50 mg per 1 liter of LB) and grown to an optical
density of 0.6. The 1 L growth was then induced overnight with 51 mg of IPTG
at 25 °C with shaking. This procedure was adapted from previous literature.188, 222
Cells were harvested via centrifugation at 5000RPM, pelleted after centrifugation
at 4000RPM, and lysed via sonication.
The lysate was centrifuged at 16000RPM (X2), and the supernatant was
applied to a column of charged Ni‐IDA agarose resin (Novagen®). Standard
buffers were used for Ni+2‐column purification and elution with the exception of
wash buffer, in which half the normal concentration was used (250 mM NaCl, 30
mM imidazole, 10 mM Tris‐HCl, pH 7.9). Purified protein was dialyzed into
binding buffer without imidazole (500 mM NaCl, 20 mM Tris‐HCl, pH 7.9). The
protein precipitated out of solution when dialyzed into ⅛X binding buffer.
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Concentration of protein was determined in Edelhoch buffer (70 μL
protein solution in 630 μL buffer) via absorbance at 280 nm subtracting
background at 320 nm. Protein concentration was then calculated using the
Beer‐Lambert Law: A = εlc, where A represents the absorbance of protein at 280
nm, ε represents the molar absorptivity (48533 M‐1cm‐1 for BioH), and c
represents the concentration of enzyme.

5.3.1.5 ROL protein overexpression and purification.
Notes: The ROL gene was a generous gift from Drs. Uwe T. Bornscheuer and
Michael Haas in a pET‐11d vector (ampicilin‐resistant) containing a C‐terminal His6‐
tag. “ROL plasmid” refers to this ligated version of ROL gene and vector.
For overnight growth of cells, one colony from the experimental plate was
added to 50 mL of LB solution containing amp/tet/kan antibiotic solution (100
mg/L amp, 10 mg/L tet, 30 mg/L kan). This growth was incubated overnight at
37 °C with shaking. In the morning, 15 mL of this growth was added to a flask
containing 1.5 L of LB/amp/tet/kan media and grown to an optical density (λ =
600 nm) of ~0.5, which took ~9‐10 hours at 23 ºC with shaking. The 1.5 L growth
was then induced overnight with 39 mg of IPTG at 23 °C with shaking. This
procedure was adapted from DiLorenzo and co‐workers.189 Cells were harvested
via centrifugation at 5000 RPM, pelleted after centrifugation at 5000 RPM, and
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lysed via sonication (4X: 30% amplitude, 1 minute, 10 seconds pulse on, 5
seconds pulse off). The lysate was centrifuged at 16000RPM (X2), and the
supernatant was applied to a column of charged Ni‐IDA agarose resin
(Novagen®).

Standard buffers were used for Ni+2‐column purification and

elution with the exception of wash buffer, in which half the normal concentration
was used (250 mM NaCl, 30 mM imidazole, 10 mM Tris‐HCl, pH 7.9). Purified
protein was dialyzed into binding buffer without imidazole (500 mM NaCl, 20
mM Tris‐HCl, pH 7.0). The protein precipitated out of solution when dialyzed
into ⅛X binding buffer.
Concentration of protein was determined in Edelhoch buffer (70 μL
protein solution in 630 μL buffer) via absorbance at 280 nm subtracting
background at 320 nm. Protein concentration was then calculated using the
Beer‐Lambert Law: A = εlc, where A represents the absorbance of protein at 280
nm, ε represents the molar absorptivity (43110 M‐1cm‐1 for ROL), and c represents
the concentration of enzyme.
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5.3.2 Synthesis of fluorinated benzylic esters for use with esterases
and lipases for biocatalytic‐μCP.
Synthesis of 11‐(10‐Carboxy‐decyldisulfanyl)‐undecanoic acid (11) from 11‐
mercaptoundecanoic acid (10).223
Sodium hydroxide (500 mg, 12.5 mmol) was added to a solution of 10 (200
mg, 0.92 mmol) in H2O (100 mL). A 3% hydrogen peroxide solution (2 mL) was
then added to a well‐stirred resulting mixture.

After being stirred for 30

minutes, concentrated HCl (2 mL) was added, and the reaction was extracted
with EtOAc (2X55 mL).

The organic layers were dried over MgSO4 and

concentrated in vacuo, yielding 218 mg (55%) of 11 as a white solid.

1

H NMR

(DMSO) δ 11.94 (broad s, 2H), 2.70‐2.66 (t, J = 5.4, 4H), 2.20‐2.16 (t, J = 5.4, 4H),
1.64‐1.57 (m, J = 5.4, 4H), 1.49‐1.46 (t, J = 5.1, 4H), 1.35‐1.20 (m, 24H); 13C NMR
(DMSO) δ 175.1, 38.6, 34.3, 29.5, 29.4, 29.2, 28.4, 25.1; IR (cm‐1) 3671, 2979, 2912,
1693, 1405, 1231, 1060, 893; MS‐ESI 434.25 (calc.), 457.24 (found MNa+), 473.79
(found MK+), 433.0 (found M‐).
Synthesis of 11‐[10‐(4‐Fluoro‐benzyloxycarbonyl)‐decyldisulfanyl]‐undecanoic
acid 4‐fluoromethyl‐benzyl ester (12) from 11‐(10‐Carboxy‐decyldisulfanyl)‐
undecanoic acid (11).224
Compound 11 (100 mg, 0.230 mmol) was added to a solution of K2CO3 (79
mg, 0.5751 mmol) and p‐fluorobenzyl bromide (71 μL, 0.5751 mmol) in DMF (3
mL).

The reaction was stirred at room temperature for 36 hours and
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concentrated in vacuo to yield 98 mg (65%) of 12 as a white solid. TLC (EtOAc)
Rf 0.7; 1H NMR (CDCl3) δ 7.35‐7.31 (t, J = 7.2, 4H), 7.07‐7.01 (t, J = 8.7, 4H), 5.07 (s,
4H), 2.70‐2.65 (t, J = 7.5, 4H), 2.36‐2.31 (t, J = 7.8, 4H), 1.69‐1.60 (m, 8H), 1.37‐1.26
(m, 24H); 13C NMR (CDCl3) δ 173.8, 132.5, 130.4, 130.3, 115.8, 115.5, 65.5, 39.4, 34.5,
29.6, 29.4, 29.3, 28.7, 25.1; 19F NMR (CDCl3) δ –114.2; MS‐ESI 650.33 (calc.), 673.3
(found MNa+), 689.2 (found MK+).
Synthesis of 11‐[10‐(4‐Trifluoromethyl‐benzyloxycarbonyl)‐decyldisulfanyl]‐
undecanoic acid 4‐trifluoromethyl‐benzyl ester (13) from 11‐(10‐Carboxy‐
decyldisulfanyl)‐undecanoic acid (11). 224
Compound 11 (400 mg, 0.920 mmol) was added to 40 mL of DMF. After
dissolution, K2CO3 (382 mg, 2.761 mmol) was added. The mixture was stirred for
10 minutes and then 4‐(trifluoromethyl)benzyl bromide (427 μL, 2.761 mmol)
was also added. The reaction was stirred at room temperature for 48 hours and
concentrated in vacuo and purified via flash column chromatography to yield
387 mg (60%) of 13 as a white solid. TLC (1:20 EtOAc:Hex) Rf 0.1; 1H NMR
(CDCl3) δ 7.64‐7.61 (d, J = 8.1, 4H), 7.48‐7.45 (m, 4H), 5.16 (s, 4H), 2.70‐2.65 (t, J =
7.5, 4H), 2.40‐2.35 (t, J = 7.5, 4H), 1.69‐1.64 (m, 8H), 1.39‐1.23 (m, 24H); 13C NMR
(CDCl3) δ 173.7, 140.4, 128.3, 125.7, 65.2, 39.3, 34.4, 29.6‐29.3, 28.7, 25.1; MS‐ESI
750.32 (calc.), 773.2 (found MNa+), 789.2 (found MK+), 750.3 (found M‐).
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Synthesis of 4‐(trifluoromethyl)benzyl 11‐mercaptoundecanoate (14) from 11‐
[10‐(4‐trifluoromethyl‐benzyloxycarbonyl)‐decyldisulfanyl]‐undecanoic acid 4‐
trifluoromethyl‐benzyl ester (13).
Dithiothreitol (904 mg, 5.86 mmol) was added to a solution of compound
13 (880 mg, 1.172 mmol) in 5 mL of methanol at 40 °C. The reaction was stirred
overnight (17 hours). The reaction was concentrated in vacuo and purified via
flash column chromatography to yield 196 mg (30%) of 14 as a colorless oil. TLC
(1:1 CH2Cl2:hexanes) Rf 0.4; 1H NMR (CDCl3) δ 7.64‐7.61 (d, J = 8.1, 2H), 7.48‐7.45
(d, 2H), 5.16 (s, 2H), 2.56‐2.48 (dd, J = 7.5, 2H), 2.40‐2.35 (t, J = 7.5, 2H), 1.65‐1.58
(m, 4H), 1.35‐1.27 (m, 12H); 13C NMR (CDCl3) δ 173.4, 140.1, 128.1, 125.5, 65.0,
34.2, 34.0, 29.4‐29.0, 28.3, 24.9, 24.6; MS‐ESI 376.48 (calc.), 399.3 (found MNa+).
Synthesis of bis(4‐fluorobenzyl) 4,4’‐disulfanediyldipropanoate (16) from 4,4’‐
dithiobutyric acid (15).224
Compound 15 (113 mg, 0.4742 mmol) was added to a solution of K2CO3
(164 mg, 1.185 mmol) and p‐fluorobenzyl bromide (139 μL, 1.185 mmol) in DMF
(4 mL).

The reaction was stirred at room temperature for 24 hours and

concentrated in vacuo and purified via flash column chromatography to yield
140 mg (65%) of 16 as a clear oil. TLC (10:1 Hex:EtOAc) Rf 0.4; 1H NMR (CDCl3) δ
7.35‐7.30 (t, J = 3.6, 4H), 7.08‐7.01 (t, J = 8.7, 4H), 5.08 (s, 4H), 2.71‐2.66 (t, J = 6.9,
4H), 2.49‐2.45 (t, J = 7.2, 4H), 2.07‐1.87 (m, 4H); 13C NMR (CDCl3) δ 172.9, 164.5,
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161.2, 130.5, 115.8, 65.8, 37.9, 32.8, 24.3; MS‐ESI 454.11 (calc.), 454.11 (found MH+),
477.1 (found MNa+), 493.0 (found MK+).
Synthesis of bis(4‐trifluoromethylbenzyl) 4,4’‐disulfanediyldipropanoate (17)
from 4,4’‐dithiobutyric acid (15). 224
Compound 15 (412 mg, 1.729 mmol) was added to 40 mL of DMF. After
dissolution, K2CO3 (718 mg, 5.186 mmol) was added to the mixture and let stir
for 10 minutes before adding p‐trifluoromethylbenzyl bromide (802 μL, 5.186
mmol). The reaction was stirred for 48 hours at room temperature and then
concentrated in vacuo and purified via flash column chromatography yielding
410 mg (43%) of 17 as a clear oil. TLC (1:1 EtOAc:Hex) Rf 0.4; 1H NMR (CDCl3) δ
7.63‐7.61 (d, J = 8.1, 4H), 7.47‐7.45 (d, J = 8.1, 4H), 5.17 (s, 4H), 2.73‐2.69 (t, J = 7.2,
4H), 2.54‐2.50 (t, J = 7.2, 4H), 2.10‐2.00 (m, J = 7.2, 4H); 13C NMR (CDCl3) δ 172.7,
140.1, 128.3, 125.7, 65.5, 37.8, 32.6, 24.3; MS‐ESI 554.57 (calc.), 577.2 (found MNa+),
552.8 (found M‐).
Synthesis of 4‐(trifluoromethyl)benzyl 4‐mercaptobutanoate (18) from 11‐[10‐
(4‐trifluoromethyl‐benzyloxycarbonyl)‐decyldisulfanyl]‐undecanoic acid 4‐
trifluoromethyl‐benzyl ester (13).
Dithiothreitol (1.391g, 9.02 mmol) was added to a solution of compound
13 (1.00g, 1.80 mmol) in 50 mL of methanol at 40 °C. The reaction was stirred
overnight (17 hours). The reaction was concentrated in vacuo and purified via
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flash column chromatography to yield 195 mg (39%) of 14 as a colorless oil. TLC
(7:3 CH2Cl2:hexanes) Rf 0.3; 1H NMR (CDCl3) δ 7.64‐7.62(d, J = 8.1, 2H), 7.48‐7.46
(d, J = 8.1, 2H), 5.17 (s, 2H), 2.62‐2.52 (m, 4H), 2.00‐1.93 (m, 2H), 1.33 (t, J = 7.2,
1H); 13C NMR (CDCl3) δ 172.6, 139.8, 128.1, 125.5, 65.3, 32.5, 28.8, 23.9.
Synthesis of 11,11ʹ‐Disulfanediylbis(undecan‐1‐ol)
undecanol 19.225

from

11‐mercapto‐1‐

A solution of 11‐mercapto‐1‐undecanol 19 (0.544g, 2.662 mmol) in
methanol (8 mL) was titrated by 1 M I2/MeOH solution until the solution turned
light yellow and stayed that color for more than 15 minutes. The reaction was
then quenched with NaHSO3 and put in an ice bath (0 °C) to aid in precipitation
of 20. The reaction was filtered to remove MeOH; the remaining solid was
resuspended in EtOH with some heating. Solid that did not dissolve was filtered
out and the remaining solution was left to crystallize overnight 4 °C.
Lyophilization provided 495 mg (46%) of 20 as a white solid.

TLC (3:7

EtOAc:hexanes) Rf <0.1; 1H NMR (CDCl3) δ 3.72‐3.66 (dd, J = 7.2, 4H), 3.62‐3.59 (t,
J = 6.6, 4H), 2.68‐2.64 (t, J = 7.4, 4H), 1.78 (broad s, 2H), 1.68‐1.61 (dt, J = 7.2, 4H),
1.57‐1.50 (dt, J = 6.8, 4H), 1.37‐1.18 (m, 24H); 13C NMR (CDCl3) δ 61.3, 38.8, 32.8,
30.5, 28.2‐26.9; MS‐ESI 406.73 (calc.), 407.3 (found MH+), 429.3 (found MNa+).
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Synthesis
of
disulfanediylbis(undecane‐11,1‐diyl)
bis(2‐(4‐
(trifluoromethyl)phenyl)acetate) 21 from 11,11ʹ‐disulfanediylbis(undecan‐1‐ol)
20.
In order, DMAP (241 mg, 1.976 mmol), 4‐(trifluoromethyl)phenylacetic
acid (403 mg, 1.976 mmol), and EDC‐HCl (474 mg, 2.471 mmol) were added to a
solution of disulfide 20 in dry CH2Cl2 and stirred for 20 hours at room
temperature.

When the reaction had ceased, it was diluted with 100 mL

anhydrous ether and washed with 1 M NaHCO3, water, and brine each one time.
The organic layer was separated and dried with MgSO4 overnight. The MgSO4
was filtered out and the remaining solution was concentrated in vacuo and
purified via flash column chromatography to yield 305 mg (20%) of 14 as a
colorless oil. TLC (1:8 EtOAc:hexanes) Rf 0.5; 1H NMR (CDCl3) δ 7.47‐7.45 (d, J =
7.6, 4H), 7.30‐7.28 (d, J = 7.6, 4H), 4.07‐3.97 (m, 4H), 3.56 (s, 4H), 1.59‐1.51 (m, 4H),
1.28‐1.10 (m, 32H); 13C NMR (CDCl3) δ 170.9, 138.3, 129.8, 129.6, 129.3, 125.7‐125.5,
122.9, 65.4, 61.2, 41.2, 39.2, 29.6, 29.3, 28.6, 25.9, 14.2; MS‐ESI 778.99 (calc.), 801.5
(found MNa+), 817.3 (found MK+).
Synthesis of 11‐mercaptoundecyl 2‐(4‐(trifluoromethyl)phenyl)acetate 22 from
disulfanediylbis(undecane‐11,1‐diyl) bis(2‐(4‐(trifluoromethyl)phenyl)acetate)
21.
Dithiothreitol (822 mg, 5.327 mmol) was added to a solution of compound
22 (1.00g, 1.80 mmol) in 90 mL of methanol at 40 °C. The reaction was stirred
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overnight (18 hours). The reaction was concentrated in vacuo and purified via
flash column chromatography to yield 87 mg (22%) of 22 as a colorless oil. TLC
(1:1 CH2Cl2:hexanes) Rf 0.3; 1H NMR (CDCl3) δ 7.59‐7.57(d, J = 8.0, 2H), 7.41‐7.39
(d, J = 8.0, 2H), 4.11‐4.07 (t, J = 6.8, 2H) 3.67 (s, 2H), 2.54‐2.49 (dd, J = 7.2, 2H), 1.64‐
1.56 (m, 5H), 1.39‐1.20 (m, 14H);

13

C NMR (CDCl3) δ 170.1, 139.2, 129.6, 129.3,

129.1, 125.8‐125.6, 123.1, 66.4, 62.2, 40.8, 38.9, 29.3, 29.1, 27.9, 25.8, 14.1.

5.3.3 Activity assays of fluorinated benzylic esters in solution and as
gold SAMs with esterases and lipases.
For each experiment, the enzyme used was less than 1 day old after
dialysis and concentration. The pH meter used in all experiments was calibrated
before each timed reaction. For all enzymatic reactions monitored in solution via
pH change, the total reaction volume was 2.00 mL (microcentrifuge tube). The
described conditions are those that were the most successful in obtaining data for
all substrates.
All reactions were run in binding buffer without imidazole added (BB‐i).
However, 1XBB‐i was too concentrated for monitoring pH.

A more dilute

concentration of BB‐i, ⅛X BB‐i (pH 7.0 unless otherwise noted to be pH 5.5‐9.0),
was therefore used in experiments to obtain pH data unless otherwise noted.
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Substrates used in experiments were pNPA, pFPA, pNPB, 12, 13, 14, 16,
17, and 18.

For each experimental trial involving these substrates, a stock

solution of 100 mM in ethanol was diluted to a final substrate concentration of 1
mM in the reaction (aqueous). In short, 0.020 mL of 100 mM substrate was used
in all pH‐monitored reactions for AES, BioH, and ROL.
AES, BioH, and ROL enzymes were also dialyzed into 1X BB‐i, pH 7.0.
Enzyme concentration was determined via the Beer‐Lambert law. Enzyme was
then diluted for the solution‐phase reaction to produce a final concentration of 10
μM and 25 μM for surface reactions.
To obtain pH data, a reaction time of “0 Minutes” corresponded to the pH
of the enzyme diluted into ⅛X BB‐i.

After the addition of substrate which

commenced the reaction, the microcentrifuge tube was inverted 3‐5 times and
placed back under the pH meter. Timepoints were then taken at 0, 0.5, 1, 2, 3, 4,
5, and 10 minutes and then every 5 minutes thereafter for at least 15 minutes.
Inversion of the reaction occurred after every timepoint to ensure the solution
was mixed. The pH change recorded was the difference between the pH at 0
minutes and the pH at the end of the reaction. Once the pH values remained the
same for several readings, it was assumed the reaction had gone to completion.
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Gold substrates were incubated with a 0.22‐um filtered 1 mM solution of
disulfide or thiol for approximately 2 hours at room temperature. Substrates
were then removed from this solution and immediately washed with water and
ethanol, and dried with N2 or argon. Two tweezers were used to minimize the
effects of the environment and wet samples were not placed on lens paper until
fully dry. Surfaces were stored in dust‐free glass scintillation vials sealed with
parafilm until analysis via XPS. Each scan was completed 5‐7 times to minimize
the signal‐to‐noise ratio.
For reaction with enzyme solutions, ester‐functionalized surfaces were
incubated in 25 μM solutions of BioH or ROL in filtered ⅛X BB‐I for 3‐4 hours at
4 °C. Surfaces were then sonicated for 10‐15 minutes in filtered 1% SDS solution,
rinsed with water and ethanol, and dried with filtered air. Surfaces were stored
in dust‐free glass scintillation vials sealed with parafilm until analyzed.

5.4 Catalytic microcontact printing.
5.4.1. General methods for catalytic‐μCP.
All reagents and solvents were purchased from Sigma‐Aldrich or TCI
America and used as supplied unless otherwise noted.

XPS spectra were

recorded on a Kratos Axis Ultra XPS spectrometer using the mono‐Al X‐ray
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source. Si/SiO2 masters containing 8.5 μm features were fabricated by Alexander
Shestopalov and graciously donated to this project.
SEM images were recorded on an FEI XL30 SEM‐FEG microscope
detecting secondary electrons at a 6 cm working distance. For SEM imaging
purposes, PU stamps were coated with a 10‐12 nm layer of gold using an
electron‐beam metal evaporator (CHA Industries) (SEM accelerating voltage 10‐
20 kV with a size 3 spot size).

Silicon/PMMA masters and silicon surfaces

containing SAMs were imaged without modification after washing (accelerating
voltage 25 kV for masters and 2 kV for SAMs with a size 3 spot size).

5.4.2. Silicon‐PMMA master fabrication for small features ≤500 nm.
The Si/PMMA master containing a pattern of 146.24 μm lines with varying
widths of 130‐500 nm was prepared using electron‐beam lithography (EBL). 950
PMMA C2 (Microchem) was spin‐cast on a clean silicon chip (2 cm x 2 cm) at 500
RPM for 5 seconds and 3000 RPM for 40 seconds. The resulting substrate was
baked at 180 °C for 140 seconds to produce a Si‐PMMA chip with a 135‐nm layer
of polymerized PMMA. Once cool, the substrate was patterned using EBL with
the Elionix EBeam Lithography System equipped with WecaS CAD for pattern
generation (resolution down to 10 nm) with the following conditions:
Field size: 300 μm
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Number of dots: 60,000
Beam Current: 50 pA
Dose value: 250 μC/cm2
Dosage dwell time: 1.75 ms
Accelerating voltage: 50 kV
After e‐beam exposure, the patterned photoresist substrate was developed
in a 1:3 mixture of methyl isobutyl ketone (MIBK) to isopropyl alcohol (IPA) for
140 seconds. Development was then quenched by incubating in IPA for 20
seconds followed by washing with filtered deionized water for 20 seconds. The
resulting substrate was dried under N2 and subsequently used as a mask for the
formation of PU‐based stamps.

5.4.2 Materials for polyurethane acrylate (PU) stamps.
5.4.2.1 Synthesis of PU pre‐polymer.226
A solution of isophorone diisocyantate 10 (41.89 mL, 200 mmol), tin
octoate (0.064 mL), and 2,2’‐methylene‐bis(4,6‐di‐tert‐butylphenol) (0.09 g) was
heated

to

50

°C

and

held

between

this

temperature

and

55

°C.

Polyethyleneglycol 11 (avg. mw = 400 g/mol, 35.46 mL, 100 mmol) was slowly
added dropwise at 50 °C to this solution and stirred in the dark following
addition of 11 for 3 hours at 55 °C resulting in the formation of intermediate 12.
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The reaction temperature was then increased to 70 °C and hydroxypropyl
acrylate 13 (mixture of isomers, 25.55 mL, 205 mmol) was added dropwise,
carefully maintaining the temperature between 70 – 75 °C. The final reaction
mixture was stirred for 4 hours at 70 – 75 °C to produce diacrylate 14. This
acrylate was then diluted by 30% with trimethylolpropane ethoxylate triacrylate
15 (avg. mw = 912 g/mol) in order to reduce viscosity. Photoinitators 2‐hydroxy‐
2‐methyl‐propiophenone 16 (97%) and 1‐hydroxycyclohexylphenylketone 17
(99%) were thoroughly mixed into this solution. Solutions of the pre‐polymeric
mixture were stored in the dark at 4 °C until used for stamp polymerization.
5.4.2.2 Fabrication for acid‐immobilized stamps from PU pre‐polymer.
When creating acidic stamps, each stamp was fabricated using 0.6091
mmol per mL PU (1.2182 mmoles for 2 mL of PU prepolymer). Acids used in
stamps were: 2‐mercapto‐ethanesulfonic acid (200 mg sodium‐2‐mercaptoethene
sulfonate ‐ see below for acidification conditions), 4‐vinylbenzoic acid (180 mg),
2‐propene‐1‐phosphonic acid (132 mg, 93 μL), and acrylic acid (88 mg, 84 μL).
For sulfonic acid stamps, 200 mg sodium‐2‐mercaptoethene sulfonate was
added to 5 mL of dioxane:HCl

and stirred for 10‐15 minutes at room

temperature to acidify the compound forming 2‐mercapto‐ethansulfonic acid.
The solution was filtered through a glass filter, a PTFE filter, and concentrated
197

under reduced pressure. PU (2 mL) was added immediately and directly to this
container once sufficiently concentrated. The solution was heated slightly and
degassed under vacuum before polymerization into stamps.
Stamps containing micron‐ and nanofeatures were fabricated by
polymerizing the desired PU/acid mixture between the corresponding Si/PMMA
or Si/SiO2 master and a parafilm‐covered glass slide. In lieu of a master, flat
stamps were polymerized using clean, flat silicon surfaces. Stamps were allowed
to polymerize under UV light for 2‐3 hours, removed and placed on the benchtop
under ambient light for 16‐20 hours, and removed from stamps using gentle heat
and force. Stamps were cut so that patterns could easily be transferred or, in the
case of flat stamps, ~ 1 cm x 1 cm. Stamps were washed thoroughly with filtered
water and ethanol, dried with argon, and kept covered until use. The shape and
size of the stamp features were identical to those on the corresponding masters
and remained unaffected by storage for several weeks.

5.4.3 Formation of NHS‐functionalized SAMs on silicon <111> surfaces.
Silicon <111> surfaces were scored and cut with minimal handling.
Surfaces were incubated in Nanostrip solution (Cyantek: 90% SO4H2, 5% SO5H2,
5% H2O, <1% H2O2) for 10‐15 minutes at 75 °C before washing with water and
incubating in a 5% aqueous HF solution for 5 minutes. H‐Si surfaces were dried
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with argon and placed directly into scintillation vials containing a filtered
solution of saturated PCl5 in chlorobenzene with a small amount of benzoyl
peroxide (0.1% m/v), flushed with argon, and placed in a heat block at 110‐115 °C
for 1 hour. The chlorinated surfaces were then removed from vials, rinsed with
chlorobenzene, dried with argon, and placed in solutions of 1‐propylmagnesium
bromide in THF (0.5 M). Vials containing the Grignard were tightly sealed and
incubated in a heat block at 130‐135 °C for 16‐22 hours. Propylene‐functionalized
surfaces were removed from the Grignard solutions after cooling to ~ 90 °C,
washed thoroughly with EtOH 2X, CH2Cl2 1X, and EtOH 1X before blowing dry
with argon.

Surfaces were dried additionally on a hot plate at 75 °C for 5

minutes and cooled to room temperature (5 minutes). Surfaces were covered
with ~75 μL of a 0.1 M solution of 2,5‐dixopyrrolidin‐1‐yl 4‐(3‐(trifluoromethyl)‐
3H‐diazirin‐3‐yl)phenyl ester in CCl4, synthesized either by Dr. Alexander
Shestopalov or Carleen Morris, and reacted with UV light for 1 hour at room
temperature. NHS‐functionalized surfaces were then washed with CH2Cl2 2X
and EtOH 1X, dried with a stream of argon, and used within one hour of
fabrication.
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5.4.4 Stamping protocol.
Once stamps and surfaces were both fabricated using the protocols
described previously, stamps were placed on top of surfaces, pressed into
conformal contact gently, and incubated for 3 minutes to 2 hours, as indicated in
the text. Stamped substrates were washed with EtOH, dried with filtered argon,
and placed in dust‐free scintillation vials until same‐day analysis by SEM or XPS.
Stamps were rinsed with H2O and EtOH thoroughly, dried with filtered argon,
and kept covered at room temperature until needed again.
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