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Abstract 
This thesis presents an analysis of the material properties and phase behavior of 

divalent ionic surfactant salts, and protein and polymer glasses. There has been extensive 

interest in understanding the phase behavior of divalent ionic surfactants due to the many 

applications of ionic surfactants in which they come into contact with divalent ions, such 

as detergency, oil recovery, and surfactant separation processes. One goal of determining 

the phase boundaries was to explore the option of incorporating a hydrophobic molecule 

into the solid phase through the micelle-to-crystal bilayer transition, either for drug 

delivery applications (with a biologically compatible surfactant) or for the purpose of 

studying the hydrophobic molecule itself. The liquid micellar and solid crystal phases of 

the alkaline earth metal dodecyl sulfates were investigated using calorimetry, visual 

inspection, solubilization of a fluorescent probe, and x-ray diffraction. The Krafft 

temperature and dissolution enthalpy were determined for each surfactant, and partial 

composition-temperature phase diagrams of magnesium dodecyl sulfate-water, calcium 

dodecyl sulfate-water, as well as sodium dodecyl sulfate with MgCl2 and CaCl2 are 

presented. As a proof of concept, fluorescence microscopy images showed that it is, in 

fact, possible to incorporate a small hydrophobic molecule, diphenylhexatriene, into the 

solid phase. 

The second, and main, part of this thesis expands on work done previously in the 

lab by using the micropipette technique to study two-phase microsystems. These 

microsystems consist of a liquid droplet suspended in a second, immiscible liquid 
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medium, and can serve as direct single-particle studies of drug delivery systems that are 

formed using solvent extraction (e.g., protein encapsulated in a biodegradable polymer), 

and as model systems with which to study the materials and principles that govern 

particle formation. The assumptions of the Epstein-Plesset model, which predicts the rate 

of droplet dissolution, are examined in the context of the micropipette technique. A 

modification to the model is presented that accounts for the effect a solute has on the 

dissolution rate. The modification is based on the assumption that the droplet interface is 

in local thermodynamic equilibrium, and that the water activity in a solution droplet can 

be used to determine its dissolution (or dehydration) rate. The model successfully 

predicts the dissolution rates of NaCl solutions into octanol and butyl acetate up to the 

point of NaCl crystallization. The dehydration of protein solutions (lysozyme or bovine 

serum albumin) results in glassified microbeads with less than a monolayer of water 

coverage per protein molecule, which can be controlled by the water activity of the 

surrounding organic medium. The kinetics of dehydration match the prediction of the 

activity-based model, and it is shown how the micropipette technique can be used to 

study the effect of dissolution rate on final particle morphology. By using a stable protein 

with a simple geometry (lyosyzme), this technique was be used to determine the distance 

dependence of protein-protein interactions in the range of 2-25 Å, providing the first 

calculation of the hydration pressure decay length for globular proteins. The distance-

dependence of the interaction potential at distances less than 9 Å was found to have a 

decay length of 1.7 Å, which is consistent with the known decay length of hydration 
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pressure between other biological materials.  Biodegradable polyesters, such as 

poly(lactide-co-glycolide) (PLGA), are some of the most common materials used for the 

encapsulation of therapeutics in microspheres for long-term drug release. Since they 

degrade by hydrolysis, release rates depend on water uptake, which can be affected by 

processing parameters and the material properties of the encapsulated drug. The 

micropipette technique allows observations not possible on any bulk preparation method. 

Single-particle observations of microsphere formation (organic solvent extraction into a 

surrounding aqueous phase) show that as solvent leaves the microsphere and the water 

concentration in the polymer matrix becomes supersaturated, water phase separates and 

inclusions initially grow quickly. Once the concentration in the polymer matrix 

equilibrates with the surrounding aqueous medium, the water inclusions continue to grow 

due to dissolved impurities, solvent, and/or water-soluble polymer fragments resulting 

from hydrolysis, all of which locally lower the water activity in the inclusion. 

Experiments are also presented in which glassified protein microbeads were suspended in 

PLGA solution prior to forming the single microspheres. This technique allowed the 

concentration of protein in a single microbead/inclusion to be determined as a function of 

time. 
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Chapter 1.  Introduction 
This thesis presents a thorough analysis of the material properties and phase 

behavior of two classes of materials: divalent ionic surfactant salts, and protein and 

polymer glasses. There has been extensive interest in understanding the phase behavior of 

ionic surfactants with divalent counterions due to the many applications of ionic 

surfactants in processes in which they may come into contact with divalent ions. 

Predicting hardness tolerance (precipitation in hard water, i.e., in the presence of Ca2+ 

and Mg2+) is important to prevent precipitation in detergency and oil recovery 

applications and to encourage precipitation in surfactant recovery [1-4]. Understanding 

the structure of the micellar phase itself is important for systems in which reactions take 

place within the micelles, or for when they are used for templating [5-8]. In Chapter 2, 

partial temperature-composition phase diagrams are presented for magnesium dodecyl 

sulfate-water and calcium dodecyl sulfate-water, with a particular focus on the micelle-

to-crystal bilayer transition (see Fig. 1-1). Phase diagrams of the sodium dodecyl sulfate 

(SDS)-water system in the presence of those divalent counterions are also presented, and 

it is shown that incorporating diphenylhexatriene, a hydrophobic molecule, into the solid 

phase is feasible. 
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Figure 1-1. Solid bilayer crystals of calcium dodecyl sulfate. The surfactant 
precipitates as flat (~ 1 µm thick) crystals. 

The second, and main, part of this thesis (Chapters 3-6) builds upon previous 

work conducted in the lab, which focused on using the micropipette technique to form 

and observe two-phase microsystems—specifically, single liquid droplets suspended in a 

second, immiscible liquid phase. If the volume of the surrounding phase has a sufficient 

capacity to dissolve the droplet component, the entire microdroplet phase will dissolve. 

For a pure liquid droplet, the dissolution rate is based on the solubility and diffusion of 

the droplet component in the surrounding medium, and can be predicted by the Epstein-

Plesset equation [9, 10]. In the present work, the kinetics of this process is examined 

more fully. Corrections to the Epstein-Plesset equation that are necessary due to the 

experimental conditions are outlined, and the assumptions of the model are investigated 

(Chapter 3). Chapters 4-6 focus on the formation and dissolution (or desolvation) of 

solution microdroplets (salt, protein, and polymer, respectively.) The goal of Chapter 4 is 

to model the kinetics of this process. A modification to the Epstein-Plesset equation is 

presented that accounts for how the presence of a solute decreases the dissolution rate. 
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This model is based on the assumptions that the liquid droplet component is in local 

thermodynamic equilibrium on both sides of the droplet interface, and that this is 

sufficient to predict the dissolution rate. The model is confirmed by observing the 

dehydration of NaCl solution microdroplets (see Fig. 1-2).  

 

Figure 1-2. Videomicrograph of a solution droplet of sodium chloride dehydrating 
in butyl acetate, showing the formation of a salt crystal. 

Chapter 5 presents the application of this technique to the formation of a solid 

drug particle (in this case, protein) formed by extracting water into a surrounding organic 

solvent. Unlike lyophilization (freeze drying), this process results in the formation of 

smooth, spherical beads of protein (see Fig. 1-3). The results of single-particle 

experiments are analyzed in terms of the interaction potential between proteins, and 

compared to other methods of studying protein dehydration. It is shown that the 

calculated level of dehydration at water activities greater than 0.75 is consistent among 

vapor sorption techniques, dehydration in organic solvents, and values from the literature. 
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The distance-dependence of the interaction potential at distances less than 9 Å was found 

to have a decay length of 1.7 Å, which is consistent with the known decay length of 

hydration pressure between other biological materials. 

 

Figure 1-3. Scanning electron microscopy images of crushed lyophilized bovine 
serum albumin (BSA) (left) and microglassified BSA (right). (BSA microbeads 
were prepared by David Gaul.) 

Chapter 6 considers oil-in-water emulsions to look at polymer microsphere 

formation, specifically poly(lactide-co-glycolide) (PLGA) solution in ethyl acetate or 

dichloromethane. The systems were chosen based on a commonly used procedure for 

making microspheres for long-term drug release: an oil-in-water emulsion is formed (i.e., 

the polymer solution is emulsified in an aqueous phase), and the solvent is extracted from 

the polymer solution droplets into the surrounding aqueous phase resulting in hardened 

polymer microspheres. When a drug or protein is added to the oil phase as a suspension 

(solid) or emulsion (liquid), it becomes trapped in the polymer microsphere (see Fig. 1-

4). The microsystems studied in this thesis can each serve as direct single-particle studies 



 

 5 

of actual drug delivery systems (e.g., protein encapsulated in PLGA), or as model 

systems with which to study the materials and principles that govern particle formation.  

 

Figure 1-4. PLGA microsphere formed from dichloromethane solution with 
encapsulated BSA microbeads. 

1.1 Brief Description of Systems 

1.1.1 Anionic Surfactants 

An ionic surfactant is a molecule that consists of a hydrophilic head group and a 

hydrophobic tail. When mixed with water (or another polar solvent), the headgroup may 

dissociate, similar to any soluble salt. (In the case of sodium dodecyl sulfate (SDS), the 

sodium counterion dissociates, leaving a negatively charged sulfate head group.) The 

hydrophobic tail limits the aqueous solubility of the molecule and allows the formation of 

phases unique to amphiphilic molecules, such as micelles or liquid crystalline phases, in 

addition to the monomer and crystalline phases found for inorganic salts. Phase 
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boundaries and structures are determined by the balance between head group solvation, 

repulsion between charged headgroups (and the screening of that repulsion in solution), 

the attraction between hydrophobic tails, and the physical packing of the molecule. 

The general form of the phase diagram (at constant pressure) for ionic surfactant-

water systems is shown in Fig. 1-4. In the very dilute (left) range, there is a single liquid 

phase (L1) in which the surfactant is dissolved as a monomer1. As the concentration 

increases beyond the monomer solubility limit, the phase behavior depends on the 

temperature. Below the critical micelle temperature (CMT), micelles cannot form and 

any additional surfactant precipitates as a solid crystalline phase (C). The border between 

points 1 and 2 represents the equilibrium between monomer solution and solid crystal 

phases. Point 2 (defined as the Krafft point) represents the intersection of the CMT and 

the minimum surfactant concentration necessary to form micelles, or the critical micelle 

concentration (CMC). The formation of micelles greatly increases the solubility of the 

surfactant, causing the sharp bend in the solubility curve at the Krafft point. The border 

between points 2 and 3 represents the equilibrium between a micellar solution and the 

solid crystal phase. This line is commonly referred to as the Krafft temperature, not to be 

confused with the minimum temperature at which micelles can form. In many systems, 

the temperature increase from point 2 to point 3 is very small, so the Krafft temperature is 

nearly constant at the CMT/Krafft point temperature. Throughout this document, 

however, this is not assumed; the Krafft point is a specific temperature and concentration, 

                                                 

1 In the context of this thesis, the temperature range considered is between 2ºC and 90ºC, i.e., no freezing or 
boiling. 
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whereas the Krafft temperature may change with concentration. Point 3 represents the 

minimum temperature and concentration at which the hexagonal phase (Hα), or 

hexagonally packed rod-like micelles, can form. Chapter 2 will demonstrate how this 

phase diagram is affected when changing from a monovalent to a divalent counterion, by 

investigating the alkaline earth metal series (Mg, Ca, Sr, and Ba) of the dodecyl sulfate 

(DS) system. 

 
Figure 1-5. Schematic of a partial phase diagram of an ionic surfactant-water 
system. Point 2 marks the Krafft point. The line between points 2 and 3 represents 
the Krafft temperature. (CMT = critical micelle temperature; CMC = critical 
micelle concentration; L1 = isotropic liquid phase; C = solid crystalline phase; Hα 
= hexagonal phase) 

1.1.2 Two-Phase Microsystems: Solvent Extraction 

The remaining chapters (Chapters 3-6) are based on the method of solvent 

extraction. In these systems, two immiscible liquid phases are placed in contact by 

forming a single droplet of one phase into a medium of the other (or, on the bulk scale, by 

emulsifying one phase in another). If the droplet phase contains a solute that is insoluble 
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in the surrounding medium (Chapters 4-6), the dehydration (or desolvation, more 

generally) of that solute will result in a precipitated crystalline or amorphous particle. 

Examples of each will be presented in this thesis. 

Predicting droplet dissolution rates (Chapters 3 and 4) is important in particle 

engineering for both spray drying (liquid-in-gas) [11-13] and solvent extraction (liquid-

in-liquid) processes, such as colloidal cluster self-assembly [14], polymer microsphere 

formation [15-20], or microglassification [21, 22] (the protein dehydration technique 

presented in Chapter 5). In all cases, the rate of desolvation/dehydration can influence the 

resulting particle morphology and is important to understand in order to determine 

appropriate processing parameters, such as the composition and volume of the extraction 

phase.  

Chapter 5 presents a protein dehydration technique in which a single protein 

solution microdroplet (lysozyme or bovine serum albumin) is formed in a long-chain 

alcohol organic phase. This technique has a twofold purpose: determining and controlling 

protein hydration, and producing a solidified protein bead. The surrounding alcohol phase 

can be partially saturated with water in order to set the water activity. The protein 

concentration of an equilibrated protein bead can then be determined by measuring 

changes in microdroplet (or microbead) volume. Along with a packing model for protein 

molecules, this allows the determination of a force-distance curve in the range of 2-25 Å. 

As a technique for producing solidified beads, it has been shown that dehydration in these 

long-chain alcohols does not significantly or irreversibly change protein structure [21], 

making this an alternative to lyophilization for protein preservation. Additionally, by 



 

 9 

setting the emulsion droplet size and solution concentration, protein beads can be formed 

in a range of sizes for use in drug delivery systems such as the polymer microspheres 

presented in Chapter 6.  

One of the most common methods of preparing these polymer microspheres is 

solvent extraction/evaporation [15, 16, 23-27]. The polymer is first dissolved in an 

organic solvent (oil phase). The drug is then added as a solid suspension, dissolved in the 

polymer solvent (or cosolvent [17, 23]), or dissolved in an aqueous solution and then 

added to create a water-in-oil emulsion. In solvent extraction/evaporation, this oil phase 

(dispersed phase) is then added to an aqueous phase (continuous phase) to form an oil-in-

water emulsion. The solvent is removed from oil phase droplets at a rate determined by 

the volume of the aqueous phase and the solubility and/or vapor pressure of the solvent 

used. For example, the polymer phase is frequently added to a small amount of water that 

contains a surfactant to create the oil-in-water (o/w) emulsion. The emulsion is then 

combined with a large amount of water sufficient to extract most of the remaining solvent 

from the droplets. The o/w emulsion is then left stirring to allow the solvent to 

completely evaporate. The microspheres are then collected, washed, and dried. A critical 

barrier in the development of hydrolytic polymer microspheres for drug delivery is 

controlling the internal water content of the microspheres during this solvent 

extraction/evaporation process. Since the polymer degrades by hydrolysis, the hydration 

rate is an important factor in predicting release. A large uptake of water during 

processing leads to a more porous microstructure and faster release rates. In Chapter 6, 

the micropipette technique will be used to form single poly(D,L-lactide-co-glycolide) 
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(PLGA) solution microdroplets, and observe the formation of any water phase separation 

regions, or inclusions, that results from microsphere desolvation. The rate of inclusion 

growth will be presented, as well as observations of inclusions growth when protein is 

present in the microsphere. 

The information gathered from these single-particle experiments and models can 

be used to guide scaled-up production. The dissolution models presented in this thesis are 

based on diffusion-limited dissolution of single droplets, and are therefore not able to 

directly predict the dissolution rates of bulk emulsion systems in which there are multiple 

droplets moving under convection. However, the models can be used to determine how 

changing a parameter (such as the dissolution medium composition or droplet solute) will 

change the dissolution rate. Understanding the effect of these changes allows one to 

determine the appropriate continuous phase solvent and volume, and the minimum 

stirring time necessary to ensure that particles are in fact dehydrated to the desired extent. 

1.2 Specific Aims 

1.2.1 Ionic Surfactant Phase Changes 

The overall goal of Specific Aim (SA) 1 is to understand the influence of the 

counterion on the phases of dodecyl sulfate surfactants (SA1a and SA1b), and to 

demonstrate the feasibility of encapsulating a small hydrophobic molecule (DPH) in the 

crystal structure (SA1c). SA1c will test the hypothesis that a hydrophobic molecule 

solubilized in micelles will remain associated with the hydrocarbon tail during the 

micelle-to-bilayer (L1 → C) transition, becoming incorporated into the bilayer structure. 
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Completion of SA1 will also result in protocols for studying the phases of ionic surfactant 

systems. 

Specific Aim 1a: To determine the temperature-concentration phase diagrams of 

magnesium dodecyl sulfate (Mg(DS)2) and calcium dodecyl sulfate (Ca(DS)2) in 

the dilute range (up to the hexagonal phase), including structural information 

about the solid and liquid phases. 

Specific Aim 1b: To determine the temperature-concentration phase diagrams of 

aqueous SDS-MgCl2 and SDS-CaCl2 systems at a 250 mM combined 

concentration. 

Specific Aim 1c: To encapsulate diphenylhexatriene (DPH) in the solid phase of 

Mg(DS)2 and Ca(DS)2. 

1.2.2 Pure Liquid Microdroplet Dissolution  

The overall goal of SA2 is to determine the limitations of using the Epstein-

Plesset equation and the micropipette technique to model liquid microdroplet dissolution 

in order to establish a foundation for making modifications to the model. The Epstein-

Plesset (E-P) equation is given by [9]: 

𝑑𝑅
𝑑𝑡

=
1
𝜌
𝐷(𝑐𝑖 − 𝑐𝑠) �

1
𝑅

+
1

√𝜋𝐷𝑡
� (1-1) 

where R is the droplet radius as a function of time, t, ρ is the density of the droplet liquid, 

D is the diffusion coefficient of the droplet liquid through the surrounding medium, cs is 

its solubility in the surrounding medium, and ci is the initial concentration of the droplet 

component in the surrounding medium. If cs and ρ are known, Eq. 1-1 can be used to 
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determine D by measuring droplet radius as a function of time. The assumptions of the 

model will be discussed, and modifications necessary to accommodate experimental 

procedures will be quantified. Unexpectedly, preliminary experiments showed that the 

measured mass transfer coefficient was a function of initial droplet size, rather than a 

constant value equivalent to the diffusion coefficient. The model will be used to measure 

these mass transfer coefficients of the pure liquid systems used in this thesis, and an 

explanation for the size dependence observed in this context will be presented. 

Specific Aim 2: To determine mass transfer coefficients for liquid-liquid systems as a 

function of initial droplet size (40-150 µm) by fitting experimental data to the 

Epstein-Plesset equation (Eq. 1-1). 

1.2.3 Solution Microdroplet Dissolution 

The overall goal of SA3 is to predict the dissolution rate of a microdroplet that 

contains a solute, such as salt, protein, or polymer. Specifically, SA3 will test the 

hypothesis that the dissolution rate of a solute-containing droplet is determined by the 

activity of the dissolving liquid droplet component. If true, the dissolution of a solute-

containing droplet could be predicted by a modified version of the E-P equation: 

𝑑𝑅
𝑑𝑡

=
1
𝜌
𝐷(𝑐𝑖 − 𝑐𝑟=𝑅) �

1
𝑅

+
1

√𝜋𝐷𝑡
� (1-2) 

where cr=R is the solubility of the droplet liquid component just outside the droplet 

interface, and is a changing function of solute concentration. 
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Specific Aim 3: To develop a droplet dissolution model (Eq. 1-2) that accounts for the 

presence of a solute and to test the model by measuring the dissolution of NaCl 

solution droplets into octanol and butyl acetate. 

1.2.4 Protein Dehydration 

The overall goal of SA4 is to determine the distance-dependence of the hydration 

pressure between protein surfaces, Phyd = Po exp(-d/λ), where λ is a decay length, d is the 

distance between surfaces, and Po is the pressure extrapolated to d = 0. It will be shown 

that the micropipette technique can be used to measure and control protein (de)hydration 

in a glassified bead. Additionally, the results of this study provide another test system for 

the kinetic model developed in SA3. Both the equilibrium hydration data and the kinetic 

model will be important for the development of scaled-up production of glassified protein 

beads, which could improve the storage of protein products and the delivery of protein 

therapeutics. SA4a will test the hypothesis that water in a microbead of protein (lysozyme 

or bovine serum albumin) is in equilibrium with its surrounding environment, i.e., protein 

hydration is a function of water activity. SA4b will test the hypothesis that the value of λ 

for globular protein (lysozyme) is the same as that found for other biological surfaces in 

water, such as lipid bilayers (1 – 3 Å). SA4c will compare the dehydration rate of a 

protein microdroplet to that predicted by the model presented in SA3. 

Specific Aim 4a: To determine the equilibrium concentration of water in lysozyme 

and bovine serum albumin microdroplets dehydrated in decanol, octanol, or 

pentanol. 
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Specific Aim 4b: To calculate hydration pressure as a function of distance between 

the surfaces of the globular protein lysozyme. 

Specific Aim 4c: To compare the dehydration rates of lysozyme and bovine serum 

albumin solution microdroplets to the rates predicted by Eq. 1-2. 

1.2.5 Polymer Microsphere Formation 

The overall goal of SA5 is to use the micropipette technique to observe individual 

polymer microsphere formation in situ. SA5a and SA5b will test the hypothesis that 

solvents that have a greater solubility for water (e.g., ethyl acetate) will result in greater 

water inclusion formation than solvents with a lower solubility for water (e.g., 

dichloromethane). This is based on the assumption that inclusions form when the 

polymer microdroplet becomes supersaturated with water, and the polymer concentration 

is high enough at the droplet boundary that water cannot quickly diffuse out. SA5c will 

further test this assumption by comparing the dissolution rate to that predicted the model. 

Specific Aim 5a: To measure the glass transition temperature of poly (DL-lactide-co-

glycolide) (PLGA) as a function of water and organic solvent content. 

Specific Aim 5b:  To measure the desolvation rate and final polymer concentration of 

PLGA solution microdroplets in an aqueous medium. 

Specific Aim 5c: To compare the dissolution rate of PLGA solution microdroplets to 

the rate predicted by Eq. 1-2. 

Specific Aim 5d: To observe the encapsulation of glassified protein microbeads in 

single PLGA microspheres. 
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1.3 General Thermodynamics Review2 

The fundamental principles underlying phase equilibrium were described by 

Gibbs, who defined a phase as follows: “We may call such bodies as differ in 

composition or state different phases of the matter considered, regarding all bodies which 

differ only in quantity and form as different examples of the same phase. Phases which 

can exist together, the dividing surfaces being plane, in an equilibrium which does not 

depend upon passive resistance to change, we shall call coexistent.” [28] He later 

identified the possible changes in energy of such a system. For a system consisting of a 

uniform phase of constant mass, the differential energy change is given by dU = TdS – 

PdV, where U is the total internal energy of the system, T is temperature, S is entropy, P 

is pressure, and V is volume. The internal energy change, dU, is a result of the heat 

received (TdS) and the work done (PdV) by the system. If the mass of a phase is not 

constant, the fundamental equation describing a system becomes 

𝑑𝑈 = 𝑇𝑑𝑆 − 𝑃𝑑𝑉 + �𝜇𝑖𝑑𝑁𝑖 (1-3) 

where Ni is the number of particles of component i, and µi is the chemical potential, or 

differential energy with respect to Ni (for constant S and V). 

By defining the Gibbs free energy (or the “available energy” in Gibbs’ terms) of a 

substance as G = H – TS, where H = U + PV is enthalpy, the fundamental equation (Eq. 

1-3) at constant temperature and pressure, can be written as 

𝑑𝐺 = �𝜇𝑖𝑑𝑁𝑖 (1-4) 

                                                 

2 The derivations in this section are summarized from Gibbs [28] and Chanda [29]. 
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The chemical potential (µi = (∂G/∂Ni)T,P,Nj≠i) is a partial molar quantity, an intensive 

variable defined by dividing two extensive variables. In other words, it describes how the 

energy of a system changes when a quantity of a component is added or removed—the 

Gibbs free energy per molecule of a substance. Since systems tend toward lower free 

energies, this determines the flow of particles between phases; they will move from 

higher chemical potential to lower chemical potential. This concept is extremely 

important in understanding the two-phase microsystems presented in this thesis, since it 

is this chemical potential difference that drives mass transfer between the liquid phase 

and the surrounding medium. When the chemical potentials of a component in two 

different phases are equal, the components are in thermodynamic equilibrium. (This does 

not necessarily mean that no mass transfer takes place, but that the number of molecules 

moving from phase α to phase β is balanced by the number of molecules moving from β 

to α.) 

Gibbs also describes the number of independent variations in intensive properties 

that are possible given a known number of phases and components. The number of 

independent variations (also known as the degrees of freedom or variance) is limited by 

the fact that the phases are in equilibrium. Based on Eq. 1-3, there are n + 2 independent 

variables. At equilibrium, the temperature, pressure, and potentials of each component 

are the same in each phase, which limits the number of independent variations by the 

number of phases. Thus, F = n + 2 – p, where p is the number of phases, and F is the 

number of independent intensive variables (i.e., degrees of freedom). This is an important 

concept in the construction and use of phase diagrams. In binary phase diagrams such as 
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Fig. 1-4, the pressure is constant, which reduces the degrees of freedom, and n = 2, so F = 

2 + 1 – p. Transitions from a two-phase region to a one-phase region can therefore be 

univariant (F = 1) or invariant (F = 0). If the transition involves α + β → β, there are two 

phases present at the boundary and F = 1. If the transition involves α + β → γ, there are 

three phases at the boundary and F = 0. This is important in the interpretation of heat 

flow curves in calorimetry. A univariant transition is characterized by a gradual heat flow 

change through the two-phase region, and a sharp drop in heat flow at the boundary. An 

invariant transition is characterized by a very sharp peak (∂H/∂T → ∞) at the transition 

[30]. 

When two components are mixed, the free energy of the system changes 

according to ∆Gmix = G12 – G1 – G2, where G12 is the free energy of the mixture and G1 

and G2 are the free energies of the pure components. When the free energy of mixing is 

negative, the process is energetically favorable and therefore spontaneous. The entropy 

and enthalpy also change similarly according to ∆Smix = S12 – S1 – S2 and ∆Hmix = H12 – 

H1 – H2. The definition of free energy then gives ∆Gmix = ∆Hmix – T∆Smix. The entropies 

and enthalpies of different components are not necessarily additive upon mixing, so ∆Smix 

and ∆Hmix usually have non-zero values. The entropy contribution due to configurational 

or combinatorial changes will always be positive (more configurations available due to 

the larger volume of the mixture). The enthalpy change will depend on intermolecular 

interactions. When two substances are combined, any bonds or interactions between 

molecules of the same substance, with interaction energies w11 and w22, must be broken, 

and are then replaced by the interactions between molecules of the two substances, w12. 
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The change in enthalpy is then proportional to ∆w12 = w12 – (w11 + w22)/2. Thus, if the 

components interact strongly with themselves (large negative w11 and w22) and do not 

interact strongly with each other (small negative w12), the change in enthalpy will be 

dominated by breaking bonds, which is an endothermic process (∆Hmix > 0). In this case, 

the two components will only mix if the entropic gain, T∆Smix, is larger than ∆Hmix. On 

the other hand, if the interaction between the two components is stronger than w11 and 

w22, mixing is exothermic and more energetically favorable. 

The free energy of mixing can be calculated according to a lattice model, in which 

it is assumed that the molecules of both components are the same size and are placed 

randomly into a three-dimensional lattice. In an ideal mixture, interactions between all 

molecules, i.e., both components, are the same. As such, w11 = w22 = w12, so ∆Hmix = 0, 

and the only contribution to entropy is configurational. This entropy change can then be 

calculated using statistical mechanics and the Boltzmann relation, S = kB ln Ω, where kB 

is Boltzmann’s constant and Ω is the total number of distinguishable arrangements of 

equal energy. The entropy of mixing is then given by 

∆𝑆𝑚𝑖𝑥 = −𝑅[𝑛1 ln 𝑥1 + 𝑛2 ln 𝑥2] (1-5) 

where R is the gas constant, ni is the number of moles of component i and xi is the mole 

fraction of component i. The total free energy of mixing for an ideal system is then 

∆𝐺𝑚𝑖𝑥 = −𝑇∆𝑆𝑚𝑖𝑥 = 𝑅𝑇[𝑛1 ln 𝑥1 + 𝑛2 ln 𝑥2] (1-6) 

Note that mole fractions are necessarily less than 1, so ln xi < 0, ∆Smix > 0, and ∆Gmix < 

0, which indicates that mixing is energetically favorable. In a non-ideal system, ∆Hmix ≠ 

0. Using the same lattice model, and some assumptions about the nature of intermolecular 



 

 19 

interactions, it is possible to estimate this enthalpy change. It was mentioned above that 

∆Hmix is proportional to ∆w12. That proportionality constant is necessarily N12, the 

number of 1-2 contacts. In a completely random lattice configuration, N12 = N1x2z, where 

z is the coordination number of the lattice, so ∆Hmix = N1x2z∆w12. 

 A method of estimating the enthalpy of mixing was developed by Hildebrand 

using solubility parameters [31]. This theory assumes that the interaction between solute 

and solvent, w12, is the geometric mean of the interaction between same components, 

(w11w22)1/2. By defining the solubility parameters, δ1 = (z1w11/2v1)1/2 and δ2 = 

(z2w22/2v2)1/2, it can be shown that ∆Hmix = φ1φ2Vmix(δ1 – δ2)1/2, where Vmix is the 

volume of the mixture and vi is the molecular volume of component i. The square of the 

solubility parameter represents the interaction energy of a component with itself, which is 

known as its cohesive energy density, or the energy required to remove a unit volume to 

an infinite distance (i.e., a gas). The cohesive energy density in the liquid state is then 

equivalent to the molar heat of vaporization divided by the molar volume. This connects 

the enthalpy of mixing to a measurable parameter of each of the pure components. 

 The Flory-Huggins model [32, 33] expands this basic lattice model by accounting 

for large size differences between the solute (component 2, i.e., polymer) and solvent 

(component 1). The polymer is treated as a molecule of σ segments, each of which is the 

same size as a solvent molecule (so σ = V2/V1, V is molar volume). The complete details 

of the derivation will not be presented here, but there are some important results that 

deserve attention. After requiring that polymer segments (of a single molecule) be 

connected, the calculated configurational entropy change is 
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∆𝑆𝑚𝑖𝑥 = −𝑅[𝑛1 ln𝜙1 + 𝑛2 ln𝜙2] (1-7) 

where φi is the volume fraction of component i (as compared to the mole fraction in Eq. 

1-5). Similarly, the enthalpy change becomes 

∆𝐻𝑚𝑖𝑥 = 𝑛1𝜙2𝑁𝐴𝑉𝑧∆𝑤12 = 𝑅𝑇𝑛1𝜙2𝜒12 (1-8) 

where χ, the Flory-Huggins interaction parameter, is defined as χ = NAVz∆w12/RT. The 

combined free energy of mixing is then given by the Flory-Huggins equation: 

∆𝐺𝑚𝑖𝑥 = 𝑅𝑇[𝑛1 ln𝜙1 + 𝑛2 ln𝜙2 + 𝑛1𝜙2𝜒12] (1-9) 

This equation is particularly important in Chapter 6. Using the definition of chemical 

potential above, it can be used to relate the chemical potentials (or activities) of the 

components to their volume fractions. 

1.4 Intermolecular Forces3 

All intermolecular forces or interactions are fundamentally electrostatic in nature. 

Molecules may have a net charge (e.g. Na+), a permanent dipole (e.g., water), or could be 

entirely non-polar (e.g., CCl4). Between two charges or dipoles, there is the familiar 

Coulomb force. Interactions involving non-polar molecules (as well as polar and charged) 

result from polarization, or induced dipoles, which occurs when the electron cloud of a 

molecule is displaced by an external electric field (such as the orbiting electrons of a 

nearby molecule). The van der Waals force is a combined result of dipole-dipole, induced 

dipole-dipole, and induced dipole-induced dipole interactions. The last of those 

interactions, known as dispersion forces, involves induced dipoles only, and so applies to 

all molecules, including non-polar molecules. For hydrophilic surfaces in aqueous 
                                                 

3 The relationships in this section are summarized from Israelachvili [34], Hiemenz [35], and Leckband and 
Israelachvili [36]. 
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solution there is also an electrostatic repulsive force. The surface of a protein molecule, 

for example, becomes charged as surface groups dissociate. Interactions between charges 

on the surface and ions in solution increase the density of these counterions near the 

surface of the protein. This forms a diffuse double-layer of ions, such that the electric 

potential decreases approximately exponentially away from the surface. As two surfaces 

or molecules approach each other, the double-layers overlap resulting in a repulsive 

force. The van der Waals forces and electric double-layer forces are known as DLVO 

forces, named for Derjaguin & Landau and Verwey & Overbeek, who independently 

developed theories of colloidal stability based on these interactions.  

The van der Waals interaction energy between two infinite planar surfaces is 

given by [34-36]: 

𝐸𝑉𝐷𝑊 = −
𝐻

12𝜋𝑑2
 (1-10) 

where H is the Hamaker constant, and d is the distance between surfaces. The force per 

unit area (pressure, P) is then easily obtained from the relationship, F = -∂E/∂d: 

𝑃𝑉𝐷𝑊 = −
𝐻

6𝜋𝑑3
 (1-11) 

This relationship is calculated assuming pairwise additivity of the interaction energy 

between molecules. (For the calculation of other geometries, see Hamaker [37].) 

According to the Lifshitz theory of van der Waals forces [38, 39], the interaction energy 

between large bodies can be calculated by treating them as continuous media. The 

Hamaker constant depends on the properties of the objects and the medium between 

them. For two identical phases (1) interacting across a medium (3), the Hamaker constant 

is given by [34]: 
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𝐻 ≈
3
4
𝑘𝐵𝑇 �

𝜀1 − 𝜀3
𝜀1 + 𝜀3

�
2

+
3ℎ𝜈𝑒
16√2

(𝑛12 − 𝑛32)2

(𝑛12 + 𝑛32)3/2 (1-12) 

where ε1 and ε3 are dielectric constants, h is Planck’s constant (6.6 × 10-34 J·s), νe is an 

electronic absorption frequency (~ 3 × 1015 s-1), and n1 and n3 are refractive indices. If 

the two surfaces are the same, this force will always be attractive. Note also that the force 

is stronger when the medium between the surfaces has a very different dielectric constant 

and refractive index (e.g., two surfaces interacting across a vacuum). On the other hand, 

in the theoretical limit of two surfaces suspended in a medium of the identical 

composition (ε1 = ε3, n1 = n3), the force vanishes.  

The interaction energy due to overlapping electrical double-layers is given by 

𝐸𝐷𝐿 = 64𝑘𝐵𝑇𝜌∞tanh2(𝑧𝑒𝜓0 4𝑘𝐵𝑇⁄ )𝜅−1𝑒−𝑑/𝜅−1 (1-13) 

where ρ∞ is the number density of ions in solution, z is the valence of the ions, ψ0 is the 

surface potential, and κ is the Debye length, also considered the “thickness” of the 

double layer. The Debye length is the characteristic decay length of the electric potential, 

as ions in solution screen out the electric field produced by the charged surface. At 298 

K, the Debye length is: 

𝜅−1 = �
𝜀0𝜀𝑟𝑘𝐵𝑇
2𝑁𝐴𝑉𝑒2𝐼

=
3.07 × 10−10

√𝐼
 in m (1-14) 

where I is the ionic strength 0.5∑𝑐𝑖𝑧𝑖2, ci is the concentration of the ith ionic species, and 

the constants have their usual values: 

𝜀0 = 8.85 ×  10−12 C2/J∙m 
𝜀𝑟 = 80 
𝑒 = 1.6 × 10−19C 
𝑘𝐵=1.38 ×  10−23 J/K 
𝑇 = 298 K 

(1-15) 
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𝑁𝐴𝑉=6.02 × 1023 mol−1 
The surface potential can be related to the surface charge density by the Grahame 

equation: 

𝜓0 =
2000𝑘𝐵𝑇

𝑧𝑒
sinh-1 �

𝜎
�8𝜀0𝜀𝑟𝑘𝐵𝑇𝜌∞

� (1-16) 

The force (per unit area) is then EDLκ. Note from equations 1-14 and 1-16 that as the 

ionic strength increases, the surface potential and Debye length both decrease resulting in 

a lower interaction energy that decays more quickly with distance. 

Throughout the rest of this thesis, it is important to keep these interactions mind. 

As mentioned earlier, they determine the phases of the surfactant systems—the attractive 

force between hydrophobic tails opposes the repulsive force between charged 

headgroups. In Chapter 6, these interactions are studied explicitly for proteins in solution 

that are dehydrated within a microdroplet and brought within a few Angstroms of each 

other. 
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Chapter 2. Ionic Surfactant Phase Changes 

2.1 Introduction 

Phase behavior of a divalent ionic surfactant differs from that of its monovalent 

counterpart. Of fundamental importance is the change in electrostatic interactions 

between head groups. Since the Debye length depends on ion valence, the screening 

length for divalent ions is significantly shorter, resulting in properties similar to nonionic 

surfactants [40]. (Obviously, below the Krafft temperature, there is a very low 

concentration of singly dispersed surfactant molecules, and therefore a very low ionic 

strength unless additional electrolytes are added. However, above the Krafft temperature, 

even with no other electrolytes present, counterions are partially dissociated from 

micelles and contribute to the overall ionic strength.) 

One of the earliest studies of divalent metal (Me) dodecyl sulfates was done by 

Miyamoto in 1960, in which he determined solubilities at various temperatures, and the 

level of hydration of the solid phase when dried under ambient conditions [41]. The 

primary motivation of this early research was to understand the effect these counterions 

have on emulsions stabilized with sodium dodecyl sulfate (SDS) or other ionic 

surfactants. Since divalent ionic surfactants have a higher Krafft temperature, resulting in 

precipitation at room temperature, there has been a lot of interest in understanding 

precipitation phase boundaries and mixed surfactant systems [1, 2, 42-48]. In 1969, 

Schwuger determined Krafft points and surface adsorption for the sodium, potassium, 

magnesium, and calcium tetradecyl sulfate systems [49]. By studying solubility curves, 

he determined the temperatures of Krafft points in the SDS-MeCl2 system at a few 
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different salt/surfactant ratios. In 1973, Hato determined the Krafft points of divalent 

metal alkyl sulfates [50], and in a paper with Shinoda observed a depression of the Krafft 

temperature in sodium-calcium surfactant mixtures (discussed later), as well as an overall 

depression in Krafft temperature by increasing the oxyethelene chain length in sodium 

and calcium dodecylpoly(oxyethylene sulfates [4]. Moroi et al. did similar work, with a 

focus on mixed micelle formation with monovalent and bivalent ions [51]. The only 

comprehensive temperature-composition phase diagram of these surfactants in the 

literature is that of Kekicheff, et al. who did extensive DSC analysis, along with 

microscopy, nuclear magnetic resonance, and light scattering to determine the phase 

diagram at >30% SDS [52]. Other phase diagrams are available of ternary systems, such 

as Ca(DS)2-alcohol-water, usually with a focus on swollen lamellar phases [53-56]. 

None of these works include the Krafft temperature boundary over the entire 

composition range between the Krafft point (CMC) and the onset of the hexagonal phase. 

This region is important to understand, including the region where solid surfactant 

coexists with micellar solution. Since there are several applications that take advantage of 

this liquid micellar phase structure, it is important to understand how changing the 

composition (such as divalent counterions) changes the phase diagram and the structure 

of each phase. Additionally, it might be possible to use the micelle-to-bilayer transition to 

encapsulate hydrophobic molecules in the bilayer structure, either for drug delivery 

applications (with a biologically compatible surfactant) or for the purpose of studying the 

hydrophobic molecule itself. 
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2.2 Materials and Methods 

2.2.1 Materials 

Sodium dodecyl sulfate (SDS, see Fig. 2-1, top) was obtained from Fluka (> 99.0 

%). 1,6-Diphenyl-1,3,5-hexatriene (DPH, see Fig. 2-1, bottom) (98%), magnesium 

chloride (MgCl2) (> 98%), calcium chloride dihydrate (CaCl2•2H2O) (> 99.0%), 

strontium chloride hexahydrate (SrCl2•6H2O) (99%), and barium chloride dihydrate 

(BaCl2•2H2O) (> 99%) were obtained from Sigma. Sodium chloride (NaCl) (100.0%) 

was obtained from Mallinckrodt Chemicals (Mallinckrodt Baker, Phillipsburg, NJ). 

Magnesium, calcium, strontium, and barium dodecyl sulfates (Mg(DS)2, 

Ca(DS)2, Sr(DS)2, and Ba(DS)2, respectively) were produced by mixing solutions of 

SDS and the corresponding chloride salt. The precipitate was collected via vacuum 

filtration, washed with de-ionized water, and allowed to air dry. This process produces 

anhydrous surfactants, except for Mg(DS)2•6H2O [41]. Surfactants were stored in a 

sealed glass vial at room temperature. DPH stock solution was prepared in methanol at a 

concentration of 30 µM (based on absorbance at 350 nm [57]). 

 

 

Figure 2-1. Chemical structures of sodium dodecyl sulfate (top) and 
diphenylhexatriene (bottom). 
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2.2.2 Critical Micelle Concentration (CMC) 

The CMC was determined by solubilization of DPH using absorbance or 

fluorescence measurements (or both). DPH is insoluble in water and its fluorescence is 

quenched by water [57], so below the CMC it will not display an absorbance or 

fluorescence signal in solution [58]. Above the CMC, DPH is solubilized in micelles. The 

intersection of the two lines (above and below CMC) was taken as the CMC. (See 

Appendix for notes on DPH photobleaching.)  

Samples were prepared with SDS concentrations ranging from 1 mM to 35 mM in 

order to bracket the expected CMC, and a constant concentration of DPH (either 0.1 or 

0.3 µM). All samples were prepared to a total volume of 3 ml, and each contained 10 or 

30 µl of DPH solution (30 µM). Reference solutions were prepared at the same 

concentrations of SDS containing 10 or 30 µl of pure methanol. All DPH solutions were 

incubated in the dark at least 45 min to reverse any photoisomerization that occurred 

during sample preparation [58, 59]. 

Fluorescence measurements were made using a Shimadzu RF-1501 

Spectrofluorophotometer with quartz cuvettes. The excitation and emission wavelengths 

used were 358 nm and 420 nm, respectively, with slit widths of 10 nm and 20 nm, 

respectively. The machine was set to low sensitivity, since a test of a 35 mM sample 

showed that high sensitivity was beyond the limits of the instrument. Response time was 

set to auto (2 s), which should be long enough to be insensitive to minor fluctuations and 

noise. Measurements for each sample were taken 3 times sequentially, waiting 45 

seconds before the first measurement and between measurements to allow some 
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fluorescence recovery. At higher concentrations (above 15 mM), the waiting period was 

increased to 1 minute. For those samples which produced a standard deviation greater 

than 5%, a second set of measurements was taken after allowing the samples to recover in 

darkness for a few hours [58]. All sample preparation and measurements were done at 

room temperature. 

Absorbance measurements were taken using a Shimadzu UV-1601 

Spectrophotometer at λ = 358 nm. Except when taking a measurement, the shutter was 

blocked in order to minimize any photobleaching. 

2.2.3 Differential Scanning Calorimetry (DSC) 

All scans were performed on a Perkin Elmer Diamond DSC equipped with an 

intercooler and analyzed using Perkin Elmer software. Approximately 1-10 mg of dry 

surfactant was weighed into an aluminum sample pan. The appropriate amount of water 

was then added to the pan just before sealing (to prevent evaporation). The pan was then 

weighed again to determine the mass fraction of surfactant. This usually produced a 

concentration within 1-2% of the target. A sealed pan containing the same amount of 

water was used as a reference. For small fractions of surfactant, a solution was prepared 

and then added to the sample pan. 

The sample was heated above the Krafft temperature to hydrate the sample. The 

program (“run”) for each sample consisted of this initial heating, cooling at 10ºC/min to 

2ºC, holding for 10 minutes, heating at 10ºC/min to 90ºC, then cooling back to 2ºC, and 

cycling through the transition at different scan rates. Faster rates pick up smaller energy 

transitions, and slower rates have better resolution. By taking scans at several 
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temperatures, one can more easily identify important features, and extrapolate values to 

zero scan speed to reduce the effects of thermal lag. The initial scan through 90ºC 

allowed the identification of any low-energy transitions above the Krafft temperature. 

Repeating the scans also allowed a comparison of transition temperatures and enthalpies 

in order to get more accurate results. Sample pans were weighed after each run to verify 

that the seal did not leak and that no water was lost due to evaporation. 

2.2.4 X-Ray Diffraction (XRD) 

Two types of surfactant samples were prepared for x-ray diffraction experiments: 

samples of dry, pure surfactant crystals, and samples of precipitated crystals still in the 

aqueous phase (i.e., SDS and the divalent metal chloride).  

Dry samples of Mg(DS)2, Ca(DS)2, and Sr(DS)2 were prepared for x-ray 

diffraction by placing a small amount of surfactant crystal suspension in water on a glass 

slide. When dried, the surfactant crystals adhered sufficiently to the surface, and were 

partially oriented, i.e., bilayers were stacked parallel to the glass surface. Scans were 

performed using a Panalytical X’Pert PRO MRD HR X-Ray Diffraction System (part of 

Duke’s Shared Materials Instrumentation Facility), which uses a copper Kα x-ray source 

(λ = 1.54 Å). 

A second set of experiments was performed on unoriented (suspended in liquid 

phase) and partially oriented samples of all four divalent ionic surfactants (data collected 

by Thomas McIntosh). The experimental setup was the same as previously reported for 

unoriented [60-62] and oriented lipid bilayers [62]. 
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X-ray diffraction is a technique based on the elastic scattering of x-rays by the 

electrons in a material. The observed diffraction peaks are a result of constructive 

interference between x-rays scattered from atoms that are situated in a regular, repeating 

pattern, i.e., a crystal structure. For an incident x-ray beam entering the sample at an 

angle, θ, the observed diffraction peaks are related to the interatomic spacing by the 

Bragg equation: 

ℎ𝜆 = 2𝑑 sin𝜃 (2-1) 

Where h is an integer, λ is the x-ray wavelength, and d is the distance between the atoms 

responsible for the signal. For our partially oriented samples, we would expect to see 

diffraction peaks that correspond to the lamellar repeat distance.  

The electron density of a sample can be determined from the amplitude and phase 

of the scattered wave. The electron density was calculated according to: 

𝜌(𝑥) = �±|𝐹(ℎ)|cos (2𝜋𝑥ℎ/𝑑)
ℎ

 (2-2) 

where φ(h) is the phase information for order h (equal to ±1 for a centrosymmetric system 

[63]), F(h) is the structure factor, x is the distance from the bilayer center, and d is the 

lamellar repeat distance. The structure factor is given by 

𝐹(ℎ) = �𝑐ℎ𝐼(ℎ) (2-3) 

where I(h) is the measured intensity of diffraction (i.e., the area under diffraction peak of 

order h), and 𝑐 = 𝑑 ∑ 𝐼(ℎ)ℎ⁄  is the Lorentz correction factor [64]. 

The intensity is proportional to the square of the amplitude of the structure factor, 

so it contains no phase information. Phases were chosen based on current knowledge of 

the crystal structure and electron densities: the head groups, which also contain the metal 
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counterions, should have the highest electron density; the hydrocarbon chains should 

have a lower electron density; the methyl groups at the end of the hydrocarbon chains 

should have the lowest density. 

2.2.5 Micelle Detection 

In order to determine whether micelles were present in the mixed SDS-divalent 

salt systems that contained a solid phase, a procedure was devised to separate the 

supernatant from the solid phase at the desired temperature in the phase diagram, and to 

identify any micelles present by DPH encapsulation. During this procedure, the sample 

stayed within 2ºC of the phase diagram temperature, as determined by monitoring with a 

thermocouple. 

Samples (5-10 ml) were prepared in 15-ml centrifuge tubes at the desired 

composition. They were then stored at 4ºC at least several hours to allow precipitation to 

take place. 50-ml centrifuge tubes were filled with about 25 ml of water and equilibrated 

in a water bath. (This water helps insulate the 15-ml sample tubes.) The sample tubes 

were placed inside the 50-ml tubes and equilibrated several hours, vortexing occasionally 

to distribute crystals and ensure dissolution to the solubility limit. The centrifuge 

(ThermoScientific Sorvall Legend XIR) was then equilibrated at the desired temperature 

(just below the phase diagram temperature if below room temperature; just above the 

phase diagram temperature if above room temperature). Samples (entire 50-ml and 15-ml 

tube assembly) were centrifuged at ~3000 rpm for ~4 minutes, or until the crystals settled 

enough to draw off the supernatant. If longer spinning times were required, the samples 

were returned to the bath for several minutes and centrifuged again. 1-2 ml of the 
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supernatant were then transferred to a culture tube along with 10 µl DPH/ml. The sample 

was covered with Parafilm, vortexed, and placed back in the water bath (15-ml sample 

was no longer needed). This concentration of DPH solution was chosen because there is 

enough DPH to easily see peaks in the absorbance at concentrations just higher than the 

CMC (see Fig. 2-2 below), and the concentration of methanol is small enough to not 

effect the CMC [65]. Samples were allowed to equilibrate at temperature in the dark for 

~2 hrs. (DPH solubilization was generally detectable within minutes). Even if a few 

crystals were present, they did not solubilize any detectable amount of DPH. The 

absorbance of each sample was measured between 200 and 500 nm.  

There are two factors that affect the absorbance that need to be considered in 

these experiments: the effect of the solution components and the effect of small crystals 

in suspension, which were sometimes still present in the supernatant of a centrifuged 

sample. Neither SDS, NaCl, CaCl2, nor MgCl2 have strong absorbance in the range of 

DPH, and all have increasing absorbance in the near-UV range. The presence of crystals 

increased the absorbance evenly over the spectrum of interest (250-500 nm). An upper 

wavelength limit of 500 nm was chosen to help quantify the amount of light scattered 

away by these particles, since none of the solvents or solutes used absorb at that 

wavelength. In order to minimize any effect of crystals in supernatant samples, the 

difference between a peak (356 nm) and valley (345 nm) in the DPH spectrum was 

chosen, rather than only a peak value. An absorbance difference greater than 0.01 was 

interpreted as having micelles present. In most cases, the absorbance difference was 

either below this value (no micelles) or ~ 0.04. 
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2.2.6 Micelle Ionization 

It is assumed that ionic surfactant monomers in solution are fully dissociated, i.e., 

dissolved SDS exists as DS- and Na+. In micellar form, however, some counterions must 

remain associated with the micelle surface to decrease the charge density of (and the 

repulsive force between) the closely packed head groups. The degree of micelle 

ionization, or counterion dissociation, α, is important in determining the shape of the 

micelles and the phase behavior of the system. It can be measured by the change in slope 

of conductivity below and above the CMC [66, 67], as well as ultrafiltration, 

potentiometry, and NMR spectroscopy [67]. 

Recently, Bales et al. have shown that α can be determined by measuring any 

physical quantity that depends on total counterion concentration, including the Krafft 

temperature [68]. It is therefore possible to determine α by comparing the Krafft 

temperature of a pure surfactant solution to the Krafft temperature of a solution with 

added counterions. The total concentration of counterions in solution, Caq, is a 

combination of counterions dissociated from micelles, counterions dissociated from 

monomer, and counterions added by the addition of salt, or Caq = αCmic + Cmon + Cad, 

where α is the dissociation constant (i.e., 1 – α counterions are condensed onto the 

micelle surface), Cmic is the concentration of surfactant in micellar form, and Cmon is the 

concentration of surfactant in monomer form. Since the total concentration of surfactant 

is given by Ctot = Cmic + Cmon, it can be shown by simple substitution that the total 

concentration of counterions in the aqueous phase can be given by:  
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𝐶aq =
𝛼𝐶tot + (1 − 𝛼)𝐶mon + 𝐶ad

1 − 𝑉𝐶tot
 (2-4) 

where V is the molar volume of surfactant, and the (1 – VCtot)-1 term is a correction factor 

for the excluded volume effect [67-69]. 

 The Krafft temperature was determined for SDS-NaCl mixtures and Ca(DS)2-

CaCl2 mixtures by visual inspection, using a procedure similar to that of Smirnova, et al. 

[70]. Samples (2 ml) were prepared in vials with Teflon-coated caps by mixing known 

ratios of surfactant solution and water or salt solution. Samples were kept at 4ºC 

overnight to induce crystallization. They were then placed in a water bath and kept at the 

starting temperature (below the expected Krafft temperature) for 45-60 minutes, with 

occasional gentle shaking. The water bath temperature was raised in increments of 1-2ºC 

initially and then 0.1-0.2ºC while approaching the Krafft temperature (as determined by 

dissolution of a large portion of the initial solid phase). At each temperature the samples 

were allowed to equilibrate and were checked for the presence of crystals. The Krafft 

temperature was estimated as the midpoint between the temperature at which trace 

amount of crystal remained and the incremental higher temperature at which there was a 

clear solution. 

2.2.7 DPH Encapsulation 

Crystals were precipitated by adding MgCl2 or CaCl2 to an SDS solution (50 

mol%, 200 mM total) containing DPH. The microscope setup consisted of a Zeiss 

Axivert 200 microscope equipped with a DAPI filter cube (max excitation = 365 nm; 



 

 35 

beamsplitter at 395 nm; longpass barrier filter at 420 nm). Images were acquired with a 

CoolSNAP CCD camera and RSImage software. 

2.3 Results & Discussion 

2.3.1 CMC 

Absorbance spectra are shown in Fig. 2-2 for selected concentrations of SDS at 

20˚C. Below the CMC, absorbance spectra changed very little with surfactant 

concentration. Just above the CMC, the 3 characteristic absorption peaks of DPH became 

visible and increased in magnitude with increasing SDS concentration. At high 

concentration, spectra remained constant, indicating that either the micelles had 

solubilized all available DPH or that the probe concentration had passed the linear range 

(see Fig. 2-3). 

 

Figure 2-2. DPH absorbance spectra as a function of SDS concentration at 20˚C. 
[DPH] = 0.3µM. 
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The absorbance at 355 nm is plotted as a function of SDS concentration in Fig. 2-

3. The CMC, determined by the intersection of the two lines, is 9.0 mM. The average of 4 

trials was 9.0 ± 0.5 mM, which is consistent with the literature value of 8.5 mM [71]. 

Note that the absorbance measurements show no error bars. Unlike fluorescence 

intensity, absorbance measurements were very repeatable, so the standard deviation of 

several measurements is smaller than the size of the data point on the graph. The 

fluorescence intensity as a function of SDS concentration is shown in Fig. 2-4. Linear 

extrapolation below and above the CMC gave CMC = 10.1 mM. 

 
Figure 2-3. DPH absorbance at 355 nm as a function of SDS concentration. Filled 
circles represent data points used to calculate the CMC (9.0 mM). [DPH] = 0.3 
µM. 
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Figure 2-4. DPH fluorescence intensity as a function of SDS concentration. Filled 
circles represent data points used to calculate the CMC (10.1 mM). [DPH] = 0.1 
µM. 

The addition of salt is known to decrease the CMC. The increase in ionic strength 

shields the charges on the outside of the micelle, reducing the electrostatic forces that 

oppose surfactant aggregation. When the CMC of SDS was measured using DPH 

fluorescence in the presence of 0.1 M NaCl (I = 0.1 M), the CMC was found to be 1.5 

mM (see Fig. 2-5). In the presence of 0.5 mM MgCl2 (I = 0.0015 M) the CMC was 

reduced to 4.0 mM (see Fig. 2-6). Since these experiments were performed at room 

temperature, higher concentrations of divalent ions caused precipitation—an indication 

that the solutions were more concentrated than the divalent surfactant solubility curve, 

and below its critical micelle temperature. 
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Figure 2-5. DPH fluorescence intensity as a function of SDS concentration in the 
presence of 0.1 M NaCl. Filled circles represent data points used to calculate the 
CMC (1.5 mM). [DPH] = 0.1 µM. 

 

Figure 2-6. DPH fluorescence intensity as a function of SDS concentration in the 
presence of 0.5 mM MgCl2. Filled circles represent data points used to calculate 
the CMC (4.0 mM). [DPH] = 0.1 µM. 
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The CMC of Ca(DS)2 surfactant (i.e., no other electrolytes or surfactants) was 

measured by absorbance at 60ºC to be 1.4 mM (Fig. 2-7). This is consistent with values 

in the literature, which range from 1.1 mM [50] to 1.6 mM at 50ºC [41]. The CMC of 

Mg(DS)2 was not measured, but literature values are in the same range as the CMC for 

Ca(DS)2: 1.23 mM at 30ºC [51], 1.20 mM at 35ºC [72], and 1.40 mM at 50ºC [72]. 

 

Figure 2-7. DPH absorbance at 355 nm as a function of Ca(DS)2 concentration at 
60ºC. Filled circles represent data points used to calculate the CMC (1.4 mM). 
[DPH] = 0.11 µM. 

2.3.2 Phase Diagrams 

Pure Surfactant-Water Systems 

Fig. 2-8 shows DSC scans of each surfactant at approximately 10 wt%. Each 

system shows a single endothermic peak. This was typical for low surfactant 

concentrations (less than ~30 wt%). Only a few scans were taken of Sr(DS)2 and 

Ba(DS)2 (just enough to identify the Krafft temperature and measure transition enthalpy). 
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Scans of SDS, Mg(DS)2, and Ca(DS)2 were taken at high enough surfactant 

concentrations to see the onset of the hexagonal phase. Representative scans from 

Mg(DS)2, and Ca(DS)2 are shown in Fig. 2-9. The transition to the hexagonal phase is 

visible as an invariant peak at the same temperature as the Krafft temperature. Higher 

temperature peaks were present in samples with greater than 10-20 wt% surfactant, but 

were not considered in this study. 

 

Figure 2-8. DSC heating scans (0.5ºC/min) of Mg(DS)2, Ca(DS)2, Sr(DS)2, and 
Ba(DS)2 at 9.9, 10.0, 9.9, and 7.4 wt%, respectively, in water. For comparison, all 
scans were vertically aligned. Tick marks on the vertical axis are equivalent to 0.1 
mW. 
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Figure 2-9. DSC heating scans (0.5ºC/min) of Mg(DS)2 and Ca(DS)2 at 42.5 and 
43.8 wt%, respectively, showing the onset of the hexagonal phase. The broad 
peak (univariant transition) represents the dissolution of the solid phase (L1 + C 
→ L1). The sharp peak (invariant transition) represents the transition to the 
hexagonal phase (L1 + C → Hα). Tick marks on the vertical axis are equivalent to 
0.2 mW. 

Fig. 2-10 shows a combined phase diagram of the SDS-, Mg(DS)2-, and Ca(DS)2-

water systems. The onset of the crystal phase dissolution peak is marked with open data 

points. This corresponds to the temperature at which micelles form, greatly increasing the 

solubility of the surfactant, and is roughly equal to the Krafft point temperature. The 

endpoint of this transition, which corresponds to the complete dissolution of the solid 

phase (Krafft temperature), is marked with solid data points. The concentration at which 

the hexagonal phase transition was first observed is marked with a dashed line. In the 

Mg(DS)2-H2O system, literature data was available for the phase boundaries at 40ºC 



 

 42 

[73], so these points were also included as the endpoints of the dashed line boundary (×). 

For clarity, the solid points (Krafft temperature) are connected with a solid line. The error 

bars shown on the open points represent the estimated error in weighing out and 

calculating the mass percent of surfactant. (The same error obviously also applies to the 

Krafft temperature points.) Vertical error bars are not shown. The estimated error in the 

temperatures of the transitions is ~ 0.2ºC, based on variations in extrapolating to a zero 

scan rate. The average enthalpy of the L1 + C → L1 transition in each system is 

summarized in Table 2-1, along with the Krafft point determined by the onset of the DSC 

transition. With increasing atomic number (in the alkaline earth metal series), the Krafft 

temperature increased, and the molar enthalpy of the transition decreased. The Krafft 

points of Mg(DS)2, Ca(DS)2, and Sr(DS)2 were about 3-5ºC higher than those reported in 

the literature [41, 47]. 

Table 2-1. Measured enthalpy change for the C + L → L transition 

Surfactant Krafft Point (ºC) ∆H (kJ/mol) 
SDS 9 42 ± 5 

Mg(DS)2 30 82 ± 9 
Ca(DS)2 54 54 ± 8 
Sr(DS)2 67 39 ± 2 
Ba(DS)2 74 23 ± 2 
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Figure 2-10. Combined phase diagrams of SDS-H2O, Mg(DS)2-H2O, and 
Ca(DS)2-H2O, determined from calorimetry data. Open data points represent the 
onset of the transition. Solid data points represent the endpoint of the transition. 
Dashed lines mark the approximate onset of the hexagonal phase. Phases are 
labeled in the SDS-H2O system only. (C = solid crystalline; L1 = isotropic liquid; 
Hα = hexagonal; × = data from [73]) 

At surfactant concentrations less than ~ 30 wt%, only one thermal transition was 

detected between 2 and 90ºC. This corresponds to the dissolution of the crystals, or the 

univariant transition from C + L1 → L1. According to the phase rule, there should be a 

gradual heat capacity change throughout the two-phase (C + L1) region, and a sharp heat 

capacity drop at the boundary with L1. For the divalent surfactants, the DSC scan shows 

a fairly sharp (~2ºC wide) peak. This is not sharp enough to suggest an invariant 

transition, but it clearly shows that most of the dissolution of the crystal phase takes place 

in these last two degrees before the phase boundary. This is consistent with the slope of 
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the monomer solubility and Krafft temperature boundaries. At low temperature, the 

boundary is nearly vertical; this is the solubility curve of the surfactant monomer. Once 

the temperature is high enough that micelles can form (Krafft point), the boundary turns 

sharply and has a gradual slope (following the Krafft temperature) until it reaches the 

eutectic temperature. The temperature of this onset of rapid dissolution should correspond 

to the temperature of the Krafft point for surfactant concentrations, and increased by only 

< 1.5ºC in the range between the CMC and the onset of the hexagonal phase. 

In the Ca(DS)2 system, a transition was observed for a very dilute sample, 0.05 

wt%, at 46.4ºC. This corresponds to ~ 0.9 mM, which is below the CMC (1.4 mM). (This 

was the only point measured below the CMC in any system.) This transition therefore 

represents the dissolution of monomer only, so there was no onset temperature. In this 

case, the DSC scan showed only a drop (no peak), and was only detectable at high scan 

speeds. 

Evidence of an invariant transition for Mg(DS)2 was present between 31.0 and 1.9 

wt % in the form of a sharp endothermic peak on the broader crystal melting peak. The 

peak continued to increase with increasing surfactant concentration, which is 

characteristic of the transition to the hexagonal phase. The minimum wt% for the 

formation of the hexagonal phase as a single phase in the Mg(DS)2-H2O system at 40ºC 

was 43.6% [73] (shown as an × in Fig. 2-10). In the Ca(DS)2 system, this peak was first 

visible at 38.0 wt%, very similar to SDS system, in which this occurs at 38.5 wt % [52]. 
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SDS-MeCl2-H2O 

Fig. 2-11 shows the heat flow curve for CaCl2-SDS at 75 mol% SDS (250 mM 

total). In this region, there are two visible transitions. The first transition corresponds to 

the dissolution of SDS crystals. The narrow temperature range indicates that most of 

crystals dissolve within a few degrees. The second transition corresponds to the 

dissolution of Ca(DS)2 crystals. This occurred at higher temperature and with a larger 

energy for smaller fractions of SDS. Compared to the SDS dissolution peak, this 

transition occurred over a much broader temperature range. 

 

Figure 2-11. DSC heating scan (2ºC/min) of CaCl2-SDS-water at 75 mol% SDS 
(250 mM total). Tick marks on the vertical axis are equivalent to 0.1 mW. 

Fig. 2-12 and Fig. 2-13 show DSC and micelle detection data for the MgCl2-SDS 

and CaCl2-SDS phase diagrams, respectively, at 250 mM ([Ca2+ or Mg2+] + [DS-] = 250 

mM) along with a schematic of the phase boundaries. Phases were assigned based on 
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visual observation, DSC data, and micelle detection. (In DSC scans at high mol% SDS, 

transitions were detected in between the boundaries for micelle formation and complete 

crystal dissolution (~ 10-20ºC), which likely correspond to the crystal transitions found in 

the SDS-H2O system [52]. However, since these crystal structure changes were not 

confirmed, they were not included in the schematic diagrams.) Both phase diagrams show 

similar features, discussed below. 

 

Figure 2-12. Phase diagram of the MgCl2-SDS (250 mM) system. (left) DSC (♦) 
and micelle detection data (○ = micelles present; + = no micelles present). (right) 
Schematic of the phase boundaries where L1 = liquid and C = crystalline phases. 
The dotted line indicated the onset of micelle formation. 
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Figure 2-13. Phase diagram of the CaCl2-SDS (250 mM) system. (left) DSC (♦) 
and micelle detection data (○ = micelles present; + = no micelles present). (right) 
Schematic of the phase boundaries where L1 = liquid and C = crystalline phases. 
The dotted line indicated the onset of micelle formation. 

The phase diagrams involving surfactant, MeCl2, and water are based on quite 

complex interactions. They include a combination of a mixed surfactant system (SDS and 

the divalent metal dodecyl sulfate) and a surfactant system with excess counterions. At 

the pure SDS side (100 mol% SDS), the phase diagram corresponds to 7.2 wt% SDS of 

an SDS-H2O phase diagram. As the mole fraction of SDS is reduced (and therefore the 

fraction of MeCl2 increased), the Krafft temperature (defined in this context as the 

complete dissolution of all crystalline material) initially decreases, reaching a minimum 

in both systems at 96 mol% SDS. This is consistent with observations of mixtures of 

calcium and sodium surfactants. Hato and Shinoda investigated the Krafft temperatures 

of mixtures of calcium and sodium dodecylpoly(oxyethylene) sulfates and found that a 

minimum occurred between 5 and 40 mol% calcium, depending on the surfactant [4]. 

They also observed an initial depression in the Krafft temperature upon adding a divalent 
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metal chloride to a sodium surfactant solution. Since the Krafft temperature can be 

viewed as melting of the hydrated crystal, they attributed this to the freezing point 

depression of a binary mixture, in which the liquid phase is favored due to the increased 

entropy of mixing. Similarly, Tsujii, et al. investigated mixtures of sodium and calcium 

alkylbenzene sulfonates, α-olefin sulfonates, and alkylpoly(oxyethylene) sulfates [74]. 

All mixtures had a depression of the Krafft temperature at some composition, except 

mixtures that were miscible in the solid phase (two different sodium alkylbenzene 

sulfonates), again supporting the idea that the Krafft point depression is entropically 

driven by mixing in the liquid phase. This supports two conclusions regarding the SDS-

salt solution mixtures above: the solid phase does, in fact, consist of separate SDS and 

Ca(DS)2/Mg(DS)2 crystals, and the micelles contain both monovalent and divalent 

counterions. 

The stoichiometric ratio for the formation of the divalent salt is at 66 mol% SDS. 

When excess DS- ions are present, there can be three phases below the Krafft temperature 

(SDS crystal, Mg(DS)2 or Ca(DS)2 crystal, isotropic solution). SDS precipitates 

separately from Mg(DS)2 or Ca(DS)2, and the crystals dissolve at separate temperatures. 

At a ratio below 66 mol% SDS, all the DS- ions are bound to the divalent counterions and 

there are only two phases below the Krafft temperature (Mg(DS)2 or Ca(DS)2 and 

isotropic solution). Interestingly, the Krafft temperatures at 66 mol% SDS in both the 

MgCl2 and CaCl2 systems are 1-2ºC lower than the Krafft temperature of the 

corresponding pure divalent surfactant (i.e., Mg(DS)2 or Ca(DS)2 at 83 mM). In other 

words, adding NaCl2 to a divalent surfactant salt also depresses the Krafft temperature. 
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This is an important distinction from a system that contains the same counterion, such as 

Mg(DS)2-MgCl2, which raises the Krafft temperature. 

When a common counterion is added to the surfactant-water system it changes its 

properties. In the liquid phase, the extra ions increase the ionic strength, shielding the 

charge of the head group, therefore making association between monomers more 

energetically favorable and lowering the CMC. The common ion effect also decreases the 

solubility of any salt of the ion. In other words, if Ksp = [Na+][DS-], then an increase in 

[Na+], such as adding NaCl, must be balanced by a decrease in [DS-], which results in 

precipitation into the solid phase. This is evident by an increase in the Krafft temperature.  

2.3.3 Phase Structures: Analysis of the Solid Phase and Micellar 
Phase 

Counterion Dissociation 

According to Bales’ theory, since the Krafft temperature depends on total 

counterion concentration in solution (Caq), the dissociation constant, α, can be varied 

until all Krafft temperature vs Caq points fall on a common curve (where Caq is calculated 

according to Eq. 2-4). The value of α used to calculate this curve is therefore the actual 

value of counterion dissociation. He demonstrated this method with SDS and found α = 

0.26 ± 0.02 by measuring the Krafft temperature [75] and α = 0.272 ± 0.017 by 

measuring the aggregation number (by electron paramagnetic resonance) [69], which also 

depends on Caq. Both of these were in good agreement with other literature values. For 

Mg(DS)2, Kamenka and Zana calculated α= 0.13 at 35ºC and α0.16 at 50ºC by 

variation in electrical conductance [72]. No literature data were found for Ca(DS)2.  
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Fig. 2-14 shows the experimentally determined Krafft temperature of Ca(DS)2 as 

a function of free counterion concentration. The graph on the left shows the counterion 

concentration calculated assuming α = 1 (fully dissociated). The graph on the right shows 

the counterion concentration according to the best-fit value of α = 0.19. This theory is 

accurate in the range of constant α. In the SDS system, α is constant up to ~ 600 mM 

[68], or ~ 17 wt% SDS. At higher concentrations, the micelles become more rod-shaped, 

and the dissociation constant decreases. In the limit of the phase transition to a 

precipitated crystal or a liquid crystalline phase, the dissociation constant is effectively 0. 

 

Figure 2-14. Krafft temperature of Ca(DS)2 as a function of the concentration of 
counterions in solution, calculated using α = 1 (left) and α = 0.19 (right). Open 
circles represent salt-free solutions. 

Structure of the Crystalline Phase  

All surfactant systems studied precipitate as a lamellar crystal with alternating 

layers of hydrocarbon chains and ions. X-ray diffractograms are shown in Figs. 2-15, 2-

16, and 2-17 for Mg(DS)2•6H2O, Ca(DS)2, and Sr(DS)2, respectively. The sample 
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preparation (see Methods) results in partially oriented crystals, i.e., they tend to lay flat 

on the glass so that layers are parallel to the surface. As a result, the lamellar diffraction 

patterns are very strong out to at least 5-10 orders. Experiments were also performed with 

Mg(DS)2•6H2O, Ca(DS)2, Sr(DS)2, and Ba(DS)2 that had been precipitated from SDS 

and the metal chloride, still in that aqueous phase (data collected by Thomas McIntosh). 

The diffraction patterns from these samples showed the same lamellar repeat distances 

obtained from the dry samples, indicating that there was no water layer, i.e., no swelling. 

The lamellar repeat distances are summarized in Table 2-2 along with data from the 

literature on lamellar repeat distances and area per head group. The only quantitative x-

ray diffraction data found on these divalent systems was a single crystal x-ray diffraction 

study of Mg(DS)2•6H2O by Coiro and Mazza [76]. The reported value of d, 21.04 Å, is 

consistent with the value presented here. That same group also determined the crystal 

structures of various forms of SDS [77, 78] (also included in Table 2-2), more recently 

reviewed by Smith, et al. [79]. Rodriguez-Navarro et al. reported an x-ray diffractogram 

of Ca(DS)2 precipitated from a calcite suspension in SDS [80]. While they did not report 

a lamellar repeat distance, their diffraction data is consistent with the data shown here in 

Fig. 2-14. 
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Table 2-2. Lamellar repeat distances and head group area determined by x-ray 
diffraction. 

 d (Å) Head group area (Å2) 
Mg(DS)2 20.9 ± 0.1 

21.04c 
44.1c 

Ca(DS)2 30.0 ± 0.1 -- 
Sr(DS)2 35.7 ± 0.2 -- 
Ba(DS)2 33.6a -- 
SDS 38.9e 19.3e 
SDS•1/8H2O 38.8b 20.9b 
SDS•1/2H2O 30.8d 25.8d 
SDS•H2O 28.9b 29.5b 

a data obtained by Thomas McIntosh 
b Coiro, et al. [78] 
c Coiro and Mazza [76] 
d Coiro [77] 
e Smith [79] 

The first three reflections were used to create electron density profiles of the 

crystals, shown in Fig. 2-18. The five systems are very similar, with the exception of 

Mg(DS)2•6H2O, which has interdigitated hydrocarbon chains (see Fig. 2-18, bottom). 

From the early work of Miyamoto [41] it is known that Mg(DS)2 precipitates as a 

hexahydrate, while Ca(DS)2, Sr(DS)2, and Ba(DS)2 are anhydrous. Since a hydrated head 

group has a much larger area, it can accommodate interdigitated hydrocarbon chains. 

These results are consistent with those of Coiro and Mazza, who found that the 

hydrocarbon tails were, in fact, interdigitated, and the average head group area was 44.1 

Å2 [76], almost twice the average head group area found for SDS crystal phases, 19.3-

29.5 Å2 [77, 78]. 

Also of note are the differences in lamellar repeat distance. Smaller distances are 

due to tilting of the hydrocarbon chains from perpendicular. This tilt is associated with 

larger head groups for both SDS crystals [78, 79] and lipid bilayer systems [63], as the tilt 
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maximizes the van der Waals interactions between hydrocarbon chains. For example, the 

hydrocarbon chains of SDS•1/8H2O are almost perpendicular to the polar plane at 79º, 

resulting in a lamellar repeat distance of 38.8 Å [78]. SDS•1/2H2O, on the other hand, 

has a larger head group area (25.8 Å2), shorter lamellar repeat distance (30.8 Å), and the 

hydrocarbon chains have a 46º tilt from the polar plane [77]. The monohydrate has a 

larger head group still (29.5 Å2), resulting in a 40º tilt [78]. Comparing this to the 

lamellar repeat distance for the three non-interdigitated divalent metal surfactants, it is 

reasonable to assume that they each display some level of hydrocarbon tilt. 

 

 

Figure 2-15. X-ray diffractogram of crystalline Mg(DS)2•6H2O. 
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Figure 2-16. X-ray diffractogram of crystalline Ca(DS)2. 

 

Figure 2-17. X-ray diffractogram of crystalline Sr(DS)2. 
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Figure 2-18. (top) Electron density profiles of each divalent metal ion surfactant 
salt and (bottom) the corresponding schematics of the bilayer structures. The 
phase information for each system is given in the legend. Due to the larger 
(hydrated) head group area, the hydrocarbon chains of Mg(DS)2•6H2O 
interdigitate, resulting in a smaller lamellar repeat distance. 
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2.3.4 Incorporation of DPH into Surfactant Crystals 

As a proof of concept for using these bilayer structures to encapsulate small, 

hydrophobic molecules, Mg(DS)2 and Ca(DS)2 crystals were precipitated in the presence 

of DPH. The hypothesis was that since DPH was solubilized in micelles, some of it 

would remain associated with the surfactant hydrocarbon tails during bilayer crystal 

formation and become trapped in the crystal structure. Brightfield and fluorescence 

images of these crystals are shown in Fig. 2-19, demonstrating the feasibility of 

encapsulation. Due to its rod-like structure, DPH is known to align with the hydrocarbon 

chains in lipid bilayers, and is commonly used to study membrane fluidity [57, 81]. It is 

therefore likely that it is similarly aligned with the hydrocarbon tails of the surfactant, 

although the quantity of encapsulated DPH and its position in the crystal have not been 

determined.  
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Figure 2-19. Brightfield (left), fluorescence (middle), and overlay (right) images 
of DPH encapsulated in (A) Ca(DS)2 and (B) Mg(DS)2 crystals. 

2.4 Conclusions & Future Work 

The ability to adjust the phase behavior of ionic surfactant systems by altering 

counterion valency or salt concentration offers a great opportunity for entrapment of 

hydrophobic molecules. From Fig. 2-19, it is clear that DPH is not evenly distributed 

throughout the crystal. Future experiments could involve quantifying DPH fluorescence 

in crystals, measuring encapsulation efficiency, x-ray diffraction to determine whether 
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DPH alters the crystal structure, as well as investigating different encapsulation methods 

(e.g. cooling from a micellar solution of Ca(DS)2). SDS would be unsuitable for 

biological application—it is too toxic and too soluble—however, these same procedures 

could be used with a more biologically compatible surfactant. If the Krafft point of the 

system could be adjusted near body temperature, heat-triggered release could be an 

option. Another possible application is to use these crystals, or those of a more 

biologically compatible surfactant, as an inhalable powder. In this case, the Krafft 

temperature is relevant during processing, and drug release would be governed by the 

dissolution rate in the lung.  
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Chapter 3. Pure Liquid Microdroplet Dissolution 

3.1 Introduction 

The remainder of this work is focused on liquid-liquid microsystems, or 

microdroplets. This chapter presents the theory (Epstein-Plesset model) for pure liquid 

droplet dissolution and the modifications that are necessary to reflect the experimental 

setup of the micropipette technique. The model is examined in dimensionless form in 

order to gain a better understanding of the model’s assumptions and limitations. Seven 

liquid-liquid systems were studied in order to measure the diffusion coefficients 

necessary for modeling the systems in the following chapters. In some systems, a 

constant diffusion coefficient was not measurable due to the presence of convection. In 

these cases, a mass transfer coefficient, which includes both diffusion and this small 

amount of convection, was determined and was found to increase with increasing initial 

droplet size. This phenomenon is examined in the context of the model and its 

assumptions, and is explained by the formation of a buoyant plume. 

3.1.1 Background and Theory: The Epstein-Plesset Equation 

The simplest two-phase microsystem studied in this thesis consists of a pure 

liquid droplet formed into a surrounding immiscible liquid medium. This surrounding 

medium must be a separate liquid phase that forms an interface with the first phase, yet is 

able to dissolve the first phase. (Phases will be designated by Greek letters, and the 

components in each phase by numerical subscript. For example, phase α1,2 is a single 

phase α containing components 1 and 2.) A schematic of the dissolution process is shown 

in Fig. 3-1. As soon as the droplet (liquid phase β comprising component 2) is formed or 
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placed into the surrounding medium (liquid phase α comprising component 1), mass 

transfer between the two phases begins to take place—some solvent from phase α will 

dissolve into the droplet and the droplet will dissolve into the surrounding phase. 

Assuming phase α has the capacity to dissolve all of component 2, the droplet will 

dissolve completely and only phase α will remain. 

 
Figure 3-1. Dissolution of a pure liquid droplet into a surrounding liquid medium. 
A droplet phase β comprising component 2 is formed in a surrounding phase α 
comprising component 1. Mass transfer between both phases takes place and the 
droplet eventually completely dissolves. 

As an example, let us assume that the droplet (component 2) is an organic phase 

(ethyl acetate) and the dissolution medium (component 1) is water. Fig. 3-2 shows 

videomicrographs of an ethyl acetate microdroplet, held by a micropipette, dissolving 

into a surrounding water phase. Since the solubility of ethyl acetate in that large volume 

of water exceeds the volume of the droplet, the droplet dissolves completely. 
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Figure 3-2. Videomicrographs (180 × 180 µm) of an ethyl acetate microdroplet 
dissolving into water (A) 0 s, (B) 5 s, (C) 10 s, (D), 15 s, (E) 20 s, and (F) 25 s 
after forming the droplet. Initial droplet diameter was 133.4 µm. 

In 1950, Epstein and Plesset [9] derived an equation for gas bubble dissolution, 

which was later verified experimentally by Duncan and Needham for gas bubble 

dissolution into water [82] and liquid droplet dissolution into a second, immiscible liquid 

phase (water into aniline and aniline into water) [10]. The derivation assumes that the 

droplet1 is motionless (no convection), and that the boundary is motionless. This latter 

assumption is clearly not the case for a shrinking droplet. However, this assumption will 

not noticeably affect results as long as the concentration profile in the surrounding 

medium is large compared to the droplet radius and established quickly relative to its 

                                                 

1 Epstein and Plesset developed their model for gas bubble dissolution, but since it has been shown that it 
applies to liquid droplets, droplets will only be referred to in the rest of the document. 
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dissolution time. (This point will be discussed further in section 3.4.3.) At time t = 0 a 

single droplet of component 2 is placed in an infinite solution in which that component is 

dissolved at a uniform concentration ci. It is assumed that the concentration of component 

2 at the droplet boundary is always at the saturation limit, cs. The rate of droplet 

dissolution is determined by the mass flux of component 2 at the droplet boundary. 

According to Fick’s first law of diffusion, this flux is proportional to the concentration 

gradient2, so the total mass flux at the boundary of a spherical droplet is given by: 

𝑑𝑚
𝑑𝑡

= 4𝜋𝑅2𝐽 = 4𝜋𝑅2𝐷 �
𝜕𝑐
𝜕𝑟
�
𝑅

 (3-1) 

where m is the mass of component 2 (i.e., droplet mass), R is the droplet radius, J is flux 

per unit area, c is the concentration of component 2 at time t and a distance r > R from 

the center of the droplet, and the proportionality constant, D, is the diffusion coefficient 

of component 2 through the surrounding medium. Using the boundary conditions 

described above, Fick’s second law, 𝜕𝑐 𝜕𝑡⁄ = 𝐷(𝜕2𝑐 𝜕𝑟2)⁄ , is solved to give the 

concentration gradient at the droplet boundary, 
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which can then be substituted into Eq. 3-1. Since m = (4/3)πR3ρ, where ρ is the density of 

component 2 in the droplet, dm/dt = 4πR2(dR/dt)ρ. Solving for dR/dt gives: 

𝑑𝑅
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2 The concentration profile outside the droplet will be calculated in section 3.4.2. For the purpose of 
determining mass flux at the droplet boundary, only the concentration gradient at the boundary is 
necessary. 
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where f = ci/cs is the saturation fraction of the surrounding medium. Eq. 3-3 (the E-P 

model) can then be solved numerically using Euler’s Method (dt → ∆t). The two terms in 

brackets represent steady-state conditions (1/R) and the approach to steady state 

(1/(πDt)1/2), or transient term, respectively. When the droplet is first formed, the 

dissolution rate is very fast due to a small value of t. As the droplet dissolves, t increases 

making the transient term smaller. In the limit of steady-conditions, Eq. 3-3 can be solved 

analytically to give 𝑅 = (𝑅02 − 𝑐𝑠𝐷(1 − 𝑓)𝑡/𝜌)1/2. 

Applying this to the ethyl acetate droplet example (Fig. 3-2), the dissolution rate 

depends on the rate at which ethyl acetate moves away from the droplet interface. This 

depends on how quickly ethyl acetate molecules can move through the surrounding 

aqueous phase (diffusion coefficient, D) and on the driving force for the redistribution of 

molecules (the concentration gradient, or more specifically, the chemical potential 

gradient) of ethyl acetate in the dissolution medium. The (1 – f) term in Eq. 3-3 represents 

this gradient as the difference in saturation between the droplet surface (where f locally 

equals 1) and that at an infinite distance. If more ethyl acetate is initially dissolved into 

the dissolution medium (increasing f) the driving force for dissolution is decreased 

(decreasing 1 – f) and dissolution is slowed. Fig. 3-3 shows the theoretical dissolution 

profiles of ethyl acetate dissolving into water as a function of saturation fraction, f, along 

with the experimental data from the droplet shown in Fig. 3-2 (f = 0). In the limit of f = 

1.0, there is no driving force for dissolution and the droplet diameter remains constant.  
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Figure 3-3. Theoretical dissolution profiles of ethyl acetate dissolving into water 
as a function of the saturation fraction, f, of the dissolution medium. The 
experimental data from the droplet shown in Fig. 3-2 is also shown. Curves were 
calculated using literature values for ρ and cs, and D = 8.6 × 10-6 cm2/s (the value 
determined in this chapter). 

3.1.2 Using the Micropipette Technique 

The micropipette technique (used by Duncan and Needham to verify Eq. 3-3, and 

shown in Fig. 3-2) experimentally satisfies several of the essential conditions of the 

Epstein-Plesset model: a single droplet is formed in an “infinite” medium (10-1800-pl 

droplet in ~0.9-ml chamber); it is held motionless for diffusion-controlled dissolution; 

there is experimental control over ci (f remains constant due to the large volume of the 

surrounding phase); and R is easily measured as a function of t. The remaining 

parameters, solubility in the surrounding medium (cs), density of the dissolving 

component (ρ), and diffusion coefficient (D), can be measured by a separate technique or 
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obtained from the literature. If two of the three are known, the third can be determined by 

fitting the E-P equation to experimental data. As one example of this, Su et al. used this 

technique to measure diffusion coefficients of water in homologous series of alkanes and 

alcohols [83]. Using this model and technique, the physical parameters that govern the 

dissolution rate (diffusion, solubility, droplet size, solute concentration, water 

concentration) can be controlled and/or measured, allowing the effects of each parameter 

to be independently studied. 

3.2 Methods 

In this work, seven liquid-liquid systems were studied, three oil-in-water (o/w) 

systems and four water-in-oil (w/o) systems, which are listed in Table 3-1. The primary 

purpose of these experiments was to measure diffusion coefficients and provide baselines 

for the experiments in the following chapters. The solvents used in the three o/w systems 

were chosen for their use as solvents for PLGA (see Chapter 6). The water-in-alcohol 

systems were chosen for their use in microglassifying protein (see Chapter 5) and water-

in-butyl acetate was included as a system for studying salt droplet dissolution (see 

Chapter 4). 

3.2.1 Materials 

n-decanol (> 99 % pure), n-octanol (99% pure), n-pentanol (> 99% pure), butyl 

acetate (>99.5% pure, ACS reagent), and HMDS were obtained from Sigma Aldrich (St. 

Louis, MO). Ethyl acetate (99.9% pure, AR (ACS); product# 4992) was obtained from 

Mallinckrodt Baker, Inc. (Paris, KY). Dichloromethane (99.8%) was obtained from EMD 

Chemicals (Gibbstown, NJ). All solvents were stored over 3-Å molecular sieves (EM 
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Science, Gibbstown, NJ) to keep them dry. Properties of all solvents used are listed in 

Table 3-1. Water was deionized (resistivity >18 MΩ) and filtered using a Branstead 

Nanopure Life Sciences (UV/UF) ultrapure water system. 

Table 3-1 Properties of solvents from [84] at 20ºC unless otherwise specified. 

Solvent Formula MW 
(g/mol) 

Solubility (mass%) Boiling 
Point 
(˚C) 

Density 
(g/cm3) 

n 
Solvent 
in Water 

Water in 
Solvent 

Ethyl 
Acetate 

C4H8O2 88.106 8.08 
(25ºC) 

4 (vol%)a 77.11 0.900 1.3723 

Butyl 
Acetate 

C6H12O
2 

116.158 0.68 1.08 ± 0.02b  
1.9c 

126.1 0.883 1.3941 

Dichloro-
methane 

CH2Cl2 84.933 1.73 
(25ºC) 

0.2a 40 1.327 1.4242 

n-pentanol C5H12O 88.148 2.14 
(25ºC) 

10.79±0.02d 137.98 0.8144 1.4101 

n-octanol C8H18O 130.228 0.0460 
(25ºC) 

4.82 ± 0.08b 
5.04e 

195.16 0.8262 
(25ºC) 

1.4295 

n-decanol C10H22
O 

158.281 0.0037 
(25ºC) 

3.78±0.03d 
4.16e 

231.1 0.8297 1.4372 

aData from Industrial Solvents Handbook, 25ºC [85] 
bAs determined experimentally by Karl Fischer Titration, 22ºC  

cData from Dow [86] 

dData from Gaul et al. [21] 

eData from Segatin and Klofutar, 25ºC [87] 
 

3.2.2 Karl Fischer Titration 

Karl Fischer titration (Mettler Toledo, AquaStar AQC34) was used to determine 

the solubility of water in butyl acetate and octanol (see Table 3-1). Water was added to 

the solvents in excess of its expected solubility limit. The vial was then gently shaken 

periodically until no further mixing was observed. Solutions were left to equilibrate at 

least 24 hours, but up to several days for octanol. Repeated measurements on following 

days verified equilibration. All measurements were repeated in triplicate. (See Appendix 

for more details.) 
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3.2.3 Microdroplet Dissolution 

The single microdroplet dissolution and dehydration technique is based on 

previous work [10, 82, 88, 89] in which the micropipette setup was used to measure and 

model the dissolution of single 10 to 100-µm diameter microparticles in two-phase 

microsystems, including gas-in-liquid and liquid-in-liquid systems.  

For the work in this thesis, the experimental setup included an inverted optical 

microscope (Nikon Diaphot 200) with a 40x long working distance objective, video-

capture equipment, and a micropipette manipulation system. A charge-coupled device 

camera (Optronics Engineering) and multiplexer (Vista Electronics, La Mesa, CA) were 

interfaced with a videocassette recorder (Panasonic SVHS) to capture time-stamped 

video. Measurements were obtained using a video caliper system (Vista Electronics). For 

some experiments, the camera system was modified to accommodate a larger field of 

view and digital acquisition. The camera (Pike F-100B, Allied Vision Technologies) was 

controlled via a computer with StreamPix software (Norpix, Montreal, Quebec, Canada) 

and the captured video analyzed using ImageJ (National Institutes of Health, 

http://rsb.info.nih.gov/ij/). This increased the field of view from 90 µm × 120 µm to 180 

µm ×180 µm while maintaining a resolution of 0.2 µm/pixel. The micropipette 

manipulation system consisted of a de Fonbrune-type micromanipulator (Research 

Instruments, Inc., Durham, NC) mounted to the microscope. The micropipette was 

mounted in a chuck and then secured to the micromanipulator. The pressure in the 

micropipette was controlled with a 5-ml syringe. The micropipette position can be 

adjusted by coarse controls on the manipulator (such as lining up the micropipette with 
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the chamber opening) and by a pneumatic joystick controller for fine adjustments (such 

as centering the micropipette tip in the field of view or for catching a microdroplet). 

Micropipettes were formed from glass capillary tubes (0.75 mm × 0.4 mm × 6”; 

A-M Systems, Sequim, WA) using a vertical pipette puller (David Kopf Instruments) 

with the heater and solenoid set between 55 and 60. If an aqueous droplet is formed in an 

organic medium, the aqueous phase will spread on the outer surface of the (hydrophilic) 

glass micropipette. To eliminate this spreading, the micropipettes were vapor-coated with 

a thin layer of hydrophobic hexamethyldisilazane (HMDS) (see Appendix for protocol 

details of both these procedures). 

Droplets were formed using either a one-chamber or two-chamber method. The 

one-chamber method offers the convenience of having the micropipette filled with a large 

amount of the droplet liquid, while the two-chamber method offers more control over 

droplet size and dissolution conditions. Two-mm path length cuvettes (~0.95 ml) (Nova 

Biotech, El Cajon, CA) were used as the chambers as seen in Fig. 3-4. A support for the 

chamber(s) was made by gluing two double-barreled capillary tubes to pieces of a glass 

microscope slide. The entire support (shown in Fig. 3-4 with two chambers) has the 

dimensions of a standard microscope slide. This setup allows the middle of the chamber 

to be viewed without looking through a glass support, i.e., looking through the glass of 

the cuvette only. All experiments were done under ambient conditions (~22°C, 30-50% 

relative humidity). 
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Figure 3-4. Schematics of the microchamber setup. (left) Standard 2-mm path 
length cuvettes were used as the chambers for all micropipette experiments. 
(right) Side view of the setup used for microdroplet dissolution (adapted from 
Fig. 3B in [10]). Drawings are not to scale. 

In the one-chamber method, a micropipette is first front-filled with the droplet 

liquid by inserting the tip into a vial of solution and applying negative pressure with the 

syringe. After releasing the pressure, the micropipette is removed from the vial, mounted 

to the micromanipulator on the microscope, and inserted into the dissolution medium-

filled chamber. A microdroplet is formed by applying positive pressure in the 

micropipette to force out the liquid into the dissolution medium. The micromanipulator is 

gently tapped to release the droplet from the micropipette. The droplet is then quickly 

caught on the end of the micropipette by applying a slight suction and moved to a fresh 

location in the chamber (thus exposing the droplet to fresh solution and setting t = 0). 

Some droplets were caught and pulled completely into the pipette. The pipette could then 

be moved to a fresh part of the chamber and the droplet gently forced out into solution 

and recaptured.  

In the two-chamber method (Fig. 3-5), one chamber is filled (or partially filled) 

with the liquid used for the droplet phase (supply chamber), and the other with the 

dissolution medium (dissolution chamber). The front of the supply chamber may also be 
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filled with dissolution medium that is saturated with the droplet liquid, as shown in Fig. 

3-5. A plug of liquid is drawn into the micropipette from the plug of saturated dissolution 

medium in the supply chamber. (This saturated dissolution medium prevents evaporation 

of the droplet liquid phase.) The pipette in then inserted further into the chamber in order 

to drawn in enough liquid to form one droplet. The stage is then moved to the left (to 

remove the pipette from the chamber) and translated to line up the micropipette with the 

dissolution chamber. The pipette is then inserted into that chamber (by returning the stage 

to the right), where the droplet is forced from the pipette and held on the tip. The plug of 

solvent behind the droplet prevents evaporation of the droplet phase out the back of the 

pipette. 
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Figure 3-5. Schematic (top view) of the two-chamber method. 

All droplets in this chapter were formed using the two-chamber method. The 

micropipette was “plugged” with dissolution medium that had been saturated with the 

microdroplet phase to prevent dissolution into the micropipette. The best-fit values for D 

were then determined by the method of least squares using the Epstein-Plesset equation 

and the corrections described below. Initial experiments with water in octanol revealed 

the unexpected result that larger droplets gave larger values for D. However, D should be 

entirely independent of droplet size. This size-dependence is due to slight convection 
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resulting from the experimental set-up, so these best-fit values will be referred to as mass 

transfer coefficients, D´. This size-dependence had not previously been observed.  

To investigate this phenomenon in all systems, droplets were formed over a range 

of initial diameters. The smallest droplets were 30-40 µm in diameter; given the size of 

the micropipette, smaller droplets would introduce large errors. The upper bound of the 

droplet size is limited by the properties of the components of the individual system. If the 

two liquids have very different densities, the buoyant force, which is proportional to 

droplet volume, can cause the droplet to bend upward (or down) and collapse around the 

micropipette. If the surrounding dissolution medium is a volatile solvent, then droplet 

size can be limited by the evaporation of that medium; larger droplets take longer to 

dissolve, and the chamber environment must remain constant throughout that time. The 

chamber itself also imposes limitations on droplet size, which will be discussed further 

below. Droplets were measured until completely dissolved or at least as small as the 

micropipette tip (diameter ~ 10 µm). For fitting purposes, however, only data down to 

15-20 µm was used to minimize any error introduced by the micropipette. (The 

micropipette correction is discussed in the next section.) The values used for cs and ρ 

were obtained from the literature or measured and are listed in Table 3-1. For comparison 

purposes, the first point of each fully formed droplet was plotted at t = 0, but the 

formation time was taken into account when calculating the corresponding theoretical 

curves. (This formation time correction is also discussed in the next section.) 
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3.2.4 Curve-Fitting: Formation Time and Micropipette Corrections 

It is important to keep in mind that there are two corrections to the E-P model 

(Eq. 3-3) that are required by this experimental technique: t must be adjusted by the time 

elapsed while forming the droplet, and the surface area of the droplet available for 

dissolution must be reduced by the area covered by the micropipette. These corrections 

change the calculated dissolution time by (usually) less than ~10% each, but if not taken 

into account they would lead to a systematic error resulting in smaller calculated 

diffusion coefficients. Each correction will be presented below using the ethyl acetate 

droplet from Fig. 3-2 as an example. 

The first correction, which has not been used previously, is required by the fact 

that it takes time to form a droplet. According to Eq. 3-3, a droplet is instantaneously 

introduced into a dissolution medium at time t = 0, at which point mass transfer begins. 

However, this introduction, whether blowing solution from a micropipette or transferring 

a droplet from another location, cannot physically be instantaneous. The time required to 

form a droplet is time during which mass from the droplet begins to saturate the 

surrounding medium. This means that by the time the droplet is formed (i.e., is separated 

or completely emerged from the micropipette), the concentration profile around the 

droplet is already partially established. Since the dissolution rate depends on the 

concentration gradient at the interface, this slows down the dissolution process. Fig. 3-6 

shows our example droplet again, this time including formation time. The droplet is fully 

formed after 1.13 s. If this time is taken as t = 0, and Eq. 3-3 is used to fit a diffusion 

coefficient, we obtain D = 7.8 × 10-6 cm2/s (R2 = 0.9961) and the gray curve. Compared 
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to the actual dissolution data, this curve overestimates the initial dissolution rate (see Fig. 

3-6) and underestimates the dissolution rate during the second half of the droplet lifetime. 

Typically, the radius, Ri, at any given time point, ti, is calculated according to  

𝑅𝑖 = 𝑅𝑖−1 − ∆𝑡
𝑑𝑅
𝑑𝑡

= 𝑅𝑖−1 − ∆𝑡
𝑐𝑠
𝜌
𝐷(1 − 𝑓) �

1
𝑅𝑖−1

+
1

�𝜋𝐷𝑡𝑖
� (3-4) 

Alternatively, the formation time, toffset, can be considered part of the approach to steady 

state and included in the time component of the transient term: 

𝑅𝑖 = 𝑅𝑖−1 − ∆𝑡
𝑐𝑠
𝜌
𝐷(1 − 𝑓) �

1
𝑅𝑖−1

+
1

�𝜋𝐷(𝒕offset + 𝑡𝑖)
� (3-5) 

This results in slower initial predicted dissolution, and matches experimental 

observations more closely than Eq. 3-3 (see Fig 3-6). The portion of the curve between t 

= 0 and t = toffset is also shown to demonstrate that this calculation is essentially the same 

as a curve calculated without the correction that starts at t = 0 from a larger initial 

diameter. The initial conditions for Eq. 3-5 are the measured diameter of the fully formed 

droplet, 133.4 µm, at the time when the droplet first formed, toffset = 1.13 s. Now using 

this correction, the best-fit diffusion coefficient is 8.5 × 10-6 cm2/s (R2 = 0.9995), 9% 

higher than the diffusion coefficient fit without the correction. Not all droplets and 

systems have this large a difference—droplets formed quickly have a smaller correction, 

as well as systems that have a small transient term—but it is important to know that this 

effect is present and to have a correction available for it when necessary. 
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Figure 3-6. Diameter as a function of time for the example droplet in Fig. 3-2 
(ethyl acetate in water) showing droplet formation. The two curves demonstrate 
the importance of correcting for droplet formation time when curve fitting. Both 
curves were calculated beginning at droplet formation (t = 1.13 s). The black 
curve was extrapolated back to t = 0. 
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The other correction is required by the fact that micropipettes occupy space, 

thereby preventing mass transfer through part of the droplet surface. The effect of the 

micropipette is obviously much greater for smaller droplets. For a 40-µm droplet the 

micropipette reduces total dissolution time by about 10%, whereas a 140-µm droplet is 

only slowed by about 1%. To keep this effect experimentally consistent for a given 

droplet size, mass transport back into the micropipette is completely stopped by using a 

saturated plug (f = 1)3. To account for this, Su et al. developed a reduced-area model [83] 

that assumes there is no transport across the region occupied by the micropipette tip, 

𝑑𝑅
𝑑𝑡

= −�
𝑅 + �𝑅2 − 𝑅𝑝2

2𝑅
�
𝑐𝑠
𝜌
𝐷(1 − 𝑓) �

1
𝑅

+
1

√𝜋𝐷𝑡
� (3-6) 

where Rp is the outer radius of the micropipette (usually made in the range of 4-6 µm). 

Fig. 3-7 shows dissolution curves calculated with and without this correction for small 

(41.1 µm) and large (133.4 µm) droplets of ethyl acetate dissolving into water. (Curves 

calculated with the micropipette correction are only calculated down to the diameter of 

the micropipette.) For curve-fitting purposes, droplets were only measured until they 

reached 1.5-2 micropipette diameters. This minimizes any error that might be introduced 

by using this correction. 

                                                 

3 This is only possible with the two-chamber method. If the one-chamber method is used, the pipette 
interior contains a small amount of the dissolution medium, which separates the droplet interface from the 
rest of the liquid supply in the pipette. The volume of dissolution medium in the pipette depends on how 
much was drawn in during the time between first releasing the droplet and subsequently catching the 
droplet. Since this volume is not easily controlled, it is difficult to predict how quickly it will saturate, and 
therefore difficult to account for how it will change the dissolution rate of the droplet. 
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Figure 3-7. Theoretical droplet dissolution (diameter as a function of time) 
calculated with (—) and without (—) a correction for the micropipette for ethyl 
acetate droplets dissolving into water. For the 41.1-µm droplet (top), the 
correction predicts ~10% slower dissolution. For a 133.4-µm droplet (bottom), the 
correction is negligible (~1%). 
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In order to compare droplets of different initial diameters and to gain a better 

understanding of the implications of the E-P equation, it can be written in dimensionless 

form. By setting ξ = R/Ro and τ = πDt/Ro
2 [90], Eq. 3-3 becomes: 

𝑑𝜉
𝑑𝜏

= −
𝑐𝑠
𝜋𝜌

(1 − 𝑓) �
1
𝜉

+
1
√𝜏
� (3-7) 

In this form, the dissolution rate and dimensionless lifetime of a droplet are 

proportional to cs(1 – f)/ρ, and are independent of droplet size and diffusion coefficient. 

Therefore, a given liquid-liquid system is represented by a single dissolution curve that 

can be calculated as a function of τ without knowing the value of the diffusion 

coefficient. (Note that for a given system, τ is proportional to t and τD = πDtD/Ro
2, where 

τD and tD represent dissolution lifetimes, in dimensionless units and seconds, 

respectively.) Again, the two terms in brackets represent the steady-state and transient 

terms, respectively. 

The correction for the micropipette tip area cannot be directly applied to a 

dimensionless plot. In order to minimize any error introduced by the micropipette, all 

droplet dissolution measurements were stopped at diameters of 15-20 µm (for 

micropipette diameters between 8 and 12 µm). In terms of the dimensionless plot, this 

means that a 200-µm droplet can be analyzed until ξ = 0.075 (or τ/τD ~ 0.99), whereas a 

30-µm droplet can only be analyzed until ξ = 0.5 (or τ/τD ~ 0.68-0.73).  

On the other hand, the correction described above for droplet formation time can 

be easily applied to data represented in dimensionless form. To do so, R0 is determined 

by extrapolating back to an initial radius (as in Fig. 3-6), i.e., it is not the radius at droplet 
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formation, but the radius the droplet would have been if it had been formed 

instantaneously. R0 is then used to calculate τ for each measured data point. (Unlike the 

modification to the E-P equation, a value for R0 at t = 0 is required here since 

τ = πDt/Ro
2.) Using our example of the ethyl acetate droplet dissolving in water, R0 = 

70.85 µm (diameter = 141.7 µm) and the first data point for the fully formed droplet (at a 

diameter of 133.4 µm and t = 1.13 s) occurs at τ = 0.61 and ξ = 0.94. The entire 

dissolution profile is shown in dimensionless form in Fig. 3-8 compared to the theoretical 

dissolution curve calculated according to Eq. 3-7 (dimensionless form of the E-P 

equation). During 0 < τ < 0.61, the solution was forced from the micropipette and the 

diameter measured every 0.1 s. At τ = 0.61, the measured diameter of the newly formed 

droplet “meets up” with the theoretical dissolution curve. Since R0 is extrapolated from 

this point, this first data point for the fully formed droplet always falls on the theoretical 

dissolution curve (though at different values of τ and ξ). Every other data point is then 

calculated and can be compared to the model. This method of analysis allows direct 

comparison of droplets with different initial radii and different formation times. 
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Figure 3-8. Ethyl acetate (same microdroplet as Figs. 3-2, 3-3, 3-6, and 3-7) 
dissolving in water shown in dimensionless form. Theoretical curve was 
calculated according to Eq. 3-7. 

3.3 Results 

3.3.1 Dissolution Profiles 

The raw data from a dissolution experiment is the measurement of microdroplet 

diameter versus time, shown in Fig. 3-9 for droplets with ~90-µm initial diameters from 

six of the systems studied: water-in-octanol, water-in-pentanol, water-in-butyl acetate, 

ethyl acetate-in-water, butyl acetate-in-water, and DCM-in-water. (Results for water-in-

decanol are presented below.) The dissolution times ranged from ~10 s to ~150 s. The 

theoretical curves for each droplet are also shown in Fig. 3-9, and were calculated 

according to the E-P equation, including the corrections for micropipette size and droplet 

formation time. For each droplet, D´ was varied to obtain the best fit. (For all droplets, R2 

> 0.997.) The values of D´ used to calculate the dissolution curves in Fig. 3-9 are listed in 
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Table 3-2. Note that even though ethyl acetate and butyl acetate have similar mass 

transfer coefficients in water, ethyl acetate dissolves about 15 times faster due to its 

approximately 12-fold higher solubility. The raw data from all experiments for each 

system is shown in Figs. 3-10a – 3-15a and in dimensionless form in Figs. 3-10b – 3-15b. 

 
Figure 3-9. Droplet diameter as a function of time for each pure liquid-liquid 
system studied. Solid curves were calculated according to the E-P model (with 
experimental corrections) by varying D´ to get the best fit. 

Table 3-2. Mass transfer coefficients and dissolution times of the droplets shown 
in Fig. 3-9 (initial diameter ~ 90 µm). 

Droplet Phase Dissolution 
Medium 

D´(cm2/s) Dissolution 
Time, tD (s) 

Butyl Acetate Water 0.80 154.1 
Water Octanol 0.17 120.9 
DCM Water 1.75 38.4 
Water Butyl Acetate 2.90 31.1 
Water Pentanol 0.34 24.9 
Ethyl Acetate Water 0.87 10.0 
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Figure 3-10. Dissolution of ethyl acetate droplets into water with initial diameters 
ranging from 41.1 to 133.4 µm. (a) Diameter as a function of time. (b) 
Dimensionless plot of all data in (a) compared to the theoretical calculation (solid 
curve). 
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Figure 3-11. Dissolution of butyl acetate droplets into water with initial diameters 
ranging from 30.3 to 139.0 µm. (a) Diameter as a function of time. (b) 
Dimensionless plot of all data in (a) compared to the theoretical calculation (solid 
curve). 
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Figure 3-12. Dissolution of dichloromethane droplets into water with initial 
diameters ranging from 37.2 to 149.0 µm. (a) Diameter as a function of time. (b) 
Dimensionless plot of all data in (a) compared to the theoretical calculation (solid 
curve). 
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Figure 3-13. Dissolution of water droplets into butyl acetate with initial diameters 
ranging from 53.0 to 139.7 µm. (a) Diameter as a function of time. (b) 
Dimensionless plot of all data in (a) compared to the theoretical calculation (solid 
curve). 
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Figure 3-14. Dissolution of water droplets into pentanol with initial diameters 
ranging from 46.9 to 126.4 µm. (a) Diameter as a function of time. (b) 
Dimensionless plot of all data in (a) compared to the theoretical calculation (solid 
curve). 
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Figure 3-15. Dissolution of water droplets into octanol with initial diameters 
ranging from 49.2 to 106.5 µm. (a) Diameter as a function of time. (b) 
Dimensionless plot of all data in (a) compared to the theoretical calculation (solid 
curve). 
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The first notable feature from this data is that the E-P equation fits the data 

remarkably well. This is somewhat expected since D´ was varied to obtain the best fit. 

However, the extent to which the shape of the curve matches the experimental data 

confirms the validity of the form of the E-P equation (with experimental corrections 

included). A notable difference between systems is the variability in the data as shown in 

dimensionless form. In the ethyl acetate-in-water and butyl acetate-in-water systems, the 

data all fall on the single theoretical prediction curve. The only notable deviation is at low 

volume fraction as noted in the previous paragraph. For the other systems, however, there 

is much less consistency. When converting the raw data measurements to τ, the same 

diffusion coefficient was used for all droplets in a system, regardless of the best-fit value 

for D´ found for each particular droplet. The spread in the data is a direct result of this 

calculation and represents the spread in the value of the measured mass transfer 

coefficients, D´. In some systems, D´ varied with initial droplet size; in other systems, the 

variation had no correlation. As discussed below, it was assumed that the values of D´ 

determined for smaller droplets were closer to the values of D (less convection), so these 

values were used to calculate τ (listed below in Table 3-3). 

Another notable feature from this data is that the organic-in-water systems all 

show a small volume fraction of residual material. This is particularly noticeable in the 

dimensionless form of the ethyl acetate data (Fig. 3-10b). The theoretical dissolution 

lifetime, τD, is 12.5, at which point the experimental value of ξ was about 0.2. By τ ~ 16, 

the dissolution curves leveled off to ξ = 0.039 ± 0.004, or 0.006 ± 0.002% by volume. 

Duncan [88] observed this same phenomenon for ethyl acetate dissolving into water and 
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measured the residual content to be 4.0 ± 0.04% by radius and 0.006 ± 0.001 % by 

volume after 5-10 minutes, noting no difference between various grades of ethyl acetate 

(99.5%, 99.8%, and 90-100%). The results found here with 99.9% ethyl acetate, while 

not observed over as long a time period, were consistent with Duncan’s findings. Duncan 

also measured dichloromethane (DCM) dissolution into water, but did not note any 

residual content. The residual content observed here for dichloromethane, ξ = 0.0523 ± 

0.0051 or 0.015 ± 0.004% by volume, was only observed on the very largest (diameter > 

110 µm) droplets, whereas Duncan only observed droplets ~ 50 µm in diameter. Residual 

content (ξ = 0.0562 ± 0.0058 or 0.018 ± 0.005% by volume) was also observed from 

butyl acetate dissolution. None of these systems were observed over long periods of time 

to determine whether this residual content eventually dissolved. Each of these remaining 

volume fractions was smaller than the maximum impurity specified on the bottle. It 

should be kept in mind that this residual volume should not necessarily correlate with 

total impurity. It is, however, a good indication of an impurity that is either insoluble in 

water, or much less soluble than the primary solvent. (Note that in most systems, there 

are no data points below ~10 µm, the approximate outer diameter of the micropipette, so 

residual content could not be evaluated for all droplets. As a droplet continues to shrink 

below this diameter, it frequently remains attached to the outer edge of the micropipette 

tip, forcing the droplet to take on an un-spherical (flatter) shape due to spreading on the 

micropipette tip. In some cases, the droplet did not adhere to this outer edge, and 

measurements could be continued. For purposes of determining mass transfer 

coefficients, only data down to 15-20 µm was used.) 
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3.3.2 The Interesting Case of Water in Decanol 

While observing water droplet dissolution into decanol, it was noted that 

frequently the droplets would dissolve ~10 times as fast as expected, and the water 

appeared to be “flying off” the surface. If released from the micropipette, the droplet 

moved around the chamber too quickly to follow. The diameters of several droplets are 

shown as a function of time in Fig. 3-16. These dissolution profiles could be fit to the E-P 

model when dissolving slowly, but during fast dissolution the radius decreased linearly 

(R2 > 0.998) with time. This is an indication that dissolution was no longer diffusion-

limited, and there was a constant flux at the surface. (Note that dR/dT is constant for a 

radius decreasing linearly with time.) Since dR/dt = (dm/dt)/4πR2ρ and dm/dt = 4πR2J, J 

= ρdR/dt = constant. The slope, dR/dt, of the dissolution curve increased for smaller 

droplets, but using the average value of ~ 6 µm/s, the flux per area was ~ 5 × 10-4 

g/cm2/s. Some droplets displayed both types of dissolution, starting according to the E-P 

model, and then switching into fast dissolution, or vice versa. When either of these did 

occur, the transition was very abrupt. 
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Figure 3-16. Droplet diameter as a function of time for water dissolving into 
decanol. Four droplets dissolved according to E-P theory (open symbols) and 
three dissolved ~ 10 times more quickly (closed symbols). The E-P curve was 
calculated using D´ = 9.42 × 10-7 cm2/s (R2 = 0.999). Linear trend lines are drawn 
through the 3 quickly dissolving droplets (R2 > 0.998). 

Interestingly, the presence of a solute in sufficient concentrations (~ 10-2 M NaCl) 

eliminated this effect. In fact, in Chapter 5, most of the experiments involve dissolving 

droplets of aqueous protein solution in decanol, and all droplets dissolved consistent with 

the diffusion theories presented in this chapter. It is suspected that the protein, 

particularly due to its surface activity, prevents this fast dissolution. Droplets that 

dissolved according to the E-P model were often preceded by brief periods of this fast 

mass transfer, so diffusion coefficients could not be accurately measured. While 

investigating this phenomenon was beyond the scope of this work, it has been included to 
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explain why decanol was not included in the kinetic studies presented, and to offer some 

background for future work. 

3.3.3 Mass Transfer Coefficients 

The measured values of D´ for the remaining six liquid-liquid systems are shown 

as a function of initial droplet diameter in Fig. 3-17. In addition to the water-in-octanol 

system, a size-dependence was observed for water in pentanol, water in butyl acetate, and 

DCM in water. The “real” diffusion coefficients (used to calculate τ) were taken as the 

average of all droplets if there was no size dependence, or the average of the smallest 

droplets (see Discussion). These values were used to convert measured values of time to 

values of τ for Figs. 3-10b – 3-15b and are listed in Table 3-3 along with diffusion 

coefficients from the literature. 
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Figure 3-17. Measured mass transfer coefficients, D´, as a function of size for all 
systems (top) and those with D´ < 10-5 cm2/s (bottom). 
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Table 3-3. Diffusion coefficients determined by the micropipette technique, 
compared to literature values at 25ºC. 

System D (10-5 cm2/s) Literature 
Value 

Method 

Ethyl Acetate into Water 0.86 ± 0.02 (N = 23)a 0.98b 
1.18c 
1.30d 

Prediction 
Diaphragm cell 
Diaphragm cell 

Butyl Acetate into Water 0.80 ± 0.02 (N = 25) 0.80b 
0.97d 
1.04c 

Prediction 
Diaphragm cell 
Diaphragm cell 

DCM into Water 1.56 ± 0.01 (N = 3) 1.28b Prediction 
Water into Butyl Acetate 2.80 ± 0.07 (N = 13) 2.87e 

2.92f 
Diaphragm cell 
Diaphragm cell 

Water into Pentanol 0.29 (N = 1) 0.52 ± 0.08g Micropipette 
Water into Octanol 0.15 ± 0.00 (N = 4) 0.20 ± 0.05g Micropipette 
a N = the number of droplets used to calculate D, which was not necessarily the total number of droplets 
b Hayduk and Laudie (1974) [91] 
c Frey and King (1982) [92] 
d Chandrasekaran and King (1972) [93] 
e Lees and Sarram (1971) [94] 
f Easteal (1996) [95] 
g Su et al. (2010) [83] 

With the exception of DCM, all diffusion coefficients measured here were smaller 

than the literature values or predictions. One possible reason for the difference is that the 

micropipette method relies heavily on having accurate values for the solubility and 

density of the microdroplet component. Another important difference is that diaphragm 

cell measurements are conducted at very low concentration (to approximate infinite 

dilution). However, using the micropipette method, the dissolving liquid is at its 

solubility limit at the droplet boundary, and slowly decreases in concentration with 

distance away from the droplet. Therefore, this technique is more sensitive to the fact that 

diffusion is actually concentration-dependent. Since all the systems here have low 

solubilities, this effect should not be large. 
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Both literature values measured using the same micropipette technique show 

higher diffusion coefficients (80% and 34% higher for water in pentanol and octanol, 

respectively) than obtained in this thesis. This can be explained in part by the size-

dependence, which had not been previously considered, and in part by differences in the 

values used for cs. Since dR/dt is roughly proportional to csD (neglecting the transient 

term), a 10% larger value for cs would result in a ~10% smaller calculated diffusion 

coefficient. 

It is important that the results do correlate with literature values to show that we 

are, in fact, determining diffusion coefficients, but for the present work, it is far more 

important that the measured diffusion coefficients be consistent, rather than accurate. In 

the following chapters, the model will be modified to test how droplet dissolution 

changes with the presence of a solute. The reproducibility and precision of the 

micropipette technique will determine how subtle those changes can be and still be 

detectable. 

3.4 Discussion 

In order to compare mass transfer coefficient data across systems, the ratio of D´ 

(diffusion and convection) to D (diffusion only) was calculated and plotted in Fig. 3-18. 

Shown in this form, the relative magnitudes of the size dependence can be easily 

compared. 
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Figure 3-18. Ratio of measured mass transfer coefficients to diffusion 
coefficients, D´/D, as a function of initial microdroplet diameter. 

While the range of mass transfer coefficients found for a given system was 

generally not large in comparison to the differences between systems, it was significant 

enough to have a large impact on modeling. For example, Fig. 3-19 compares modeling 

DCM dissolution into water by using best-fit values for the mass transfer coefficient to 

using a constant value, regardless of initial droplet size. Modeling the dissolution of a 

149-µm diameter DCM droplet into water with the mass transfer coefficients found for 

50-µm diameter droplets (or values close to the “real” diffusion coefficient) gives a 

dissolution time of 118 s, 25% longer than the 94 s it takes experimentally. It was 

therefore important to investigate possible underlying causes. Is this inherent in the 
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model and its assumptions, or is it an artifact of the experimental setup? Several systems 

were investigated in order to determine what parameters influenced this trend, and to 

determine whether it could be predicted. Even if it is not possible to exactly correct for 

this effect, it is important for an experimentalist to know under what circumstances it 

occurs. 

 

Figure 3-19. Diameter as a function of time for DCM droplets dissolving in water, 
demonstrating the effect of using different diffusion (or mass transfer) 
coefficients. Experimental data points are the same as Fig. 3-12. The black curves 
were calculated by using the best-fit value of D´ for each droplet (1.63, 1.83, and 
2.00 × 10-5 cm2/s for the 63.2, 110.1, and 149.0-µm droplets, respectively). The 
red curves were calculated by using D = 1.56 × 10-5 cm2/s. 

It is unlikely that either of the experimental conditions described above (contact 

with the micropipette and droplet formation time) would result in the size-dependence 

observed for D´. If the micropipette influenced the dissolution rate, this effect would be 
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the same for all systems, but it was clearly present in some systems and not in others. If 

the droplet formation time influenced the measured value of D´, there would be a 

correlation between D´ and the formation time; no correlation was found in any system 

studied. 

The E-P model makes four fundamental assumptions: constant diffusion 

coefficient, stationary boundary, infinite medium, and diffusion-limited dissolution. Each 

of these will be investigated further below in terms of their effect on measured diffusion 

coefficients. First, let us look at the model in more detail. 

3.4.1 Epstein-Plesset Equation in Dimensionless Form 

The time to reach steady-state conditions is theoretically infinite (1/(πDt) ½ → 0 

or 1/τ½ → 0); however, it can be useful to determine when the steady-state term becomes 

a significant percentage of the total dissolution rate, particularly since the steady-state 

term is affected by the formation time correction explained above. For example, the 

steady-state term, 1/ξ, accounts for 90% of the total rate when it is 9 times greater than 

the transient term, i.e., when 1/ξ = 9/τ½, or τ = 81ξ2. Fig. 3-20 shows the dimensionless 

dissolution curves of the systems presented above with this 90% steady-state point 

marked. (By comparison, the steady-state term reaches 50% of the total rate by τ = 1.0 in 

all systems—since this occurs when τ = ξ2 and ξ2 ≤ 1.0 for all τ—and it does not reach 

95% of the total rate before complete droplet dissolution in any of these systems.) Note 

that the order of the droplets (“fastest” to “slowest”) is not the same as the order shown in 

Fig. 3-7 (the raw data) due to differences in diffusion coefficients between systems. 
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Figure 3-20. Theoretical dimensionless dissolution curves of each of the systems 
studied, calculated using the values of cs and ρ given in Table 3-1. The dashed 
line indicates the dimensionless time at which the magnitude of the steady-state 
term becomes 90% of the dissolution rate. Note that the curves for ethyl acetate 
into water and water into pentanol are identical. 

Notice that as τD increases (due to lower cs/ρ), near steady-state conditions are reached 

“earlier” in the dissolution process. This is evident by comparing the dimensionless 

dissolution profiles of water droplets in butyl acetate (cs/ρ = 0.01, τD = 148.4) to water 

droplets in pentanol (cs/ρ = 0.09, τD = 12.5). Water droplets dissolve completely in the 

two solvents within about the same time (see Fig. 3-9), but the dimensionless curves have 

very different values of τD. When normalized (Fig. 3-21), it is clear that a large portion of 

the dissolution profile in pentanol is dominated by the transient term, as expected from 
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the relatively small diffusion coefficient. Also shown in Fig. 3-21 is the steady-state 

dissolution curve, calculated from 

𝑑𝜉
𝑑𝜏

= −
𝑐𝑠
𝜋𝜌

(1 − 𝑓) �
1
𝜉
� (3-8) 

This can be solved to give 

𝜉2 = −
𝑐𝑠
𝜋𝜌

(1 − 𝑓)𝜏 + constant (3-9) 

Using the initial condition that ξ(τ = 0) = R/R0 = 1, Eq. 3-9 can be solved to give 

𝜉 = �1 −
2𝑐𝑠
𝜋𝜌

(1 − 𝑓)𝜏�
1/2

 (3-10) 

By setting ξ = 0 and solving for τ, the dissolution lifetime, τD = πρ/2cs(1 – f). By 

substituting back into Eq. 3-10, we get ξ = (1 – τ/τD) ½. This is important to note, since τD 

is an indication of how important the time correction is for a given system. Since the time 

correction arises from the approach to steady state, the closer a system is to steady state, 

the less important that correction becomes. In other words, the plot in Fig. 3-21 shows 

that the time correction is more important for water dissolving in pentanol than it is for 

water dissolving in butyl acetate. Since τD can be calculated based on literature values for 

solubility and density, this can be determined before an experiment, allowing an 

experimentalist to know in advance how important this time correction is. 

An obvious implication of this dimensionless analysis, but one worth noting 

explicitly, is that the influence of the transient term is independent of initial droplet size. 

This may seem counterintuitive based on the Epstein-Plesset equation, since 1/R is 

obviously larger for smaller droplets. However, the shorter dissolution lifetimes of 

smaller droplets compensate for this. For example, the steady-state term accounts for 
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90% of the total dissolution rate by t ~ 7.53/9.09 s for a 50-µm water droplet in pentanol 

and by t ~ 67.50/81.48 s for a 150-µm droplet. In both cases this is ~ 83% of the total 

dissolution lifetime. 

 

Figure 3-21. Theoretical dimensionless and normalized dissolution curves for 
water into butyl acetate and water into pentanol. The black curve shows steady-
state dissolution (for any system). The circles mark the point when the magnitude 
of the steady-state term becomes 90% of the dissolution rate (ξ = τ½/9). 

3.4.2 Concentration Profiles Outside the Microdroplet 

The concentration profile outside the droplet can be calculated by fixing the 

droplet boundary at a constant R and shifting coordinates such that X = r – R [9]: 

𝑢(𝑟, 𝑡) =
𝑐𝑖 − 𝑐𝑠
2√𝜋𝐷𝑡

� (𝑅 + 𝑋′) �exp �−
(𝑋 − 𝑋′)2

4𝐷𝑡
� − exp �−

(𝑋 + 𝑋′)2

4𝐷𝑡
�� 𝑑𝑋′

∞

0
 (3-11) 
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where u = r(c – cs). Eq. 3-11 is the solution to a similar equation in heat transfer. In order 

to determine the dissolution rate, only the concentration gradient at the boundary is 

necessary, so Epstein and Plesset used Eq. 3-11 to find (∂u/∂r)R and then solve for 

(∂c/∂r)R (Eq. 3-3). However, it can be useful to calculate this concentration profile for r > 

R in order to get a complete picture of the dissolution experiment, specifically, to 

determine how quickly the concentration gradient falls away from the droplet surface, 

how quickly it changes, and how far it extends, each of which have important 

experimental implications. 

The rate at which the concentration profile changes can be compared to the 

movement of the droplet boundary. If the droplet boundary recedes much faster than the 

concentration profile adjusts, the concentration gradient at the boundary, and therefore 

the dissolution rate, would not be accurately predicted by Eq. 3-3. It is also assumed that 

the chamber is sufficiently large to be considered an infinite medium. While it is true that 

the volume is large enough (for the systems studied here) to remain at a constant f-value 

when a droplet is introduced, it must be kept in mind that the chamber itself is not 

spherically symmetric—the shortest dimension (top to bottom) is only 2000 µm. 

Calculating the external concentration profile for our systems will answer whether this 

distance is large enough to be considered “infinite.” 

Evaluating the integral in Eq. 3-11 (see Appendix B) gives: 

2√𝜋�𝑋√𝐷𝑡 + 𝑅√𝐷𝑡 erf�𝑋/√4𝐷𝑡�� (3-12) 

where erf(x) is the error function. Substituting this into Eq. 3-11, writing everything in 

terms of our initial variables, and rearranging terms gives: 
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𝑐 − 𝑐𝑠
𝑐𝑖 − 𝑐𝑠
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�1 − erf �

𝑟 − 𝑅
√4𝐷𝑡

�� = 1 −
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𝑟
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where erfc(x) = 1 – erf(x) is the complimentary error function. Keep in mind that this 

equation is only valid for r > R, and that it does not account for the moving boundary 

(i.e., R = R0 for all t). From Eq. 3-13, the concentration can be calculated as a function of 

r at a particular time given initial conditions. In order to make Eq. 3-13 more useful, the 

terms can be rearranged to give c/cs as a function of the dimensionless variables τ = 

πDt/R0
2 and ξr>R = r/R:4 

𝑐
𝑐𝑠

= �1 −
1

𝜉𝑟>𝑅
erfc�

𝜉𝑟>𝑅 − 1

�4𝜏/𝜋
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𝑐𝑖
𝑐𝑠
− 1� + 1 = 𝑓 −

𝑓 − 1
𝜉𝑟>𝑅

erfc�
𝜉𝑟>𝑅 − 1

�4𝜏/𝜋
� (3-14) 

Written in this dimensionless form, the concentration profiles of each system can 

be easily compared. Fig. 3-22 shows concentration profiles at the time of dissolution, τD, 

for ethyl acetate in water (τD = 12.5), butyl acetate in water (τD = 184.1), and an arbitrary 

system at steady state (τD → ∞). (Note that as τD → ∞, c/cs → 1/ξr>R.) As expected from 

what we learned earlier with our initial dimensionless analysis (see normalized graph), 

the systems with larger values of τD are closer to steady-state conditions at the time of 

full droplet dissolution. (One caveat when using Eq. 3-14 is that it does not account for a 

shrinking droplet, and as such does not account for a moving boundary or for the 

changing surface area of a droplet. Since the surface area is always based on R = R0, the 

                                                 

4 Note that this definition is similar to the earlier definition of ξ = R/R0 in that it identifies a radial distance 
(numerator) with respect to the droplet boundary (denominator). Since the droplet boundary is considered 
stationary, R = R0 for all t, and instead of identifying the current droplet radius in the numerator, this is 
identifying an arbitrary radial distance. 
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amount of mass that has been added to the surrounding medium according to Eq. 3-14 

can be greater than the mass of a droplet of initial radius R0.)  

 

 

Figure 3-22. Calculated concentration profiles outside a droplet for τD = 0.587 
(miscible system), τD = 12.5 (ethyl acetate in water), τD = 184.1 (butyl acetate in 
water), and τD → ∞ (steady state). Note that the y-axis (concentration) is drawn at 
ξ = 1, i.e., at the droplet boundary. 

3.4.3 Validity of Model Assumptions 

Now with a better understanding, we can return to the question of the validity of 

the model’s assumptions. 
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Constant D 

Diffusion coefficients are not constant, but depend on concentration. As clearly 

shown in Fig. 3-22, the concentration of the diffusing component is at its saturation limit 

at the droplet boundary, and then decreases in concentration as it moves further away 

from the droplet boundary. The concentration gradient at the boundary, which is what 

determines the droplet dissolution rate, depends on the diffusion of the dissolving 

component through a range of concentrations. In the systems in this thesis, the solubilities 

are low, and therefore there should not be a large effect from this. The most noticeable 

effect would be a difference between the measured values using the micropipette method 

and those measured in dilute solutions (such as using a diaphragm cell). However, even 

in cases where this difference may be detectable, the measured diffusion coefficient (or 

mass transfer coefficient) would not vary with droplet size. 

Stationary Boundary 

Epstein and Plesset justified their stationary boundary assumption by stating [9]: 

The physical reason for the accuracy of the approximation is that the 
concentration of dissolved gas in the liquid surrounding the bubble is 
much smaller than the gas density in the bubble, and the region in the 
solution around the bubble through which the diffusion process takes place 
is very soon much larger than the bubble itself. 

Mathematically this means that the boundary movement will not affect the dissolution 

rate for systems with a small value of cs/ρ. In terms of our previous analysis, the moving 

boundary has a smaller effect on liquid-liquid systems that are closer to steady state, and 

therefore have a more extensive concentration profile outside the droplet. 
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In 1966, Goodrich [96] calculated the effect of a moving boundary assumption on 

the similar system of a growing droplet. Just as in the E-P model, the assumptions include 

an isolated droplet placed in an infinite medium with no convection. In Goodrich’s 

scenario, molecules diffuse toward the droplet, onto which they are deposited causing 

droplet growth. At t = 0, the infinite medium has a uniform initial concentration of the 

droplet component, and at the droplet boundary (r = R) the concentration is always 0. 

When R is considered a constant (stationary boundary), the concentration profile outside 

the droplet is the same as that calculated above (Eq. 3-13) by replacing cs with c = 0. 

Goodrich then defined the problem without assuming a constant R, and demonstrated that 

the mathematical assumptions necessary to reach the conventional equation for the 

droplet radius (i.e., the one based on a constant R) require that ∆R/(4D∆t)½ be very small, 

which in turn requires that the number density of molecules in the surrounding medium 

be much smaller than the number density in the droplet. This is exactly what Epstein and 

Plesset claimed in their requirement that cs/ρ be much less than 1. For a dissolving 

droplet, the mass of liquid that dissolves during ∆t occupies a volume of the droplet 

equivalent to a droplet shell volume of thickness ∆R. That same mass must distribute 

through a volume of the surrounding medium that is equivalent to a shell of thickness 

∆R/(cs/ρ). If the thickness of that shell volume is much greater than ∆R, the boundary 

movement is insignificant. On the other hand, as cs/ρ approaches 1 (which would indicate 

miscibility), the diffusing liquid does not need to diffuse much further than the boundary 

recedes, and that boundary movement becomes significant. 
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Such an example would be water dissolving into sec-butanol, into which it has a 

solubility of ~ 65% (cs/ρ = 0.65, τD = 1.06). Assuming a diffusion coefficient of ~ 5 ×  

10-6 cm2/s, an 80-µm droplet would dissolve in ~ 1 s. During this time the boundary 

would move 40 µm, and the water in the surrounding sec-butanol would only diffuse ~ 45 

µm. As cs/ρ approaches 1 (miscibility), τD approaches 0.587, indicating that it is far from 

steady state. 

The droplets with the “fastest” dissolution (remember that τ is the significant 

variable here, not t, since we are concerned with how quickly the concentration profile is 

established relative to dissolution rate), ethyl acetate-in-water and water-in-pentanol, 

dissolve completely by τD = 12.5. By this time, the concentration profile outside the 

droplet (see Fig. 3-22) extends ~ 7 radii, which is 6 times farther than the boundary has 

receded (1 radius). On the other hand, if a system has a τD much less than this, the 

moving boundary will likely affect dissolution. For the concentration profile shown in 

Fig. 3-22 for τD = 0.587, the concentration profile only extends 1 radius from the initial 

droplet boundary. This analysis also shows that any effect from a moving boundary is 

independent of droplet size. Even though smaller droplets dissolve faster, and their 

boundaries move faster, the extent of the concentration profile outside the droplet relative 

to droplet size is the same regardless of initial diameter. Therefore, for all systems in this 

thesis, the stationary boundary is a valid assumption and cannot account for the observed 

size-dependence of D´. 
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Infinite Medium 

The largest droplet diameter in this work is about 150 µm. So, setting R = 75 µm 

means that the chamber top and bottom (assuming the droplet is exactly centered) are 925 

µm, or 12.3 droplet radii, away. Butyl acetate into water (τD = 184.1) is the system 

nearest to steady state (“slowest” in dimensionless terms), and therefore will have the 

highest fractional concentration (c/cs) at the chamber edge at the time of dissolution. The 

concentration of butyl acetate at this distance is only 2.4% of its saturation value, which 

is not enough to noticeably influence dissolution. Even in systems with a higher τD than 

the systems in this thesis, any effect on dissolution rate would manifest as a slower 

dissolution rate for larger droplets—contrary to the observed increase in dissolution rate 

for larger droplets—since the increasing concentration at the impermeable chamber 

boundary would decrease the concentration gradient. This brings up an important point 

about choosing an appropriate chamber and droplet size. The chamber and droplet size 

limitations are imposed by the solubility and density of the dissolving component (cs/ρ), 

not the diffusion coefficient or actual dissolution time. (Actually, the effects of the 

diffusion coefficient and dissolution time simply cancel each other out. A component 

with a very high diffusion coefficient will travel farther into the chamber, but since this 

means the droplet will dissolve quickly, it does not get far during the dissolution time.) 

This can be extremely useful, since diffusion coefficients and dissolution time are often 

unknown before an experiment.  
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Diffusion-Limited Dissolution 

The final assumption discussed here is that droplet dissolution is limited by 

diffusion, i.e., there is no convection. Possible sources of convection include micropipette 

or droplet movement, evaporation at the open end of the chamber, and thermal 

convection due to heating from microscope illumination or heats of mixing. One method 

to observe these convections is to use a dissolution medium that contains small 

particulates, such as small pieces of molecular sieves. Solvent sampled from the very 

bottom of a container frequently contained these particulates, and was sampled 

occasionally only to observe potential convective currents. The micropipette was always 

held motionless when the droplet was formed and observed. This is one advantage of 

using the two-chamber method, since the droplet does not need to be tapped off, caught, 

or moved to a new location in the chamber. To minimize any effect from evaporation, the 

droplet was always held at least 1 cm into the chamber. However, slight convection could 

still be observed, particularly for highly volatile, low-viscosity solvents. This could partly 

explain the scatter in the water-in-butyl acetate system, but any effect from this is not 

expected to manifest as a function of initial droplet size. 
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Figure 3-23. Schematic of an upward plume forming as a result of droplet 
dissolution. The acceleration due to gravity is downward.  

3.4.4 A Possible Explanation for the Size-Dependence of D´ 

One likely explanation for this size dependence is the formation of a buoyant 

plume around the droplet, shown schematically in Fig. 3-23. This phenomenon occurs 

when there is a density difference between the dissolving liquid and the surrounding 

liquid medium, or more specifically, between the liquid mixture directly surrounding the 

droplet and the liquid medium far from the droplet. As the droplet dissolves and the 

density surrounding it changes, that fluid will begin to move up or down (if it is less 

dense or more dense, respectively) and create a convective flow around the droplet, or 

solutal convection. Savino and Lappa [97] observed 3-5-µl droplets of butanol in water, 

methanol in hexane, and methanol in cyclohexane using a Wollaston interferometer to 

observe the concentration field around the droplet, and in all cases, observed a plume. 

The buoyancy velocity, Vg, is given by [98]: 

𝑉𝑔 =
𝑔∆𝜌𝐿2

𝜇
 (3-15) 
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where g is the acceleration due to gravity, ∆ρ is the density difference, L is a reference 

length, and µ is the viscosity of the surrounding medium. Dividing Eq. 3-15 by D/L gives 

a dimensionless number that compares the relative velocities due to buoyant flow and 

diffusion. The size-dependence of D´(slope of D´/D vs R0; see Fig. 3-18) is shown in Fig. 

3-24 as a function of these dimensionless values. As expected, there is a general trend 

that higher absolute values of VgL/D (i.e., greater convection compared to diffusion) 

correlate with a higher size dependence of D´. The density difference was calculated as 

the density of the surrounding liquid minus its density when saturated with the droplet 

component, assuming no volume change on mixing. Therefore, positive values of VgL/D 

represent an upward plume and negative values represent a downward plume. Based on 

this, ethyl acetate dissolving into water should have formed an upward convective plume, 

but no size-dependence of D´ was found. Another possible source of convection is 

thermal buoyancy. Enthalpy of mixing due to dissolution of the droplet will cause the 

surrounding fluid to expand (or contract), lowering (or increasing) its density and 

resulting in a similar type of convective plume as described above. The magnitude of this 

effect will depend on the heat of mixing and the thermal expansion coefficient of the 

surrounding liquid medium. Quantitatively calculating this effect was beyond the scope 

of this work, but the heats of mixing for each of these systems is endothermic, which 

result in an increased density immediately outside the droplet interface, and a shift in 

VgL/D to lower values, making the trend more consistent with observed results. 

Importantly, if the characteristic length, L, is proportional to the initial droplet radius, the 
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additional convective flux due to a plume velocity (either solutal or thermal) would 

account for the faster dissolution observed for larger droplets. 

 

Figure 3-24. The observed size dependence of D´ as a function of VgL/D (the ratio 
of the solutal buoyancy velocity to D/L). Positive values of VgL/D indicate an 
upward solutal plume. Error bars represent the standard error of the slope 
obtained from linear regression. (EA = ethyl acetate; BA = butyl acetate; DCM = 
dichloromethane; Pent = pentanol; Oct = octanol; W = water) 

3.5 Conclusions 

In this chapter, two experimentally required modifications to the E-P equation 

were presented, one that had been previously published (droplet contact with 

micropipette) and one that had not been previously presented or quantified (droplet 

formation time). The assumptions and limitations of the model were examined in the 

context of six liquid-liquid systems, including calculations of the concentration profiles 
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of the dissolving liquids in the surrounding media, and the benefits of using the E-P 

model in dimensionless form. Mass transfer coefficients were measured for each of the 

six systems, and an explanation for the size-dependence of D´ that was found in some 

systems was presented. It was important to quantify these parameters and their effects 

(e.g., values of cs/ρ for which the model is valid; limitations on droplet size; systems for 

which the formation time is significant; systems for which a plume is expected) so that 

the model could be applied to more complex systems, such as the solution droplets in the 

following chapters. 
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Chapter 4. Solution Microdroplet Dissolution 

4.1 Introduction 

This chapter presents a new modification to the Epstein-Plesset model for the 

dissolution of a solute-containing droplet that accounts for the kinetic effects of changing 

water activity in the droplet, and that can be tested experimentally using the micropipette 

technique. The important underlying question in this model is whether the droplet liquid 

component can be considered in local equilibrium on both sides of the droplet interface, 

and whether this assumption is sufficient to account for the kinetics of dissolution. This 

chapter will answer this question by investigating the dissolution of NaCl solution 

droplets into octanol and butyl acetate. As detailed below, octanol allows the use of 

literature values for aw and butyl acetate allows an independent measurement of NaCl 

concentration in the droplet. 

4.1.1 Background and Theory: A Modification to the Epstein-Plesset 
Equation 

When a solute is present in the droplet phase, and this solute is insoluble in the 

surrounding medium, that surrounding medium will not only remove bulk water of 

solution, but will also dehydrate (or desolvate, more generally) the solute. In the case of 

small molecules, such as inorganic salts, this dehydration results in the formation of one 

or more crystals. Figure 4-1 shows a schematic of this process. When the droplet (liquid 

phase β comprising component 2 and dissolved solute 3) is introduced into the 

surrounding medium (liquid phase α comprising component 1), mass transfer begins to 

take place, just as in the pure liquid droplets examined in the previous chapter. In this 
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case, as component 2 dissolves into the surrounding medium, the solute in the droplet 

concentrates, eventually reaching a critical concentration at which it crystallizes (solid 

phase γ). The remainder of the solvent (component 2) then dissolves into the surrounding 

medium, and the remainder of the solute increases the mass of the nucleated crystal(s). (If 

the solute (component 3) is soluble in the surrounding medium, it will eventually 

dissolve. Here it is assumed that its solubility is low enough that the entire process in the 

schematic can take place without detectable loss of solute to the surrounding medium.) In 

the examples in this chapter, the droplet liquid (component 2) is water, the solute 

(component 3) is sodium chloride (NaCl), and the surrounding medium (component 1) is 

an organic phase, either octanol or butyl acetate. 

The two differences between this system and the pure liquid-liquid systems in the 

previous chapter are the resulting crystal(s) and slower droplet dissolution rate. When a 

solute is present in an aqueous droplet, the water activity in the droplet and the rate of 

droplet dissolution (or evaporation, if the droplet is in a gaseous phase) is decreased as 

compared to a pure water droplet. This phenomenon has been well studied in the context 

of aerosols [99-102] [103], though models based on physical parameters can be very 

complicated and difficult to apply [99]. Surprisingly, in the context of liquid droplet 

dissolution (into a second immiscible liquid), there have been only a few studies [10, 14, 

83, 90] and none that account for activity changes due to the presence of a solute.  
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Figure 4-1. (top) Dissolution of a solute-containing (salt) droplet into a 
surrounding liquid medium at f = 0. (bottom) Videomicrographs of a NaCl 
solution droplet dissolving into butyl acetate at f = 0 (A) just after droplet 
formation (2.1 M NaCl), (B) just after nucleation, and (C) showing the final 
microcrystal. 

When a water microdroplet is expelled from the micropipette, the water 

immediately starts to dissolve in the surrounding medium. If a solute is present in the 

droplet, the water activity, aw, in the droplet will decrease as the solute concentrates. 

Since the fluid is considered to be in local equilibrium on both sides of the droplet 

interface, the water just outside the droplet will also have a lower water activity. To 

account for this, the E-P model was modified by replacing cs with cr=R, or cs(1 – f) with 

cs(fR – f), where fR = cr=R/cs is the saturation fraction at the droplet interface, and is not 

necessarily equal to the solubility limit cs. The dissolution of a droplet of solution can 

now be modeled by the following equation where fR is a function of time: 
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Since it is assumed that the interface is in local thermodynamic equilibrium, the 

concentration of water just outside the droplet is directly determined by the water activity 

inside the droplet. This same assumption is implied in Epstein and Plesset’s boundary 

condition that the concentration at the interface is cs for t > 0. Since they considered only 

single-component droplets (or bubbles1), the activity at the interface always equaled 1 

and the concentration was always at its saturation limit, cs. In the case of a solute-

containing droplet, the changing water activity in the droplet changes the dissolved water 

concentration at the interface, cr=R. This is shown schematically in Fig. 4-2, which 

compares the water activity in a chamber during pure water droplet dissolution to salt 

solution droplet dissolution. At t = 0 (first row), the pure water droplet has a water 

activity of 1 and the NaCl solution droplet has a water activity slightly less than 1 due to 

the presence of salt. The water activity in the surrounding organic medium (r > R0) is at 

some starting value, drawn in this schematic as ~ 0.5. During droplet dissolution (middle 

row) it is assumed that the interface is in local thermodynamic equilibrium, so aw inside 

the droplet equals aw just outside the droplet. With increasing distance from the droplet 

interface, the water concentration, and therefore aw, approaches the starting value in the 

chamber. For the pure water droplet, aw inside the droplet always equals 1, so the droplet 

                                                 

1 Since Epstein and Plesset derived their equation for gas bubble dissolution, they also included a version of 
the model that accounts for the changing density of the gas due to the curvature of the bubble interface. In 
that case cs is not constant but still remains in equilibrium with the gas in the droplet. As the density of the 
gas increases due to increased curvature, the value of cs increases. Since all systems here are liquids, and 
are relatively incompressible, this surface tension effect is negligible. See Duncan [88] for more details on 
the Epstein-Plesset model as applied to gas bubbles. 
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continues to dissolve until it has completely dissolved and the chamber is once again at a 

constant aw. For the salt droplet on the other hand, aw inside the droplet decreases as the 

droplet shrinks and the NaCl concentration increases. The interface is still in local 

equilibrium, but the water concentration gradient just outside the droplet is not as steep as 

the pure water droplet and the droplet dissolves more slowly. Since the entire system (i.e., 

droplet and entire chamber) is not in equilibrium, water will continue to flow from the 

droplet into the surrounding medium until the water activity (or chemical potential) in 

both phases is the same, i.e., fR – f = 0, or, if the water activity is low enough, until the 

aqueous phase has completely dissolved. 

As an example, Fig. 4-3a shows the calculated diameters for a pure water droplet 

and a 0.2 M NaCl droplet as a function of time as each dissolves in dry (f = 0) octanol 

and octanol that is half-saturated with water (f = 0.5). The corresponding values of (fR – f) 

are shown in Fig. 4-3b. For pure water droplets, fR always equals 1, so the dissolution 

curve follows the Epstein-Plesset model (Eq. 4-1 reduces to Eq. 3-3). On the other hand, 

solution droplets begin with a slightly lower value of fR due to the presence of salt. As 

water dissolves into the surrounding octanol and the NaCl concentration increases, fR 

decreases and the solution droplets dissolve more slowly than the pure water droplets. 

This becomes quite noticeable for the droplet dissolving in dry octanol (f = 0) between 75 

and 100 s as (fR – f) drops from ~0.8 to ~0.5. As (fR – f) approaches 0, the dissolution 

curve levels off. In the NaCl system, the salt crystallizes before reaching this point. 

However, if the octanol is partially saturated with water, such as f = 0.5, the slope of the 

dissolution curve will approach 0 as fR approaches 0.5. At this point, even though water 
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still remains in the droplet, the water activities in both the droplet and octanol phases are 

the same, so there is no driving force for dissolution. This is the scenario depicted in the 

final frame of the schematic in Fig. 4-2. 

 

Figure 4-2. Schematic of water activity as a function of distance during the 
dissolution of a pure water droplet (left) and a NaCl droplet (right) into an organic 
medium that is partially saturated with water (aw ~ 0.5). The dashed line marks 
the droplet boundary. The pure water droplet remains at aw = 1 and completely 
dissolves, whereas aw in the NaCl solution droplet decreases, eventually 
equilibrating with the surrounding medium. 



 

 120 

 
Figure 4-3. (a) Theoretical dissolution curves for pure water and NaCl solution 
microdroplets in octanol, and (b) the corresponding values of fR – f. Curves were 
calculated according to Eq. 4-1. Markers are present to help identify the curves. 

In order to calculate fR, the water concentration (or fractional saturation, f) must 

be known as a function of the droplet’s changing solute concentration. This can be 

measured directly at specified saturation fractions through equilibrium micropipette 

experiments (see below) or it can be calculated if both the relationship between aw and f 
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(surrounding oil phase), and aw and solute concentration (in the droplet phase) are 

known. In the experiments presented here, aw values in butyl acetate were measured for 

specified saturation fractions, and aw values in octanol and in the NaCl solution droplet 

were taken from the literature as functions of water concentration and NaCl 

concentration, respectively. To calculate the diameter at time ti+1, the diameter at time ti 

was used to calculate the solute concentration and aw in the droplet, and also fR. 

Since fR is calculated from the solute concentration in the droplet, the solute must 

be evenly distributed, i.e., the solute must redistribute within the droplet faster than the 

interface recedes. If diffusion of the solute within the droplet is too slow, the 

concentration of solute near the interface could increase enough to lower the local water 

activity, which could potentially slow the dissolution process even further. The diffusion 

coefficients of Na+ and Cl- ions are 1.3 and 1.8 × 10-5 cm2/s in infinite dilution and 1.2 

and 1.5 × 10-5 cm2/s at 1M NaCl [104]. The dissolution of an 80-µm pure water droplet 

into octanol or butyl acetate takes 99 s and 27 s, respectively. During this time, the root 

mean square displacement of the ions (assuming a 1-D random walk) is about 490 µm 

and 255 µm, respectively, at least 6 times farther than the distance the interface moves. 

Thus, Na+ and Cl- fulfill this requirement for fast solute redistribution. 

The approach used here is similar to models for saline droplet evaporation [100, 

101], which include a correction term for changing water activity. However, those 

models use a steady state approximation, whereas the modified E-P equation (Eq. 4-1) 

includes the approach to steady state. Neglecting this term (the last term in Eq. 4-1) 

would result in predicted dissolution lifetimes that are 25% and 8% longer than observed 
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experimentally for an 80-µm water droplet in octanol and butyl acetate, respectively. The 

model and single-droplet experimental systems presented here are therefore more 

complete and useful for isolating the effect of changing water activity on dissolution 

kinetics, and predicting the complete dissolution profile of a solute-containing droplet. 

4.2 Methods 

4.2.1 Materials 

NaCl (100.0%; Mallinckrodt Chemicals, Phillipsburg, NJ) was used as received. 

n-octanol (99+%; Sigma-Aldrich, St. Louis, MO) and butyl acetate (≥99.5%; Sigma-

Aldrich) were stored over 4-Å molecular sieves (EMD Chemicals, Gibbstown, NJ) to 

keep them dry. Hexamethyldisilazane (HMDS) was acquired from Sigma-Aldrich. 

Deionized water was filtered using a Barnstead Nanopure Life Sciences (UV/UF) 

ultrapure water system (>18 kΩ·m). 

4.2.2 Droplet Dissolution Experiments 

Two sets of single-droplet dissolution experiments were performed: 1) the 

dissolution of NaCl solution droplets into each solvent at f = 0 was observed in order to 

test Eq. 4-1 for droplets of different initial NaCl concentrations; and 2) NaCl 

concentrations were determined for solution droplets equilibrated at various saturation 

fractions (f > 0) in order to determine the relationship between NaCl concentration and 

water saturation of the organic solvent, f, when the water activity in both phases is the 

same. 
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NaCl Solution Droplet Dissolution in Organic Solvents at aw = 0 (f = 0) 

To test the new model (Eq. 4-1), stock solutions of NaCl were prepared between 

0.2 M and 5.0 M. (Droplets formed in butyl acetate from a 5.0 M solution were too near 

the refractive index match to determine initial size and concentration, so a maximum 

stock concentration of 3.2 M was used.) The beginning of the experiment (t = 0) was set 

when the droplet was first forced from the micropipette, and not yet fully formed. Since 

water dissolves into the surrounding medium while the droplet is being formed, the 

concentration of the solute in a fully formed droplet is higher than the concentration of 

the original stock solution in the micropipette, Cstock. (C will be used for droplet solute 

concentration and c will continue to be used for the concentration of the droplet’s liquid 

component in the surrounding medium.) Given the dissolution rates and formation times 

for the current systems, this concentration increase (5-10%) is enough to retard the 

dissolution phase by almost 10%, particularly for higher initial salt concentrations. To 

account for this, Eq. 4-1 was applied over the time it takes to form the droplet. The 

droplet diameter was measured at frequent intervals (usually every 0.1 s) while the 

solution microdroplet was forced out of the micropipette. Essentially, this method 

estimates the total amount of water that has dissolved into the surrounding medium by 

solving Eq. 4-1 at every measured radius where ∆t is the interval between measurements. 

For N total measurements (i.e., from the first frame in which the solution is forced from 

the micropipette until the last frame before is released into the organic phase and 

recaptured for subsequent diameter measurements), the total volume of water lost from 

the droplet is Vlost = 4πR2(dR/dt)∆t, or 
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Here, fR is calculated according to the concentration of NaCl in the micropipette, Cstock. 

The mass of NaCl in the microdroplet is given by Cstock(V + Vlost), where V is the volume 

of the formed microdroplet, and the concentration, C, of NaCl in the formed droplet is 

then given by C = Cstock(V + Vlost)/V. Droplet formation was recorded at a high frame rate 

(at least 10 fps) and Eq. 4-2 used to calculate the correct solute concentration, which was 

never more than 10% higher than Cstock. This droplet formation time was also applied as 

the correction described in the previous chapter (i.e., t becomes t + toffset). 

Butyl acetate was chosen for its low refractive index (1.3931 at f = 1) as compared 

to octanol (1.4249 at f = 1). As the NaCl concentration in a droplet increases, the 

refractive index also increases, from 1.3333 for pure water to 1.3773 for a saturated 

solution. Using the method of Tang, et al. [105], the refractive index of NaCl solution 

matches that of water-saturated butyl acetate at 7.39 M (Cn). At this concentration, the 

droplet becomes invisible. This is an important point in the dissolution processes since it 

can be used to determine the exact concentration of NaCl. Assuming that the mass of 

NaCl in a droplet is constant and the initial concentration, Ci, is known, the 

concentration, C, can be calculated from the measured droplet diameter according to C = 

CiRi
3/R3, where Ri and R are the initial and instantaneous droplet radii, respectively. The 

diameter of each droplet was measured at 3-6 points immediately before and after the 
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refractive index match and the calculated concentration at the exact time the droplet 

becomes invisible, Cn', was determined from linear extrapolation. This concentration was 

compared to the expected concentration, Cn, and the ratio Cn/Cn' = kn used as a 

correction factor in all concentration-based calculations. The refractive index of NaCl 

matches that of water-saturated octanol at about 11.9 M. However, homogeneous 

nucleation occurs at about 10.4 M, so the refractive index match is not reached in octanol, 

and only the concentration adjustment described above can be used. 

In order to complete these experiments under controlled lab conditions, a solvent 

should be used that dissolves the droplet in approximately 1-30 minutes. If dissolution is 

too fast, enough material is lost in the ~1 s it takes to form the droplet that the solute 

concentration increases too far from that of the stock solution in the micropipette. The 

correction described above for this (Eq. 4-2) is still an approximation and should only be 

used for small corrections. If droplet dissolution takes too long, the conditions of the 

chamber may change: the water activity in the chamber will drift toward that of the 

ambient relative humidity (typically 0.3 < aw < 0.5); the organic solvent may evaporate, 

changing the water concentration; or the solute (NaCl) may dissolve in the organic phase. 

Octanol, butyl acetate, and NaCl are materials that satisfy these conditions. 

NaCl Concentrations in Equilibrium with Organic Solvents at aw > 0 (f > 0): 
Determining f vs C 

Since aw as a function of water concentration in butyl acetate was not known, it 

had to be measured. One method of doing this is to equilibrate NaCl solution droplets 

with butyl acetate solutions of known water content. By measuring the microdroplet 
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diameter, the volume and solute concentration within the droplet can be calculated as a 

function of time. Thus, the relationship between NaCl concentration in the droplet, C, and 

water concentration in the organic phase, f, can be determined. Since this is a new 

method, NaCl solution droplets were also equilibrated with octanol solutions of known 

water content, and compared to data from the literature. Water from a low-concentration 

NaCl solution droplet will continue dissolving until the water activity reaches that of the 

surrounding phase, or until the droplet becomes supersaturated enough to crystallize, 

allowing the remaining water to completely dissolve. Therefore, NaCl concentrations 

were measured for droplets in organic solvents at saturation fractions high enough to 

prevent crystallization and allow water activity equilibration (f > 0.4 in butyl acetate and f 

> 0.3 in octanol).  

It is assumed that the solute does not migrate into the drying medium, i.e., the 

NaCl mass in the microparticle is constant. Since NaCl is hygroscopic and will remove 

water from the organic solvent solution, solvents equilibrated with water concentrations 

of f > 0 could not be pre-saturated with NaCl while maintaining a known water content. 

Therefore, salt solubility in the organic solvents at high aw was tested by observing 

droplets over several hours. After initial water loss, droplets in butyl acetate remained at a 

constant diameter, and those in octanol very slowly decreased in diameter indicating that 

the salt was slowly dissolving into the octanol, but not into butyl acetate. Therefore, the 

droplet diameter was measured until the last frame before crystallization (for low aw), or 

until dR/dt was less than 1% of the calculated dR/dt for a pure water droplet, i.e., (fR – f) 

< 0.01. For example, a 75-µm NaCl solution droplet, shown in Fig. 4-4, dissolved 
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completely into octanol at f = 0.3 within ~ 90 minutes. After ~ 400 s, however, the rate of 

dissolution decreased significantly. 

 

Figure 4-4. Diameter as a function of time for a NaCl solution droplet dissolving 
completely in octanol at f = 0.3. During the first 400 s, water dissolved into the 
surrounding octanol. Near aw equilibrium, the dehydration rate decreased 
significantly. Over the next 5000 s, the NaCl itself (and the remaining water of 
hydration) dissolved into the octanol, without ever forming a crystal. 

All experiments in this chapter were performed with HMDS-coated micropipettes 

(to prevent spreading of aqueous solution on the outer surface of the glass micropipette) 

using the two-chamber method, and were observed using a 40x objective and the digital 

Pike F-100B camera as described in the previous chapter. Two 2-mm path length cuvettes 

(~0.95 ml) (Nova Biotech, El Cajon, CA) were used as the chambers. All experiments 

were done at room temperature (~22°C). 
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A plug of organic solvent was first drawn into the micropipette. The pipette was 

then inserted into the second chamber and enough solution drawn in to form one droplet. 

The micropipette was then returned to the solvent chamber and positive pressure applied 

to force the solution from the pipette forming a droplet on the tip. For pure water 

droplets, the plug was a water-saturated solution of the organic solvent. This prevented 

water dissolution into the micropipette, which could alter the dissolution profile 

unpredictably if the organic solution in the pipette begins to saturate. By using a liquid 

plug, dissolution into the pipette is prevented, and under these conditions, the available 

dissolution area of the droplet can now be accounted for in the model by reducing the 

surface area available for diffusion (see micropipette correction described in the previous 

chapter, section 3.2.4). For salt droplets, a large plug of the same solvent as the 

dehydration chamber was used (to ensure the droplet reached equilibrium). If the supply 

chamber containing NaCl solution was used for more than one droplet, the concentration 

increased slightly (< 5%) due to evaporation. This was accounted for by measuring the 

evaporation from an unused chamber and verifying the concentration of the solution in 

the microchamber at the end of an experiment by measuring the refractive index of this 

remaining NaCl solution. 

4.2.3 Model Parameters 

It was assumed that the best mass transfer coefficient (D´) to use was the value 

measured for pure solvent dissolution using a droplet of the same initial droplet diameter. 

Since the exact cause of the size dependence for D´ is not known, it is possible that the 

size dependence could be different for salt solutions. For example, if the size dependence 
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is, in fact, due to the formation of a plume, the effect should still be present, but could be 

smaller for droplets with a high salt content; since the presence of salt retards dissolution, 

there may not be enough mass transfer to initiate the plume. All droplets in this section 

were therefore formed at about the same diameter (70-90 µm), and the value of D´ used 

in modeling was kept constant at the value that corresponded to an 80-µm droplet. 

In all calculations, the partial molar volume of water in the salt solution 

microdroplet, and therefore its density, was assumed constant. This assumption is only 

strictly true if there is no volume change on mixing with NaCl, i.e., if it is an ideal 

mixture. While this is not the case for NaCl solution, the partial molar volume of water 

(calculated from NaCl solution density data [84]) increases only 1% by ~6 M NaCl, and 

2% by ~8.5 M. Including this change would have little impact (< 1%) on the dissolution 

profile. 

4.2.4 Refractive Index Measurement 

The refractive indices of dry solvents, water-saturated solvents, and NaCl 

solutions were measured using an Abbe refractometer at 22ºC (ATAGO, DR-A1, 

measurement accuracy ±0.0002). 

4.3 Results 

4.3.1 NaCl Solution Droplet Dissolution (Dehydration) in Organic 
Solvents at aw = 0 (f = 0) 

Fig. 4-5 shows micrographs of representative salt solution droplets dehydrating in 

octanol. As expected, droplets with higher initial salt concentrations dissolved more 

slowly and resulted in larger salt microcrystals. Notably, as the NaCl concentration 
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increased (later images in Fig. 4-5, B-D), the refractive index of the droplet also 

increased, becoming closer to that of the surrounding octanol. For example, in Fig. 4-5 at 

t = 120 s in row C, the NaCl concentration in the droplet was 10.22 M and the droplet 

edge had noticeably less contrast than the pure water droplet (row A) or even the droplet 

initially (row C, t = 0). At this point the calculated refractive index difference between 

the droplet and the surrounding medium was only about 0.01, as compared to 0.08 at t = 

0. 

 
Figure 4-5. Video micrographs (144 µm × 108 µm) of aqueous droplets 
dissolving into octanol at equal timepoints for (A) 0 M, (B) 0.22 M, (C) 1.04 M, 
and (D) 5.15 M initial NaCl concentrations. 

Fig. 4-6 shows the corresponding droplet diameters (4-6a) and NaCl 

concentrations (4-6b) for the microdroplets in Fig. 4-5. The larger crystals in Fig. 4-5 (C 

and D) correspond to the larger droplet diameters at the point of nucleation in Fig. 4-6. 

By keeping the droplet motionless and out of contact with any potential nucleation sites, 

this technique allows the solution to supersaturate to the point of homogenous nucleation. 
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As seen in Fig. 4-6b, the NaCl concentration in each droplet passes the saturation value 

of 5.3 M, but does not crystallize until well into the supersaturation range. The average 

NaCl concentration at the point of nucleation for all NaCl solution droplets in octanol 

was 10.38 ± 0.35 M. This is consistent with the concentration reached by Tang et al. 

[106], who measured the concentrations of suspended NaCl droplets in equilibrium with 

known vapor pressures. By using droplets suspended in an electric field, they were able 

to reach concentrations into the supersaturated region. These results are also consistent 

with those of Duncan [88], who found a homogenous nucleation concentration of 10 ± 

0.5 M using the micropipette technique. Note that this is not far from the predicted 

refractive index match concentration of 11.9 M. 

The two-chamber method allows the repeated formation of droplets of similar size 

and initial concentration. The reproducibility of this method, and the consistency of 

droplet dissolution, is demonstrated in Fig. 4-7, which shows the diameters as a function 

of time for three droplets formed in octanol from a 1 M NaCl solution along with the 

predicted dissolution curve. The initial droplet sizes ranged from 77.9-78.5 µm, and the 

predicted curve was calculated using an initial droplet diameter of 78.2 µm. The largest 

standard deviation of the measured diameters at any time was 0.5 µm. Given that the 

standard deviation of the initial droplet diameters was 0.3 µm and the pixel resolution of 

our image is 0.2 µm, this represents a very small experimental variation between 

droplets. 
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Figure 4-6. (a) Droplet diameters and (b) NaCl concentrations as a function of 
time for 0 M (○), 0.22 M (●), 1.04 M (■), and 5.15 M (▲) initial concentrations 
dehydrating in octanol at f = 0. Markers indicate experimental data. Solid curves 
were calculated according to Eq. 4-1 and are drawn until the diameter reached that 
of micropipette (8 µm) or the NaCl concentration reached 10.5 M. NaCl 
saturation concentration (- - -) and refractive index match (…) are shown for 
reference. 
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Figure 4-7. Droplet diameters as a function of time for three 1 M NaCl droplets 
dehydrating in octanol at f = 0 demonstrating the reproducibility of results. Initial 
diameters were 77.9, 78.1, and 78.5 µm. The solid curve was calculated according 
to Eq. 4-1 assuming an initial diameter of 78.2 µm. 

Fig. 4-8 shows micrographs of representative droplets dehydrating in butyl acetate 

and Fig. 4-9 shows the corresponding droplet diameters and NaCl concentrations. The 

same trends with increasing initial salt concentration that were seen in octanol were seen 

here (slower dissolution, larger crystals, and larger droplet diameters at nucleation) and 

the average NaCl concentration at the point of nucleation was 10.24 ± 0.31 M, consistent 

with the results from the literature and the results in octanol. In Fig. 4-9b, the 

concentration of each droplet is shown as it passes the solubility limit of NaCl in water, 

then the refractive index match with butyl acetate, before crystallizing at the same 

concentration, regardless of initial NaCl concentration. 
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Figure 4-8. Video micrographs (144 µm × 108 µm) of aqueous droplets 
dissolving into butyl acetate at equal timepoints for (A) 0 M, (B) 0.24 M, (C) 1.20 
M, and (D) 3.69 M initial NaCl concentrations. 

The two most notable differences in butyl acetate, as compared to octanol, are the 

faster overall dissolution and the observed refractive index match. Fast dissolution 

follows directly from the higher value of the diffusion coefficient of water in the organic 

solvent, D, and was expected based on the pure water dissolution experiments in the 

previous chapter. Thus, even though water is ~4.2 times more soluble in octanol than 

butyl acetate, the ~17-times-slower diffusion coefficient of water in octanol results in 

slower overall dissolution. As explained above, the refractive index match was a primary 

motivation for using butyl acetate as a dehydration medium, since the match allows an 

independent determination of NaCl concentration in the droplet. A good example is 

shown in Fig. 4-8. At t = 10 s in row D, the NaCl concentration in the droplet is 6.5 M, 

very close to the concentration at which the refractive index matches that of water-

saturated butyl acetate (7.39 M) and the droplet becomes invisible. By t = 15 s, the 
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droplet has passed through this match and is again visible with a NaCl concentration of 

8.5 M.  

 
Figure 4-9. (a) Droplet diameters and (b) NaCl concentrations as a function of 
time for 0 M (○), 0.24 M (●), 1.20 M (■), and 3.69 M (▲) NaCl solutions 
dehydrating in butyl acetate at f = 0. Solid curves were calculated according to Eq. 
4-1 and are drawn until the diameter reached that of micropipette (8 µm) or the 
NaCl concentration reached 10.5 M. NaCl saturation concentration (- - -) and 
refractive index match (…) are shown for reference. 
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4.3.2 NaCl Concentrations in Equilibrium with Organic Solvents at aw 
> 0 (f > 0): Determining f vs C 

According to the assumptions of this model, the rate of water dissolution depends 

on the water activity in the droplet and the corresponding water concentration in the 

organic solvent (fR). In order to use Eq. 4-1 to predict NaCl solution droplet dissolution, 

the concentration of water in the organic phase, f, must be known as a function of NaCl 

concentration in the droplet, C (calculated from droplet volume changes). This allows one 

to then calculate the water concentration at the droplet interface, fR, for any droplet 

radius. The values for aw in NaCl solutions (as a function of NaCl concentration) were 

taken from the literature [106]. The values for aw in octanol (as a function of water 

concentration, or f) were also taken from the literature [87]. If both f and C are known as 

a function of aw (as is the case for octanol), the relationship can easily be calculated (see 

Fig. 4-11 below). However, no water activity data were found in the literature for water 

dissolved in butyl acetate, so the relationship between f and C for this system had to be 

determined experimentally. Fig. 4-10 shows the NaCl concentrations of representative 

NaCl solution droplets dissolving in butyl acetate at saturation fractions equal to 0.0, 0.4, 

0.5, 0.7, 0.8, and 0.9. The droplets shown in the figure have similar initial diameters and 

concentrations. It is important to note that for a given saturation fraction, droplets 

equilibrated to the same NaCl concentration regardless of initial size or concentration. As 

expected from the Epstein-Plesset equation and the modified model (Eqs. 3-3 and 4-1), 

with increasing saturation fraction, droplets dissolved more slowly, eventually 

equilibrating at the NaCl concentration that corresponded to fR – f = 0 (see schematics in 
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Figs. 4-2 and 4-3). Note that at f = 0, the solution droplet did not reach an equilibrium 

concentration, but nucleated at the critical superstation concentration. At f < 0.4, all 

droplets crystallized before reaching a constant concentration (i.e., before fR = f), so no 

equilibrium values could be determined. At f > 0.7, the concentration remained below 

7.39 M, so there was no refractive index match. In these cases, Eq. 4-2 was used to 

correct for any water loss during droplet formation. 

 
Figure 4-10. NaCl concentrations of droplets dehydrating in butyl acetate at f = 0 
(◆), f = 0.4 (■), f = 0.5 (▲), f = 0.7 (●), f = 0.8 (×), and f = 0.9 (+). All droplets had 
an initial diameter of about 75 µm and an initial concentration of about 0.23 M. 
Solid curves were calculated according to Eq. 4-1. NaCl saturation concentration 
(- - -) and refractive index match (…) are shown for reference. 

Also as expected from theory, the equilibrium NaCl concentrations decreased 

with increasing water saturation fractions in butyl acetate (lower aw). These equilibrium 

concentrations are shown as a function of water concentration in the organic solvents 
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(i.e., saturation fractions, f) in Fig. 4-11. Since it is necessary to calculate fR for every 

NaCl concentration on a dissolution curve (Eq. 4-1), the data was fit with a polynomial 

function for f as a function of C (R2 = 0.9994). 

Since the relationship between NaCl concentration and aw is known, this 

technique essentially provides a fast measurement of water activity in the solvent. 

Saturation fractions were converted to mole fractions of water in each solvent, and are 

shown as a function of aw in the inset in Fig. 4-11. To verify the accuracy of this method, 

NaCl droplets were formed in octanol solutions at different saturation fractions and the 

NaCl concentration measured at equilibrium. These points are shown in Fig. 4-11 and are 

consistent with the values calculated from the literature. 

The relationships between f and C shown in Fig. 4-11 were used in Eq. 4-1 (along 

with the described corrections for the micropipette, droplet formation time, and water loss 

during droplet formation) to calculate the dissolution curves shown in Figs. 4-6, 4-9, and 

4-10. (All theoretical curves were drawn until the predicted NaCl concentration reached 

10.5 M.) The model fits the experimental data quite well. Since the equilibrium values 

were used to calculate the dissolution curves in Fig. 4-10, it is not surprising that final 

diameters and concentrations match the theoretical curve well. It is notable, however, 

how well the kinetics of the dissolution process is predicted. 
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Figure 4-11. Equilibrated NaCl concentrations as a function of water saturation 
fraction in the organic solvents as determined by micropipette experiments in 
butyl acetate (●) and octanol (▲), and as calculated from aw data in the literature 
[87] for octanol (∆). The curves represent polynomial fits to the data, used to 
calculate fR in Eq. 4-1. Error bars represent standard deviations. The inset shows 
the same data converted to mole fractions of water as a function of water activity 
in both solvents. 

4.4 Discussion 

4.4.1 Model in Dimensionless Form 

When we compare the dissolution of droplets of the same size, they are 

exceptionally consistent and are well represented by the model (see Figs. 4-6, 4-9, and 4-

10). However, in order to compare droplets of different initial sizes, and therefore a larger 

set of data, the dissolution profiles were plotted in dimensionless form as described in the 

previous chapter by setting ξ  = R/Ro and τ = πDt/Ro
2. Eq. 4-1 then becomes 
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Since density is constant, the curve depends only on water solubility in the dehydration 

medium, cs, and concentration differences, i.e., fR – f, which reflect differences in initial 

NaCl concentration. Fig. 4-12 shows the dissolution of several NaCl solution droplets in 

octanol (a) and butyl acetate (b) compared to the dissolution rates predicted by Eq. 4-3. 

The data are grouped by initial NaCl concentration. The standard deviations of the initial 

NaCl concentrations was < 0.03 M, so the small concentration differences between 

droplets do not produce a noticeable difference on the graph. The value for Ro was 

determined as described in section 3.2.3 by extrapolating back from the first measured 

diameter over the time elapsed during droplet formation. For example, an 80-µm water 

droplet formed in 0.5 s in butyl acetate would have an extrapolated initial diameter of 

81.3 µm. This means that the first data point for a fully formed droplet (the maximum 

diameter) always falls on the predicted curve. This is shown by the first few data points 

in Fig. 4-12. As droplets are formed, the diameters increase until they reach the predicted 

dissolution curve at ξ ~ 0.98. The data for all droplets match the predicted curves 

remarkably well. This shows that the local thermodynamic equilibrium assumption used 

by Epstein and Plesset (cr=R = cs for t  > 0) can be successfully extended to droplets in 

which that thermodynamic parameter (aw) is changing. 
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Figure 4-12.  Dimensionless plot of experimental dissolution profiles of NaCl 
solution microdroplets in (a) octanol and (b) butyl acetate compared to theoretical 
dissolution profiles calculated according to Eq. 4-3. 
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It should be emphasized that even though water concentration, fR, (calculated 

from NaCl concentration, C) directly guides the model, the important underlying factor is 

water activity. The local equilibrium at the droplet interface allows a calculation of the 

water concentration in the surrounding organic phase, and the difference, cs(fR – f), 

between this concentration and that at an infinite distance drives diffusion of water away 

from the droplet interface, allowing further mass transport from the droplet into the 

surrounding medium, i.e., droplet dissolution. 

4.4.2 Concentration Profiles Outside the Microdroplet 

Fig. 4-14 shows calculated concentration profiles for a salt droplet (initially 2 M) 

dissolving into butyl acetate. The concentration profiles were calculated according to the 

same assumptions as the previous chapter, except that cs in Eq. 3-13 becomes cr=R in 

order to account for the changing water activity. Solving for c and then dividing by cs 

gives: 

𝑐
𝑐𝑠

= 𝑓 −
𝑓 − 𝑓𝑅
𝜉𝑟>𝑅

erfc�
𝜉𝑟>𝑅 − 1

�4𝜏/𝜋
� (4-4) 

Note that as τ increases and as water leaves the droplet, the salt concentration increases 

and the concentration of water at the boundary decreases due to local equilibrium with 

water in the droplet. By τ = 133, the concentration is 10.24 M, the approximate 

concentration for homogenous nucleation. The concentration profile of a pure water 

droplet at this same value of τ is shown for comparison. 

It should be kept in mind that Eqs. 4-1 and 4-4 were not re-derived from the 

assumption of a variable fR; this change was made after integrating the differential 
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equations in which (1 – f) is a constant. Therefore, they do not account for how the 

evolution of the concentration profile outside the droplet will be different from its 

evolution outside a droplet of constant fR (i.e., fR = 1). Each curve in Fig. 4-14 was 

calculated according to the assumptions used in Eq. 4-1—for example, the concentration 

profile when the droplet concentration is 10.24 M and fR = 0.35 (τ = 133 in Fig. 4-14) is 

mathematically based on a droplet dissolving at a constant fR = 0.35 for the same amount 

of time. Thus, the concentration profile (and, importantly, the concentration gradient at 

the interface) is calculated assuming that less water overall has dissolved into the 

surrounding butyl acetate—compare the area under the gray curve (the salt droplet) to the 

area under the dotted curve (pure water droplet). Qualitatively, one would expect the 

concentration profile to be established faster for a droplet with decreasing fR, which 

would make experimental dissolution slower than the model. 
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Figure 4-13. Calculated concentration profiles outside an initially 2 M NaCl 
solution droplet dissolving into butyl acetate for τ = 1 (2.05 M, fR = 0.895), τ = 
100 (6.91 M, fR = 0.596), τ = 133 (10.24 M, fR = 0.350), and a pure water droplet 
at τ = 133 (0 M, fR = 1). Note that the y-axis (concentration) is drawn at ξ = 1, 
i.e., at the droplet boundary. 

So, since the model does not account for this, why does it work so well? In the 

butyl acetate example, the mean square displacement of water by τ =133 is ~ 9 radii, at 

which point the concentrations of water due to water droplet dissolution and salt droplet 

dissolution are similar. The diffusion of water through the organic medium is fast enough 

that the concentration profile outside the droplet adjusts much more quickly than cs(fR – 

f) changes. As long as the concentration profile can adjust faster than this change, i.e., 

diffusion is much faster than droplet dissolution (or the change in fR), this model should 



 

 145 

work well. This is closely related to the moving boundary assumption discussed in the 

last chapter. In that case, as long as the concentration profile outside the droplet extended 

far compared to the droplet radius, the boundary movement could be neglected. Diffusion 

must take place over a distance much greater than the boundary recedes in a given 

amount of time.  

4.4.3 Generalized Form of the Model for Droplet Mixtures 

Although demonstrated for aqueous microdroplets with a solute that is insoluble 

in the surrounding medium, this same model could be applied to an organic solvent 

solution microdroplet dissolving in any second immiscible phase (e.g., see Chapter 6), or 

even a microdroplet in which all the components are soluble in the surrounding phase.  

In this section, a more generalized model is presented that includes the dissolution 

of all components of the liquid droplet, and can be expanded to any number of 

components. This assumes that the concentration of one component outside the droplet 

does not influence the dissolution of the other component. Still using the assumptions of 

Epstein and Plesset, we are interested in the concentration gradient of each component in 

the droplet just outside the droplet interface. The total mass flux from such a 

multicomponent droplet is the sum of the fluxes of each individual component, 𝐽𝑡𝑜𝑡𝑎𝑙 =

𝐽1 + 𝐽2 + ⋯+ 𝐽𝑘, and the dissolution rate then becomes 
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where the subscript k refers to the kth component in the droplet and  
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If the solubilities of all components but one are reduced to zero (or the dissolution 

medium is saturated, making fR,k = fk), this immediately reduces to Eq. 4-1.  

One example of such a system is that shown in Fig. 4-4. Since the solubilities of 

water and NaCl in octanol are so different, it was assumed that dissolution takes place in 

two stages: first water, then NaCl. Actually, both are dissolving, but the volume change 

due to NaCl loss is very small during the first stage.  

4.5 Conclusion 

It was demonstrated that the water activity in a droplet could be used to accurately 

determine its dissolution profile. Even if activity coefficients of the system components 

are not known, a few micropipette experiments (at a few values of f) can provide enough 

data to predict the dissolution of any other solution droplet of the same system. The 

relationship between f and C can be estimated from a micropipette experiment as long as 

no phase separation has occurred—the concentration of solute that corresponds to a given 

f-value can be calculated from the droplet diameter in equilibrium (or very near 

equilibrium) with the surrounding medium. The dissolution profile can then be predicted 

for any initial droplet size, any initial solute concentration, and any saturation fraction of 

the surrounding medium, making this model a powerful tool in the application of scaling 

up to bulk preparation of microparticles from emulsions.  

In the application of drug particle formation, this model can be incredibly useful. 

Even though bulk particle formation is conducted under convective, not diffusive, 

conditions, the model presented in this chapter can be used to predict to what degree the 

presence of the drug (or any solute) will slow dissolution. It was shown that both sides of 
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the droplet interface were in local thermodynamic equilibrium, and that the model was 

accurate as long as the concentration profile outside the droplet changed quickly (i.e., fast 

diffusion) with respect to the rate of activity change within the droplet. In a convective 

environment, the additional mixing would increase the distribution of water outside the 

droplet, further enforcing the validity of this condition. 



 

 148 

Chapter 5. Protein Dehydration1 

5.1 Introduction 

In this chapter, the principles of microdroplet dissolution and microparticle 

dehydration that were established in Chapters 3 and 4 are applied to the dehydration of 

proteins. Through previous work in the lab (David Needham, unpublished data; and [88]) 

it was discovered that the removal of water from an aqueous protein droplet resulted in 

the formation of a solid glass, shown schematically in Fig. 5-1. This is consistent with 

other knowledge of dehydrated protein films [108]. Unlike the small ions investigated in 

the previous chapter, protein molecules are too large, and molecular contacts too 

complicated, to form an ordered crystal in the short time it takes to remove water from a 

solution microdroplet. The main goals of this chapter were to provide in situ observations 

of this protein particle formation, determine the level of hydration in these particles, and 

use this two-phase microsystem technique to determine the distance-dependence of 

protein-protein interactions. 

                                                 

1 Portions of this Chapter involving lysozyme experiments in decanol have been reprinted from Biophysical 
Journal, 98(6), Rickard, D.L., P.B. Duncan, and D. Needham, Hydration Potential of Lysozyme: Protein 
Dehydration Using a Single Microparticle Technique, p. 1075-1084, Copyright (2010), with permission 
from the Biophysical Society.  Figures from that paper are referenced [107], and any data presented here 
that was acquired by another author of that paper is listed as such. 
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Figure 5-1. Dissolution (dehydration) of a protein solution microdroplet into a 
surrounding liquid medium, resulting in a glass. 

Toward this end, microdroplets of aqueous lysozyme and bovine serum albumin 

(BSA) solutions were dissolved into decanol, octanol, and pentanol resulting in the 

almost complete removal of all bound water and the solidification of the protein as a 

glassified microbead. The hydration isotherms for both proteins were determined and 

compared to literature values, and the kinetics of this process were compared to the 

activity-based model presented in the previous chapter. Taking advantage of lysozyme’s 

compact and stable structure, the distance dependence of the interaction energy between 

lysozyme molecules was then measured using a simple packing model of protein-protein 

arrangements. 

5.1.1 Two-Phase Microsystem: Protein Dehydration 

As in the previous chapter, the relatively infinite nature of the surrounding 

medium allows precise control over water conditions of a single-droplet experiment. In 

the two-phase microsystems studied here, the water-alcohol interface has a similar effect 

to a semi-permeable membrane; water may cross freely, but protein’s insolubility keeps it 

confined to the microdroplet or microbead. At the beginning of an experiment, aw in the 

protein phase is very close to 1, and aw in the alcohol phase is at a pre-set value less than 
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1. Water therefore flows across the interface as we have seen in the previous chapters. In 

pure liquid systems, there was no opposing force in the droplets and they completely 

dissolved. In the case of a salt solution, the ions lowered the water activity in the droplet 

and then either crystallized or prevented further water dissolution at an equilibrium 

concentration. In this chapter, the relatively large protein molecules do not significantly 

alter the water activity until most of the water has been removed, resulting in a uniform, 

solid phase. Since there is no phase change during dehydration, the concentration of 

protein and water can be calculated for any diameter and are assumed to be spatially 

constant throughout a droplet. (There are certain cases where the protein distribution in 

the resulting microbead is not uniform, and these will be discussed later in this chapter.) 

This allows the application of a packing model to dehydration and rehydration data in 

order to determine the distance-dependence of the interaction energy between protein 

molecules, making this a powerful method for studying protein at low hydration. 

5.1.2 Background and Theory: Short-Range Protein Interactions 

DLVO Theory 

As two molecules, or surfaces, approach each other in solution they experience 

attractive and repulsive forces due to their electronic configurations and that of the 

surrounding medium. As reviewed in Chapter 1, there exists an attractive force between 

similar surfaces due to induced dipole-induced dipole interactions, or dispersion forces, 

and a repulsive force due to overlapping electric double-layers.  

Fig. 5-2 shows these interactions calculated for lysozyme assuming the simple 

geometry of two planar surfaces at a constant surface potential. The van der Waals force 
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per unit area, PVDW, was calculated using H = 1 × 10-20 J, which is a typical value for 

proteins [36] and slightly larger than values measured for lysozyme adsorbed to mica 

[109]. For a 50 mg/ml solution of lysozyme, the measured pH was ~ 4, which 

corresponds to a charge per protein molecule of 10.6e [110] and a charge density of 0.028 

C/m2. (Note that at 50 mg/ml, the average distance between lysozyme molecules would 

be 63 Å based on the packing model described below.) Given that this protein is 

essentially salt-free, the only ions in solution are the counterions required for 

electroneutrality, or ~ 35 mM Cl-, and the H+ and OH- present in water at pH ~ 4. The 

interaction energy is dominated by electrostatic repulsion until the molecules get very 

close, ~ 4 Å, at which point the attractive van der Waals interaction becomes dominant. 

Experimentally, however, there is a repulsive force measured between hydrophilic 

surfaces, even at these close distances. 
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Figure 5-2. Calculated DLVO interaction energy and pressure between lysozyme 
surfaces as a function of distance.  

Hydration Potential 

DLVO theory does not account for specific interactions with the solvent at the 

surface. When charged surfaces are solvated by a polar solvent, such as water, the solute-

solvent interaction must be overcome in order to bring those solute surfaces closer 
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together.2 It is well known that proteins in aqueous solution are locally surrounded by 

water that has different properties from bulk water. This hydration water has fewer 

degrees of freedom, a longer residence time, and is more difficult to remove (lower water 

activity, aw) [111]. Protein hydration has been measured as a function of aw, which is 

usually controlled by setting the relative humidity. The quantity of water retained or 

associated with the protein is then measured gravimetrically or by x-ray diffraction [112-

114], FTIR spectroscopy [115], NMR [116], or dielectric relaxation [117]. These 

techniques all show that water in direct contact with the protein surface has a lower 

activity than bulk, and that water surrounding polar groups has lower activity still. In 

other words, more energy is required to remove the water that interacts directly with the 

amino acids at the protein surface than is required for water further away, i.e., water in its 

ideal standard state surrounded by other water molecules in bulk water. Physically then, 

there is a distance dependence of this energy (chemical potential of water) that has been 

seen experimentally to decay as an exponential. Consequently, when two hydrophilic 

surfaces are brought closely together (< 20 Å) in an aqueous phase, there is an energy of 

repulsion that is much greater than that predicted by repulsive electrostatic and attractive 

van der Waals interactions [118-120]. The general form of this hydration energy potential 

is Ehyd = Poλ exp(-d/λ), where λ is a decay length characteristic of the solvent size and 

surface geometry, d is the distance between surfaces, and Po is the pressure extrapolated 

to d = 0, or, in terms of hydration pressure, Phyd = Po exp(-d/λ). 

                                                 

2 For hydrophobic surfaces, this can manifest as an attractive force. For a more detailed discussion of 
intermolecular forces, see Leckband and Israelachvili [36] or Hiemenz [35]. 
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Measuring Intermolecular Forces 

For molecules that easily arrange into ordered arrays (e.g., lipids, DNA, collagen 

fibers), the separation distance can be determined from x-ray diffraction [118, 119, 121-

123]. The aw in the sample can be adjusted by setting the relative humidity or by the 

osmotic stress method, in which a large solute such as dextran [122], 

poly(vinylpyrrolidone), or polyethylene glycol (PEG) is used to set the osmotic pressure, 

Πosm, of a surrounding phase, while water and small solutes diffuse between the two 

phases until the chemical potentials are equal [124]. The chemical potential of water, µw 

= µo + kBT ln aw (where µo = chemical potential of pure water, T = 298K, and kB is 

Boltzmann’s constant), indicates the free energy change upon transferring one water 

molecule from the region between surfaces to water in its ideal standard state. The 

pressure between surfaces is then determined by dividing by the molecular volume of 

water, vw, or from Πosm = kBT/vw ln aw. Alternatively, the repulsive force can be 

measured directly by coating surfaces with the test molecules and bringing them together 

with a surface force apparatus (SFA) [109, 125-127] or atomic force microscope probe 

(AFM) [127, 128]. This method has been used for molecules such as globular proteins 

that do not form ordered arrays but that can be adhered to a surface. However, it has the 

disadvantage that the surfaces are relatively rough and not well defined at the molecular 

level, making it more suitable for longer-range interactions. One must account for how 

proteins will order themselves at the boundary, and it becomes difficult to define the 

protein surface geometry [128, 129]. At these longer distances, experimental results are 

consistent with DVLO predictions, but at distances less than 10 – 20 Å, a strong repulsive 
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force is found [109, 125, 128, 129]. Since globular proteins do not form arrays suitable 

for x-ray diffraction, and SFA and AFM techniques have the limitations stated above, no 

value of λ for globular proteins has previously been measured. 

5.2 Methods 

5.2.1 Materials 

Lysozyme from chicken egg white (3x crystallized and lyophilized, 14.7 kDa, 95 

% pure, L7651) was obtained from Sigma and used as received. Solutions were prepared 

with de-ionized water to concentrations ranging from 2 mg/ml to 85 mg/ml. Lyophilized 

bovine serum albumin (BSA, 66.4 kDa) was obtained from Sigma. Fresh BSA in solution 

(198.6 mg/ml) was generously donated by Biocell Laboratories, Inc. (Rancho 

Dominguez, CA). Solutions were prepared with filtered deionized water (resistivity >18 

MΩ) from a Branstead Nanopure Life Sciences (UV/UF) ultrapure water system to 

concentrations ranging from 20-50 mg/ml. 

n-decanol (> 99 % pure), n-octanol (99% pure), n-pentanol, HMDS, BaCl2, and 

polyethylene glycol (PEG) (3350 MW) were acquired from Sigma. Alcohols were stored 

over 3-Å molecular sieves to keep them dry. Water content of dry decanol was 

determined by Karl Fischer titration. Anhydrous CaSO4 (Drierite) was acquired from 

W.A. Hammond Drierite Company, Ltd. (Xenia, OH). Ethanol and CuSO4 were acquired 

from Fisher Scientific (Fair Lawn, NJ). NaCl was acquired from Mallinckrodt Chemicals 

(Phillipsburg, NJ). MgCl2•6H2O was acquired from EM Science (Gibbstown, NJ). PEG 

(10,000 MW) was acquired from Alfa Aesar (Ward Hill, MA). 
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5.2.2 Single Microdroplet Dissolution and Dehydration 

Lysozyme solution microdroplets in decanol, used for equilibrium experiments, 

were formed using the single-chamber method described earlier. A micropipette was 

front-filled with a lysozyme solution, inserted into the decanol-filled chamber, and a 

microdroplet formed by applying positive pressure in the micropipette to force out the 

lysozyme solution into the drying medium. When the microdroplet was at a desired 

diameter (50-110 µm), the pipette holder was gently tapped to release the droplet from 

the micropipette. The droplet was then quickly caught on the end of the micropipette by 

applying a slight suction. At each saturation fraction in decanol, 7-19 lysozyme solution 

microdroplets were measured. In octanol, 3-9 microdroplets were measured in each set, 

and in pentanol, 3 droplets were measured in each set. BSA solution microdroplets (2-7 

droplets at each saturation fraction) were formed using the two-chamber technique. All 

droplets were typically watched under diffusion-controlled dissolution for the first 2-30 

min until hardened, then released to settle to the bottom of the chamber and recorded 

periodically for the next 30-90 min. In some instances, convective transport of water 

from the droplet was achieved by moving the droplet through the solution while still on 

the end of the micropipette or by allowing the droplet to fall through solution while 

maintaining microscopic focus. The temperature in the chamber was monitored with a 

thermocouple during two experiments. As expected, the temperature increased slightly 

(1°C) to 23°C due to microscope illumination. 

The amount of water in the drying solvent (saturation fraction, f) was established 

before the micropipette experiment by mixing known quantities of dry and water-
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saturated solvent. All decanol solutions were saturated with lysozyme to prevent the loss 

of protein from the microbead. The solubility of lysozyme in wet decanol (f = 1) was 

estimated at < 0.002 mg/ml based on absorbance at 280 nm. However, there was no 

detectable difference between results obtained from solutions pre-saturated with 

lysozyme and those that were not indicating that any protein dissolution occurs more 

slowly than the time-scale of the experiment. 

Decanol was chosen primarily because of its solubility properties. The solubility 

of decanol in water is low enough (~0.004 vol %) that any decanol diffusing into the 

aqueous protein droplet is negligible in volume measurements. This is essential in order 

to get equilibrium concentration results as accurate as possible. The solubility of water in 

decanol is still high enough that the water capacity of the chamber greatly exceeds the 

amount of water added from a droplet. A single chamber was used for 8 (or fewer) 

microdroplets, so it was assumed that the water added did not change the water 

concentration of the decanol phase. To minimize any influence from changes in the local 

water concentration due to water added from droplets, microbeads were held > 1 cm from 

the air-decanol interface into the chamber to lose most of their water, then left > 1 cm 

further in to ensure equilibration. 

In other work in the lab [21], the effect of this dehydration procedure on protein 

structure and function has been investigated. In order to use this dehydration process on a 

scale large enough to evaluate structure and function (mg-scale), it was beneficial to use 

solvents that have a higher capacity for water. Pentanol and octanol were therefore 

included in this study. They were also used in order to test the kinetic model developed in 
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the previous chapter for protein solutes. Protein solution droplets used for kinetic studies 

were formed using the two-chamber method. 

5.2.3 Refractive Index: Protein Concentration Calculation 

The refractive index, n, of the droplet increases as water is removed and the 

protein concentration in the droplet increases. Similar to the NaCl solution droplet 

experiments in butyl acetate in the previous chapter, the refractive index of the protein 

solution droplet at one point exactly matched that of the immediate surrounding medium 

causing the droplet to become invisible (see Figs. 5-7 D and 5-8 D). This observation 

allowed an in situ measurement to be made of the protein concentration at this n-match. 

The refractive indices of water-saturated pentanol, octanol, and decanol were measured at 

room temperature (using an Abbe refractometer) and compared to calibration curves of 

the refractive indices of lysozyme and BSA solutions. Refractive index measurements of 

a series of lysozyme solutions ranging from ~ 5 to 400 mg/ml gave a refractive index 

increment of 0.194 ml/g (data collected by P. Brent Duncan [107]). This is consistent 

with the line obtained by Fredericks et al. [130], who found a slope of 0.2 ml/g. 

Refractive index measurements of BSA solutions ranging from 1 to 200 mg/ml gave a 

refractive index increment of 0.185 ml/g (data collected by David Gaul [21]). Fig. 5-3 

summarizes how this information was used to determine the refractive index match in 

each alcohol. The refractive indices of lysozyme and BSA solutions are shown as a 

function of protein concentration (based on their refractive index increments). The 

concentrations at which these lines intersect the refractive indices of the water-saturated 

alcohols are the concentrations at which the droplet becomes invisible in each alcohol. 
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The lysozyme refractive index line intersects the refractive indices of water-saturated 

pentanol, octanol, and decanol at concentrations of 359 mg/ml, 457 mg/ml, and 518 

mg/ml, respectively. The corresponding refractive index matches for BSA were 383 

mg/ml, 500 mg/ml, and 545 mg/ml. 

 
Figure 5-3. The refractive index of lysozyme and BSA solutions as a function of 
protein concentration showing the intersections with the refractive indices of 
water-saturated (f = 1) pentanol, octanol, and decanol at the points where the 
droplet becomes invisible in each alcohol. 

5.2.4 Scanning Electron Microscopy (SEM) 

SEM images were taken of single microbeads that had been dehydrated in 

decanol. Microbeads were formed with the micropipette in the same fashion as all 

dehydration experiments, but at the beginning of the experiment a small part of the 

microdroplet was gently drawn 20-40 µm up the micropipette, forming a plug. This kept 
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the glassified microbead secure enough on the tip of the micropipette that it could be 

removed through the organic solvent-air interface ready for SEM preparation. Once 

removed, micropipettes with microbeads were stored vertically until mounted on SEM 

stubs. The microbeads were mounted by gently pushing them onto carbon tape, breaking 

the brittle microbead off the micropipette tip (see Appendix for more details). In a 

separate experiment, SEM images were also taken of micropipette tips that had been used 

in experiments to confirm optical measurements of their diameter and of our calibration 

of optical microscope video images. All SEM samples were sputter coated with ~20 nm 

of gold and imaged at 5-10 keV using an FEI XL30 SEM, then analyzed using XL Docu 

Photo Editor software. 

5.2.5 Hydration Analysis 

The protein concentration in each droplet was verified by the same refractive 

index match method described in section 4.2.2. The calculated concentration at the 

refractive index match (Cn') was compared to the expected concentration (Cn) and the 

concentration at any given time then adjusted by the correction factor, kn = Cn/Cn'. This 

measurement of protein concentration ensured the best estimate of the concentration just 

before solidification. 

The lysozyme specific volume, vp, was assumed to be constant at 0.7 ml/g, and 

corresponds to the van der Waals volume of a lysozyme molecule plus the volume 

inaccessible to the surface of a spherical solvent probe of 1.4 Å radius [131]. The specific 

volume of BSA was also assumed to be 0.7 ml/g [132, 133]. From this assumption, the 

volume fraction of water, φw, can be calculated as 



 

 161 

𝜙𝑤 = 1 − 𝐶𝑣𝑝/1000 (5-8) 

Note that φw is defined as the volume fraction of the droplet phase that is not occupied by 

protein, i.e., the total volume of the protein-water phase was measured, which includes 

protein, hydration water (equivalent to adsorbed water, or water in the hydration “shell”), 

and interstitial space. The hydration water φhyd is the water that is associated directly with 

the protein surface. The volume fraction of the interstitial space, φint, is determined by the 

packing efficiency of the protein molecules in the sample (see Fig. 5-4). Depending on 

the surrounding environment, this interstitial space may be occupied by water or other 

molecules, e.g., alcohol or air, or be under vacuum as in SEM measurements. Therefore, 

φw is divided between hydration water (interacting with the protein) and interstitial space 

(present due to packing limitations of the protein) such that φw = φhyd + φint. The 

theoretical value of φint for the random jammed state of hard objects is 0.36 for spheres 

and 0.29 for prolate ellipsoids (1.5 aspect ratio) [134]. The volume fraction of interstitial 

space for these proteins was determined by calculating φint from Eq. 5-8, assuming φhyd = 

0 when the microbead is under dry (SEM vacuum ~8 × 10-5 Pa) conditions (as in Figs. 5-

14 and 5-15). 

Merzel and Smith [135] have shown that the density of water within the first 

monolayer (~3 Å) around lysozyme is approximately 5 % denser than bulk water. 

Therefore, ρw = 1.05 g/ml was used for the first monolayer (defined below) and ρw = 

1.00 g/ml for any additional water. Given the molecular weights for water, MWw, and 

protein, MWp, and an appropriate density of water, ρw, the amount of hydration water, h, 

in g water/g protein can be calculated as 
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ℎ =
g water

g protein
=

1000𝜌𝑤𝜙hyd

𝐶
 (5-9) 

or as the number of water molecules per protein, nw, as 

𝑛𝑤 =
1000𝜌𝑤𝜙hyd𝑀𝑊𝑝

𝑀𝑊𝑤𝐶
 (5-10) 

 

 
Figure 5-4. Two-dimensional schematic of the lysozyme packing model. Solid 
outlines represent the volume of lysozyme molecules with radii a and c. Dotted 
outlines represent the volume of hydration water, Vhyd. Also shown is the distance 
between molecules, d, and the interstitial volume fraction, φint. Reprinted from 
[107] with permission from the Biophysical Society. 

In order to calculate a distance between molecular surfaces, the lysozyme 

molecule was approximated as a prolate ellipsoid, with minor radius a = 14 Å and major 

radius c = 21 Å. It was assumed that hydration water is evenly distributed in a shell 

around the protein as shown in Fig. 5-4. The distance, d, between lysozyme molecules 

was defined as the minimum distance between lysozyme surfaces, or twice the hydration 

shell thickness, x (in Å), which can be determined analytically for an ellipsoid with radii 

a and c from 
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𝑥3 + (𝑐 + 2𝑎)𝑥2 + (2𝑎𝑐 + 𝑎2)𝑥 −
3𝑉hyd

4𝜋
= 0 (5-11) 

where Vhyd (in Å3) is the hydration shell volume for a single lysozyme molecule, given as  

𝑉hyd =
𝜙hyd

# proteins per unit volume
= �1 −

𝐶𝑣𝑝
1000

− 𝜙int� �
1027𝑀𝑊𝑝

𝑁𝐴𝑉𝐶
� (5-12) 

The distance between lysozyme molecules is then d = 2x where x is the real root of Eq. 5-

11. 

 
Figure 5-5. Water activity in decanol, octanol, and pentanol as a function of 
saturation fraction. Data for decanol and octanol were taken from Segatin and 
Klofutar [87]. Data for pentanol was taken from Gaul, et al. [21]. The 
corresponding polynomial fits are: (decanol) aw = -0.3312f4 + 1.4158f3 – 2.5782f2 
+ 2.4947f, R2 = 0.9992; (octanol) aw = -0.3326f4 + 0.9374f3 – 1.8343f2 + 2.2245f, 
R2 = 0.9991; (pentanol) aw = -0.9166f4 + 2.9911f3 – 4.1426f2 + 3.0681f, R2 = 
1.0000. 

Segatin and Klofutar [87] have measured the water solubility in decanol and 

octanol as a function of aw. Their water concentrations were converted to saturation 

fractions and the results fitted to polynomial functions, shown in Fig. 5-5. Water 
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solubility in pentanol was measured as a function of water activity by Gaul et al. [21], 

and is also shown in Fig. 5-5. The polynomial functions were used to relate f to aw. 

5.2.6 Vapor Sorption on Lyophilized and Dried Microbead Samples 

To compare hydration results with those obtained using a standard technique, 

vapor absorption to bulk lysozyme samples was measured. Lyophilized powder (15-20 

mg) was placed in 1.7-ml tubes and vacuum dried. The open tubes were placed in sealed 

vials containing CaSO4 to remove any remaining water. This was taken to be the dry 

lysozyme mass. The open tubes were then transferred to sealed vials with saturated salt 

solution (MgCl2, NaCl, BaCl2, CuSO4; 0.32 ≤ aw ≤ 0.95) and water was allowed to 

equilibrate through the vapor phase between the salt solution and the protein. The amount 

of absorbed water was determined gravimetrically. Samples were allowed to equilibrate 

until the mass was constant for 3-6 days. At low aw, this took as little as 3 days. For very 

high aw (0.95), samples were left up to 33 days. 

To verify whether lysozyme dehydrated with decanol has the same water sorption 

properties as lyophilized lysozyme, these experiments were repeated with glassified 

protein. Lysozyme beads were prepared (N = 3) by adding 150 µl of 115 mg/ml 

lysozyme solution to 8.5 ml of decanol, resulting in f ~ 0.6 due to water dissolving from 

the lysozyme solution into the decanol. The suspension was gently shaken by hand for 1 

min. The samples were centrifuged at low speed to sediment the lysozyme microbeads 

and all but ~1 ml of the decanol supernatant was removed. The samples were 

resuspended, transferred to 1.7-ml tubes, and washed 3 times with ethanol to remove the 

remaining decanol. The remaining ethanol was then removed under vacuum, and the 
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open sample tubes placed in sealed vials along with CaSO4 to remove any remaining 

water.  

It is known that protein sorption isotherms exhibit hysteresis below aw ~ 0.9 [136-

141]. For a given aw, proteins are typically more hydrated during desorption than 

absorption. A series of absorption and then desorption experiments were done in order to 

compare the results to single droplet experiments, which are initially a dehydration 

process. Lyophilized samples were hydrated with salt solutions in order of increasing aw 

without drying between experiments. After exposure to 0.1M NaCl or pure water for at 

least 14 days they were equilibrated against the same salt solutions in order of decreasing 

aw. 

5.2.7 Vapor Sorption on Single Particles 

A new experimental technique was developed in which a previously dehydrated 

single lysozyme microbead could be rehydrated. A microbead was created from a 

lysozyme solution in the micropipette and secured on the end of a micropipette as 

described for SEM imaging. The microbead was then removed from the alcohol phase 

and exposed to different relative humidity atmospheres as volume changes were recorded 

by video microscopy. The relative humidity was controlled by placing 0.3 ml saturated 

salt solution (aw = 0.32, 0.75, 0.91, 0.95) in the cuvette chamber. PEG solutions were 

used for higher aw (0.934-0.999) [142]. The microbead was then moved into the cuvette 

just next to the solution-air surface (within 100 µm), as shown in Fig. 5-6. Assuming 

minimal convection inside the cuvette, aw within the chamber varies linearly between the 

solution surface and the cuvette opening, i.e., the relative humidity in the lab (0.3 < aw < 
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0.6). Within 100 µm from the surface, this results in less than 1 % deviation from the 

solution aw. 

 
Figure 5-6. Side view of the setup used for single-particle vapor sorption. 
Reprinted from [107] with permission from the Biophysical Society. 

This allowed a comparison between gravimetric and volumetric vapor sorption 

experiments, and allowed measurement of sorption at much higher aw than could be 

achieved with decanol. Dehydration in decanol at f = 0.99 takes ~ 100 times as long as in 

f = 0, which takes ~3 min. If left for several hours, the water concentration established in 

the decanol-filled chamber changes due to solvent (or water) evaporation into the 

surrounding atmosphere. In bulk vapor sorption experiments, reaching equilibrium with a 

sample large enough to measure gravimetrically would take several days. By using a 

single microbead (1-30 ng of protein), equilibrium is reached within minutes, even for aw 

> 0.99. 
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5.2.8 Kinetic Model for Protein Solution Microdroplet Dehydration 

Equilibrium protein concentrations measured at each f-value were used to 

determine the relationship between water concentration just outside the droplet (or 

saturation fraction at the interface, fR) and the protein concentration inside the droplet, C. 

This was used with Eq. 4-3 (dimensionless form of the modified E-P model) and the mass 

transfer coefficients (D´) determined in Chapter 3 to calculate the theoretical droplet 

diameter as a function of time. As in the last chapter, since the mass transfer coefficients 

measured for pure water in these solvents showed a strong size dependence, the value 

used for D´ was the value measured for a pure water droplet of the same initial diameter. 

5.3 Results & Discussion 

5.3.1 Refractive Index: Protein Concentration Verification 

As shown in Figs. 5-7 and 5-8 below, there was a point during protein 

microdroplet dissolution into the alcohol medium during which the refractive indices of 

the two liquids matched and the microdroplet became optically invisible. Protein 

concentration was calculated based on changes in droplet volume throughout the whole 

experiment, but this point provided a way to accurately and independently measure the 

concentration at a point close to solidification. For droplets made with lysozyme solution 

of known concentration and whose initial sizes could be accurately measured (N = 42 of 

286), the average correction factor (kn = Cn/Cn´) in decanol was 1.01 ± 0.05, which 

confirms the accuracy of using the n-match to determine protein concentration. This was 

particularly important for droplets formed using the single-chamber method, since droplet 

formation time is generally longer and the initial droplet size is harder to determine. For 



 

 168 

BSA solutions, the concentration match was verified in decanol at f = 0.5. In this organic 

medium, droplets dehydrate slowly enough that water loss during the short formation 

time is negligible.  

5.3.2 Microbead Dehydration 

One of the main findings from this work is that the dissolution of aqueous solvent 

from the protein solution microdroplet results in the solidification of the protein into a 

microbead, dehydrating the protein to a limit determined by the aw of the drying medium. 

A series of micrographs of the dehydration of a lysozyme solution microdroplet in 

decanol is shown in Fig. 5-7. The single microdroplet in this example was formed into 

dry decanol (f = 0) from a 60-mg/ml lysozyme solution using the single-chamber method. 

The first image shown is shortly after forming the droplet (28 s after releasing from the 

micropipette). The third and fourth frames show the droplet shortly before and during the 

n-match (128 s and 134 s after formation), respectively. The final frame shows the 

microbead, now solid, being released from the micropipette (173 s after formation). It is 

important to note that there was no visible phase separation during dehydration, just a 

gradual refractive index change. 
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Figure 5-7. Videomicrographs (120 µm × 90 µm) of a lysozyme solution 
microdroplet (56.2 mg/ml) dehydrating in a decanol (f = 0) drying medium. (A) 28 
s, (B) 98 s, (C) 128 s, (D), 134 s, (E) 148 s, and (F) 173 s after forming the droplet 
on the micropipette tip. D shows the refractive index match. F shows the 
microbead (1186 mg/ml), now a glass, being released from the micropipette. 
Reprinted from [107] with permission from the Biophysical Society. 

Similarly, Fig. 5-8 shows a series of micrographs of the dehydration of a BSA 

solution microdroplet. This microdroplet was formed into decanol at f = 0 from a 22-

mg/ml solution using the two-chamber method. In order to keep this particular microbead 

for SEM imaging, a plug of protein solution was kept in the micropipette. The interface 

between this protein plug and the decanol in the micropipette is visible in the last frame. 
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Dehydration of BSA solution droplets in decanol looked identical to lysozyme solution 

droplets with the exception of passing through the refractive index match at a slightly 

higher protein concentration (545 mg/ml as compared to 518 mg/ml). In pentanol at f = 0, 

BSA dehydration resulted in microbeads with small (~1 µm) inclusions, shown in Fig. 5-

9. (This was only observed occasionally for lysozyme in pentanol.) Since the solubility of 

pentanol in water is ~28 times higher than the solubility of decanol in water, these 

inclusions are likely phase-separated pentanol that became trapped as the viscosity of the 

protein phase increased. A single BSA microbead examined by x-ray diffraction showed 

no diffraction, confirming that it was, in fact, an amorphous glass [21]. 

In previous studies with hemoglobin, Duncan observed that when solution 

droplets of lyophilized protein were dehydrated in alcohol, the protein precipitated at the 

droplet boundary. Solutions of freshly prepared (i.e., never lyopohlized) hemoglobin, 

however, dehydrated into smooth beads [88]. No difference was observed here between 

BSA microbeads formed from lyophilized BSA and fresh solution BSA.  
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Figure 5-8. Videomicrographs (144 µm × 108 µm) of a BSA solution 
microdroplet  (26.6 mg/ml) dehydrating in a decanol (f = 0) drying medium. (A) 0 
s, (B) 90 s, (C) 207 s, (D), 210 s, (E) 212 s, and (F) 300 s after forming the droplet 
on the micropipette tip. D shows the refractive index match. F shows the 
microbead (1134 mg/ml), now a glass, held on the micropipette with the “plug” 
visible in the pipette. 
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Figure 5-9. Videomicrographs (144 µm × 108 µm) of a BSA solution 
microdroplet dehydrating in a pentanol (f = 0) drying medium, (left) 20 s and 
(right) 26 s after forming the droplet on the micropipette tip. The image on left 
shows the droplet just after passing through the refractive index match, and just 
before inclusions became visible. The image on the right shows the microbead, 
now a glass, with inclusions distributed throughout the interior. 

The diameter and lysozyme concentration for two representative droplets (Ci = 

18.4 and 133.9 mg/ml lysozyme) are shown in Fig. 5-10 as a function of time, compared 

to a droplet of pure water (Ci = 0 mg/ml). The droplets were formed into decanol at f = 0 

and held still for at least 300 s. The final diameter was found to be constant for hours (see 

Fig. 5-11) for droplets left in a capped chamber. As expected, the droplet with a higher Ci 

leveled off at a larger diameter. Importantly, the final lysozyme concentration in the 

microbeads was independent of Ci. Similar to the salt droplet experiments in the previous 

chapter, it is expected that the final protein concentration is determined by the water 

activity in the surrounding organic phase. Since the protein solution microdroplets 

solidify, unlike the equilibrated salt solution droplets, it is important to determine that the 

final protein concentration is not the result of a kinetic trap. Droplets that were allowed to 

solidify by a convective process (either falling through solution or being pulled through 
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solution with the micropipette) solidified faster, but also reached the same final 

equilibrium concentrations.  

 
Figure 5-10 Diameter and lysozyme concentration as a function of time for 
droplets of lysozyme solution formed into decanol (f = 0). Calculated initial 
concentrations were 18.4 mg/ml (■) and 133.9 mg/ml (▲). For comparison, the 
diameter of a pure water droplet (●) is also shown as a function of time. Reprinted 
from [107] with permission from the Biophysical Society. 
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Figure 5-11 Diameter as a function of time of a lysozyme droplet that was formed 
in a decanol chamber (f = 0), and then released on the bottom of the chamber after 
dehydration. The chamber was capped to minimize any absorption of water into 
the decanol and the microbead observed over 48 hours. Reprinted from [107] with 
permission from the Biophysical Society. 

Fig. 5-12 shows the diameter and lysozyme concentration of droplets formed into 

solutions of different f-values as a function of time. For comparison, droplets were 

chosen with similar initial diameters and concentrations. All were held on the 

micropipette tip and gently pulled through solution at about the same speed to maximize 

the dissolution rate by constantly exposing the droplets to solvent at the original f-value. 

As f decreased (drier decanol), the dissolution rate increased and the final lysozyme 

concentration increased, i.e., the microbeads were more dehydrated. 
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Figure 5-12 Diameter and lysozyme concentration as a function of time for 
droplets of lysozyme solution formed into decanol at f = 0.3 (■), f = 0.5 (●), and f 
= 0.85 (▲). Calculated initial concentrations were 49.7 mg/ml (f = 0.3), 51.0 
mg/ml (f = 0.5), and 49.8 mg/ml (f = 0.85). Lines are present only to guide the 
eye. Reprinted from [107] with permission from the Biophysical Society. 

Fig. 5-13 shows lysozyme solution droplets in each of the three solvents, decanol, 

octanol, and pentanol at f = 0. The droplet in pentanol solidified about 8 times faster than 

the microdroplet in decanol. This is a direct result of its larger capacity to dissolve water, 
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and of water’s larger diffusion coefficient through pentanol. Importantly, the microbeads 

in each solvent equilibrated to about the same protein concentration. 

 

Figure 5-13. Diameter and concentration as a function of time of lysozyme 
solution microdroplets dehydrating in decanol (●), octanol (▲), and pentanol (■). 

5.3.3 SEM  

For accurate calibration of our optical system, two different micropipette tips 

were measured with the optical video system as well as SEM. Multiple measurements of 

each tip gave 12.4 ± 0.1 and 11.5 ± 0.1 µm optically, and 12.3 ± 0.1 and 11.4 ± 0.2 µm 

with the SEM, which shows that optical measurements using the video caliper system are 

consistent with and as accurate as the much higher resolution SEM. 

Several dried protein microbeads were also imaged by SEM. Representative 

images of a lysozyme microbead and BSA microbead are shown in Figs. 5-14 and 5-15. 

As expected from optical observations, the microbeads are spherical with a smooth 

surface. The ring on the bottom left side of the lysozyme microbead is from contact with 

the micropipette tip, consistent with that seen in Fig. 5-7 F. The BSA microbead shows 
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the protein plug, which had been drawn into the pipette in order to remove it from the 

chamber, still attached. In the SEM environment, the microbead is considered completely 

dry, so is at its smallest diameter. The microbead volume is therefore determined only by 

protein volume and packing efficiency, i.e., φw = φint (note that φw represents the volume 

fraction not occupied by protein, whether occupied by water or under vacuum). The 

average concentrations were 1329 ± 15 mg/ml (N = 4) for lysozyme and 1321 ± 56 

mg/ml (N = 6) for BSA. This corresponds to volume fractions of the interstitial space φint 

= 0.07 ± 0.01 and 0.08 ± 0.04, respectively. Thus both protein molecules can pack much 

more densely than equivalent hard ellipses, for which φint = 0.29 [134]. The droplets were 

initially dehydrated using solutions ranging from f = 0 to f = 0.95. As expected, the 

concentration in the SEM environment was independent of the initial dehydration level. 

 
Figure 5-14. SEM image of lysozyme microbead (diameter = 25.9 µm). The ring 
on the bottom left of the microbead is due to contact with the micropipette tip. 
Reprinted from [107] with permission from the Biophysical Society. 



 

 178 

 

Figure 5-15. SEM image of a BSA microbead (diameter = 24.1 µm). The 
protrusion on the right is part of the protein “plug” drawn into the micropipette in 
order to remove the microbead from the organic solvent. 

5.3.4 Equilibrium Protein Concentrations 

The average concentrations of lysozyme dehydrated in dry (f = 0, aw = 0) decanol 

and octanol were very similar at 1138 ± 62 mg/ml (N = 27) and 1130 ± 36 mg/ml (N = 

7), respectively. The average concentration in dry pentanol was slightly (~ 25 mg/ml) 

lower at 1110 ± 17 mg/ml (N = 3). The average concentration of BSA dehydrated in 

pentanol at f = 0 was 1074 ± 34 mg/ml (N = 9), which is 73 mg/ml lower than its average 

in decanol of 1147 ± 32 mg/ml (N = 7), likely due to the volume of inclusions (see Fig. 5-

9). In order to get an accurate measurement of the BSA concentration in pentanol 

solutions at low water activity, some microdroplets were initially dehydrated in decanol 

and then transferred to pentanol solutions (f = 0, 0.1, 0.3, 0.5, 0.7, 0.9) and allowed to 

equilibrate. Using this procedure, i.e., using microspheres with no inclusions, the 

equilibrium BSA concentration in pentanol at f = 0 was 1134 ± 42 mg/ml (N = 3), 

consistent with the concentration found in decanol. 
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It has been shown that water sorption isotherms for proteins in organic solvents 

are comparable to those in air, i.e., hydration depends on aw, not water concentration 

[143]. One would therefore expect the equilibrium protein concentration in each solvent 

to be the same at each water activity, as calculated from Fig. 5-5. One would also expect 

the single-particle vapor sorption results to be consistent as a function of water activity. 

The equilibrium protein concentrations as measured for all single-particle studies 

(dehydration in decanol, octanol, pentanol, and single-particle vapor sorption using salt 

solutions and PEG solutions) are summarized in Fig. 5-16 for both proteins as a function 

of water activity. Error bars for aw were calculated assuming that “dry” solvents were at f 

= 0.01 ± 0.01, that saturated solvents were at f = 1 ± 0.01, and that they were mixed with 

an accuracy of ±1%. (The value for dry decanol was estimated from Karl Fischer 

titration; dry octanol and pentanol were found to be at f < 0.01.) The results from all 

experiments are indeed consistent, showing a sharp increase in protein concentration to ~ 

800 mg/ml as the water activity is reduced to ~ 0.95. The concentration then increases 

more gradually to ~ 1000 mg/ml as aw is reduced to ~ 0.75. As aw approaches 0, the 

protein concentration increases even more slowly, reaching its highest value of ~ 1150 

mg/ml by aw ~ 0.1. The concentration obtained under vacuum in the SEM, ~1325 mg/ml, 

is shown for comparison. 
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Figure 5-16. Equilibrium concentrations of lysozyme (○) and BSA (×) solution 
microdroplets/microbeads as a function of water activity for all single-particle 
experiments. Protein solution microdroplets were dehydrated in decanol (black), 
octanol (red), or pentanol (blue). Previously dehydrated lysozyme microbeads 
were equilibrated through a vapor phase with saturated salt solutions or PEG 
solutions (green). 

At aw = 0, there should theoretically be no water present. It is clear from SEM 

experiments that these proteins are capable of packing to a concentration of ~1325 

mg/ml, but this concentration was never reached in the solvent systems. This is not 

entirely unexpected. Even though hydration depends on water activity, differences have 

been found between water sorption isotherms measured in solvents and those measured in 

air when there is an interaction between the solvent and protein [140, 143, 144]. Since 

protein concentration here is determined from volume changes of the protein phase, it is 
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not possible to determine whether the non-protein volume of the phase is occupied by 

alcohol or water. At aw = 0, the difference between the protein concentration in the SEM 

environment and in solvent is equivalent to an extra volume of ~ 17% in the solvent 

system. Gorman and Dordick measured the desorption of tritiated water from enzymes 

(initially ~0.07g water/g protein) suspended in organic solvents [145]. They found that 

organic solvents did not remove all the water, and that polar solvents were generally able 

to remove more than non-polar solvents. The long-chain alcohols that they tested, n-

butanol, n-hexanol, and n-octanol, removed about 35% of the remaining water. Based on 

their starting point, this would indicate that the protein contained ~0.05g water/g protein 

in these dry solvents. This would account for ~ 5.5% of the volume difference observed 

in our experiments. Cecil and Louis found that lysozyme and BSA were able to 

reversibly bind ~12 and ~32 molecules of decane, respectively, per protein in solution 

[146]. When they repeated the experiments with BSA and decanol, they found similar 

results [147]. This corresponds to 0.116 g decane/g lysozyme and 0.069 g decane/g BSA, 

which is about 18% and 11% by volume, respectively. Additionally, the presence of the 

hydroxyl group on the alcohol could participate in hydrogen bonding with surface groups 

on the protein. Gaul, et al. used Fourier transform infrared spectroscopy (FTIR) to 

investigate structural changes in BSA as a function of dehydration in pentanol (using the 

same dehydration procedure described in this chapter) [21]. Water removal from pentanol 

was associated with a decrease in hydrogen bonding to C=O groups and a weakening or 

breaking of NH hydrogen bonds, but the spectrum did not show the significant changes in 

the amide I peak that are associated with protein-protein contacts, and which are 
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detectable in lyophilized protein. Alcohol interaction with the hydrogen bonding sites 

could alleviate the need for self-association. In fact, even after vacuum drying, there were 

detectable levels of pentanol in the FTIR spectra, and interestingly, when incubated at ~ 

50% relative humidity (aw ~ 0.5), this residual pentanol was eventually replaced with 

water (D. Gaul, personal communication). In other words, a completely desolvated 

protein phase must contain protein-protein contacts, which is less energetically favorable 

than forming hydrogen bonds with alcohol, which is in turn less energetically favorable 

than forming hydrogen bonds with water. Therefore, it is reasonable to assume that the 

volume difference between SEM results and dehydration in long-chain alcohols is a result 

of protein-bound alcohol, and that as the water activity increases, this solvent is replaced 

by water. 

To further investigate the importance of this solvent interaction, microbeads could 

be transferred to solvents that are not expected to interact. Alternatively, microbeads 

could be observed using the single-particle vapor sorption technique where the substance 

in the cuvette is a non-volatile solvent capable of absorbing water, or even molecular 

sieves. 

5.3.5 Kinetic Model for Protein Solution Microdroplet Dehydration 

The equilibrium data obtained above was used with the modified E-P model 

presented in the previous chapter (Eq. 4-3) to predict the dissolution curve of protein 

solution microdroplets. (Since a mass transfer coefficient could not be determined for 

pure water dissolution into decanol (see Chapter 3), it was not included in these kinetic 

studies.) To use the model, fR must be calculated for every protein concentration, C. The 
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relationship between water activity and water saturation fraction in octanol is very similar 

to that of decanol, so the relationship between C (which is determined by water activity) 

and fR (saturation fraction) should be the same for both solvents. In order to take 

advantage of a larger data set (compared to data obtained in octanol only), equilibrium 

lysozyme concentrations in both octanol and decanol were used to calculate the 

dissolution rate in octanol. The final lysozyme concentration is shown in Fig. 5-17 for 

each f-value tested using decanol dehydration, octanol dehydration, and single particle 

vapor sorption results. (Vapor sorption data were used to include low concentration 

values; f was calculated from aw.) The data was fit by two curves, a linear fit for C < 688 

mg/ml (f = 1 – 8.42 × 10-5 C, R2 = 0.942) and a polynomial fit for C > 688 mg/ml (f = -

3.18 × 10-6 C2 + 0.0038 C – 0.1602, R2 = 0.984). The curves were used with Eq. 4-3 to 

calculate fR and the predicted diameter as a function of time. For dissolution into 

pentanol, equilibrium concentrations from both BSA and lysozyme were used. 

Fig. 5-18 shows a dimensionless plot of lysozyme solution droplets dehydrating in 

octanol (top) and pentanol (bottom), compared to the theoretical model and pure water 

dissolution. These droplets were formed using the two-chamber method in order to 

maximize the accuracy of the theoretical assumptions. The data match the model quite 

well. Compared to the previous experiments with salt, protein droplets dissolve much 

faster, following the dissolution of pure solvent droplets until they are almost completely 

dehydrated. A BSA solution droplet from a slightly lower protein concentration is also 

shown in the pentanol figure. As expected, it follows a similar dissolution curve, but 

equilibrates at a smaller diameter. 
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Figure 5-17. Water saturation fraction of decanol and octanol shown as a function 
of the corresponding equilibrium lysozyme concentration. Vapor sorption data 
were also included by calculating f from aw. The solid lines were fit to the data for 
the purpose of calculating fR in the modified E-P model. 
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Figure 5-18. Experimental dissolution profiles of protein solution microdroplets 
(lysozyme = ○,×; BSA = ♦) dehydrating in octanol (top) and pentanol (bottom) at 
f = 0 compared to theoretical dissolution profiles calculated according to Eq. 4-3. 
The dissolution of a pure water droplet is shown for comparison. 
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It was mentioned earlier that one important reason for understanding the kinetics 

of dissolution is that dissolution rate can influence final particle morphology. An example 

of this is the dehydration of lysozyme solution microdroplets in pentanol. In some cases 

(depending on initial droplet size and protein concentration), the final microbead was not 

completely smooth, but formed an indentation where part of the surface buckled, just 

before solidification. This was more common if the microsphere was released from the 

micropipette and allowed to fall through the drying medium, increasing the dehydration 

rate. Alternatively, this buckling could be induced by moving the microsphere through 

solution as shown in Fig. 5-19. In this example, a lysozyme solution microdroplet (~25 

mg/ml) was formed into pentanol at f = 0.5. If left motionless, it would dehydrate and 

form a smooth, uniform, optically clear microbead of glassified protein. However, about 

18 s after formation, just before the refractive index match, the droplet was pulled swiftly 

through the dehydration medium. This increased the dehydration rate, causing the surface 

to buckle and form a single large indentation. Fig. 5-20 shows an SEM image of this 

same microsphere, with the indentation clearly visible. 
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Figure 5-19. Videomicrographs (144 µm × 108 µm) showing buckling of a 
lysozyme microbead. A droplet of lysozyme solution was formed in pentanol (f = 
0.5) and pulled quickly through the drying medium (top to bottom of screen) to 
induce buckling. Elapsed time = 0.6 s, starting (A) just before buckling. The 
following frames were taken (B) 0.4 s, (C) 0.5 s, and (D) 0.6 s after frame A. 
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Figure 5-20. SEM image of the same microbead as Fig. 5-19 showing the 
indentation. The rough patch on the bottom side of the microbead is from contact 
with the micropipette tip. 

This type of buckling has also been observed by spray drying protein. Vehring 

[12, 13] has reviewed spray drying of proteins, specifically the different morphologies 

obtained. Buckling occurs when the solute (protein) builds up at the droplet surface, 

known as surface enrichment. This can be due to either surface activity of the solute or 

slow diffusion within the droplet compared to the rate of dehydration. The importance of 

the latter can be quantified by the Peclet number, Pe, which is the ratio of advection to 

diffusion. In the context of spray drying, this is defined as κ/8Di, where κ is the 

evaporation rate and Di is the diffusion of the solute within the droplet (not to be 

confused with D, the diffusion coefficient of the microdroplet liquid component in the 

surrounding medium). The evaporation rate is calculated from the change in droplet size 

according to: 

(2𝑅)2 = (2𝑅0)2 − 𝜅𝑡 (5-13) 
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(Note that this is the analytical solution to the steady-state version of the Epstein-Plesset 

model, where κ = 8Dcs(1 – f)/ρ.) If the Peclet number is less than 1, diffusion is the 

dominant form of transport and the solute redistributes throughout the droplet more 

quickly than the surface recedes. When Pe > 1, the solute builds up at the interface, and if 

unable to crystallize, will form a shell that will likely buckle or crumple as more solvent 

is lost. Fig. 5-19 is an example of this buckling process. This same buckling was 

observed during spray drying of glycoproteins [12, 13]. As the Peclet number was 

increased (by increasing the drying temperature), the dehydrated microparticles buckled 

earlier in the dehydration process resulting in a larger indentation and lower density 

particles. The fastest “evaporation rate” for any of the lysozyme droplets dissolving in 

decanol was ~ 6.3 × 10-7 cm2/s (estimated from the initial diameter and the diameter at 

the refractive index match). When compared to the diffusion coefficient of lysozyme in 

water, 5.8 × 10-6 cm2/s [148], the Peclet number is only 0.014. In pentanol, Pe increases 

to ~ 0.061, which is still much lower than 1. However, as the water leaves the droplet and 

the concentration of lysozyme increases, the diffusion coefficient will decrease, and Pe 

for the droplet in pentanol will become greater than 1 earlier in the drying process than 

the droplet in decanol. 

It was noted in the previous chapter that the modified E-P model assumes that the 

concentration of solute is distributed evenly throughout a droplet, and that if the 

concentration of solute near the interface increased (surface enrichment), it could lower 

the local water activity, potentially slowing dissolution. In the example in pentanol here, 

there is clearly surface enrichment. This probably does not occur until much of the water 
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is removed—the protein concentration must increase enough to lower the diffusion 

coefficient by a factor of 15 before Pe approaches 1. If the surface enrichment does 

decrease the dissolution rate, it is not detectable in Fig. 5-18. 

The glyoprotein particles discussed by Vehring were produced using a droplet 

chain technique in which uniform droplets are produced, so the resulting particles were 

uniform and changes could be correlated to processing conditions (e.g., Peclet number). 

Importantly, however, there is no way to directly observe a droplet during spray drying. 

Sen et al. [149] have observed in situ crystallization of nanoparticle suspensions during 

spray drying by using small-angle x-ray scattering, but if the particle is amorphous, that 

technique cannot be used. To the best of my knowledge, the images in Fig. 5-19 are the 

first in situ demonstration of this type of buckling. Duncan, also using the micropipette 

technique to observe protein solution dehydration, noted crumpling at the interface from 

prelyophilized hemoglobin and chymotrypsin [88], both of which have much lower 

solubilities than lysozyme or BSA. This two-phase micropipette technique could 

therefore be a very useful tool in studying particle morphology from any solvent 

extraction process, including extraction (or evaporation) into a gaseous phase.  

5.3.6 (De)hydration Isotherms 

Dehydration isotherms were calculated for lysozyme and BSA based on the 

equilibrium concentrations measured at each water activity and the assumptions 

described in the Methods. Hydration of some lysozyme samples was also measured 

gravimetrically to determine the accuracy of the micropipette method. 
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Lysozyme Results 

The hydration values for lysozyme determined from vapor sorption experiments 

are shown in Fig. 5-21. Error bars for h represent the standard deviation of the mean. 

Results from gravimetric data of vapor sorption to lyophilized powder show hysteresis, 

i.e., protein hydration during desorption is higher than protein hydration during 

absorption for a given aw. At aw = 0.32 and aw = 0.75 this difference is about the same 

magnitude as the error in the measurement. The difference increases to 0.115 g/g at aw = 

0.91. The two curves then converge again near aw ~ 0.95. Hydration values determined 

from single-particle vapor sorption experiments (volumetric measurement) were 

consistent with bulk desorption data for aw ≥ 0.9. 

Lysozyme beads that were dehydrated in decanol in a bulk sample had the same 

spherical, smooth, and clear appearance as single microbeads, and ranged in size from 1-

20 µm, with most less than 10 µm (as observed by optical microscopy). The beads (after 

removing solvent and thoroughly drying) absorbed the same amount of water as samples 

of lyophilized powder at the two values of aw tested, 0.32 and 0.95.  
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Figure 5-21. Lysozyme dehydration and hydration as a function of aw as 
determined by the micropipette technique (○), the single-particle sorption 
technique (●), and gravimetrically (vapor absorption (▲) and desorption (∆)). 
Solid lines through the bulk sorption points are only to guide the eye. For 
reference, a vapor absorption isotherm from the literature is shown (—) [139] as 
well as water coverage of polar groups (…) [108, 113, 116, 117] and full 
monolayer coverage (- - -). Reprinted from [107] with permission from the 
Biophysical Society. 

Equilibrium hydration levels of lysozyme dehydrated in decanol ranging from f = 

0.01 to f = 0.95 (0.025 ≤ aw ≤ 0.987) are shown as a function of aw in Fig. 5-21 along 

with measured vapor sorption data. Note that all volume-based calculations (i.e., single-

particle experiments) are based on the assumption that the non-protein volume is 

occupied by water. 

In all cases, higher aw in the surrounding medium resulted in higher water content 

in the final protein phase. At aw > 0.8 the decanol dehydration data correspond well with 



 

 193 

the desorption isotherm and with single-particle vapor sorption data. At aw < 0.8 the 

protein beads show higher levels of hydration than vapor sorption on bulk samples. Table 

5-1 summarizes hydration values determined from vapor sorption and alcohol 

dehydration experiments for select values of aw, as well as values from the literature.  

Table 5-1. Lysozyme hydration, h, determined by different methods. 

 aw = 0.75 aw = 0.91 aw = 0.95 
 h (g/g ± SD) N h (g/g ± SD) N h (g/g ± SD) N 

Hydration       
bulk vapor 

sorption 
0.18 ± 0.03 6 0.28 ± 0.03 6 0.52 ± 0.04 9 

sorption 
calorimetrya 

0.18 -- 0.29 -- 0.41 -- 

Dehydration       
octanol 

dehydrationb 
0.23 ± 0.02 7 -- -- 0.42 ± 0.09 9 

decanol 
dehydrationc 

0.24 ± 0.03 17 0.40 ± 0.05 13 0.54 ± 0.09 13 

single-particle 
vapor sorption 

0.28 ± 0.06 2 0.39 ± 0.05 4 0.54 ± 0.08 3 

bulk vapor 
sorption 

0.20 ± 0.01 4 0.40 ± 0.04 7 0.51 ± 0.03 7 

sorption 
calorimetrya 

0.24 -- 0.47 -- 0.51 -- 

aSorption calorimetry data taken from Fig. 3 in [138]. 
bWater activities calculated from f = 0.5 and 0.8 are 0.75 and 0.95, respectively. 
cWater activities calculated from f = 0.51, 0.75, 0.85 are 0.76, 0.91, 0.96, respectively. 

 

BSA Results 

Calculated hydration values of BSA dehydrated in pentanol (0 < f ≤ 0.9), and 

decanol (0 < f ≤ 0.94), both equivalent to 0 < aw ≤ 0.985, are shown Fig. 5-22 along with 

an adsorption isotherm from the literature [141].  
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Figure 5-22. BSA dehydration in decanol (○) and pentanol (●) as a function of aw 
as determined by the micropipette technique. For reference, a vapor absorption 
isotherm from the literature is shown (—) [141] as well as water coverage of polar 
groups (…) and full monolayer coverage (- - -) [141]. 

Discussion 

The literature absorption isotherms for both BSA and lysozyme have the 

sigmoidal shape commonly found for globular proteins [115, 117, 136-139, 143, 150-

153]. Starting completely dry at aw = 0, as aw increases, the concentration of water 

increases very quickly, which is generally considered to be the initial hydration of ionic 

groups. The amount of water increases approximately linearly for 0.1 < aw < 0.75, then 

quite steeply as it approaches aw ~ 0.9. 
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For 0.1 < aw < 0.75 the calculated hydration levels of lysozyme due to alcohol 

dehydration were higher than the bulk vapor sorption results (and literature isotherm) by 

about 0.05 g/g. The calculated hydration levels for BSA were also about 0.05 g/g higher 

than the literature isotherm in this range. As explained earlier, since these are volume 

measurements, it is not possible to determine whether the non-protein volume is occupied 

by water, organic solvent, or both. Using the bulk density of the organic solvents, 3-4 

decanol molecules, 4-5 octanol molecules, or 6-7 pentanol molecules per lysozyme 

molecule would account for the volume difference we see for 0.1 < aw < 0.75. Similarly, 

16-17 decanol molecules or 29-30 pentanol molecules per BSA molecule would account 

for that difference. As water activity approaches 0, the difference between the calculated 

value and the expected value of 0 approaches 0.11 g/g in both protein systems. This is a 

direct result of the difference, noted earlier, in protein concentration as measured in the 

SEM and in dry solvent. As noted in that discussion, it has been found that lysozyme and 

BSA can bind decane and decanol [146, 147], and that residual pentanol was hydrogen 

bonding with dehydrated protein [21]. It is likely that the extra volume in these 

measurements at very low water activity (aw < 0.1), where it is still suspended in organic 

solvent, is mostly occupied by organic solvent. Another way to think of this is in terms of 

the solubility of the organic solvent in the protein phase. If lysozyme can bind about 12 

decanol molecules, decanol effectively has a solubility of ~ 11% by mass in lysozyme. 

However, its solubility in water is only 0.0037%. As the water activity increases and the 

protein phase absorbs more water, the solubility of decanol in the protein phase will 

decrease, and some of it will be released. This interpretation is consistent with the SEM 
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and vapor sorption experiments. When the microbeads were dried for SEM imaging, the 

alcohol would have evaporated, leaving the volume that corresponds to 0 g water/g 

protein. When the decanol was removed from bulk microbead samples by washing with 

ethanol, the sorption properties were identical to those of lyophilized powder. Also, the 

hydration values calculated from single-particle vapor sorption data were consistent with 

calculations based on dehydration in alcohol. Since aqueous salt (or PEG) solutions were 

used to set the activity, there is no equilibrium source for organic solvent in these 

experiments. This shows that at these water activities (aw ≥ 0.32), there is no significant 

amount of organic solvent in the protein phase. 

Included in Fig. 5-21 are lines representing the water necessary for coverage of 

lysozyme’s charged and polar amino acid side chains (generally regarded as bound water) 

and full monolayer coverage. The value for polar coverage of lysozyme, 0.20 ± 0.07 g 

water/g protein (~160 waters/lysozyme), is an average of results from the literature for 

transitions in excess heat capacity [108], dielectric relaxation [117], NMR [116], and x-

ray diffraction (waters with at least one hydrogen bond) [113]. Beyond this bound water, 

the definition of full hydration differs. Although h ~ 0.3-0.4 g/g is generally regarded as 

monolayer coverage, calculations based on surface area of lysozyme claim anywhere 

from 300-900 molecules for monolayer coverage of lysozyme [108, 116, 154-156]. The 

value used in this thesis for full monolayer coverage, 0.47 g/g (~380 waters/lysozyme), 

corresponds to d = 5.6 Å, which is approximately the thickness of two water molecules. 

The values for polar and monolayer coverage of BSA were also taken from the literature. 

Using dielectric measurements, Suzuki measured 1300 ± 140 restrained waters per BSA 
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molecule, including 630 ± 290 “strongly” restrained waters [157]. Bolton and Scherer 

determined the hydration of BSA films using refractive index measurements. (Their 

absorption isotherm is shown in Fig. 5-22.) They determined that 90% of the COO- sites 

were hydrated by aw = 0.75 (~700 waters), which is consistent with the “strongly” 

restricted water measured by Suzuki. They also calculated monolayer coverage to be 

2500 water molecules per protein (~ 0.67 g/g) based on surface area [141]. 

It must be stressed that while reasonable, these are only approximate values. The 

amount of water that occupies the volume of the first monolayer depends on its density. 

Molecular dynamics simulations have shown that water is denser around charged groups, 

and less dense near hydrophobic regions [135, 158, 159]. The calculated average density 

also depends on how the interface between protein and water is defined [159]. Since 

single-particle measurements are based on volume, h and nw depend on ρw, but d does 

not. For example, if ρw in the monolayer varies from 0.95 to 1.15 g/ml, a 21% increase, h 

will also increase by 21%, but all calculations of the distance, d, between molecular 

surfaces, and therefore the values for λ and Po presented below, remain unchanged. 

It was assumed that the water concentration in the droplet reached equilibrium by 

the end of an experiment and that it was not kinetically trapped, i.e., that a shell of dried 

protein did not encapsulate regions of lower protein concentration within the microbead. 

Thus, the final water concentration (and therefore protein concentration) in the droplet 

should only be a function of aw. As verification, the three controllable parameters (initial 

droplet size, initial protein concentration, and droplet movement or dissolution rate) were 

compared to the final lysozyme concentration in the microbeads for every f-value tested. 
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The details of the ranges tested are shown in Table 5-2. Final lysozyme concentrations 

were independent of each of the three parameters. There was also no correlation between 

the final protein concentrations and the calculated concentration at the n-match, Cn', 

compared to the expected concentration, Cn (represented as the correction factor, kn), 

suggesting no systematic error was introduced. The fact that the correction factor was so 

close to 1 also verifies that this technique can be used to accurately calculate solute 

concentrations when initial conditions are known. At values of aw at which all three 

methods were used (aw = 0.75, 0.91, 0.95) there is reasonable agreement between the 

values in this thesis and those obtained by Kocherbitov (see Table 5-1) and no 

statistically significant difference between single-particle (volumetric) and bulk 

(gravimetric) dehydration values, which supports the packing model.  

Table 5-2. Ranges of parameters tested for kinetic influence (table continued on 
next page). 

Saturation 
Fraction 

Diameter at 50 
mg/ml (µm) 

Protein 
Concentration at 
50 µm (mg/ml) 

Dissolution 
Rate (pl/s)a 

Decanol    
0.01 36.0 – 118.6 18.7 – 667.9 0.81 – 4.11 
0.05 35.2 – 120.1 17.4 – 692.5 0.52 – 3.77 
0.10 31.9b – 116.8 13.0 – 637.1 0.42 – 3.30 
0.15 37.5 – 114.8 21.2 – 604.5 0.65 – 3.28 
0.30 38.8 – 111.5 23.4 – 554.9 0.57 – 2.31 
0.40 37.1 – 132.3 20.5 – 926.0 0.31 – 2.47 
0.50 39.9 – 104.4 25.3 – 455.6 0.41 – 1.54 
0.60 38.4 – 99.2 22.7 – 390.9 0.31 – 1.08 
0.65 49.6 – 101.8 48.7 – 421.7 0.50 – 1.09 
0.70 41.2 – 95.9 28.0 – 352.5 0.30 – 1.03 
0.75 40.3 – 104.9 26.3 – 461.7 0.15 – 1.14 
0.80 48.4 – 100.1 45.5 – 401.3 0.30 – 0.69 
0.85 44.3 – 121.7 34.8 – 720.9 0.20 – 0.57 
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0.90 33.3 – 116.7 14.8 – 636.3 0.06 – 0.43 
0.95 67.9 – 107.44 125.1 – 496.1 0.07 – 0.50 
Octanol    
0.01 53.8 – 93.9 62.4 – 331.1 2.47 – 4.99 
0.50 57.1 – 107.9 74.4 – 502.8 0.90 – 2.25 
0.80 32.9 – 100.6 14.3 – 407.8 0.12 – 1.49 
0.90 68.3 – 102.5 127.4 – 430.4 0.30 – 0.55 
Pentanol    
0.01 35.9 – 70.9 18.5 – 142.7 2.40 – 12.20 
0.50 55.1 – 63.0 67.1 – 99.8 2.70 – 4.46 
0.90 85.9 – 103.2 253.4 – 439.5 0.97 – 2.03 

aThe dissolution rate was approximated by the droplet volume change between t = 0 and the refractive 
index match. 
bLowest and highest values of each parameter overall are marked in bold. 

5.3.7 Short-Range Interactions (Hydration Potential) 

Hydration Potential 

Πosm and µw were calculated from aw and plotted as a function of the equilibrium 

distance between lysozyme molecules, d, for decanol dehydration and single-particle 

vapor sorption results. The results are shown in Fig. 5-23 along with lines representing 

the distances that correspond to polar amino acid group and monolayer water coverage. 

(Note that since this is the distance between two protein molecules, monolayer coverage 

includes two layers of water.)  
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Figure 5-23. Πosm and µw as a function of the distance between protein surfaces 
for microbead dehydration (○) and single-particle vapor sorption (●). The solid 
line represents the best linear fit to the data for 0.67 < aw < 0.988 extrapolated to 
d = 0. For reference, distances corresponding to water coverage of polar groups 
(dotted line) [108, 113, 116, 117] and full monolayer coverage (dashed line) are 
shown. The gray line shows the region of hydration pressure for egg 
phosphatidylcholine bilayers (4 < d < 12 Å, λ = 1.7 Å, Po = 4 × 107 N/m2) [160]. 
Reprinted from [107] with permission from the Biophysical Society. 

At very close distances (d < 2.5 Å) the pressure between proteins increases 

rapidly with continued dehydration. This region corresponds to aw < 0.7 and water 

coverage of only polar groups (or less). The short decay length may indicate steric 

interactions since side chain movement is greatly reduced, or it may be artificially short 

due to the presence of alcohol. In either case, this region was not used to determine the 

hydration potential constants. 
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Importantly, for 2.5 Å < d < ~ 9 Å (0.67 < aw < 0.986) the pressure decreases log-

linearly with the decay constant λ = 1.7 Å and Po = 2.2 × 108 N/m2 (R2 = 0.948). The 

decay length for this region (the rest of the first monolayer and part of a second layer of 

water) is within the range of values found for lipid bilayers (1 – 3 Å) or DNA (1.3 – 4 Å) 

[118]. (It should be kept in mind that the pressures and energies presented here are in 

terms of the total interaction energy, i.e., electrostatic and van der Waals interactions 

have not yet been subtracted.) Fig. 5-23 includes a line representing the range of 

hydration pressure for egg phosphatidylcholine (λ = 1.7 Å and Po = 4 × 107 N/m2 for 4 Å 

< d < 12 Å) [160]. Experiments performed with different lipids in different solvents have 

shown that the decay length depends on solvent density and is ~2 Å in water [119, 160]. 

Values for Po range from 107-1011 N/m2, depending on the nature of the lipid 

(specifically, Po increases with increasing dipole potential [119]) and on how d = 0 is 

defined [119, 123]. Due to the different method of determining d = 0, the value of Po for 

lysozyme cannot be directly compared to lipids, but is in the same range of magnitudes. 

Beyond d ~ 9 Å there is clearly a transition to a region where the pressure decays more 

slowly with distance. The decay length in this region is ~10 Å, which is the same 

magnitude expected for the Debye length, assuming the ionic strength is due primarily to 

counterions in solution.  

Hydration Force in the Context of Other Forces 

In this lysozyme system (or any osmotic pressure experiment) the added osmotic 

force, or pressure, acts to bring surfaces closer together. In equilibrium, the sum of all 

pressures equals 0 (i.e., energy minimum) so that Πosm = PDL + Phyd + PVDW (PVDW is the 
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only negative value). For any given osmotic pressure, the equilibrium distance measured 

is the distance that satisfies this equation.  

In order to obtain values for λ and P0, I have assumed that Phyd is much greater 

than the other pressures for 2.5 Å < d < 9 Å, so that Phyd ~ Πosm. This assumption can be 

checked by calculating PDL, PVDW, and subtracting these from the applied osmotic 

pressure (i.e., Phyd = Πosm - PVDW – PDL). Since lysozyme molecules pack tightly (φint = 

0.07) compared to spheres (φint ~ 0.36) or ellipsoids (φint ~ 0.29), the interactions were 

calculated in term of pressures between flat surfaces (Eq. 1-11 through Eq. 1-16). (This 

also simplifies the calculation for including osmotic pressure.) Assuming the ions cannot 

dissolve into the decanol phase, the ion concentrations ([H+], [OH-], and [Cl-]) will 

increase as the protein concentration increases. This will not affect the van der Waals 

interaction, but the ionic strength will increase, resulting in a shorter Debye length and 

smaller surface potential (ψ0) as the protein phase dehydrates. For the purpose of 

calculating these pressures, it was assumed that the lysozyme molecule has a constant 

charge of 10.6e distributed over its area. The concentrations of all components were 

calculated using the hydration models described above, and κ-1 and ψ0 were calculated 

for each d. 

These calculated hydration pressures are shown in Fig. 5-24 along with the data 

presented in Fig. 5-23 for the total pressure (i.e., osmotic pressure). The hydration 

pressure values still decay log-linearly for 2.5 Å < d < 9 Å, now with λ = 1.5 Å and P0 = 

3.94 × 108 N/m2. The similarity of these values to those calculated previously indicates 
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that hydration pressure is likely the dominant force in this range. At larger distances, the 

calculated hydration pressure is much lower than the total pressure, and the two lowest 

values were actually negative (not shown in Fig. 5-24). However, since it was difficult to 

achieve precise control of the water activity in this range, and the calculations of the 

others pressures is approximate, these are not considered significant. 

 

Figure 5-24. Total pressure and hydration pressure as a function of distance 
between lysozyme surfaces. The total pressure equals the applied osmotic 
pressure. Hydration pressure was calculated from Phyd = Πosm – PVDW – PDL. The 
solid line is a linear fit to the hydration pressure data between 2.5 Å and 9 Å. 

Fig. 5-25 shows the effect of osmotic pressure on the system. The black curve 

shows the net pressure for the system without any added osmotic pressure. The pressure 

is repulsive (positive) for all values of d, indicating that the system is stable. When this 

system (i.e., droplet) is then placed in a surrounding medium at a certain osmotic 
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pressure, that additional pressure contribution must be added. Osmotic pressure itself 

does not depend on distance, so a constant pressure is subtracted. The net pressure curve 

is now negative (attractive) at large distances, and crosses the pressure axis at d ~ 9 Å, 

i.e., the equilibrium distance. As larger pressures are added, the equilibrium distance 

shifts to smaller values. (The vertical dotted line represents the distance of closest 

approach, d ~ 1.5 Å.) 

 

Figure 5-25. Effect of osmotic pressure on the net pressure between protein 
surfaces. Solid line represents no osmotic pressure. Dashed lines were calculated 
by adding a pressure equivalent to aw = 0.993, 0.970, and 0.904. The vertical 
dotted line represents the distance of closest approach between surfaces. 

The calculated values of each of the pressures and the total are shown in Fig. 5-26 

as a function of distance between protein surfaces. (Note that in this graph, the DL 

pressure was calculated assuming that all ions present in the droplet phase increase in 

concentration as the water is removed. In Fig. 5-2 above, the pressures were calculated 
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based on the values for a solution at 50 mg/ml.) The measured data for Πosm as a function 

of distance is also shown. Since Πosm = PVDW + PDL + Phyd = Ptot, this data should 

coincide with the black curve. Importantly, this measured data shows the transition near d 

~ 10 Å where the pressure due to overlapping electric double-layers becomes much 

greater than the hydration pressure.  

 

Figure 5-26. Comparison of calculated and experimental pressures between 
lysozyme surfaces as a function of distance. The dotted line represents the 
experimentally determined distance of closest approach in solution. d = 0 was 
defined by the protein concentration in the SEM environment (i.e., under 
vacuum). (DL = electric double-layer repulsion; VDW = van der Waals attraction; 
Total = PVDW + PDL + Phyd) 

To the best of my knowledge this is the first time that pressures between globular 

proteins have been determined at such close distances. Blomberg et al. measured the 

force between lysozyme-coated mica surfaces for d ~ 20–350 Å [109, 129]. Claesson et 

al. measured the force between insulin-coated surfaces and concluded that there was a 
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transition to hydration/steric forces near 10 Å, but did not have the resolution to measure 

these forces [125]. In both studies, calculated electrostatic and van der Waals forces 

matched the experimental data well at large distances (> 10-20 Å), but they could not 

clearly examine close contact. There is enough resolution in the data presented in this 

thesis to conclude that the pressure-distance relationship is exponential, and that there is a 

transition to electrostatic repulsion for distances > 9 Å. It should be emphasized that the 

equations used here are great simplifications of the system. However, it is important to 

take away that the measured magnitude and distance dependence of the hydration 

pressure for this globular protein are consistent with other systems and are reasonable in 

the context of other known forces. 

5.4 Conclusion 

This chapter has shown that it is possible to controllably dehydrate protein 

solution microdroplets in an organic medium. The protein molecules in the resulting 

glassified microbeads had less than a monolayer of water coverage per protein molecule, 

which could be controlled according to the water activity of the medium. These hydration 

levels were consistent with hydration determined by traditional gravimetric techniques 

and the new, single-particle vapor sorption technique at high water activity. At aw < 0.1, 

there is likely a small amount of organic solvent bound to the protein. The kinetics of 

dehydration matched the prediction of the activity-based model in the previous chapter, 

and it was shown how the micropipette technique could be used to study the effect of 

dissolution rate on final particle morphology. By using a stable protein with a simple 

geometry (lyosyzme), it was also shown how the technique could be used to measure the 
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distance dependence of protein-protein interactions, providing the first measurement of 

hydration pressure (or total pressure, generally) for distances less than ~ 10 Å for 

globular proteins. 

In addition to obtaining hydration information for biological molecules, this 

technique has potential applications in biocatalysis, protein preservation, and drug 

delivery. Enzymes have been known to retain activity in organic solvents, particularly 

when added as an aqueous solution [161], but the dehydration process itself had not been 

previously studied. By directly observing the dehydration of a single protein solution 

microdroplet, this technique can be used to quickly identify the amount of water retained 

for a given protein-solvent system. The process also offers an alternative to 

lyophilization. The alcohols remove water relatively quickly (seconds to minutes, 

depending on the dehydration medium), at room temperature, and without the presence of 

ice crystals, which can be damaging to protein secondary structures [162, 163]. 

Additionally, the ability to control particle size without milling (by adjusting droplet size 

and initial protein concentration) provides an advantage in drug delivery where small, 

spherical particles are desirable for encapsulation within polymers and other gel matrices 

[164].  
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Chapter 6. Polymer Microsphere Formation 

6.1 Introduction 

Biodegradable polyesters, such as poly(lactide-co-glycolide) (PLGA), are some of 

the most common materials used for the encapsulation of therapeutics in microspheres 

[15, 16, 26, 165]. They are biocompatible, and the ability to use different molecular 

weights and lactide:glycolide ratios offers some control over release characteristics. For 

instance, PLGA degrades by hydrolysis of its ester linkages through a bulk eroding 

process—the microspheres imbibe water and begin to degrade throughout (as opposed to 

surface-eroding polymers such as polyanhydrides)—so increasing the lactic acid ratio 

decreases water uptake and slows release. However, as Allison points out in a 2008 

review, there are only a handful of microsphere products on the market, a number that 

“appears to be small compared to the intensive research into this technology that began in 

the 1970s” [26]. The main reason for this is the lack of reproducible and controllable 

release profiles. As a bulk-eroding polymer, release rates depend on water uptake, which 

can be affected by processing parameters and the material properties of the encapsulated 

drug. 

6.1.1 Water Inclusion Formation 

When drug or protein is encapsulated as a solution (w/o/w), the resulting 

microspheres have large internal pores, or inclusions, which alter polymer degradation 

and release profiles [15-17, 19, 20, 165-169]. However, these inclusions can occur even 

when drug particles are suspended as a solid (s/o/w) or when no drug is present at all 
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(o/w). The reason this occurs is that once a polymer solution droplet comes into contact 

with the aqueous phase it absorbs water. If it absorbs enough, the water may 

supersaturate and eventually nucleate into a separate phase, which is visible as 

microscopic water inclusions. This process depends on the solubility of water in the 

organic polymer solution microdroplet and on the kinetics of water transfer into this 

phase. It has been proposed that a solid shell may prevent water from entering the droplet 

[19]. If solvent extraction is fast enough, the increased concentration of polymer at the 

droplet boundary can inhibit the transfer of water (as well as solvent and drug). This 

could prevent water from diffusing into the droplet, or, if water is already present, it may 

prevent water transfer out into the surrounding aqueous phase, resulting in a greater 

number of inclusions. Sah has found that faster solvent extraction, due to a higher volume 

of the continuous phase, results in a higher remaining fraction of both ethyl acetate and 

water in the final microspheres [20]. Jeyanthi et al. found similar results with PLGA 

microspheres formed from a mixture of DCM and methanol [17]. (The methanol acts as a 

cosolvent for a dissolved drug, in this case salmon calcitonin, and it is also very 

hydrophilic.) They found that very fast solvent removal resulted in hollow-cored 

microspheres, whereas slower solvent removal resulted in a denser microsphere structure 

and smaller core. However, this previous work that has modeled or correlated solvent 

extraction rate with microsphere morphology could only measure averaged residual 

solvent content, and not during the first few minutes of microsphere formation [17-20, 

23]. With the micropipette technique, it is possible to see these inclusions form in real 

time as microspheres are formed. 
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These water inclusions could be formed by two unrelated processes. Both can be 

identified by observing microsphere formation using the micropipette. First, they could 

result from the stirring required to create an emulsion in a bulk sample. In this case, 

inclusions are the result of a double-emulsion formed by vigorous stirring. Occasionally, 

inclusions can be seen while a microsphere is being formed as the solution “pinches off” 

in the pipette, resulting in a w/o/w emulsion. Frequently, however, they form long after 

the droplet has fully emerged and shear forces are at a minimum. Figs. 6-1 and 6-2 show 

examples of each of these two circumstances. In Fig. 6-1, water droplets are already 

present within the microdroplet as it is forced from the micropipette. As solvent is 

removed and the microsphere shrinks, these droplets are forced together and eventually 

coalesce into one large inclusion. (Depending on the location of these inclusions and the 

viscosity of the polymer solution, they may not entirely coalesce before microsphere 

hardening.) However, in Fig. 6-2, there are no inclusions present until significant solvent 

loss has already occurred. The inclusions of this type, which nucleate during solvent 

extraction, will be discussed in this chapter. 
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Figure 6-1. Videomicrographs (144 µm × 108 µm) of inclusion formation in a 
PLGA microsphere as a result of a double emulsion. (A) 0.4 s before full droplet 
formation, the PLGA solution is being forced from the micropipette and small 
water droplets are already present. (B) The droplet is fully emerged from the 
micropipette. (C) 4 s and (D) 8 s after droplet formation, the inclusions remain 
clustered on one side of the microsphere as solvent is lost. (E) 10 s after droplet 
formation, the inclusions are pushed close enough together to begin coalescing. 
(F) The inclusions have completely coalesced into one large inclusion.  
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Figure 6-2. Videomicrographs (144 µm × 108 µm) inclusion formation in a 
PLGA microsphere as a result of water supersaturation and phase separation. (A) 
The droplet is first fully emerged from the micropipette. (B) 4 s and (C) 8 s after 
droplet formation, the droplet is still contains no visible inclusions as solvent is 
lost. (D) 12 s after droplet formation, inclusions first nucleate. (E) 16 s after 
droplet formation, the inclusions are larger and clearly visible. (F) 45 s after 
droplet formation, the inclusions are again larger. 

6.2 Methods 

6.2.1 Materials 

50:50 poly(DL-lactide-co-glycolide) (PLGA) was obtained from LACTEL® 

Absorbable Polymers (DURECT Corporation, Pelham, AL). The chemical structure is 

shown in Fig. 6-3. Two different polymer lots were used with MW = 7.4 kDa and 10.8 

kDa, as reported by the manufacturer (determined by gel permeation chromatography). 

No difference between the two lots was noticed in any of the experiments. Ethyl acetate, 

butyl acetate, dichloromethane (DCM), sodium dodecyl sulfate (SDS), and water were 

obtained as reported in the previous chapters. Poly(vinyl alcohol) (PVA) (86-88% 

hydrolyzed, 57-66 kDa MW) was obtained from Alfa Aesar. 
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Figure 6-3. Chemical structure of PLGA. (x = lactic acid; y = glycolic acid) 

6.2.2 Single Microsphere Formation 

The equipment and procedures are similar to those described in the previous 

chapters with a few modifications. Unlike water-in-oil droplet formation, hydrophobic 

micropipettes are not needed. Since the aqueous phase easily wets the glass micropipette 

surface, it is possible to pinch off a droplet from the stock solution without completely 

releasing it from the micropipette tip. This can be facilitated by including a surfactant 

(e.g., PVA or SDS) in the aqueous phase. (Note that the surfactant must not be soluble in 

the droplet phase—e.g., polyethylene glycol (PEG) surfactant cannot be used—and that it 

must be a low enough concentration so that it does not change the solubility of the 

dissolving component, i.e., the surfactant concentration must be below its CMC.) 

Droplets of PLGA solution were formed in chambers containing water, 1-5 mM SDS, or 

1% PVA. SDS at 5 mM is below the CMC, but still a high enough concentration to lower 

the surface tension [170]. No difference in dissolution time, structure, or final polymer 

concentration was noticed between microdroplets formed in water and those formed in an 

SDS or PVA solution. In case the presence of the surfactant did alter mass transfer, 

kinetic studies were conducted only in pure water.  

Since the solvents used in this chapter have a relatively high vapor pressure, it is 

very important to be aware of possible evaporation from stock solution vials, which 
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would increase polymer concentrations. Front-filling a micropipette (single-chamber 

method) with enough solution for an experiment takes at least 20 s. To minimize solvent 

evaporation during this time, the pipette can be placed through a lid with a septum (like 

that used to coat the pipettes with HMDS), then mounted on the chuck and submerged in 

the solution. This keeps the solution bottle sealed while solution is drawn into the pipette. 

The pipette must then be removed from the chuck and reattached after pulling through the 

septum. If using the two-chamber method, a plug of water (or other non-solvent) should 

be placed in the opening of the chamber to minimize evaporation of the solvent. 

Additionally, solution bottles should be sealed with Parafilm, stored in the refrigerator, 

and weighed both after an experiment and before the following experiment to be sure that 

no evaporation has taken place through the bottle seal. 

For diffusion-controlled experiments, droplets were formed using either the 

single-chamber method or the two-chamber method and held on the end of the 

micropipette. (Since these experiments were done in water, the single-chamber method 

was only used when a droplet being formed in fresh solution fortuitously pinched off 

from the solution in the micropipette.) Since the mass transfer coefficient of ethyl acetate 

in water was very consistent and the mass transfer coefficient of DCM in water showed a 

strong dependence on initial droplet size (see Chapter 3), ethyl acetate was chosen for 

kinetic modeling. For the purpose of determining final polymer concentrations, droplets 

were released from the micropipette, followed through solution, and observed on the 

bottom of the chamber for approximately 1 hour. For the purpose of determining the 
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number of inclusions as a function of microsphere size, several droplets were formed and 

released, and later (5-30 min) viewed on the bottom of the chamber.  

6.2.3 Density Calculation: Polymer Concentration Verification 

In the protein and salt systems presented in the previous chapters, the solute 

concentration in a microdroplet could be verified by observing a refractive index match 

with the surround medium. Since those were aqueous systems, the starting refractive 

index of the microdroplet was generally low (~ 1.34) and then increased enough (as the 

solute concentration increased) to reach that of the surrounding organic phase. However, 

for microdroplets of PLGA solution in an organic solvent, the refractive index is always 

higher than the surround medium, so this technique is not an option. To verify 

concentration calculations, the buoyancy of free microdroplets was observed as a means 

of estimating microsphere density, and therefore concentration. 

The density of single microspheres was calculated according to the measured 

droplet volume and the known polymer mass (from concentration). The polymer volume 

was calculated from its density, ρPLGA = 1.34 g/cm3 (given by supplier) and assumed 

constant. The remaining volume was calculated using the density of ethyl acetate, ρEA = 

0.90 g/cm3. (Since the density of DCM is greater than water, microdoplets of PLGA-

DCM solution are denser than water at all concentrations. Therefore, this method was 

only used with ethyl acetate.) It was assumed that there was no volume change on 

mixing, so the density of a microsphere is given by 

𝜌 = 𝜙𝑃𝐿𝐺𝐴𝜌𝑃𝐿𝐺𝐴 + (1 − 𝜙𝑃𝐿𝐺𝐴)𝜌𝐸𝐴 (6-1) 
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where φPLGA = C/(1000 × ρPLGA) is the volume fraction of PLGA in the droplet. Once a 

droplet is released from the pipette, its low density (~0.9 g/cm3) causes it to rise through 

the surrounding aqueous phase (ρ = 1.0 g/cm3). As ethyl acetate dissolves into the 

surrounding water, the droplet’s density increases and the droplet stops rising and begins 

to sink when the density passes through 1.0 g/cm3 (305 mg/ml). While this was not nearly 

as exact as the index of refraction verification used in Chapters 4 and 5, it did provide a 

reasonable check for the polymer concentration calculation.  

6.2.4 SEM 

Microspheres were removed from the chamber, mounted, and imaged as 

described in Chapter 3. Microspheres were stored under vacuum at room temperature 

before mounting and imaging. 

6.2.5 Differential Scanning Calorimetry (DSC) 

In order to determine polymer phase behavior, differential scanning calorimetry 

(DSC) was used to determine the glass transition temperature (Tg) of samples of raw 

polymer, as well as polymer-solvent mixtures. All scans were performed on a Perkin 

Elmer Diamond DSC equipped with an intercooler and analyzed using Perkin Elmer 

software. Approximately 5-10 mg of raw polymer was weighed into an aluminum sample 

pan and hermetically sealed. For some experiments, a small amount of solvent (ethyl 

acetate, DCM, and/or water) was also added to the pan just before sealing. The pan was 

then weighed again to determine the mass fraction of solvent. A sealed empty pan was 

used as a reference. Since Tg depends on thermal history as well as scanning rate, several 
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scans of each sample were performed. Samples were held at 25ºC then cooled at 

100ºC/min to -20ºC in order to quench the polymer. They were then heated to between 60 

and 100ºC (both are higher than Tg), cooled again and reheated. All scans shown were 

heated at 10ºC/min. 

 

6.3 Differential Scanning Calorimetry (DSC) Results 

6.3.1 Results & Discussion 

A typical heating scan of raw polymer is shown in Fig. 6-4. Tg was taken as the 

temperature that corresponded to half the change in heat capacity. The change in heat 

capacity (∆Cp) was determined by using the software to linearly extrapolate the baselines 

from before and after the transition. Notice that, unlike the transitions measured in 

Chapter 2, there is no sharp transition or peak associated with melting. PLGA (50:50) is 

always amorphous, so the only transition is the glass transition, detected as a shift in the 

heat capacity. The small peak at the end of the transition is due to enthalpic relaxation, 

and is therefore a function of thermal history. When a material is cooled below its glass 

transition, it is not in thermodynamic equilibrium, i.e., not in its lowest possible energy 

state. The material will slowly “relax” toward a lower energy state, and will do this more 

quickly at temperatures near Tg. When measuring Tg, it is therefore important not only to 

use a consistent heating rate (as seen in Chapter 2, this is important for any DSC scan), 

but also to use a consistent cooling rate, since some enthalpic relaxation can occur during 

this process. Faster quenching results in a higher measured Tg and a smaller enthalpic 

relaxation peak [171]. 
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Figure 6-4. A typical DSC heating scan of raw PLGA, showing the determination 
of the glass transition onset, endpoint, Tg, and ∆Cp. 

Fig. 6-5 shows the effect of ethyl acetate on the glass transition. As small amounts 

of solvent were added, Tg shifted to lower temperatures, the temperature range of the 

transition broadened, and the change in heat capacity decreased. Since the microspheres 

were prepared by extracting solvent into an aqueous phase, it was also important to 

investigate the effect of water. Fig. 6-6 shows DSC scans of PLGA as a function of water 

content. The sample with 1.5 wt% water was prepared by letting a few granules of 

polymer soak in water for 3 hours, then blotting the bulk water away. The sample was 

weighed before adding water and after removing bulk water to determine the wt% of 

absorbed water. This was assumed to be the approximate amount of water that is soluble 

in raw polymer. This assumption was supported by the fact that the sample with 22 wt% 
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water had a similar Tg. The only difference between the scans was the melting of bulk 

water, seen as the large peak at 0ºC in Fig 6-6. Within the error of determining the weight 

percent of such a small sample (~7 mg), this is also consistent with the solubility of water 

in PLGA (50:50, 30 kDa) found by Blasi et al. of 2.6 wt% [172]. Also in that study, they 

found that water saturated the PLGA within 30 minutes, and that it lowered Tg by ~15ºC, 

similar to the results in Fig. 6-6. 

 
Figure 6-5. DSC heating scans of PLGA samples with 0.0%, 2.0%, and 4.1% 
ethyl acetate by mass. Curves are aligned at -10ºC for clarity. Tick marks on the 
vertical axis are 0.1 mW. 
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Figure 6-6. DSC heating scans of PLGA samples with 0.0%, 1.5%, and 21.9% 
water by mass. Curves are vertically offset from each other for clarity. Tick marks 
on the vertical axis are 1.0 mW. The 21.9% sample contained two phases: bulk 
water, and hydrated polymer. 

Scans were also performed with polymer samples containing DCM, ethyl acetate 

that had been saturated with water, and water that had been saturated with ethyl acetate. 

Fig. 6-7 summarizes all DSC results. The markers represent Tg as defined by half the heat 

capacity change, and the vertical bars represent the transition range, i.e., onset to endpoint 

(see Fig. 6-4). Small amounts of solvent lowered Tg to below room temperature. With the 

current intercooler, samples could only be cooled to -20ºC, so the Tg for samples with > 

5-10 wt% solvent is unknown. Results with water-saturated ethyl acetate (and ethyl 

acetate-saturated water) were not significantly different from results with the primary 

solvent. The sample with 14 wt% ethyl acetate-saturated water showed the same Tg and 
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same bulk water melting as the PLGA sample with pure water, indicating that it was also 

two phases. During the solvent extraction process, the microdroplet composition as 

represented in Fig. 6-6 moves from right to left at constant temperature. Instead of 

approaching the glass transition by decreasing temperature, the system approaches the 

glass transition by losing solvent. According to DSC results, the solvent-induced glass 

transition should occur near 1250-1300 mg/ml. Importantly, though, since only 1.5 wt% 

water (~1310 mg/ml PLGA) was enough to decrease Tg below room temperature, and 

since microspheres are formed in an aqueous phase, it is not expected that they reach the 

glassy state during an experiment. This was confirmed, as microspheres formed from 

either ethyl acetate or DCM solutions were easily deformed by pressure from the 

micropipette. 
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Figure 6-7. Summary of all DSC scans of PLGA as a function of solvent content. 
Horizontal error bars represent estimated error in determining solvent content. 
Vertical errors bars represent the spread of the transition, onset through end. 
* These points were too close to the starting temperature (-20ºC) to establish a 
baseline below the transition and were therefore estimated (no software analysis). 
** Two phases were present in these samples due to excess water in the sample. 
The melting transition in the 22 wt% sample prevented the calculation of an onset 
and endpoint. The curve was qualitatively similar to the 14 wt% sample. 

6.4 Single Microsphere Formation 

6.4.1 Results 

Falling Droplets—Final PLGA Concentration 

Fig. 6-8 shows the diameter as a function of time of a polymer solution (PLGA-

ethyl acetate) microdroplet that was released from the micropipette and allowed to rise 
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and fall through the surrounding aqueous phase. The first 15 s of dissolution are shown 

on the left of the figure, and the entire diameter profile is shown on the right on a log 

scale. Immediately after being released from the micropipette, the microdroplet moved 

upward through the solution, then stopped and began to fall around 4.3 s, and reached the 

bottom of the chamber after 14 s (the last data point on the left panel). Surprisingly, even 

though the droplet was moving through solution for the first 14 s, the dissolution profile 

was similar to that of a diffusion-controlled pure ethyl acetate droplet, shown as a solid 

curve for comparison. Fig. 6-9 shows the calculated PLGA concentration of the same 

microdroplet as a function of time. The microdroplet had an initial calculated 

concentration of 76.4 mg/ml, corresponding to a droplet density of 0.925 g/cm3, which is 

consistent with its initial upward movement. The microdroplet began falling after about 

4.3 s, at which point the calculated PLGA concentration was 337 mg/ml, and the density 

(assuming only PLGA and ethyl acetate were present) was 1.01 g/cm3. As the 

concentration exceeded ~800 mg/ml, the dissolution rate slowed considerably. Unlike the 

protein solution droplets in the previous chapter, the concentration did not reach a stable, 

equilibrium value quickly. As shown on the right of Figs. 6-8 and 6-9, the microsphere 

continued to lose solvent slowly. Between 1800 s and 5800 s, the diameter (and therefore 

concentration) was unchanged. 



 

 224 

 
Figure 6-8. Diameter as a function of time of a PLGA-ethyl acetate solution 
microdroplet that has been released from the micropipette. Note the time scale 
change between the left and right panels. 

 

Figure 6-9. Calculated PLGA concentration (○) and microdroplet density (●) as a 
function of time (same droplet as Fig. 6-8). The droplet began falling when the 
density reached 1.01 g/cm3. Note the time scale change between the left and right 
panels. 
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It was unusual for droplets to dissolve at the same rate as pure ethyl acetate 

droplets. Fig. 6-10 shows the dissolution rates of 12 different microdroplets, all of which 

were released from the micropipette. The initial diameters ranged from 61.2-121.4 µm 

and initial concentrations ranged from 55.7-91.0 mg/ml. For comparison, they are shown 

in dimensionless form along with the theoretical diffusion-limited dissolution curve of 

pure ethyl acetate. (For this size range, τ = 25 corresponds to 8.6-34 s.) Many of the 

droplets dissolved faster than the diffusion-limited pure solvent droplet, which was 

expected due to their movement through the surrounding aqueous phase. The actual rate 

of dissolution for each droplet depends on its velocity through the surrounding aqueous 

phase and whether any ethyl acetate was present in its immediate surroundings from 

previous nearby droplet formation. The droplet velocity depends on its size and density. 

The presence of ethyl acetate already in solution is expected to be low, but cannot be 

ignored. Droplets were released from the micropipette in a location near previously 

formed droplets (usually a few hundred µm) in order to assist in locating formed 

microspheres for continued measurement. By the time a microdroplet rose through 

solution, then reversed direction and fell to the bottom of the chamber, it had usually lost 

most of its solvent and also drifted from its initial release location. It is therefore possible 

that solvent from previous droplet formation could have affected its dissolution rate (i.e., 

by locally raising f slightly).1 To ensure accurate final concentration measurements, no 

                                                 

1 This procedure was used for observing inclusions and measuring polymer concentrations. Kinetic studies 
were always conducted in a fresh chamber. 
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more than 5 droplets were formed in a chamber and they were left at least an hour to 

allow any local ethyl acetate fluctuations to dissipate. 

 

Figure 6-10. Dimensionless dissolution profiles for PLGA-ethyl acetate solution 
microdroplets that were released from the micropipette into water. The solid line 
is the theoretical dissolution of a pure ethyl acetate droplet. Initial droplet 
diameters ranged from 61.2-121.4 µm, and initial polymer concentrations ranged 
from 55.7-91.0 mg/ml. 

The concentrations of each microdroplet are shown in Fig. 6-11 as a function of 

dimensionless time (shown on a log scale). Most of the solvent was lost by τD ~ 12, 

which is the dissolution lifetime of a pure ethyl acetate droplet. At this point, the solvent 

dissolution rate slowed down significantly. The concentration corresponding to this 

decrease in dissolution rate was between 800 and 1000 mg/ml, but could not be 

determined precisely since falling droplets were not consistently in focus. This entire 
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range, however, is lower than the 1250-1300 mg/ml expected for the glass transition 

based on DSC experiments. 

The average final polymer concentration of all PLGA-ethyl acetate solution 

microdroplets was 1033 ± 38 mg/ml (N = 17). Since water solubility in the organic phase 

is considered an important factor in inclusion formation, one PLGA solution was 

prepared with ethyl acetate that had been pre-saturated with water. The final 

concentration of microspheres from this solution was 1055 ± 34 mg/ml (N = 6), which is 

not significantly different. The overall morphology (see below for inclusion results) and 

dissolution rate were also consistent with that observed from the initially water-free 

PLGA solution droplets. These results indicate that the microdroplets likely become 

saturated with water early in the dissolution process. 
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Figure 6-11. PLGA concentration as a function of dimensionless time for PLGA-
ethyl acetate solution microdroplets from Fig. 6-10. Note that dimensionless time 
is shown on a log scale. 

In order to determine the effect of solvent activity on dissolution rate and final 

concentration, droplets were formed in an aqueous solution that had been half-saturated 

with ethyl acetate (f = 0.5). The dimensionless diameters of these droplets are shown as a 

function of τ in Fig. 6-12. The theoretical curve in Fig. 6-12 was calculated using f = 0.5 

for a pure ethyl acetate droplet. Again, since these microdroplets were released from the 

micropipette and allowed to dissolve under convective conditions, the ethyl acetate 

dissolved faster than the diffusion-limited prediction. Since these droplets all had similar 

initial diameters (72.2-88.7 µm), the dissolution curves are very similar to each other, i.e., 

the effect of convection was similar for all droplets. The calculated PLGA concentrations 

are shown in Fig. 6-13 as a function of τ on a log scale. At a concentration near 800-850 
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mg/ml, the dissolution rate slowed. The final polymer concentration for these 

microspheres was 963 ± 22 mg/ml (N = 5), which is lower than the concentration at f = 0. 

This is expected, since the presence of ethyl acetate in the surrounding aqueous phase (f = 

0.5) increases its activity, resulting in a lower driving force for dissolution. 

 

Figure 6-12. Dimensionless dissolution profiles for PLGA-ethyl acetate solution 
microdroplets that were released from the micropipette into water half-saturated 
with ethyl acetate (f = 0.5). The solid line is the theoretical dissolution of a pure 
ethyl acetate droplet at f = 0.5. Initial droplet diameters ranged from 72.2-88.7 
µm, and initial polymer concentrations ranged from 58.1-61.7 mg/ml. 
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Figure 6-13. PLGA concentration as a function of dimensionless time for PLGA 
solution microdroplets (from Fig. 6-12) that were released from the micropipette 
into water half-saturated with ethyl acetate (f = 0.5). Note that dimensionless time 
is shown on a log scale. 

Experiments were also conducted with PLGA dissolved in DCM. Fig. 6-14 shows 

the dissolution profiles of microdroplets of PLGA-DCM solution. As expected from the 

pure solvent dissolution (Chapter 3), the dissolution rate was much slower than the ethyl 

acetate solution microdroplets. Two of the microdroplets in Fig. 6-14 (solid squares and 

triangles) were released from the micropipette at t = 0. Since DCM has a higher density 

than the surrounding aqueous phase, the droplets immediately fell through the 

surrounding aqueous phase. All subsequent data points for these droplets were measured 

while the droplets remained motionless on the bottom of the chamber. The dissolution 

rate is therefore slower than diffusion-controlled dissolution since the chamber wall is an 

impermeable boundary that blocks diffusion in that direction. The third droplet (×) did 
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not release fully from the micropipette, but remained stuck to the side of the tip. Its 

dissolution profile therefore more closely resembles the dissolution of a diffusion-

controlled pure DCM droplet. 

The calculated final PLGA concentrations of these droplets was much lower than 

expected—only ~515 mg/ml for the first two (on chamber bottom) and ~330 mg/ml for 

the third (on the micropipette). Since DCM is quite volatile, these values are likely 

erroneously low due to DCM evaporation out the back of the micropipette, which would 

make the actual PLGA concentration higher than calculated. As evidence of this, the 

second microdroplet was formed within 3 minutes of the first and had a similar 

concentration, but the third microdroplet was formed ~20 minutes later, and would 

therefore have had a higher initial PLGA concentration, resulting in an abnormally low 

calculated final concentration. 

All microspheres formed were still slightly “soft,” i.e., impressions could be made 

in the microsphere surface with the micropipette. This is consistent with the glass 

transition results presented above. Even just the presence of a few percent water is 

enough to reduce to glass transition to near room temperature. 
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Figure 6-14. (a) Diameters of PLGA-DCM solution droplets as a function of time. 
(b) Dimensionless plot for the same droplets. Markers indicate experimental data 
(■,▲ were released from the micropipette; × was held on the micropipette). The 
theoretical dissolution of a pure DCM droplet is shown for comparison as the 
solid curve. 
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Stationary Droplets 

Fig. 6-15a shows the diameters of 4 stationary PLGA-ethyl acetate solution 

microdroplets as a function of time, including the time required to form the droplet. The 

same droplets are shown in dimensionless form in Fig. 6-15b along with the theoretical 

dissolution of a pure ethyl acetate droplet. The initial PLGA concentrations ranged from 

36 mg/ml to 49 mg/ml. Similar to the analysis of diffusion-controlled droplet dissolution 

in the previous chapters, the dissolution profiles of these droplets fall on a single curve in 

dimensionless form. The PLGA solution droplets dissolved at the same rate as the pure 

ethyl acetate droplet (solid curve) until ξ ~ 0.5 (~350 mg/ml). At this point the dissolution 

rate deviated slightly from that of the pure solvent droplet, then slowed significantly by ξ 

~ 0.37 (~850 mg/ml). 
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Figure 6-15. (a) Diameters of PLGA-ethyl acetate solution droplets (held on the 
micropipette tip) as a function of time. (b) Dimensionless plot for the same 
droplets. Markers indicate experimental data. The theoretical dissolution of a pure 
ethyl acetate droplet is shown for comparison. The initial PLGA concentration 
ranged from 36-49 mg/ml. 
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6.4.2 Discussion 

These concentration calculations should be considered with caution. PLGA 

solution is viscous, so droplet formation time frequently extended over 1-3 s, and since 

ethyl acetate dissolves into water very quickly, a significant amount of ethyl acetate is 

expected to have dissolved during this droplet formation time. The correction described 

in Chapter 3 that accounts for solvent loss during droplet formation was applied to all 

droplets, but is still only an estimate. To put this correction in perspective, the polymer 

solution droplets in this chapter can be compared to the salt solution droplets from 

Chapter 4, where the correction was also used. A 78-µm (~245 pl) salt solution droplet 

formed over 1.1 s (one of the longest formation times) lost 8 pl of water into octanol. By 

comparison, a 78-µm PLGA solution microdroplet formed over the same time would lose 

60 pl of ethyl acetate to the surrounding aqueous phase, or almost 20% of its volume. 

Most droplets took even longer to form, and therefore the calculated solvent loss during 

droplet formation had a large impact on calculated concentrations. For example, ignoring 

this formation time and just using original stock concentrations at t = 0 would result in an 

average calculated final PLGA concentration of only 748 ± 48 mg/ml (N = 17). The 

density check described above was applied when possible, but it, too, is only an estimate. 

(It is difficult to measure the diameter of a droplet at the exact point at which the droplet 

changes direction—since the droplet is moving it is constantly coming in and out of 

focus—and the concentration of the density match itself will depend on how much water 

is contained in the microsphere.) When the density check was applied, it was consistent 

with the adjusted concentrations. 
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An additional important point is that the “final” polymer concentrations listed 

here are not the same as “equilibrium” concentrations. In both Figs. 6-11 and 6-13, the 

concentrations do not reach a stable, equilibrium value. In the aqueous environment of 

the chamber, the microspheres continually absorb water (see inclusion discussion below), 

so it is difficult to quantify an “equilibrium” concentration where the organic solvent has 

been removed, and the water has not yet appreciably altered the microsphere volume. The 

concentrations in Fig. 6-13 (microspheres formed in water at f = 0.5) should be treated 

with particular caution. In Chapters 4 and 5, the thermodynamic data necessary for the 

model (equilibrium values of C as a function of f) were easily obtainable through 

micropipette experiments. However, the high vapor pressure of ethyl acetate (73 mmHg 

compared to water’s 22 mmHg), in combination with long desolvation times for PLGA, 

makes these experiments difficult to complete with this system. 

Modeling the kinetics of polymer microsphere formation therefore requires more 

assumptions than the kinetic models in the previous chapters. The equilibrium data 

required to calculate f – fR at every polymer concentration is not available. Nevertheless, 

an attempt was made to apply the modified E-P model to this system. The activity of 

ethyl acetate in PLGA can be estimated from the Flory-Huggins equation, and from 

solubility parameters. The solvent activity, a1, is related to its chemical potential 

according to µ1 – µ1, 0 = RT ln a1. Using the definition of chemical potential (µi = 

(∂G/∂Ni)T,P,Nj≠ i) and the equation for free energy of mixing from Flory-Huggins theory 

(Eq. 1-9), the solvent activity can be related to the polymer volume fraction, φ2, 

according to: 
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ln 𝑎1 = ln(1 − 𝜙2) + �1 −
𝑣1
𝑣2
�𝜙2 + 𝜒𝜙22 (6-2) 

where χ is the interaction parameter. By setting ∆Hmix as derived by Hildebrand equal to 

∆Hmix as derived in the Flory-Huggins model (see Chapter 1), χ can be related to the 

Hildebrand solubility parameters, δ, according to: 

𝜒 =
𝑣1
𝑅𝑇

(𝛿1 − 𝛿2)2 (6-3) 

No interaction parameters between ethyl acetate and the PLGA used in this thesis were 

found in the literature. However, Schenderlein et al. completed a comprehensive study of 

solubility parameters for PLGAs of different lactide:glycolide ratios, using swelling, 

turbidity titration, and the group contribution method [173]. Using the average of the total 

Hansen solubility parameters (which are approximately equivalent to Hildebrand 

solubility parameters) found for 50:50 PLGA, the interaction parameter for ethyl acetate 

is ~ 0.33. Fig. 6-16 shows the solvent activity (for any solvent) as a function of solvent 

volume fraction for two values of χ: 0.33 (as calculated above), and 0.65 (the critical 

value above which a1 becomes > 1). Again, it should be stressed that these are very 

approximate relationships. The value of χ is also a function of temperature and polymer 

concentration, and the Flory-Huggins relationship is only valid above the glass transition 

(the rubbery or liquid domain). As the glass transition region is approached, there is a 

sharp downward turn in the a1 vs φ1 plot—i.e., at a given solvent activity, there is a 

higher volume fraction of solvent than predicted by Flory-Huggins theory [174, 175]. 

However, since the microspheres did not ever reach the glassy state in these experiments, 

this part of the curve was neglected. In order to use the modified E-P model, the activity 
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of ethyl acetate in water must also be known. Compared to the activity of the solvent in 

the polymer, any deviation from linear in water should be minor, so it was assumed that 

a1 = f. 

 

Figure 6-16. Solvent activity in a PLGA-solvent solution (e.g., a microdroplet or 
microsphere) as a function of solvent volume fraction, calculated according to Eq. 
6-2 for two values of χ estimated for ethyl acetate. 

 Fig. 6-17 shows the dimensionless dissolution profiles of the same stationary 

droplets as above (Fig. 6-15), compared to calculated theoretical dissolution curves. The 

solid curve shows the dissolution profile calculated according to the modified E-P 

equation using χ = 0.33 to calculate the solvent activity in the polymer solution. The 

dotted curve shows the calculated dissolution profile using χ = 0.65, which results in a 

dissolution curve nearly identical to that calculated with χ = 0.33. There are a few notable 

features of this calculated dissolution curve. First, during initial dissolution, it closely 



 

 239 

follows the dissolution of a pure solvent droplet, similar to the predicted curve for protein 

dehydration in the previous chapter. This is a direct result of the fact that the solvent 

activity remains high as the solvent volume fraction initially decreases (and polymer 

concentration increases). Second, the calculated curve for the polymer solution shows a 

sharp decrease in dissolution rate, corresponding to the sharp decrease in solvent activity 

once the solvent volume fraction decreases below ~ 0.4. Finally, the theoretical curve 

predicts a constant microsphere diameter by τ ~ 13. 

 

Figure 6-17. Dimensionless dissolution profiles of PLGA-ethyl acetate solution 
microdroplets held on the micropipette (same microdroplets as Fig. 6-15) 
compared to the modified E-P model. Notice that the curve calculated using χ = 
0.65 is almost identical to the one calculated using χ = 0.33. 

 It is unclear whether the difference between experimental data and the model is 

due to the lack of an accurate f vs C curve, or slower diffusion due to an increased 
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viscosity at higher polymer concentrations. No reasonable value of χ would result in a 

prediction that matches the measured dissolution curve, but the activity of ethyl acetate in 

water is admittedly unknown. Vapor sorption experiments of ethyl acetate on PLGA 

microspheres or films could provide more definitive activity data for the model. It is 

more likely, however, that as the polymer concentration increases and the viscosity of the 

polymer solution increases, the diffusion of ethyl acetate is decreased. In this case, the 

assumptions of the model (specifically, that the solute redistributes within the droplet 

quickly) would no longer be true, and the ethyl acetate would continue to leave the 

droplet slowly until equilibrium with the surroundings is reached. 

6.5 Inclusion Formation 

6.5.1 Results 

Inclusions were found most frequently for PLGA-ethyl acetate solution droplets 

formed in an ethyl-acetate-free aqueous phase (i.e., f = 0). There were no detectable 

differences in inclusion formation between microspheres that were held on the 

micropipette or released. A set of experiments was also conducted with PLGA dissolved 

in butyl acetate2, and no inclusions were formed. Inclusions were not observed for 

PLGA-DCM solution microdroplets either, except under specific circumstances (see 

below). The solubility of water in ethyl acetate, butyl acetate, and DCM is about 4%, 1%, 

and 0.2%, respectively (see Table 3-1). Finding inclusions in microspheres prepared only 

                                                 

2 Butyl acetate is not a good solvent for PLGA, so the polymer solution was not homogenous and the exact 
PLGA concentration was not known. Therefore, these experiments were only used for the purpose of 
identifying inclusion formation. 
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from ethyl acetate solution is therefore consistent with the hypothesis that water diffuses 

into the microsphere and becomes supersaturated, since it would diffuse into ethyl acetate 

faster than the other two solvents. Additionally, microspheres prepared from DCM or 

butyl acetate dissolve very slowly (~ 40 s and ~ 150 s for an 80-µm droplet) compared to 

those prepared from ethyl acetate (~ 8 s). In these cases, it is less likely to have a large 

polymer concentration increase at the boundary (low Peclet number), and therefore any 

water that has diffused into the droplet would not be prevented from diffusing back out. 

No inclusions were observed in PLGA-ethyl acetate solution microdroplets formed in 

water that had been half-saturated with ethyl acetate (f = 0.5). Since the PLGA 

concentration in these microspheres exceeded the concentrations required for inclusion 

formation, this was likely due to the decreased rate of dissolution (~ 15 s). Typical 

microspheres formed from PLGA-DCM solution or PLGA-ethyl acetate solutions are 

shown in Fig. 6-18, showing an inclusion-free microsphere (DCM) and one with 4 

inclusions (ethyl acetate).  

Fig. 6-19 shows the number of inclusions as a function of microsphere diameter 

for microspheres formed with the micropipette and via a bulk emulsion (o/w) method 

(vortexing) (samples prepared and recorded by Elizabeth Laureano). Inclusion-free 

microspheres were found at all sizes. However, there seemed to be a minimum 

microsphere diameter (~10 µm) before optically visible inclusions were able to form, as 

well as a maximum number of inclusions for a given microsphere diameter (or volume). 

Micropipette experiments were performed using a 50-mg/ml solution by releasing several 

droplets in series. However, since ethyl acetate dissolves into the surrounding phase so 
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quickly, the concentration of the fully formed microdroplet was probably higher (60-80 

mg/ml, based on measured single-particle experiments). Microspheres formed using the 

micropipette were therefore compared to bulk experiments using both a 48-mg/ml stock 

solution and a 93-mg/ml solution. Importantly, the consistency between the numbers of 

inclusions found in microspheres formed using the micropipette and bulk emulsion 

methods shows that the two methods are comparable. 

 

Figure 6-18. Videomicrographs (95 µm × 72 µm) of PLGA microspheres formed 
from DCM solution (left) and ethyl acetate solution (right). Both microspheres 
resulted from forming droplets of ~50 mg/ml PLGA solution into a pure water 
phase using the micropipiette.  
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Figure 6-19. Number of inclusions in PGLA microspheres as a function of 
microsphere size. Bulk samples were prepared from 48-mg/ml or 93-mg/ml stock 
solutions. Microspheres formed using the micropipette were prepared from ~50-
mg/ml stock solutions (60-80 mg/ml once separated from the pipette). (Bulk 
samples were prepared by Elizabeth Laureano.) 
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Figure 6-20. Optical (left) and SEM (middle) images (80 × 80 µm) of a 
microsphere formed from a PLGA-DCM solution. SEM close-up (right) (2 × 2 
µm) of pores on the microsphere surface. 

As mentioned above, inclusions were found in microspheres formed from DCM 

solution only under certain circumstances. Optical and SEM images of the same 

microsphere are shown in Fig. 6-20. The SEM images show that the surface is smooth 

with the exception of pores ranging in size from about 30 to 300 nm. One possible 

explanation for these inclusions is that the solution in the micropipette saturates quickly 

with water. Inclusions were only observed in microspheres formed from DCM-polymer 

solution during experiments in which the polymer solution remained in the pipette long 

enough to become very concentrated. DCM quickly evaporates from the solution-air 

interface at the back end of the micrpipette. If the polymer solution contained water, 

DCM evaporation would concentrate both the polymer and the water, possibly leading to 

a solution that is far more supersaturated with water than would occur by droplet 

formation. An additional effect of this higher polymer concentration is the increased 

viscosity of the solution. This is an experimental artifact that could be addressed in future 

experiments with DCM. Solvent evaporation could be reduced by first filling the pipette 
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with a plug of water. Since the solubility of DCM in water is very low, the plug should 

greatly reduce the loss of DCM during an experiment.  

Fig. 6-21 shows the diameter of two inclusions as a function of time. This data is 

representative of a typical microsphere formed from PLGA-ethyl acetate solution. The 

initial formation is shown in Fig. 6-21a. The first inclusion formed (large enough to be 

visible) between 4 and 6.2 s after microsphere formation, or between 345 and 765 mg/ml 

PLGA. (The exact moment of formation is unknown since the falling microsphere was 

not in focus between those two times.) The second inclusion became visible after 22 s, or 

when the PLGA concentration was 930 mg/ml. Both inclusions grew rapidly after initial 

formation, then very slowly. The microsphere diameter reached a constant value by 2260 

s (Fig. 6-21b). The diameter of the inclusions, however, continued to increase with time. 

Other microspheres observed over longer periods of time (~22 hrs) showed increases in 

diameter, as well as continued inclusion growth. 
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Figure 6-21. Inclusion diameter as a function of time for a microsphere formed 
from PLGA-ethyl acetate solution. Vertical error bars are shown at ± 0.4 µm to 
remind the reader of the limited resolution in measuring these small diameters. 
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6.5.2 Discussion 

Clearly, water does have some mobility through the polymer. This is evident by 

the raw polymer’s ability to imbibe water (see Tg experiment above), and by the fact that 

inclusions grow with time. It is expected that initial inclusion formation and growth is 

due to the supersaturation of water in the polymer solution as a results of the organic 

solvent diffusing into the surrounding aqueous phase. As phase separated regions, any 

water that is supersaturated in the microsphere, and continuing to supersaturate as the 

organic solvent leaves, will contribute to the volume of an inclusion. However, these 

inclusions continue to grow long after the microsphere has reached a constant volume. It 

has been shown that microspheres contain residual solvent of up to 7 %, even after drying 

[20], so it is likely that ethyl acetate is still present. This will increase the osmotic 

pressure in the inclusion, lowering the chemical potential of water, and creating a driving 

force for the surrounding bulk water that is at a higher chemical potential (µ0, aw = 1). 

Additionally, once hydrolysis begins to take place, any water-soluble polymer fragments 

will be trapped in these inclusions, further increasing the osmotic pressure. (Any water-

soluble polymer fragments present in the initial polymer composition are also likely to 

partition into these phase-separated regions.) Using microspheres prepared from 

poly(D,L-lactic acid) solution in DCM, Brunner et al. measured the osmotic pressure of 

inclusions produced by a double-emulsion method [176]. They used PVA to create a 

double emulsion during microsphere formation, and then incubated the dried 

microspheres in buffer for 14 days. By measuring the change in the water melting peak, 
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they were able to calculate the purity, and therefore osmotic pressure of the phase-

separated water inclusion. After 4 days, the osmotic pressure reached a maximum of 600 

mOsm. Additionally, they measured pH values < 4.7 (the lower limit of the probe they 

used), confirming that acidic byproducts of hydrolytic degradation were remaining in the 

water inclusions. This is consistent with other measurements of internal microsphere pH. 

Fu et al. measured an internal pH (using fluorescent dye and confocal microscopy) as low 

as 1.5 in the very center of large (30-40 µm) microspheres [177]. The pH increased near 

the edge of the microsphere, indicating that some acidic byproducts were able to diffuse 

out. In another study, Jiang et al. conducted a study in which they used an aqueous 

extraction phase with different concentrations of sucrose or NaCl to increase the osmotic 

pressure [169]. The microspheres were prepared by forming a w/o/w emulsion of BSA in 

PLGA-DCM solution. When the water activity in the extraction phase was lower, they 

found a slightly higher encapsulation efficiency, denser microspheres, and a lower burst 

release. 

An important consequence of these trapped solutes is that they remain in the 

microsphere, even after the microsphere is dried. For example, some polymer 

microspheres that contained inclusions were removed from the chamber into air, at which 

point the inclusions closed up within a matter of seconds. When the microspheres were 

reintroduced into water, the inclusions were not initially present, but then returned in the 

same place over the next several hours. Importantly, the rate of inclusion growth for 

returning inclusions was much slower than the initial growth rate seen for inclusions that 

formed during microsphere formation. This supports the hypothesis that initial inclusion 
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growth is due to water supersaturation in the microsphere (aw > 1). The other important 

observation here was that the inclusions returned in the same place. Even though water 

had been removed, the solutes remained. The return and growth of these inclusions could 

only be due an osmotic pressure gradient (i.e., aw = 1 in the polymer microsphere matrix, 

and aw < 1 in the inclusion). If a drug is encapsulated, as soon as the microsphere 

hydrates, that drug will have the same effect, acting as a sink for water that is driven by 

an osmotic pressure gradient. Obviously, this effect will be greater for more hydrophilic 

drugs. 

6.6 Single-Particle Protein Encapsulation 

6.6.1 Results & Discussion 

To look at model systems of protein encapsulation, two PLGA solutions were 

prepared with solid suspensions of protein and used in single-microdroplet experiments. 

For the first solution, lyophilized lysozyme was added to a PLGA-solution and vortexed 

vigorously. While this breaks up the lyophilized powder to some extent, there are still 

large particles of protein that are too large to fit through the micropipette tip. The 

micropipette was front-filled with solution, so only very small protein particles were 

present in the formed microdroplets. Hence, there were no protein particles visible during 

microdroplet formation. However, the large increase in the number and size of inclusions 

indicates that protein was present, and was acting as nucleation sites and “sinks” for 

water phase separation. Fig. 6-22 shows some representative microspheres produced from 

this solution within ~ 1 hour of formation. Even very small microspheres contained 

several inclusions. According to experiments with blank microspheres (see Fig. 6-19) a 
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microsphere the same size as that shown in Fig. 6-22C (22.4-µm diameter) should have 

fewer than 5 or 6 inclusions, whereas the one made with protein present had at least 15. 

 

Figure 6-22. Videomicrographs (144 µm × 108 µm) of PLGA microspheres 
containing lyophilized lysozyme.  

For the second set of experiments, glassified BSA microbeads were suspended in 

a PLGA-DCM solution. Since water inclusions and protein beads look similar through a 

light microscope, using DCM as a solvent ensures that the only “inclusions” in the 

microsphere are beads of protein. The BSA beads were formed by homogenizing BSA 

solution in pentanol, using the principles in the last chapter (prepared by David Gaul). 

Some of the beads produced were in the range of 1-3 µm, which is both small enough to 

fit though the micropipette tip and large enough to be clearly seen in a microdroplet. Fig. 

6-23 shows the formation of a microsphere using this suspension. The first image is 

shown just before the solution microdroplet (118.7 µm) was released from the 

micropipette (t = 0 s). Several small (< 1 µm) BSA microbeads are visible throughout the 

droplet, and two larger BSA microbeads are visible as they just emerged from the 

micropipette. The BSA bead that is indicated by the arrow had a diameter of 4.5 µm. 

After 30 s, the microdroplet had fallen to the chamber floor and lost a significant amount 

of DCM (now 97.5 µm). The BSA bead, again indicated by the arrow, still had a 
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diameter of 4.5 µm, indicating that it had not absorbed any detectable amount of water. 

After 70 min, the diameter of the PLGA microsphere was constant, and the diameter of 

the BSA microbead had increased to 5.0 µm. After 20 hours in water, the PLGA 

microsphere diameter increased slightly to 75.2 µm, and the BSA bead diameter 

increased significantly to 6.5 µm. Note that the other inclusions (i.e., protein beads) had 

also grown in size. If it is assumed that the BSA bead was initially dry (~1100 mg/ml), 

the measured diameter increases would correspond to a concentration of ~800 mg/ml 

after 70 min. and ~365 mg/ml after 20 hours. While these are only approximate 

concentrations, they point out some very important consequences of encapsulation in 

PLGA. During the solvent extraction process, polymer microspheres are often left stirring 

in an aqueous suspension for a few hours to allow the solvent to evaporate [15-17, 20, 

178]. Based on the results of this BSA experiment, the protein concentration would 

decrease to ~ 800 mg/ml per protein bead during polymer microsphere formation, which 

corresponds to ~ 0.47 g water/g protein. Depending on the protein, this could introduce 

enough mobility to cause protein unfolding and aggregation. The extended exposure to 

water in this experiment (20 hrs) is longer than typical processing times, but comparable 

to the hydration of subcutaneously or intramuscularly injected polymer microspheres. 

After only 20 hrs, the protein was hydrated enough (~365 mg/ml) to be in a fully 

hydrated solution state. Unlike the water inclusions seen with ethyl acetate-PLGA 

microspheres, these protein inclusions did not grow quickly as the microsphere lost 

solvent, but grew very slowly over several hours. This indicates that they are not acting 
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as nucleation sited for supersaturated water, but as sinks for water, driven by an osmotic 

pressure difference. 

 

Figure 6-23. Videomicrographs (130 µm × 130 µm) of a PLGA microspheres 
containing glassified BSA. The arrow indicates the same single BSA microbead 
in each image. After 20 hours, the BSA microbead has absorbed water, diluting it 
to ~ 350 mg/ml. 
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6.7 Future Work 

It has been shown in this chapter that the micropipette can be a valuable tool in 

identifying phase changes during polymer microsphere formation. To learn more about 

the mechanism of inclusion growth, inclusions could be measured in microspheres 

prepared from higher molecular weight polymers that are closer to or below their glass 

transition temperature when hydrated. The growth rate could also be compared to 

diffusion models, treating the polymer matrix as a membrane. The growth rate would 

then depend on the water activity difference between the inclusion and the polymer 

matrix, and the rate of water diffusion through the polymer. Additional experiments could 

also include lowering the water activity of the surrounding medium, either during the 

entire solvent extraction process, or after initial extraction takes place.
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Chapter 7. Summary 
In the first part of this thesis (Chapter 2), the phase behavior of divalent anionic 

surfactants was investigated using calorimetry, visual inspection, and solubilization of a 

fluorescent probe. Specifically, divalent anionic surfactants were prepared by exchanging 

the sodium counterion of SDS with the alkaline earth metal series (Mg2+, Ca2+, Sr2+, 

Ba2+). The Krafft temperature and dissolution enthalpy were determined for each 

surfactant, and the composition-temperature phase diagrams of Mg(DS)2-H2O and 

Ca(DS)2-H2O were determined more completely, including the temperature range of the 

Krafft boundary between the CMC and the formation of the hexagonal phase. This part of 

the phase diagram was of particular interest, since one goal of this project was to 

investigate the possibility of using the micelle-to-crystal bilayer transition as a means of 

encapsulating hydrophobic molecules. As expected, it was found that the divalent 

surfactants had lower CMCs (1-2 mM, compared to ~ 9 mM for SDS), and higher Krafft 

temperatures than the monovalent surfactant. It is known that divalent ionic surfactants 

have similar phase behavior to non-ionic surfactants, and this was seen in the 

composition dependence of the Krafft temperature boundary. Unlike the Krafft 

temperature boundary of SDS, which increases from 9ºC to ~25ºC between the Krafft 

point (CMC) and the eutectic temperature (at the onset of the hexagonal phase), the 

Krafft boundary of the divalent ionic surfactants increased only 1-2ºC in this composition 

range. 

In order to more fully characterize the phases, x-ray diffraction was used to 

determine the lamellar repeat distance in the crystal structure of all four divalent ionic 
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surfactants. Results were consistent with those found in the literature for Mg(DS)2 and 

Ca(DS)2. New electron density profiles of each surfactant were also presented. Mg(DS)2, 

which precipitates as a hexahydrate, and therefore has a larger head group area, was 

found to have interdigitated hydrocarbon chains. 

Temperature-composition phase diagrams were also presented for the SDS-

MgCl2-H2O and SDS-CaCl2-H2O systems as a function of the mole fraction of SDS. In 

addition to calorimetry, the supernatant in different regions of the phase diagram was 

assayed for the presence of micelles. In both systems, the addition of small amounts of 

the metal chloride depressed the Krafft temperature to a minimum value at ~ 96 mol% 

SDS. At lower SDS mol%, the Krafft temperature increased, approaching the value of the 

pure divalent surfactant. For compositions between 66 and 96 mol% SDS, DSC scans 

showed an endothermic peak near the Krafft temperature of SDS, and a drop in the heat 

flow curve consistent with a 2-phase → 1-phase transition (i.e., the Krafft temperature). 

Micelles were detected at the onset of the first peak, indicating that these transitions 

likely represent the dissolution of the monovalent SDS crystals at low temperature, 

followed by the dissolution of the divalent surfactant crystals at higher temperature. This 

is consistent with the explanation of the Krafft point depression as being a result of 

entropically favorable mixing in the liquid state. In other words, monovalent and divalent 

counterions do not mix in the surfactant crystals, but do mix in the micellar phase. 

Therefore, the addition of a different counterion increases the entropy of the liquid 

(micellar) state, lowering the Krafft temperature. 
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The final part of that project was to investigate the feasibility of incorporating 

hydrophobic molecules into the surfactant bilayer. As a proof of concept, Mg(DS)2 and 

Ca(DS)2 crystals were precipitated by adding the metal chloride to a solution of DPH 

solubilized in SDS micelles. Fluorescence microscopy images showed the DPH did, in 

fact, get incorporated into the crystal structure. The quantity of DPH was not measured, 

and the images demonstrate that it is not evenly incorporated throughout the crystal 

structure. However, it is hoped that these initial experiments provide enough evidence of 

feasibility that future experiments will be done. 

The second, and main, part of this thesis (Chapters 3-6) expanded on work done 

previously in the lab using the micropipette technique to study two-phase microsystems. 

In Chapter 3, the assumptions of the Epstein-Plesset equation were fully investigated and 

experimentally required corrections were presented and quantified. Diffusion coefficients 

were determined for water in pentanol, octanol, and butyl acetate, and for ethyl acetate, 

butyl acetate, and DCM in water. The last of these had not been previously determined. 

Evidence was presented for the existence of buoyant plume formation during droplet 

dissolution, and its effect on the measured mass transfer coefficient was qualitatively 

explained. 

Chapter 4 presented a new modification to the Epstein-Plesset equation to account 

for the changing water activity in a dehydrating solution microdroplet. The model was 

evaluated by observing NaCl solution microdroplet dehydration in octanol and butyl 

acetate. In both solvents, NaCl supersaturated to ~10.3 M before homogenous nucleation 

occurred. Experiments to determine the NaCl concentrations that were in equilibrium 
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with various water saturation fractions of octanol were consistent with predicted values 

based on known water activities in each phase. Equilibrium NaCl concentrations were 

also determined for the butyl acetate systems, and this data was used to predict the 

solution microdroplet dehydration rate in both systems. In both cases, the model 

predicted the dehydration rate very well. It was also shown that this technique could be 

used to measure the water activity in a solvent (e.g., butyl acetate) by equating it to the 

known water activity of an equilibrated salt solution droplet. The ability of the model to 

accurately predict dehydration rate confirmed that the droplet interface was in local 

thermodynamic equilibrium. Water concentration profiles outside the droplet were 

calculated and it was shown that the rate of change in water activity at the interface was 

slow compared to the rate of change in the concentration profile of water outside the 

droplet. A generalized form of the model was then presented that accounts for a multi-

component droplet in which more than one component is dissolving into the surrounding 

medium. 

The dehydration, and ultimate glassification, of lysozyme and bovine serum 

albumin solution microdroplets was investigated in Chapter 5. New techniques were 

established, particularly in the application of using the micropipette to study protein 

dehydration. Of particular importance, it was shown that this technique could be used 

along with a packing model to determine force-distance curves between protein surfaces 

at very close distances (< 10 Å). A new technique, single-particle vapor sorption, was 

also developed and used to investigate protein hydration at higher water activities than 

were possible in the liquid phase microchamber. This allowed the determination of 
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protein force-distance curves at larger distances, which could then be compared to 

calculated forces, as well as forces measured by other techniques. For lysozyme, between 

2.5 Å and ~ 9 Å the force-distance curve revealed an exponential decay with a decay 

constant λ = 1.7 Å, which is consistent with the decay constant found for hydration 

pressure between other biological surfaces. This was the first time that this had been 

determined for a globular protein. The force-distance curve also showed a transition at ~ 

10 Å that was consistent with a transition to calculated DLVO forces. 

It was shown that the model presented in Chapter 4 could be applied to protein 

solution dehydration as well. As an example of using the micropipette to study the effect 

of dehydration rate on particle morphology, buckling was induced by quickly moving a 

droplet through the dehydration medium, thereby rapidly increasing its dissolution rate. 

The onset of this buckling correlated with increasing Peclet number, and therefore 

increasing surface enrichment (concentration), similar to results reported in the literature 

on spray drying. 

The final chapter of this thesis applied the work of the previous three chapters to 

study the formation of a common, controlled-release drug delivery system: PLGA 

microspheres. Even though these are well-studied systems, no other group has previously 

witnessed individual microsphere formation. Single polymer solution droplets were 

formed and observed using both ethyl acetate and DCM as solvents. The kinetics of this 

process was compared to the activity-based model developed in Chapter 3. It was found 

that unlike the salt solutions and protein solutions, the polymer solutions did not closely 

follow the model. Even if the solvent activity values used were incorrect, the model 
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predicts reaching an equilibrium concentration within a time that is comparable to the 

dissolution of a pure solvent droplet, which is < 30 s for ethyl acetate, and < 90 s for 

DCM for the droplet sizes used in this work. Polymer solution microdroplets, on the other 

hand, lost most of their solvent in those first seconds, reaching ~ 800 mg/ml, but then 

continued to lose solvent very slowly over the next 30-60 min. Since PLGA absorbs 

water, these microspheres even increased in diameter over the next several (~ 20) hours. 

It is expected that this is related to the increase in polymer concentration and viscosity, 

and therefore slower diffusion of the organic solvent through the polymer matrix. 

These microspheres were also studied in the context of water inclusion formation, 

which has been commonly observed for the solvent extraction/evaporation method, but 

not previously observed in situ. It was shown that there are two types of inclusion 

formation: inclusions resulting from a double emulsion, and inclusions resulting from a 

nucleation and growth process of dissolved water. The formation and growth of these 

phase-separated inclusions was investigated. It was shown that inclusions form frequently 

in ethyl acetate, which can dissolve ~4% water, and form rarely in DCM, which can only 

dissolve ~0.2% water. The number of inclusions was determined as a function of size for 

microspheres formed using the micropipette and those produced by bulk vortexing. 

Importantly, the data in both sets was consistent, showing that microspheres formed using 

the micropipette are representative of those produced in bulk with respect to inclusion 

formation. It was found that inclusions initially grow very quickly (~20-30 s), and then 

continue to grow slowly (as observed over ~ 24 hours). Evidence was presented 

supporting the hypothesis that as solvent leaves the microsphere and the water 
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concentration in the polymer matrix becomes supersaturated, water phase separates and 

inclusions initially grow quickly. Once the concentration in the polymer matrix 

equilibrates with the surrounding aqueous medium (aw ~ 1), the inclusions continue to 

grow due to dissolved impurities, solvent, and/or water-soluble polymer fragments 

resulting from hydrolysis, all of which locally lower the water activity in the inclusion. 

The micropipette technique allowed observations not possible on any bulk preparation 

method. For example, a microsphere with inclusions was removed from the chamber and 

air-dried. The inclusions disappeared within a matter of seconds, and when the 

microsphere was reintroduced into aqueous media, they returned over several hours in the 

same location within the microsphere. This supports the theory of osmotic gradient 

driven inclusion growth. 

Building upon this, the last part of Chapter 6 presented single-particle 

experiments in which protein was suspended in the polymer solution, and therefore 

encapsulated in the final microsphere. Even a very small quantity of lyophilized 

lysozyme (too small to see optically at 40x) was enough to significantly increase the 

number of inclusions in microspheres formed from PLGA-ethyl acetate solution. 

Experiments were also presented in which glassified BSA microbeads were suspended in 

DCM-PLGA solution. These beads were large enough (1-4 µm) to be seen as they 

emerged from the micropipette, and could therefore be observed throughout the entire 

microsphere formation process. Since they are spherical, it was possible to determine 

volume changes based on BSA bead diameter changes, and then relate that to the 

hydration levels determined in Chapter 5. It was found that the BSA microbeads 
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remained dry during initial microsphere formation (due to the low solubility of water in 

DCM), and then absorbed enough water over the next 70 minutes, which is comparable to 

typical processing times, to reduce the protein concentration per bead to ~ 800 mg/ml, or 

~ 0.47 g water per g protein. Over the next 20 hrs, enough water was present in the 

inclusion/microbead to decrease the protein concentration further to ~ 365 mg/ml, 

dissolving the protein. 
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Appendix A: Detailed Methods 
As a reference for future students or technicians, this section has been included 

with more detailed methods than were described in the text. This section includes 

information relevant to particular equipment, as well as tips and techniques that should be 

useful in reproducing any of the results or experiments described. 

A.1 DPH Fluorescence 

 When using any fluorescent molecule as a probe for quantitative analysis, it is 

important to understand and characterize its fluorescent properties. In addition to simply 

knowing its excitation and emission spectra in a dilute solution, one must know how its 

environment affects its fluorescent properties. For example, Dupuy and Montagu 

measured DPH spectral properties as a function of solvent and temperature. They found 

that DPH absorptivity and fluorescence both decreased as the water content of solvents 

increased [57]. Another important concern is the stability of the molecule. DPH 

photobleaches quickly, which is irreversible, and can also form photoisomers, which are 

reversible [58]. Fig. A-1 shows the intensity of DPH fluorescence as a function of time. 

DPH was solubilized in a 50 mM solution of SDS. Each point was collected as a 2-s 

excitation, and the sample was left in the instrument (no light) between measurements 

(120-s intervals). The level of photobleaching after each excitation exposure is 

significant, but it is also known that DPH can recover from some photoisomerization. 

Fig. A-2 shows a sample of the same preparation, this time measured in much longer 

intervals (5-30 min), showing significantly less photobleaching. For detecting the 

presence of micelles, a single measurement with an intensity significantly greater than 
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background is sufficient, but for any quantitative measurements, an experiment such as 

that shown in Fig. A-1 or Fig. A-2 should be performed. 

 

Figure A-1. DPH fluorescence intensity as a function of time showing 
photobleaching. 
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Figure A-2. Fluorescence intensity of DPH as a function of time showing limited 
photobleaching. 

A.2 Karl Fischer Titration 

Karl Fischer titration is a method used to analytically determine the amount of 

water in a substance. Here, this technique was used to determine the solubility of water in 

organic solvents. An AquaStar AQC34 (Mettler Toledo) was used for all experiments. 

Water was added to the solvents in excess of its predicted solubility limit. The vial was 

then gently shaken periodically until no further mixing was observed. Solutions were left 

to equilibrate at least 24 hours, but up to several days for the alcohols. Repeated 

measurements on following days verified equilibration. It is important to let the two 

phases completely separate before taking a measurement. In systems with a low surface 
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tension and high viscosity (e.g., long-chain alcohols), small emulsion droplets that result 

from mixing can take several minutes to re-coalesce. 

The literature included with a titrator includes guidelines on the proper sample 

volume to use. The volume should be large enough to have a detectable quantity of water, 

but not so much water that it uses all available reagent. To obtain a sample, a dry, clean 

needle was first attached to a syringe. A sample of the organic phase only was then drawn 

into the syringe at the desired volume (generally 10-100 µl) and the syringe assembly 

weighed. The sample was then injected into the reaction vessel through the sample port 

(this keeps the reaction vessel isolated from the humidity in the lab) and the syringe 

assembly immediately reweighed in order to determine the mass of sample actually 

injected into the reaction vessel. Since the calculation depends on sample mass, it is 

important to have an accurate measurement. All measurements should be repeated in 

triplicate. 

A.3 Forming Micropipettes 

Micropipettes were formed from glass capillary tubes (0.75 mm × 0.4 mm × 6”; 

A-M Systems, Sequim, WA) using a vertical pipette puller (David Kopf Instruments) 

with the heater and solenoid set between 55 and 60. As the capillary tube is heated and 

pulled, the two ends separate forming two micropipettes. At this point the tips of each 

micropipette are sealed and must be broken. This is accomplished by using a custom 

microforge, shown in Fig. A-3. Resistance is applied across the wire, which heats the 

glass bead. The tip of the micropipette is then inserted into the bead. As the bead cools 

and shrinks, the tip of micropipette breaks off. To form a flat tip, the glass bead is again 
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heated and the micropipette tip brought to the surface. Now that the pipette tip is open, 

liquid glass from the bead flows into the tip. When the glass cools and solidifies, the 

micropipette tip breaks at that point leaving a flat tip (Fig. A-3, right). To create 

micropipettes with large tip diameters the micropipette can be repeatedly inserted 

allowing the liquid glass to flow further up the tip. 

 
Figure A-3. Photographs of the microforge equipment. (left) Close-up of the 
micropipette and glass bead. (right) Magnified view (through the eyepiece) of the 
micropipette tip breaking cleanly. 

A.4 Coating Micropipettes with HMDS 

If an aqueous droplet is formed in an organic medium, the aqueous phase will 

spread on the outer surface of the (hydrophilic) glass micropipette. To minimize this 

spreading, the micropipettes are vapor-coated with a thin layer of hydrophobic 

hexamethyldisilazane (HMDS). This procedure should be conducted in the fume hood 

using gloves and safety glasses. HMDS should be stored in the refrigerator and allowed 

to warm to room temperature before use to prevent water condensation. Glass vials (4 ml) 

are prepared with lids with septa that have a pinhole punched through the middle. (A 

needle works well for this.) A few drops of HMDS are placed in each vial, and the 
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micropipette is placed through the septum (back end first, from inside the lid to the 

outside). The lid is then screwed onto the vial sealing the first 1-2 cm of the micropipette 

inside with the HMDS. The vials should be left at least overnight. 

A.5 Using the Two-Chamber Method of Microdroplet Formation 

The two-chamber method offers more control over droplet size than the one-

chamber method. In order to take advantage of this, it is important to keep track of how 

much of the droplet phase has been drawn into the micropipette. There are two methods 

of getting consistent-sized droplets, both of which rely on the consistent size and shape of 

the micropipette. In the first method, the volume of the droplet phase is estimated by the 

distance the interface travels up the micropipette. The micropipette is first positioned so 

that the tip is at the far left of the field of view (either on the screen or in the eyepiece). 

Liquid from the supply chamber (droplet phase) is then drawn into the micropipette just 

far enough to reach the other (right) side of the field of view. While keeping that interface 

at a constant position in the micropipette, the micropipette is inserted further into the 

chamber, lining up the interface with the left side of the field of view. The droplet phase 

liquid can then be drawn further into the micropipette, again moving the interface to the 

right side of the field of view. This can be repeated as many times as desired, essentially 

measuring how far the interface moves up the micropipette in units of “field of view.” 

Since the volume inside the tip of the micropipette is very small, this works best for small 

droplets. The other method, which is simpler and very convenient for large droplets, 

estimates the volume of the droplet phase by relying on the taper of the micropipette. The 

droplet phase is drawn in until the interface reaches the desired micropipette diameter 



 

 268 

(usually 30-50 µm for the micropipettes used in this thesis). Once the micropipette 

diameter is noted for a particular droplet, it is easy to adjust following droplets to achieve 

smaller, larger, or similar sizes.  

A.6 Measuring the Refractive Index Match 

When measuring the diameter of a solution microdroplet near the refractive index 

match, it is useful to increase the contrast of the image. To remain consistent, this 

adjustment should be made while measuring the entire droplet. It is also important to 

determine the proper measurement interval. The droplet should be measured over a range 

in which the diameter changes enough that diameter error is minimized, but also a short 

enough time that linear extrapolation is still feasible. If the dissolution curve is 

unavoidably too curved, a polynomial fit may be used to calculate the diameter or 

concentration at the n-match. It is also important to check the final result to make sure 

that it makes sense. Enough points should be measured that the extrapolated point clearly 

fits on the curve (usually 3-6 before and 3-6 after the match). As the droplet approaches 

the n-match and edge contrast decreases, it is easy to lose track of the same measuring 

point on the edge (it either becomes thinner or out of focus). It is therefore important to 

include measurements of the droplet after the edge contrast has returned. 

A.7 Mounting Single Microspheres for SEM Imaging 

When mounting a single particle (such as a glassified protein bead or polymer 

microsphere) on an SEM stub for imaging, it is important to include a method of finding 

the microparticle on the stub. In order to mount microspheres that are formed using the 

micropipette and secured to the tip with a plug of material, the particle can be mounted to 
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the stub by first placing a piece of carbon tape on the stub, then gently pressing the tip of 

micropipette to the tape surface, and pulling the pipette in the direction away from the tip. 

If the microsphere plug is strongly adhered to the micropipette tip, it will break off 

completely. In many cases, such as the BSA microsphere in Chapter 5, this also leaves 

some of the plug attached to the microsphere. This can be done under low magnification. 

Before doing this, the tape should be marked to identify regions of the stub. (Before 

mounting, it can be helpful to place the taped stub under vacuum for a few minutes in 

order to shrink the tape.) The simplest method is to scratch an arrow into the tape, such as 

that shown in Fig. A-4, using sharp tweezers. The microsphere’s location with respect to 

the arrow can then be noted. For mounting several microspheres on a single stub, the 

surface of the tape can be scratched to divide the area into 4 or 6 regions, as shown in the 

drawing in Fig. A-5. The tape usually does not cover the edges of the metal stub, so this 

allows a good place to scratch additional identification marks for each region. 
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Figure A-4. Low-magnification SEM image of a marked stub. There is a 
horizontal arrow scratched into the carbon tape, which is used as a reference for 
locating a particular microsphere. One microsphere is circled in the top of the 
image, and a second microsphere is visible further to the left. 
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Figure A-5. Schematic showing one method of marking an SEM stub for single 
microsphere identification. 
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Appendix B: Mathematica Code 
The following code was written in Mathematica 8 for Students (Wolfram 

Research, Inc.). It was used to evaluate the integral in Eq. 3-11 for the purpose of 

calculating the concentration profile, as a function of radial distance and time, of a 

dissolving component in the liquid medium surrounding the microdroplet. Note that the 

conditions required for the given expression are true. 
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