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Abstract 

Microtubules often adopt non-centrosomal arrays in differentiated tissues, 

where they are important for providing structure to the cell and maintaining 

polarity. Although the formation and organization of centrosomal arrays has been 

well-characterized, little is known about how microtubules form non-centrosomal 

arrays. 

In the mouse epidermis, centrosomes in differentiated cells lose their 

microtubule-anchoring ability through the loss of proteins from the centrosome. 

Instead, microtubules are organized around the cell cortex. The cell-cell adhesion 

protein desmoplakin is required for this organization. Our model is that 

desmoplakin recruits microtubule-anchoring proteins like ninein to the 

desmosome, where they subsequently recruit and organize microtubules. 

To test this model, we confirmed that the microtubule-binding proteins 

Lis1, Ndel1, and CLIP170 are recruited by desmoplakin to the cell cortex. 

Furthermore, by creating an epidermis-specific conditional Lis1 knockout mouse, 

I found that Lis1 is required for cortical microtubule organization. Surprisingly, 

however, Lis1 is also required for desmosome stability. This work reveals 

essential desmosome-associated components that control cortical microtubule 

organization and unexpected roles for centrosomal proteins in epidermal 

function. 
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Although Lis1 is required for microtubule organization, it is not sufficient. I 

created a culture-based system to determine what other factors may be required 

for cortical organization for microtubules. My work reveals that stabilization of the 

microtubules is sufficient to induce their cortical organization. Functionally, 

cortical microtubules are important for increasing the mechanical integrity of cell 

sheets by engaging adherens junctions. In turn, tight junction activity is 

increased. Therefore, I propose that cortical microtubules in the epidermis are 

important in forming a robust barrier by cooperatively strengthening each cell-cell 

junction. 

To determine whether desmosomes play similar roles in simple epithelia 

as stratified epithelia, I examined intestinal epithelial-specific conditional 

desmoplakin conditional knockout mice. Unexpectedly, I found that desmoplakin 

is not required for cell-cell adhesion and tissue integrity in the small intestine. 

Furthermore, it does not organize intermediate filaments. Desmoplakin is 

required, however, for proper microvillus architecture.  

Overall, my studies highlight novel tissue-specific roles for desmosomes, 

in particular desmoplakin, in organizing and integrating different cytoskeletal 

networks. How desmoplakin’s function is regulated in each tissue will be a new 

interesting area of research. 
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1. Introduction to Microtubules and their 
Organization 
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1.1 The structure and function of microtubules 
Microtubules comprise one of the major cytoskeletal networks in cells. 

They provide structure to the cell, are important for cell migration, polarity and 

intracellular transport, and form the mitotic spindle, among other things. Their 

polarity, dynamics, and organization are all critical for their proper function, and 

the proper function of the cell. 

Microtubules are composed of heterodimers of α-tubulin and β-tubulin. 

The heterodimers form protofilaments by organizing end to end, then usually 13 

protofilaments create lateral associations between the tubulin subunits to create 

the hollow microtubule. The α-tubulin subunit of one heterodimer interacts with 

the β-tubulin subunit of another heterodimer to form the protofilament. Because 

of this interaction, the protofilament is polar, giving the entire microtubule an 

inherent polarity. The plus end of the microtubule has its β-tubulin subunits 

exposed, while the minus end of the microtubule has its α-tubulin subunits 

exposed.  

The different ends of the microtubule have different dynamics. This is 

partially because when heterodimers are added to the microtubule, they are 

bound to a GTP molecule that is hydrolyzed shortly after assembly. Therefore, in 

a single microtubule, there are two different types of tubulin heterodimers – those 

bound to GTP and those bound to GDP. Depending on the state of the 

nucleotide that is bound, the kinetics of the tubulin subunits are different. 
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Because new tubulin subunits are added only to GTP-bound tubulin, 

microtubules are polymerized at the plus end, with new heterodimers being 

added to the exposed GTP-bound β-tubulin subunits. GDP-bound tubulin 

depolymerizes more readily than GTP-bound tubulin. Because the minus end 

subunits have been part of the filament for the longest period of time, their GTP 

has already been hydrolyzed to GDP. Therefore, depolymerization more readily 

occurs at microtubule minus ends. However, the minus end is often protected 

from depolymerization. The growing plus ends contain GTP-bound tubulin 

subunits, creating what is known as the GTP cap. The GTP cap protects the plus 

end from depolymerization and allows for continued polymerization. However, if 

the rate of GTP hydrolysis is faster than the polymerization rate, the GTP cap will 

be lost, and microtubules will rapidly depolymerize at the plus end, resulting in 

microtubule catastrophe. When the GTP cap is reestablished, polymerization can 

continue, known as microtubule rescue. This cycle of microtubule catastrophe 

and rescue is termed dynamic instability. Binding of different microtubule-

associated proteins can alter the dynamics and interactions between 

microtubules, often stabilizing or bundling them. 

1.2 Microtubule organization 

In most proliferative animal cells, especially in culture, microtubules form a 

radial array around a centrosome that acts as a microtubule-organizing center 

(MTOC), with the microtubule minus-ends at the centrosome and the plus ends 
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projecting away from the centrosome toward the cell periphery (Figure 1.1, page 

6). The centrosome is composed of two centrioles surrounded by a 

proteinaceous pericentriolar matrix. The centrosome can both nucleate and 

anchor microtubules, which will be discussed in detail later.  

The proper positioning of the MTOC and the organization of the 

microtubules emanating from it are important for several cellular processes, 

including cell migration. A migrating cell is polarized in the direction it is moving, 

with the centrosome often oriented toward the direction of migration. The 

microtubules project from the centrosome toward the leading edge of the cell, 

where some plus ends are stabilized. It is thought that this orientation of 

microtubules is important in directional transport to the leading edge. 

Another situation where centrosomal microtubules are important is during 

mitosis. The centrosomes become the spindle poles, where astral microtubules 

are nucleated and anchored. The spindle microtubules extend their plus ends 

and capture the kinetochores of chromosomes, allowing for proper chromosomal 

separation, and subsequent cell division. The astral microtubules make contact 

with the cell cortex and are important in spindle positioning and force generation 

required for chromosome separation.  

It is clear in these two situations why cells would maintain centrosomal 

arrays of microtubules. However, in many differentiated cells that are post-

mitotic, microtubules adopt various non-centrosomal arrays to provide proper 
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structure, trafficking, and polarity of the cells. Additionally, microtubules in 

differentiated cells often become more stable and less dynamic (Bulinski and 

Gundersen, 1991; Gundersen and Bulinski, 1986). Typically, these cells maintain 

their microtubules in a linear array, including in neurons, epithelial cells, and 

myotubes (Figure 1.1, page 6). As myotubes are formed, microtubules are 

reorganized from a centrosomal array in the myoblast to become oriented 

parallel to the long axis of the myotube (Tassin et al., 1985). The microtubules 

are organized in anti-parallel arrays with mixed orientations. In addition, the 

centrosomal proteins reorganize to the periphery of each nucleus (Tassin et al., 

1985). The linear array of microtubules in myotubes is important to maintain the 

shape of the cell and may be important in myofibrillogenesis (Hill et al., 1986; 

Pizon et al., 2005). 
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Figure 1.1 : Microtubules adopt non-centrosomal arrays in severa l cell 
types. 

 
Cultured fibroblasts have a radial array of microtubules organized around a 
centrosome, where microtubule-nucleating and anchoring material is found. 

During the fusion of myoblasts into a myotube, the centrosomal array of 
microtubules is replaced by a linear array organized parallel to the long axis. 

Microtubule-nucleating material clusters around the nuclei. In older myotubes, 
centrioles completely disappear. Neurons contain linear arrays of microtubules 
both in axons and dendrites. In axons, microtubules are long and plus ends are 

distal to the cell body. In dendrites, microtubules are short and have mixed 
polarity. They are not attached to the centrosome or any known microtubule-

nucleating material. In polarized epithelial cells, microtubules are organized along 
the apical-basal axis, with the minus ends closest to the apical surface. 

Microtubule-nucleating material, such as ninein, localizes in the apical region of 
the cell. 
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In neurons, microtubules are organized around a centrosome in the cell 

body, but in noncentrosomal linear arrays in the axons and dendrites (Figure 1.1, 

page 6). The microtubules in the axon are all oriented in one direction, with their 

plus ends distal to the cell body. However, in the dendrites, microtubules have 

mixed orientations (Baas et al., 1988). The microtubules in the axons and 

dendrites provide structure and support for each neuronal process and are also 

required for vesicle trafficking (reviewed in Signor and Scholey, 2000). 

Finally, in polarized epithelial cells, microtubules organize along the 

apicobasal axis (Figure 1.1, page 6). The microtubules are uniformly polarized, 

with the plus ends at the basal side of the cell and the minus ends near the apical 

side (Bacallao et al., 1989). Here, the microtubules are important in maintaining 

the structure and polarity of the cell. They contribute to polarity by delivering 

proteins to the apical surface and maintaining them there (reviewed in Musch, 

2004). Although it is clear that the linear arrays of microtubules in differentiated 

cells are important for the proper structure and function of the cell, surprisingly 

little is known about how they are organized and maintained in each particular 

array.  

1.3 Microtubule nucleation 

Microtubule nucleation at centrosomes is the main function of the α- and 

β-tubulin homologue γ-tubulin and its associated protein complex called the γ-

tubulin ring complex (γ-TuRC). The γ-TuRC is composed of at least six other 
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proteins in addition to γ-tubulin (Zheng et al., 1995). A smaller complex, γ-TuSC 

also exists; several γ-TuSC complexes exist in the γ-TuRC. Evidence suggests 

that the proteins in the γ-TuSC can directly bind the centrosome, thus localizing 

γ-TuRC to the centrosome where it can nucleate microtubules. The majority of γ-

TurCs are cytoplasmic but are unable to nucleate microtubules until recruited or 

activated. Several centrosomal proteins have been implicated in binding or 

activating γ-TuRC, including pericentrin, CG-NAP, and CEP192 (Gomez-Ferreria 

et al., 2007; Takahashi et al., 2002; Zhu et al., 2008; Zimmerman et al., 2004). 

By electron microscopy, the γ-TuRC resembles a lock-washer (Moritz et al., 

2000). This ring-like structure led to the hypothesis that γ-TuRC can nucleate 

microtubules by creating a template for them. Recently, through cryo-electron 

microscopic reconstruction, it was shown that γ-tubulin subunits interact and 

arrange themselves in such a way that they resemble a single turn in a 

microtubule, supporting the γ-TuRC as a template for microtubule polymerization 

(Kollman et al., 2010). 

The generation of noncentrosomal microtubule arrays could begin in two 

different ways: microtubules could still be nucleated at the centrosome by γ-

TuRC and then transported to their final position in the cell, or microtubules could 

be nucleated at noncentrosomal sites. There is evidence supporting each of 

these two possibilities. In either case, however, γ-tubulin is required for 

microtubule nucleation.  
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Epithelial cells and neurons use the first mechanism, as they nucleate 

their microtubules at the centrosome, which are then subsequently released. In 

neurons, the release of microtubules from the centrosome requires the 

microtubule-severing protein katanin. Consistent with this, there is a pool of 

katanin that localizes to the centrosome (Hartman et al., 1998; McNally et al., 

1996). Whether katanin severs microtubules and releases them from the 

centrosome in other cell types is unclear. Once the microtubules are released 

from the centrosome, they must be transported to their final site of incorporation 

into a noncentrosomal array. In neurons, it is clear that microtubule motors 

transport assembled microtubules in the cell. Both minus-end dynein motors and 

plus-end kinesin motors have been implicated in the process (Dillman et al., 

1996; Sharp et al., 1997; Yu et al., 2000).  

A key feature for the above mechanism is that the cells maintain an intact 

centrosome, even if the microtubules are not ultimately organized there. 

However, in some differentiated cell types, the centrosome fragments, or in the 

case of myotubes, the centrosome eventually disappears and microtubule-

nucleating proteins are redistributed (Connolly et al., 1986; Tassin et al., 1985). 

In these cases, microtubules must be nucleated from noncentrosomal sites. As 

stated earlier, microtubule-nucleating factors including γ-tubulin become 

relocalized to the periphery of the myotube’s nuclei (Tassin et al., 1985). In 

addition, microtubule regrowth experiments have shown that microtubules 
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reappear at these sites at the periphery of the nucleus where γ-tubulin is 

localized (Bugnard et al., 2005; Kronebusch and Singer, 1987; Tassin et al., 

1985), suggesting that the localization of γ-tubulin dictates the site for new 

microtubule nucleation. 

Interestingly, plant cells do not have clear centrosomes or MTOCs. 

However, they are able to maintain highly ordered cortical arrays of microtubules. 

When the cells are in interphase, microtubules are clearly nucleated near the cell 

cortex (Shaw et al., 2003). Live imaging revealed that the microtubule nucleation 

sites are not anchored, but are constantly being redistributed within the cortical 

region of the cell (Chan et al., 2003). Alternatively, it has been suggested that 

cortical microtubule nucleation requires γ-tubulin that is bound to pre-existing 

microtubules at the cortex, and the newly formed microtubule begins as a branch 

of the pre-existing microtubule (Murata et al., 2005). Whether animal cells utilize 

pre-existing microtubules to nucleate new ones is unknown. It is clear though that 

microtubule nucleation does not solely occur at the centrosome, and it is 

therefore plausible that this microtubule-dependent nucleation exists in animal 

cells with noncentrosomal arrays, especially when γ-tubulin is localized to 

noncentrosomal sites. 

1.4 Microtubule anchorage and organization into arrays 

Microtubules are often both nucleated and anchored at the centrosome. 

However, different proteins may be responsible for the two functions. As 
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previously discussed, γ-tubulin and γ-TuRC are essential for microtubule 

nucleation. It has been hypothesized that γ-TuRC also acts as a cap, protecting 

the microtubule minus ends from depolymerization. However, it is clear that other 

proteins are required for microtubule anchorage at the centrosome. Although 

both the mother and daughter centrioles have γ-tubulin and can nucleate 

microtubules, the radial array forms specifically around the mother centriole, 

suggesting that only the mother can anchor microtubules (Piel et al., 2000). The 

more mature mother centriole can be distinguished from the daughter centriole 

by the presence of distal and sub-distal appendages (Paintrand et al., 1992). The 

sub-distal appendage is a preferential site for microtubule attachment. Several 

proteins have been implicated in microtubule anchorage to the centrosome, 

some of which specifically localize to the subdistal appendage. The dynactin 

complex is required for proper microtubule organization in interphase cells. 

Disruption of the dynactin complex results in unfocused microtubule arrays and 

loss of γ-tubulin localization at the centrosome. However, microtubule nucleation 

at the centrosome was unaffected; over time, though, the microtubule array 

became disorganized (Quintyne et al., 1999). These data suggest that the 

dynactin complex is specifically required for maintenance of microtubules at the 

centrosome of interphase cells. Additionally, the mother centriole protein Ndel1, a 

binding partner of dynein/dynactin is required for maintenance of the centrosomal 

microtubule array. Ndel1 is thought to contribute to microtubule organization at 
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the centrosome by tethering dynein/dynactin to the centrosome (Guo et al., 

2006). However, neither dynein/dynactin nor Ndel1 have been shown to 

specifically localize to the subdistal appendages. Proteins that specifically 

localize to the subdistal appendage include ninein, ε-tubulin, centriolin, and 

ODF2 (Chang et al., 2003; Gromley et al., 2003; Lange and Gull, 1995; 

Mogensen et al., 2000; Nakagawa et al., 2001). In particular, ninein is a good 

candidate as a microtubule-anchoring protein. The overexpression of ninein 

results in decreased microtubule release from the centrosome, suggesting that 

the tether of microtubules to the subdistal appendage is enhanced by increased 

amounts of ninein (Abal et al., 2002). Furthermore, decreased expression of 

ninein results in the disorganization of the microtubule network (Dammermann 

and Merdes, 2002). Not only is ninein important in microtubule anchoring at the 

centrosome, but it has been implicated in microtubule anchoring at 

noncentrosomal sites, as well. In particular, it is localized to a subapical region of 

polarized cochlear pillar cells where the microtubule minus ends are localized 

(Mogensen et al., 2000). Therefore, the same subset of proteins may be 

responsible for anchoring microtubules at the centrosome and noncentrosomal 

sites. 

1.5 Structure and function of the mouse epidermis 

To study the organization of noncentrosomal microtubule arrays in tissue, 

we utilize the mouse epidermis as a model. The main function of the epidermis is 
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to provide a barrier for the animal, keeping pathogens and infectious agents out, 

while keeping the animal hydrated by preventing water loss. Because of constant 

wear and tear, the keratinocytes that make up the epidermis have a short lifetime 

of 10-14 days (Potten, 1975). New cells are being constantly generated from the 

deepest layer, while old cells at the surface are being sloughed off. The fully-

formed epidermis is a stratified squamous epithelium overlying a basement 

membrane. The cells that directly contact the basement membrane are basal 

cells. They are undifferentiated and mitotic, responsible for repopulating the 

entire epidermis. Through divisions parallel to the basement membrane, the 

basal cells self-renew, but through divisions perpendicular to the basement 

membrane, the basal cell creates a daughter that becomes part of the immediate 

suprabasal layer of the epidermis. Upon loss of contact with the basement 

membrane, the suprabasal daughter begins a process of terminal differentiation. 

As the cells continue up through the suprabasal layers to the cell surface, they 

continue to terminally differentiate until they undergo programmed cell death and 

are ultimately sloughed off the surface of the epidermis. Upon differentiation, 

keratinocytes increase their strength and the ultimate strength of the tissue by 

producing more keratin intermediate filament proteins and assembling them into 

a network across cells. Furthermore, the cells robustly form desmosomes, a cell-

cell adhesion structure to which the keratin filaments attach (Figure 1.2, page 

15). These changes in desmosomes and intermediate filaments allow the tissue 
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to resist mechanical stress.  As cells lose attachment to the basement membrane 

and gain attachment to neighboring cells, cell junctions redistribute and become 

upregulated. As previously mentioned, desmosomal proteins become more 

robustly expressed and assemble into desmosomes along the entire cell 

periphery. In addition, adherens junctions become redistributed along all cell-cell 

borders. Their interactions with the keratin filament and actin filament 

cytoskeleton, respectively, induce the reorganization of these cytoskeletal 

networks. In addition to adherens junctions and desmosomes, the barrier-forming 

tight junctions are present in terminally differentiated keratinocytes, localizing 

only to the most suprabasal layers that compose the granular layer (Figure 1.2, 

page 15). Each type of cell-cell junction is required for proper epidermal function 

(Furuse et al., 2002; Vasioukhin et al., 2001a; Vasioukhin et al., 2001b).
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Figure 1.2:  Structure of the mouse epidermis and localization o f cell-
cell junctions. 

Adherens junctions (green) are found throughout all layers of the epidermis. 
Desmosomes (red) are most robust in the differentiated cells of the suprabasal 

layers. Tight junctions (blue) are exclusively found in the granular layers.
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1.6 Desmosomal structure and function 

Desmosomes are essential cell-cell adhesion structures that resist 

mechanical stress and provide strength to tissues. This is accomplished by 

robustly linking the intermediate filament cytoskeleton to the dense intercellular 

junction. In this way, the intermediate filament network spans across cells, further 

strengthening a tissue. Traditionally, desmosomes have been thought of as “spot 

welds,” simply functioning to join adjacent cells. The importance of this function 

has been revealed in diseases associated with the desmosome, discussed below 

(reviewed in Thomason et al., 2010). 

The architecture of a desmosome is analogous to an adherens junction. 

The desmosomal cadherins, desmoglein and desmocollin, span the plasma 

membrane. The extracellular domains of desmoglein and desmocollin interact 

with those of adjacent cells, creating the link between the cells. The cytoplasmic 

tails of the desmosomal cadherins are free to interact with other proteins. These 

include the armadillo protein family members plakoglobin and plakophilin. The 

plakin family member desmoplakin (DP) binds to plakoglobin (Kowalczyk et al., 

1997). DP’s C-terminal tail is able to bind intermediate filaments (Green et al., 

1992; Stappenbeck and Green, 1992). Thus, DP provides the ultimate link 

between the intermediate filament cytoskeleton and the desmosome (Figure 1.3, 

page 17).  



 

 

17

 

Figure 1.3: Desmosomal structure. 

The desmosomal cadherins (blue, purple) desmocollin and desmoglein span the 
plasma membrane. Their cytosolic tails interact with plakophilin (gold) and 

plakoglobin (orange). Desmoplakin (pink) binds plakoglobin and intermediate 
filaments (brown). 
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Due to alternative splicing, two isoforms of DP exist, DPI and DPII. The 

proteins’ molecular weights are 250 kDa and 215 kDa, respectively. Their basic 

domain structures are similar, with one difference. They have identical globular 

head domains, required for targeting of the protein to the desmosome; they also 

have identical globular tail domains, necessary for binding to intermediate 

filaments (Green et al., 1992; Stappenbeck and Green, 1992). The difference 

between the isoforms occurs in the coiled-coil (rod) region, with splice sites at 

amino acids 1194 and 1793. Therefore, DPII has a truncated rod region, and 

evidence suggests that it exists as a monomer, while DPI is a dimer (O'Keefe et 

al., 1989). To date, no isoform-specific function of DP has been reported.  

Loss of DP results in early embryonic lethality, presumably due to extra-

embryonic defects (Gallicano et al., 1998). Rescue of DP in extra-embryonic 

tissues allows the embryo to develop until shortly after gastrulation, when they 

die due to defects in the heart, skin, neuroepithelium, and vasculature (Gallicano 

et al., 2001), each of which experience mechanical stress, highlighting the 

importance of desmosomes and their attachment to intermediate filaments in 

these tissues. When DP is lost specifically in the mouse epidermis, the mice 

survive until birth, but the presence of extensive intercellular separations and 

blisters causes the mice to die shortly after birth (Vasioukhin et al., 2001b).  

The importance of desmosomes is most clearly revealed by human 

patients with disrupted desmosome functions. These are caused by genetic 
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mutations in various desmosomal proteins, by auto-antibodies against 

desmosomal cadherins, or by bacterial toxins. Staphylococcus produces 

exfoliative toxin A, a serine protease that cleaves desmoglein I, resulting in 

weakened desmosomes, a condition called staphylococcal scalded skin 

syndrome (Amagai et al., 2000). Several skin blistering diseases, such as 

pemphigus vulgaris and pemphigus foliaceus are caused by auto-antibodies 

against specific desmogleins (reviewed in Kottke et al., 2006). The diseases are 

characterized by sores developing on different regions of the body. Several 

inherited genetic diseases are caused by mutations in DP (reviewed in Lai 

Cheong et al., 2005). First, various heterozygous nonsense mutations have been 

reported, which results in haploinsufficiency. The result is striate palmoplantar 

keratoderma, characterized by keratoderma of the skin in areas subject to 

mechanical stress, namely the palms of the hands and soles of the feet 

(reviewed in Lai Cheong et al., 2005). A homozygous frameshift mutation in DP 

causes dilated cardiomyopathy, woolly hair, and keratoderma, a condition known 

as Carvajal syndrome (Norgett et al., 2000). Compound heterozygous mutations 

resulting in almost complete loss of the C-terminal intermediate filament binding 

domain of DP causes lethal acantholytic epidermolysis bullosa (Jonkman et al., 

2005). Characteristics of this condition include alopecia, neonatal teeth, nail loss, 

acantholysis, lack of desmosomal anchoring of keratin filaments, and neonatal 

lethality. This patient’s condition highlights the necessity of DP binding to 
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intermediate filaments. Most human mutations in DP affect both DPI and DPII. 

However, a single case has been described of a mutation that affects the splicing 

of DP, leading essentially to complete loss of DPI but retention of DPII. The 

patient presented with palmoplantar keratoderma and heart defects (Uzumcu et 

al., 2006). While the heart defects may be due to low levels of DPII in that tissue, 

DP levels in the epidermis were not dramatically affected. The heart phenotype 

could therefore be due to changes in the total levels of DP, or to the specific 

absence of DPI. The difference in severity of the disease caused by mutations in 

both DP isoforms compared to a mutation that affects only DPI raise interesting 

questions about DP’s roles outside of intermediate filament binding, possibly 

pointing to the importance of its function in organizing microtubules, as discussed 

later. 

1.7 Microtubule organization in the epidermis 

In addition to actin and keratin reorganization, the microtubules reorganize 

during terminal differentiation in the epidermis. The basal cells are still mitotic 

and undifferentiated; their microtubules are organized around an apically 

localized centrosome and form a typical radial array. As cells enter the immediate 

suprabasal layer, their microtubules become cytoplasmic. Ultimately, in terminally 

differentiated cells, microtubules are organized around the cell cortex (Lechler 

and Fuchs, 2007). Notably, the protein composition of the centrosome changes 

during differentiation. γ-tubulin remains associated with the centrosome in 
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suprabasal cells. Therefore, the centrosome retains the ability to nucleate 

microtubules, but it can no longer anchor them and maintain their attachment to 

the centrosome (Lechler and Fuchs, 2007). The change in microtubule-anchoring 

ability of the centrosome is likely due to loss of at least one microtubule-

anchoring protein from the centrosome, ninein. In basal cells of the epidermis, 

ninein localizes to the apical centrosome. However, in differentiated suprabasal 

cells, ninein localizes to the cell cortex where microtubules are organized. 

Interestingly, the desmosomal linker protein DP, which tethers intermediate 

filaments to the desmosome, is required for both microtubule organization at the 

cell cortex and ninein recruitment to the cortex (Lechler and Fuchs, 2007). 

Whether DP recruits other microtubule-anchoring proteins has not been studied. 

Furthermore, the function of microtubules at the cell cortex is unknown. 

1.8 Model for cortical microtubule organization in the epidermis 

We propose that desmosomes facilitate microtubule organization through 

recruitment of microtubule-anchoring proteins like ninein (Figure 1.4, page 23). In 

addition to ninein, the microtubule plus-end binding protein CLIP170 localizes to 

desmosomes. Immunoelectron microscopic analysis places CLIP170 on the 

cytoplasmic side of the desmosomal plaque (Wacker et al., 1992). Ndel1 and 

Lis1 are two other protein candidates for regulating noncentrosomal microtubule 

organization. Both of these proteins localize to centrosomes in some cell types, 

and Ndel1 plays a role in microtubule anchoring at the centrosome (Guo et al., 
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2006; Sasaki et al., 2000). Lis1 is best known for its role in cortical migration and 

development in the brain (Wynshaw-Boris, 2007). Functionally, Lis1 can directly 

interact with and stabilize microtubules, as well as regulate dynein motor activity 

(Coquelle et al., 2002; Faulkner et al., 2000; Sapir et al., 1997). Lis1 is widely 

expressed in cells other than neurons, though its function has not been 

characterized in the epidermis. We hypothesize that recruitment of several 

microtubule-anchoring proteins to the desmosome is required for subsequent 

recruitment and organization of microtubules to the cell cortex. 
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Figure 1.4: Model for DP-mediated microtubule organ ization in the 
epidermis. 

In basal cells of the epidermis, microtubules are organized in a radial array 
around an apically localized centrosome. Lis1, Ndel1, and ninein are all localized 
to the centrosome. In the differentiated suprabasal cells where desmosomes are 

robust, Lis1, Ndel1, and ninein are lost from the centrosome and are 
subsequently recruited to the desmosome by desmoplakin, along with CLIP170. 

Microtubules are organized around the cell cortex. 
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2. Lis1 is Essential for Cortical Microtubule 
Organization and Desmosome Stability in the 

Epidermis 
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2.1 Introduction 

The molecular players required for microtubule organization into 

noncentrosomal arrays are poorly characterized. In the mouse epidermis, the 

desmosomal linker DP is required for microtubule organization at the cell cortex 

of differentiated suprabasal cells. DP may organize microtubules by recruiting 

centrosome-associated microtubule-anchoring proteins, like ninein (Lechler and 

Fuchs, 2007). Previous data has implicated ninein recruitment by DP as a crucial 

step in cortical microtubule organization. In this chapter, I discuss the ability of 

DP to recruit a subset of centrosomal proteins, in addition to ninein, to the cell 

cortex. Furthermore, I explore the function of one of these proteins, Lis1, in the 

epidermis. I show that Lis1 is essential for microtubule organization and 

desmosome stability in the mouse epidermis. 

2.2 Materials and methods 

Cell culture 

All keratinocyte cell lines were grown at 37°C and 7.5% CO2 in E low Ca2+ 

media. DP and α-catenin cKO keratinocytes were isolated and established from 

backskins of newborn mice of the appropriate genotype (Vasioukhin et al., 

2001a; Vasioukhin et al., 2001b). Lis1 fl/fl keratinocytes were isolated from 

backskins of Lis1 fl/fl newborn pups and cultured in E low Ca2+ media. Lis1 fl/fl 

mice were provided by A. Wynshaw-Boris (University of California, San 

Francisco, San Francisco, CA). Once cells reached 95% confluence, they were 

infected with adenoviral Cre-GFP (Vector Development Laboratory, Baylor 
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College of Medicine). 12-24 h after infection, cells were induced to differentiate 

by increasing the amount of Ca2+ to 1.2 mM. In microtubule organization assays, 

taxol was added 24 h after induction of differentiation for 1 h at 10 µM. For 

protein stability experiments, cells were treated with 150 µM cycloheximide 

(Sigma-Aldrich) for 6-12 h. 

Epidermal barrier function assay 

e18.5 embryos were immersed in a solution of X-gal as previously 

described (Hardman et al., 1998), with slight modifications to the X-gal solution 

(1.3 mM MgCl2, 100 mM NaPO4, 3 mM K3Fe[CN]6, 0.01% sodium deoxycholate, 

0.2% NP-40, and 1 mg/ml X-gal). 

Immunofluorescence staining 

Keratinocytes were grown on glass coverslips in E low Ca2+ media until 

confluent. Cells were induced to differentiate and form junctions by the addition 

of calcium to 1.2 mM. After 24 h, cells were fixed in methanol for 2 min at -20°C. 

For CLIP170 staining, fixation was preceded by a 30-s permeabilization step (50 

mM PIPES, 100 mM NaCl, 2 mM MgCl2, 0.5 mM CaCl2, and 0.1% Triton X-100) 

at 37°C. For Lis1 staining in tissue, slides were f ixed in acetone at -20°C for 2 

min, and all steps used washes with a Triton X-100 concentration of 1%. For 

tissues, 8 µm-thick sections were cut and fixed in methanol for 2 min at -20°C. 

For Ndel1 staining in tissue, an antigen retrieval step was required. Slides were 

boiled for 5 min in 10 mM sodium citrate, pH 6.0, and then incubated in sodium 

citrate for 30 min at room temperature. Primary antibodies were incubated 
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overnight at 4°C. For visualization of microtubules  in the K14-ensconsin 

microtubule-binding domain-3GFP transgenic mice, embryos were processed as 

previously described (Lechler and Fuchs, 2007). In brief, embryos were fixed in a 

solution containing 80 mM PIPES, pH 6.9, 75 mM NaCl, 3 mM MgCl2, 1 mM 

CaCl2, 0.5% Triton X-100, 3% PFA, and 0.5% glutaraldehyde for 30 min at 37°C. 

Embryos were washed with PBS, treated with sodium borohydride in PBS for 15 

min, and then extensively washed with PBS before embedding in optimal cutting 

temperature. The antibodies used were mouse anti-γ-tubulin (Sigma-Aldrich), 

rabbit anti-Lis1 (Santa Cruz Biotechnology, Inc. and Abcam), rabbit anti-CLIP170 

(Santa Cruz Biotechnology, Inc.), rat anti-β4 integrin (BD), mouse anti-β-tubulin 

(Sigma-Aldrich), rabbit anti-γ-catenin (Santa Cruz Biotechnology, Inc.), mouse 

anti-DP1/2 (Millipore), rabbit anti-α-catenin (Sigma-Aldrich), mouse anti-V5 

(Invitrogen), guinea pig anti-Dsc1 (a gift from I. King, Medical Research Council, 

London, England, UK), and rabbit anti-Ndel1 (generated in the laboratory against 

the carboxy terminus of Ndel1 and affinity purified; ProteinTech Group and 

Abcam). Images were collected using a microscope (AxioImager Z1; Carl Zeiss) 

with ApoTome attachment, 63x 1.4 NA Plan Apochromat objective, MRm camera 

(Axiocam; Carl Zeiss), and AxioVision software (Carl Zeiss). The immersion oil 

used was Immersol 518F (Carl Zeiss), and the coverslips used (VWR) were no 

1.5 for tissue sections and 12-mm-round no. 1 for cultured cells. Imaging was 

performed at room temperature. Photoshop (Adobe) was used for post-

acquisition processing of brightness and contrast. Fluorescence intensity was 
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measured using the Profile tool in the AxioVision software. The two peak pixel 

values at each side of the cell were used as cortical values, and the mean of the 

cytoplasmic values was taken. Statistical analysis was performed using a 

Student’s t-test. 

FRAP analysis 

Mouse keratinocytes were grown on 35-mm glass-bottom dishes (no 1.5; 

MatTek Corporation). In the case of DPI-GFP (a gift from K. Green, Northwestern 

University, Chicago, IL), ninein-GFP and Ndel1-GFP FRAP, cells were 

transfected using TransIT-LT1 transfection reagent (Mirus) and were induced to 

differentiate 24 h after transfection. In the case of Dsg3-GFP FRAP (a gift from A. 

Kowalczyk, Emory University, Atlanta, GA), mouse keratinocytes were infected 

with the adenovirus at 1:100. 24 h after the addition of calcium to the media, cells 

were imaged. Cells were mounted on a temperature-controlled stage for 10-30 

min to allow equilibration. Confocal scanning light microscopy was performed 

using a confocal microscope (LSM 710; Carl Zeiss) with a 63x 1.4 NA oil 

immersion objective. The pinhole size was 478 µm. All EGFP fusion proteins 

were excited using the argon 488-nm laser line and emission gated between 493 

and 598 nm. FRAP experiments were performed using the regions, bleaching, 

and time series modules of the ZEN software (Carl Zeiss). A region of interest to 

be bleached was defined, and 75% laser power at the appropriate wavelength for 

three iterations was used to bleach signals. After bleaching, images were taken 

within the same focal plane at regular intervals (0.5-10 s) to monitor recovery. 
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The mean fluorescence intensity of each region was logged for each time point in 

the ZEN software. For each image, a region was drawn away from a transfected 

cell and served as a background control. Observation bleaching was not 

observed, as determined by examining the fluorescence intensity over time of an 

unbleached region. The percentage of recovery was calculated by normalizing 

fluorescence intensity to background intensity and then normalizing intensity of 

each time point to initial intensity. The value of t1/2 was calculated with nonlinear 

regression without any constraints using SigmaPlot software (SPSS, Inc.). The 

mobile fraction was determined as mf=Imax-I0/1-I0 as previously described (Shen 

et al., 2008). Imax is the maximum fluorescence intensity reached after 

photobleaching, and I0 is the initial fluorescence intensity immediately after 

photobleaching (Shen et al., 2008). Statistical analysis was performed using a 

Mann-Whitney U test in the SigmaPlot software. 

Transmission EM 

Backskin from e18.5 embryos were isolated and fixed in a solution of 2% 

glutaraldehyde, 4% PFA, 1 mM CaCl2, and 0.05 M cacodylate, pH 7.4, for 1 h at 

room temperature and then overnight at 4°C. Samples  were washed in 0.1 M 

sodium cacodylate buffer containing 7.5% sucrose. Samples were postfixed in 

1% osmium tetroxide in 0.15 M sodium cacodylate buffer for 1 h and then 

washed in two changes of 0.11 M veronal acetate buffer for 15 min each. 

Samples were placed into en bloc stain (0.5% uranyl acetate in veronal acetate 

buffer) for 1 h, washed in veronal acetate buffer, and then dehydrate in a series 
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of 70, 95, and 100% ethanol. Samples were placed into propylene oxide for two 

changes of 5 min each and then placed into a 1:1 mixture of propylene oxide and 

Epon resin monomer for 1 h. Finally, the 1:1 mixture was replaced with 100% 

Epon embedding medium for 30 min. After sectioning, samples were imaged with 

a transmission electron microscope (CM12; Phillips) run at 80 kV with a camera 

(XR60; Advanced Microscopy Techniques). 2Vu software (Advanced Microscopy 

Techniques) was used for image acquisition. 

Cornified envelope preparations 

Isolated epidermis was cut into 1-mm pieces and boiled in 10 mM Tris, pH 

7.4, 1% β-mercaptoethanol, and 1% SDS. Resulting envelopes were diluted into 

PBS for microscopic analysis. Images were collected on a CFL microscope 

(Axiovert 40; Carl Zeiss) with an MRc camera (AxioCam) and AxioVision 

software. 

Biochemical analyses 

Epidermal extracts were prepared in 50 mM Hepes, pH 7.4, 100 mM KCl, 

1 mM MgCl2, 1 mM DTT, and 1% Triton X-100 with protease inhibitors. For 

immunoprecipitations, cells were transfected with ninein-GFP and a DP construct 

that results in production of both DPI-FLAG and DPII-FLAG. Protein G-

Sepharose beads (Millipore) were prebound to rabbit anti-GFP (Abcam) or 

mouse anti-FLAG (Sigma-Aldrich) antibodies. Extracts were incubated with 

beads for 1 h with rotation at 4°C, washed four tim es with lysis buffer, and then 

boiled in Laemmli sample buffer. For pulldowns, full-length GST-tagged mouse 
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NDEL1 was purified from bacterial lysates, and 10 µg was covalently coupled to 

Affi-Gel 10 (Bio-Rad Laboratories). Epidermal lysate was added, and samples 

were treated as for immunoprecipitations. For surface protein labeling, cells were 

treated for 1 h at 4°C with 1 mg/ml sulfo-NHS-SS-bi otin (Thermo Fisher 

Scientific) in PBS with 1 mM CaCl2. After three washes with PBS containing 20 

mM Tris, extracts were prepared in radio-immunoprecipitation assay buffer, and 

biotinylated proteins were isolated on avidin-agarose (Sigma-Aldrich). After four 

washes with radioimmunoprecipitation assay buffer, bound proteins were 

analyzed by Western blotting. Dsg3 antibodies were provided by J. Stanley 

(University of Pennsylvania, Philadelphia, PA). Quantitation of Western blot data 

was performed with ImageJ gel analysis tools (National Institutes of Health).  

2.3 Results 

2.3.1 Identification of Lis1, Ndel1, and CLIP170 as  desmosome-
associated proteins 

To determine whether DP can recruit other centrosomal proteins in 

addition to ninein, we examined the localization pattern of several centrosomal 

proteins in wild-type (WT) keratinocytes. Most centrosomal proteins that we 

examined (γ-tubulin, pericentrin, centrin, and ODF2) did not relocalize to the 

desmosome, suggesting specificity of recruitment (data not shown). However, we 

were particularly interested in proteins that, like ninein, are associated with 

centrosome maturation and microtubule anchoring. Nde1/Ndel1 are homologous 

proteins that have been shown to specifically localize to the mother centriole and 
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contribute to microtubule anchoring activity (Guo et al., 2006). Both proteins are 

expressed in keratinocytes (data not shown). Using both lab-generated and 

commercially available antibodies, we assayed the localization of these proteins. 

The two antibodies we generated recognized a predominant band at about 39 

kDa, consistent with the known size of Ndel1 and western blotting with other 

commercially available antibodies (Figure 2.1 panel A, page 34). In proliferative 

keratinocytes cultured in low Ca2+ (0.05 mM), Ndel1 colocalized with γ-tubulin at 

one of the centrioles, consistent with previous reports in other cell types (Figure 

2.1 panel B-D, page 34). Once calcium is added to the media (1.2 mM), 

cadherin-based junctions are able to form, and cells begin a terminal 

differentiation process. Under these conditions, Ndel1 localized to sites of cell-

cell adhesion (Figure 2.1 panel E, page 34). This junctional localization was 

detected with two other antibodies specific for Nde1/Ndel1 (Figure 2.1 panel F-G, 

page 34). Additionally, when GFP-Ndel1 was expressed in cultured 

keratinocytes, we could detect cells in which GFP-Ndel1 localized to the cell 

cortex (Figure 2.1 panel H-J, page 34). This was a rare event, as GFP-Ndel1 

aggregated in the majority of cells, very similar to what has been reported for 

Ninein-GFP. However, expression of the amino-terminal 154 amino acids of 

Ndel1 fused to GFP resulted in a protein that did not aggregate, but still localized 

to cell-cell junctions (Figure 2.1 panel K, page 34). To determine whether 

Nde1/Ndel1 colocalized with desmosomes, we costained for DP. With antibodies 

and with GFP-Ndel1, we saw colocalization of Ndel1 with desmosomes (Figure 
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2.1 panels A and H-J, page 34). In contrast, Ndel1 did not significantly colocalize 

with β-catenin, a component of adherens junctions (Figure 2.1 panel L, page 34).
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Figure 2.1: Ndel1 is recruited to the desmosome.
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Figure 2.1 cont. from page 34 
Western blots of keratinocyte extracts with two laboratory-generated antibodies 

(295 and 296) and with two commercial antibodies (Abcam and ProteinTech 
Group).  (B-D) Anti-Ndel1 (red) and anti-γ-tubulin (green) immunofluorescence 

staining in WT mouse keratinocytes cultured in low Ca2+.  Images are maximum 
intensity projections. Scale bar, 10 µm. (E) Anti-Ndel1 (green) and anti-DP (red) 
staining in WT mouse keratinocytes cultured in high Ca2+. The boxed region is 
enlarged on the right to demonstrate the colocalization of Ndel1 and DP. Scale 
bar, 10 µm. (F, G) Anti-Nde1/Ndel1 staining of mouse keratinocytes grown in 
high calcium-containing media for 24 h. The ProteinTech Group antibody was 

used in F, and the 296 antibody was used in G. Scale bar, 10 µm. (H-J) 
Colocalization of GFP-Ndel1 (green) with DP (red). Large GFP aggregates also 
formed, especially in the nucleus. (K) Cortical localization of GFP-Ndel1 (amino 
acids 1–154). Arrowheads highlight cortical accumulation of GFP-Ndel1. Scale 
bar, 10 µm. (L) Costaining for Ndel1 (green) and β-catenin (red) in WT mouse 

keratinocytes cultured in high Ca2+. Scale bar, 10 µm.



 

36 

Lis1 is a known binding partner of Ndel1 (Niethammer et al., 2000; Sasaki 

et al., 2000), but it has not been implicated as a mother centriole-specific protein. 

We found that in keratinocytes, Lis1 was found either on both centrioles but 

enriched on one, or it was only detected on a single centriole (Figure 2.2 panel A-

C, page 37). Like Ndel1, Lis1 was recruited to the cell cortex upon addition of 

calcium to the media (Figure 2.2 panel D, page 37). The antibody used 

specifically recognized a single band in extracts from WT keratinocytes that is 

lost in Lis1-null keratinocytes (Figure 2.2 panel H, page 37). In addition, the 

cortical staining pattern observed with anti-Lis1 antibodies was lost in Lis1-null 

keratinocytes (Figure 2.2 panel F-G, page 37). This localization of Lis1 was seen 

with another antibody raised against a distinct epitope (Figure 2.2 panel E, page 

37).  
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Figure 2.2: Lis1 is recruited to the desmosome.
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Figure 2.2 cont. from page 37 
(A-C) Anti-Lis1 (red) and anti-γ-tubulin (green) staining in WT mouse 

keratinocytes cultured in low Ca2+ media. Images are maximum intensity 
projections. For scale bar, see Figure 2.1, panel D. (D) Anti-Lis1 (red) and anti-

DP (green) staining in WT mouse keratinocytes cultured in high Ca2+. The boxed 
region is enlarged to the right to show colocalization of Lis1 and DP. For scale 
bar, see Figure 2.1, panel E. (E) Immunofluorescent localization of Lis1 in WT 

keratinocytes using anti-Lis1 antibodies (Santa Cruz Biotechnology, Inc.). (F, G) 
Immunofluorescent localization of Lis1 in WT (F) and Lis1-null cells (G) using 
anti-Lis1 antibodies. Scale bar, 10 µm. (H) A Western blot of WT and Lis1-null 

keratinocyte extracts with the anti-Lis1 antibody (Abcam [Ab]).  
Molecular masses are indicated in kilodaltons. (I) Costaining for Lis1 (green) and 
β-catenin (red) in WT mouse keratinocytes. For scale bar, see Figure 2.1, panel 

L.
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Like Ndel1, Lis1 colocalized with DP at cell junctions but did not 

significantly colocalize with β-catenin (Figure 2.2 panels D and I, page 37). This 

suggests that Lis1 and Ndel1 are desmosome-associated proteins in 

differentiated keratinocytes. Like previous reports for ninein and CLIP170, the 

junctional localization of Ndel1 and Lis1 was independent of microtubules. After 

cells were treated with nocodazole to disrupt microtubules, Ndel1 and Lis1 

remained associated with the cell junctions (Figure 2.3 panels A-B, page 40). 

Initial recruitment also does not require microtubules, as nocodazole treatment 

before a calcium switch did not prevent cortical accumulation of Lis1 and Ndel1 

(Figure 2.3 panels C-H, page 40). Therefore, the desmosomal localization of 

Ndel1 and Lis1 is independent of any microtubule-binding activity. 
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Figure 2.3: Desmosomal localization of Ndel1 and Li s1 does not 
require microtubules. 

(A-B) Staining for Ndel1 (A) and Lis1 (B) in WT mouse keratinocytes 
grown in high Ca2+ and treated with 10 µM Nocodazole (Noc) for 1 h. DNA is 

labeled with Hoechst (blue).  (C-H) Initial recruitment of Ndel1 (C-E) and Lis1 (F-
H) to cell junctions 1, 2, or 4 h after calcium addition in cells pretreated with 

nocodazole to disrupt microtubules.
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To determine the temporal order of recruitment to cell junctions, we 

performed calcium switch experiments and examined the localization of DP and 

Ndel1 or Lis1 at early time points after the switch. DP could be detected at some 

junctions within 1 h and at most junctions within 2 h (Figure 2.4 panels A,D,J,M, 

page 42). In contrast, Ndel1 was detected beginning at about 2 h in some cells 

and thereafter became more robust (Figure 2.4 panel E and H, page 42). Similar 

results were found with Lis1 (Figure 2.4 panel J-R, page 42). Therefore, the 

localization of Ndel1 and Lis1 occurs just subsequent to DP recruitment.  
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Figure 2.4: Temporal aspects of Lis1 and Ndel1 recr uitment to cell 
junctions.
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Figure 2.4 cont. from page 42 
(A-I) Temporal analysis of recruitment of DP (A,D,G; green in C,F,I) and 

Ndel1 (B,E,H; red in C,F,I) to cell junctions. DP and Ndel1 colocalization was 
determined after shift to high calcium media for 1 (A-C), 2 (D-F), or 4 h (G-I). (J-

R) Temporal analysis of recruitment of DP (J,M,P; green in L,O,R) and Lis1 
(K,N,Q; red in L,O,R) to cell junctions. DP and Lis1 colocalization was 

determined after shift to high calcium media for 1 (J-L), 2 (M-O), or 4 h (P-R). 
Scale bar, 10 µm.
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2.3.2 DP recruits and interacts with microtubule-as sociated proteins 

Because of their colocalization with desmosomes and their order of 

appearance at the cortex, we tested whether Lis1 and Ndel1 localization required 

DP. In cultured DP-null keratinocytes grown in high calcium, we did not observe 

any cortical localization of Lis1 or Ndel1, demonstrating that DP is essential for 

their recruitment to the membrane (Figure 2.5 panel B and E, page 45). Both the 

initial recruitment and maintenance were affected, as no Lis1 was detected at cell 

junctions between 2 and 4 h after the calcium switch (Figure 2.5 panel G-G’’’, 

page 45). In contrast, α-catenin-null keratinocytes showed no defect in cortical 

localization of Ndel1 or Lis1 (Figure 2.5 panels C and F, page 45). These data 

demonstrate that DP recruits a subset of centrosomal proteins implicated in 

microtubule anchoring to the desmosome.  
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Figure 2.5: DP-dependent localization of Ndel1 and Lis1 in vitro. 

(A-F) Localization of Ndel1 (A-C) or Lis1 (D-F) in WT keratinocytes (A,D), 
DP KO keratinocytes (B,E), or α-catenin KO keratinocytes (C,F). For scale bar, 
see Figure 2.6, panel C. (G) Lis1 does not localize to cell–cell junctions even at 

early time points after calcium addition in DP-null keratinocytes (DP KO). (G’-G’’’) 
Costaining of epithelial cadherin (E-cad) to highlight cell junctions and Lis1. Scale 

bar, 10 µm.
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Although a role for desmosomes in microtubule organization has only 

recently been described, the first hint came almost 20 years ago when the Kreis 

laboratory showed that the microtubule plus end-binding protein CLIP170 

localized to desmosomes (Wacker et al., 1992). Molecular requirements for this 

localization have not been reported. We confirmed the localization of CLIP170 to 

desmosomes and further demonstrated that localization was dependent on DP 

but not α-catenin (Figure 2.6 panels A-C, page 47). 
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Figure 2.6: DP-dependent localization of CLIP170 in  vitro. 

(A-C) Localization of CLIP170 in WT keratinocytes (A), DP KO 
keratinocytes (B), or α-catenin KO keratinocytes (C). Scale bar, 10 µm.
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To determine whether Lis1 and Ndel1 target to desmosomes in intact 

tissue, we examined their localization in skin sections. In dermal fibroblasts and 

basal cells of the epidermis, Lis1 localized to a single punctum, presumably the 

centrosome. However, in suprabasal cells of the epidermis, Lis1 localized to the 

cell cortex, where desmosomes are abundant (Figure 2.7 panel A, page 49). In 

DP-null epidermis, Lis1 localization was specifically disrupted in suprabasal cells, 

where it was diffuse throughout the cytoplasm (Figure 2.7 panel B, page 49). Lis1 

remained associated with the centrosome in basal cells and in the dermis. This 

confirms our data in cultured cells that DP is required to recruit Lis1 to the 

desmosome. The localization pattern of Ndel1 mimicked that of Lis1, though 

centrosomal staining was poor with this antibody in vivo, and more background 

staining was noted as well as more cortical staining in basal cells (Figure 2.7 

panels C-D, page 49). 
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Figure 2.7: Desmosomal-dependent localization of Li s1 and Ndel1 in 
vivo. 

(A-D) In vivo localization of Lis1 (A,B) or Ndel1 (C,D) in WT and DP cKO 
e17.5 epidermis. WT (A) or DP cKO (B) mouse skin was stained with anti-Lis1 

(red) and anti-β4 integrin (green; marks the basement membrane separating the 
epidermis from the dermis). The boxed regions are magnified below the images 

to highlight centrosomal staining in dermis and basal cells and cortical staining in 
suprabasal cells. Note the loss of cortical Lis1 in DP-null suprabasal cells. (C, D) 
WT (C) and DP cKO (D) e17.5 mouse skin was stained with anti-Ndel1 (red) and 
anti-β4 integrin (green). DNA is labeled with Hoechst (blue) in all images. Scale 

bar, 10 µm. 
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Interactions between Lis1 and Ndel1 and between Lis1 and CLIP170 have 

been previously identified (Coquelle et al., 2002; Sasaki et al., 2000). To 

determine whether ninein, Ndel1, Lis1, and CLIP170 physically interact, we 

performed protein-binding assays using recombinant GST-tagged Ndel1, 

covalently linked to agarose beads, and WT keratinocyte extracts. Lis1, CLIP170, 

and ninein were found to be specifically associated with Ndel1 (Figure 2.8 panel 

A, page 52). These data indicate that the centrosomal proteins that associate 

with the desmosome can biochemically interact. Nevertheless, these proteins 

exhibited differential turnover at the desmosome, suggesting that they do not 

form a stable complex. 

Most desmosomal plaque components are insoluble in protein extracts. 

We determined the solubility of the desmosome-associated proteins identified 

here in a harsh buffer (1% Triton X-100 and 0.5% NP-40 with sonication). 

Whereas DPI is largely insoluble under these conditions, the desmosome-

associated proteins are mostly soluble (Figure 2.8 panel B, page 52). This is 

consistent with the observation that CLIP170 is not a core desmosomal plaque 

protein (Wacker et al., 1992). Gentler treatment and in situ analysis revealed 

differential dynamics at the cell cortex. A 1-min permeabilization of cultured cells 

with a lower detergent concentration (0.2% Triton X-100) resulted in almost 

complete loss of Ndel1 from cell junctions (Figure 2.8 panels G-H, page 52). The 

same treatment had little effect on ninein, Lis1, or DP localization (Figure 2.8 

panels C-F, I-J, page 52). To test whether the cortical turnover rates of some of 
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these components were distinct, we performed FRAP analysis of ninein-GFP and 

Ndel1(1-154)-GFP. Whereas ninein-GFP recovered slowly and incompletely at 

cell junctions, the localization domain of Ndel1-GFP recovered quickly and nearly 

completely (Figure 2.8 panels K-L, page 52). The rapid turnover of Ndel1 may 

explain why it was often detected in a broader cortical region, not always 

precisely colocalizing with desmosomes. These data indicate that the 

centrosomal proteins are unlikely to form a single stable complex and may play 

distinct roles at the desmosome. 
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Figure 2.8: Analysis of desmosome-associated protei n interactions and 
stabilities at the cell cortex.
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Figure 2.8 cont. from page 52 
(A) Recombinant GST-Ndel1 protein was purified from bacteria and coupled to 

agarose beads. Interacting proteins were pulled down from WT keratinocyte 
extracts and examined by Western blot analysis. Beads bound to GST alone 

were used as a control. (B) WT keratinocyte extract was prepared under harsh 
conditions (buffer containing 1% Triton X-100 and 0.5% NP-40 with sonication) 
and centrifuged for 15 min at 16,000 g to generate soluble and insoluble pools 

that were used for Western blotting. (C–J) WT keratinocytes were either 
untreated or permeabilized for 1 min in 0.2% Triton X-100 containing media 

before fixation (as indicated). The antibodies used are indicated in the figure. DP 
staining of keratinocytes was used as a control in I and J to demonstrate that 
cortical staining of desmosomal components remains after permeabilization of 
the cells. Bar, 10 µm. (K and L) FRAP analysis of ninein-GFP (n = 8; K) and 

GFP-Ndel1(1–154) (n = 10; L). Note the different timescales used. Error bars are 
SEM.
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2.3.3 DP recruitment of centrosomal proteins is iso form-specific 

What are the molecular requirements for recruitment of centrosomal 

proteins to the desmosome? Previous work demonstrated that DP’s intermediate 

filament binding activity was unnecessary for ninein recruitment (Lechler and 

Fuchs, 2007). However, further dissection of the regions required has not been 

performed. DP has two known isoforms, DPI and DPII, which are generated by 

alternative splicing. Both contain an amino-terminal domain that targets them to 

the desmosome and a carboxy-terminal domain that directly interacts with 

intermediate filaments (Bornslaeger et al., 1996; Stappenbeck and Green, 1992). 

A central coiled-coil rod domain present in DPI is largely truncated in DPII (Figure 

2.9 panel A, page 56). To determine what region of DP is required to recruit 

centrosomal proteins, we constructed various truncation mutants in the coiled- 

coil rod domain of DP. After transfecting these constructs into DP-null 

keratinocytes, we assayed their ability to rescue Lis1 and CLIP170 localization to 

the desmosome (summarized in Figure 2.9 panel B, page 56). All of the mutant 

proteins that we examined were stable and localized to cell-cell junctions. A DP 

protein truncated at amino acid 1,484 was able to rescue Lis1 and CLIP170 

recruitment to the cortex (Figure 2.9 panels C-E and I-K, page 56). However, 

truncation of DP at amino acid 1,380 resulted in a protein that was unable to 

rescue recruitment of any centrosomal protein examined (Figure 2.9 panels F-H 

and L-N, page 56). This demonstrates that a region between amino acids 1,380 

and 1,484 of DP’s rod domain is necessary for centrosomal protein recruitment to 
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the cell cortex. We were unable to create a truncation mutant that recruited some 

of the centrosomal proteins but not others. Therefore, the same region of DP is 

required to recruit all of the centrosomal proteins.
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Figure 2.9: A region of DP’s rod domain is required  to recruit Lis1 
and CLIP170 to the cortex.
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Figure 2.9 cont. from page 56 
(A) A diagram of the two isoforms of DP (DPI and DPII) achieved by alternative 

splicing. Amino acid numbers at splice sites are shown in red, and those marking 
domain boundaries are shown in black. (B) A table displaying DP truncation 

mutants. Their ability to recruit Lis1 and CLIP170, as assessed by 
immunofluorescence staining, is indicated. (C-H) DP KO mouse keratinocytes 
were transfected with V5-tagged truncation mutants, DP 1484 (C-E) and DP 

1380 (F-H). (E and H) Merged images of V5-tagged truncation mutants (green) 
and Lis1 (red). Images are displayed as maximum intensity projections. Scale 
bar, 10 µm. (I-N) DP KO mouse keratinocytes were transfected with V5-tagged 

truncation mutants, DP 1484 (I-K) and DP 1380 (L-N).  (K and N) Merged images 
of V5-tagged truncation mutants (green) and CLIP170 (red). Images are 

displayed as maximum intensity projections. Scale bar, 10 µm.
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 Interestingly, the region between amino acids 1,380 and 1,484 is specific 

to one isoform of DP (see Figure 2.9 panel A, page 56). To verify the isoform-

specific function, we examined the ability of full-length GFP-tagged DPI and DPII 

to recruit centrosomal proteins to the cortex. We confirmed that DPI could rescue 

centrosomal protein recruitment to the desmosome, whereas DPII could not 

(Figure 2.10 panels A-L, page 59). We further confirmed this by biochemical 

analysis. Cells were cotransfected with a plasmid to express ninein-GFP and a 

FLAG-DP construct that generates both DPI and DPII through alternative splicing 

(Smith and Fuchs, 1998). After immunoprecipitation with an antibody against 

FLAG, ninein-GFP was detected in the precipitated pool of proteins. Reciprocally, 

a GFP antibody was used to precipitate ninein and its bound proteins. In this 

case, we detected only DPI but not DPII in the immunoprecipitate (Figure 2.10 

panel M, page 59). These data demonstrate an isoform-specific function for DPI. 

The amounts of coprecipitated proteins were low in both cases; however, this 

represents the interaction between the small soluble pools of these proteins. It is 

likely that the interaction is more stable at the desmosome, as the turnover data 

suggest. 
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Figure 2.10: DP recruits centrosomal proteins to th e desmosome in 
an isoform-specific manner.  
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Figure 2.10 cont. from page 59 
(A-F) DP KO mouse keratinocytes were transfected with DPI-GFP (A-C) 

or DPII-GFP (D-F). Immunofluorescence staining of Lis1 in (B,E). Merged images 
are in (C, F); GFP-tagged DP (green), Lis1 (red). Images are shown as maximum 

intensity projections. (G-L) DP KO mouse keratinocytes were transfected with 
DPI-GFP (G-I) or DPII-GFP (J-L). Immunofluorescent staining of CLIP170 is 

shown in (H, K). Merged images are in (I, L); GFP-tagged DP (green), CLIP170 
(red). Images are shown as maximum intensity projections. (M) WT mouse 

keratinocytes were cotransfected with FLAG-DP and ninein-GFP, and 
immunoprecipitations (IP) were performed with anti-FLAG, anti-GFP, and normal 

rabbit sera as a control. Bound proteins were analyzed by Western blotting. 
Arrows indicate the two isoforms of DP, DPI (top) and DPII (bottom). 
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2.3.4 Lis1 is required for microtubule organization  

Although we have begun to understand the molecular requirements for 

centrosomal protein recruitment, the functional importance of these proteins in 

the epidermis is unknown. To examine this, we took a genetic approach. We 

isolated and generated lines of Lis1 homozygous floxed (fl/fl) keratinocytes from 

newborn backskin epidermis. Infection with adenoviral Cre resulted in significant 

cell death of proliferating keratinocytes (data not shown). Therefore, we induced 

differentiation in these cells 12-24 h after Cre infection to avoid any mitotic 

defects. Under these conditions, we achieved a near complete loss of Lis1. 

Importantly, these cells did not undergo apoptosis, eliminating the possibility of 

an analysis of secondary effects (data not shown). 

Our working model suggests that desmosomes induce the reorganization 

of the microtubule cytoskeleton to the cell cortex through the recruitment of 

centrosomal proteins to the desmosome. In culture, we determined that 

microtubules need to be stabilized to reorganize to the cell cortex, which will be 

discussed in detail in the following chapter. In control cells (Lis1 fl/fl; Cre-), the 

addition of taxol induced the cortical reorganization of microtubules (Figure 2.11 

panels A-B, page 63). However, upon Lis1 ablation, the microtubules were 

unable to reorganize to the cell cortex upon taxol addition (Figure 2.11 panels C-

D, page 63). This effect was specific for cortical organization, as without taxol 

treatment, the cytoplasmic array of microtubules was largely intact in cells lacking 

Lis1 (compare Figure 2.11 panels A and C, page 63).  
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To determine whether Lis1 is required for microtubule organization in vivo, 

we generated embryos that lack Lis1 in the epidermis (Lis1 fl/fl; K14-Cre; 

hereafter referred to as Lis1 conditional knockout [cKO] mice) and that express 

the fluorescent microtubule-associated protein ensconsin microtubule-binding 

domain-3GFP (Lechler and Fuchs, 2007). We confirmed the loss of Lis1 in the 

epidermis by Western blotting (Figure 2.14, page 70). In WT epidermis, 

microtubules were organized around the cortex of suprabasal cells (Lechler and 

Fuchs, 2007). However, in Lis1 cKO epidermis, the cortical organization of 

microtubules was lost, and the microtubules were cytoplasmic (Figure 2.11 panel 

F, page 63). Lis1 is only the second protein identified, after DP, that is required 

for cortical microtubule organization in the epidermis. 
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Figure 2.11: Lis1 is required for microtubule organ ization in vitro and 
in vivo.
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Figure 2.11 cont. from page 63 
(A–D) Immunofluorescence staining of β-tubulin in cultured keratinocytes. (A and 

B) Lis1 fl/fl keratinocytes not treated with Cre adenovirus. (C and D) Lis1 fl/fl 
keratinocytes infected with Cre adenovirus. (A and C) Control cells have 

predominantly cytoplasmic microtubules. (B and D) Taxol treatment induces 
cortical microtubules in control cells (B) but not in cells in which Lis1 has been 

ablated (D). A–D are maximum intensity projections of z stacks. (E and F) 
Sections of backskin from K14-ETMB-3GFP transgenic mice that are either WT 

(E) or Lis1 (F) cKO. Scale bars, 10 µm.
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2.3.5 Loss of Lis1 results in barrier defects   

Loss of Lis1 in the epidermis resulted in perinatal lethality; no adult Lis1 

cKO mice have been recovered. The few live null newborns that we were able to 

recover were severely dehydrated. To test whether this was a result of a barrier 

defect, we subjected e18.5 (embryonic day 18.5) embryos to an X-gal 

penetration assay. If the barrier is compromised, X-gal diffuses through the 

epidermis and forms a blue precipitate in the dermis (Hardman et al., 1998). In 

WT mice, the barrier formed by the epidermis blocked X-gal from reaching the 

dermis. However, the Lis1 cKO mouse had severe epidermal barrier defects, as 

seen by the extensive blue coloring of the skin (Figure 2.12 panel A, page 66). 

Furthermore, this assay highlighted blisters on the surface of the Lis1 cKO 

epidermis, as well as peeling skin (Figure 2.12 panel A, arrows, page 66). 

Terminal differentiation of the epidermis results in structures called 

cornified envelopes, which are highly cross-linked networks essential for barrier 

activity of the epidermis. Preparations of cornified envelopes from Lis1 cKO mice 

revealed aberrant and irregularly shaped envelopes (Figure 2.12 panel B, page 

66). This phenotype closely resembled the DP cKO epidermis (Vasioukhin et al., 

2001b). We also observed mitotic defects and increased apoptosis in basal 

epidermal cells, consistent with studies in other tissues (Buttner et al., 2007; 

Faulkner et al., 2000). However, the underlying cell biological defects we 

observed can be replicated in cell culture under conditions in which apoptosis 

does not occur, strongly arguing against them being secondary effects. 
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Figure 2.12: Lis1-null epidermis exhibits defects i n epidermal barrier 
function. 

(A) Barrier assay (X-gal penetration) in Lis1 heterozygous and Lis1 cKO e18.5 
embryos. Arrows indicate blisters. Bar, 1 cm. (B) Cornified envelopes from 

WT or Lis1 cKO mice. Bar, 40 µm.
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2.3.6 Loss of Lis1 results in desmosomal defects 

To directly test whether desmosomes were altered in Lis1 cKO epidermis, 

we performed immunofluorescence analysis of Lis1 cKO embryos. This revealed 

lower intensity staining of each desmosomal component examined, including 

desmocollin I (Dsc1), desmoglein I (Dsg1), desmocollin 2/3 (Dsc2/3), 

plakoglobin, and DP (Figure 2.13 panels A-J, page 68). However, staining for the 

adherens junction protein α-catenin revealed no defects in its localization at cell 

junctions (Figure 2.13 panels K-L, page 68). To quantitate these differences, we 

measured the ratios of fluorescence intensity at the cell cortex as compared to 

the cytoplasm for the nontransmembrane proteins examined. There was a 

significant decrease in cortical recruitment of both DP and plakoglobin in Lis1 

cKO epidermis, whereas the slight decrease in α-catenin was not statistically 

significant (Figure 2.13 panel O, page 68). Ultrastructurally, desmosomes in the 

spinous layer of Lis1 cKO epidermis were smaller and had less robust 

attachment to keratin filaments than their WT counterparts (Figure 2.13 panels 

M-N, page 68). Furthermore, separations between cells were observed, 

consistent with the blistering that was observed macroscopically (data not 

shown).  
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Figure 2.13: Lis1-null epidermis exhibits defects i n desmosomes.  

(A-L) Immunofluorescence staining of desmosomal components (as indicated on 
panels) and adherens junction components on sections of backskin from WT and 
Lis1 cKO e18.5 embryos. The basement membrane is marked by a dashed line. 
Scale bar, 10 µm. (M and N) Transmission EM images of desmosomes between 

two spinous layer cells in the backskin of e18.5 embryos. Arrows mark 
desmosomes. Bar, 0.5 µm. (O) Quantitation of the cortical/cytoplasmic ratio of 

fluorescence intensity of DP, plakoglobin, and 
α-catenin (α-cat). n = 50 from each of two embryos for each genotype. Error bars 

represent SEM. ***, P < 0.001. WT, blue. Lis-null, orange. 
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Next, we examined total levels of desmosomal components in WT and 

Lis1 cKO epidermis to determine whether the amounts of these proteins were 

altered. Significant decreases were noted for Dsg1, DPI, and plakoglobin. PKP3 

showed little change, as did the adherens junction component α-catenin (Figure 

2.14, page 70). These data demonstrate a specific effect on the stability of 

desmosomal proteins in the Lis1 cKO epidermis.
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Figure 2.14: Protein levels of desmosomal component s in WT and 
Lis1-null epidermis.  

(A) Epidermal lysates from e18.5 WT and Lis1 cKO embryos were blotted with 
antibodies against the indicated proteins Protein size is in kilodaltons and is 

indicated in parentheses.
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To understand the mechanism underlying the desmosomal defects in the 

Lis1 cKO epidermis, we turned to analysis in cultured keratinocytes, which allows 

for higher resolution imaging and functional studies. Analysis of desmosomal 

proteins in cultured Lis1-null cells further supported an essential role for Lis1 in 

maintaining robust desmosomes. Immunofluorescence analysis of Dsg3, Dsc2/3, 

Dsg1, DP, and plakoglobin revealed substantial, though not complete, loss of 

cortical staining (Figure 2.15 panels A-H, page 72 and data not shown). 

Biochemical analysis of these cells showed significant decreases in desmosomal 

components, especially DP and plakoglobin, whereas no changes in adherens 

junctions were detected (Figure 2.15 panels I-J, page 72). Cortical localization of 

both epithelial cadherin (E-cadherin) and α-catenin was unchanged in the Lis1-

null cells (data not shown). Interestingly, levels of CLIP170 were decreased in 

both Lis1- and DP-null cells, whereas levels of Ndel1 were unaffected (Figure 

2.14 panel I, page 72). Therefore, cultured Lis1-null keratinocytes recapitulate 

the desmosomal defects seen in vivo. Overexpression of plakoglobin could not 

rescue DP recruitment to cell junctions, suggesting that the low plakoglobin 

levels are a consequence and not a cause of desmosome dysfunction (data not 

shown). 
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Figure 2.15: Loss of Lis1 results in desmosomal def ects in vitro. 

(A–H) Staining for desmosomal proteins in WT and Lis1-null keratinocytes. 
Images are maximum intensity projections and were taken at the same exposure 

settings and modified in identical ways. Scale bar, 10 µm. (I) Western blots of 
whole-cell lysates from WT, DP-null, and Lis1-null keratinocytes for the indicated 
proteins. Plak, plakoglobin. (L) Western blots of Lis1, epithelial cadherin (E-cad), 

and α-catenin (α-cat) in WT and Lis1-null cells.
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Calcium shift experiments revealed that there was no defect in the initial 

assembly of desmosomes in Lis1-null cells. However, whereas desmosomes 

continued to form and become more robust in WT cells, they did not do so in 

Lis1-null cells (Figure 2.16 panels A-F, page 74). These data suggest that the 

stability of desmosomes, and therefore, desmosomal components, is likely 

affected. In support of this, the levels of plakoglobin and Dsg1 in the Lis1-null 

keratinocytes grown in high calcium conditions resembled those of WT cells 

grown in low calcium conditions (Figure 2.16 panel G, page 74). Under low 

calcium conditions, cadherin components of the desmosomes cannot functionally 

interact. Upon calcium addition, desmosomes form, and the stability of most 

desmosomal proteins increases (Penn et al., 1987). Not only were the total levels 

of Dsg1 reduced in Lis1-null cells, but the plasma membrane pool, as judged by 

cell surface biotinylation, was also decreased (Figure 2.16 panel H, page 74). 

These biochemical data support the immunofluorescence data, clearly 

demonstrating that surface pools of this desmosomal cadherin are reduced. 
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Figure 2.16: Loss of Lis1 results in decreased desm osome stability. 

(A-F) Initial desmosome formation occurs normally in Lis1-null cells. WT 
keratinocytes (A-C) and Lis1-null cells (D-F) were shifted into high calcium-

containing media for 1, 2, or 4 h, and localization of DP was determined. Scale 
bar, 10 µm. (G) Western blots of plakoglobin and Dsg1 from WT cells grown in 

either high (Hi) or low (Lo) calcium media and Lis1-null cells grown in high 
calcium media. (H) Levels of Dsg1 were examined from surface proteins that 

were biotinylated and isolated on avidin-agarose.
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We hypothesized that the decreased levels of desmosomal components 

were a result of increased turnover of the protein. To measure this, we treated 

WT and Lis1-null cells with cycloheximide to arrest new protein synthesis and 

followed the levels of plakoglobin and Dsg1 with time. For both of these proteins, 

a significantly increased rate of loss was observed in Lis1-null cells compared to 

the WT controls (Figure 2.17 panels A-B, page 77). 

To directly test whether the stable cortical localization of desmosomal 

proteins was affected in Lis1-null cells, we performed FRAP analysis on DPI-

GFP. Although cortical recruitment of DPI-GFP was low in Lis1-null cells, we 

were able to both bleach and image the recovery of the brightest cortical DPI-

GFP puncta (Figure 2.17 panel C, page 77). Whereas DPI-GFP is normally very 

stable in WT cells with a mobile fraction of ~20%, it became significantly more 

dynamic in Lis1-null cells. Some cells showed complete recovery of DPI-GFP 

fluorescence, which was never seen in WT cells. In addition, the mean mobile 

fraction was ~40% (Figure 2.17 panel D, page 77). This likely underestimates the 

true value, as we selected the most robust DPI-GFP puncta for analysis in the 

mutant. We also attempted to examine Dsg3-GFP dynamics. Although this was 

possible in WT cells, Dsg3-GFP did not significantly accumulate at cell junctions 

in Lis1-null cells, precluding this analysis (Figure 2.17 panel E-F, page 77). 

However, this demonstrates that exogenous Dsg3 is unable to rescue the 

desmosomal phenotype of Lis1-null cells. 
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In desmosome turnover induced by pathogenic anti-desmosomal 

antibodies (pemphigus), desmosomal cadherins are internalized and move 

through early endosomes to lysosomes for degradation (Calkins et al., 2006; 

Delva et al., 2008). Upon chloroquine treatment of Lis1-null cells, we detected 

desmosomal cadherins in intracellular vesicles that colocalized with lysosomal 

markers, suggesting that at least a fraction of the internalized cadherins are 

ultimately degraded in the lysosome (Figure 2.17 panels G-I, page 77).
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Figure 2.17: Loss of Lis1 results in increased turn over of 
desmosomal proteins. 

(A and B) Turnover of desmosomal components after cycloheximide treatment. 
Levels of plakoglobin (A) and Dsg1 (B) were examined in WT and Lis1-null cells 
after treatment with cycloheximide for the indicated times. Note that initial levels 
of both proteins were significantly lower in Lis1-null cells than in WT cells. Error 
bars are SD. n = 2. (C) A kymograph analysis of FRAP for DPI-GFP in WT cells 

(top) and Lis1-null cells (bottom). The bleach point is indicated. (D) Mobile 
fractions from individual FRAP experiments were plotted. In this box and whisker 

plot, the boxes represent the 25th and 75th percentiles, whereas the whiskers 
represent the 10th and 90th percentiles. *, p<.05. (E and F) WT (E) or Lis1-null 
(F) mouse keratinocytes were infected with Dsg3-GFP adenovirus and imaged 

48 h after infection. Note the cortical localization of Dsg3-GFP in WT 
keratinocytes, but largely cytoplasmic localization in Lis1-null keratinocytes. 

Scale bar, 10 µm. (G-I) Lis1-null cells were treated with 150 mM chloroquine to 
inhibit lysosomal degradation for 1 h, then stained for Dsg3 and the lysosomal 

marker LAMP1. Scale bar, 5 µm. 



 

78 

2.4 Discussion 

I have shown that during epidermal differentiation, the desmosome 

recruits a group of centrosomal and microtubule-associated proteins to the cell 

cortex. One of these proteins, Lis1, has two functions at the cell cortex. The first 

is a role in microtubule organization downstream of the desmosome. The second 

is an unexpected role in desmosome stability.  

Although many differentiated cell types undergo microtubule 

reorganization into noncentrosomal arrays, little is known about the mechanism 

underlying this change. The work presented here suggests that during epidermal 

differentiation, a subset of centrosomal proteins is actively recruited to 

desmosomes to promote cortical microtubule reorganization. This includes ninein 

and Ndel1, both of which have previously been implicated in microtubule 

anchoring to the centrosome (Guo et al., 2006; Mogensen et al., 2000). It also 

includes  CLIP170 and Lis1, both of which interact with and stabilize 

microtubules (Coquelle et al., 2002; Diamantopoulos et al., 1999; Faulkner et al., 

2000; Perez et al., 1999; Sapir et al., 1997). I suggest that by recruiting these 

proteins, desmosomes specify a cortical zone competent for the stabilization and 

capture of microtubules. This could be mediated, in part, through direct 

interactions with microtubules, but may also involve recruitment of additional 

factors that can stabilize and/or tether microtubules near the cell cortex.  

Loss of ninein from the centrosome has been reported not only in the 

epidermis, but also in neurons, muscle cells, and pillar cells of the inner ear 
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(Bugnard et al., 2005; Mogensen et al., 2000; Ohama and Hayashi, 2009). This 

suggests that a common mechanism of microtubule reorganization involves 

specific loss of proteins and functions of the centrosome. Neither the 

developmental cues nor the signaling pathways that regulate this process are 

known in mammals. In the Drosophila melanogaster trachea, a noncentrosomal 

array of microtubules is generated through displacement of microtubule-

nucleating proteins from the centrosome to the cell cortex (Brodu et al., 2010). 

Loss of these proteins from the centrosome requires the microtubule-severing 

protein spastin. It will be interesting to determine whether similar pathways affect 

the localization of microtubule-anchoring proteins in mammals. 

The recruitment of ninein/Ndel1/Lis1/CLIP170 to desmosomes requires 

the linker protein DP. In DP-null epidermis and keratinocytes, these proteins 

never get recruited to the cell cortex. Because other desmosomal proteins and 

the desmosomal plaque remain largely intact in the DP-null epidermis, this 

strongly implicates DP in the direct recruitment of the centrosomal proteins. 

Additionally, the recruitment of the centrosomal proteins is dependent on one of 

the two predominant isoforms of DP, DPI. Although DPI and DPII have structural 

differences, we believe this to be the first report of a functional different between 

these proteins (O'Keefe et al., 1989). It is tempting to speculate that cells may 

control desmosome function by regulating the splicing of the two isoforms of DP. 

Although different tissues have different ratios of DPI versus DPII, we do not 

currently have cellular resolution of the expression patterns and localizations of 
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both of these proteins. However, as previously mentioned, a single human case 

involving specific loss of the DPI isoform has been reported and resulted in 

cardiac and skin defects, leading to lethality (Uzumcu et al., 2006). Whereas part 

of this phenotype may be a result of decreased levels of total DP in some 

tissues, the levels of DP in the epidermis appeared normal, yet a phenotype 

persisted. These data highlight functional relevance for the two DP isoforms in 

humans. 

Although Lis1 function has been studied in detail during neural 

development, its role in epithelial tissues has not been well characterized. In this 

study, we have shown that Liis1 translocates from the centrosome to 

desmosomes upon epidermal differentiation. Lis1 appears to have two distinct 

functions in differentiated epidermis. First, it is required for the generation of 

cortical microtubules and is only the second protein (after DP) known to be 

essential for this process. Whether Lis1’s desmosomal localization or its 

microtubule-binding activity is necessary for its role in cortical microtubule 

organization will require the generation of separation of function mutations that 

can specifically eliminate this activity. 

The second and more unexpected finding was that loss of Lis1 results in 

severe desmosome defects. Lis1-null desmosomes are less robust, have fewer 

connections to keratin filaments, and undergo faster and more complete 

turnover. Because of this, loss of Lis1 partially phenocopies the loss of other 

desmosomal proteins. Human mutations in almost all of the known desmosomal 
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genes have been identified that result in disease, either cutaneous or cardiac or 

both. Lis1 is unlikely to be included in this group because haploinsufficiency of 

this gene results in severe brain abnormalities (Hirotsune et al., 1998). However, 

it will be important to determine whether mutations in ninein/Ndel1/CLIP170 can 

modulate desmosome-related disease. 

Although it is tempting to speculate that the desmosome defects are 

secondary to microtubule defects, this is not supported by data in the literature or 

our own observations (Pasdar et al., 1992). Treatment of cells with nocodazole to 

disrupt microtubules does not significantly affect desmosome stability. In 

addition, turnover of DP as measured by FRAP does not increase in nocodazole-

treated cells. This suggests that Lis1 has another function. Our data demonstrate 

that Lis1 stabilizes the desmosome at the cortex, preventing its turnover. Similar 

to desmosomal components in low calcium conditions, in which desmosomal 

cadherins cannot form productive interactions, the Lis1-null cells show low 

surface pools of desmosomal cadherins, high turnover of DP, and increased 

degradation of both transmembrane and plaque components. It may do this in a 

variety of ways, including directly affecting clustering of components of regulating 

the endocytosis of desmosomal components.  

One of the most well-characterized interacting partners of Lis1 is Ndel1, 

initially identified in screens for nuclear distribution mutants in Aspergillus. These 

evolutionarily conserved proteins have been shown to form a complex with 

dynein to control cell migration, especially in neurons (Sasaki et al., 2000). The 
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ability of Lis1 and Ndel1 to interact with dynein heavy chain may provide a 

mechanism for how Lis1 organizes microtubules. This will be discussed more in 

the next section. However, Ndel1 has also emerged as an integrator of several 

cytoskeletal networks. Neurofilaments, a type of intermediate filament protein, 

comprise part of the main cytoskeletal network in the axons and dendrites of 

central nervous system neurons. Although intermediate filaments can self-

assemble, Ndel1 has been shown to facilitate neurofilament polymerization by 

binding to the neurofilament light subunit. Loss of Ndel1 results in destabilized 

neurofilaments, and ultimately, neurodegeneration (Nguyen et al., 2004). 

Additionally, Ndel1 has been shown to bind vimentin and to be required for its 

transport through dynein. Proper transport of vimentin is required for 

neuritogenesis (Shim et al., 2008). Finally, Ndel1 associates with another 

intermediate filament protein, lamin B, in the mitotic spindle The lamin B matrix is 

required for proper microtubule organization into a spindle. Ndel1 interacts with 

lamin B in the spindle, and both the lamin B matrix and spindle organization are 

perturbed when Ndel1 is depleted from cells (Ma et al., 2009).  This occurs in a 

dynein-dependent manner. Therefore, Ndel1 and dynein cooperate to organize 

the intermediate filament lamin B network, which in turn, is required for proper 

microtubule spindle organization. Similar mechanisms for Ndel1-mediated 

intermediate filament organization may exist in the epidermis. We have seen that 

loss of Lis1 results in loss of Ndel1 from the cell cortex (unpublished data). 

Therefore, Lis1 is required for Ndel1 recruitment to the desmosome. Ndel1 could 
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act locally at the desmosome to promote intermediate filament assembly or 

attachment. Whether attachment of keratin filaments to the desmosome is 

required for proper desmosome stability is unclear. Embryos that are null for the 

entire keratin superfamily had smaller, mislocalized desmosomes (Vijayaraj et 

al., 2009), suggesting that keratin filaments are required for the proper 

localization and structure of the desmosome. Furthermore, embryos that are null 

for DP, and therefore lack attachment of intermediate filaments, show defects in 

desmosome assembly and stabilization(Gallicano et al., 1998), again suggesting 

that the desmosomal connection to the intermediate filament cytoskeleton is 

important to maintain desmosomes. Additionally, if Ndel1 can interact with keratin 

filament precursors on microtubules similarly to its interactions with the lamin B 

subunits, the disorganization of microtubules in the Lis1 cKO may result in the 

inability for Ndel1 and the keratin filament precursors to be properly transported 

to the cell cortex. This could be dependent or independent of Ndel1’s ability to 

interact with dynein. 

Lis1 and Ndel1 have been shown to form a complex with dynein. Ndel1 

can recruit both Lis1 and dynein to the centrosome (Guo et al., 2006), where Lis1 

and Ndel1 may cooperate to regulate dynein force production (McKenney et al., 

2010). Lis1 is thought to prolong the interaction of dynein with microtubules, 

where it can cooperate with Ndel1 to create a sustained force production with 

dynein. In addition, the Lis1-binding protein CLIP170 can also bind to and 

localize dynein to microtubule plus ends. Loss of Lis1 could result in the 
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mislocalization of CLIP170 and Ndel1, and in turn, the misregulation of dynein. 

Proper dynein function is required for organelle transport and has been shown to 

be involved in vesicle recycling (Driskell et al., 2007). Misregulation of dynein 

upon loss of Lis1 could result in mistargeting of organelles or proteins or in 

defects in the recycling and endocytosis of desmosomal proteins. Therefore, 

when desmosomal proteins are internalized, they may not be properly recycled 

back to the surface but sent to the lysosome for degradation. In fact, 

desmosomal components in Lis1-null keratinocytes partially colocalized with 

lysosomal markers. That said, we have not observed a strong enrichment of 

dynein at desmosomes, though dynein is present at low levels at the cell cortex. 

This work increases the proteomic complexity and functionality of the 

desmosome and demonstrates additional pathways that control desmosome 

stability. In addition, it establishes an excellent model in which to study the 

mechanism and function of noncentrosomal microtubule arrays. 
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3. Cortical Microtubules Potentiate Cell Adhesion 
and Barrier Formation in the Epidermis



 

87 

3.1 Introduction 

Although the recruitment of Lis1 is necessary for reorganization of 

microtubules to the cell cortex, it is not sufficient for cortical microtubules to form. 

In the cells of the spinous layer (the first stage in terminal differentiation of the 

epidermis), the centrosome no longer acts as an MTOC, and this is associated 

with the loss of ninein, Lis1, and Ndel1 from the centrosome and its recruitment 

to cell junctions. However, microtubules are not strongly recruited to cell 

junctions in these cells. Similarly, in cultured cells, centrosomal proteins are 

recruited to cell junctions within hours of calcium addition, yet cortical 

microtubules require days to form and are not as robust as in vivo. 

A number of genomic studies have reported increased expression of 

various microtubule-associated proteins in the differentiated and/or granular 

layers of the mouse or human epidermis. These include MAP2, MAP4, MAP7, 

and tau (Fabre-Jonca et al., 1999; Mattiuzzo et al., 2011; Patel et al., 2006; 

Raymond et al., 2008). Furthermore, microtubules in noncentrosomal arrays are 

often more stable than those in centrosomal arrays (Bulinski and Gundersen, 

1991; Gundersen and Bulinski, 1986). In this chapter, I explore whether the 

expression of microtubule-associated proteins and the stabilization of 

microtubules can induce reorganization of the microtubule array. I developed a 

cell culture system where we can induce cortical microtubule organization and 

test the functional consequences of having cortical microtubules. I demonstrate 

that cortical microtubules function to increase epithelial sheet integrity by 
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mediating the engagement and stabilization of adherens junctions in a myosin-

dependent manner. In turn, the adherens junctions promote increased tight 

junction activity, allowing differentiating epidermal cells to form a robust barrier. 

3.2 Materials and methods 

Cell culture 

All keratinocyte cell lines were grown at 37°C, 7.5 % CO2 in E low Ca2+ 

media. DP and α-catenin cKO keratinocytes were isolated and established from 

backskins of newborn mice of the appropriate genotype (Vasioukhin et al., 

2001a; Vasioukhin et al., 2001b). When necessary, cells were transfected at 85-

90% confluence using TransIT-LT1 transfection reagent (Mirus). 24 h after 

transfection, or when transfection was not required, once the cells were 

confluent, they were induced to differentiate by adding calcium to 1.2 mM. In 

microtubule organization assays, taxol was added 24 h after induction of 

differentiation for 1 h at 10 µM. Control cells were treated with DMSO. 

E-cadherin inhibitory antibody treatment 

WT cells that were in 1.2 mM calcium for 24 h were treated with the E-

cadherin inhibitory antibody DECMA-1 (Abcam) at a concentration of 3 µg/ml of 

media. Control samples were treated with normal rat serum at a comparable 

concentration. Cells were treated for 1 h before adding taxol. 

Immunofluorescence staining 

Keratinocytes were grown on glass coverslips (VWR, 12-mm-round no. 1) 

in E low Ca2+ media until confluent. Cells were induced to differentiate and form 
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junctions by adding calcium to the media to 1.2 mM. After 24 h, the cells were 

fixed in methanol for 2 min at -20°C. For staining in tissue sections, 8 µm 

sections were cut and fixed in 4% PFA for 8 min. Antibodies used were rabbit 

anti-tau (Sigma), rabbit anti-occludin (Abcam), mouse anti-β-tubulin (Sigma), 

mouse anti β-catenin (Sigma), rat anti-α18 (α-catenin, gift from A. Nagafuchi), rat 

anti-E-cadherin (gift from C. Jamora), rabbit anti-α-catenin (Sigma), rabbit anti-

Lis1 (Santa Cruz), and rabbit anti-vinculin (Sigma). Images were collected using 

a Zeiss AxioImager Z1 microscope with Apotome attachment, 63x 1.4 NA Plan 

Apochromat objective or 40x 1.3 NA EC Plan NEOFLUAR objective, Axiocam 

MRm camera and Axiovision software. Immersion oil was Immersol 518F (Carl 

Zeiss) and coverslips (VWR) were no. 1.5 for tissue sections and 12 mm round 

no. 1 for cultured cells. Imaging was performed at room temperature. Photoshop 

(Adobe) was used for post-acquisition processing of brightness and contrast. 

Fluorescence intensity was measured using the Profile tool in the Axiovision 

software. The two peak pixel values at each side of the cell were used as cortical 

values, and the average of the cytoplasmic values was taken. 

FRAP analysis 

Mouse keratinocytes were grown on 35 mm glass-bottom culture dishes 

no. 1.5 (MatTek Corporation). Cells were transfected with each GFP construct 

using TransIT-LT1 transfection reagent (Mirus) and were induced to differentiate 

24 h after transfection. 24 h after calcium addition, the cells were imaged. Cells 

were mounted on a temperature-controlled stage for 10-30 min to allow them to 
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equilibrate. Confocal scanning light microscopy was performed using a Zeiss 

LSM 710 with a 63x oil immersion objective, NA 1.4. The pinhole size was 478 

µm. All EGFP fusion proteins were excited using the argon 488-nm laser line and 

emission gated between 493 and 598 nm. FRAP experiments were performed 

using the Regions, Bleaching, and Time series modules of ZEN software (Zeiss). 

A region of interest to be bleached was defined, and 75% laser power at the 

appropriate wavelength for 3 iterations was used to bleach signals. After 

bleaching, images were acquired within the same focal plane at regular intervals 

(3 to 10 s) to monitor recovery. The mean fluorescence intensity of each region 

was logged for each time point in the ZEN software. For each image, a region 

was drawn away from a transfected cell and served as a background control. 

Observation bleaching was not observed, as determined by examining the 

fluorescence intensity over time of an unbleached region. Percent recovery was 

calculated by normalizing fluorescence intensity to background intensity, then 

normalizing intensity at each time point to initial intensity. Mobile fraction was 

determined as Mf=Imax-I0/1-I0, where Imax is the maximum fluorescence intensity 

reached after photobleaching and I0 is the initial fluorescence intensity 

immediately after photobleaching (Shen et al., 2008). 

Transmission EM 

Processing cell monolayers for ultrastructure analysis was adapted from 

previous studies (Reipert et al., 2008). Keratinocytes were grown in Falcon Easy 

Grip 35 mm culture dishes (BD). Once confluent, calcium was added to 1.2 mM, 
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and cells were fixed 24 h after calcium addition. Monolayers were washed with 

PBS, then 4% EM-grade glutaraldehyde was added to the cells. They were 

rapidly fixed by microwave using a Pelco Biowave Pro microwave (Ted Pella, 

Inc.). The microwave frequency was 2.45 GHz and the power used was 108.5 W. 

Pulsed fixation was used with a setting of 1 min on, 1 min off, 1 min on. Following 

fixation, the cells were washed twice in 0.1 M sodium cacodylate buffer for 5 min 

each. Next 1% osmium tetroxide was added to the cells for 15 min, and the cells 

were washed 3 times with 0.11 M veronal acetate buffer for 3 min each. En bloc 

stain was added for 15 min, and the cells were washed twice in 0.11 M veronal 

acetate buffer for 3 min each. Next, the cell monolayers were dehydrated in a 

series of 70, 95, and 100% ethanol for 5 min for each step. Cell monolayers were 

incubated in 50% Spurr resin in 100% ethanol for 30 min, changed once and 

incubated for an additional 15 min. Finally, 100% Spurr resin was added to the 

cells and incubated for 30 min, the resin was changed and incubated for an 

additional 30 min. Molds were filled with Spurr resin and placed on top of the cell 

monolayer. Once polymerized, the molds were peeled from the resin, removing 

the cell monolayer with it. After sectioning, samples were imaged with a Phillips 

CM12 TEM run at 80 kV with an AMT XR60 camera. AMT 2Vu software was 

used for image acquisition. 

Cell sheet integrity assays 

Mouse keratinocytes were grown in 6-well dishes to confluence, then 

calcium was added to 1.2 mM. 24 h after calcium addition, cells were treated with 
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drug for 1 h, then a 1:1 mixture of dispase II in PBS was added to the cells for 1 h 

at 37°C. When the cells had lifted off of the dish in a confluent sheet, they were 

subjected to mechanical disruption by pipetting up and down a set number of 

times. The number of sheet fragments was counted. 

Transepithelial resistance (TER) 

Cells were grown to confluence in 12-well Transwell dishes, pore size 0.4 

µm (Corning), and induced to differentiate by addition of calcium to 1.2 mM. 24 h 

after calcium addition, taxol was added to cells. 24 h after addition of taxol, TER 

measurements were taken using a MilliCell ERS-2 volt-ohm-meter and probe 

(Millipore). Readings were normalized to blank wells (wells with media but no 

cells) and area. 

Immunoprecipitations 

Keratinocyte lysates were prepared in 50 mM Hepes, pH 7.4, 100 mM 

NaCl, 1 mM MgCl2, 1% Triton X-100, 1 mM DTT with protease inhibitor cocktail. 

After brief sonication, lysates were centrifuged for 5 min at 15,000 g. Soluble 

extracts were removed and added to protein-G sepharose beads (Millipore) pre-

bound to rat anti-E-cadherin antibodies. After incubation for 1 h, beads were 

washed 4 times with lysis buffer, and bound proteins were eluted in Laemmli 

sample buffer and examined by Western blot analysis. 

Biotin barrier assay 

The biotin barrier assay was performed as described previously (Furuse et 

al., 2002). Briefly, 50 µl of a 10 mg/ml solution of NHS-biotin (Sigma) was 
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injected subcutaneously on the backskin of newborn mice in the presence or 

absence of 0.4 mM nocodazole. After 30 min, skin was removed and processed 

for cryosectioning and staining with occluding antibodies and Streptavidin-FITC 

(Invitrogen).  

3.3 Results 

3.3.1 Exogenous expression of MAPs induces microtub ule 
reorganization 

In cultured keratinocytes, centrosomal proteins are recruited to cell 

junctions hours after calcium addition, but cortical microtubules never robustly 

form as they do in differentiated cells in vivo (Figure 3.1 panels A-B, page 95). 

This led us to hypothesize that there is an additional requirement in cells to 

maintain microtubules at the cell cortex. Interestingly, genomic studies have 

reported increased expression of several microtubule-associated proteins in the 

differentiated layers of the epidermis, including MAP2, MAP4, MAP7, and tau 

(Fabre-Jonca et al., 1999; Mattiuzzo et al., 2011; Patel et al., 2006; Raymond et 

al., 2008). The expression of these genes may be regulated by the transcription 

factor Klf4, whose activity regulates epidermal barrier formation (Patel et al., 

2006). I verified the increased expression of tau in differentiating epidermis by 

both immunofluorescent and biochemical analyses. In e17.5 mouse skin, tau was 

clearly upregulated in the differentiated cells of the granular layers of the 

epidermis. Little staining was seen in basal and spinous cells (immediate 

suprabasal; Figure 3.2 panel A, page 96). When isolated epidermis was 
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separated into basal (proliferative) and suprabasal (differentiated) fractions, tau 

levels were significantly higher in the differentiated cell compartment (Figure 3.2 

panel B, page 96). In cultured cells, tau levels were undetectable and did not 

significantly increase within the first 48 h of calcium switch (Figure 3.2 panel C, 

page 96). 
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Figure 3.1: Cortical localization of Lis1 is not su fficient to organize 
microtubules at the cortex. 

(A) Mouse keratinocytes grown in 1.2 mM Ca2+ containing media for 24 hours 
have Lis1 at cell junctions.  Microtubules, however, remain cytoplasmic (B). 

Scale bar, 10 µm. 
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Figure 3.2: Tau expression is upregulated in differ entiated cells in 
vivo. 

(A) Immunofluorescence analysis of Tau (red) in e17.5 mouse embryo 
epidermis.  Hoechst labels DNA (blue), and the dotted line marks the 

basement membrane. (B) Western blot of Tau levels in lysates 
prepared from basal and suprabasal (differentiated) cells of the 

epidermis. (C) Western blot of Tau levels in lysates prepared from 
cultured keratinocytes in high calcium-containing media for 0 h, 24 h, 

or 48 h. 
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To determine whether the expression of tau and/or other MAPs could 

promote the accumulation of cortical microtubules in cultured cells, we 

exogenously expressed MAP2b, MAP4 or tau in cultured keratinocytes. 24 h 

after the addition of calcium to 1.2 mM, I analyzed microtubule organization in the 

cells. Each of these MAPs was sufficient to induce the reorganization of 

microtubules to the cell cortex (Figure 3.3 panels A-C, page 98). In vivo, the 

desmosomal protein DP is required for cortical microtubules to form. Therefore, 

we tested the ability of MAP2b (and MAP4 and tau) to induce cortical 

microtubules in cells lacking DP and found a complete loss of cortical 

reorganization (Figure 3.3 panels D-F, page 98).
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Figure 3.3: Expression of MAP proteins in vitro is sufficient to induce 
microtubule reorganization. 

(A-C) Organization of microtubules in wild-type keratinocytes that were 
transfected with Map2b (A), Map4 (B), or Tau-24 (C).  Transfected cells are 

marked with an asterisk.  (D-F) Organization of microtubules in DP-null cells that 
were transfected with Map2b (D), Map4 (E), or Tau-24 (F).
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3.3.2 Stabilization of microtubules is sufficient t o induce their 
reorganization 

While individual MAPs can have various effects, they are known to 

promote microtubule stabilization (Dehmelt and Halpain, 2005). To determine 

whether microtubule stabilization was sufficient to induce their reorganization in 

cultured keratinocytes, we treated cells with the small molecule taxol, which 

binds to the inside of the microtubule lattice and prevents disassembly. Taxol 

was able to promote cortical microtubules in keratinocytes grown in high calcium-

containing medium (Figure 3.4 panels A-B, page 101). This occurred at doses as 

low as 500 nM, a concentration at which taxol stabilizes microtubules not does 

not substantially lead to their bundling (Derry et al., 1995; Orr et al., 2003). In 

contrast, cortical microtubules did not form in cells grown in low calcium-

containing media or at the free “leading edge” of colonies of cells grown in high 

calcium (Figure 3.4 panels C-D, page 101). These data demonstrate that cell 

contact and adhesion are required for the local recruitment of cortical 

microtubules. Similar to the MAP-induced microtubule reorganization, taxol-

induced reorganization required the desmosomal protein DP but not the 

adherens junction component α-catenin (Figure 3.4 panels E-F, page 101). 

The robust recruitment of microtubules to cell junctions in taxol-treated 

cells allowed us to visualize them ultrastructurally. In agreement with our light 

microscopy data, we saw clear enrichment of microtubules near the cell cortex in 

taxol treated but not control cells. Microtubules came within 50 nm of the 
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desmosomes and were highly enriched in the area 50-200 nm away. They were 

aligned roughly parallel to the plasma membrane (Figure 3.4 panel G, page 101). 

We did not note any specific contact points mediating direct association between 

the desmosome and the microtubules.
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Figure 3.4: Stabilization of microtubules promotes their cortical 
organization . 

(A) Microtubule organization in WT control cells and (B) in cells treated for 1 hour 
with 10 µM taxol (l).  (C) Microtubule organization of taxol-treated keratinocytes 

grown in low-calcium media in which cadherin-based cell adhesions do not form.  
(D) Microtubule organization in a small colony of WT keratinocytes.  Note that 
microtubules accumulate at cell-cell junctions, but not the free leading edge 

(arrows).  (E) Microtubule organization in α-catenin null and (F) DP-null cells.  (G)  
Transmission electron micrograph of a taxol-treated keratinocyte.  Some of the 

microtubules are highlighted in red adjacent to the electron-dense desmosomes.   
All scale bars are 10 µm, except (G) which is 0.5 µm.
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3.3.3 Cortical microtubules increase epithelial she et integrity 

The establishment of a cell culture model that robustly recapitulates the 

microtubule reorganization that is seen in vivo allowed us to study the functional 

consequences of this reorganization. A primary role for the epidermis is to act as 

a mechanical and chemical barrier against the environment. Both desmosomes 

and the associated keratin filament cytoskeleton are essential for this mechanical 

integrity, as are adherens and tight junctions. To determine whether cortical 

microtubules are important for the mechanical properties of keratinocytes, we 

tested the integrity of isolated epidermal sheets. Using dispase, confluent, 

adherent sheets of cells were released from the underlying substrate. The sheets 

were then subjected to mechanical stress, resulting in fragmentation (Figure 3.5 

panel A, page 103). Quantitation of the number of fragments was used to 

determine the mechanical and cell adhesive properties of the sheets. Upon taxol 

treatment, epidermal sheets became significantly more resistant to mechanical 

disruption, while nocodazole treatment had little effect (Figure 3.5 panels B-C, 

page 103). These data demonstrate that cortical microtubules promote the 

integrity of epidermal sheets, while the cytoplasmic arrays make little contribution 

to mechanical strength. 
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Figure 3.5: Cortical microtubules increase epiderma l sheet integrity . 

(A and B) Epidermal sheet fragments resulting from mechanical disruption 
of either untreated (A) or taxol-treated (B) keratinocytes, as indicated. (C) 
Quantitation of sheet fragments resulting from mechanical disruption of 

keratinocyte monolayers. p=0.0017 for control versus taxol treatment, n=5 for 
control, 7 for taxol treatment.
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3.3.4 Cortical microtubules induce changes in adher ens junction 
composition 

Tissue integrity is mediated by cell-cell adhesions and their connection to 

the underlying cytoskeleton. As described below, I have identified alterations in 

all cell-cell adhesion structures tested. I begin with a description of adherens 

junctions, which undergo robust alterations in response to cortical microtubules. 

Immunofluorescence analysis of β-catenin, a core component of the adherens 

junction, revealed increased cortical intensity after taxol treatment (Figure 3.6 

panels A-B, page 106). Quantitation of the cortical:cytoplasmic ratio of 

fluorescence intensity confirmed a significant increase in the cortical pool of β-

catenin (Figure 3.6 panel C, page 106). I did not detect significant increases in 

either E-cadherin or α-catenin at cell junctions (Figure 3.6 panels D-E, page 106). 

However, when E-cadherin was immunoprecipitated from taxol-treated cells, an 

increase in β-catenin association was noted as compared to control cells, again 

supporting a change in adherens junctions upon microtubule reorganization 

(Figure 3.6 panel F, page 106). In addition, we noted increased association of a 

number of actin-binding proteins in the E-cadherin immunoprecipitates, including 

both vinculin and α-actinin. In the case of α-actinin, this change was also seen by 

immunofluorescence analysis, whereas vinculin levels did not significantly 

change at the cortex (data not shown). This suggests that local vinculin pools 

become more engaged with adherens junction complexes, allowing a more 

robust attachment to the underlying actin network. Therefore, cortical 
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microtubules induce a significant change in E-cadherin complexes. These 

changes required α-catenin, as the increased association of β-catenin with E-

cadherin was lost in α-catenin null cells (Figure 3.6 panel G, page 106). 
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Figure 3.6: Cortical microtubules induce changes in  adherens 
junction composition.
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Figure 3.6 cont. from page 106 
(A, B) Immunofluorescent analysis of β-catenin localization in control (A) 

and taxol-treated (B) cells. (C) Quantitation of the cortical:cytoplasmic intensity 
measurements of β-catenin in control and taxol-treated cells.  p=0.014, n=200 
cells. (D) Quantitation of the cortical:cytoplasmic intensity measurements of α-

catenin in control and taxol-treated cells. There is no statistically significant 
difference. (E) Quantitation of the cortical:cytoplasmic intensity measurements of 
E-cadherin in control and taxol-treated cells. There is no statistically significant 

difference. (F) Analysis of E-cadherin immunoprecipitates from control and taxol-
treated WT cells.  Proteins were subjected to western blot analysis with E-
cadherin, β-catenin, α-catenin, and vinculin antibodies.  (G) Analysis of E-
cadherin immunoprecipitates from control and taxol-treated α-catenin-null 

keratinocytes. Proteins were subjected to western blot analysis with E-cadherin, 
β-catenin, and vinculin antibodies.
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3.3.5 Adherens junctions become engaged upon cortic al microtubule 
organization 

Recent work has demonstrated that adherens junctions function as 

mechanosensors (le Duc et al., 2010; Yonemura et al., 2010). This has been 

proposed to involve conformational changes in α-catenin, allowing increased 

interaction with vinculin and/or other actin-binding proteins (Yonemura et al., 

2010). The changes we observed in E-cadherin immunoprecipitates were 

consistent with engaged adherens junctions. A monoclonal antibody to α-catenin, 

α18, recognizes a conformation of the protein that is induced by tension. In wild-

type keratinocytes, there was sparse labeling of cell contacts with the α18 

antibody (Figure 3.7 panel A, page 109). Upon taxol treatment, staining of α18 at 

junctions became robust, suggesting a conformational change of α-catenin or an 

alteration in its association with other proteins (Figure 3.7 panel B, page 109). 

Because the α18 epitope is thought to be tension-sensitive, we tested whether 

blebbistatin, an inhibitor of non-muscle myosin II, prevented its appearance 

(Straight et al., 2003). Upon addition of blebbistatin to taxol treated cells, α18 

staining was lost (Figure 3.7 panel C, page 109). Additionally, in cells devoid of 

myosin IIA, taxol treatment did not cause an increase in α18 staining (Figure 3.7 

panels D-G, page 109). 
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Figure 3.7: Cortical microtubules induce the tensio n-dependent 
conformation of α-catenin. 

(A-C) Immunofluorescence analysis of wild-type cells with the α18 
antibody, which recognizes a tension-dependent conformation of α-catenin.  

Control cells (A), taxol-treated cells (B) and taxol plus blebbistatin-treated cells 
(C) are shown. Scale bar, 10 µm. (D-G) Immunofluorescence analysis of Myosin-
IIA fl/fl cells with the α18 antibody. (D and E) Control cells not infected with Cre 
treated with DMSO (D) or taxol (E). (F and G) Cells infected with adenoviral-Cre 

to knockout myosin-IIA and treated with DMSO (F) or taxol (G). 
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Consistent with the findings that myosin II is required for the engagement 

of adherens junctions, we noted an increase in cortical localization of myosin IIA 

after taxol treatment (Figure 3.8 panels A-B, page 111). In contrast, no significant 

difference was noted in the localization (data not shown) or the total levels of 

phospho-myosin light chain (Figure 3.8 panel C, page 111). The increased levels 

of myosin IIA at cell junctions also required desmosomes (Figure 3.9 panels A-B, 

page 112). However, disrupting the actin cytoskeleton or inhibiting myosin motor 

activity did not affect myosin IIA localization (Figure 3.9 panels C-H, page 112). 

Therefore a microtubule-dependent but actin-independent pathway is responsible 

for the increased accumulation of myosin IIA at cell junctions.
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Figure 3.8: Analysis of myosin IIA localization upo n cortical 
microtubule organization. 

(A and B) WT mouse keratinocytes were treated with DMSO (A) or taxol 
(B) for 1 before fixing. Cells were stained for myosin heavy chain II A (MHCIIA). 

(C) Western blot of phosphorylated myosin levels upon cortical microtubule 
organization. 
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Figure 3.9: Analysis of the requirements for myosin  IIA enrichment 

upon taxol treatment.
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Figure 3.9 cont. from page 112 
(A and B) DP-null keratinocytes were treated with DMSO (A) or taxol (B) 

for 1 h before fixing. Cells were stained for myosin IIA. Note the lack of cortical 
enrichment after taxol treatment. (C and D) WT keratinocytes were treated with 

the actin-disrupting drug latrunculin A (Lat A) in the absence (C) or presence (D) 
of taxol and stained for MHCII-A. (E and F) WT keratinocytes were treated with 

the myosin II inhibitor Blebbistatin in the absence (E) or presence (F) of taxol. (G 
and H) WT keratinocytes were treated with the ROCK inhibitor Y27632 in the 

absence (G) or presence (H) of taxol. Scale bar, 10 µm.
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Engagement of adherens junctions has been shown to stabilize α-catenin 

at the cell cortex. To determine whether this occurred in cells with cortical 

microtubules, I performed FRAP on control and taxol-treated cells expressing α-

catenin-GFP. While α-catenin turnover was evident in control cells, this turnover 

was reduced in taxol-treated cells (Figure 3.10 panels A-B, page 115). 

Quantitation of the mobile fraction revealed a significant decrease (Figure 3.10 

panel C, page 115). Cortical microtubule-induced stabilization of α-catenin-GFP 

at the cell cortex required myosin II activity, as treatment with blebbistatin 

inhibited taxol’s stabilizing effect (Figure 3.10 panel C, page 115). In contrast, E-

cadherin turnover did not change upon taxol treatment (Figure 3.10 panel D, 

page 115). In total, these data are consistent with increased engagement of 

adherens junctions in response to increased myosin II-dependent tension upon 

reorganization of microtubules to the cell cortex.
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Figure 3.10. Cortical microtubules stabilize α-catenin at the cell 
cortex. 

(A) Fluorescence recovery after photobleaching analysis of α-catenin-GFP in 
control and taxol-treated cells.  Shown is a kymograph over 1 minute.  The red 

arrow indicates the time of photobleaching. (B) Fluorescence recovery curves of 
α-catenin-GFP in control or taxol-treated cells. Values are represented as 

percent of initial intensity. n=7 for control cells and n=8 for taxol-treated cells. (C) 
Quantitation of the mobile fraction of α-catenin in control and taxol-treated cells.  
Boxes are 25-75% marks, whiskers are 10-90% marks.  p=0.004, n=7 for control 
and 8 for taxol treatment. (D) Quantitation of the mobile fraction of E-cadherin-
GFP in control and taxol-treated cells. Boxes are 25-75% marks, whiskers are 

10-90% marks. The difference between control and taxol treatment is not 
statistically significant. N=16 for control and n=12 for taxol treatment.
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3.3.6 Cortical microtubules act through adherens ju nctions to 
increase sheet integrity 

To test the functional relevance between changes in adherens junctions 

and increased sheet stability, we exposed control and taxol-treated keratinocytes 

to inhibitory E-cadherin antibodies (DECMA) to disrupt adherens junctions.  

Perturbation of E-cadherin adhesion abrogated the ability of taxol to stabilize 

epithelial sheets. When treated with taxol, these cells did not show an increase in 

mechanical strength (Figure 3.11 panel B, page 117). Under these conditions, E-

cadherin inhibitory antibodies had only a slight effect on adhesion alone. In 

addition, α-catenin-null cells showed no increase in mechanical integrity upon 

taxol treatment (Figure 3.11 panel A, page 117). Importantly, these experiments 

also demonstrate that cortical microtubules do not have a direct stabilizing role 

on their own, as taxol treated α–catenin null cells and E-cadherin inhibitory 

antibody-treated cells have robust cortical microtubules (Figure 3.4 panel E, page 

101 and data not shown). In total, these data demonstrate that cortical 

microtubules promote tissue strength, at least in part, by making adherens 

junctions more robust.  
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Figure 3.11: Cortical microtubules increase epiderm al sheet integrity 
through adherens junctions.  

(A) Quantitation of epidermal sheet stability of α-catenin null cells with and 
without taxol treatment. (B) Quantitation of epidermal sheet stability in cells 

treated with normal rat serum (NRS) in the presence or absence of taxol and 
treated with the E-cadherin inhibitory antibodies, DECMA, in the presence or 

absence of taxol.
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 To test the functional significance of contractility on cortical microtubule-

induced epithelial sheet strengthening, we treated epidermal sheets with a 

myosin II inhibitor. Blebbistatin treatment caused increased fragility of wild-type 

cells and loss of the stabilizing effect of cortical microtubules (Figure 3.12 panel 

A, page 119). The loss of response to taxol was not secondary to defects in the 

microtubule cytoskeleton, as cortical microtubules were present after treatment 

(data not shown). Additionally, in cells devoid of myosin IIA, taxol did not 

increase epidermal sheet integrity (Figure 3.12 panel B, page 119). Thus, cortical 

microtubules act through a myosin II-dependent pathway to engage adherens 

junctions, increasing epidermal strength.
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Figure 3.12: Myosin II contractility is required fo r taxol-induced 
epidermal sheet integrity. 

(A) Quantitation of epidermal sheet stability after treatment with Rho 
kinase inhibitor (Y27632) with or without taxol, or after treatment with the myosin 
II inhibitor (blebbistatin) with or without taxol. (B) Quantitation of epidermal sheet 
stability of Myosin II-A fl/fl cells that have been uninfected or been infected with 

adenoviral-Cre and then DMSO-treated or taxol-treated.
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3.3.7 Cortical microtubules stabilize desmoplakin a t the cortex 

Taxol treatment was not associated with an observable increase in cortical 

staining of desmosomal components (Figure 3.13 panel A, page 121 and data 

not shown). There was, however, a stabilizing effect on desmosome turnover, as 

measured by FRAP analysis of DPI-GFP. The changes in DP turnover appear to 

be dependent on myosin II activity, as blebbistatin abrogated taxol’s effect on DP 

turnover (Figure 3.13 panel B, page 121). Whether this change in DP turnover 

contributes to increased sheet integrity is unclear.
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Figure 3.13: Cortical microtubules stabilize desmop lakin at the cell 
cortex. 

(A) Quantitation of the cortical localization of desmoplakin in control and taxol 
treated keratinocytes. (B) Quantitation of the mobile fraction of desmoplakin-GFP 

in control, taxol treated, blebbistatin treated and blebbistatin plus taxol treated 
cells.   
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3.3.8 Cortical microtubules enhance tight junction activity 

In intact epidermis, cortical microtubules are robust in granular layer cells 

where functional tight junctions also form (Lechler and Fuchs, 2007). Because 

adherens junction components are known to be essential for proper tight junction 

assembly (Gumbiner et al., 1988; Tunggal et al., 2005), we analyzed the effect of 

taxol treatment on tight junction function, as measured by transepithelial 

resistance (TER). TER was measured in both control cells and taxol-treated 

cells. As has been previously reported, TER increased within 24 hours of calcium 

addition (Helfrich et al., 2007). In taxol-treated cells, TER values were double 

those in control cells (Figure 3.14 panel A, page 123). Therefore, cortical 

microtubules promote an increase in tight junction barrier function. No changes in 

tight junction protein staining or ZO1 dynamics were observed (Figure 3.14 

panels B-D, page 123). Importantly, this demonstrates that cortical microtubules 

do not globally alter turnover rates of peripheral membrane proteins.   
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Figure 3.14: Cortical microtubules enhance tight ju nction activity but 
not tight junction protein dynamics. 

(A) Transepithelial resistance measurements were taken of wild-type cells and 
cells treated with taxol. p=.0037, n=9. (B) Quantitation of cortical:cytoplasmic 

fluorescence intensity of the tight junction proteins occludin and ZO-1 in control 
cells and taxol-treated cells. (C) Fluorescence recovery curves of ZO-1-GFP in 
control or taxol-treated WT keratinocytes. Values are represented as percent of 
initial fluorescence intensity. (D) Quantitation of the mobile fraction of ZO-1-GFP 

in control and taxol-treated keratinocytes.
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Cortical microtubules could act directly on tight junctions or they could 

exert their effect through adherens junctions, which are necessary for tight 

junction formation (Gumbiner et al., 1988; Tunggal et al., 2005). To distinguish 

between these possibilities, we determined whether contractility and adherens 

junctions were required for the increase in the tight junction barrier activity. 

Treatment of cells with anti-E-cadherin inhibitory antibodies prevented the 

increase in TER that is normally induced by cortical microtubules (Figure 3.15 

panel A, page 125). These data suggest that adherens junctions are essential for 

the microtubule-induced increase in TER. To further determine whether 

contractility was important for this effect, we treated cells with blebbistatin in the 

absence or presence of taxol. We did not observe an increase in TER in taxol 

plus blebbistatin-treated cells, suggesting that myosin activity is also required for 

the increase in tight junction barrier activity (Figure 3.15 panel A, page 125). In 

addition, TER did not increase upon taxol treatment in myosin IIA-null 

keratinocytes (Figure 3.15 panel B, page 125). While we cannot rule out more 

direct effects of the cortical microtubules on tight junctions, our data is consistent 

with the status of the adherens junction, rather than just its formation, in 

controlling tight junction activity. 
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Figure 3.15: Cortical microtubules act through adhe rens junctions to 
increase tight junction activity. 

(A) Transepithelial resistance readings were taken for WT keratinocytes treated 
with the E-cadherin inhibitory antibody DECMA in the presence or absence of 

taxol or with blebbistatin in the presence or absence of taxol. (B) Transepithelial 
resistance readings were taken for Myosin IIA fl/fl keratinocytes in the presence 

or absence of Cre and taxol. **, p=.007 for –Cre versus –Cre plus taxol.
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 If cortical microtubules normally act to enhance tight junctions, a decrease 

in tight junction activity would be expected upon loss of the microtubules in vivo. 

To test this, we subcutaneously injected nocodazole (to disrupt cortical 

microtubules in the granular layer) in newborn wild-type mice. We also injected 

biotin tracer, which normally diffuses through the epidermis up to the granular 

layer where occludin-containing tight junctions block their movement. In the 

presence of nocodazole, we saw increased diffusion of the biotin past occludin 

puncta, which was never seen in the control sample (Figure 3.16 panels A-B, 

page 127). These data indicate that cortical microtubules are important for tight 

junction function in vivo, as they are in cultured cells.
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Figure 3.16: Proper tight junction activity require s cortical 
microtubules in vivo. 

(A and B) In vivo epidermal barrier assay. DMSO (A) or nocodazole (B) 
was injected subcutaneously with a biotin tracer. After 30 minutes, the skin was 

removed, embedded and sectioned for analysis. Streptavidin-FITC (green) 
allowed visualization of the diffusion of the biotin, and occludin (red) puncta mark 

the tight junctions in the granular layer of the epidermis.
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3.4 Discussion 

I propose that microtubule reorganization occurs in a two-step process in 

the epidermis. Upon differentiation and loss of contact with the basement 

membrane, a subset of centrosomal proteins is selectively recruited to the 

desmosomes (Lechler and Fuchs, 2007; Sumigray et al., 2011). Subsequently, 

microtubules are stabilized in the vicinity of desmosomes to promote highly 

cortical arrays. While the molecular details of this stabilization remain to be 

elucidated, I note that MAP2, MAP4 and Tau are each sufficient when 

overexpressed to induce microtubule stabilization and cortical recruitment in 

keratinocytes and all are upregulated during terminal differentiation (Fabre-Jonca 

et al., 1999; Mattiuzzo et al., 2011; Patel et al., 2006; Raymond et al., 2008). It is 

therefore likely that a number of factors act cooperatively to induce microtubule 

stabilization in vivo.   

 Cortical microtubules, in turn, are required for the strengthening of 

adherens junctions. This occurs in a myosin-dependent manner, consistent with 

contractility inducing more robust adherens junctions. The changes in the 

adherens junctions result in both increased mechanical strength of keratinocyte 

sheets and increased tight junction barrier activity. In this way, the reorganization 

of microtubules to the cell cortex in the differentiated cells of the epidermis 

promotes not only mechanical strength of the epidermis but also its barrier 

function.
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4. Desmoplakin Controls Microvilli Length but not C ell 
Adhesion or Keratin Organization in the Intestinal 
Epithelium
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4.1 Introduction 

We have begun to understand the multiple functions of DP in the 

epidermis, where it clearly regulates the intermediate filament cytoskeleton and 

microtubules, and has been implicated in actin cytoskeleton organization (Lechler 

and Fuchs, 2007; Vasioukhin et al., 2001b).  

While the essential function of desmosomes in the stratified squamous 

epithelia of the epidermis is well-defined, little work has been done to study their 

roles in other tissues, especially simple epithelia. The intestinal epithelium is a 

highly polarized columnar epithelium with junctional complexes localized to a 

subapical region of the cell; the tight junction is most apical, followed by the 

adherens junction, and finally the desmosome (Figure 4.1, page 131). 
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Figure 4.1: Junctional localization in a simple epi thelium.  

Cell-cell junctions are localized to a subapical region of the cell. TJ, tight junction; 
AJ, adherens junction; De, desmosome.



 

132 

The intestinal epithelium is exposed to several sources of physical forces. 

These include villus motility, where the villi spontaneously and repetitively 

contract (Womack et al., 1987), peristalsis, and shear stress from the contents of 

the intestinal lumen. In each of these cases, the intestine must resist the forces 

to maintain an intact epithelial sheet. Maintaining an intact epithelium requires 

functional cell-cell junctions (Schneider et al., 2010). The junctional complex 

anchors cytoskeletal networks to the subapical membrane, where they integrate 

to form the terminal web. The terminal web is important in maintaining and 

supporting the microvilli that extend from the apical surface of the cell (Karagiosis 

and Ready, 2004; Saotome et al., 2004). Importantly, keratins, which are 

tethered to the desmosome, have been implicated in organizing the subapical 

region of the cell and to be important in cell polarity and proper organization of 

the apical region of cells (Ameen et al., 2001; Salas et al., 1997). In the intestine 

of keratin 8-null mice, where keratin 8 is the major type II intermediate filament 

available, several normally apically localized proteins were mislocalized (Ameen 

et al., 2001). In another study, cells that had decreased expression of keratin 19 

showed defects in actin organization, including a decrease in the number of 

microvilli, microtubule organization, and apical protein localization (Salas et al., 

1997). These results demonstrate the importance of the keratin cytoskeleton in 

cell polarity and proper apical domain maintenance. Whether the attachment of 

keratin to the desmosome is critical for these functions is unclear. 
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How desmosomes contribute to both cell-cell adhesion and cytoskeletal 

organization in the small intestine is not known. In this chapter, I addressed this 

question by generating intestinal epithelial-specific DP knockout mice using the 

Villin-Cre transgene. My data reveal a role for DP in maintaining the shape and 

length of actin-rich microvilli. Surprisingly, however, DP is dispensable for tissue 

integrity, cell-cell adhesion, and the apical accumulation of keratin. 

4.2 Materials and methods 

Immunofluorescence staining 

For all analysis, the proximal small intestine was used. The most proximal 

3-4 cm was removed from the mouse, flushed with cold PBS, and cut open so 

that the epithelial layer was exposed. The intestine was mounted onto brown 

paper towel with the intestinal wall side down, and embed in optimal cutting 

temperature orthogonal to the mold. 8 µm thick tissue sections were fixed in 4% 

PFA for 8 min at room temperature, or methanol for 2 min at -20°C, or acetone 

for 2 min at -20°C. For visualization of microtubul es, the tissue was fixed in 80 

mM PIPES, pH 6.9, 75 mM NaCl, 3 mM MgCl2, 1 mM CaCl2, 0.5% Triton X-100, 

3% PFA, and 0.5% glutaraldehyde for 30 min at 37°C.  After washing in PBS, the 

tissue was treated with sodium borohydride for 15 min at room temperature. After 

extensive washing, the tissue was embed in optimal cutting temperature. For 

Lis1 staining, tissue sections were fixed in acetone for 2 min at -20°C. All wash 

and blocking steps were performed in PBS with 1% Triton X-100. Primary 

antibody was incubated for 1 h. Primary antibodies used were mouse anti-DP I/II 
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(Millipore), rat anti-β4 integrin (BD), rabbit anti-γ-catenin (Santa Cruz 

Biotechnology, Inc.), rat anti-E-cadherin (gift from C. Jamora), rabbit anti-ZO1 

(Invitrogen), rabbit anti keratin-18 (gift from E. Fuchs), mouse anti-β-tubulin 

(Sigma-Aldrich), rabbit anti-ninein (gift from J. Rattner), rabbit anti-Lis1 (Santa 

Cruz Biotechnology, Inc.), rabbit anti-myosin heavy chain IIA (Covance), and 

rabbit anti-myosin heavy chain IIC (Covance). 

Biotin barrier assay 

The biotin barrier assay was adapted from previous reports (Furuse et al., 

2002). The most proximal 2 cm of the intestine was flushed with cold PBS. 50 µl 

of a 1 mg/ml solution of sulfo-NHS-biotin (Sigma) was injected into the lumen of 

the intestine of WT and DP cKO intestine. For the positive control, a WT intestine 

was injected with 40 µl of a 1 mg/ml solution of sulfo-NHS-biotin in the presence 

of 2 mM EGTA. After 30 min, the intestines were flushed with cold PBS and 

processed for cryosectioning and staining with ZO-1 antibodies and Streptavidin-

FITC (Invitrogen).  

Transmission electron microscopy 

Proximal small intestines from mice were isolated, opened longitudinally, 

and fixed in a solution of 2% glutaraldehyde, 4% PFA, 1 mM CaCl2, and 0.05 M 

cacodylate, pH 7.4, for 1 h at room temperature and then overnight at 4°C. 

Samples were washed in 0.1 M sodium cacodylate buffer containing 7.5% 

sucrose. Samples were postfixed in 1% osmium tetroxide in 0.15 M sodium 

cacodylate buffer for 1 h and then washed in two changes of 0.11 M veronal 
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acetate buffer for 15 min each. Samples were placed into en bloc stain (0.5% 

uranyl acetate in veronal acetate buffer) for 1 h, washed in veronal acetate 

buffer, and then dehydrated in a series of 70, 95, and 100% ethanol. Samples 

were placed into propylene oxide for two changes of 5 min each and then placed 

into a 1:1 mixture of propylene oxide and Epon resin monomer for 1 h. Finally, 

the 1:1 mixture was replaced with 100% Epon embedding medium for 30 min. 

After sectioning, samples were imaged with a CM12 transmission electron 

microscope (Phillips) run at 80 kV with an XR60 camera (Advanced Microscopy 

Techniques). 2Vu software (Advanced Microscopy Techniques) was used for 

image acquisition. 

Scanning electron microscopy 

Proximal small intestines from mice were isolated, opened longitudinally, 

and fixed in a solution of 2% glutaraldehyde, 4% PFA, 1 mM CaCl2, and 0.05 M 

cacodylate, pH 7.4, for 1 h at room temperature and then overnight at 4°C. 

Samples were washed twice with PBS for 10 min each. PBS was removed, and 

1% osmium tetroxide was added to the sample and incubated in the dark for 1 h. 

The samples were rinsed 3 times with PBS for 10 min each. The samples were 

then dehydrated in a series of 30%, 50%, 70%, 90% ethanol each repeated 

twice, and 100% ethanol repeated 3 times for 10 min each. Ethanol was removed 

and tetramethylsilane was added for 10 min, and repeated 3 times. The 

tetramethylsilane was removed, and samples were allowed to air dry for at least 

10 min. Samples were mounted with double-sided 12 mm width carbon tape 
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(Electron Microscopy Sciences) onto aluminum mounts with a slotted head and 

tapered pin (12.7 mm diameter table, 3.1 mm diameter pin, 7 mm height; 

Electron Microscopy Sciences). Samples were sputter coated with gold using a 

Denton Desk IV vacuum sputter coater set to 25% sputter set point and sputtered 

for 360 sec. Samples were imaged on an FEI XL30 SEM-FEG scanning electron 

microscope with the beam set to 10 kV. Scandium software was used to acquire 

images. The slow scan 1 setting was used, and the spot size was set to 3.  

Western blotting 

Intestinal epithelial whole cell lysates were prepared by flushing the 

intestine with cold PBS, opening the intestine longitudinally, and scraping the 

epithelial cells with a square glass coverslip (VWR; no 1.5, 22x22 mm). Laemmli 

sample buffer was added to the cells and boiled for 5 min. Samples were spun 

down, and the supernatant was removed and loaded onto SDS-PAGE gels. 

4.3 Results 

4.3.1 Loss of DP does not alter tissue structure 

To determine the role of DP in simple epithelia like the small intestine, we 

mated DP fl/fl mice with Villin-Cre transgenic mice to create Villin-Cre; DP fl/fl 

mice (hereafter referred to as DP cKO) and then backcrossed them for at least 

four generations into the C57BL/6 background. We confirmed the loss of DP in 

the intestinal epithelium by Western blot and immunofluorescence (Figure 4.2, 

page 137). Loss was specific, as DP was still detected in endothelial and other 

epithelial tissues (data not shown).   
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Figure 4.2: Loss of desmoplakin protein in Villin-C re; DP fl/fl mice. 

(A) DP protein is lost in DP cKO intestinal epithelial cells. β-actin was used as a 
loading control. (B-C) Loss of DP (red) protein by immunofluorescence in tissue 
sections. The basement membrane is marked by β4 integrin (green). Images are 

shown as maximum intensity projections. Scale bar, 20 µm.
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The DP cKO mice were indistinguishable from WT littermates and were 

viable and fertile. There were no overt phenotypes, and the lifespan of DP cKO 

mice was not altered. There were no changes in growth of the mice, body weight, 

or intestine length (data not shown). The morphology of the DP cKO intestine 

was similar to WT intestine, with seemingly no difference between villus or crypt 

architecture in WT or DP cKO intestines (Figure 4.3 panels A-B, page 139). 

Analysis by scanning electron microscopy also revealed regular villi that 

appeared very similar to WT intestine (Figure 4.3 panels C-D, page 139). 

Furthermore, differentiation did not seem to be affected, as the number of Goblet 

cells was comparable between WT and DP cKO. Finally, the amount of 

proliferating cells was not changed by loss of DP (data not shown).
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Figure 4.3: DP cKO intestines are indistinguishable  from WT 
intestines. 

(A and B) H&E of WT (A) and DP cKO (B) small intestines. (C and D) 
Scanning electron micrograph of villi in WT (C) and DP cKO (D) small intestine. 

Scale bar is 200 µm.
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4.3.2 DP is not required for intestinal cell adhesi on 

 Because desmosomal attachment to intermediate filaments is 

important in maintaining epithelial integrity and resisting mechanical stress, we 

first examined cell-cell adhesion in the DP cKO intestine. We expected defects in 

desmosomes, but based on work in the epidermis, hypothesized that there may 

be an adherens junction defect, as well (Vasioukhin et al., 2001b). By 

immunofluorescence analysis, the other desmosomal protein plakoglobin 

localized to cell-cell junctions (Figure 4.4 panels A-B, page 142). Visualization of 

adherens junctions with E-cadherin and tight junctions with ZO-1 revealed no 

changes in the apical junctional complex and revealed contiguous staining of the 

cells (Figure 4.4 panels C-F, page 142). These data suggest that DP is not 

required for cell-cell adhesion in the small intestinal epithelium. This is in sharp 

contrast to the DP cKO epidermis where blisters and intercellular separations are 

common (Vasioukhin et al., 2001b). We confirmed that the barrier function of the 

epithelium was intact in DP cKO intestines by injecting sulfo-NHS-biotin into the 

lumen of the intestine. When the barrier is functional, the biotin cannot move past 

the tight junction; however, when the barrier is compromised, biotin can diffuse 

past the tight junction and move down lateral membranes, as seen in WT 

intestines treated with 2 mM EGTA to disrupt cell-cell adhesion (Figure 4.4 panel 

I, page 142). We did not observe any lateral membrane localization of biotin in 

either the WT or DP cKO intestine, suggesting that DP is not required for barrier 

function of the intestinal epithelium (Figure 4.4 panels G-H, page 142). 
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Consistent with this, no signs of inflammation due to bacterial infection or the 

ability of the bacteria to cross the barrier were noted (data not shown). 
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Figure 4.4: DP is not required for cell-cell adhesi on. 
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Figure 4.4 cont. from page 142 
(A-B) Desmosomal staining by plakoglobin (green) in WT and DP cKO 

intestines. β4 integrin marks the basement membrane (red). (C-D) Adherens 
junction staining by E-cadherin (red) (E-F) Tight junction staining by ZO-1 

(green). Scale bar for (A-F) is shown in panel (F) and is 10 µm. (G-H) Barrier 
assays in WT (G) and DP cKO (H) intestines. Biotin (green) is excluded from the 
lateral membrane in both WT and DP cKO. ZO-1 (red) marks the tight junctions. 
Scale bar is 10 µm. (I) WT intestine was treated with 2 mM EGTA to disrupt cell-
cell junctions. Biotin (green) is at lateral membranes. The basement membrane is 

marked by a white dotted line. All images are shown as maximum intensity 
projections.
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4.3.3 DP is required for keratin anchorage but not localization 

Because DP is required for keratin filament anchorage to the desmosome 

in the epidermis (Vasioukhin et al., 2001b) and cultured cells (Green et al., 1992; 

Stappenbeck and Green, 1992), we examined keratin filament localization in DP 

cKO intestine. In DP cKO intestinal epithelium, desmosomes were present in 

their proper subapical location at each cell-cell junction, confirming our 

immunofluorescence data (Figure 4.5 panels A-B, page 145). However, unlike in 

the WT intestine, keratin filaments were no longer in contact with the desmosome 

(Figure 4.5 panels C-D, page 145). Surprisingly, however, keratin filament 

organization in DP cKO intestine was indistinguishable from keratin organization 

in the WT intestine at the light microscope level (Figure 4.5 panels E-F, page 

145). Despite its lack of attachment to the desmosome, the keratin network was 

enriched in the apical region of the intestine, presumably incorporated into the 

terminal web. Therefore, although DP is required to anchor keratin filaments, it is 

not required to localize the network to the apical region of the cell. 
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Figure 4.5: DP anchors but does not localize kerati n filaments.
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Figure 4.5 cont. from page 145 
(A-B) Transmission electron micrograph of the apical junctional complex in 

WT (A) and DP cKO (B) intestines. TJ, tight junction; AJ, adherens junction; De, 
desmosome. Scale bar is 100 nm. (C-D) Transmission electron microscopy of a 

desmosome in WT (C) and DP cKO (D) intestines. Note the loss of keratin 
filament attachment in DP cKO. Scale bar is 100 nm. (E-F) Immunofluorescence 
of keratin 18 (green) in WT (E) and DP cKO (F) villi. Keratin is enriched apically 

in each sample. Scale bar is 10 µm.  The images are shown as maximum 
intensity projections.
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4.3.4 DP does not organize microtubules in the inte stine 

In addition to its ability to bind intermediate filaments, DP is required for 

microtubule organization in the epidermis (Lechler and Fuchs, 2007). To 

determine whether the same is true in the small intestine, we examined β-tubulin 

staining in the WT and DP cKO mice. In WT enterocytes, microtubules were 

organized along the apicobasal axis. Similarly, microtubules in the DP cKO 

enterocytes maintained the same organization (Figure 4.6 panels A-B, page 

149). Therefore, unlike the epidermis, the small intestine does not utilize DP to 

organize its microtubules. To determine why there might be a difference in 

requirements for microtubule organization in the intestine compared to the 

epidermis, we examined the localization of other proteins implicated in epidermal 

microtubule organization, namely centrosomal proteins that are recruited to the 

desmosome by DP (Lechler and Fuchs, 2007; Sumigray et al., 2011). In the 

differentiated cells of the epidermis, DP recruits centrosomal proteins that are 

involved in microtubule anchoring to the desmosome (Lechler and Fuchs, 2007; 

Sumigray et al., 2011). They have been proposed to act downstream of DP to 

organize microtubules at the cell cortex, and at least one of these proteins is 

required for cortical microtubule organization (Sumigray et al., 2011). As in the 

epidermis, we saw that ninein localized to apical junctions in WT differentiated 

enterocytes (Figure 4.6 panel C, page 149). In contrast, ninein was cytoplasmic 

in DP cKO enterocytes (Figure 4.6 panel D, page 149). Similarly, Lis1, which has 

also been shown to be required for epidermal microtubule organization, was at 
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cell-cell junctions in WT enterocytes, in addition to a large cytoplasmic pool 

(Figure 4.6 panel E, page 149). However, in DP cKO villi, Lis1 was not junctional, 

but was localized to the apical region of the cell (Figure 4.6 panel F, page 149). 

Although DP recruits the same subset of microtubule-associated proteins in the 

intestine as it does in the epidermis, they may not be important in organizing 

microtubules in the small intestine.
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Figure 4.6: DP is not required for microtubule orga nization.
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Figure 4.6 cont. from page 149 
(A-B) α-tubulin (red) staining reveals apico-basal organization of 

microtubules in WT (A) and DP cKO (B) intestines. The basement membrane is 
marked by a white dotted line. Scale bar is 10 µm. (C-D) Immunofluorescence 

staining of the microtubule-anchoring protein ninein (green). Ninein is junctional 
in WT (C) villi but cytoplasmic in DP cKO (D) villi. (E-F) Lis1 (red) staining in WT 

(E) and DP cKO (F) villi. β4 integrin (green) marks the basement membrane. 
Scale bar for (C-F) is in panel (D) and is 10 µm. All images are maximum 

intensity projections.
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4.3.5 Loss of DP results in altered microvillus arc hitecture 

DP has also been implicated in actin cytoskeleton organization 

(Vasioukhin et al., 2001b). To determine whether loss of DP results in actin 

organization defects, we examined phalloidin staining of intestinal sections. 

Phalloidin strongly labels the actin-rich microvilli that make up the brush border, 

as well as the underlying terminal web and the lateral walls. In sections, we saw 

that the phalloidin labeled a thinner region of the apical surface of DP cKO 

intestines compared to WT intestines (Figure 4.7 panels A-B, page 152). The 

lateral staining was not changed, suggesting a specificity for the requirement DP 

in the actin organization in the terminal web or brush border. To further examine 

the structure of the microvilli, we performed transmission electron microscopy. 

Although DP cKO enterocytes maintained microvilli on their apical surfaces, the 

microvilli were shorter than WT microvilli. In addition, the microvilli in DP cKO 

intestines were irregularly shaped and vesiculated (Figure 4.7 panels C-F, page 

152). Interestingly, we observed shortened and irregular microvilli in outbred 

mice, as well. The change in length was not as severe in outbred mice at 3 

months of age compared to age-matched inbred mice, but it had progressively 

worsened when we observed microvilli in 1-year-old mice (Figure 4.8, page 153).  
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Figure 4.7: Loss of DP results in microvilli defect s. 

(A-C) Transmission electron micrographs of the apical surface of WT (A) 
and DP cKO (B-C) enterocytes. The projections off the surface are microvilli. DP 
cKO intestines have short microvilli (B) that are often misshapen (C). Scale bar is 

500 nm. (D) Box and whisker plot of microvilli length. The edges of the box 
represent the 25th and 75th percentile, and the whiskers are the minimum and 
maximum. ***, p<.0001. (E-F) Phalloidin (red) staining on the apical surface of 

WT (E) and DP cKO (F) intestinal cells. Scale bar is 10 µm. Fluorescence images 
are maximum intensity projections.
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Figure 4.8: Loss of DP results in microvilli defect s in outbred mice. 

(A-D) TEM of microvilli in mice on a mixed background. WT (A and C) 
mice have straight, regular microvilli, while DP cKO mice (B and D)  have short 
and often irregular microvilli. The phenotype worsens with age [compare (A and 
B) to (C and D)]. (E) Box and whisker plot of microvilli length in WT and DP cKO 

outbred intestines at 3 mos and 1 yr of age. Boxes represent 25-75%, and 
whiskers represent minimum and maximum. ***, p<.0001 compared to age-

matched WT.
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To rule out the possibility that the microvilli were altered because of 

defects in the terminal web, we examined the protein composition of the terminal 

web in WT and DP cKO intestines. By immunofluorescence staining, all of the 

terminal web components examined were similarly localized in WT and DP cKO 

intestines (Figure 4.9 panels A-F, page 155). Furthermore, by Western blot 

analysis, the proteins were expressed at similar levels (Figure 4.9 panel G, page 

155). Ultrastructurally, the size of the organelle-free zone was slightly decreased 

in DP cKO intestinal cells (Figure 4.9 panel H, page 155). These data suggest 

that there is no gross defect in the terminal web. However, the change in the 

organelle free zone may indicate subtle organization problems that could underlie 

the brush border
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Figure 4.9: DP cKO intestines do not have terminal web defects. 

(A-B) Myosin heavy chain II-C (MHC-IIC, red) in WT and DP cKO villi. The 
basement membrane (green) is marked by β4-integrin. (C-D) Myosin heavy chain 

II-A (MHC-IIA, red) in WT (C) and DP cKO (D) villi. The basement membrane 
(green) is marked by β4 integrin. (E-F) Ezrin (green) localization in WT (E) and 

DP cKO (F) villi. The basement membrane is marked by a white dotted line. The 
scale bar for (A-F) is in panel (B) and is 10 µm. All images are maximum intensity 

projections. (G) Western blots of WT and DP cKO intestinal epithelial cells. (H) 
Quantification from transmission electron micrographs of the organelle free zone 
in WT and DP cKO enterocytes. The edges of each box represent the 25th and 

75th percentile, and the whiskers are the minimum and the maximum. **, 
p=.0003.
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Our study of the role for DP and desmosomes in the small intestine has 

revealed unexpected roles for DP in actin organization; furthermore, DP is not 

required for proper cell-cell adhesion and tissue integrity of the intestinal 

epithelium, in contrast to what has been seen for other tissues exposed to 

mechanical stress, like the epidermis (Vasioukhin et al., 2001b). Therefore, 

desmosomes are not simply static structures important in maintaining cell 

contacts. They are important regulators of several cytoskeletal networks, possibly 

in diverse tissue-specific manners. 

4.4 Discussion 

DP forms a critical link between desmosomes and intermediate filaments 

and is necessary for the desmosome to provide strength to tissues undergoing 

mechanical stress. We have shown that in the intestine, the desmosomal-keratin 

link is dispensable for tissue integrity and cell-cell adhesion. We have, however, 

discovered an unexpected role for DP in the control of microvillar architecture.  

In some tissues, desmosomes organize the intermediate filament 

cytoskeleton and maintain its proper localization within the cell. For example, in 

DP-null keratinocytes, keratin filaments do not form a robust cortical belt like they 

do in WT keratinocytes (Vasioukhin et al., 2001b). Furthermore, in DP-null 

embryos, the normally extensive keratin filament network that extended 

throughout the cytoplasm was reduced to keratin filaments predominantly at the 

cell periphery (Gallicano et al., 1998). Therefore, in other tissues, DP’s 

association with the intermediate filament cytoskeleton is required for the proper 
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organization of the intermediate filament network. This is not the case in the 

small intestine; although loss of DP disrupted keratin’s association with the 

desmosome, the intermediate filament network remained largely undisturbed. It 

still localized to the apical region of the cell, where it was most likely incorporated 

into the terminal web, as it is in WT enterocytes. These data suggest that 

desmosomes are not responsible for proper positioning of the keratin 

cytoskeleton in the small intestine. The keratin cytoskeleton, however, is 

important in organizing the apical region of some cells, including enterocytes 

(Ameen et al., 2001; Salas et al., 1997). Based on our data, this role of keratins 

must be independent of their ability to bind the desmosome, as we did not 

observe any polarity defects or mislocalization of proteins from the apical domain 

of DP cKO intestinal cells. 

Interestingly, intermediate filament precursors have been shown to move 

along microtubules toward the cell periphery in other cell types (Prahlad et al., 

1998). If the same is true in the intestine, then because microtubule organization 

was unaffected by the loss of DP in the intestine, the movement of keratin 

filament subunits to the apical surface may be unaltered. Once the keratin 

filament precursors arrive at their proper subcellular localization, they may be 

integrated into the existing keratin filament network.  

Recently, the protein plastin, a known actin-binding protein, has been 

shown to interact with keratin filaments in the terminal web (Grimm-Gunter et al., 

2009). It was proposed that plastin can bind to the actin rootlets of the terminal 
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web and anchor them to the keratin filaments, providing stability to the terminal 

web. Because the terminal web seems to be unaffected in DP cKO intestines, the 

keratin filament cytoskeleton may be properly integrated into the terminal web 

and maintained there by interacting with the actin in the terminal web. Whether 

the keratin filament network is assembled elsewhere and then transported to the 

apical region of the cell, or whether the keratin filaments are assembled at their 

final subcellular localization is unknown.  

Surprisingly, desmosomal attachment to keratin filaments is not required 

for maintaining cell-cell adhesion in the small intestine. This is the first reported 

case where loss of DP does not result in cell-cell adhesion or tissue integrity 

defects. As previously mentioned, loss of DP in the epidermis results in severe 

blistering and intercellular separations, leading to perinatal death (Vasioukhin et 

al., 2001b). Similarly, human mutations in DP result in blistering disorders 

(Jonkman et al., 2005; Thomason et al., 2010). Complete loss of DP in the early 

mouse embryo (but not in the extra-embryonic tissue) resulted in malformed 

neuroepithelium, heart, skin, and vasculature (Gallicano et al., 2001). In these 

cases, the tissue often appeared collapsed. The stress and force that the 

intestine is exposed to may be less intense than that experienced by the 

epidermis, the beating heart, or the neuroepithelium during tissue remodeling. 

Therefore, desmosomal attachment to the intermediate filament cytoskeleton 

would not be required to resist stress in the intestine. Alternatively, the tissue 
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may use other mechanisms to buffer the forces experienced by the intestinal 

cells.  

Unlike in the epidermis, DP is not required for microtubule organization in 

the small intestine. The apicobasal array of microtubules was undisturbed in DP 

cKO intestines, even though DP is still required to recruit the microtubule-binding 

proteins ninein and Lis1. In the epidermis, this pathway is essential to organize 

microtubules at the cell cortex. Although it still seems active in the intestine, it 

may be redundant with an additional mechanism to organize microtubules. In 

post-mitotic differentiated enterocytes, centrosomal proteins, including the 

microtubule nucleating protein γ-tubulin, become redistributed to the apical 

region of the cell (Meads and Schroer, 1995; Salas, 1999), where they are 

thought to nucleate and anchor noncentrosomal microtubules. Furthermore, γ-

tubulin is anchored to the apical region of the cell by intermediate filaments 

(Salas, 1999). Because the keratin filament network is not disrupted in DP cKO 

intestines, γ-tubulin maintains its proper localization, and can likely still organize 

microtubules. Alternatively, adherens junctions may also play a role in organizing 

microtubules. The protein Nezha can interact with microtubule minus-ends and 

tether them to the zonula adherens in Caco-2 cells (Meng et al., 2008). Whether 

Nezha is localized at the zonula adherens in the small intestinal epithelium and 

whether it participates in their microtubule organization is unknown. 

Unexpectedly, the loss of DP from the intestinal epithelium had a profound 

effect on microvillar architecture. The loss of DP resulted in a reduction in 
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microvilli length with no apparent change in terminal web composition or 

organization of the actin filaments within the microvilli. One possible explanation 

for this effect is that the loss of DP, and therefore the loss of keratin filament 

attachment to the desmosome, results in a weakening of the terminal web. The 

terminal web is composed of several cytoskeletal components, all anchored at 

the apical junctional complex at the edges of the cell. This anchorage to the 

junctions allows the terminal web to deform and resist force without losing the 

tether to the membrane. The microvilli, which insert their actin rootlets into the 

terminal web, exert a force on the terminal web as they grow out and protrude 

from the apical surface. The loss of the keratin filament anchorage to the 

desmosome may weaken the terminal web. Therefore, it cannot resist as much 

force, so the microvilli must remain shorter so that the terminal web does not 

collapse.  

Interestingly, the microvilli of DP cKO intestines look very similar to 

isolated brush borders that have been exposed to calcium. Upon addition of 

calcium, isolated brush borders completely vesiculated their membrane overlying 

the microvilli, and the actin filaments of the microvilli disintegrated, while the 

rootlets remained unchanged (Burgess, 1982). This effect of calcium on microvilli 

has been attributed to the calcium-dependent actin-severing activity of the actin 

bundler villin (Burgess and Prum, 1982; Ferrary et al., 1999). DP has not been 

implicated in the regulation of calcium levels or villin activity, but whether it is 

directly involved in either of these processes requires further investigation.  
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 In summary, DP is not an essential protein in the intestinal epithelium. 

While it is not required for tissue integrity or cell-cell adhesion, it is required for 

keratin filament anchorage to the desmosome. Furthermore, DP is essential for 

proper microvilli shape and length, suggesting a novel role for desmosomes in 

regulating the actin cytoskeleton.
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5. Concluding remarks and discussion
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5.1 Noncentrosomal microtubule organization in the epidermis 

I have shown here that in the suprabasal cells of the epidermis, 

desmosomes recruit centrosomal proteins to the cell cortex, which subsequently 

organize microtubules. In these cells, the centrosome maintains its microtubule 

nucleating activity (Lechler and Fuchs, 2007), but loses its ability to anchor 

microtubules, presumably because the composition of the centrosome changed. 

However, γ-tubulin, the main microtubule nucleator, remains associated with the 

centrosome. Thus, it is likely that in epidermal suprabasal cells, microtubules are 

nucleated at the centrosome, released, and subsequently transported to the cell 

cortex. In neurons, the microtubule-severing protein katanin is required for 

microtubule release from the centrosome (Hartman et al., 1998; McNally et al., 

1996). Whether katanin is required for microtubule release in the epidermis has 

not been investigated. If katanin is involved in creating cortical microtubule arrays 

in suprabasal cells, it will be interesting to examine whether katanin is 

upregulated in these cells. An alternative possibility is that katanin is restricted 

from the centrosome in basal cells or kept inactive at the centrosome. Upon 

initiation of differentiation, the block on katanin’s activity could be released. 

Additionally, it is unknown whether motor proteins are required for the transport 

of microtubules to the cell cortex. 
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5.2 Noncentrosomal microtubule organization in the small 
intestine 

Unlike in the epidermis, DP is not required for proper microtubule 

organization in intestinal epithelial cells. Although DP still recruits the same 

subset of centrosomal proteins as in the epidermis, loss of DP and subsequent 

loss of centrosomal proteins from the cell cortex does not disrupt microtubule 

organization. Therefore, different mechanisms are used in the epidermis and 

small intestine to organize microtubules. As previously discussed, γ-tubulin 

remains associated with the centrosome in the epidermis (Lechler and Fuchs, 

2007). However, in the small intestine, γ-tubulin redistributes to the apical region 

of the cell upon differentiation (Salas, 1999). Therefore, the formation of the 

noncentrosomal microtubule array in the intestine may be similar to plants. To 

form cortical microtubule arrays, plant cells distribute γ-tubulin to the cell cortex, 

where it uses pre-existing microtubules to nucleate new ones (Murata et al., 

2005). In the intestine, γ-tubulin localization depends on the keratin filament 

network (Salas, 1999). Because the apical localization of keratin is undisturbed in 

DP cKO intestines, it is likely that γ-tubulin localization is unaffected by loss of 

DP. 

 Although the localization of microtubule nucleating proteins may not be 

affected in DP cKO intestines, I have shown that microtubule-anchoring proteins 

like ninein are mislocalized. However, this did not lead to a defect in microtubule 

organization. Although DP still recruits the same subset of centrosomal proteins, 
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their cortical localization is not required for the apico-basal organization of 

microtubules. Ninein has previously been implicated in anchoring microtubule 

minus ends in the apical region of pillar cells in the inner ear (Mogensen et al., 

2000). However, whether it is actually required has not been tested. Because 

proper microtubule organization is essential for many cellular processes, a 

redundant mechanism for organizing them may exist in addition to DP-mediated 

centrosomal protein relocalization. 

5.3 Release of microtubule-anchoring proteins from the 
centrosome 

Although DP is required for the recruitment of microtubule-anchoring 

proteins to the desmosome, it is not required for their loss from the centrosome. 

In the suprabasal cells of DP cKO epidermis, Lis1, Ndel1, and ninein are 

cytoplasmic – they do not remain associated with the centrosome. This suggests 

that upon differentiation, these proteins are first kicked off the centrosome, and 

then subsequently recruited to the cell cortex by DP. The signal for protein 

release from the centrosome has not been identified. I propose that the initial 

signal is a differentiation cue. Notch signaling, which is required for epidermal 

differentiation (Lowell et al., 2000; Nicolas et al., 2003; Rangarajan et al., 2001), 

could provide the signal. In the Drosophila trachea, the γ-TuRC proteins are 

released from the centrosome through the activity of the microtubule-severing 

protein spastin (Brodu et al., 2010). In the mouse epidermis, microtubule-

anchoring proteins are found at the cell cortex in all suprabasal cells, including 
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the immediate suprabasal layer. Although microtubules are no longer associated 

with the centrosome in immediate suprabasal cells, they are not yet at the cell 

cortex. It will be interesting to see whether proteins like ninein and Lis1 are 

associated with microtubules when they are recruited to the cell cortex, but the 

inability of cells to stabilize their microtubules at the cortex induces their release 

from the microtubule-anchoring proteins. 

5.4 Function of cortical microtubules 

Microtubule-associated proteins that can stabilize microtubules are 

upregulated upon differentiation of the epidermis (Dehmelt and Halpain, 2005; 

Fabre-Jonca et al., 1999; Patel et al., 2006), but their expression is low in basal 

and immediate suprabasal cells. I propose that when these proteins are 

expressed at low levels in immediate suprabasal cells, microtubules are recruited 

to the cell cortex by the centrosomal proteins. However, the microtubules are not 

stable, and their dynamics do not allow them to incorporate into a cortical array. 

Once the microtubule-associated proteins are expressed at high enough levels in 

suprabasal cells, the microtubules are recruited to the cortex where microtubule-

associated proteins are now localized. The microtubule-associated proteins can 

bind to microtubules to stabilize and bundle them. This stabilization allows the 

microtubules to remain at the cortex and form an array parallel to the cell 

membrane. 

In this work, I demonstrated that cortical microtubule organization leads to 

adherens junction engagement, and ultimately to increased tissue integrity. 



 

167 

Cortical microtubule organization led to an accumulation of myosin IIA at the 

cortex. This was independent of myosin II motor activity and the presence of 

actin filaments. I propose that myosin IIA is directly recruited to the cortex by 

microtubules. In muscle cells that are forming noncentrosomal microtubule 

arrays, myosin is transported along microtubules as they reorganize (Pizon et al., 

2005). Whether myosin II is directly bound to microtubules in the epidermis is 

unknown. Furthermore, whether the increase in myosin II at the cell cortex that I 

see is important in increasing tissue integrity is unclear. From our in vitro data, 

we know that the expression of myosin IIA is important, as well as myosin II 

activity. Until we know how myosin is recruited to the cell cortex by microtubules, 

we cannot test whether its increased accumulation is important.  

 Another possibility for how microtubules could induce adherens junction 

engagement and increased tissue integrity is outlined below. Microtubules are 

known to provide rigidity and structure to cells. It is possible that upon 

organization and stabilization at the cell cortex, the microtubules produce a 

pushing force against the cell membrane. This increase in force could increase 

myosin II accumulation and subsequent increase in tension, leading to adherens 

junction engagement and strengthening. How could microtubules create a force 

on the membrane? During mitosis, the kinesin family member Eg5 is localized to 

the central spindle, where it pushes microtubules apart (Kapitein et al., 2005; 

Sawin et al., 1992). We have seen Eg5 localized to the cell cortex in suprabasal 

cells of the epidermis. Functionally, Eg5 activity is required for adherens junction 



 

168 

engagement and taxol-induced sheet integrity. It is plausible that at the cell 

cortex, Eg5 is binding anti-parallel microtubules and pushing them apart. This 

pushing may create tension on the membranes. However, I have not tested 

whether microtubules are indeed organized with mixed polarity. Furthermore, 

whether the cortical microtubules create a force on the membrane has not been 

tested. How much force is required to engage adherens junctions is not known. 

5.5 Concluding remarks 

From my studies reported here, it is clear that desmosomes play more 

roles than simply providing proper cell-cell adhesion. They interact with and/or 

organize each major cytoskeletal network. How DP might integrate all three 

networks is not known. In addition, DP has tissue-specific functions, as shown 

here. We have not begun to explore how its activity is regulated in different 

situations. I have shown that in the epidermis, DP’s role in organizing 

microtubules is important in enhancing barrier function and tissue integrity. I 

hypothesize that cortical microtubules are paramount in creating a fully functional 

barrier in the epidermis. 
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