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Abstract
Articular cartilage is the thin, load‐bearing connective tissue that lines the ends
of long bones in diarthroidal joints, providing predominantly a mechanical function.
Because cartilage is avascular and aneural, it has little capacity for self‐repair if
damaged. One repair strategy is through a functional tissue engineering approach using
adipose‐derived stem cells (ASCs). ASCs are an abundant progenitor cell source easily
obtained through a minimally invasive liposuction procedure. When appropriately
stimulated, ASCs have demonstrated significant potential for chondrogenic
differentiation. Though studies have demonstrated the ability of ASCs to synthesize
cartilage‐specific macromolecules, a more thorough understanding of factors that
modulate ASC chondrogenesis is required. Accordingly, the central aim of this
dissertation was to study the chondrogenic response of ASCs to biochemical,
biomechanical, and biomaterial factors.
We hypothesized that factors, other than TGF‐β and dexamethasone, would
improve ASC chondrogenesis. BMP‐6 emerged as a potent regulator of ASC
chondrogenesis, particularly in early culture, as noted by significant upregulation of
cartilage‐specific extracellular matrix (ECM) genes and downregulation of cartilage
hypertrophy markers.
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Hypothesizing that biomechanical factors would accelerate the formation of
cartilage‐specific macromolecules, we designed and manufactured an instrument to
apply dynamic deformational loading to ASC seeded constructs. Dynamic loading
significantly inhibited ASC metabolism and downregulated cartilage‐specific ECM
genes. However, 21 days of dynamic loading induced the production of type II collagen,
a principal component of articular cartilage.
We hypothesized that a biomaterial derived from cartilage would serve as a
bioactive scaffold and induce chondrogenic differentiation. The novel, ECM‐derived
scaffold promoted the most robust differentiation of ASCs relative to both biochemical
and biomechanical factors, particularly noted by a type II collagen‐rich matrix after 28
days of culture. After 42 days of culture, biphasic mechanical testing revealed an
aggregate modulus of 150 kPa, approaching that of native cartilage. These data suggest
that the ECM‐derived scaffold may retain important signaling molecules to drive
differentiation or that ASC differentiation is dependent on proper cell anchorage.
In summary, we have shown that biochemical, biomechanical, and biomaterial
factors have strong influences on the chondrogenic potential of ASCs. Optimization of
these factors will ultimately be required to successfully engineer a functional tissue.
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1. Background and Significance
1.1 Functional Tissue Engineering
A set of principles have been proposed to facilitate the study of the role of
mechanical factors in tissue regeneration, giving rise to the field of ‘‘functional tissue
engineering’’ (FTE) (Butler et al., 2000; Guilak et al., 2001). In addition to seeking to
understand the role of mechanical factors in tissue regeneration, FTE also seeks to
understand the interactive effects of biomechanical factors with biochemical and
environmental factors on tissue engineered constructs that are primarily intended to
provide a mechanical function (e.g., connective tissues such as cartilage, bone, muscle,
tendon, and ligament). The tenets of FTE can be summarized as (A) understanding the
native mechanical environment of the tissue that is being replaced; (B) understanding
the relevant mechanical properties of the native undamaged tissue; (C) using a subset of
these mechanical properties as design parameters; (D) using biophysical signals from a
bioreactor to control and/or enhance cellular differentiation within tissue engineered
constructs and (E) studying the influence and interaction of biomechanical and
biochemical factors the cells may be exposed to in vivo in bioartificial matrices to affect
an improved therapeutic outcome (Butler et al., 2000; Guilak et al., 2001). It follows from
these tenets that in using stem or uncommitted cells for FTE, knowledge of appropriate
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biochemical signals and the effects of biophysical stimuli will be crucial in promoting
the appropriate differentiation pathway for stem cells. To this end, these studies will
primarily focus on elucidating ASC chondrocytic differentiation by studying the
response of ASCs to various biochemical and biophysical factors, including interactive
effects with various biomaterials. The response of the cells to anabolic signals as well as
catabolic signals, similar to what the cells may be exposed to in vivo, will be studied.

1.2 The Function, Composition, and Structure of Articular
Cartilage
Articular cartilage is the thin load‐bearing connective tissue covering the ends of
long bones in all diarthroidal joints providing predominantly a mechanical function
(Guilak et al., 2001) Under normal physiologic activity, articular cartilage provides joint
congruity, a lubricated surface for articulation, and is able to effectively distribute the
harsh loading of approximately three times body weight that can be exerted on cartilage
on a routine basis (Guilak and Hung, 2004). Remarkably, this functional tissue is nearly
frictionless and operates over decades of use with no detectable wear or degeneration.
Articular cartilage can be described as a triphasic material, with a solid, fluid, and an
ionic phase, all maintained by the metabolic activity of a relatively scarce population of
primary differentiated cells known as chondrocytes (<10% of the tissue volume). The
solid matrix is primarily comprised of negatively charged proteoglycans, (5%‐10% by
wet weight, 25%‐35% by dry weight) (Heinegard and Oldberg, 1989), and a collagenous
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matrix comprising > 60% of the dry weight of the matrix (Guilak and Hung, 2004; Mow
and Guo, 2002). This collagenous matrix primarily consists of collagen type II (~ 15%‐
20% by wet weight) with lesser amounts of other collagens (e.g., Types VI, IX, and X).
The collagen fibrils are located throughout the matrix and are heavily intertwined with a
highly concentrated negatively charged proteoglycan matrix (Mow et al., 1989). Two
primary glycosaminoglycans (GAG) are found in articular cartilage, chondroitin sulfate
and keratin sulfate. GAG side chains (polymer repeats of the sulfated molecule) are
found assembled covalently to a protein core to form a proteolgycan aggregate
(reviewed in (Mow et al., 1989)). The large aggregating proteoglycan, aggrecan, is
assembled into a complex structure by a noncovalent linkage of these proteoglycan
aggregates to a hyaluronate backbone, producing immobilized structures contributing to
the articular cartilage solid matrix (Mow and Guo, 2002). The fluid phase makes up 65%
‐ 85% of the matrix and consists primarily of water with mobile ions and various solutes
(Linn and Sokoloff, 1965; Mankin and Thrasher, 1975; Mow and Guo, 2002).
Approximately 30% of the water is associated with the collagen matrix, whereas
approximately 70% of the water is free to move through the matrix as the cartilage is
loaded (Torzilli et al., 1982). The assembly of the cartilage matrix gives the tissue its
unique set of biomechanical properties by virtue of the ability of the collagen‐
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proteoglycan matrix together with the interstitial fluid to effectively resist high levels of
stress and strain.

1.3 Articular Cartilage Repair
Because cartilage is avascular and aneural, it has a limited capacity for self‐
repair. Therefore, treatment at the site of trauma and tissue damage is necessary in an
attempt to prolong the use of the joint without severe limitations in activities in daily
living. Damage to cartilage, if left untreated, can lead to irreversible degeneration of the
surrounding tissue in what is generally characterized as osteoarthritis (OA). Current
estimates on the treatment costs, both indirect and direct, of osteoarthritis in the US are
escalating to greater than $65 billion annually (Jackson et al., 2001). Fortunately, not all
cartilage lesions progress to full debilitating osteoarthritis, though it is one significant
risk factor for the onset of OA (Felson et al., 2000a; Felson et al., 2000b; Jackson et al.,
2001). This, coupled with the lack of any good repair strategies, gives little hope for long
term joint functioning without significant reduction in activities in daily living due to
joint degeneration.
Current treatment options, for cartilage injuries, which include joint lavage,
tissue debridement, microfracture of the subchondral bone, abrasion arthroplasty, or the
transplantation of autologous or allogeneic osteochondral grafts have yielded successful
clinical outcomes (Aichroth et al., 1991; Aubin et al., 2001; Baumgaertner et al., 1990;
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Denoncourt et al., 1986; Emmerson et al., 2007; Friedman et al., 1984; Ghazavi et al., 1997;
Johnson, 2001; Kish et al., 1999; Steadman et al., 2003; Steadman et al., 2001). While
some of these procedures have yielded promising results, many of these approaches can
potentially lead to the formation of fibrous tissue, apoptosis and further cartilage
degeneration (Nehrer et al., 1999; Shapiro et al., 1993; Tew et al., 2000). Currently, one
tissue engineering approach, autologous chondrocyte transplantation, has shown
promising results in early clinical reports (Breinan et al., 1997; Brittberg et al., 1994), but
recent randomized, controlled trials suggest little difference in the efficacy of this
procedure over microfracture of the subchondral bone (Knutsen et al., 2004). Many
other models have been proposed for cartilage tissue engineering, also with primary
chondrocytes, using a variety of scaffolds and hydrogels with varying capabilities of
forming functional extracellular matrices. Naturally occurring sea‐derived biologics
have been used, namely agarose, alginate, and chitosan (Buschmann et al., 1995; Cao et
al., 1998; Chang et al., 2001; Domm et al., 2004; Fragonas et al., 2000; Iwasaki et al., 2004;
Mauck et al., 2003b; Mauck et al., 2000; Mauck et al., 2003c; Mierisch et al., 2002; Nettles
et al., 2002). Other combinations of biomaterials have also been employed to recreate the
unique biochemical and biomechanical characteristics of cartilage. Among some of the
other materials used in both in vivo and/or in vitro are fibrin (Hendrickson et al., 1994),
collagen matrix/alginate composites (Kurz et al., 2004), hyaluronic acid (Aigner et al.,
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1998; Dausse et al., 2003), pluronics (Cao et al., 1998), polyester elastomers (Kang et al.,
2006), poly(ethylene glycol) (PEG) (Bryant and Anseth, 2002; Lee et al., 2003d), non‐
woven porous α‐hydroxy esters of polylactic (PLA) , polyglycolic (PGA) and co‐
polymers of the two (PLGA) (Cao et al., 1998; Freed et al., 1993; Kang et al., 2006; Martin
et al., 2000).
Despite the numerous insight and advances offered to the field of cartilage tissue
engineering with the aforementioned biomaterial/chondrocyte combinations, clinical
treatment options using these approaches have not been spawned, with the one
exception of autologous chondrocyte transplantation. It should be noted, however, that
there are many issues associated with the harvest of autologous cells for cartilage tissue
engineering. Among these are the disease state of the harvested cells (from the inflamed
joint), the potential for initiation of osteoarthritic changes in the joint (Knutsen et al.,
2004; Lee et al., 2000a), the lack of adequate autograft tissue, and difficulty in expanding
the cells ex vivo while maintaining the chondrocyte phenotype (Stokes et al., 2002;
Thirion and Berenbaum, 2004). These issues may be insurmountable for the use of fully
differentiated chondrocytes for successful cartilage repair treatment strategies.

1.4 The Use of Adult Stem Cells for Cartilage Tissue Engineering
The use of adult stem cells, on the other hand, presents a viable alternative for
chondrocyte tissue engineering and has the potential for success while avoiding the
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issues associated with primary cell tissue engineering. One such cell type, mesenchymal
stem cells (MSCs) derived from the bone marrow stroma, has been shown to possess
multilineage differentiation capacity (Alhadlaq et al., 2004; Barry et al., 2001; Fukumoto
et al., 2003; Hegewald et al., 2004; Huang et al., 2004c; Indrawattana et al., 2004;
Johnstone et al., 1998; Lee et al., 2003a; Li et al., 2005; Majumdar et al., 2000; Majumdar et
al., 2001; Mauck et al., 2006; Pittenger et al., 1999; Sakaguchi et al., 2005; Sammons et al.,
2004; Sekiya et al., 2001a; Sekiya et al., 2002a; Sekiya et al., 2002b; Solchaga et al., 1999;
Williams et al., 2003; Worster et al., 2001; Yoneno et al., 2005; Yoo et al., 1998b). By
subjecting MSCs to specific growth factors, the cells can be induced toward specific
lineages as demonstrated by gene transcript and protein expression consistent with the
differentiated phenotype. Specifically, MSCs can be induced toward a chondrocytic
phenotype with any of the three isoforms of TGF‐β with various combinations of BMP‐2,
BMP‐4, BMP‐6, BMP‐9, or IGF‐1 (Alhadlaq et al., 2004; Barry et al., 2001; Fukumoto et al.,
2003; Hegewald et al., 2004; Huang et al., 2004b; Indrawattana et al., 2004; Johnstone et
al., 1998; Li et al., 2005; Majumdar et al., 2000; Majumdar et al., 2001; Mauck et al., 2006;
Pittenger et al., 1999; Sakaguchi et al., 2005; Sammons et al., 2004; Sekiya et al., 2001a;
Sekiya et al., 2002b; Solchaga et al., 2004; Williams et al., 2003; Worster et al., 2001;
Yoneno et al., 2005; Yoo et al., 1998b). Synergistic relationships have been observed in
several studies with regards to the growth factors employed, namely IGF‐1 (Fukumoto

7

et al., 2003; Worster et al., 2001) or BMP‐6 (Indrawattana et al., 2004; Sekiya et al., 2001a)
with TGF‐β, though it appears TGF‐β is necessary for chondrogenic induction with bone
marrow‐derived MSCs.
Another positive aspect of tissue engineering using adult stem cells is the ability
to induce differentiation on a variety of matrices, thereby allowing the selection of
improved biomimetic biomaterials (as they become available) for improved FTE
outcomes. Some materials used to date include alginate (Lee et al., 2004a; Majumdar et
al., 2000), fibrin (Worster et al., 2001), agarose (Huang et al., 2004b; Mauck et al., 2006),
hyaluronate (Hegewald et al., 2004; Solchaga et al., 1999), PGA or PLGA (Lee et al.,
2004a; Tatebe et al., 2005), PLA/alginate combinations (Caterson et al., 2001), electrospun
scaffolds of poly(epsilon caprolactone) (Li et al., 2005), collagen gels (Yoneno et al.,
2005), PEG (Alhadlaq et al., 2004; Williams et al., 2003), and silk (Wang et al., 2005b). As
with cartilage tissue engineering using primary cells, the initial in vitro work using MSCs
for cartilage tissue engineering highlight the successes and therapeutic potential for the
use of adult derived stem cells for cartilage tissue engineering. To date, however, no
clinical utility has emerged from these works, primarily due to the inferiority of the
repair tissue compared to native cartilage. For example, MSCs seeded in PGA scaffolds
for treatment of an osteochondral defect in a rabbit model gradually lost collagen II
expression by 8 weeks concomitant with tissue thinning and higher expression of
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collagen I (Tatebe et al., 2005). MSCs encapsulated in PLGA and implanted into the
distal femur of rabbits for a period of 12 weeks resulted in tissue with stiffness
properties 30%‐60% that of native cartilage (Lee et al., 2004a). Finally, long term culture
of MSCs in agarose 3D culture (10 weeks) failed to reproduce the same biochemical and
biomechanical properties of matched autologous chondrocytes under the same
experimental conditions (Mauck et al., 2006).
While the aforementioned studies have provided great insight into the
biochemical milieu necessary to affect differentiation, one shortcoming of the studies
done with MSCs to date is that little attention has been given to the use of biophysical
stimuli in promoting, supporting, and/or conditioning the tissue engineered construct
for improved outcomes. This study will focus not only on using proper biochemical
cues (e.g., TGF‐β, IGF‐1, BMP‐6, etc.), but will also examine “biophysical” signals to
understand the influence of these two important factors on the chondrogenic
differentiation pathway of adult stem cells. We are hypothesizing that the influences of
mechanical or biophysical factors will have an additive or synergistic effect with soluble
mediators and thus accelerate and enhance the formation of specific extracellular
macromolecules for improved functional tissue engineering outcomes.

9

1.5 ASCs as Source of Multipotent Progenitor Cells for Use in
FTE
Another mesenchyme derived stem cell population isolated from adipose tissue,
termed adipose‐derived adult stem cells (ASCs), represent a population of stem cells
that are capable of multi‐lineage differentiation (Awad et al., 2003; Awad et al., 2004;
Erickson et al., 2002; Estes et al., 2006a; Guilak et al., 2006; Halvorsen et al., 2000; Huang
et al., 2004c; Safford et al., 2002; Wang et al., 2005a; Wickham et al., 2003; Zuk et al., 2002;
Zuk et al., 2001). These cells have also been termed processed lipoaspirate (PLA) cells,
adipose‐derived adult stromal (ADAS) cells, or simply adipose‐derived stem cells
(ASCs), which has become the predominant abbreviation for this cell type. In contrast to
the isolation of bone marrow‐derived MSCs, ASCs can easily be isolated from
liposuction waste to procure a multipotent stem cell population {Gimble, 2003 #1169;
Aust, 2004 #13}. The techniques for isolation include the washing and mincing of tissue
followed by a collagenase digestion, and a centrifugal separation to remove mature
adipocytes. The resulting cell suspension is then found in the stromal‐vascular fraction,
which contains hematopoietic cells, fibroblasts, pericytes, smooth muscle cells,
endothelial cells, pre‐adipocytes, and ASCs (Zuk et al., 2001). This fraction is then
cultured on tissue culture plastic using a basal growth medium. Non‐adherent cells are
washed away upon media exchange resulting in an adherent ASC population. Another
distinct advantage of human ASCs compared to MSCs is the high abundance of ASCs
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found in adipose tissue with yields of approximately 400,000 cells per mL of lipoaspirate
tissue (Aust et al., 2004; Gimble and Guilak, 2003; Halvorsen et al., 2001a; Zuk et al.,
2001). This represents a favorable 300‐fold increase compared to MSCs, which comprise
only 0.001% ‐ 0.01% of nucleated cells in bone marrow (Oedayrajsingh‐Varma et al.,
2006; Pittenger et al., 1999).
ASCs, through a variety of studies, have shown the capacity to be differentiated
along mesodermal lineages including osteogenic, adipogenic, myogenic, and
chondrogenic lineages (Awad et al., 2003; Awad et al., 2004; De Ugarte et al., 2003;
Erickson et al., 2002; Estes et al., 2006a; Guilak et al., 2006; Halvorsen et al., 2000;
Halvorsen et al., 2001a; Huang et al., 2002; Huang et al., 2004c; Wang et al., 2005a;
Wickham et al., 2003; Zuk et al., 2002; Zuk et al., 2001) as well as an ectodermal lineage
(Guilak et al., 2006; Safford et al., 2002; Safford et al., 2004). These cells share similar cell
surface receptors and adhesion molecules with bone marrow‐derived mesenchymal
stem cells (MSCs). A large percentage of ASCs express endoglin (CD105), the activated
lymphocyte adhesion molecule (ALCAM or CD166), STRO‐1 (Deans and Moseley, 2000;
Gronthos et al., 2001; Lee et al., 2004b; Pittenger et al., 1999; Wagner et al., 2005;
Wickham et al., 2003; Zuk et al., 2002), the hyaluronate receptor (CD44), tetraspan
protein (CD9) and integrin β1 (CD29) (Deans and Moseley, 2000; Gimble and Guilak,
2003; Gronthos et al., 2001; Lee et al., 2004b; Mitchell et al., 2005; Pittenger et al., 1999;
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Wagner et al., 2005; Wickham et al., 2003; Zuk et al., 2002). CD49d (α4 integrin) and
CD106 (VCAM), in contrast, were shown to be differentially expressed in
undifferentiated ASC and MSC cell populations (Wagner et al., 2005; Zuk et al., 2002).
To further characterize the ASC population, two studies have been performed to isolate
clonal ASCs to assess their differentiation potential via biochemical and histological
analyses (Guilak et al., 2006; Zuk et al., 2002). These studies differed considerably in
their results, potentially due to the use of conditioned medium during culture and the
initial use of suspension culture plastic during expansion in the Guilak study (Guilak et
al., 2006). Guilak et al. demonstrated trilineage potential in 21% of their clones versus
1.4% in the study by Zuk et al. (Guilak et al., 2006; Zuk et al., 2002). 81% of the clones in
the Guilak et al. study could differentiate along at least one lineage, compared with 6%
of the clones in the Zuk et al. study. Differences aside, these studies point to the
inherent heterogeneity of the cells, and, in addition, these studies potentially point to the
sensitivity of the cells to their environment and the importance of the biochemical milieu
in maintaining a multipotent stem cell population.
From strictly a chondrogenic potential standpoint, many studies have been
undertaken to analyze and document the chondrogenic potential of ASCs (Awad et al.,
2003; Awad et al., 2004; Erickson et al., 2002; Estes et al., 2008; Estes et al., 2006a; Estes et
al., 2006b; Guilak et al., 2006; Huang et al., 2004c; Wang et al., 2005a; Wickham et al.,
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2003; Zuk et al., 2002; Zuk et al., 2001). The induction of chondrogenesis in these cells
appears to require a rounded cell shape through pellet culture or a three‐dimensional
hydrogel such as alginate, and can be augmented by a variety of chondrogenic induction
agents such as TGF‐β1, TGF‐β3, dexamethasone, and ascorbic acid. When
chondrogenically induced with these induction agents, the ASCs express a chondrocyte‐
like phenotype as measured by mRNA analysis (Erickson et al., 2002; Estes et al., 2006a;
Estes et al., 2006b; Huang et al., 2004c; Wickham et al., 2003; Zuk et al., 2002), radiolabel
incorporation (Awad et al., 2003; Awad et al., 2004; Estes et al., 2006a; Wang et al.,
2005a), and biochemical and/or immunohistochemical analysis (Awad et al., 2003; Awad
et al., 2004; Erickson et al., 2002; Estes et al., 2006a; Estes et al., 2006b; Guilak et al., 2006;
Huang et al., 2004c; Wang et al., 2005a; Wickham et al., 2003; Zuk et al., 2002; Zuk et al.,
2001).

1.6 Mechanical Stress as a Physical Regulator of Cartilage
Metabolism
As previously discussed, cartilage functions over decades of continual use with
no overt signs of degradation or wear. The single cell population, which accounts for
less than 10% of the volume of the tissue, is responsible for maintaining the homeostasis
of the tissue. The sparse population of cells regulates the homeostasis of the tissue by a
combination of factors including genetic factors, extracellular matrix composition,
growth factors, cytokines, and mechanical stress. Many studies have shown that the
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cells respond metabolically with physical cues of mechanical stress that either result in a
proper balance of matrix breakdown and synthesis (in healthy physiologic conditions)
or an imbalance of matrix breakdown and synthesis leading to joint/cartilage
degradation. Clues for this mechanotransduction system can be gleaned from early
development work in organ culture systems using chick embryos, which revealed that
the musculoskeletal system required biomechanical cues to grow properly (Estes et al.,
2004). Briefly, as evidence for the need of biophysical stimuli for normal development,
one study showed that dynamic loading associated with the articulation of membranous
bones from chick embryos resulted in secondary cartilage, in contrast to none being
formed while under constant pressure or no mechanical stress (Hall, 1968). Likewise
cartilage formation is greatly inhibited or altogether missing in paralyzed chicken
embryos, further underscoring the need for biophysical signals (Fang and Hall, 1995;
Hall, 1979; Mikic et al., 2000).
It follows that cartilage tissue, which requires mechanical loads to form, would
also require physiologic loads to function properly. Indeed, follow up to these initial
developmental studies has revealed that this is the case in both in vitro and in vivo
studies. Studies of altered joint loading have provided substantial evidence that changes
in the “normal” load profiles experienced by the joint result in significant changes in the
metabolism, structure, and mechanical properties of the tissue (reviewed in detail in
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(Guilak and Hung, 2004)). For example, in vivo joint immobilization has been shown to
result in decreased levels of proteoglycan synthesis, altered protease activity, and overall
rate of turnover in the tissue (Behrens et al., 1989; Palmoski et al., 1979; Tammi et al.,
1983). Animal joint instability models of OA, which result in altered loading, have also
repeatedly shown changes in the biochemical, biomechanical, and morphology of the
cartilage consistent with what is observed in spontaneously occurring osteoarthritis
(Guilak et al., 1994b; McDevitt et al., 1977; Ratcliffe et al., 1992; Setton et al., 1994). These
biochemical changes have, in addition, been observed in vitro following static
compressive loading to cartilage explants, which demonstrate inhibition of proteoglycan
synthesis in a stress dependent manner (Guilak et al., 1994a; Jones et al., 1982; Ragan et
al., 1999). These studies further substantiate the strong influence biomechanical factors
have in maintaining proper tissue function. Conversely, dynamic mechanical
compression at physiologic levels in a cartilage explant model results in increases in
proteoglycan synthesis in an amplitude and frequency dependent manner,
corresponding with the area of highest fluid velocities (Buschmann et al., 1999; Kim et
al., 1994). Dynamic mechanical unconfined compression, also in explant models, has
been shown to affect the release of catabolic byproducts as well as various markers of
osteoarthritis in response to the magnitude and frequencies of the applied stress, further
providing evidence that chondrocytes respond to and require biophysical stimuli
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(Fermor et al., 2001a; Fermor et al., 2001b; Fermor et al., 2002; Piscoya et al., 2005). The
effect of intermittently applied hydrostatic pressure (IHP) compared to unloaded or
statically loaded controls has also been shown to modulate cartilage extracellular matrix
protein expression in a duration and magnitude dependent fashion, specifically noting
increases at both the gene transcript level as well as the protein level for both collagen II
and proteoglycan (Ikenoue et al., 2003; Lee et al., 2003b; Lee et al., 2003c; Parkkinen et al.,
1993; Smith et al., 1996; Suh et al., 1999). In addition to its pro‐anabolic actions, some
studies have shown IHP to be protective against inflammatory mediators such as
bacterial lipopolysaccharide and nitric oxide (Lee et al., 2003b; Lee et al., 2003c).
In general, the combination of altered joint loading and mechanical signals
significantly affects the metabolic activity of chondrocytes and results in substantial
changes in the biochemical composition and biomechanical properties of the tissue.
These studies suggest that proper mechanical signals are needed both in vitro and in vivo
for proper tissue homeostasis, and from a tissue engineering perspective, it follows that
the correct application of mechanical loads and the transmission of biophysical signals
will be critical to realize the potential for cartilage tissue engineering.

1.7 Matrix Composition Affects Cell Differentiation
Recently, the use of decellularized organs and tissues as biomaterials on which to
culture cells has escalated. Decellularized scaffolds have been prepared from tendons,
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ligaments, blood vessels, skin, nerves, skeletal muscle, small intestinal submucosa,
urinary bladder, heart, liver, and even cartilage (Basile et al., 2008; Chun et al., 2007;
Gilbert et al., 2006; Hasslund et al., 2008; Ott et al., 2008; Toolan et al., 1998; Wilshaw et
al., 2006; Xu et al., 2007). The premise of this work is that native tissues will not only act
as a substrate for cellular attachment, but also provide important biophysical cues to
regulate differentiation and metabolism. Evidence for this comes from some of the work
of Marshall Urist in the 1960’s who discovered morphogenetic elements after implanting
decellularized and decalcified bone matrix (Urist, 1965). These elements are now known
as bone morphogenetic proteins or BMPs. At least 10 different growth factors have been
detected via ELISA, immunohistochemistry, and Western blotting in bladder submucosa
that remain biologically active after tissue processing (Chun et al., 2007). These factors
include several members of the TGF‐β superfamily as well as VEGF, IGF, FGF, and EGF,
and are thought to be responsible for some of the positive clinical results obtained using
these grafts (El‐Kassaby et al., 2003; Gabouev et al., 2003; Kanematsu et al., 2003; Yoo et
al., 1998a). Recently, Ott and colleagues decellularized rat hearts, and following
reperfusion and electrical stimulation, this group demonstrated heart pump function
25% of that of a 16 week old fetal heart (Ott et al., 2008). By taking this approach to
develop a bioartificial heart, this group was able to maintain the correct architecture of
the 4‐chambered heart while also providing important biological cues for proper cellular
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differentiation. Decellularized osteochondral grafts, following proteoglycan removal,
have been lyophilized and used in an in vivo scaffold to repair full‐thickness rabbit
defects. Effectively, this process created a collagen type II rich matrix. Though cells
were not able to actively penetrate and occupy 100% of this matrix, the authors report
improved healing compared to the unseeded grafts up to 12 weeks post‐implantation
(Toolan et al., 1998). As further evidence that ECM components can provide a biological
feedback loop to the cells to initiate “outside‐in” signaling, MSCs cultured in a collagen
type II hydrogel resulted in an upregulation in transcript for collagen type II in addition
to increased protein expression for type II collagen and glycosaminoglycan compared to
alginate or collagen I hydrogels (Bosnakovski et al., 2006). Conversely, MSCs grown in
collagen I hydrogels expressed high levels of COL1A1 mRNA relative to the other
hydrogels, suggesting that ECM attachment through specific integrins may be mediating
and modulating the downstream phenotype (Bosnakovski et al., 2006). As noted by the
authors, the chondrogenic effect of the scaffold was synergistically enhanced by the
addition of TGF‐β, and therefore the use of soluble mediators should not be overlooked
when considering appropriate differentiation strategies.
These studies, in sum, suggest that the use of biomaterials made of native
cartilage constituents may promote chondrogenesis in a stem cell population.
Ultimately, the selection of a suitable biomaterial that can be “bioactive” and work in
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concert with other biophysical factors such as mechanical loading and biochemical
mediators is advised.

1.8 Mechanical Stress Plays a Role in Promoting Stem Cell
Differentiation
There is increasing evidence that mechanical stress also plays a role in stem cell
differentiation (Recently reviewed by the author in (Estes et al., 2004)). Evidence of the
importance of mechanical signals is mounting through both early in vivo and more
recent in vitro experimentation. For example, in vivo rabbit studies have shown the
ability of periosteal chondroprogenitor cells (located in periosteum grafts), under
continuous passive motion (versus no motion controls), to enhance the repair of
cartilage defects (OʹDriscoll and Salter, 1984; Rubak et al., 1982). As confirmation of a
theoretical mathematical model for cartilage formation (Carter and Wong, 1988a; Carter
and Wong, 1988b), Tagil and Aspenberg used hydrostatic stress in a bone conduction
chamber inserted into the proximal tibia metaphysis (MSC rich) of Sprague‐Dawley rats,
noting thin layers of cartilaginous like tissue formation compared to no cartilaginous
like tissue in the unloaded control group (Tagil and Aspenberg, 1999). The response of
midpalatal suture cartilage to load, which is known to contain osteochondral progenitor
cells in addition to mature cartilage (Mizoguchi et al., 1990; Silbermann et al., 1987;
Strauss et al., 1990), has been studied extensively. Tensile stress imparted to this region
of tissue resulted in fibroblastic cell realignment in the direction of the tensile forces,
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coupled with resorption of the cartilage tissue and an overall progression toward the
osteogenic lineage as noted by matrix calcification (Takahashi et al., 1996). This work
was later followed by in vitro experiments using Sprague‐Dawley E12 stage embryonic
cells, which also resulted in chondrogenic inhibition as measured by significant
reduction in collagen II mRNA levels, thereby confirming the in vivo findings (Takahashi
et al., 2003). Using human MSCs, Simmons et al. also demonstrated enhanced
osteogenesis in tensile loading (biaxial stretch) by noting significant increases in calcium
matrix deposition versus controls over a 16 day time period (Simmons et al., 2003).
Compressive forces, on the other hand, were shown to phenotypically induce a
chondrogenic phenotype as noted by significant collagen II and glycosaminoglycan
deposition in the layer containing progenitor cells (Saitoh et al., 2000). Takahashi and
colleagues, in an in vitro study, demonstrated consistent results by showing that static
mechanical compression of E10 mouse limb bud cells embedded in a collagen I gel
resulted in an upregulation of typical chondrogenic markers, namely collagen II and
aggrecan, while downregulating the catabolic cytokine IL‐1β, which is known to inhibit
GAG and collagen II production (Takahashi et al., 1998). In a similar study, the
chondrogenic induction of stage 23/24 chick limb bud cells embedded in an agarose
matrix was significantly enhanced by dynamic mechanical unconfined compression
compared to static compression, specifically noting an approximate doubling in the
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cartilage nodule density and a greater than 2‐fold increase in [35S]‐sulfate incorporation
(Elder et al., 2001; Elder et al., 2000). In a more recent study, rabbit MSCs encapsulated
in a 2% agarose matrix and subjected to unconfined dynamic compression exhibited
increased aggrecan and collagen II transcript levels over non‐loaded controls (Huang et
al., 2004a). Interestingly, Huang and coworkers also noted significant increases in
chondrogenic gene transcript levels without the addition of TGF‐β, potentially
suggestive of an upregulation of endogenous TGF‐β expression from mechanical stress.
Though not specifically measured, this observation is consistent with other studies that
have demonstrated load induced upregulation of TGF‐β mRNA levels in periosteum
(Klein‐Nulend et al., 1995; Raab‐Cullen et al., 1994). And finally, as had been previously
demonstrated with articular chondrocytes, the cumulative effects of intermittent
hydrostatic pressure on human MSC aggregates resulted in significantly higher levels of
collagen and proteoglycan content at both 14‐day and 28‐day time points compared to
unloaded controls (Angele et al., 2003).
From this discussion, it is clear that mechanical cues can influence the
differentiation of stem cells both in vivo and in vitro. It follows that evaluating the
response of ASCs to mechanical stress is pertinent in understanding how to effectively
modulate chondrogenesis in this cell population.
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1.9 Mechanical Stress Plays a Role in Tissue Engineering Using
Primary Chondrocytes
As has been discussed previously, cartilage tissue requires proper biophysical
stimuli for tissue homeostasis, and accordingly, tissue engineering efforts have shown
that chondrocytes in artificial matrices also respond metabolically in a catabolic or
anabolic manner to the applied mechanical stress. Chondrocytes embedded in an
agarose matrix have been shown in numerous studies to respond to dynamic
compressive mechanical stress by maintaining the chondrogenic phenotype (Buschmann
et al., 1995; Hung et al., 2004; Kelly et al., 2004; Lee et al., 2000b; Mauck et al., 2003b;
Mauck et al., 2000; Mauck et al., 2003c). These studies have provided much insight into
the mechanotransduction process of primary chondrocytes, and, in general,
chondrocytes encapsulated in an agarose matrix increase proteoglycan synthesis rates in
response to the mechanical load compared to free‐swelling controls. The response to
applied dynamic unconfined mechanical compression is not observed immediately in
terms of a functional tissue matrix; rather, the response is delayed with clear differences
in biochemical and biomechanical properties of the constructs appearing only after
weeks in culture (Buschmann et al., 1995; Kelly et al., 2004; Mauck et al., 2003b; Mauck et
al., 2000; Mauck et al., 2003c). Mauck and co‐workers showed that intermittently
applied dynamic mechanical unconfined compression significantly increased the
amount of sulfated glycosaminoglycan (S‐GAG) and hydroxyproline (OHP) content
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over free‐swelling controls in addition to a six‐fold increase in the equilibrium aggregate
modulus over 28 days in culture (Mauck et al., 2000). In a follow‐up study, these same
authors also showed that a synergistic relationship existed with the application of
dynamic loads and the administration of known chondrogenic agents (i.e., TGF‐β or
IGF‐1), resulting in an ~2‐fold increase in the equilibrium aggregate modulus versus
dynamic loading alone after 5 weeks in culture (Mauck et al., 2003b). The increases in
biochemical content and mechanical properties were also shown to be dependent on the
cell seeding density and nutrients available to the cell (Kelly et al., 2004; Mauck et al.,
2003c). While some studies have suggested that the enhanced development of
extracellular matrix observed with intermittently applied dynamic mechanical
compression was dependent on the formation of a pericellular matrix (Buschmann et al.,
1995; Graff et al., 2003; Larson et al., 2002), recent data suggests that this may not be the
case (Kelly et al., 2004). In this latter study, Kelly and co‐workers either allowed for a
chondrocyte pericellular matrix to form prior to commencement of mechanical loading
or isolated chondrons for encapsulation in agarose, specifically testing the hypothesis
that the presence of an initial pericellular matrix will accelerate the formation of
cartilage‐specific macromolecules. Contrary to their hypothesis, after 28 and 42 days in
culture, no significant differences in the biochemical content and biomechanical
properties were noted between the “initial pericellular” group and the isolated
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chondrocyte group (Kelly et al., 2004). The effect of dynamic mechanical compressive
loading has also been observed with chondrocytes in other matrices. For example,
primary chondrocytes embedded in PGA showed increases in [35S]‐sulfate and [3H]‐
proline directly proportional to the frequency of the applied load (> 0.1 Hz), and matrix
synthesis suppression at static loads or dynamic frequencies less than or equal to 0.1 Hz
(Davisson et al., 2002). These data are confirmed in other studies, which have also
shown static loading to produce catabolic, matrix suppressive effects in chondrocytes
embedded in biologic matrices (Hunter et al., 2002; Ragan et al., 2000). Some recent data
suggest that the matrix interactions will also play a role in the accumulation of cartilage‐
specific matrix molecules. Hunter and co‐workers subjected chondrocytes grown in
fibrin matrices to intermittent dynamic unconfined compression and showed catabolic
results as noted by the presence of inflammatory markers, a decrease in relevant
biochemical content, and a decrease in mechanical properties compared to free swelling
controls (Hunter et al., 2004). Using a composite chondrocyte agarose matrix within an
annulus of cartilage, these same authors showed matrix stimulatory effects of
dynamically compressed constructs, which is consistent with the previous reported
works with agarose (Hunter and Levenston, 2002).
In conjunction, these studies demonstrate the ability of intermittently applied
dynamic unconfined compression, using explicit mechanical loading protocols in
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specific matrices, to maintain the chondrocyte phenotype in tissue engineered
constructs. Given that stem cells also require proper biomechanical cues for
differentiation, it is clear that similar studies using stem cells are needed to ascertain the
role of biomechanical signals in ameliorating the chondrogenic potential of a progenitor
cell population.

1.10 The Involvement of Interleukin 1 (IL-1) in Cartilage Injury
and Degeneration
Though evidence suggests that multiple cytokines act on cartilage in a catabolic
manner (Fukui et al., 2001; Goldring, 2000; Irie et al., 2003; Rowan et al., 2001),
interleukin‐1 (IL‐1) and tissue necrosis factor‐alpha (TNF‐α) appear to be the most
potent effectors of cartilage degeneration (Fukui et al., 2001; Goldring, 2000; van de Loo
and van den Berg, 1990). In response to an acute ACL injury, TNF‐α, IL‐1β, IL‐6, IL‐8,
IL‐1ra, and IL‐10 cytokine levels increase dramatically within 24 hours, and then subside
to levels consistent with chronic arthritis within one week status post injury (Irie et al.,
2003). IL‐1β is co‐localized with matrix metalloproteinases (MMPs), which are
responsible for matrix degradation in OA cartilage, and, supportive of the hypothesis
that pro‐inflammatory cytokines mediate cartilage degeneration, IL‐1β has also been
shown to induce MMP expression using in vitro cultured human articular chondrocytes
(Tetlow et al., 2001). Additionally, using both chondrocytes embedded in an alginate
matrix and cartilage explants, IL‐1 has been shown to negatively affect cartilage
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metabolism by the suppression of proteoglycan and collagen biosynthesis, and recent
evidence suggests that the suppression is strongly mediated by the induction of IL‐6
(Dingle, 1984; Gouze et al., 2001; Neidel and Zeidler, 1993; Nietfeld et al., 1990; Tyler,
1985). Further evidence that IL‐1 and TNF‐α are the principal mediators acting in
cartilage degeneration comes from intra‐articular injections in animal models separately
or in combination (Reviewed in (Goldring, 1999)). These studies served to demonstrate
the potent activity of either cytokine for cartilage erosion and the synergism of the two
when used in combination. Of the two, however, TNF‐α appears to be sufficient for the
onset of arthritis; whereas IL‐1 appears to be the more potent of the two in advanced
disease due to its ability to consistently sustain both inflammation and cartilage erosion
(van den Berg et al., 1999b). These observations allude to the potential need to address
both inflammation and cartilage erosion separately to effectively combat joint disease
(van den Berg et al., 1999a). To effectively address these issues, it is important to note
various aspects of the IL‐1 signaling pathway. IL‐1 can bind to one of two receptors; to
signal, IL‐1 binds with high affinity to the type I receptor, IL‐1R1 (Bird and Saklatvala,
1986; Chandrasekhar and Harvey, 1989). The type 2 “decoy” receptor, IL‐1RII, also
binds to both isoforms of IL‐1, but does not transmit the signal; thus it operates as a
protective mechanism for the cell to resist cell induced catabolism (Attur et al., 2000;
Colotta et al., 1993). Currently, it is thought that OA, and cartilage degeneration in
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general, is a disease that manifests its action due to an imbalance in the pro‐anabolic and
pro‐inflammatory cytokines and growth factors acting on the chondrocytes (Goldring,
2000). Consistent with this hypothesis, both IGF‐1 and TGF‐β1 pro‐anabolic growth
factors, have been shown to have some protective effect against IL‐1 mediated
catabolism, and recent data suggests that the protective effect may be due to increased
expression of the decoy IL‐1 receptor, thereby directly suppressing IL‐1 signaling
(Chandrasekhar and Harvey, 1988; Majumdar et al., 2001). Therefore, correcting the
“balance” of cytokines and growth factors may lead to clinical intervention strategies. In
this regard, the use of IL‐1 receptor antagonist (IL‐1ra), a naturally occurring inhibitory
cytokine, has been explored in a canine animal model for treatment of acute ACL
injuries with encouraging results. In two separate studies, the addition of exogenous IL‐
1ra or transduced synovial cells expressing the human IL‐1ra gene to the joint following
percutaneous sectioning of the ACL significantly reduced cartilage lesions and
collagenase‐1 expression thereby demonstrating both the degradative action of IL‐1 and
the therapeutic potential in blocking IL‐1 activity (Caron et al., 1996; Pelletier et al.,
1997).
In summary, the presence of IL‐1 results in significant cartilage degeneration.
The potent action of this cytokine is observed in both positive and negative fashion from
its ability to act in a pro‐catabolic manner while inhibiting pro‐anabolic pathways in the
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cell. This is of particular interest from a tissue engineering perspective as the pro‐
inflammatory mediators could suppress the actions of cartilage differentiating growth
factors, thereby diminishing and/or destroying the repair tissue.

1.11 Significance of the Project
Damage and subsequent degeneration of articular cartilage in the form of OA
represents a major health issue globally, and current estimates report that by the year
2020, over 59 million Americans will be diagnosed with arthritis (Kraus, 1997). Given
that treatment options for cartilage lesions, which may ultimately lead to OA, are few in
number and have limited success rates, the field of tissue engineering holds great
promise for the repair and regeneration of such diseased tissue. Using principles of
functional tissue engineering, this project intends to elucidate the process of
chondrogenesis in an adult stem cell population. Accordingly, a study of the
biochemical, biophysical, and biomaterial influences on the chondrogenic response of
adipose‐derived stem cells will provide insight into optimum conditions, and perhaps
therapeutic strategies, for stimulating functional cartilage tissue.

1.12 Hypotheses and Aims
Hypothesis 1:

Any modification to “standard” ASC monolayer culture conditions

will significantly influence the ability of the cells to be chondrogenically induced in 3D culture.
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Specific Aim 1:

The parameters of plating density, growth medium, and cell

surface substrate will be studied to determine the effect these parameters have on the
growth and differentiation of ASCs in monolayer culture. Using radiolabel
incorporation and gene transcript analysis, the chondrogenic differentiation capacity in
3D culture will be determined and analyzed to probe the effect of multiple monolayer
culture conditions.

Hypothesis 2:

Other growth factor combinations in addition to or in lieu of TGF‐β1

and dexamethasone will enhance the chondrogenic potential of ASCs and accelerate the formation
of cartilage‐specific matrix macromolecules. ASCs are a distinct population of stem cells and will
therefore respond to chondrogenic morphogens differently than other cell types.
Specific Aim 2:

Other growth factors have been shown to modulate

chondrogenesis differentially according to cell type. To test the effects of other
morphogens, ASCs will be treated with TGF‐β1, TGF‐β3, IGF‐1, BMP‐6, and
dexamethasone to assess ASC chondrogenesis. After encapsulation in alginate,
chondrogenesis will be assessed using qPCR and immunohistochemistry to analyze two
positive markers for chondrogenesis: type II collagen and aggrecan, and two negative
markers for chondrogenesis: types I and X collagen.
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Hypothesis 3:

A positive selection of ALDH (aldehyde dehydrogenase) and

negative selection for CD45 (leukocyte common antigen) cells will result in an enriched
population of ASCs with enhanced chondrogenic potential.
Specific Aim 3:

Previous attempts to purify ASCs have been unsuccessful.

ALDH is implicated as a marker for hematopoietic and neural progenitor cells. To
assess the potential for the use of ALDH as an ASC marker, ASCs will be purified
according to ALDH expression. Chondrogenesis will be assessed via gene expression
analysis after alginate encapsulation and chondrogenic induction.
Immunohistochemical analysis will be performed to investigate ECM accumulation.
The results from ALDH sorted cells will be compared to unfractionated controls to
evaluate chondrogenesis.

Hypothesis 4:

The continued use of epidermal growth factor (EGF), fibroblast

growth factor (FGF), and TGF‐β1 during chondrogenic differentiation will enhance BMP‐6
mediated chondrogenesis over long‐term 3D culture. The synthetic glucocorticoid,
dexamethasone (DEX), will enhance chondrogenesis in ASCs, in part, by regulating BMP6
transcription. Short‐term growth factor administration will be more beneficial than continuous
growth factor administration for long term culture.
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Specific Aim 4:

The chondrogenic effect of BMP6 overexpression in ASCs in

the presence or absence of EGF, FGF, and TGF‐β as well as the effects of DEX with
various forms and concentrations of BMP‐6 will be investigated by gene expression
analysis. Immunhohistochemistry will also be performed to assess long‐term
accumulation of ECM components. Non‐transfected ASCs embedded in alginate will be
subjected to short‐term exposure to high concentrations of BMP‐6 and/or DEX, and the
ensuing chondrogenic phenotype will also be analyzed with gene expression and
immunohistochemical analysis.

Hypothesis 5:

Dynamic deformational loading will enhance ASC chondrogenesis

and block the effects of IL‐1 mediated catabolism. Intermittent dynamic deformational loading
will upregulate cartilage‐specific genes in early culture and result in the accumulation and
assembly of cartilage‐specific macromolecules in the matrix in long‐term culture. Dynamic
deformational loading will increase the partition coefficient of a neutral solute in a 2% agarose gel
relative to the static, steady state partition coefficient.
Specific Aim 5:

The acute effects of IL‐1 and continuous dynamic

deformational loading on ASCs cast in 2% agarose will be explored by measuring matrix
biosynthesis rates. Using an intermittent dynamic deformational loading protocol,
chondrogenesis will be assessed via gene expression analysis for early markers of
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differentiation and immunohistochemistry to examine the ability of the cells to
accumulate extracellular matrix in long‐term culture.

Hypothesis 6:

A novel porous, interconnected scaffold derived solely from articular

cartilage will serve as a bioactive material for cellular attachment and promote the expression of
cartilage‐specific macromolecules.
Specific Aim 6:

Porous scaffolds will be manufactured through the physical

processing of articular cartilage by mincing, homogenization, and lyophilization. The
chondrogenic inducing capability of the scaffold will be assessed by gene expression
analysis to determine early effects on cartilage‐specific transcripts,
immunohistochemistry and histology to assess the accumulation of ECM components,
and mechanical testing to determine if the scaffolds have acquired functional properties.
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2. Monolayer Cell Expansion Conditions Affect the
Chondrogenic Potential of Adipose Derived Stem
Cells
2.1 Introduction
Chapter 2 has been removed from this version of the dissertation due to
the copyright policy of Wiley‐Liss, Inc., a subsidiary of John Wiley & Sons, Inc.,
who owns the copyright to this chapter. The reader is referred to the publication
of this chapter in Estes BT, Diekman BO, Guilak F. 2008. Monolayer cell
expansion conditions affect the chondrogenic potential of adipose‐derived stem
cells. Biotechnology and Bioengineering 99(4):986‐995. The article can be
accessed at http://www3.interscience.wiley.com/journal/116329820/abstract.
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3. Potent Induction of Chondrocytic Differentiation
of Human Adipose-Derived Adult Stem Cells by
Bone Morphogenetic Protein 6
3.1 Introduction
Chapter 3 has been removed from this version of the dissertation due to
the copyright policy of Wiley‐Liss, Inc., a subsidiary of John Wiley & Sons, Inc.,
who owns the copyright to this chapter. The reader is referred to the publication
of this chapter in Estes BT, Wu AW, Guilak F. 2006. Potent induction of
chondrocytic differentiation of human adipose‐derived adult stem cells by bone
morphogenetic protein 6. Arthritis Rheum 54(4):1222‐1232. The article can be
accessed at http://www3.interscience.wiley.com/journal/112572124/abstract.

59

4. Extended Passaging, but not Aldehyde
Dehydrogenase Activity, Increases the
Chondrogenic Potential of Human Adipose-Derived
Adult Stem Cells
4.1 Introduction
Chapter 4 has been removed from this version of the dissertation due to
the copyright policy of Wiley‐Liss, Inc., a subsidiary of John Wiley & Sons, Inc.,
who owns the copyright to this chapter. The reader is referred to the publication
of this chapter in Estes BT, Wu AW, Storms RW, Guilak F. 2006. Extended
passaging, but not aldehyde dehydrogenase activity, increases the chondrogenic
potential of human adipose‐derived adult stem cells. J Cell Physiol 209(3):987‐
995. The article can be accessed at
http://www3.interscience.wiley.com/journal/112784351/abstract.
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5. The Effects of BMP-6 Overexpression and Other
Chondrogenic Morphogens on ASC Chondrogenesis
5.1 Introduction
Adipose‐derived stem cells (ASCs) are an abundant source of multipotent
progenitor cells, which are easily obtained from adipose tissue. Estimates of stem cell
yield are in the range of 400,000 stem cells per milliliter of adipose tissue (Aust et al.,
2004), resulting in an up to a 300‐fold increase in cell number from 100 grams of adipose
tissue as compared to 100 mL of bone marrow aspirate (Oedayrajsingh‐Varma et al.,
2006). ASCs possess similar cell surface marker profiles to bone marrow‐derived stem
cells (MSCs), and are positive for CD13, CD29, CD44, CD49e, CD90, CD105, CD166, and
HLA‐ABC while negative for CD34, CD45, and HLA‐DR (Gronthos et al., 2001; Katz et
al., 2005; Lee et al., 2004b; Mitchell et al., 2006; Pittenger et al., 1999; Wagner et al., 2005;
Wickham et al., 2003; Zannettino et al., 2007; Zuk et al., 2002). CD49d (α4 integrin) and
CD106 (VCAM) are differentially expressed in ASCs compared to MSCs (Wagner et al.,
2005; Zuk et al., 2002), supporting the growing notion that ASCs are a distinct source of
adult derived stem cells.
ASCs have demonstrated significant potential for chondrogenic differentiation
when cultured under the proper chemical stimuli during monolayer expansion culture
and 3D differentiation culture. In 3D differentiation culture, high concentrations of
soluble bone morphogenetic protein 6 (BMP‐6) upregulate expression of cartilage‐
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specific matrix components, namely collagen type II (COL2A1) and aggrecan (AGC1),
while inhibiting the expression of the hypertrophic chondrocyte marker, collagen type X
(COL10A1) (Estes et al., 2006a; Estes et al., 2006b). An alternate strategy for delivery of
BMP‐6 for chondrogenic differentiation is nucleofection, as this nonviral method of gene
delivery has been shown to be effective in human ASCs (Zaragosi et al., 2007). To our
knowledge, overexpression of BMP‐6 for chondrogenesis of ASCs has not been shown,
although a recent study describes the nucleofection of porcine ASCs with BMP‐6 to
induce osteogenesis both in vitro and in vivo (Sheyn et al., 2008). Regardless of the
delivery method of BMP‐6, it is likely that the optimal chondrogenic cocktail for ASCs
will include multiple growth factors and/or bioactive molecules that interact to induce
the desired phenotype. Thus, the potential of other chondroinductive agents to enhance
BMP‐6 mediated chondrogenesis was investigated.
In monolayer, expansion medium containing transforming growth factor beta‐1
(TGF‐β1), epidermal growth factor (EGF), and basic fibroblast growth factor (bFGF, also
called FGF‐2) promote rapid proliferation of ASCs (Estes et al., 2008). We have
demonstrated that the combination of EGF, FGF, and TGF‐β may act to either prime or
initiate chondrogenesis while still in monolayer expansion (Estes et al., 2008), while
preserving the capacity of ASCs to be chondrogenically induced over multiple passages
(Estes et al., 2006b). We hypothesized that the continued use of these growth factors
during chondrogenic differentiation would further support chondrogenesis over long‐
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term 3D culture. As support for this notion, a case for the use of all 3 potent
morphogens during chondrogenic differentiation can be made. FGF‐2 has been shown
to induce a chondrogenic phenotype in ASCs as noted by significant increases in the
chondrogenic transcription factor, sox9, and increases in total glycosaminoglycan (GAG)
composition, while inhibiting osteogenesis (Chiou et al., 2006; Quarto and Longaker,
2006). Along with the potent effects of FGF, EGF has also demonstrated an ability to
confer a survival advantage to MSCs both prior to and during differentiation even in the
presence of simulated inflammation (Fan et al., 2007; Tamama et al., 2006). TGF‐β has
been used often for chondrogenic differentiation of bone‐marrow‐derived MSCs (Awad
et al., 2004; Erickson et al., 2002; Hennig et al., 2007; Johnstone et al., 1998; Pittenger et
al., 1999) and has been shown to promote chondrogenesis of ASCs when used in
conjunction with low concentrations of BMP‐6 (Hennig et al., 2007).
One conspicuous absence from our previous studies in which BMP‐6 was used to
drive ASC chondrogenesis was the synthetic glucocorticoid dexamethasone (DEX).
Dexamethasone is a common additive used in both MSC and ASC cultures to promote
chondrogenesis (Awad et al., 2004; Erickson et al., 2002; Hennig et al., 2007; Johnstone et
al., 1998; Pittenger et al., 1999). Up to 5 days in culture, we have previously shown
dexamethasone to suppress sulfated biosynthesis rates in ASCs cultured in alginate,
though this effect had disappeared by day 9 of culture (Awad et al., 2003).
Dexamethasone has also demonstrated the ability to direct regulation of cartilage‐
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specific genes in MSC culture (Derfoul et al., 2006; Kurth et al., 2007; Ochi et al., 2006).
Due to the wide spread use of dexamethasone in chondrogenic culture and the fact that
some have reported synergistic activity between dexamethasone and chondrogenic
morphogens (Derfoul et al., 2006; Kurth et al., 2007), further study of DEX in ASC
culture is warranted.
While it appears that the use of glucocorticoids may expedite chondrogenesis in
a mesenchymal progenitor cell population, it is also well known that glucocorticoids can
act as inhibitors of chondrocyte cell growth, specifically inhibiting the production of
collagen type II and proteoglycans (Behrens et al., 1975; Celeste et al., 2005; Dechant et
al., 2003; Farquhar et al., 1996; Miyazaki et al., 2000; Nakamura et al., 1997) However,
the combined effects of specific growth factors with clinically relevant concentrations of
steroids may produce an overall anabolic effect, but this anabolic effect is glucocorticoid
and glucocorticoid concentration dependent (Frisbie et al., 1997; Frisbie and Nixon, 1997;
Richardson and Dodge, 2003; Sandler et al., 2004). Some of the beneficial aspects of
steroids on articular cartilage include the downregulation of matrix metalloproteases
(MMPs) (Pelletier et al., 1995; Pelletier et al., 1994; Richardson and Dodge, 2003) and the
upregulation of critical chondrogenic transcription factors (Sekiya et al., 2001b). As
direct glucocorticoid regulation of the BMP‐6 promoter occurs in other cell types (Boden
et al., 1998; Liu et al., 2004; Yoon et al., 2004), we proposed that DEX will enhance
chondrogenesis of ASCs, in part by upregulating BMP6 transcription.
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To investigate the effects of EGF, FGF, TGF‐β, and DEX to enhance ASC
chondrogenesis, we performed 3 consecutive studies. In study 1, the chondrogenic
effect of BMP‐6 overexpression in the presence or absence of EGF, FGF, and TGF‐β was
investigated. Within this study, we also tested the hypothesis that short term growth
factor administration would be more beneficial than continuous growth factor
administration for long term culture, as has recently been shown with primary
chondrocytes (Lima et al., 2007). In study 2, we examined gene expression changes in
early culture with DEX in the presence of varying concentrations of BMP‐6. In study 3,
based on what was learned in the first two studies, we probed the effects of various
combinations of growth factors on the chondrogenic phenotype after 28 days of culture.
In addition, short term administration of DEX over the first week and subsequently
removed from the culture medium was also performed in order to assess the potential
for anabolic or catabolic effects of continuous glucocorticoid administration to ASC
chondrogenesis.

5.2 Materials and Methods
5.2.1 Cell Culture
Human ASCs (Zen‐Bio, Durham, NC) were obtained from liposuction waste of
subcutaneous adipose tissue. The cells used for study 1 were from a lot of combined
cells obtained from 3 different non‐smoking, non‐diabetic female donors with an
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average age of 39 (range 34‐47) and an average body mass index (BMI) of 24.9 (range
22.2‐29.1). The cells used for studies 2 and 3 were from a lot of combined cells obtained
from 7 different non‐smoking, non‐diabetic female donors with an average age of 41
(range 27‐51) and an average body mass index (BMI) of 25.2 (range 22.5‐28.2). The cells
were seeded on 225‐cm2 culture flasks (Corning, Corning, NY) at an initial density of
8,000 cells/cm2 in expansion medium consisting of Dulbeccoʹs modified Eagleʹs medium
(DMEM)‐F‐12 (Cambrex Bio Science, Walkersville, MD), 10% FBS (Hyclone, Logan, UT
for study 1 and Atlas Biologicals, Ft. Collins, CO for studies 2 and 3), 1% penicillin‐
streptomycin‐Fungizone (Gibco, Grand Island, NY), 0.25 ng/mL TGF‐β1 (R&D Systems,
Minneapolis, MN), 5 ng/mL epidermal growth factor (EGF) (Roche Diagnostics,
Indianapolis, IN), and 1 ng/mL basic fibroblast growth factor (bFGF, also called FGF‐2)
(Roche Diagnostics). The cells were cultured at 37˚C in 5% CO2, and the media was
changed every 48 – 72 hours. At approximately 90% confluence, the cells were lifted
from the plates with 0.05% trypsin, counted, replated, and cultured through the
appropriate passage.

5.2.2 Cell Seeding
Following monolayer expansion, the ASCs were suspended in 1.2% alginate
(Pronova UP LVG, FMC Biopolymer, Oslo, Norway) at 5x106 cells/mL. Using a 1 mL
pipetter, the cell suspension was dropped into a 102 mM CaCl2 solution to form three
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spherical alginate beads per well, each approximately 4.5 mm in diameter, and
containing approximately 275,000 cells.

5.2.3 Transfection
After the cells reached confluence at the appropriate passage, ASCs were
transfected using the Amaxa Nucleofector (Amaxa Inc., Gaithersburg MD) with either
pcDNA3‐BMP6 (3 µg of plasmid/ 500,000 cells), which contains the hCMV promoter for
constitutive BMP6 expression, or the pMAX‐GFP transfection control plasmid (1 µg of
plasmid/ 500,000 cells), which is also driven by a constitutively active promoter. The
high efficiency protocol for MSCs was used for transfection according to the
manufacturer’s protocol. After transfection, the cells were allowed to recover in Ca2+
free medium containing 10% FBS for 1 hour, after which the cells were expanded in
monolayer in expansion medium to confluence prior to encapsulation in alginate.

5.2.4 Chondrogenic Differentiation
5.2.4.1 Study 1
After cells reached confluence in passage 5, the cells were removed and
encapsulated in alginate or transfected according to protocol. The culture medium for
the alginate/ASC constructs consisted of a base (control) medium containing DMEM‐
high glucose (Gibco), 10% FBS (Hyclone), 1% penicillin‐streptomycin (Gibco), 37.5
μg/mL L‐ascorbic acid 2‐phosphate (Sigma, St. Louis, MO), and 1% ITS+ Premix
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(Collaborative Biomedical, Becton Dickinson, Bedford, MA). ASC/alginate constructs
were incubated in the base medium in the presence or absence of 0.25 ng/mL TGF‐β1, 5
ng/mL EGF, and 1 ng/mL bFGF, hereto after referred to as expansion factors or EFs. The
following 8 culture conditions were studied, consisting of control medium plus the
following bioactive molecules: (1) Control, (2) EFs, (3) BMP6‐short term exposure
(abbreviated BMP6‐ST), (4) BMP6‐ST+EFs, (5) pMAX‐GFP, (6) pMAX‐GFP+EFs, (7)
pcDNA3‐BMP6, and (8) pcDNA3‐BMP6+EFs. The BMP6‐ST constructs were exposed to
500 ng/mL of BMP‐6 (R&D Systems) for the first two medium exchanges and
subsequently received the control medium for the remaining culture period. The
transfected ASCs (both pcDNA3‐BMP6 and pMAX‐GFP) received control medium
throughout the culture period. ASC/alginate constructs were cultured for 7 or 28 days.
Day 7 constructs were evaluated with quantitative real time RT‐PCR (qPCR) for
aggrecan (AGC1), collagen type I (COL1A1), collagen type II (COL2A1), collagen type X
(COL10A1), and BMP‐6 (BMP6). Day 28 constructs were also evaluated by qPCR for the
same gene transcripts in addition to immunohistochemistry (IHC) using monoclonal
antibodies to types I, II, and X collagen, and chondroitin 4‐sulfate (2B6+ epitope).

5.2.4.2 Study 2
After cells reached confluence in passage 3, the cells were removed, transfected
according to protocol, and replated. At the end of passage 4, all cells, both transfected
and control, were removed from culture plates and encapsulated in alginate for
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differentiation culture. The culture medium consisted of a base (control) medium as in
study 1 containing DMEM‐high glucose (Gibco), 10% FBS (Atlas Biologicals), 1%
penicillin‐streptomycin (Gibco), 37.5 μg/mL L‐ascorbic acid 2‐phosphate (Sigma, St.
Louis, MO), and 1% ITS+ Premix (Collaborative Biomedical, Becton Dickinson, Bedford,
MA). In addition to the control medium, either 10 ng/mL or 500 ng/mL BMP‐6 (R&D
Systems), both with and without 100 nM DEX, were added to non‐transfected ASC
culture. The pcDNA3‐BMP6 constructs received the control medium also with and
without DEX. As in study 1, a total of 8 groups consisting of control medium plus
bioactive molecules were studied and are summarized as follows: (1) Control, (2) DEX,
(3) 10 ng/mL BMP‐6 (4) 10 ng/mL BMP‐6 + DEX, (5) 500 ng/mL BMP‐6, (6) 500 ng/mL
BMP‐6 + DEX, (7) pcDNA3‐BMP6, and (8) pcDNA3‐BMP6 +DEX. Day 7 constructs were
evaluated with qPCR for AGC1, COL1A1, COL2A1, COL10A1, and BMP6 transcript
levels.

5.2.4.3 Study 3
To assess long term culture of chondrogenically induced ASCs, 11 different
culture conditions were evaluated involving BMP‐6, overexpressed BMP‐6 via pcDNA3‐
BMP6 transfection, EFs, and DEX. The control culture medium was the same as defined
in study 2 and was included in the 11 different conditions along with bioactive
molecules as follows: (1) Control, (2) Control + DEX, (3) 10 ng/mL BMP‐6 + DEX, (4)
pcDNA3‐BMP‐ + DEX, (5) 500 ng/mL BMP‐6 + DEX, (6) 500 ng/mL BMP‐6 + DEX (7
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days) then 10 ng BMP‐6+ DEX (21 days), (7) 500 ng/mL BMP‐6 + DEX (7 days) then 10 ng
BMP‐6 (21 days), (8) pcDNA3‐BMP6 + DEX (7 days) then control medium (21 days), (9)
Control + DEX (7 days) then control (21 days), (10) 500 ng/mL BMP‐6 + DEX + EFs, and
(11) pcDNA3‐BMP6. Note, pcDNA3‐BMP6 refers to ASCs transfected with the
pcDNA3‐BMP6 plasmid; these constructs were fed with control medium.

5.2.5 RNA isolation and real-time quantitative RT-PCR (qPCR)
Following culture, ASCs were released from alginate using a solution of 150 mM
NaCl and 55 mM Na Citrate. RNA from these cells on a per well basis was obtained
using the Aurum Total RNA Mini Kit (Bio‐Rad Laboratories, Inc., Hercules, CA)
according to the manufacturer’s protocol. RNA concentration was determined by
measuring the optical density at 260 nm (OD260) using a spectrophotometer (Nanodrop
ND‐1000, Wilmington, DE). Following RNA isolation, cDNA was synthesized from the
RNA template using iScript reverse transcriptase (Bio‐Rad). Using primer probes from
Applied Biosystems (Foster City, CA), qPCR (iCycler, Bio‐Rad) was used to compare
transcript levels for 5 different genes of interest (GOI) in addition to a housekeeping
gene: 18S ribosomal RNA (endogenous control; assay ID Hs99999901_s1), aggrecan
(AGC1; assay ID Hs00153936_m1), type I collagen (COL1A1; assay ID Hs00164004_m1),
type II collagen (COL2A1; custom assay: FWD Primer 5‐
GAGACAGCATGACGCCGAG‐3; REV primer 5‐GCGGATGCTCTCAATCTGGT‐3;
Probe 5‐FAM‐TGGATGCCACACTCAAGTCCCTCAAC‐TAMRA‐3)(Mehlhorn et al.,
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2006), type X collagen (COL10A1; assay ID Hs00166657_m1), and BMP‐6 (BMP6; assay
ID Hs00233470_m1). Using plasmids containing the section of the GOI, the standard
curve method was used to determine starting transcript quantity (SQ) for each
respective gene for each sample. qPCR was run in triplicate for each sample for each
gene. Data were analyzed by determining the ratio of SQ for the GOI to SQ for 18s for
each sample. This ratio was then normalized to this same quantity for the Day 7 control
samples.

⎛ ⎛ SQ
⎜ ⎜ GOI
⎜ ⎜⎝ SQ18 S
Fold Difference = ⎜
⎜ ⎛⎜ SQGOI
⎜ ⎜⎝ SQ
18 S
⎝

⎞
⎟⎟
⎠ Day 7 or 28
⎞
⎟⎟
⎠ Day 7

⎞
⎟
⎟
⎟
⎟
⎟
⎠

5.2.6 Immunohistochemistry
The constructs were fixed overnight at 4°C in a solution containing 4%
paraformaldehyde, 100 mM sodium cacodylate, and 50 mM BaCl2 buffer (pH 7.4) (the
latter to irreversibly crosslink the alginate matrix) and then washed overnight in a 100
mM sodium cacodylate, 50 mM BaCl2 buffer (pH 7.4). The beads were then dehydrated
with a series of increasing ethanol concentrations. The constructs were then embedded
in paraffin, cut into 5 μm‐thick sections, and mounted on SuperFrost microscope slides
(Microm International AG, Volketswil, Switzerland). Immunohistochemistry analysis
was performed using monoclonal antibodies to type I collagen (C2456, Sigma, St. Louis,
MO), type II collagen (II‐II6B3; Developmental Studies Hybridoma Bank, University of
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Iowa, Iowa City1), type X collagen (C7974, Sigma), and chondroitin 4‐sulfate (2B6
antibody; gift from Dr. Virginia Kraus, Duke University Medical Center). Pepsin
(Digest‐All, Zymed, San Francisco, CA) was used for digestion on sections for type I, II,
and X collagen. Sections to be labeled for chondroitin 4‐sulfate were treated with
trypsin for tissue digestion, then with soybean trypsin inhibitor, and then with
chondroitinase (all from Sigma) to expose the epitope for binding of the 2B6 antibody.
The Histostain‐Plus ES Kit (Zymed) was used on all sections for blocking and linking the
secondary antibody to horseradish peroxidase. An anti‐mouse IgG antibody (Sigma,
Product No. B7151) was used as the secondary antibody, and aminoethyl carbazole
(Zymed) was used as the enzyme substrate/chromogen. The appropriate positive
controls for each antibody were prepared and examined to ensure antibody specificity
(porcine cartilage for type II collagen and chondroitin 4‐sulfate, calcified zone of porcine
cartilage for type X collagen, and porcine meniscus or ligament for type I collagen).
Negative controls were also prepared to rule out nonspecific labeling.

5.2.7 Statistical Analysis
For the statistical analysis, samples were evaluated by one or two‐factor ANOVA
and Fisher’s PLSD post‐hoc test (α = 0.05 ) to determine significance between conditions.

The II‐II6B3 monoclonal antibody developed by Thomas F. Linsenmayer was obtained from the
Developmental Studies Hybridoma Bank developed under the auspices of the National Institute of Child
Health and Human Development and maintained at The University of Iowa, Iowa City.
1
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5.3 Results
5.3.1 Study 1
5.3.1.1 qPCR
No significant differences were observed between the pMAX‐GFP transfection
control and the non‐transfected control group and the transfection control is therefore
not presented. In general, the use of EFs in the medium to promote chondrogenesis had
a significant effect on all genes studied (ANOVA, p < 0.05). BMP6 expression (Figure 20)
was confirmed in the pcDNA3‐BMP6 transfected cells throughout the 28 day culture
period, although the presence of the EFs in culture significantly inhibited BMP6
expression by the transfected cells by approximately 50% at both the 7 day and 28 day
time points.
AGC1 expression (Figure 20) was highest in the day 28 control culture, though
short‐term exposure to BMP‐6 in the absence of the EFs resulted in significant increases
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Figure 20: Study 1 qPCR results for BMP6, COL2A1, AGC1, COL1A1, and COL10A1.
Data presented as fold difference to week 1 control without EFs transcript values. EFs
= 5 ng/mL EGF, 1 ng/mL FGF, and 0.25 ng/mL TGF‐β1. Groups not sharing the same
level are statistically different from each other, ANOVA, Fisher’s PLSD, α = 0.05 .

in AGC1 expression at day 7 as compared to control. The overexpression of BMP6 did
not result in an upregulation of AGC1 transcript at any time point compared to control
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culture. In general, the presence of the EFs downregulated AGC1 expression, with
control, BMP6‐ST, and pcDNA3‐BMP6 groups all showing significant downregulation at
4 weeks when compared to the same groups without EFs.
In contrast to AGC1, the presence of EFs generally upregulated COL2A1
expression (Figure 20). This effect is most pronounced in the BMP6‐ST group at day 28
with transcript values reaching 3.5 times that of day 0 controls (p < 0.05). pcDNA3‐
BMP6 constructs demonstrated a trend towards increasing COL2A1 transcript values in
the presence of EFs, though this effect was not significantly different than control values.
A trend towards increasing COL1A1 transcript (Figure 20) was also noted across
all culture conditions when EFs were added to the culture medium relative to the same
condition without EFs; however, only in the transfected pcDNA3‐BMP6 condition at day
7 did the presence of EFs significantly upregulate COL1A1 transcript (p < 0.05). Relative
to control cultures, short term exposure to BMP‐6 resulted in a 3‐fold increase in
COL1A1 transcript on average at day 7. This upregulation was maintained at day 28
only if the EFs were present.
While not observed at the 1 week time point following short‐term exposure to
BMP‐6, all other conditions involving BMP‐6 demonstrated a significant upregulation in
COL10A1 transcript (Figure 20) due to the presence of EFs as compared to the same
condition without the EFs (p < 0.05). Particularly in the case of BMP‐6 overexpression at
day 7 and at day 28, COL10A1 values were 6.9 and 13.7‐fold greater than day 7 control
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condition. The control conditions without BMP‐6 also demonstrated a trend towards
increased COL10A1 at day 7 due to the EFs, though this increase did not reach statistical
significance (p > 0.05).

5.3.1.2 Immunohistochemistry
As was the case for the qPCR results, antibody labeling in the pMAX‐GFP
transfected control condition yielded no qualitative differences relative to the non‐
transfected control condition, and therefore the transfection control was not included in
Figure 21. For chondroitin 4‐sulfate, the use of EFs diminishes accumulations of this
important glycosaminoglycan (GAG). The images reveal that chondroitin 4‐sulfate was
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Figure 21: Study 1 immunohistochemistry results for chondroitin 4‐sulfate and
collagen types II, I, and X. Scale bar = 20 μm.
found most prominently in either the control culture without EFs or in the short‐term
BMP‐6 exposure condition, also without the addition of the EFs in culture. For collagen
type II, BMP6‐ST, and BMP6 overexpressed (pcDNA3‐BMP6) conditions with the
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addition of the EFs resulted in the most accumulation of collagen type II in the matrix.
This accumulation was noted intracellularly, pericellularly, and diffusely throughout the
matrix in these two conditions. For type I collagen, the treatments that resulted in the
most deposition of type I collagen in the hydrogel was the BMP6‐ST condition, both
with and without EFs. The pcDNA3‐BMP6 and the control conditions without the
addition of the EFs demonstrated little to no collagen I deposition in the matrix. The
presence of collagen type X was particularly evident in the control conditions, though,
without the EFs, collagen X appears mostly in the intracellular and pericellular regions.
With the addition of EFs, collagen X appears to be more diffuse throughout the hydrogel
matrix. The addition of BMP knocks down collagen X as is evidenced by the images at
day 28 (Figure 21).

5.3.2 Study 2
5.3.2.1 qPCR
The presence of DEX in all conditions significantly increased BMP6 transcript as
compared to the corresponding group without DEX (Figure 22). The BMP6
upregulation was most evident in the overexpressed BMP6 condition (pcDNA3‐BMP6),
in which the combination of 100 nM DEX and overexpressed BMP6 resulted in a 28‐fold
increase over control cells in the absence of DEX (p < 0.05). This condition was also 5‐
fold higher than overexpressed BMP6 without the addition of DEX. The addition of
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exogenous BMP‐6 to the media, at either 10 or 500 ng/mL did not upregulate BMP6
expression.
AGC1 expression (Figure 22) was strongly upregulated by DEX (p < 0.001), and
the degree of upregulation was affected by the concentration of BMP‐6 present (p <
0.001). The combination of DEX and 500 ng/mL of exogenous BMP‐6 resulted in a 78‐
fold increase relative to day 7 control (p < 0.0001). Overexpressed BMP6 in combination
with DEX resulted in a 17‐fold increase in AGC1 transcript.
COL2A1 expression (Figure 22) showed a trend toward lower values in the
groups treated with DEX in all conditions except the high dose (500 ng/mL) BMP‐6
condition, although this was only significant in the absence of BMP‐6 (p < 0.05).
High concentrations of BMP‐6 (500 ng/mL) both in the presence and absence of
DEX resulted in a 1.6‐fold increase on average in COL1A1 transcript values (Figure 22),
which was highly significant over all other conditions (p < 0.0001). The presence of DEX
in the culture medium either without BMP‐6 or with a low dose BMP‐6 (10 ng/mL)
resulted in a significant 1.4‐fold and 1.7‐fold, respectively, downregulation of COL1A1
transcript as compared to control (p < 0.05).
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Figure 22: Study 2 qPCR results for BMP6, AGC1, COL2A1, COL1A1, and COL10A1.
Data presented as fold difference to Day 0 Control without DEX transcript values.
“X” indicates transfection with the pcDNA3‐BMP6 plasmid. Groups not sharing the
same level are statistically different from each other, ANOVA, Fisher’s PLSD, α = 0.05.
At high concentrations (500 ng/mL) of BMP‐6, COL10A1 (Figure 22) was
downregulated as compared to control regardless of the presence of DEX. At every
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other concentration of BMP‐6, DEX significantly suppressed COL10A1 gene expression
as compared to the same BMP‐6 concentration without DEX (p < 0.05).

5.3.3 Study 3
5.3.3.1 Immunohistochemistry
Day 28 immunohistochemical results from the 11 different culture conditions are
presented in Figure 23. For chondroitin 4‐sulfate labeling, ASCs transfected with
pcDNA3‐BMP6 for constitutive BMP6 expression resulted in the most accumulation of
chondroitin 4‐sulfate. Marked intracellular and pericellular staining occurred regardless
of the presence of DEX: 100 nM DEX for the entire 28 days, no DEX for the entire culture
period, or 1 week of DEX administration followed by 3 weeks without DEX.
Qualitatively, however, the transfected group without DEX proved to promote the most
robust matrix containing chondroitin 4‐sulfate. Low dose BMP‐6 in conjunction with
100 nM DEX for the entire culture period resulted in more accumulation of chondroitin
4‐sulfate than the combination of high dose BMP‐6 and continuous DEX treatment or the
combination of high dose BMP‐6, continuous DEX treatment, and EFs, which showed no
staining at all.
In direct contrast to that which was observed with chondroitin 4‐sulfate labeling,
DEX coupled with 500 ng/mL BMP‐6 and EFs resulted in the most accumulation of
collagen type II in the matrix. 100 nM DEX + 500 ng/mL BMP‐6 for 1 week and
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Figure 23: Study 3 immunohistochemistry results for chondroitin 4‐sulfate and
collagen types II, I, and X. 1st line under image is conditions for the entire 28 day
culture. If a 2nd line is present, the 1st line under image is the conditions for the first
7 days of culture; the 2nd line is the conditions for the last 21 days of culture. Scale
bar = 20 μm.
10 ng/mL BMP‐6 for the remaining 3 weeks resulted in more intense staining for
collagen type II than the continuous DEX and 500 ng/mL BMP‐6, DEX and 10 ng/mL
BMP‐6, or DEX and pcDNA3‐BMP6 transfected groups. When DEX was dropped along
with the reduction from 500 ng/mL to 10 ng/mL of BMP‐6, collagen type II production
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was present but not as strong as when DEX remained present throughout the 28 day
culture. DEX without BMP‐6 was not able to promote collagen type II production. For
the pcDNA3‐BMP6 groups, staining was only seen in the absence of DEX.
Collagen I production was most pronounced with a continuous dose of DEX in
addition to high dose BMP‐6, where BMP‐6 is either delivered in high doses for the
entire 28 days or only the first 7 days followed by low dose for the remaining 3 weeks.
Collagen I was evident throughout the entire hydrogel matrix in these 2 culture
conditions. However, the addition of EFs to the DEX, high dose BMP‐6 culture
attenuated collagen I biosynthesis, resulting in much less collagen I in the matrix.
Removing DEX after the first 7 days also abrogated collagen I production. BMP6
transfected cultures exhibited increases of collagen I production, particularly in the
pericellular regions, when DEX was omitted from the culture.
The addition of DEX to control cultures greatly increased the accumulation of
collagen type X, and this increased production of collagen X was abrogated by
continuous delivery of low levels of BMP‐6 (10 ng/mL) but not high levels of BMP‐6 (500
ng/mL). All pcDNA3‐BMP6 transfected ASC cultures demonstrated some labeling for
collagen X; though, qualitatively, 100 nM DEX for the entire culture period resulted in
more intense staining for collagen X relative to the transfected cultures without DEX or
with DEX for only the first 7 days.
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5.4 Discussion
In this study, we have examined the ability of TGF‐β, EGF, FGF (EFs), DEX, and
BMP‐6, either alone or in various combinations, to promote chondrogenesis in ASCs. As
BMP‐6 has been previously demonstrated to exert potent chondrogenic effects on ASC
culture (Estes et al., 2006a; Estes et al., 2006b; Hennig et al., 2007), we hypothesized that
chondrogenesis in this cell population could be augmented by the addition of other pro‐
chondrogenic factors. To effectively investigate the potential of other chondrogenic
agents for ASC chondrogenesis, we divided the investigation into 3 separate studies, the
first two in which separate agents are examined with and without BMP‐6, and the 3rd
study in which we investigated 11 different combinations of the aforementioned factors
based on the results of the first two studies.
Study 1 sought to determine if the use of EFs could ameliorate the production of
cartilage‐specific mRNA transcript and macromolecules. This study also sought to
determine if the use of short‐term exposure to BMP‐6 could be at least equal to
continuous administration of this potent morphogen. The results indicate that both
BMP6‐ST treatment and overexpression of pcDNA3‐BMP6 are potential strategies to
enhance the production of cartilage‐specific matrix molecules in 3D culture; although
neither was sufficient to induce an ideal chondrocytic phenotype either with or without
the EFs. The use of the EFs produced both beneficial and detrimental effects on ASCs as
noted by the increase in production of COL2A1 and consequently type II collagen
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deposition in the matrix while also repressing AGC1 transcription and GAG
accumulation. The production of COL2A1 in the BMP plus EFs groups is consistent
with some literature that reports the requirement of both TGF‐β and BMP‐6 signaling to
induce COL2A1 expression in ASCs (Hennig et al., 2007).
The EFs also affected the fibrocartilaginous phenotype by increasing collagen
type I gene expression (Figure 20) and protein synthesis (Figure 21). Interestingly, short‐
term exposure to BMP‐6, both with and without EFs, was associated with a large
increase in the accumulation of collagen type I in the matrix, which was not observed in
the transfected or control groups (Figure 21). This significantly enhanced accumulation
of collagen type I again points to the change in potency and effect on differentiation
according to the temporal use of these agents. As has been demonstrated with TGF‐β3
in primary chondrocytes (Lima et al., 2007), the temporal application of any of these
agents alone or in combination may be exploited to enhance chondrogenesis in this stem
cell population. The EFs, in addition, demonstrated an interactive effect with BMP‐6 to
promote COL10A1 expression, and this, coupled with the observed increase in collagen
type I production, may lead to an undesired endochondral ossification pathway. Our
results are in contrast to that reported ability of FGF‐2 to both stimulate collagen type II
and GAG production while inhibiting collagen type I production; though it is important
to note that previously obtained results were dependent on FGF concentration and cell
passage number (Chiou et al., 2006; Solchaga et al., 2005; Tsutsumi et al., 2001). Even
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though EFs were shown to work in conjunction with BMP‐6 to produce collagen type II,
the observation that AGC1 and chondroitin 4‐sulfate production were repressed with
the addition of these three EFs underscores the need for further culture condition
optimization to more fully understand ASC chondrogenesis.
In study 2, we sought to examine the potential of DEX, alone or in combination
with different concentrations of BMP‐6, to enhance ASC chondrogenesis through the
investigation of 2 positive transcript markers of chondrogenesis and two negative
transcript markers of chondrogenesis (Figure 22). Our results from study 2
demonstrated that early gene expression of ASCs in 3‐Dimensional culture is strongly
affected by the presence of DEX as well as BMP‐6. The use of DEX to affect an anabolic
response in ASC culture is dependent on many factors including its concentration,
temporal application of the glucocorticoid, and other cytokines that DEX could work in
concert with or against. As evidence for this, a recent study by Derfoul and colleagues
showed that DEX has an overall positive effect on MSC chondrogenesis in the presence
of TGF‐β3 as noted by the enhancing cartilage‐specific transcript markers, namely
aggrecan, collagen II, and COMP (Derfoul et al., 2006). Conversely, DEX in conjunction
with BMP‐2 significantly repressed these same markers in MSCs (Kurth et al., 2007).
In our study, the expression of aggrecan (AGC1) was significantly increased by
DEX, and an interactive effect between DEX and high dose BMP‐6 results in a 78‐fold
increase in AGC1 expression relative to day 7 control (Figure 22). Collagen type II
134

mRNA (COL2A1) was not expressed at high levels in any group as compared to control;
though, there appeared to be a trend towards lower COL2A1 expression when DEX was
included in the culture medium. This was true in all comparisons except for the high
dose BMP‐6 (500 ng/mL) treatment condition, suggesting that high concentrations of
BMP‐6 can overcome the potential inhibitory effect of DEX on COL2A1 expression. The
lack of collagen type II transcript may not be indicative of failure to induce
chondrogenesis, as many have reported that COL2A1 transcript is not observed during
initial culture periods under chondrogenic stimuli (Hennig et al., 2007; Mushtaq et al.,
2002) Further study to elucidate the temporal behavior of collagen type II gene
expression under these culture conditions is warranted. DEX also demonstrated the
ability to repress collagen type X gene expression, expression of which is characteristic
of a hypertrophic or mature chondrocyte phenotype. In this study (Figure 22) and
previous studies (Estes et al., 2006a), a high dose of BMP‐6 was required to achieve
COL10A1 downregulation if DEX is not included in the medium.
In order to investigate possible mechanisms of DEX‐induced gene expression
changes, the effect of DEX on BMP‐6 gene expression was studied. Others have shown
that glucocorticoids act upstream of BMP6 and can result in BMP6 upregulation in
various cell types (Boden et al., 1998; Liu et al., 2004; Yoon et al., 2004). Accordingly,
DEX was found to also upregulate BMP‐6 gene expression in this particular stem cell
population. This upregulation of BMP6 transcript correlated to the enhancement of
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AGC1 and repression of COL10A1 gene expression. These data suggest that
transcriptional activation of BMP6 may be at least partially responsible for the effects of
DEX on gene expression in ASCs. Also, the interactive effects between DEX and BMP‐6
concentration indicate that chondrogenesis may also be influenced by indirect
mechanisms such as BMP and glucocorticoid signaling crosstalk. Further investigation
into different members of the TGF‐β superfamily, glucocorticoid receptors, and SMAD
proteins may help elucidate these signaling pathways in chondrogenically induced
ASCs.
Building on the first two parts of our study, we selected 11 different culture
conditions for Study 3 to investigate the phenotype following 28 days of in vitro culture,
particularly to probe the long term effects of continuous DEX treatment on ASC culture.
Even though DEX was shown to robustly enhance AGC1 transcript at day 7 in study 2, it
was clearly evident that DEX inhibited the accumulation of GAGs over 28 days in
culture. The pcDNA3‐BMP6 transfected ASCs, without DEX, produced the most GAG
content compared across all culture conditions. Some chondroitin 4‐sulfate labeling was
seen with soluble BMP‐6 when ASC constructs were cultured without DEX or when
DEX was removed from the culture medium after the first week. Continuous DEX
treatment in the presence of low concentrations of BMP‐6 did not affect GAG deposition,
suggesting that at low concentrations of approximately 10 ng/mL, BMP‐6 may overcome
suppressed GAG synthesis mediated by glucocorticoids. Similar to this study in which
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positive effects of DEX at early time points and negative effects at day 28 seem at odds,
detectable aggrecan transcript in MSC pellet culture was apparent in DEX, TGF‐β3, and
DEX + TGF‐β3 cultures at day 1, and, by day 28, only in the combined DEX, TGF‐β3
condition was aggrecan transcript expressed (Derfoul et al., 2006). As noted in study 1,
the use of EFs inhibited AGC1 expression, suggesting that this combination of growth
factors may ultimately inhibit GAG synthesis in prolonged culture. In this case, the low
levels of AGC1 transcript noted in study 1 were predictive of low chondroitin 4‐sulfate
accumulation in the matrix at day 28 in both studies 1 and 3.
Study 1 demonstrated that the additions of EFs to BMP‐6 greatly enhanced
biosynthesis of collagen type II. This effect was confirmed in study 3 in which DEX was
also added to the culture. This is consistent with the work of separate groups who have
shown that the additives of FGF and TGF‐β, independently, can enhance collagen II
expression in mesenchyme derived stem cells (Chiou et al., 2006; Hennig et al., 2007;
Solchaga et al., 2005). Without the presence of the EFs, collagen type II was inhibited by
DEX alone or in combination with either high or low dose BMP‐6. This trend towards
decreased collagen II production was reversed when the concentration of BMP‐6 was
dropped after the first 7 days in culture, suggesting that an initial high dose of BMP‐6
followed by low doses may be more beneficial than continuous administration of either
low or high doses of BMP‐6.
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Dexamethasone has been directly related to both enhancement and deterioration
of the cartilage phenotype in both MSC and primary chondrocyte culture as a function
of the cell type and specific growth factors employed (Chen et al., 2005; Dechant et al.,
2003; Farquhar et al., 1996; Kurth et al., 2007; Miyazaki et al., 2000; Ochi et al., 2006;
Sekiya et al., 2001b). In this study, early transcript comparisons of the interaction of
BMP‐6 and DEX proved to be poor prognosticators of protein accumulation at day 28.
Similar to the trends of opposite responses for AGC1 and GAG content in studies 2 and
3 respectively, DEX inhibited COL10A1 transcript levels at day 7; though, by day 28,
DEX either alone or in combination with a high dose BMP‐6 induced the accumulation
of the cartilage hypertrophic marker type X collagen as demonstrated by IHC. It was
noted that low doses of BMP‐6 with DEX resulted in much less accumulation of collagen
type X.
It appears as if DEX plus a high dose of BMP‐6 promotes higher COLA1
expression and collagen type I production, suggesting that a synergistic relationship
exists between DEX and BMP‐6 in promoting a fibrocartilaginous phenotype. However,
when the EFs are also added, collagen I levels remain low in the matrix. This is in
contrast to study 1, when EFs upregulated COL1A1 when present in the BMP‐6 groups.
Since the BMP‐6 treatment conditions were slightly different in these two studies,
further investigation is required to probe the effect of DEX and EFs on the potential for
creating a fibrocartilaginous phenotype.
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5.4 Summary
In our previous work, we demonstrated that high doses of BMP‐6 are sufficient
to both produce GAGs and collagen type II production (Estes et al., 2006a), but
continuous high dose BMP‐6 results in a fibrocartilage phenotype after 28 days of
culture (Estes et al., 2006b), thereby prompting the search for other factors that may
enhance BMP‐6 mediated ASC chondrogenesis. To this end, we have examined the use
of EGF, FGF, TGF‐β1, and DEX, with varying forms and concentrations of BMP‐6, to
enhance chondrogenesis of ASCs cultured in alginate. What has emerged is a
complicated story of the interaction of several factors and their ability to promote
chondrogenesis in ASCs. The overexpression of BMP‐6, in and of itself, is unable to
produce a strong cartilage phenotype. However, control medium with pcDNA3‐BMP6
transfected cells may have produced the best overall phenotype by day 28
immunohistochemistry of all the conditions in study 3, as GAGs and collagen type II
were present with minimal deposition of collagen types I and X.
The EFs, both with and without DEX, promoted collagen II deposition, although
the EFs also resulted in increased production of two negative markers of
chondrogenesis, collagens I and X, and inhibited the accumulation of
glycosaminoglycans, which are critical for the proper function of articular cartilage
(Guilak and Hung, 2004). Culturing ASCs with DEX promoted positive chondrogenic
gene expression results at day 7, which demonstrated a synergistic effect between DEX
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and BMP‐6. However, the immunohistochemistry results at day 28 suggest that
continuous administration of DEX for ASC chondrogenesis could be problematic. DEX
is known to be a common differentiation factor used in chondrogenesis, osteogenesis,
adipogenesis, and myogenesis, and the degree of success for differentiation depends on
the concentration of DEX and the other factors used to induce the specified lineage
(Grigoriadis et al., 1988). Others have noted that the effects of DEX on chondrocytes are
dependent on the stage of differentiation (Mushtaq et al., 2002; Yasuda et al., 1995). For
these reasons, the use of DEX for ASC chondrogenesis may still be appropriate, given
the proper dose and administration period and along with the right combination of
bioactive molecules. These data suggest a complicated interplay between BMP‐6, FGF,
EGF, TGF‐β, and glucocorticoids, in which the correct growth factor concentrations and
temporal application of the factors are critical to regulate the appropriate biosynthesis of
cartilage matrix proteins.
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6. Mechanical Signals as Regulators of ASC
Chondrogenesis
6.1 Introduction
As stem cells are believed to hold significant promise for therapeutic applications
in tissue or organ repair in the treatment of diseases such as heart disease, arthritis,
neural disorders, such as Parkinson’s disease and paralysis, as well as other pathologies
related to trauma or degeneration, there has been an ever growing interest in the process
of controlling stem cell fate. Developing successful treatment regimens for these
diseases will necessitate a thorough understanding of the multiple signals that guide the
stem or progenitor cell toward a specific tissue phenotype, which can then be employed
to repair or regenerate the diseased tissue. However, this endeavor is complicated as the
ultimate phenotype of the cell is governed by a myriad of factors, which include
biochemical, biomaterial, and biomechanical signals. The central aim of the work
presented in this chapter is to study the effects of biomechanical factors in controlling
stem cell fate.
The use of adipose‐derived stem cells (ASCs) has gained significant interest in
recent years since these cells can be harvested in abundance through a minimally
invasive liposuction procedure, and induced along several mesodermal lineages
including fat, muscle, bone, and cartilage (Erickson et al., 2002; Estes et al., 2006a;
Halvorsen et al., 2000; Halvorsen et al., 2001a; Halvorsen et al., 2001b; Mizuno et al.,
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2002; Zuk et al., 2001). These studies have provided great insight regarding the potent
effects of the biochemical environment to promote differentiation. Comparatively, there
have been relatively few studies to directly investigate the influence of mechanical stress
on the phenotype of these and other types of progenitor cells. As there is much evidence
demonstrating the role of mechanical stress in stem cell differentiation (Recently
reviewed by the author in (Estes et al., 2004)), the use of “biophysical” signals may be
critical to regulate the phenotype of ASCs and may have additive or synergistic effects in
combination with soluble mediators.
A brief review of the literature reveals that mesenchyme derived stem cells also
adapt their phenotype with the application of mechanical stress. For example, the
chondrogenic induction of stage 23/24 chick limb bud cells embedded in an agarose
matrix was significantly enhanced by dynamic mechanical unconfined compression as a
function of applied frequency, specifically noting an approximate doubling in the
cartilage nodule density and a greater than 2‐fold increase in [35S]‐sulfate incorporation
compared to static compression (Elder et al., 2001; Elder et al., 2000). Rabbit MSCs
encapsulated in a 2% agarose matrix and subjected to unconfined dynamic compression
exhibited increased aggrecan and collagen II transcript levels over non‐loaded controls,
which also translated into enhanced protein deposition in the matrix after 2 weeks
(Huang et al., 2004a). A similar loading regimen increases aggrecan promoter activity in
MSCs embedded in agarose and subsequently GAG deposition in the matrix, also as a
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function of increasing frequency (Mauck et al., 2007). The phenotype of ASCs can also
be modulated by the application of mechanical stress (Knippenberg et al., 2005; Lee et
al., 2007) Using pulsatile fluid flow, ASCs upregulated specific markers of osteogenesis,
but, unlike other bone progenitor cells, the response was noted to be a function of their
degree of differentiation (Knippenberg et al., 2005). Lee and colleagues showed that
ASCs respond to uniaxial 10% strain in an opposite fashion to MSCs by decreasing
expression of positive markers for myogenesis (Lee et al., 2007). Taken together, these
data suggest that ASCs will respond to mechanical stress, but that the response may be
different than that obtained with MSCs. From these data, it appears that the frequency
of applied loading is an important factor to promote an anabolic response in the cells
(Elder et al., 2001; Elder et al., 2000; Mauck et al., 2007). Higher frequencies of around 1
Hz have also proven to be more beneficial than lower frequencies of applied loading for
cartilage tissue engineering using primary chondrocytes (Buschmann et al., 1995;
Buschmann et al., 1999; Davisson et al., 2002; Hunter et al., 2002; Ragan et al., 2000).
Implied within this statement is that some loading regimens may be catabolic in nature
dependent upon the stage of differentiation, type of cell, the biomaterial used, and
chemical factors in the medium. As ASCs induced with uniaxial strain downregulated
positive markers of myogenesis, subjecting chondrocytes grown in fibrin matrices to
intermittent dynamic unconfined compression demonstrated overall catabolism as
noted by the presence of inflammatory markers, a decrease in relevant biochemical
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content, and a decrease in mechanical properties compared to free swelling controls
(Hunter et al., 2004). This result is of particular interest from a tissue engineering
perspective as pro‐inflammatory cytokines could, regardless of their source, suppress
the actions of cartilage differentiating growth factors, thereby diminishing and/or
destroying the repair tissue.
In this regard, interleukin‐1 (IL‐1) and tissue necrosis factor‐alpha (TNF‐
α) appear to be the most potent effectors of cartilage degeneration (Fukui et al., 2001;
Goldring, 2000; van de Loo and van den Berg, 1990). In response to an acute ACL
injury, inflammatory cytokine levels increase dramatically within 24 hours, and then
subside to steady state levels consistent with chronic arthritis after one week (Irie et al.,
2003). IL‐1 is also known to upregulate and co‐localize with matrix metalloproteinases
(MMPs), which are responsible for matrix degradation in OA cartilage (Tetlow et al.,
2001). For cartilage tissue engineering purposes, the presence of IL‐1 can negatively
affect cartilage metabolism by the suppression of proteoglycan and collagen
biosynthesis (Gouze et al., 2001; Hunter et al., 2004), and should be carefully weighed as
a considerable hindrance to sucessful cartilage tissue engineering.
In summary, it is clear that mechanical cues can influence the differentiation of
stem cells both in vivo and in vitro, and therefore, evaluating the response of ASCs to
mechanical stress is pertinent in understanding how to modulate chondrogenesis more
effectively in ASCs. It is also clear that catabolic cytokines have the capacity to result in
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rapid degeneration of engineered cartilage once placed in an inflammatory
environment. Since it is likely that tissue engineered cartilage will be placed in a pro‐
inflammatory environment, studying the response of ASCs to pro‐chondrogenic factors,
including mechanical loading, in the face of acute inflammation is also pertinent. To this
end, our objectives were four‐fold:
1. Design and construct a mechanical compression bioreactor.
2. Determine the effects of dynamic mechanical compression and IL‐1 on
chondrogenesis of ASCs in vitro.
3. Determine the effects of dynamic mechanical compression on chondrogenesis of
ASCs in vitro.
4. Determine if dynamic mechanical compression enhances chondrogenesis by
increasing the available anabolic solute to the cells as reported in a recent
mathematical model (Mauck et al., 2003a).

6.2 Materials and Methods
6.2.1 Study 1
6.2.1.1 Cell Culture
ASCs were isolated by collagenase digestion of lipoaspirates (Aust et al., 2004)
obtained from plastic surgery from 2 donors. The cells were plated in stromal medium
consisted of DMEM/F12 (Cambrex Bio Science, Walkersville, MD), 10% fetal bovine
serum (FBS, Hyclone, Logan UT) and 1% penicillin‐streptomycin‐ fungizone (Gibco,
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Grand Island, NY) and expanded through P1, after which the cells were embedded in
agarose at 5 million cells/mL.

6.2.1.2 Study Design
Four different treatment conditions were studied: (1) Control, 1% strain static
load; (2) Dynamic compression; (3) Control, 1% strain static load + 10 ng/mL rhIL‐1α,
and (4) Dynamic compression + 10 ng/mL rhIL‐1α. N = 5/treatment condition/donor.
The continuous dynamic mechanical regimen was employed over the final 48 hrs of
culture and consisted of application of a 6% strain offset, 5% amplitude sinusoidal
displacement at 0.1 Hz. Matrix synthesis rates were determined by measuring
radioactive proline and sulfate incorporation, normalized to dsDNA content at day 4
and day 7. All cultures were maintained at 37º C and 5% CO2 with chondrogenic
medium containing DMEM‐HG (Gibco), 10% fetal bovine serum (Hyclone), 1%
penicillin‐streptomycin (Gibco), 100 nM dexamethasone (Sigma), 10 ng/mL TGF‐β1
(R&D Systems, Minneapolis, MN), 37.5 µg/mL L‐ascorbic acid 2‐phosphate (Sigma), and
1% ITS+ premix (Collaborative Biomedical, Becton–Dickinson, Bedford, MA). The
medium was exchanged every other day.

6.2.1.3 DNA, 3H‐proline, and 35S‐sulfate assays.
For the last 24 hours of culture, 10 µCi/mL of 3H‐proline and 5 µCi/mL of 35S‐
sulfate were added to each of the different cultures in order to quantify total protein and
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sulfated glycosaminoglycan synthesis, respectively. After the agarose discs were
digested in papain (125 µg/mL), DNA content (per agarose disc) was quantified using
the PicoGreen fluorescent double‐stranded DNA (dsDNA) assay (Invitrogen, Eugene,
OR). Radiolabel incorporation was quantified using a scintillation analyzer (Packard,
Meriden, CT) after the addition of Bio‐Safe II scintillation mixture (Research Products
International, Mount Prospect, IL), and the resulting data were normalized to dsDNA
content.

6.2.2 Study 2
6.2.2.1 Cell Culture
Human ASCs (Zen‐Bio, Durham, NC) were obtained from liposuction waste of
subcutaneous adipose tissue. The cells used were from a lot of combined cells obtained
from 7 different non‐smoking, non‐diabetic female donors with an average age of 41
(range 27‐51) and an average body mass index (BMI) of 25.2 (range 22.5‐28.2). The cells
were seeded on 225‐cm2 culture flasks (Corning, Corning, NY) at an initial density of
8,000 cells/cm2 in expansion medium consisting of Dulbeccoʹs modified Eagleʹs medium
(DMEM)‐F‐12 (Cambrex Bio Science, Walkersville, MD), 10% FBS (Atlas Biologicals, Ft.
Collins, CO), 1% penicillin‐streptomycin‐Fungizone (Gibco, Grand Island, NY), 0.25
ng/mL TGF‐β1 (R&D Systems), 5 ng/mL epidermal growth factor (EGF) (Roche
Diagnostics, Indianapolis, IN), and 1 ng/mL basic fibroblast growth factor (bFGF or FGF‐
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2) (Roche Diagnostics). The cells were cultured at 37˚C in 5% CO2, and the media was
changed every 48 – 72 hours. At approximately 90% confluence, the cells were lifted
from the plates with 0.05% trypsin and replated through passage 4.

6.2.2.2 Study Design
ASCs were encapsulated in agarose at 20 million cells/mL, and cultured in
control medium consisting of DMEM‐HG, 10% fetal bovine serum (Hyclone), 1%
penicillin‐streptomycin, 37.5 µg/mL L‐ascorbic acid 2‐phosphate, 100 nM
dexamethasone (Sigma), and 1% ITS+ premix or chondrogenic medium containing
control medium plus 10 ng/mL BMP‐6 (R&D Systems). Four treatment conditions were
investigated: (1) Statically loaded (1% strain), control medium; (2) Statically loaded (1%
strain) chondrogenic medium; (3) Dynamic loaded, control medium; (4) Dynamically
loaded chondrogenic medium. The constructs were cultured for 21 days. After an
initial 24 hour recovery period in free‐swelling culture, the constructs to be mechanically
loaded were subjected to 3 hours of continuous sinusoidal compressive deformational
loading per day, 5 days a week for 3 weeks, in which a 10% peak to peak displacement
was superimposed on a 3% tare strain. During the 3 hour loading period, the statically
loaded samples were loaded to 1% strain. At all other times, all constructs were left in
free‐swelling culture. The culture medium was exchanged every 48 hours. Following
loading at day 1 and at day 3, one group of constructs from each treatment condition
was removed from culture, and RNA was extracted for downstream PCR analysis (n =
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3/treatment group/time point). Following the 21 days in culture, the constructs were
removed and prepared for immunohistochemical analysis.

6.2.3 Study 3
To determine if dynamic compressive loading can increase the availability or
concentration of anabolic solute inside the 2% agarose gel constructs, the effective
partition coefficient was measured after 3, 8, and 24 hours after subjecting the constructs
(n ≥ 5 per condition/time point) to continuous sinusoidal compressive deformational
loaded with a 10% peak to peak displacement superimposed on a 2% tare strain.
The effective partition coefficients were determined using the method of Quinn
et al. (Quinn et al., 2001) with slight modifications. The term, “effective,” was added
since the partition coefficient was measured under dynamic loading instead of in the
steady state, free‐swelling condition usually associated with the partition coefficient.
The agarose constructs were placed in the first bath with 300 µl of a 60 µM solution of 40
kDa fluorescein labeled dextran (Molecular Probes) during dynamic compression at
37°C. The constructs were then transferred to a second bath containing 6 mL of PBS and
allowed to incubate at 4° C for 24 h. The concentration of fluorescein dextran in baths 1
and 2 were determined using a fluorescent microplate reader (GENios microplate
reader), at 535 nm emission. The volume of the agarose construct was calculated from
height and diameter measurements using a high resolution professional video camera
(Sony XCD‐X700; resolution ~ 5 µm) and LabView (National Instruments, Austin, TX).
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The constructs were weighed prior to and after lyophilization to determine the water
content, φ. The effective partition coefficient, Ke, was then calculated from the following
equation:

Ke =

Vb 2 c 2
φV (c1 − c 2 )

where Vb2 is the volume of bath 2, c2 is the concentration of the dextran in bath 2,
c1 is the concentration of dextran in bath 1, φ is the water content, and V is the volume of
the agarose construct.

6.2.4 Construct Fabrication
At ~90% confluence at the appropriate passage, cells were mixed in sterile 2%
(w/v) type VII low gelling point agarose (Sigma‐Aldrich Co., St. Louis, MO) to obtain a
homogenous cell distribution and then injected into a custom mold (1.8 mm thick, Ø25
mm) for gelation at room temperature. A Ø6 mm biopsy punch was then used to create
discs that were placed in individual wells of a 24 well plate with 1 mL of control or
chondrogenic medium. The medium was changed every other day.

6.2.5 RNA Isolation and Real Time PCR
RNA was isolated from the samples using two different techniques. In the first
technique, β‐agarase (Cambrex Bio Science Rockland, Inc.; Rockland, ME) was used to
digest the polysaccharide backbone of the agarose prior to RNA isolation. Briefly, 600 µl
of a 1X solution of RNAsecure (Ambion; Austin, TX) was heated to 60° C for 10 minutes
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to activate RNase inhibitors. The solution was then cooled to 45° C, at which time the β‐
agarase buffer at 1X (Cambrex Bio Science Rockland, Inc.) was added to each tube along
with the agarose construct. Following 15 minutes of incubation at 45° C, the buffer
solution was removed and the tubes were heated to 70° C to melt the agarose. Once the
agarose was molten, the tubes were cooled to 45° C, and 3 µl of β‐agarase (supplied at
1U/mL) was added to each tube to effectively allow for the digestion of the
polysaccharide backbone (incubation time ≥ 1 hour). Total RNA was isolated using the
Aurum Total RNA Mini Kit (Bio‐Rad Laboratories, Inc., Hercules, CA) according to the
manufacturer’s protocol. Alternatively, TRIzol® reagent (Invitrogen, Carlsbad, CA) was
used according to manufacturer’s protocol. Following isolation, total RNA was further
purified using the RNeasy Mini kit from Qiagen (Valencia, CA) according to the
manufacturer’s protocol. Once isolated, cDNA was made from total RNA by reverse
transcription using iScript reverse transcriptase (Bio‐Rad Laboratories, Inc.). Using
commercially‐available primer‐probes from Applied Biosystems (Foster City, CA), real‐
time quantitative PCR (iCycler, Bio‐Rad)) was used to compare transcript levels for five
different genes: 18S ribosomal RNA (endogenous control; assay ID Hs99999901_s1),
aggrecan (AGC1; assay ID Hs00153936_m1), type I collagen (COL1A1; assay ID
Hs00164004_m1), type II collagen (COL2A1; custom assay: FWD Primer 5‐
GAGACAGCATGACGCCGAG‐3; REV primer 5‐GCGGATGCTCTCAATCTGGT‐3;
Probe 5‐FAM‐TGGATGCCACACTCAAGTCCCTCAAC‐TAMRA‐3) (Mehlhorn et al.,
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2006), type X collagen (COL10A1; assay ID Hs00166657_m1), and BMP‐6 (BMP6; assay
ID Hs00233470_m1). Using plasmids containing the section of the gene of interest (GOI),
the standard curve method was used to determine starting transcript quantity (SQ) for
each respective gene for each sample. qPCR was run in triplicate for each sample for
each gene. Data were analyzed by determining the ratio of SQ for the GOI to SQ for 18s
for each sample. This ratio was then normalized to this same quantity for the Day 0
control samples.

⎛ ⎛ SQ
⎜ ⎜ GOI
⎜ ⎜⎝ SQ18 S
Fold Difference = ⎜
⎜ ⎛⎜ SQGOI
⎜ ⎜⎝ SQ
18 S
⎝

⎞
⎟⎟
⎠ Day 1 or 3
⎞
⎟⎟
⎠ Day 0

⎞
⎟
⎟
⎟
⎟
⎟
⎠

6.2.6 Immunohistochemistry
The constructs were fixed overnight at 4°C in a solution containing 4%
paraformaldehyde and 100 mM sodium cacodylate, (pH 7.4). The agarose constructs
were then dehydrated with a series of increasing ethanol concentrations. The constructs
were then embedded in paraffin, cut into 5 μm‐thick sections, and mounted on
SuperFrost microscope slides (Microm International AG, Volketswil, Switzerland).
Immunohistochemistry analysis was performed using monoclonal antibodies to type I
collagen (C2456, Sigma, St. Louis, MO), type II collagen (II‐II6B3; Developmental Studies
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Hybridoma Bank, University of Iowa, Iowa City1), type X collagen (C7974, Sigma), and
chondroitin 4‐sulfate (2B6; gift from Dr. Virginia Kraus, Duke University Medical
Center). Pepsin (Digest‐All, Zymed, San Francisco, CA) was used for digestion on
sections for type I, II, and X collagen. Sections to be labeled for chondroitin 4‐sulfate
were treated with trypsin for tissue digestion, then with soybean trypsin inhibitor, and
then with chondroitinase (all from Sigma) to expose the epitope for binding of the 2B6
antibody. The Histostain‐Plus ES Kit (Zymed) was used on all sections for blocking and
linking the secondary antibody to horseradish peroxidase. An anti‐mouse IgG antibody
(Sigma, Product No. B7151) was used as the secondary antibody, and aminoethyl
carbazole (Zymed) was used as the enzyme substrate/chromogen. The appropriate
positive controls for each antibody were prepared and examined to ensure antibody
specificity (porcine cartilage for type II collagen and chondroitin 4‐sulfate, calcified zone
of porcine cartilage for type X collagen, and porcine meniscus for type I collagen).
Negative controls were also prepared to rule out nonspecific labeling

6.2.7 Statistical Analysis
Three‐factor (medium, mechanical load, and day) analysis of variance (ANOVA)
was used to analyze the qPCR data with Fisher’s protected least significant difference

The II‐II6B3 monoclonal antibody developed by Thomas F. Linsenmayer was obtained from the
Developmental Studies Hybridoma Bank developed under the auspices of the National Institute of Child
Health and Human Development and maintained at The University of Iowa, Iowa City.
1
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(PLSD) post‐hoc test to determine statistical significance. Unpaired t‐tests were
conducted to analyze difference in the effective partition coefficient per time point.
Statistical significance for both studies was determined at an α‐level of 5%.

6.3 Results
6.3.1 Design and manufacture of mechanical compression bioreactor
We have designed and manufactured a closed‐loop displacement controlled
bioreactor, with the ability to compress 24 specimens simultaneously, for the purposes
of applying dynamic unconfined compressive deformational loading to tissue
engineered constructs (Figure 24). Detailed mechanical drawings are located in the
Appendix.
Briefly, the instrument consists of a rotary stepper motor (Oriental Motor,
Torrance, CA) set to microstep at 4000 steps/rev or 0.09º/step. An optical encoder is
mounted on the shaft of the stepper motor for the purposes of closed‐loop feedback
control. The stepper motor drives a linear stage (Danaher Motion, Wood Dale, IL), and
connected to the stage is a loading platform, which can house 24 individual polyacetal
pistons (same spacing as a standard 24 well culture plate). The pistons were designed
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Figure 24: Custom‐built closed‐loop displacement controlled instrument
such that the posts will slip freely through the loading platform if not locked in place. A
compression plate, driven by a cam mechanism, locks the pistons rigidly to the plate.
The “slip fit” design of the pistons ensures that all pistons are in contact with their
respective construct prior to being locked to the plate. The design of the instrument and
the written code (LabView 6.1, National Instruments, Austin, TX) allow for precise
displacement of the loading platform in closed‐loop control. Additionally, the code was
written to allow the user to save encoder data at specified intervals to ensure accurate
and precise loading throughout the duration of the loading regimen. The instrument
was validated in frequency ranges of 0.01 Hz to 2 Hz for amplitude ranges from 0.0125
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Figure 25: Instrument validation (Traces from ELF 3200) (a) 0.0125 mm amplitude, 1
Hz; (b) 0.8 mm amplitude, 2 Hz.
to 0.8 mm using a precision controlled materials testing system (ELF 3200, Bose,
Minnetonka, MN) (Figure 25).

6.3.2 Study 1
In this first study, dynamic mechanical compressive stimulation resulted in an
overall catabolic response in ASCs seeded in an agarose gel. This was noted by a
significant decrease in DNA content, [3H]‐proline and [35S]‐sulfate rate of incorporation
from the application of dynamic mechanical compression (Figure 26). However, the
addition of the catabolic cytokine, IL‐1α, resulted in catabolic, anabolic, or neutral
responses dependent upon the outcome measure.
Dynamic mechanical compression significantly decreased total DNA content at
these early time points of 4 and 7 days (Figure 26A and 26D); though a significant
increase (p < 0.05) in total DNA content was noted with static loading at day 7 (Figure
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26D). Total DNA content in both the dynamically as well as statically loaded groups
were not affected by the addition of IL‐1. Dynamic mechanical compressive stimulation
also resulted in a significant decreases in [3H]‐proline rate of incorporation, a general
marker for protein synthesis and uptake, compared to 1% static loading (Figure 26B and
26E). This effect was more pronounced at day 4 than day 7 with values of
approximately 40% and 70% that of statically loaded controls. The addition of 10 ng/mL
of IL‐1α 48 hours prior to the termination of each time point (4 day and 7 day time
points) of the study generally increases the catabolic nature of the compression regimen
as seen by significantly decreased [3H]‐proline synthesis. This significant decrease in the
rate of [3H]‐proline incorporation by approximately 30% in the dynamically compressed
constructs was also observed in the static groups after the addition of IL‐1 (Figure 26B
and 26E). Dynamic loading, in addition, resulted in decreases in [35S]‐sulfate rate of
incorporation, a marker for proteoglycan synthesis, relative to the static group, though
this decrease was only significant at the 4 day time point with a value of approximately
50% of control value (Figure 26C and 26F). Contrary to the data for [3H]‐proline
incorporation, the addition of IL‐1α did not adversely affect [35S]‐sulfate rate of
incorporation. In reality, a trend towards a [35S]‐sulfate rate of incorporation increase
with treatment was noted that reached statistical significance at day 4 in the static
control group (Figure 26C and 26F).
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Figure 26: A‐C: 4 day results; D‐F: 7 day results ‐ A,D) DNA Content, B,E) [3H]‐Proline
incorporation, C,F) [35S]‐Sulfate incorporation (All data presented as % Control (%C).
(*, p < 0.05; **, p < 0.001, bars are mean ± S.E.)
C = Control,
MS = mechanical
dynamic stimulation.

6.3.3 Study 2
6.3.3.1 qPCR results
Only in the case of aggrecan (AGC1) gene expression (Figure 27) did ANOVA
yield a significant effect for mechanical loading (p < 0.05). The type of medium was
determined insignificant at the day 1 and day 3 time points for AGC1 expression. By
day 3 in culture, AGC1 transcript was upregulated relative to day 1 treatment
conditions, both in with and without BMP‐6 in the absence of dynamic compressive
loading. However, it is noted that dynamic compressive loading significantly
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Figure 27: AGC1, COL2A1, COL1A1, and COL10A1 gene expression data. n = 3/
condition/time point. Bars (mean + S.E.M.) represent fold difference relative to Day 0
control cells. Groups not sharing the same letter are statistically different from each
other, ANOVA, Fisher’s PLSD, α = 0.05 . (No letters signifies no statistical differences
between conditions.)
inhibitedAGC1 expression in the presence of BMP‐6. For COL2A1 expression (Figure
27), significant increases in transcript levels were observed as a function of time (p <
0.05); though, for all cases, gene transcript levels for COL2A1 were significantly
decreased relative to day 0 control values. For COL1A1 and COL10A1 transcript
analysis (Figure 27), ANOVA yielded no effect from all three factors studied, day, load,
or medium.
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6.3.3.2 Immunohistochemistry
After 21 days in culture, differences in the accumulation of collagens type I, II,
and X, and chondroitin 4‐sulfate (2B6 antibody) were noted (Figure 28). For collagen
type I production, a negative marker for chondrogenesis, immunohistochemical analysis
revealed little qualitative differences between the 4 treatment conditions, with faint
intracellular staining noted. The control static condition exhibited no detectable type II
collagen, the principal collagen found in articular cartilage, anywhere in the matrix.
Conversely, both dynamic compressive loading and the addition of BMP‐6 to the
medium resulted in a net increase in collagen type II in the constructs. For the
dynamically loaded controls and the BMP‐6 static conditions, collagen II appears to be
mostly concentrated within the cells. Further, it is noted that BMP‐6 in addition to
dynamic compressive loads resulted in more intense collagen II staining of all conditions
with collagen II being detected intracellularly, pericellularly, and some diffuse staining
within the agarose hydrogel. The mature, hypertrophic chondrocyte marker, collagen
type X, was upregulated in both control and chondrogenic static conditions with mostly
intracellular staining. Constructs in control medium subjected to dynamic compressive
forces over the 21 day period exhibited the most intense staining for collagen type X
with its presence noted both intracellularly and pericellularly. When BMP‐6 was
combined with dynamic compressive loading, a significant net reduction in collagen
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Figure 28: Immunohistochemistry results for collagen types I, II, and X, and
chondroitin 4‐sulfate after 21 days in culture (scale bar = 20 µm).
type X is observed after 21 days in culture. Chondroitin 4‐sulfate, another positive
marker for chondrogenesis, is observed across all treatment conditions. However, in
both static and dynamic control conditions, labeling for chondroitin 4‐sulfate is observed
in the intracellular and pericellular regions and is qualitatively more abundant in the
control treatment conditions relative to the BMP‐6 treatment conditions. Within the
BMP‐6 treatment conditions, dynamic compressive loads resulted in more intense
labeling of chondroitin 4‐sulfate compared to the static, BMP‐6 condition, though it is
noted that chondroitin 4‐sulfate is only observed intracellularly.
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6.3.4 Study 3
The effective partition coefficient as measured under free‐swelling (no load) or
under dynamic compression varied according to the specific time interval (Figure 29).

1
0.8

*

0.6

*
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0.4
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0.2
0
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Figure 29: Effective partition coefficient under dynamic loading (1 Hz) and free‐
swelling conditions. (Bars are mean ± S.E.M., n ≥ 5/time point/condition. *, p < 0.05
comparing the two conditions at each time point.)
After 3 hours of culture in the fluorescein labeled dextran, the dynamically compressed
group had taken up more of the fluorescently tagged molecules as indicated by a 28%
increase in the partition coefficient (p < 0.05). By 8 hours, the opposite result was seen
with the no load constructs absorbing more of the dextran as exhibited by a 26% increase
in keff (p < 0.05). By 24 hours, there were no statistical differences between the
dynamically compressed samples and the free‐swelling, no load samples.
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6.4 Discussion
6.4.1 Study 1
This preliminary study demonstrates that ASCs embedded in 2% agarose
respond to mechanical stress by reduction in net matrix synthesis, and IL‐1α further
increases this catabolic response (Figure 26). The loading frequency of 0.1 Hz, employed
in this study, is consistent with the frequency employed in the study by Davisson and
co‐workers that showed net matrix accumulation in response to this frequency
(Davisson et al., 2002). Potential reasons for the different results are that the Davisson
study used primary chondrocytes and a slightly different compression regimen (a static
offset of 10% was used with dynamic oscillations of 5% amplitude for 24 hours). As
discussed previously, in primary chondrocytes, the metabolic response of the cells is
strongly dependent on the magnitude and frequency of the applied loads (Guilak and
Hung, 2004). Generally speaking, slower frequencies of loading (< 0.1 Hz) are anti‐
anabolic (suppressive) in nature, and faster frequencies of loading result in biosynthetic
increases in cartilage matrix components (Guilak and Hung, 2004). Since this is the first
study that has investigated the response of ASCs to dynamic stimulation, biosynthetic
rates, as a function of magnitudes and frequencies of applied loads, are unknown. It is
quite conceivable, given the abundance of data in the literature suggesting that
frequencies of greater than 0.1 Hz applied with intermittent loading regimens are
anabolic in nature (Hung et al., 2004; Kelly et al., 2004; Mauck et al., 2003b; Mauck et al.,
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2000; Mauck et al., 2003c), that the ASCs will respond in a vastly different fashion to
increased frequencies of loading, along with intermittent loading protocols.
Additionally, the fact that S‐GAG synthesis did not appear to be inhibited with
the addition of IL‐1 suggests, at least in early times in culture, that ASCs respond
positively (or at a minimum “neutrally”) to the IL‐1 “insult.” However, it is entirely
possible that the effect on sulfated biosynthetic rates is not immediate, and that
intracellular signaling pathways are initiated, which could lead to long term detrimental
effects due to the presence of IL‐1.

6.4.2 Study 2
Unlike study 1, in which the agarose constructs were subjected to continuous
dynamic compression for 48 hours, in this study, the constructs were subjected to an
intermittent loading protocol with 3 hours of loading on each loading day. Of all the
markers studied, dynamic loading was seen to only have an effect on the dynamically
compressed constructs in the presence of BMP‐6 at day 3, as noted by a significant
decrease in AGC1 transcript relative to all other conditions at day 3. Interestingly, the
addition of BMP‐6 to the static control group resulted in a trend towards decreased
AGC1 transcript levels. While not significant, this suggested that the dynamic loading
regimen interacted with BMP‐6 signaling to inhibit AGC1 production. Our results are in
contrast to work of others using MSCs in agarose, also subjected to similar dynamic
compressive protocols. Huang and colleagues showed an approximate 2.5‐fold increase
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in AGC1 expression relative to unloaded samples at day 3, which increased to almost 4‐
fold with the addition of TGF‐β1 (Huang et al., 2004a). Measuring aggrecan promoter
activity in MSCs embedded in agarose and also subjected to 10% strain, Mauck et al.
observed increases in aggrecan promoter activity relative to free swelling controls as a
function of frequency and time (Mauck et al., 2007). In our study, a significant decrease
in collagen II transcript was also noted across all treatment conditions at both days 1 and
3, regardless of medium. This result may be a function of the culture medium and/or
time and not the dynamic loading protocol itself, as more than 3 days may be required
along with the addition of TGF‐β to promote COL2A1 transcript in ASCs (Hennig et al.,
2007). A similar study has shown the opposite effect as dynamic unconfined
compressive loading induced collagen type II gene expression 2‐fold and 3‐fold over
free‐swelling controls with load, and load plus TGF‐β1 respectively (Huang et al.,
2004a). The loading frequency and duration of loading per time point used in this study
is consistent with those of previous studies in both primary chondrocytes and MSCs,
which resulted in anabolic effects on the cells (Huang et al., 2004a; Mauck et al., 2007;
Mauck et al., 2003c). As not much is known about the application of mechanical loading
effects on ASCs, it is entirely possible that other loading regimens, including other
frequencies and loading durations, may result in entirely different responses. As
suggested by another study probing the mechanical stress effects on ASCs, the response
to dynamic load may be a function of its differentiated state (Knippenberg et al., 2005).
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As our time points for measuring gene expression were early in culture, it is plausible
that the cells had not differentiated to a state of being able to “sense” the applied load.
Indeed, it has been suggested that a pericellular matrix may be required to properly
transduce mechanical signals (Buschmann et al., 1995).
To assess the long‐term effects of BMP‐6 treatment and dynamic compression,
we analyzed the samples via immunohistochemical analysis after 21 days of culture.
Over this time period, the dynamically stimulated constructs were subjected to 15 total
days of loading of 3 hours for each day. Contrary to the early culture period gene
expression results, the cumulative effects of loading and BMP‐6 treatment to affect
chondrogenesis in this cell population were more pronounced. Specifically, mechanical
dynamic compression appears to be responsible for the induction of collagen type II
deposition, which was not observed in the static controls condition. In the presence of
the pro‐chondrogenic factor, BMP‐6, dynamic compression further increases the amount
of collagen II observed in the matrix in an additive manner to that which was observed
with BMP‐6 alone. Our results are consistent with a study by Huang and colleagues,
who also demonstrated similar amounts of collagen type II deposition after 14 days in
their dynamically loaded agarose constructs with little to no deposition of collagen type
II in control, free‐swelling cultures (Huang et al., 2004a). As noted with decreases in
aggrecan gene expression, accumulated chondroitin 4‐sulfate was also reduced in the
matrix in response to dynamic compressive loading in contrast to that observed by other
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groups studying MSCs in agarose culture (Huang et al., 2004a; Mauck et al., 2007). Both
of these groups observed, not only increases in gene transcript for aggrecan, but also
observed enhanced GAG production associated with dynamic loading, both in the
presence and absence of TGF‐β (Huang et al., 2004a; Mauck et al., 2007). Comparatively,
our results indicate that control cultures, without the presence of BMP‐6, led to
significantly higher accumulated chondroitin 4‐sulfate; though, there appears to be no
significant differences with the application of dynamic loading, suggesting that cell
conformation within the matrix under control medium is enough to induce GAG
formation.
In our previous work, we have shown that high concentrations of BMP‐6 are able
to inhibit both transcript and protein accumulation of collagen type X, a mature or
hypertrophic chondrocyte phenotype marker, over both 7 and 28 day culture periods
(Estes et al., 2006a; Estes et al., 2006b). Low concentrations of BMP‐6 of 10 ng/mL
administered throughout the 21 day culture period without dynamic loading led to
detectable collagen type X synthesis. Interestingly, with the application of dynamic
compressive loading, collagen type X expression is greatly diminished. Since dynamic
loading in control cultures results in more collagen type X relative to the BMP‐6 static
control conditions, an interesting interplay between BMP‐6 and dynamic loading to
suppress collagen X expression is suggested.
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In summary, our short‐term gene expression data reveal no profound, immediate
influences on the production of both pro‐chondrogenic and non‐chondrogenic ECM
transcript markers. However, continued loading over 21 days led to interesting,
observable differences in ECM synthesis. Namely, collagen type II was enhanced with
dynamic loading and enhanced in a synergistic manner with BMP‐6 signaling, while the
application of dynamic loading, in the presence of BMP‐6, greatly inhibited production
of collagen type X. The fact that our results with ASCs do not mirror that which was
obtained using similar protocols with MSCs has been reported by others (Knippenberg
et al., 2005; Lee et al., 2007), and further support that ASCs are a distinct population of
stem cells. Our data reveal that dynamic unconfined compressive loading may enhance
the production of cartilage‐specific macromolecules in 3D agarose culture. However, it
should be noted that even after 21 days in culture, the ECM components were mainly
located in the intracellular and pericellular regions within the agarose construct, and at
least from a functional tissue engineering approach, the mechanical integrity of these
ASC/agarose constructs would be lacking for in vivo application.

6.4.3 Study 3
As discussed, many authors have demonstrated an anabolic response in various
cell agarose systems to dynamic unconfined compressive loading as a function of
increasing frequency. One mechanism that has been discussed for the beneficial effects
observed with increasing frequency is that increasing frequency increases convective
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transport to improve access to chondrogenic factors as well as removing potential
cytotoxic byproducts. Mauck and colleagues demonstrated a synergistic effect with the
anabolic solutes, TGF‐β and IGF‐1 with mechanical loading in promoting ECM synthesis
(Mauck et al., 2003b) above that which was observed with mechanical loading alone
(Mauck et al., 2000). In cartilage explant culture, Bonassar et al. have also demonstrated
similar stimulation effects with IGF‐1 (Bonassar et al., 2001). With MSCs embedded in
agarose, Huang and colleagues also showed a synergistic effect in matrix synthesis with
TGF‐β and dynamic compressive loading (Huang et al., 2004a).
To determine if this anabolic response to mechanical loading was a function of
improved convective transport, Mauck and colleagues set forth a model using biphasic
theory to model convective transport of a neutral solute within a hydrogel under
dynamic compressive loading (Mauck et al., 2003a). One of the interesting findings of
this model was that, in effect, mechanical dynamic loading could increase the
concentration of available solute within the hydrogel as much as 3‐fold greater than
steady state concentration values as a function of increasing frequency (Mauck et al.,
2003a). In other words, dynamic compressive loading could effectively raise the
partition coefficient over unity, its theoretical maximum value in static, free‐swelling
conditions. Using a relatively high frequency of 1 Hz as has been suggested by multiple
authors, we attempted to increase the effective partition coefficient in 2% agarose gels
using a neutral dextran solely with the application of dynamic compressive loading.
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Our results indicate that dynamic compressive loading at 1 Hz (10% strain) does
increase the availability of the solute at early times in culture (i.e., 3 hours) as a function
of improved convection, but dynamic compressive loading could not cause the partition
coefficient to exceed the values obtained in free‐swelling cultures. In fact, a trend
towards decreased partition coefficients were noted at 8 and 24 hours; though, by 24
hours, the differences were not statistically different once steady state values were
reached. Consistent with our results, Chahine and colleagues demonstrated significant
increases in dextran concentration with dynamic loading after 3 hours of loading
(Chahine et al., 2005). In this same study, active perfusion also increased the
concentration of 3 kDa dextran within the agarose construct under both static and
dynamic load. However, using a 70 kDa dextran, the differences in dextran
concentration between dynamic load and dynamic load plus perfusion were
insignificant. The authors conclude that dynamic load and perfusion interact to increase
the effective concentration of dextran in the hydrogel; though, as steady state
concentration values were never determined, this statement is only applicable after 3
hours of loading. As observed in the present study, the early time point of 3 hours also
resulted in greater dextran concentration in the hydrogel, though this is simply
explained by enhanced convective transport, and by 24 hours in culture, no differences
were noted between the concentration obtained under dynamic loading and free
diffusion. While dynamic deformational, compressive loading has been shown to be an
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effective method to enhance the synthesis of cartilage‐specific matrix molecules and to
enhance the ultimate mechanical integrity of the tissue engineered construct, given the
data in this present study, we must reject the hypothesis that this is a result of increasing
the concentration of available anabolic solutes to the cells. Though unlikely, due to the
short duration of loading, it should be noted, however, that convective transport as a
result of dynamic deformational loading could still account for the enhanced stimulation
of ECM synthesis as the cells could potentially process the solutes that are actively
transported to them more rapidly (assuming an unlimited supply). In essence, over the
duration of loading, the cells in the matrix could “observe” a net increase in anabolic
growth factors.

6.5 Summary
Dynamic deformational loading was seen to have both positive and negative
effects on ASC chondrogenesis as noted in this study. In early ASC culture, dynamic
compressive deformational loading results in a net decrease in ASC metabolism as
marked by decreases in radioactive proline and sulfate synthesis rates. Also, in early
culture, gene transcripts for critical cartilage‐specific ECM genes were unchanged by the
application of dynamic loads. By day 21, following 15 days of intermittently applied
dynamic deformational loading, immunohistochemical analysis revealed a relationship
between the application of dynamic loads and collagen type II production, the principal
collagen found in articular cartilage. An additive effect was also noted with mechanical
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load and BMP‐6, providing evidence that the use of both anabolic growth factors in
conjunction with dynamic deformational loading may enhance the accumulation of
cartilage ECM molecules.
In the 3rd part of our study, we showed that dynamic deformational loading
could not increase the partition coefficient over steady state values in the hydrogels with
a neutral dextran of approximately the same molecular weight as that of TGF‐β super
family members, leading us to reject this as a hypothesis for enhanced ECM
biosynthesis. Our immunohistochemical data also stood in opposition to this
mechanism as dynamic loading, in the absence of an anabolic solute, greatly enhanced
collagen type II production.
In summary, we have successfully developed a bioreactor to study the effects of
dynamic deformational loading on ASCs. Using this instrument, our initial results are
encouraging providing evidence that both dynamic deformational loading and BMP‐6
can ameliorate the production of cartilage‐specific macromolecules. However, given the
task of creating a functional cartilage tissue replacement, we realize that ECM
production must be greatly increased from what was observed in this present study,
pointing to the need for further optimization in cell culture conditions to optimize ASC
chondrogenesis.
.
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7. Chondrogenic Differentiation of Adipose-Derived
Adult Stem Cells by a Porous Scaffold Derived from
Native Articular Cartilage Extracellular Matrix
7.1 Introduction
Cartilage repair or regeneration remains a challenging clinical problem in plastic
and orthopedic surgery following tissue damage due to trauma, developmental
anomalies, or progressive degeneration such as osteoarthritis. As an avascular tissue
with low cellular biosynthetic activity, cartilage has a limited capacity for self‐repair
(Guilak and Hung, 2004). Successful outcomes for articular cartilage lesions have been
reported with current treatment options, which include joint lavage, tissue debridement,
abrasion arthroplasty, microfracture of the subchondral bone, or the transplantation of
autologous or allogeneic osteochondral grafts (Aichroth et al., 1991; Aubin et al., 2001;
Baumgaertner et al., 1990; Denoncourt et al., 1986; Emmerson et al., 2007; Friedman et
al., 1984; Ghazavi et al., 1997; Johnson, 2001; Kish et al., 1999; Steadman et al., 2003;
Steadman et al., 2001; Wouters et al., 1992). While these procedures have yielded
promising clinical results, many of these approaches can lead to the formation of fibrous
tissue, apoptosis, and further cartilage degeneration (Nehrer et al., 1999; Shapiro et al.,
1993; Tew et al., 2000). Currently, one tissue engineering approach, autologous
chondrocyte implantation (ACI), has shown promising results in early clinical reports
(Bentley et al., 2003; Breinan et al., 1997; Brittberg et al., 1994; Minas, 2001; Saris et al.,
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2008), but randomized, controlled trials suggest similar efficacy of the ACI procedure as
compared to the microfracture technique or mosaicplasty (Knutsen et al., 2004; Saris et
al., 2008). While autologous chondrocytes provide a differentiated cell source with
significant potential for forming cartilaginous tissue, the isolation of autologous
chondrocytes for human use is invasive, requiring a biopsy of what may be otherwise
healthy cartilage (Brittberg et al., 1994; Kim et al., 2001), potentially initiating
osteoarthritic changes in the joint (Knutsen et al., 2004; Lee et al., 2000a). Moreover, in
vitro expansion of chondrocytes is associated with a decreased capacity for
chondrogenesis due to dedifferentiation or terminal differentiation of chondrocytes with
passaging (Bonaventure et al., 1994; Darling and Athanasiou, 2005a; Stokes et al., 2002;
Thirion and Berenbaum, 2004). Some limitations to the ACI procedure may be related to
the lack of a scaffolding biomaterial that provides the physical and biological signals
required for proper growth and differentiation. Hence, there has been growing interest
in the field of tissue engineering to find the right combination of cells, biologically‐active
molecules, and the appropriate biomaterial scaffold to promote a strong differentiated
phenotype.
A number of techniques have been developed for cartilage tissue engineering using
primary chondrocytes as a cell source and a variety of biomaterial scaffolds or hydrogels
with varying biological and biomechanical properties. Naturally occurring marine‐
derived biologic biomaterials such as agarose, alginate, and chitosan have shown
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significant promise as scaffolds for cartilage tissue engineering by supporting a
chondrocytic phenotype (Buschmann et al., 1995; Cao et al., 1998; Chang et al., 2001;
Domm et al., 2004; Fragonas et al., 2000; Iwasaki et al., 2004; Mauck et al., 2003b; Mauck
et al., 2000; Mauck et al., 2003c; Mierisch et al., 2002; Nettles et al., 2002) but generally
have mechanical properties that differ from native cartilage by several orders of
magnitude (Kuo and Ma, 2007; LeRoux et al., 1999). Other combinations of biomaterials
have also been used as scaffolds to recreate the unique biochemical and biomechanical
characteristics of cartilage, including fibrin (Hendrickson et al., 1994), collagen
matrix/alginate composites (Kurz et al., 2004), hyaluronic acid (Aigner et al., 1998;
Dausse et al., 2003), pluronics (Cao et al., 1998), polyester elastomers (Kang et al., 2006),
poly(ethylene glycol) (PEG) (Bryant and Anseth, 2002; Lee et al., 2003d), non‐woven
porous α‐hydroxy esters of polylactic (PLA) , polyglycolic (PGA) and co‐polymers of the
two (PLGA) (Cao et al., 1998; Freed et al., 1993; Kang et al., 2006; Martin et al., 2000).
As an alternative source of chondrogenic progenitor cells, adult stem cells derived
from a variety of tissues have been investigated for cartilage tissue engineering (Wang et
al., 2005b; Wayne et al., 2005; Wei et al., 2008; Williams et al., 2003). In particular, recent
studies have shown the presence of an abundant source of multipotent adult stem cells
that are easily accessible from subcutaneous adipose tissue via liposuction and are
capable of chondrogenesis (Aust et al., 2004; Gimble and Guilak, 2003). During in vitro
expansion, adipose‐derived stem cells (ASCs) can maintain a stable undifferentiated
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status without change in telomerase activity over 9 passages (Estes et al., 2006b),
suggesting that these cells can be expanded as an abundant cell source without loss of
multipotency (Guilak et al., 2006). ASCs can be induced toward a chondrogenic
phenotype by exogenous delivery or genetic overexpression of growth factors, including
insulin‐like growth factor 1 (IGF‐1), transforming growth factor‐β (TGF‐β), and bone
morphogenetic protein 6 (BMP‐6) (Erickson et al., 2002; Estes et al., 2006a; Hennig et al.,
2007; Hofmann et al., 2006; Sheyn et al., 2008). Nevertheless, the complexities involved
in safety and efficacy of either exogenous or genetically‐induced growth factor delivery
has led investigators to examine other mechanisms for inducing chondrogenesis,
including physical/chemical factors such as oxygen tension (Wang et al., 2005a),
mechanical stress (Huang et al., 2004a; Mauck et al., 2007), or biomaterial scaffolds with
properties that can support rapid cell growth and differentiation (Awad et al., 2004).
Such scaffolds including natural and synthetic materials such as collagen, chitosan, silk
protein, elastin‐like polypeptides, and degradable polymers that influence the growth
and differentiation of adult stem cells (Betre et al., 2006; Hofmann et al., 2006; Wayne et
al., 2005; Wei et al., 2008). A more thorough understanding of the interaction among
cells, the biomaterial scaffold, and growth factor signaling will be required for successful
cartilage tissue engineering (Kuo et al., 2006).

Marshall Urist, in the 1960’s, showed the ability of demineralized bone matrix to

176

induce ectopic bone formation, hypothesizing that the active osteoinductive ingredient
was “bone morphogenetic protein” (Urist, 1965). Inspired by Urist’s work, we
hypothesized that native articular cartilage extracellular matrix (ECM) components may
similarly provide signals to drive undifferentiated cells toward chondrogenesis.
However, the native cartilage ECM is a dense connective tissue, consisting of a highly
organized network of collagen (mostly type II) and large aggregating proteoglycans (i.e.,
aggrecan), and is characterized by an effective pore size of only a few nanometers (Mow
and Lai, 1980), effectively preventing any cellular infiltration. To overcome these
limitations, we devised a new process to form a porous, interconnected scaffold derived
solely from physical processing of articular cartilage. The goal of this study was to
examine the hypothesis that native, devitalized cartilage ECM can induce the
chondrogenic differentiation of adult stem cells. The scaffolds were seeded with human
ASCs and cultured in vitro for 4 or 6 weeks, and analyzed for chondrogenesis by
histology, immunohistochemistry, and real‐time RT‐PCR for cartilage‐specific ECM
genes. Biphasic mechanical testing was used to measure the aggregate modulus and
hydraulic permeability of the tissue‐engineered cartilage constructs over the culture
period.
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7.2 Materials and Methods
7.2.1 Preparation of Scaffolds
Full thickness porcine cartilage was harvested from femoral condyles of porcine
knee joints (n = 3) immediately after sacrifice and finely minced using scalpels. The
minced particles were suspended in distilled water (dH2O) and homogenized using a
tissue homogenizer to form a cartilage slurry. The homogenized tissue suspension was
centrifuged, the supernatant removed, and the precipitate tissue particles were
resuspended in dH2O. Aliquots (0.75 ml) of the slurry were placed in wells of a 48‐well
plate, snap frozen in liquid nitrogen, and then lyophilized for 24 hrs. The resulting
“sponge‐like” scaffolds were cut using a biopsy punch and scalpel to form constructs 6
mm in diameter by ~1.5 mm thick (Figure 30). These specimens were sterilized using
ethylene oxide and outgassed for one week before use.

Figure 30: (a) Gross morphology of the porous cartilage‐derived matrix. Low (b) and
high (c) magnification SEM images and (d) 3D microCT‐based rendering of the
scaffold demonstrate the porosity of the ECM‐derived scaffold.
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7.2.2 Porosity
The porosity of the unseeded scaffolds was determined quantitatively by two
methods, liquid displacement (Kim et al., 2005) and microCT imaging. Briefly, scaffolds
were scanned using a VivaCT40 (SCANCO Medical AG, Basserdorf, Switzerland). High
resolution (10.5 μm) scans with x‐ray settings of 55 kVp and 145 μA, an integration time
of 600 ms, and a cone beam reconstruction algorithm were used to image the scaffolds.
Approximately 80 slices (~0.85 mm thick) of the scaffolds were scanned. The scaffold
images were thresholded and analyzed to determine the porosity (%), strut thickness
(mm), strut number (1/mm), and pore diameter (mm).
Liquid displacement analysis was also used as an independent measure of specimen
porosity (Kim et al., 2005). Briefly, dry scaffolds were placed into a known volume (V1)
of hexane in a graduated cylinder. The volume in the cylinder with the scaffolds was
then measured, V2. After 5 minutes, the hexane impregnated scaffolds were removed,
and the volume remaining in the graduated cylinder was measured, V3. For accurate
volumetric readings, images of the graduated cylinder were captured using a high
resolution professional black and white video camera (Sony XCD‐X700). The volume in
the cylinder was calculated by optically measuring the change in meniscus height and
then converting to volumetric units using LabView (National Instruments, Austin TX).
The total volume of the scaffold was determined by the following equation:
V= (V2‐V1) + (V1‐V3),
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where V2‐V1 equals the dry volume of the scaffold, and V1‐V3 equals the volume of
hexane retained by the scaffold. The porosity of the scaffold was then determined by the
ratio of the volume of hexane remaining in the scaffold after removal from the
graduated cylinder, (V1‐V3) to the total volume of the scaffold, (V2‐V3).

Porosity (%) =

V1 − V3
X 100
V2 − V3

Specimens were also examined by scanning electron microscopy. Briefly, freeze
dried samples were fixed in 2.5% glutaraldehyde in a 0.1 M sodium cacodylate buffer for
one hour followed by dehydration in a graded series of ethanol washes. The specimens
were critical point dried in CO2 and then sputter coated with gold. The prepared
scaffolds were then viewed with a Philips 501 Scanning Electron Microscope.

7.2.3 Cell Culture
Human ASCs were obtained from liposuction waste of subcutaneous adipose
tissue from a combination of 7 different non‐smoking, non‐diabetic female donors with
an average age of 41 years old (range 27‐51) and an average body mass index (BMI) of
25.17 (range 22.5‐28.2) (Zen‐Bio, Durham, NC). The cells were plated on 225‐cm2 culture
flasks (Corning, Corning, NY) at an initial density of 8,000 cells/cm2 in expansion
medium consisting of Dulbeccoʹs modified Eagleʹs medium (DMEM)‐F‐12 (Cambrex Bio
Science, Walkersville, MD), 10% FBS (Atlas Biologicals, Ft. Collins, CO), 1% penicillin‐
streptomycin‐Fungizone (Gibco, Grand Island, NY), 0.25 ng/ml TGF‐β1 (R&D Systems,
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Minneapolis, MN), 5 ng/ml epidermal growth factor (EGF) (Roche Diagnostics,
Indianapolis, IN), and 1 ng/ml basic fibroblast growth factor (bFGF or FGF‐2) (Roche
Diagnostics). The cells were cultured at 37˚C in 5% CO2, and the media were changed
every 48 hours. When the cells were reached 90% confluence, the cells were lifted with
0.05% trypsin and replated. The ASCs were passaged 4 times, at which point they were
trypsinized and counted with a hemocytometer. The cells were resuspended in culture
medium at 500,000 cells per 30 µl and seeded by pipetting 30 µl directly on the scaffolds,
which were placed in 24 well low‐attachment plates (Corning). The culture medium
consisted of DMEM‐high glucose (Gibco), 10% FBS (Atlas Biologicals), 1% penicillin‐
streptomycin (Gibco), L‐ascorbic acid 2‐phosphate (37.5 μg/mL) (Sigma), 1% ITS+
Premix (Collaborative Biomedical, Becton Dickinson, Bedford, MA) and 100 nM
dexamethasone (Sigma). The constructs were incubated at 37˚C for 1 hour to allow the
cells to diffuse into and attach to the scaffolds before adding 1 mL of culture medium in
each well. Medium was changed every 2 to 3 days. Cultures were terminated at defined
time points during the study for evaluation of chondrogenesis.

7.2.4 RNA Isolation and Real-Time Quantitative RT-PCR (qPCR)
Four fresh constructs per time points (1, 3, 7, and 14 days) were transferred into 2
mL micro‐centrifuge tubes. Total RNA was isolated using the Aurum Total RNA Mini
Kit (Bio‐Rad Laboratories, Inc., Hercules, CA) according to the manufacturer’s protocol.
Briefly, the constructs were snap frozen, pulverized, and lysed in the supplied lysis
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buffer. A QIAshredder spin column (Qiagen, Valencia, CA) was used to homogenize
the lysate. Ethanol was added to the homogenized lysate before the samples were
purified by a spin column. Total RNA concentration was determined by optical density
at 260 nm (OD260) using a spectrophotometer (Nanodrop ND‐1000, Wilmington, DE).
Once isolated, complementary DNA was synthesized from RNA using iScript reverse
transcriptase (Bio‐Rad). Using commercially purchased primer probes from Applied
Biosystems (Foster City, CA), qPCR (iCycler, Bio‐Rad) was used to compare transcript
levels for 5 different genes: 18S ribosomal RNA (endogenous control; assay ID
Hs99999901_s1), aggrecan (AGC1; assay ID Hs00153936_m1), type I collagen (COL1A1;
assay ID Hs00164004_m1), type II collagen (COL2A1; custom assay: FWD Primer 5‐
GAGACAGCATGACGCCGAG‐3; REV primer 5‐GCGGATGCTCTCAATCTGGT‐3;
Probe 5‐FAM‐TGGATGCCACACTCAAGTCCCTCAAC‐TAMRA‐3)(Mehlhorn et al.,
2006) and type X collagen (COL10A1; assay ID Hs00166657_m1). Using plasmids
containing the section of the gene of interest (GOI), the standard curve method was used
to determine starting transcript quantity (SQ) for each respective gene for each sample.
qPCR was run in triplicate for each sample for each gene. Data were analyzed by
determining the ratio of SQ for the GOI to SQ for 18s for each sample. This ratio was
then normalized to this same quantity for the Day 0 samples.
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7.2.5 Histology and Immunohistochemistry
For histology and immunohistochemistry, constructs were fixed overnight at 4°C
in a solution containing 4% paraformaldehyde in a 100 mM sodium cacodylate buffer
(pH 7.4) , dehydrated in graded ethanol solutions, embedded in paraffin, cut into 5 μm‐
thick sections, and mounted on SuperFrost microscope slides (Microm International AG,
Volketswil, Switzerland). To stain for GAG content, sections were treated with
hematoxylin for 3 min, 0.02% fast green for 3 min, 0.1% aqueous safranin‐O solution for
5 min; rinsed with distilled water, and dehydrated with xylene. Immunohistochemical
analysis was also performed on 5 µm sections, using monoclonal antibodies to type I
collagen (ab6308, Abcam, Cambridge, MA), type II collagen (II‐II6B3; Developmental
Studies Hybridoma Bank, University of Iowa, Iowa City1), type X collagen (C7974,
Sigma), and chondroitin 4‐sulfate (2B6; gift from Dr. Virginia Kraus, Duke University
Medical Center). Digest‐All (Zymed, South San Francisco, CA) was used for pepsin
digestion on sections for type I, II, and X collagen. Sections to be labeled for chondroitin

The II‐II6B3 monoclonal antibody developed by Thomas F. Linsenmayer was obtained from the
Developmental Studies Hybridoma Bank developed under the auspices of the National Institute of Child
Health and Human Development and maintained at The University of Iowa, Iowa City.
1
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4‐sulfate were treated with trypsin, then with soybean trypsin inhibitor, and then with
chondroitinase (all from Sigma). The Histostain‐Plus ES Kit (Zymed) was used on all
sections for serum blocking before secondary antibody labeling (anti‐mouse IgG
antibody, Sigma Catalog No. B7151) and subsequent linking to horseradish peroxidase.
Aminoethyl carbazole (Zymed) was used as the enzyme substrate/chromogen. The
appropriate positive controls for each antibody were prepared and examined to ensure
antibody specificity (porcine cartilage for type II collagen and chondroitin 4‐sulfate,
calcified zone of cartilage for type X collagen, and meniscus for type I collagen).
Negative controls without utilizing primary antibodies were also prepared, to rule out
nonspecific labeling.

7.2.6 Biochemical Analysis
Three constructs per time points (1, 7, 14, 28, and 42 days) were digested by
incubating in 1 mL of papain (papain, [125 µg/mL; Sigma], 100 mM phosphate buffer, 10
mM cysteine, 10 mM EDTA, pH 6.3) for 24 h at 65°C. Glycosaminoglycan (GAG)
content was determined using bovine chondroitin sulfate as a standard and measuring
sample content with the dimethylmethylene blue assay (Farndale et al., 1986). Total
collagen content was determined by measuring the hydroxyproline content of the
scaffolds after acid hydrolysis and reaction with p‐dimethylaminobenzaldehyde and
chloramine‐T, using 0.134 as the ratio of hydroxyproline to collagen (Woessner, 1961).
Both total collagen content and GAG content were normalized to total DNA content,
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which was measured fluorometrically using the PicoGreen fluorescent double‐stranded
DNA (dsDNA) assay (Molecular Probes, Eugene, OR) according to the manufacturer’s
protocol (excitation wavelength, 485 nm; emission wavelength, 535 nm).

7.2.7 Mechanical Testing
Three fresh constructs at day 0 and 6 constructs after 28 and 42 days in culture
were collected for mechanical testing. Cylindrical plugs were punched from the central
regions of the engineered cartilage tissue using a biopsy punch to ensure circular
geometries for mechanical testing. Creep experiments were conducted in confined
compression (Mow et al., 1980) using an electromechanical materials testing system (ELF
3200, Bose, Minnetonka, MN). Briefly, specimens were placed in a confining chamber in
a PBS bath, and compressive loads were applied using a rigid porous platen. Following
equilibration of a small tare load (1 ‐ 5 gf), a step compressive load (5 ‐ 25 gf dependent
on time point such that final equilibrium strain was between 15 and 20%) was applied to
the sample and allowed to equilibrate for 2000 s. The compressive aggregate modulus
(HA) and hydraulic permeability (k) were determined using a three‐parameter, nonlinear
least‐squares regression procedure.

7.2.8 Statistical Analysis
For the statistical analysis, samples were evaluated by ANOVA and Fisher’s
PLSD post‐hoc test (α = 0.05 ) to determine significance between time points.
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7.3 Results
7.3.1 Scaffold Porosity
As determined by liquid displacement analysis, the porosity of the scaffolds
were determined to be 96.5 ± 1.9% (average ± SD) porous (n = 4). In close agreement to
liquid displacement measurement, microCT analysis revealed 94.04 ± 3.44% (average ±
SD) porosity (n = 5). We also evaluated the microarchitecture of the scaffolds using
microCT. The scaffolds had an average strut number of 4.92 ± 1.62 mm‐1 (a stereologic
measure) of the number of struts in the scaffold tissue that intersect a 1 mm long line),
strut thickness of 31 ± 1 μm, and strut spacing (equivalent to average pore size) of
221±54 μm. In agreement with the microCT data, SEM revealed a wide range of pore
sizes from approximately 10 µm – 300 µm with mostly open pore structure (Figure 30).

7.3.2 Real-time Quantitative RT-PCR (qPCR)
The two positive markers for chondrogenesis, AGC1 and COL2A1, and two
negative markers for chondrogenesis, COL1A1 and COL10A1 were analyzed (Figure
31). The two positive markers were significantly upregulated by the scaffold. AGC1 was
significantly increased approximately 50‐fold relative to day 0 control cells, which
persisted through day 14, but this increase was not observed until day 7. COL2A1
transcript values were also significantly upregulated several hundred‐fold over the first
7 days to 1600‐fold by day 14. No significant differences were observed in COL1A1
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Figure 31: qPCR results for AGC1, COL2A1, COL1A1, and COL10A1. Data presented
as mean ± SEM of the relative quantification (RQ) to day 0 transcript values (Time
points not sharing the same letter are statistically different from each other, p < 0.05,
ANOVA)

transcript levels at all times points examined. A slight trend showing an increase in
COL1A1 production was noted through day 7, which had dropped back down to initial
values by day 14 (p > 0.05). A significant downregulation of COL10A1, a marker of the
chondrocyte hypertrophy, was observed. By day 14, COL10A1 levels had decreased
approximately 3‐fold relative to day 0 control cells.

7.3.3 Gross Morphology, Immunohistochemistry, and Histology
By day 14, the ASC‐seeded scaffolds had become opaque with a smooth, white
surface. The scaffolds were approximately the same size through 28 days of culture and
appeared to shrink in size from day 28 to day 42 (Figure 32). Significant deposition and
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Figure 32: Gross morphology of the ASC‐seeded constructs at 14, 28, and 42 days in
culture (Scale bar = 1 mm)
accumulation of ECM components within the constructs was evident through
immunohistochemical and histological analysis. The sparse, porous scaffold became
nearly completely filled with neo‐tissue by day 28 (Figure 33). Specifically, type II
collagen, the primary collagen found in articular cartilage, was found in abundance
throughout the matrix interstitial voids and persisted through day 42. In terms of GAG
content, immunohistochemistry revealed labeling for the chondroitin 4‐sulfate epitope.
Total GAG content, as stained by safranin‐O, revealed heterogeneous deposition of
negatively charged proteoglycans throughout the matrix. Type I collagen, a negative
marker for chondrogenesis, was also observed to increase up to day 42. Type X
collagen, a cartilage hypertrophic phenotypic marker, was observed within the
collagenous matrix at day 28 and diminished significantly by day 42. Of the collagens
assayed, type II dominated the composition of the matrix at both day 28 and day 42 time
points. High magnification images (Figure 33) revealed rounded cells within the matrix
that stained for both GAGs (safranin‐O) and type II collagen. Conversely, within the
interstices between these larger regions of neo‐matrix, elongated, more fibroblast‐like
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cells were found, which were negative for type II collagen and positive for type I
collagen (Figure 33).
Collagen I

Collagen 2

Collagen 10

Chondroitin-6sulfate

SafraninO/Fast Green

Blank

D28

D42

+ Control

A. Collagen 2

B. SafO/FG

Figure 33: (top) Immunohistochemistry/histology of ECM‐derived scaffold/ASC
cultures. 1st row: Blank scaffolds prior to seeding. 2nd row: Day 28 samples. 3rd row:
Day 42 samples. 4th row: Positive control samples. Scale bar = 200 µm
(bottom) Day 42 high magnification images of immunohistochemistry/histology of
NSTM/ASC cultures. A) Type II collagen (II‐II6B3) Scale bar = 50 µm and B) Safranin‐
O/Fast Green Scale bar = 20 µm

7.3.4 Biochemical Analysis
A trend for increasing collagen (Figure 34) was noted throughout the
experiment, though differences in collagen content were not statistically different
(ANOVA, p = 0.09). Particularly from day 7 to day 14, collagen content was increased
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from 115 µg collagen/µg DNA to a value of 136 µg collagen/µg DNA. This content was
maintained through the final 28 days of the experiment. GAG content (Figure 34),
conversely, showed a significant decreasing trend throughout the duration of the
experiment (ANOVA, p < 0.0001). Total GAG content was at its highest at day 1, with a

Normalized Collagen and GAG Content

180
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GAG/DNA

160
140
120
100

A

80
60

B
C

B

B

40

C

20
D1

D7

D14

D28

D42

Figure 34: Total collagen and GAG content normalized to DNA (groups not sharing
the same letter are statistically different from each other, p < 0.05, ANOVA)
58% decline in GAG content through day 7. By Day 14, GAG content was 30% of the
Day 1 starting quantity.
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7.3.5 Mechanical Testing
The aggregate modulus (Figure 35) of the scaffolds increased from initial values
of 0.039 MPa (range 0.035 to 0.046 MPa) to 0.079 MPa (range 0.055 to 0.124 MPa) at day
28 to 0.151 MPa (range 0.056 to 0.343 MPa) by day 42 (ANOVA, p = 0.09). The hydraulic
permeability (Figure 35) of the scaffolds decreased approximately 10‐fold by day 42 in
culture to a value of 0.055 mm4/N•s (ANOVA, p = 0.16).
1.2

a
k (mm4/Ns)

HA (MPa)

0.2
0.15
0.1
0.05
0

1.0

b

0.8
0.6
0.4
0.2

D0

D28

0

D42

D0

D28
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Figure 35: (a) Aggregate Modulus and (b) Hydraulic permeability of scaffolds at days
28 and 42. Data presented as mean ± SEM. (n=6 for Days 28 and 42, n=3 for Day 0)

7.4 Discussion
The findings of this study show that a porous biomaterial scaffold derived entirely
from native cartilage ECM has the ability to induce the chondrogenic differentiation of
ASCs. By measures of gene expression, protein synthesis, histology, and biomechanical
testing, ASCs produced significant amounts of cartilaginous tissue within the interstitial
space of the porous cartilage matrix without additional exogenous growth factors,
leading to significant increases in the functional properties of the scaffolds after 4 and 6
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weeks of in vitro culture. Although the mechanisms leading to the induction of this
chondrogenic differentiation remain to be determined, the results suggest that direct
cell‐matrix interactions significantly influenced the phenotype of ASCs.
An important characteristic of the scaffolds used in this study is the relative
simplicity of the processing method (i.e., homogenization and lyophilization) used to
fabricate highly porous structures from native cartilage ECM. Recently, decellularized
scaffolds derived from a variety of intact tissues have been applied in engineering
different tissues or organs, including tendons, ligaments, blood vessels, skin, nerves,
skeletal muscle, small intestinal submucosa, urinary bladder, heart, and liver (Basile et
al., 2008; Chun et al., 2007; Gilbert et al., 2006; Hasslund et al., 2008; Ott et al., 2008;
Wilshaw et al., 2006; Xu et al., 2007). Decellularized and lyophilized osteochondral
grafts have also been used successfully to treat full‐thickness cartilage lesions in a rabbit
model (Toolan et al., 1998). In the present study, we adopted a relatively simple yet
effective method to reconstitute the cartilage tissue into a 3D porous structure with a
porosity of ~95% and an interconnected network of pores with an average pore size of
221 μm (Figure 30). The fact that the scaffold was manufactured using purely physical
processing techniques that render their native biochemical makeup unchanged should
abate safety concerns associated with man‐made biomaterial scaffolds. The porous
nature of the scaffolds distinguishes them from traditional cartilage allografts because it
facilitates cell seeding. Furthermore, due to the endogenous content of organic ECM
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molecules and cartilage‐derived matrix proteins (CDMPs), we believe that the cartilage‐
derived ECM scaffolds would be analogous to demineralized bone matrix (DBM) and
similar bone derivatives currently used in bone repair.
ASCs cultured within the scaffold induced temporal increases in critical cartilage‐
specific gene transcripts over the first 14 days of culture, providing evidence of the
influence of the scaffold on cell differentiation. In particular, mRNA transcript for
aggrecan, the large aggregating proteoglycan found in articular cartilage, and type II
collagen, the principal collagen found in articular cartilage, were significantly
upregulated. These results are comparable to the effects of growth factors that would
otherwise be required to induce significant levels of AGC1 and COL2A1 transcripts in
these cells (Estes et al., 2006a; Hennig et al., 2007). Specifically for COL2A1 transcript,
ASCs produce little to none of this cartilage‐specific transcript in their native
environment or even during monolayer expansion, providing further evidence that the
scaffold is cueing the cells to produce type II collagen. The paucity of COL2A1
transcript after monolayer expansion combined with significant increases in COL2A1
production directly lead to the 1600‐fold increase at day 14 that was observed in this
study. The scaffold also inhibited expression of the chondrocyte hypertrophy marker,
COL10A1, as has been shown with exogenous BMP‐6 treatment (Estes et al., 2006a;
Hennig et al., 2007).
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It is important to note that by histological and immunohistochemical measures, the
ASC‐seeded scaffolds produced a fibrocartilaginous phenotype as noted by co‐
expression of types I and II collagen (Figure33); though type II collagen dominates the
composition. A link between early evidence of COL2A1 and type II collagen production
was observed (Figures 31 and 33). However, it should also be noted that ASCs express a
high level of COL1A1 at isolation, on the order of 1000‐fold higher than that of COL2A1.
This level of COL1A1 typically persists through monolayer expansion and increases
during differentiation culture (Estes et al., 2006a; Hennig et al., 2007). Conversely, in this
study, a trend toward decreased COL1A1 expression over the first 14 days was
observed, which corresponded to significant decreases in type I collagen accumulation
in the matrix at days 28 and 42 of culture (Figures 31 and 33). Type I collagen was
primarily located in regions between the larger masses within the neo‐tissue and was
associated with a fibroblast‐like morphology (Figure 33) as opposed to the rounded
chondrocyte‐like morphology observed in the other, larger areas of the neo‐tissue.
Earlier immunohistochemical time points could elucidate whether a type I collagen
phenotype precedes type II collagen deposition within these ECM‐derived scaffolds or
whether other factors in the scaffold/ASC matrix are implicated in this morphology and
collagen phenotype shift. Nonetheless, the fact that the scaffold minimized type I
collagen synthesis within each construct as a whole and induced such large quantities of
type II collagen indicate that the ASC are responding to signals and conditions
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generated from the cartilage‐derived scaffold to differentiate to a cartilage phenotype.
This significant production of type II collagen at the protein level was encouraging, as
the synthesis and assembly of significant amounts of collagen is often considered to be a
limiting step in cartilage formation, prompting the search for other means to induce
collagen synthesis (Ng et al., 2007). Noting the difficulty in synthesizing collagen and
the fact that matrix biosynthetic rates are upregulated in injured cartilage (Eyre et al.,
1980), Ng and colleagues suggested that the limiting factor in collagen synthesis is
related to the lack of appropriate stimuli to induce rapid tissue remodeling (Ng et al.,
2007). As exhibited in this study, under appropriate stimulation from the ECM‐derived
scaffold to the ASCs embedded within the scaffolds, collagen biosynthesis and
accumulation was significant in a relatively short culture period.
The biomechanical properties of tissue engineered cartilage and how they compare
to native articular cartilage are among the most important outcome measures in
functional tissue engineering (Guilak et al., 2001). In this study, the biomechanical
properties improved progressively over time. The aggregate modulus reached 150 kPa
after 42 days in culture (Figure 35). These values are on the same order of magnitude as
those of native articular cartilage (500 to 900 kPa) (Athanasiou et al., 1991). These values
are also similar to those reported by Mauck and colleagues with chondrocytes and MSCs
encapsulated in agarose (Mauck et al., 2003b; Mauck et al., 2000; Mauck et al., 2003c;
Mauck et al., 2006). Using articular chondrocytes, these authors obtained aggregate
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moduli of 100 kPa and 15 kPa after 4 weeks in mechanically stimulated and static
culture, respectively (Mauck et al., 2000), and after 70 days in static culture, the yield
equilibrium modulus of chondrocytes embedded agarose reached 140 kPa compared to
MSCs embedded in agarose with a value of 48 kPa (Mauck et al., 2006). ECM
accumulation in the scaffold also positively affected the permeability of the scaffolds as
the permeability decreased approximately 10‐fold from initial values. At 42 days, the
scaffolds had a permeability value of 0.05 mm4/N•s, which is approximately 10 times
greater than that of native articular cartilage (Armstrong and Mow, 1982). Interestingly,
the improvements in the biomechanical properties was qualitatively associated with the
increase in normalized collagen content over time, but seemed to be independent of the
temporal changes in GAG content. Since diffusion is considered to be the primary
mechanism for macromolecular transport in tissue‐engineered cartilage and a rate‐
limiting factor in scaling up tissue engineered constructs, providing an adequate
nutrient supply may be necessary for enhanced cell proliferation and extracellular
matrix production (Guilak and Hung, 2004), which is likely to further improve the
biomechanical properties of these scaffolds. The use of bioreactors to improve nutrient
transport, therefore, may be beneficial for further development of the ASC‐seeded
scaffolds.
We have previously demonstrated that ASCs encapsulated (or suspended) in
hydrogel scaffolds (alginate and agarose) produce relatively small amounts of
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pericelluar and extracellular matrix after 28 days in culture under established
chondrogenic conditions (Awad et al., 2003; Erickson et al., 2002; Estes et al., 2006a; Estes
et al., 2006b). These previous results are in contrast to the abundant matrix that we
observed with the ECM‐derived scaffolds. Furthermore, the chondrogenic
differentiation of the ASCs was induced without the addition of exogenous growth
factors. One possible explanation is that direct anchorage of the cells to the ECM‐
derived scaffold may provide cues for cell proliferation and differentiation. Failure to
anchor may result in a state of “anoikis” or “homelessness,” which, in turn, has been
shown to invoke apoptosis in anchorage‐dependent cells (Cardone et al., 1997; Frisch
and Francis, 1994). Not only can failure to provide proper anchorage points result in
apoptosis, but failure to provide the proper type of substrate for anchorage can also
inhibit differentiation. As evidence of this, chondrogenesis of mouse limb bud
mesenchymal stem cells (MSCs) can be inhibited by blocking specific integrins,
providing further support of the need of certain types of stem cells to be anchored before
differentiation can occur (Shakibaei, 1998). Larson and colleagues demonstrated that
culturing chondrocytes with a native pericellular matrix greatly enhanced the
production of ECM macromolecules compared to chondrocytes without a pericellular
matrix (Larson et al., 2002). Chondrogenesis of MSCs has also been enhanced by culture
in type II collagen based hydrogels, further suggesting that native ECM components, at
least in part, guide the differentiation process (Bosnakovski et al., 2006). Another
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potential mechanism for the upregulation of ECM production by ASCs may be through
the production of “matrikines,” or partially broken down matrix macromolecules, as a
byproduct of the manufacturing process. Matrikines have been shown to have profound
effects on cell activity and consequently on matrix synthesis and degradation (reviewed
in (Maquart et al., 2004)). For example, partially proteolytically degraded collagens have
demonstrated the ability to either stimulate (Lane et al., 1994) or block (Maeshima et al.,
2001a; Maeshima et al., 2001b) angiogenesis. Similarly, the residual, endogenous
amounts of active growth factors that remain in the scaffold after processing might also
influence the differentiation of the ASCs. Indeed, the potential for scaffolds derived
from various native biological tissues to release bioactive factors for both cell
proliferation and differentiation has been demonstrated in several recent studies (Chun
et al., 2007; Murugan et al., 2008). Analogous to the work of Urist (Urist, 1965), it is
possible that growth factors retained in the scaffolds may include CDMPs. As evidence
for this, certain ECM molecules such as small leucine‐rich proteoglycans in cartilage are
known to sequester growth factors in the extracellular matrix and mediate their
signaling, thus sustaining and possibly regulating and boosting the chondrogenic effects
of the scaffolds (Young et al., 2002). The CDMPs may be released by proteolytic
degradation of the ECM‐derived scaffold or through diffusion and stimulate ASCs
down the chondrogenic lineage. Future studies quantifying the biochemical profile and
endogenous content of CDMPs in the ECM‐derived scaffold, blocking integrin mediated

198

attachment, and/or investigating specific collagen or peptide sequences and their role in
differentiation may yield additional data on ASC chondrogenesis.
In summary, this study reports the development of a devitalized, porous cartilage
ECM‐derived, porous scaffold to promote the chondrogenesis of ASCs. Our findings
support the hypothesis that a scaffold derived from reconstituted cartilage ECM can
influence the growth and chondrogenic differentiation of adult stem cells, even in the
absence of exogenous growth factors in the culture medium.
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8. Summary and Conclusions
8.1 Biochemical Factors
The objective of this dissertation was to investigate the use of adipose‐derived
stem cells for the purposes of the functional tissue engineering of cartilage. The central
hypothesis of this work was that in order to successfully generate a functional tissue,
one would have to take into consideration the degree to which biochemical, biophysical,
and biomaterial factors alone, or in combination, influence the chondrogenic phenotype
of ASCs. As growth factors and cytokines are known to exert potent effects on both
undifferentiated and primary cells, most of the work in this dissertation focused on
harnessing the potential of various growth factors to influence chondrogenesis in this
cell population.
In Chapter 2, we examined the role of a specific set of growth factors, EGF, FGF,
and TGF‐β, used in monolayer culture for ASC expansion to ascertain their role in
determining the capacity of the cells to be chondrogenically induced. Other
environmental factors were also examined in this study, namely the cell culture
substrate and plating density. We ultimately determined that all three factors
influenced the end‐phenotype of the cells after chondrogenic induction. However, the
use of the growth factors in monolayer culture is recommended as the cells maintain
their proliferative capacity in monolayer expansion, while also maintaining smaller,
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narrower, and substantially more spindly‐shaped during expansion, both of which have
been associated with the maintenance of a stem cell phenotype (Sekiya et al., 2002a).
The growth factors to promote chondrogenesis in this study, TGF‐β1 and
dexamethasone, did not, under any of the conditions studied, drive a robust
chondrocyte phenotype, prompting the search for other ASC chondrogenic factors.
In Chapter 3, we examined the role of 5 different growth factors on their ability
to induce chondrogenesis. Our findings supported our premise that ASCs are a distinct
population of stem cells. Even though ASCs are derived from the developing
mesenchyme, they are not identical to bone marrow‐derived MSCs. This is particularly
evident as our results indicated BMP‐6 to be a powerful regulator of chondrogenesis in
ASCs as noted by the rapid induction of aggrecan and type II collagen gene expression
and protein synthesis while limiting or inhibiting markers of chondrocyte hypertrophy.
Our results differed significantly from the osteogenic phenotype obtained when BMP‐6
is applied to MSCs and other bone marrow progenitor cells (Bobacz et al., 2003; Boden et
al., 1997; Boden et al., 1998; Boden et al., 1996; Boskey et al., 2002; Cheng et al., 2003;
Gruber et al., 2000; Ito et al., 1999; Kang et al., 2004; Liu et al., 2004; Solloway et al., 1998).
Though, as noted, these results obtained in this study were only after 7 days of culture,
and further long‐term characterization of the phenotype was required.
To this end, it was necessary to culture the cells over multiple weeks to
investigate the ability of the ASC seeded constructs to accumulate matrix and functional
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properties in comparison to that of native articular cartilage. With this as a goal and the
realization that ASCs exist as a heterogeneous population of cells (Gimble and Guilak,
2003), purifying the ASCs prior to long‐term differentiation was attempted. Numerous
groups have immunophenotyped the cells, but unfortunately, an unambiguous
population of ASCs has yet to be defined by cell surface markers. Because of this, in
Chapter 4, ASCs were sorted on the presence or absence of the intracellular enzyme,
aldehyde dehydrogenase, which has emerged as a general stem cell marker for both
hematopoietic and neural stem cells (Jones et al., 1995; Kanematsu et al., 2003; Kastan et
al., 1990; Moreb et al., 1995). Additionally, purification of the ASCs was deemed a
potentially important endeavor to promote a more robust cartilage phenotype as only
43% of ASC clones could be chondrogenically induced in a clonal analysis (Guilak et al.,
2006). While ALDH proved to be a poor choice for ASC purification, extended
passaging of ASCs proved to significantly enhance the chondrogenic potential of ASCs
in response to BMP‐6. This was interesting as this was the first demonstration that ASCs
could be cultured through 9 passages while maintaining high proliferative capabilities
and the continued expression of telomerase without losing differentiation potential. The
resulting phenotype at the end of the 28 day culture period with BMP‐6 treatment,
unfortunately, was more of a fibrocartilaginous phenotype marked by significant
expression of type I collagen.
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In Chapter 5, building on BMP‐6 as a potent chondrogenic agent, overexpressed
BMP6, in the presence of the expansion factors, EGF, FGF, and TGF‐β, and/or
dexamethasone was studied. What emerged from this study was a complicated story of
the interaction of multiple factors on the development of critical cartilage‐like ECM. The
continuous administration of DEX for chondrogenesis resulted in significant
downregulation of chondroitin 4‐sulfate in the matrix. In contrast, DEX is used
routinely to induce MSCs along a chondrocytic lineage and is associated with the
production of large amounts of GAGs in the matrix (Derfoul et al., 2006; Johnstone et al.,
1998; Ochi et al., 2006; Pittenger et al., 1999).
EGF, FGF‐2, and TGF‐β were instrumental in driving type II collagen synthesis
but, unfortunately, also inhibited aggrecan expression. This result was somewhat
surprising as both FGF‐2 and TGF‐β, in separate studies, have been shown to induce
type II collagen and GAG expression with ASCs (Hennig et al., 2007; Quarto and
Longaker, 2006). In light of this, it is entirely possible that the use of other
concentrations and combinations of these morphogens could be explored to more
effectively regulate ASC chondrogenesis. Of all the factors studied in Chapter 5, ASCs,
which overexpressed BMP6, resulted in matrix development most consistent with the
cartilage phenotype. Unfortunately, the accumulated matrix in this condition was
mostly located intracellularly and pericellularly, and would not have the mechanical
integrity to function in vivo.
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The fact that all growth factor combinations explored in Chapters 4 and 5 failed
to produce a rich cartilage‐like ECM was probably the most disappointing aspect of
examining the use of biochemical factors to promote chondrogenesis. Many of the
growth factor combinations in these chapters showed great promise from early gene
transcript analysis but were only successful for creating a meager pericellular matrix
that was positively stained for cartilage markers. As functional tissue engineering seeks
to understand the intersection of biochemical, biophysical, and biomaterial interactions
to regulate tissue development, our attention turned towards the latter to understand
how these important factors might regulate ASC chondrogenesis.

8.2 Biomechanical Factors
We successfully designed and manufactured a bioreactor to study the effects of
dynamic deformational loading on ASCs. In Chapter 6, the response of ASCs embedded
in a 2% agarose hydrogel to dynamic deformational loading was explored. As noted in
the examination of the ability of biochemical factors to modulate chondrogenesis in
ASCs, many of the outcomes following dynamic deformational loading differed
significantly from that which have been reported for MSCs and chondrocytes embedded
in agarose discs. 48 hours of continuous loading in the presence of TGF‐β1 and DEX
resulted in decreases in both DNA content and biosynthesis rates in early culture. The
addition of IL‐1 in the presence of dynamic load further added to the catabolic response,
and, thus, did not offer a protective effect against IL‐1 mediated catabolism as
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hypothesized. In follow‐up to this study, a second study, which used an intermittent,
dynamic deformational protocol of 5 days of loading per week, 3 hours per day for 21
days, resulted in both positive and negative effects on chondrogenesis dependent upon
the time point of the assays. At early time points, gene expression analysis of cartilage‐
specific ECM markers did not indicate any positive effect accrued from dynamic
loading. If anything, early markers revealed a catabolic response to dynamic loading as
measured by downregulated transcript of aggrecan and type II collagen.
Immunohistochemical analysis after 21 days of loading, on the other hand, revealed
some positive effect on chondrogenesis as noted by type II collagen in the pericellular
regions of the scaffold, which was not observed in the static control condition. For
comparison, two separate groups, using MSCs embedded in agarose, have
demonstrated similar dynamic protocols, which upregulated critical cartilage‐specific
transcript in early culture that translated into matrix deposition by 2 and 4 weeks in
culture (Huang et al., 2004a; Mauck et al., 2007). Also, using similar dynamic protocols
on chondrocytes embedded in agarose, Mauck and colleagues have shown the
development of cartilage‐like ECM that was enhanced by dynamic deformational
loading with mechanical properties approaching that of native articular cartilage
(Mauck et al., 2003b; Mauck et al., 2000; Mauck et al., 2003c; Mauck et al., 2006). As
ASCs were only able to assemble a small pericellular matrix demonstrates that dynamic
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deformational loading was not able to produce a matrix comparable to that obtained in
the previous studies by Mauck and colleagues.
The discrepancy between our early gene expression results and
immunohistochemical analysis and the failure to synthesize abundant ECM components
might be related to the ability of ASCs to “sense” and respond to mechanical stress. As
previously suggested, ASCs may have to be in a more mature state or differentiated in
order to “sense” the applied load (Knippenberg et al., 2005). If true, this potentially
alludes to the need for a pericellular matrix to which the ASCs can attach in order for the
mechanical signals to be tranduced. Accordingly, delaying the timing of the application
of dynamic deformational loading to allow for some matrix deposition may be a better
strategy for ASCs to exploit the use of mechanical signals to positively influence
chondrogenesis.

8.3 Biomaterial Factors
ASCs are an exciting cell source for regenerative medicine and tissue
engineering, as they are easily obtained in large quantities and have been shown to
possess multipotent capabilities. Because of their abundance and ease of access,
harnessing the potential of these cells for regenerative medicine would be a monumental
achievement. Unfortunately, ASCs proved to be difficult and somewhat frustrating to
manipulate and coax towards chondrogenesis with the use of biochemical and
biomechanical factors. However, we demonstrated the capability to modulate
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chondrogenesis in ASCs to a measurable degree with these factors. Even though the
effects were small, biochemical and biomechanical factors should still be considered
important factors to optimize ASC chondrogenesis.
To ascertain the effects of a biomaterial on ASC chondrogenesis, we turned to
cartilage itself. Hypothesizing that we could make a porous scaffold that retained
bioactivity to induce differentiation, we devised a method to create a highly porous
scaffold derived solely from the physical processing of cartilage ECM. In Chapter 7, we
report on the use of this novel biomaterial and its effect on ASC differentiation. In stark
contrast to that which was observed in Chapters 2‐6, we demonstrate that the interaction
of ASCs with this bioactive material led to the production of a robust matrix rich in type
II collagen, which had acquired substantial mechanical properties approaching those of
articular cartilage. As discussed in Chapter 7, the mechanism that coaxes these cells to
rapidly synthesize ECM components is unclear. Attachment to the ECM may provide
appropriate signaling through integrins to direct differentiation, or, perhaps, the ECM
scaffold retains bioactive molecules to induce differentiation. A combination of the two
is also possible. Regardless, the results observed in Chapter 7 provide evidence that
ASCs can produce abundant extracellular matrix components when provided with
appropriate cues. The biggest challenge in the future may be elucidating what signals
and cues are being sent to the ASCs from this ECM scaffold to promote such rapid
differentiation. However, success in this endeavor may ultimately lead to the ability to

207

precisely control the production of specific ECM components and their assembly. Of
course, the interaction with other biochemical and biomechanical factors may play a
pivotal role in this process as well. Notwithstanding, tailoring the structural properties
in this manner to mimic those of the native tissue it is intended to replace may
ultimately lead to the ability to engineer functional cartilage.
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Appendix: Loading Instrument Drawings
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