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Abstract

Zebrafish possess the remarkable capacity to regenerate from spinal cord injuries that
would leave mammals such as humans permanently paralyzed. Much research into zebrafish
spinal cord regeneration has focused on identifying extracellular growth factors and matrix
components which create a pro-regenerative environment; however, it is just as important to
identify and understand the transcription factors which control pro-regenerative transcriptional
responses within the resident stem cell population of the spinal cord, and the signaling cascades
which translate the known extracellular ligands into cellular responses. Using CRISPR/Cas9, we
generated two novel transcription factor knockout zebrafish lines which we tested for spinal cord
regeneration defects and found no difference in regenerative capacity. Using a chemical screen,
we identify JNK signaling as a necessary regulator of glial cell cycling and tissue bridging during
spinal cord regeneration in larval zebrafish. With a kinase translocation reporter, we visualize and
quantify JNK signaling dynamics at single-cell resolution in glial cell populations in developing
larvae and during injury-induced regeneration. Glial JNK signaling is patterned in time and space
during development and regeneration, decreasing globally as the tissue matures and increasing in
the rostral cord stump upon transection injury. Thus, we present a tool to visualize signaling
activity in the larval zebrafish spinal cord and demonstrate that dynamic JNK activity after spinal

cord injury directs a proliferative response of glial cells during spinal cord regeneration.

iv



Dedication
For Gil, Electra, and Xena, whose tireless company during the many long nights spent on

this work was as fine a substitute for sleep as I could have asked for.



Contents

AADSETACT ...ttt ettt sttt et et et e et e st sa e e s a e e a b e et e et e e b e e bt e bt e bt e shteshteeateeateeabeenteebeenns iv
LISt OF FIGUIES ...ttt ettt ettt et e et e e bt b e e bt e bt e saeesatesateeatesatesabeebeeas X
ACKNOWIEAGEIMENTS ...ttt et sttt e e et e bt e bt e bt e bt e s bt e saeesatesatesateeaee xii
L. INtrOAUCTION. ..ttt ettt sttt ae st st sbe e sne b eanenne 1
1.1 The Mammalian ReSponse t0 SCl........ccecierirrviiriienienienieeieeieesieesieeseesseesseesseessnesssessnenns 2
1.1.1 Axon Regeneration in the Mammalian CNS.........ccoociiriiiriiiiniiennienicere e 2

1.1.2 Scarring in the Mammalian Spinal Cord.........cccevveeviererirnienenienieneneeereeeeeeneeeeees 3

1.2 Spinal Cord Development in ZebrafiSh........ccoceeveeverirneeieninienineneceneeeeeneeeese s 4
12,1 NEUIUIALION ..ttt ettt ettt e bt e s bt e s bt e satesatesab e st e e eeebeebeebeeas 4

1.2.2 Anterioposterior and Dorsoventral Patterning.........ccocceeveerveerrieenennenseeneeneeneeneeeeene 5

1.2.3 Axonal Pathfinding.........ccceeviiiriiiiiiieiieiieeeeeetecrt ettt se e st s sve e esaneenane s 6

1.3 Cellular Roles in Spinal Cord Regeneration ..........ccccceeeeveerieeniieeniiennireenieeniieessveeesveessveens 7
1.3.1 Acute INJury RESPONSE .....eeviiriiriiiiiiieeiteetesteste sttt steete st ebe e e e aee st e sseesanesanens 7

1.3.2 Generation Of NeW CellS ....c.c.eiviiiiiiiiiiiiieie ettt ettt et 8

1.3.3 Bridging the Lesion Sife........ccceeeriereririenienireeienieeteieee et eneeee e seete e smeeseesneenee 8

1.3.4 Axon Growth and Synaptic Remodeling..........cccceeeeveerinieninininnenineecneneceeeeeeenee 9

1.4 Molecular Components of Spinal Cord Regeneration...........ccceecveeeriennieeniieenseennieeeniieenns 10
1.4.1 EXtracellular CUCS .......cccevuiviiiiniiiiiiiniiiiciiictcrcnteee sttt st 10

1.4.2 Transcriptional COMPONENLS .......c.eeeverrrerrierrerreeneentestesteseesresssesssesssesssesssesssesssesnses 12

1.4.3 Intracellular Signaling Cascades Between Ligands and Transcription ...........ccc.cuee.... 13

2. Assessing Transcription Factors for Regenerative Phenotypes ........cc.ceceverervcneneencneneenne 14

vi



2.2 FOXOT@ ittt ettt ettt st et st ettt b e b b e e atesaeeeaee 16
2.3 TOX2 ettt ettt ettt et b et s h e et b e bt et bt e a et e s bt et et e she et e beehe et enee 19
2.4 Materials and Methods .......cooueeieiiriririeerteereeteteet ettt ettt et 22
24,1 ZEDTafiSh..cceiiiieieceeeee ettt ettt s aae s ate et eaee 22
2.4.2 Generation of knockout fish lINES ........cceeieriiniiiniiiniiiiiieeeeeeeeeeete e 22
2.4.3 Spinal Cord Injuries in Adult Zebrafish.........cccccoereeveniniiiininecenceeeececeeeeen 22
2.4.4 Spinal Cord Injuries in Zebrafish Larvae ........ccceeecveeevieiiiieiieeeieecciecieesveeecee e 23
2.4.5 HISEOLOZY «eeuvveiuiieeiieinieerieeeite et e et e ssitessate e e beestteesabeesabaesssteesssaesssaesnssessssaessaesnsseenns 23
2.4.60 SWIIN ASSAYS vevuveerureerireeriieearieereteesteesssesssesssseesssseessessssesssssesssseessssessssessssasssaesssseesns 23
2.4.7 BEhaVIOTAl @SSAYS ..ecuververrierieerieeniienitentestestestessessesssesssessseessessseesseesseesssessesssessennns 24
3. Visualizing JNK Signaling in the Larval Spinal Cord..........cccceeirvevinirncnenenncneneereeneneenen 25
3.1 INEFOAUCTION .niiniiiitiiie ettt ettt ettt e st e st e st e st e sateebe e be e bt ebeenseas 26
3.2 A shelf screen implicates JNK signaling in glial bridging ........ccecceeveeveeneenieniennienneenne. 28
3.2.1 Glial bridges but not neural bridges depend on JNK signaling.........ccecceeevvverrvernvueennne 30
3.2.2 JNK isoforms are expressed in glia in the regenerating spinal cord ..........ccceevveveueennne 32
3.3 GFAP:JNK-KTR reports JNK activity in vivo in larval zebrafish spinal cord glia.......... 33
3.3.1 JNK inhibition is detectable via INK-KTR.......cccceeviiriiiiiiiniiiiiiieeeeeeeeeee 35
3.3.2 JNK activation is detectible via INK-KTR ......cccociiriiriiiiiiiiniinieeeeeeieeeeeeeee 36
3.4 INK-KTR reveals developmental dynamics of JNK signaling.......c..cecceeveeerveecenereenene 38
3.4.1 INK signaling shows dorsoventral patterning during development..........cccceeeveeeueennne 40
3.5 Spinal cord injury locally increases JNK signaling in glia.......c.cceecvevvvieirieerniennveeennneennne 42

vii



3.5.1 Spatial dynamics of JNK activity during spinal cord regeneration.........cc..cceccervuerueene 42

3.6 JNK signaling controls glial cell cycling during larval spinal cord regeneration.............. 47
3.6.1 Visualizing the cell cycle With pena™ ™ .........oooeeeeeeeeeeeeeceeeeeeeeeeee e 47
3.6.2 JNK inhibition blocks glial proliferation after spinal cord injury ........c.cceeeeeveverevernenns 48

3.7 DISCUSSION «.uteuiieuiieieetteieesttestteettesteste s et s beebeebe e be e bt esstesstesaeesatesasesasesnsessseesseeseenseennees 52

B8 MELOMS ...ttt ettt st st ettt b e e be e bt et esaeas 55
3.8.1 ZEDTAISN..cueiiiiee ettt st st 55

3.8.1.1 GFAP:cJun-NES-VenusP ™ .......c.ccooumrimiiririneriniresise e seeesessnens 56
3.8.1.2 GFAP:H2A-MCherryP oo 56

3.8 1.3 PCna P et 56

3.8.2 LIVE IMAZINE c.eveeeeieieiiiieieeeiieeriee et e sttt este s et e sttesesteesbaesstessssaesssaesnsseesssesssssassssasanns 57
3.8.3 Spinal Cord INJuries in Larvae ........ccceeceeeriierrriereriieiiieerieeeieeseeesaeesveeesaeesssveesvnesnns 57
3.8.4 DAt ANALYSIS .vevveeeriereieeiieierieritessteesteesteesttesseesseeseesssessesssasssessseesseesssesssessesssessennns 58
3.8.5 Spinal Cord Injuries in Adult Zebrafish .........cccceecueriieriiirriinrieieeeeereeeeeee e 59
3.8.60 HIStOIOZY .veuvenriieeieieeitete ettt ettt ettt ettt st b e e 60
3.8.7 StatistiCal aNalySis ....cceecerueriererierieiieeeeeteee ettt 60

4. FULUTE DITECLIONS ..eenuteiiieieeieeiteeiteet ettt ettt ettt st e sat e st e sat e sate e be e bt e be e bt e sbeesaeesaeesaeeeaee 62

4.1 Larvae vs Adults as a Model of Spinal Cord Regeneration ..........cecceeeeeericveencieeeceeennnnenn. 62
4.1.2 Regenerative Robustness in Adult Zebrafish ..........cccceveiviernerniieniieniieieeeeeesesieens 63
4.1.3 Comparing and Contrasting Regenerative Capacity ........ccceeveerruverriieeniieenneenniueesiueenns 64

4.2 Application of KTRs in the Spinal Cord ........ccceeveeveririieneniniieneneeneneetesieneceeeseseeeeens 64
4.2.1 Further insights from JNK-KTR .....ccocoeoiiiininiiiiececeneeeneeeeee e 65

viii



4.2.2 The Potential of MUIPIEXING ...ccvvevverrirreererinieieneeteieeeeeese et 66

4.3 Molecular Context of JNK Signaling in Spinal Cord ERGS ......cceeveivivviiiiiiiiniiieieeeene 66
4.3.1 Known Activators of JNK Signaling in the Developing Spinal Cord.........c.cccvevennen. 67
4.3.2 Known Targets of INK Signaling ........ccceevverieriiiniiiniinieiiienieeseeseeseeseeseeseeesnessseens 67
4.3.3 Known Roles of JNK Signaling in the Injured CNS.......ccccoceriiiininneninieicneneeeenen 68

5 COMCIUSION ...ttt ettt ettt et e bt e bt e bt e e bt e s atesat e st e eatesabe e beeabeesneenseas 70
Appendix A: Primers and ZRINAS.......coiiiiiiiiee ettt ettt 71
Appendix B: Pharmacological Agents USed.........cccceeeeriiriinieniieniienienienieeieesicesiee et 72
RETEIEIICES ...ttt ettt ettt et e bt e st st e et e et eebe e beeebeeemeeeme 73

X



List of Figures

Figure 1: Time course of spinal cord regeneration in larvae and adults .........cc.cceceveeveeneniencnennen. 9
Figure 2: Thr2a is not required for glial bridging in adult zebrafish ..........cceccevvirveinienninniiinnnnns 15
Figure 3: Loss of thr2a does not impede motor recovery after spinal cord injury .........ccccceueueeee. 16
Figure 4: Knockout Strate@y fOr fOXOIa ......oeuieuiriuiiiiiiiiiiiiteteeteeteete ettt 17
Figure 5: foxola is not required for glial bridging in adult zebrafish.............cccccooceeii. 18
Figure 6: Loss of foxola does not impede motor recovery after spinal cord injury ........... 18
Figure 7: KNockout Strate@y fOI £0X2 ......cccuieviieciiirieiiieiriensieesieestesteseeseesseesresssessesssessseessessseennes 19
Figure 8: Tox2”" fish exhibit an altered response to visual Startle.............ooeveveveevrverererereeeeenenenns 20
Figure 9: Tox2 is not required for glial bridging in larval zebrafish........cc.cecceevenirneicnenncncnnenne. 21
Figure 10: Formula for % Glial Bridging .......ccccceeeeeririrneninieeeneceeneeeeeeseeeesre e 28
Figure 11: Glial bridging after a shelf screen of pharmacological agents. ........c.ccecceevereereenrennenee 30
Figure 12: JNK inhibition blocks glial bridge formation at 1 and 2 dpi......cccceceveueerveeercierrcreennnen. 31
Figure 13: JNK inhibition does not block neural bridge formation............cecceverereeenenenneencnnenne. 32
Figure 14: Expression of JNK isoforms in spinal cord glia.........ccccoeeinniininnincinnnnnnen. 33
Figure 15: Schematic and examples of KTR function and quantification .........c..cecceeererneenuennenne. 34
Figure 16: INK-KTR readout under SPO00125........cccoririiiniririieneeieneeteeneeeese e 36
Figure 17: INK-KTR readout under aniSOmyCin........c.eevevverrereerienerieeneeneneeneneeeesesseeseesresneenee 37
Figure 18: JNK activity is dynamic during development ............ccceeverveeneriieneeneeneenieneeneene 39
Figure 19: INK activity exhibits no AP bias at any developmental timepoint..........cceeecveerveennee. 40
Figure 20: Spatial distribution of JNK activity during development..........ccccccevvveerciernciennvennnnen. 41
Figure 21: DV distributions of JNK activity during development...........ccccceveverveerceerceeriverseennnennn 41



Figure 22:
Figure 23:
Figure 24:
Figure 25:
Figure 26:
Figure 27:
Figure 28:
Figure 29:
Figure 30:

Figure 31:

INK activity after spinal cord INJUIY .....cecueeveiriiiiiienienieeteee et 42
Dorsoventral distribution of JNK activity after spinal cord injury.........ccceeeveeeveeennenn. 43
Anterioposterior distribution of INK activity after spinal cord injury ..........cceecveunee. 44
JNK Activity at 2 dpi only increases near the 1€Si0n........ceeeveerriiiriienieenniennieenieens 45
Each individual fish shows an increase in JNK activity near the lesion site................ 46
The dorsoventral distribution of JNK activity only changes near the lesion site.......... 46
PCNA-mGFP fluorescence during mitoSis .......ccceeveereerrerreereereeseenenieeneenreneeneesseeeennes 48
JNK inhibition changes the location of glial cycling after spinal cord injury .............. 50
JNK inhibition lowers the number of cycling glia after spinal cord injury .................. 51
JNK inhibition decreases the number of mitotic glia after spinal cord injury.............. 52

xi



Acknowledgements

Thank you to Valentina Cigliola, Pierre Gillotay, Ashley Rich, and Leslie Slota, whose
expertise and mentorship made this project possible.

Thank you to Kelsey Oonk and Fei Sun for the consistent sanity checks and for keeping
the front two bays real.

Finally, thank you to Ilaria Merutka, for providing an unwavering positive influence in
my life. You inspire me to never stop improving myself and my work, and your contributions

have been felt at every step of the process.

xii



1. Introduction

The spinal cord is an organ of the central nervous system (CNS) which is responsible for
relaying information, in the form of neuronal action potentials, to and from the brain to the rest of
the body. The neural composition of the spinal cord includes a diversity of subtypes which
coordinate a variety of conscious and unconscious behaviors, sensory experiences, and
homeostatic processes. Descending axon tracts carry outgoing information from the brain to
stimulate motor function, and ascending axon tracts deliver information about sensory stimuli by
interfacing with the peripheral nervous system. Individual neurons in both of these pathways can
be quite large, with cell bodies located extreme distances from their innervation targets. In
addition, the spinal cord also contains motor neurons, which receive signals from descending
tracts and extend axons outside the CNS to innervate muscle tissue, and a number of different
interneuron populations, which integrate and modulate signals in both the descending and
ascending informational pathways. These neural cell types are supported by ependymal cells
which line the central canal of the spinal cord, oligodendrocytes which provide myelination, and
glial subtypes like astrocytes and microglia which help to support neuronal function during
homeostasis (Lyons & Talbot, 2014). In addition to these, zebrafish maintain a population of
ependymo-radial glia (ERGs) which extend bilateral processes from the central canal to the pial
surface of the spinal cord and act as the resident stem cell population from development to
adulthood (Kroehne et al., 2011).

Because the spinal cord is a pivotal mediator of both behavior and sensation, spinal cord
injuries (SCI) can have catastrophic consequences for animals which suffer them. Paralysis and
loss of sensation are the most classic pathologies associated with SCI, but other common

pathologies include chronic pain, loss of bowel and bladder function, and loss of sexual function.



In humans and other mammals, the consequences of spinal cord injury are often permanent. In
contrast, zebrafish are able to regenerate their spinal cords after injury and regain full motor

function in both larval and adult contexts (Alper & Dorsky, 2022; Becker et al., 1997).

1.1 The Mammalian Response to SCI

The mammalian spinal cord shares many of the same cell types with the zebrafish spinal
cord, including oligodendrocytes, astrocytes, ependymal cells, and nearly all subclasses of
neurons (Alunni & Bally-Cuif, 2016; Varadarajan et al., 2022). Yet, mammalian spinal cord
injury results in permanent functional consequences, while zebrafish are able to recover. One
aspect that contributes to the lack of recovery in mammals is the lack of ERGs; in mammals,
radial glia are largely only present during development, and terminally differentiate into
astrocytes later in life (Miranda-Negron & Garcia-Arraras, 2022). Thus, adult mammals lack a
resident progenitor population which can produce new tissue after spinal cord injuries. However,
the cell types that mammals do possess also differ significantly in their response to spinal cord

injury from zebrafish.

1.1.1 Axon Regeneration in the Mammalian CNS

In general, neurons in the mammalian CNS possess a lower capacity for axon
regeneration compared to neurons in the peripheral nervous system and neurons in the CNS of
highly regenerative models such as zebrafish (Bradke et al., 2012). Despite this, descending
axons within mammalian spinal cords have consistently shown the ability to reorganize and
sprout new axons after spinal cord injury (Ballermann & Fouad, 2006; Bareyre et al., 2004;
Courtine et al., 2008; Raineteau & Schwab, 2001; Takeoka et al., 2014). Even in humans, indirect
evidence suggests that spinal cord neurons possess the intrinsic capacity to regenerate after injury

(Baker & Perez, 2017; Friedli et al., 2015; Oudega & Perez, 2012). The primary reason that this



remarkable capacity for reorganization fails to translate to functional recovery in all cases is that
regrowing axons require a proper substrate for growth; in order for mammals to achieve
functional recovery from spinal cord injury, there must be enough spared tissue to support the
formation of detour circuits that can grow around the lesion site (Murray et al., 2010; O’Shea et
al., 2017). Thus, the lesion site itself represents the primary difference between the mammalian

and zebrafish response to spinal cord injury.

1.1.2 Scarring in the Mammalian Spinal Cord

Immediately after a spinal cord injury, the physical damage sustained by the neural tissue
and blood vessels creates a zone of haemorrhagic necrosis which poses a threat to surrounding
neurons and glia through loss of extracellular ionic homeostasis (Mautes et al., 2000; Park et al.,
2004; Simard et al., 2007). This causes significant inflammation within the tissue, which is
exacerbated by platelet aggregation and the formation of a fibrin clot in the vasculature
(Didangelos et al., 2016; Goodman et al., 1979). These inflammatory signals recruit immune
responders and trigger reactive gliosis in the astrocyte population, which causes hypertrophy and
accumulation at the border of the injury (Chen et al., 2018; Sofroniew, 2014; Zamanian et al.,
2012). These astrocytes are known as the “glial scar”, though in the spinal cord they form only
one compartment of the total scar.

Astrocytes isolate the surviving CNS tissue from the lesion core, which contains
perivascular and meningeal fibroblasts that deposit a fibrotic matrix composed of fibronectin,
collagens, proteoglycans, and laminins (Burda & Sofroniew, 2014; O’Shea et al., 2017). This
component of the scar is known as the “fibrotic scar”, and is thought to be largely inhibitory for
axon regrowth (O’Shea et al., 2017). The astrocyte border is thought to protect adjacent neural
tissue from this inflammatory environment, but has also been suggested to act as a physical

barrier to axonal regrowth (Burda & Sofroniew, 2014; Faulkner et al., 2004; Hu et al., 2010;
3



Karimi-Abdolrezaee & Billakanti, 2012; Sofroniew, 2015; Sun & Jakobs, 2012). Altogether, the
glial and fibrotic scars generated by spinal cord injury are never effectively cleared, and represent
a permanent barrier to the regrowth of axons and restoration of function after mammalian spinal

cord injury.

1.2 Spinal Cord Development in Zebrafish

A common theme in regeneration across many different tissues is the reactivation and
reuse of developmental mechanisms of proliferation and differentiation (Cardozo et al., 2017,
Gemberling et al., 2013). A fundamental understanding of the processes and signals of spinal
cord development is thus helpful for contextualizing the mechanisms of spinal cord regeneration.
The zebrafish spinal cord develops rapidly; larval zebrafish are capable of free swimming and
foraging for food as early as 4 days post fertilization (dpf), which requires the spinal cord to be
functionally mature to facilitate a complex repertoire of behaviors (Melissa A. Borla et al., 2002;
Buss & Drapeau, 2001). This rapid development requires precise timing of a number of

developmental milestones.

1.2.1 Neurulation

The first step in the development of the spinal cord occurs at 10 hours post fertilization
(hpf), when the neural plate on the dorsal side of the embryo begins to converge towards the
midline in a process known as neurulation (Schmitz et al., 1993). In contrast to most vertebrates,
in which the neural tube is formed by an invagination of the neural plate, the zebrafish neural
plate forms a solid mass of cells known as a neural keel (Araya et al., 2016). The neural keel
gradually reorganizes into a rod with well-defined internal apico-basal polarity which generates a

lumen by coordinated apical cell division to form the neural tube at 17 hpf (Buckley et al., 2013;



Clarke, 2009). The neural tube is composed of a pseudostratified neuroepithelium with two major

signaling centers, the ventral floorplate and the dorsal roofplate.

1.2.2 Anterioposterior and Dorsoventral Patterning

After formation, the neural tube is subject to patterning from morphogen gradients along
both the anterioposterior (AP) and dorsoventral (DV) axes. The default fate of the neural tube is
thought to be the forebrain, which is the most anterior section of the CNS (Lewis & Eisen, 2003).
Thus, posteriorizing signals are required to specify the fate of more posterior tissues such as the
spinal cord. Fibroblast growth factors (FGFs) and Wnts suppress the expression of genes
associated with anterior fate, allowing the posterior neural tube to take on alternative tissue
identity (Kengaku & Okamoto, 1993; Kudoh et al., 2002; McGrew et al., 1995). Retinoic acid is
the primary morphogen which determines anterior identity. After suppression of anterior genes,
FGF and Wnt stimulate the expression of posteriorizing genes in a manner that is dependent on
retinoic acid, specifying the fate of the spinal cord and other more posterior regions of the CNS
(Durston et al., 1989; Kudoh et al., 2002).

Within the developing spinal cord, DV signals are critical for proper neural cell fate and
axonal pathfinding. The two signaling centers which establish this DV identity are the ventral
floorplate, which secretes Sonic Hedgehog (Shh), and the dorsal roofplate, which secretes Wnts
and bone morphogenetic proteins (BMPs) (Krauss et al., 1993; Le Dréau & Marti, 2012; Liem et
al., 1995; Parr et al., 1993). The opposing gradients of these morphogens establish discrete
domains of progenitor pools, each of which is competent to produce a different subset of neurons
(Gouti et al., 2015).

In the ventral spinal cord, Shh specifies neural progenitor pools which produce motor
neurons, oligodendrocytes, and V0-V3 classes of interneurons (Gouti et al., 2015; Park et al.,

2002). Dorsally secreted Wnts suppress Shh activity by increasing the production of truncated
5



Gli3 in the dorsal neural tube, which acts as the main repressor of Shh signaling (Alvarez-Medina
et al., 2008). In the same dorsal domains, different BMPs are dynamically expressed over time to
upregulate genes associated with dorsal identity, and specify progenitors capable of producing
dI1-dI6 classes of interneurons (Gouti et al., 2015; Le Dréau & Marti, 2012). After the boundaries
between these populations are established, each progenitor pool begins to populate the spinal cord
with its fate-restricted neural progeny. These newborn neurons migrate along the DV axis to
reach their final destination and begin the process of axonogenesis and circuit formation (Lewis,
2006). Meanwhile, as neurogenesis completes, the same progenitor pools enter a phase of
gliogenesis at around 48 hpf to produce specialized glia such as oligodendrocytes which
myelinate the neurons of the CNS and astrocytes which, in zebrafish, associate with synapses and
support neural circuit activity (Chen et al., 2020; Rowitch & Kriegstein, 2010). The remaining
progenitor cells are maintained in the zebrafish spinal cord as ERGs, which serve as the resident

stem cell pool of the spinal cord into adulthood.

1.2.3 Axonal Pathfinding

The final stage of spinal cord development involves the assembly of functional circuits
between the resident interneuron populations, motor neurons, descending axons from the
hindbrain and midbrain, and peripheral nervous system. There are three primary axon tracts on
each side of the spinal cord: the dorsal longitudinal fasciculus, the ventral longitudinal fasciculus,
and the medial longitudinal fasciculus (Hale et al., 2001). Each of these tracts is pioneered by
longitudinally projecting neurons, and provide an appropriate substrate for the guidance of axons
growing along the AP axis (Chitnis & Kuwada, 1990; Kuwada, 1986; Kuwada et al., 1990;
Metcalfe et al., 1990; Wilson et al., 1990). The pioneer axons themselves navigate using a
combination of Netrin1/DCC mediated attraction and Slit/Robo mediated repulsion from secreted

signals provided by the floor plate (Kim et al., 2014).
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The guidance and pathfinding of commissural axons has been particularly well studied
during spinal cord development. Commissural axons are projected contralaterally across the
midline of the spinal cord before turning to grow along the dorsoventral axis, and as such
experience a dynamic chemoattractive environment as they grow (Comer et al., 2019). The
ventral floorplate is the key signaling center mediating this behavior (Kuwada & Bernhardt,
1990). Most commissural axons cross the midline at the ventral floorplate; the initial guidance is
provided by Netrinl-mediated chemoattraction to the floorplate which is supported by BMP-
mediated repulsion from the BMP ligands secreted by the roofplate (Augsburger et al., 1999;
Bernhardt et al., 1992; Greenspoon et al., 1995). After crossing the midline, commissural axons
are able to change their responsiveness to Netrinl and are subsequently repelled by the Slit family
of proteins also secreted by the floorplate, preventing them from growing back towards the
midline (Chen et al., 2008; Shirasaki et al., 1998). Ipsilaterally projecting axons, in contrast, are
exclusively repelled from the ventral midline, and thus do not cross to contralateral tracts
(Bernhardt et al., 1990). The net result of all of these processes is a network of neurons that is
capable of mediating complex behavioral responses to myriad environmental stimuli; upon injury,
this organization is destroyed, and regenerating zebrafish must restore function by generating new

tissue that can serve the same purpose.

1.3 Cellular Roles in Spinal Cord Regeneration
1.3.1 Acute Injury Response

The first cellular events which occur after a spinal cord injury in zebrafish are infiltration of
the lesion site and the injured stumps of the spinal cord itself by immune cells. These cells begin
the process of regeneration by phagocytosing dead and damaged cells. Macrophages have also

been shown to directly signal to ERGs after injury, suggesting they may also play a key role in



signaling damage to the resident stem cells in the spinal cord (Cavone et al., 2021). Other cells
from outside the spinal cord which participate in the acute injury response include fibroblasts,
which remodel the extracellular matrix in the lesion to a more pro-regenerative composition
which allows for regrowing neurons and glia to navigate the lesion site (Tsata et al., 2021;

Wehner et al., 2017).

1.3.2 Generation of New Cells

Within the injured stumps of the spinal cord itself, ERGs begin to proliferate and generate
populations of newly born neurons and glia which participate directly in the regeneration of the
spinal cord. A number of studies have shown that the cell type generated by a given ERG after
SCI is influenced by its dorsoventral position along the central canal: cells located medially give
rise to V2 interneurons, the next most ventral group produce motor neurons, and cells further
ventral still proliferate into serotonergic neurons (Kuscha, Barreiro-Iglesias, et al., 2012; Kuscha,
Frazer, et al., 2012; Reimer et al., 2009). Cells along the ventral surface of the spinal cord are
particularly interesting, as they have been shown to produce a subtype of glia with an elongated
bilateral morphology which are among the first cells to cross the lesion site between the injured

stumps of the spinal cord (Mokalled et al., 2016).

1.3.3 Bridging the Lesion Site

In order to re-establish motor function, the separated sections of the spinal cord must first
regain continuity across the lesion environment (Fig 1). Both neurons and glial cells are capable
of navigating the lesion in zebrafish, and the order of which cell type establishes continuity first
appears to depend on whether the injured animal is an adult or larva. In larval animals, neurons
can be directly observed navigating the lesion site ahead of GFAP" glial processes, and global

ablation of glia does not prevent axonal reconnection, indicating that neurons are able to bridge



the lesion independently of glial reconnection (Briona et al., 2015; Wehner et al., 2017). In
contrast, preventing glial bridging in adult animals also prevents axonal bridging and motor
recovery, suggesting that a glial bridge is required for axonal reconnection in the adult zebrafish
after spinal cord injury (Mokalled et al., 2016). The proposed model of bridging in adult zebrafish
is that the glial bridge establishes first and provides a scaffold for regrowing neurons to cross the

lesion site.

Larval stage
E 1 dpi 2 dpi 3 dpi
Uninjured Loss of Tissue bridging Remodeling
tissue continuity
e - - ] .
Adult stage
3 dpi 15 dpi 30 dpi
Uninjured Loss of Tissue bridging Remodeling

tissue continuity

Figure 1: Time course of spinal cord regeneration in larvae and adults
Larval and adult zebrafish both regenerate from spinal cord injuries with similar cellular
events. Loss of tissue continuity is followed by the production of new cells that form a
bridge across the lesion, after which the tissue is remodeled to restore function. The
timeline of regeneration is shown for larvae (top) and adults (bottom). Figure used from
Cigliola et al. 2019.
1.3.4 Axon Growth and Synaptic Remodeling
After the initial formation of glial and axonal bridges, the regenerating spinal cord is
remodeled at the lesion site to recapitulate the necessary functional domains from before injury.
The central canal is reconnected between the rostral and caudal cord stumps, and newly born

motor neurons populate the proper domains to innervate the appropriate muscle groups (Reimer

et al., 2009; Reimer et al., 2008). It is still unclear however the extent to which synaptic



connections are faithfully re-established within the spinal cord vs generated de novo after spinal
cord injury in zebrafish. In both larval and adult contexts, some of the first neurons to reinnervate
the lesion site are pre-existing mature interneurons which form compensatory circuitry and persist
long after synaptic remodeling, indicating that there at least some degree of functional plasticity
in the regenerated spinal cord (Vandestadt et al., 2021). Long projecting axons from the brain can
be identified past the lesion site by using retrograde axon tracing, indicating that these neurons
are still capable of making long-range synaptic connections, which potentially indicates a
sustained ability for injured axons to navigate to their proper target (Becker et al., 1998; Becker et
al., 1997; Cigliola et al., 2023). Conversely, experiments visualizing the Mauthner neurons, a
distinct pair of neurons which extend axons down the entire length of the spinal cord, vary in their
regenerative capabilities depending on where the injury is performed (Hecker et al., 2020). The
Mauthner neurons are responsible for mediating the acoustic startle response in uninjured fish;
however, after a spinal cord crush injury, stimulating the regrown Mauthner neurons fails to
produce a startle response, despite the fish exhibiting a normal acoustic behavioral milieu (Zottoli
et al., 2021). Transplant experiments to generate mosaic animals have also revealed a difference
in both regenerative potential and pathfinding between neurons located dorsally and neurons
located ventrally within the spinal cord (Anguita-Salinas et al., 2019). This body of evidence
points to a significant amount of synaptic reorganization after spinal cord injury that nevertheless

results in restored behavioral and sensory function for the injured zebrafish.

1.4 Molecular Components of Spinal Cord Regeneration

1.4.1 Extracellular Cues
In the regenerating spinal cord, modification of the extracellular environment is essential

for both signaling to cells that damage has occurred to activate wound response mechanisms and

10



ensuring that the lesion environment is traversable by regrowing glia and axons. Accordingly,
extracellular proteins such as growth factors and extracellular matrix components have been well
characterized during spinal cord regeneration in zebrafish. Well-known extracellular signaling
ligands such as Wnts, FGFs, and Shh have all been identified as positive regulators of bridging
and neurogenesis after spinal cord injury (Briona et al., 2015; Goldshmit et al., 2012; Kuscha,
Barreiro-Iglesias, et al., 2012; Reimer et al., 2009; Strand et al., 2016). FGF signaling and Shh
signaling are both critical for directing ERG proliferation; blocking either signaling pathway after
spinal cord injury results in decreased proliferation and decreased glial bridge thickness
(Goldshmit et al., 2012; Reimer et al., 2009). Wnt signaling in contrast is required for ERG-
derived neurogenesis, indicating that the signaling environment that ERGs are exposed to during
regeneration influences the types of cells that they are able to produce (Briona et al., 2015).

In the lesion itself, the extracellular matrix is actively remodeled by fibroblasts to provide
migrating glia and regrowing axons a substrate which supports regeneration. Fibronectin, ColXII,
and Cthrcla are all upregulated by perivascular-derived fibroblasts after spinal cord injury (Tsata
et al., 2021). Loss of fibronectin, ColXII, or ablation of that fibroblast population itself prevents
axons from crossing the injury site, resulting in a lack of functional motor recovery after SCI
(Mokalled et al., 2016; Tsata et al., 2021; Wehner et al., 2017). Additionally, extracellular matrix
components which are known to inhibit axon growth in mammals such as Lum and Mfap2 are
downregulated (Tsata et al., 2021). Bridging glia are also a source of pro-regenerative
extracellular matrix after spinal cord injury; in particular, Ctgfa (ccn2a) is expressed by a
subpopulation of ventrally-derived bridging glia during spinal cord regeneration and is critical for
the formation of a glial bridge in adult animals (Klatt Shaw et al., 2021; Mokalled et al., 2016).

Regrowing axons also use extracellular guidance cues such as syntenin-a, tenascin-c, and
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contactinla to navigate and cross the lesion site (Schweitzer et al., 2007; Yu & Schachner, 2013;

Yuetal., 2011).

1.4.2 Transcriptional Components

The transcriptional profile of cells within the zebrafish spinal cord is defined by the
accessibility of the chromatin landscape within each cell type and the composition of
transcription factors present in a given cell. In order to activate pro-regenerative programs of
cellular activity, cells must translate the signals they are receiving from the damaged tissue into
transcription of pro-regenerative genes, and the proper transcription factors are critical to parse
those signals appropriately. For instance, ERGs differ in their competency to produce different
types of neurons during spinal cord regeneration, and this difference is derived from the specific
transcription factor profile expressed by each. All ERGs share expression of factors including
Sox2, Sox11b, and Asclla which help them maintain their baseline potency to produce other cell
types in response to injury (Guo et al., 2011; Ogai et al., 2014). ERGs which express Nkx6.1 are
competent to produce a number of different neuronal subtypes including serotonergic neurons
after spinal cord injury (Kuscha, Barreiro-Iglesias, et al., 2012). When other specific transcription
factors are also present alongside Nkx6.1, it changes the subtype of neuron that the ERG is
capable of producing; ERGs which express Pax6 and Nkx6.1 are capable of producing V2
interneurons, and ERGs which express Pax6, Nkx6.1, and Olig2 produce motor neurons and
oligodendrocytes during spinal cord regeneration (Kuscha, Frazer, et al., 2012; Reimer et al.,
2009; Reimer et al., 2008). Neurons in the zebrafish spinal cord also require transcription factors
such as Atf3 to coordinate axon regrowth and synaptogenesis after spinal cord injury (Wang et

al., 2017).
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1.4.3 Intracellular Signaling Cascades Between Ligands and Transcription

In order for an extracellular signaling ligand to produce a transcriptional response, cells must
leverage cytosolic signaling cascades to translate the information encoded by the ligand into an
appropriate transcriptional response. Signaling cascades consist of multiple protein interaction
steps, often mediated by kinases or other posttranslational modifications such as protein cleavage
or acetylation. This allows for regulation of signaling at multiple steps, which can amplify or
suppress signals based on the total context that a cell is experiencing.

One regenerative process in which signaling cascades have been well studied is axon
regeneration. After peripheral nerve axotomy, the PI3K/Akt and Ras/ERK pathways both
promote neural survival (Chan et al., 2014). ERK signaling and cAMP signaling promote neurite
outgrowth in sensory neurons and motor neurons, respectively (Aglah et al., 2008; Hausott et al.,
2008). INK signaling promotes axonal regrowth of facial nerves both by phosphorylating the
transcription factor c-Jun as well as directly regulating the cytoskeleton itself (Raivich et al.,
2004). In the CNS, cAMP has also been shown to promote axonal regeneration of the Mauthner
neuron, indicating that there may be conserved roles for these signaling cascades between the
peripheral nervous system and CNS (Bhatt et al., 2004). Despite these promising results, the role
of signaling cascades in CNS regeneration remains understudied. In particular, it remains unclear
what mechanisms are used by ERGs to transduce extracellular mitogen signals into pro-
regenerative transcriptional responses, and identifying these targets may provide attractive targets

for therapeutic intervention in cases of mammalian spinal cord injury.
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2. Assessing Transcription Factors for Regenerative
Phenotypes

To identify transcription factors which potentially play a role in spinal cord regeneration,
we performed an ingenuity upstream regulator analysis on two bulk RNAseq datasets collected at
1 wpi and 2 wpi from adult spinal cords. This analysis identifies potential changes in transcription
factor and signaling pathway activity by the observed changes in gene expression profile. From
the results of this analysis, we chose three genes to assess: thr2a, foxola, and tox2. For each of
these genes, we generated or obtained a loss of function mutant and assessed glial bridging and

motor recovery after spinal cord injury in the mutant animals.

2.1 Thr2a

A tbr2a mutant had previously been generated and characterized in Du et al, 2012 (Du et
al., 2012). We obtained this line and assessed glial bridging at 4 weeks post spinal cord injury
(wpi) by measuring the width of the glial bridge at the thinnest point and comparing it to the
width of the uninjured tissue directly anterior to the lesion site to calculate the % glial bridging
for each animal. At 4 wpi, we found that tbr2a” animals demonstrated no significant difference in
glial bridging from wildtype clutchmates (Fig. 2). Notably, both thr2a” and wildtype clutchmates
demonstrated significant variability in the observed % bridging, indicating that the progression of
regeneration may differ from animal to animal, which may mask the detection of subtle changes

in glial bridging via this method.
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Figure 2: Thr2a is not required for glial bridging in adult zebrafish

A. Immunofluorescence of the lesion site at 4 wpi in th#2a”" fish and wildtype

clutchmates. Images are oriented with the dorsal side on top and anterior to the left of the

image. Tissue bridges are in the center of the image and stain for both GFAP" glial
processes (in green) and o-tubulin” axons (in red).

B. The glial bridging percent does not significantly differ between thr2a”" fish and

wildtype clutchmates at 4 wpi (n = 11-19 fish across three experiments, error bars

represent SD, two-tailed t test with Welch’s correction p is shown).

For an alternative readout of regenerative success, we also assessed motor recovery by
measuring the duration that fish were able to maintain swimming in a swim tunnel with steadily
increasing current. To ensure that the thr2a”" animals did not possess inherently altered swim
capacity, we also measured swim capacity in uninjured animals. We assessed swim ability every
2 weeks for 8 weeks post injury and found no significant difference between tbr2a” fish and
thr2a*" clutchmates at any timepoint (Fig. 3). This indicates that thr2a is either dispensable for

spinal cord regeneration in adult zebrafish, or that its absence is compensated for by other

transcriptional machinery.
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Figure 3: Loss of thr2a does not impede motor recovery after spinal cord injury
Thr2a™ fish recover motor function after spinal cord injury as well as wildtype
clutchmates up to 8 wpi. No significant difference in swim time is observed at any
timepoint measured by two-tailed t test with Welch’s correction (n = 8-12 across two
experiments, error bars represent SEM).

2.2 Foxola

We generated a foxola mutant by injecting Cas9 with sgRNAs targeting sites flanking
the first exon into single-cell embryos to generate an allele missing the ATG site and 600bp of
coding sequence (Fig. 4). This allele is presumed null, as it lacks both the ATG site in exon 1 and
most of the DNA binding domain of foxola. We confirmed that this KO resulted in a deletion of
the appropriate region by sequencing the resultant PCR band. We incrossed F1 heterozygotes and
observed normal Mendelian ratios of foxola™, foxola"", and foxola™" offspring, all of which
survived to adulthood, indicating that this mutant line is viable with no noticeable deleterious

effects.
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Figure 4: Knockout strategy for foxola

Two gRNAs were used to delete the first exon of foxola, knocking out 600bp of coding

sequence including the ATG site. The resultant allele is presumed null, as it lacks both an

ATG site and DNA binding domain.

We again assessed glial bridging at 4 wpi by calculating the glial bridging index and
found that foxola”" animals demonstrated no significant difference in glial bridging from foxola™”
clutchmates (Fig. 5). Again we observed a large degree of variability in bridge % in both wildtype
and mutant animals, so we opted to also assess motor recovery after spinal cord injury in foxola”
animals. We measured swim capacity in uninjured animals as well as regenerating animals every
2 weeks until 8 wpi and observed no significant difference in swim ability between foxola™" fish
and wildtype clutchmates at any timepoint measured (Fig. 6). As with tbr2a, this indicates that

foxola is either dispensable or compensated in function during spinal cord regeneration in

zebrafish.
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Figure 5: foxola is not required for glial bridging in adult zebrafish

A. Immunofluorescence of the lesion site at 4 wpi in foxola™ fish and wildtype
clutchmates. Images are oriented with the dorsal side on top and anterior to the left of the
image. Tissue bridges are in the center of the image and stain for GFAP" glial processes.
B. The glial bridging percent does not significantly differ between foxola™ fish and
wildtype clutchmates at 4 wpi (n = 4 fish across one preliminary experiment, error bars
represent SD, two-tailed t test with Welch’s correction p is shown).
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Figure 6: Loss of foxola does not impede motor recovery after spinal cord

injury

Foxola” fish recover motor function after spinal cord injury as well as wildtype

clutchmates up to 8 wpi. No significant difference in swim time is observed at any
18



timepoint measured by two-tailed t test with Welch’s correction (n = 10-12 across two
experiments, error bars represent SEM).

2.3 Tox2

We generated a fox2 mutant by injecting Cas9 with two gRNAs targeting exon 4 of tox2
into single-cell embryos to generate an allele missing 176bp of coding sequence and creating a
premature stop codon in exon 4 (Fig. 7). This allele is presumed null, as the newly generated stop
codon comes before the nuclear localization and DNA binding domains of tox2. We confirmed
that this KO resulted in a deletion of the appropriate region and in-frame generation of a stop
codon by sequencing the resultant PCR band. We bred F1 heterozygotes and observed normal

Mendelian ratios of tox2”", tox2™", and tox2""*

offspring, all of which survived to adulthood,
indicating that this mutant line is viable. Interestingly, we observe an exaggerated visual startle
response in fox2”" animals. We measured the proportion of time fox2”" animals spent swimming
rapidly (or “bursting”), swimming normally, and freezing after a visual startle and found that
tox2”" animals spent significantly more time freezing compared to wildtype clutchmates (Fig. 8B).
During habituation in the dark, the behavioral profiles of fox2”" animals and wildtype clutchmates
were indistinguishable, indicating that this phenotype is specific to the startle response itself (Fig.

8A). This indicates that fox2 may play a role in either visual processing or anxiety and fear

responses.
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Figure 7: Knockout strategy for zox2
Two gRNAs were used to delete part of the fourth exon of fox2, knocking out 167bp of
coding sequence and introducing a premature stop codon to exon 4. The resultant allele is
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presumed null, as the premature stop codon occurs before the nuclear localization and
DNA binding domains of fox2.
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Figure 8: Tox2" fish exhibit an altered response to visual startle

A. Tox2”" fish exhibit an unchanged behavior profile compared to wildtype clutchmates

under standard conditions (n=18 fish across three experiments, error bars represent

SEM).

B. After a visual startle, ox2”" fish spend significantly more time exhibiting freezing

behavior compared to wildtype controls. This behavioral difference persists to 3 minutes

post startle (n=18 fish across three experiments, error bars represent SEM, two-tailed t

test with Welch’s correction p is shown).

Because we observed a high degree of variability in glial bridging % in adult animals for
both tbr2a and foxola mutants, we instead opted to assess glial bridging in regenerating larvae for
tox2”" animals. Zebrafish larvae are optically transparent, allowing us to image the process of
glial bridging over time in the same animal in vivo. We assessed glial bridging at 1, 2 and 3 dpi
by once again calculating the percent glial bridging from the width of the bridge to the width of
the uninjured cord anterior to the lesion site. We observed no significant differences in glial

bridging percent between fox2”" animals and wildtype clutchmates at any timepoint measured,

suggesting fox2 is either dispensable or compensated for during spinal cord regeneration (Fig. 9).
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Figure 9: Tox2 is not required for glial bridging in larval zebrafish

A. GFAP" glial bridges during spinal cord regeneration in fox2”" animals and wildtype
clutchmates (white arrowheads). Images shown are of the same individual fish in each
row over the course of regeneration. Images are oriented with dorsal towards the top and
anterior to the left of each image.

B. Glial bridging percent is unchanged in fox2” animals compared to wildtype
clutchmates at any timepoint measured from 1 dpi to 3 dpi (n= 10-17 over two repeated
experiments, two-tailed Mann-Whitney test p is shown).
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2.4 Materials and Methods

2.4.1 Zebrafish

Wild-type and mutant fish used in this study were established in the EK background.
Embryos were raised in 28°C egg water until 5 dpf and then transferred to the aquarium system.
Clutchmates were used for all experiments, and experiments were performed in fish between 6
and 9 months of age. All experiments with fluorescent reporters were performed in hemizygous
animals. All experiments with animals were approved by the Animal Care and Use Committee at

Duke University.

2.4.2 Generation of knockout fish lines

Foxola and fox2 knockout lines were generated by CRISPR/Cas9 genome editing.
Guides (listed in Appendix A) were designed using Chopchop and sourced as crRNA (IDT). Each
crRNA was annealed with tracRNA (IDT) in a thermocycler before being mixed with Cas9
protein and incubated at 37°C. At this step, paired guides were pooled into the same solution and
injected into single-cell zebrafish embryos at a final concentration of 30 ng/uL per gRNA and
300 ng/uL Cas9 protein. At 3 dpf, embryos were genotyped by PCR and gel electrophoresis using
primers in Appendix A to determine gRNA efficiency. Fo animals were screened for germline
mutation via PCR and gel electrophoresis of extracted sperm, and deletions were confirmed via

Sanger sequencing (Genewiz).

2.4.3 Spinal Cord Injuries in Adult Zebrafish

Zebrafish were anesthetized in 1x Tricaine and surgical scissors were used to make a
small incision that transects the spinal cord at the fifth precaudal vertebrae; complete transection
was visually confirmed at time of injury. Following injury, fish were challenged via tail pinch to

confirm loss of sensation after surgery
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2.4.4 Spinal Cord Injuries in Zebrafish Larvae

72 hpf larvae were anesthetized in 0.01% Tricaine and transferred to a clean petri dish lid
which was pre-scored with a needle as described in (Briona & Dorsky, 2014). Water was
aspirated from the surface until the larvae lay flat and an incision was made with a 25 gauge
needle directly above the notochord. For anatomical consistency, the bulge of the yolk sac was
used as a landmark to orient the injury site on the AP axis. Injuries were performed in
GFAP:EGFP animals, and green fluorescence was used to visually confirm full transection on a
dissecting scope. Animals with notochord injuries were identified by visual examination of the
notochord on a dissecting scope and excluded from analysis, as these fish consistently fail to form
tissue bridges after injury. Percent bridging was calculated by dividing the width of the bridge at

the thinnest point by the width of the uninjured spinal cord directly anterior to the lesion.

2.4.5 Histology

20 pm cryosections of paraformaldehyde-fixed spinal cord tissue were used for adult
histology. Tissue sections were imaged using a Zeiss LSM 700 confocal microscope. Primary
antibodies used in this study were mouse anti-acetylated alpha tubulin (Sigma-Aldrich T6793.
1:1000) and rabbit anti GFAP (Abcam ab7260 1:200). Secondary antibodies used were Alexa
Fluor 488 goat anti-mouse and Alexa Fluor 567 goat anti-rabbit antibodies (Thermo Fisher A-

11001 and A-11011).

2.4.6 Swim assays
Zebrafish were exercised in groups of up to 12 in a 5L swim tunnel respirometer device
(Loligo, cat#SW100605L, 120V/60Hz). After 20 minutes of acclimation inside the tunnel, water

velocity was increased every two minutes until fish reached exhaustion. Exhausted animals were
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collected from the chamber without disturbing the remaining fish. Swim time and current velocity

at exhaustion were recorded.

2.4.7 Behavioral assays

Two groups of 6 fish were placed in side by side tanks in a Zebracube (Viewpoint) and
global activity in each tank was measured using the provided plugin in Zebralab (Viewpoint).
Fish were allowed to acclimate for 5 minutes before recording for 3 minutes uninterrupted to
measure a baseline activity profile. After 3 minutes, both tanks were exposed to the same visual
startle stimulus of a researcher waving their hand over the tanks. Behavior was measured in 1
minute increments for the next 3 minutes before fish were returned to their tank. Variables
collected in this study were freeze count, freeze duration, movement count, movement duration,

burst count, and burst duration for each timeframe.
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3. Visualizing JNK Signaling in the Larval Spinal Cord
The following document has been accepted for publication as:
Becker C.J., Cigliola V., Gillotay P., Rich A., De Simone A., Di Talia S., and Poss K.D. (2023).

In toto imaging of glial INK signaling during larval zebrafish spinal cord regeneration.

Development (in press).
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3.1 Introduction

Spinal cord injuries (SCI) in humans and other mammals are debilitating and frequently
associated with severe pathologies such as paralysis, chronic pain, and loss of bowel and bladder
function. These permanent consequences arise in part because mammalian spinal cords form a
glial scar after injury that protects neurons from injury-induced inflammation, but also acts as a
physical barrier to the reconnection of spinal cord neurons (Alunni & Bally-Cuif, 2016; Faulkner
et al., 2004; Karimi-Abdolrezaee & Billakanti, 2012; Varadarajan et al., 2022). In contrast,
zebrafish are able to regenerate their spinal cords after injury and regain full motor function in
both larval and adult contexts (Alper & Dorsky, 2022; Becker et al., 1997). After injury,
ependymo-radial glial cells (ERGs) around the central canal of the spinal cord begin to proliferate
and give rise to neurons and glia (Reimer et al., 2009; Reimer et al., 2008; Ribeiro et al., 2017).
These newly generated glia and neurons have been proposed to help establish a tissue bridge
across the lesion site that eventually thickens and is remodeled to accommodate growing axons,
transduce neural signals, and ultimately restore motor function (Goldshmit et al., 2012; Mokalled
et al., 2016; Vandestadt et al., 2021; Vasudevan et al., 2021).

Several recent reports have focused on identifying extracellular factors present in the lesion
sites that instruct cellular responses to spinal cord injury. Recent studies have found that ERGs
require paracrine cues such as Wnts, Fgfs, and Ctgfa (Ccn2a) to enter the cell cycle and generate
progeny that migrate or are displaced toward the lesion and help construct a tissue bridge (Briona
et al., 2015; Goldshmit et al., 2012; Goldshmit et al., 2018; Mokalled et al., 2016; Strand et al.,
2016; Wehner et al., 2017). Regrowing axons also use extracellular guidance cues such as
syntenin-a, tenascin-c, and contactinla to navigate and cross the lesion site (Schweitzer et al.,
2007; Yu & Schachner, 2013; Yu et al., 2011). Transcription factors such as Sox2, Sox11b, and

Atf3 have also been reported to play roles in orchestrating pro-regenerative transcriptional
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responses that lead to cellular events such as proliferation and differentiation into new spinal cord
tissue (Guo et al., 2011; Ogai et al., 2014; Wang et al., 2017). Signaling cascades that occur
downstream of extracellular cues and lead to pro-regenerative transcriptional responses require
better understanding and may provide attractive targets for therapeutic intervention in cases of
mammalian spinal cord injury.

The c-Jun N-terminal Kinase (JNK) signaling pathway is a mitogen-activated protein kinase
pathway that has a diverse array of functions, such as regulating apoptosis, axon growth,
inflammation, and proliferation (Waetzig et al., 2006). The role that JNK signaling plays in any
given cell depends on the cellular context in which JNK is activated as well as the type of
extracellular cue that is used to activate signaling. For example, JNK signaling is understood to
regulate apoptosis downstream of cellular stress and other signals such as TNF-a and glutamate
(Dhanasekaran & Reddy, 2017). Yet, JNK signaling is also able to promote neurogenesis and
neuronal migration through cues such as Wnt and DLK (Bengoa-Vergniory et al., 2014; Hirai et
al., 2006), and JNK-mediated phosphorylation of JunB has been reported to be necessary for
regeneration of amputated fins in zebrafish (Ishida et al., 2010). JNK signaling is an intriguing
pathway to study in the context of tissue regeneration, which requires coordination of a wide
range of cellular processes from apoptosis to cellular migration to proliferation, differentiation,
and cell growth.

Larval zebrafish have certain advantages over adults as a model system; notably, their optical
transparency is well-suited to imaging regenerating tissue in real time, and they are accessible for
pharmacological intervention at large scale. Recent studies have used these properties of
zebrafish larvae to directly visualize neuronal recruitment and macrophage activity in the injury
sites of lesioned spinal cords (Anguita-Salinas et al., 2019; Goldshmit et al., 2018; Vasudevan et

al., 2021). In this study, we employ larvae to perform a pharmacological shelf screen and find a
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key role for JNK signaling in the formation of a pro-regenerative tissue bridge during spinal cord
regeneration. By generating a transgenic line expressing a JNK activity sensor in glial cells, we
monitor JNK signaling in vivo and describe its dynamics during the growth and regeneration of
the spinal cord. Our study provides a prototype to visualize molecular signaling events during

spinal cord regeneration at new resolution, and implicate a new signaling pathway in this process.

3.2 A shelf screen implicates JNK signaling in glial bridging

To identify signaling pathways required for spinal cord regeneration, we performed a
small shelf screen of compounds targeting classic developmental signaling pathways. We used a
GFAP:EGFP transgene to visualize glial bridging in order to assess the effect of each of these
compounds on spinal cord regeneration after injury at 3 days post fertilization (dpf). We
calculated a glial bridging index by comparing the width of the thinnest point of the bridge to the
width of the unlesioned spinal cord directly rostral to the lesion site (Fig. 10). Approximately 30
larvae were assessed per treatment. Animals that did not form bridges were considered to have a
bridge width and corresponding glial bridging percentage of zero, and these animals were
included in the analysis of bridging percentage. We also recorded the percentage of animals
possessing at least one continuous EGFP" fascicle that spanned the lesion site as an alternative
qualitative metric of spinal cord regeneration, consistent with previous studies in larval zebrafish

(Wehner et al., 2017).

—="% Glial Bridging

Figure 10: Formula for % Glial Bridging
A confocal example of a glial bridge with annotations demonstrating the measurements
that we took to calculate percent glial bridging in Fig. 1 and Fig. S1. Percent bridging is a
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ratio of the width of the bridge at the thinnest point to the width of the uninjured spinal
cord directly anterior to the lesion site.

We observed no measurable effect on bridging at 2 days post injury (dpi) after manipulations
of Vitamin D, Notch, Retinoic Acid, MEK, Sonic Hedgehog, Egf, or ERK signaling pathways
(Fig. 11). An AMPK agonist (AICAR) produced a modest 7% increase in the thickness of glial
bridges when applied at 15 pM, suggesting that AMPK signaling may play a pro-regenerative
role (Fig. 11A). Among all chemicals examined, the most prominent inhibitions of tissue bridging
were observed upon treatment with the JNK antagonist SP600125, the Tgfp receptor antagonist
SB505124, and the Fgf receptor antagonist PD173037 at 15 uM each (Fig 11). We also compared
the glial bridging percentage of each treatment without considering animals that failed to form a
bridge, observing that Fgfr inhibition, TgfP receptor inhibition, and JNK inhibition produced glial
bridges that were 21%, 22%, and 28% thinner than vehicle controls respectively. Fgf signaling
has previously been implicated in glial bridge formation during spinal cord regeneration,
indicating that this screen is sufficiently sensitive to identify signaling pathways that contribute to
glial bridging (Goldshmit et al., 2012; Goldshmit et al., 2018; Xu et al., 2022). Given its novelty

in spinal cord regeneration, we focused our efforts on JNK signaling as a potential effector.
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Figure 11: Glial bridging after a shelf screen of pharmacological agents.

A. A shelf screen of 11 compounds identifies Fgf, TgfB, and JNK as important signaling
pathways for glial bridging in embryonic spinal cord regeneration. Control treatments are
shown in blue and SP600125 treatment is shown in red for emphasis. Glial bridging % is
measured by dividing the width of the GFAP+ tissue bridge at 2 dpi by the width of the
uninjured spinal cord anterior to the lesion site (n = 20-25 in two experiments, Kruskal-
Wallis with Dunn’s multiple comparisons test p is shown).

B. Inhibition of Fgf, TgfPB, or JNK signaling results in fewer fish able to form GFAP+
tissue bridges, defined as at least one process visually spanning the lesion site. Control
treatments are shown in blue and SP600125 treatment is shown in red for emphasis. (n =
20-25 in two experiments, Fischer’s exact test p is shown). 5 of 20 animals did not form a
bridge after INK inhibition, compared to 0 of 22 in DMSO-treated controls.

3.2.1 Glial bridges but not neural bridges depend on JNK signaling

To further interrogate the role of JNK signaling in spinal cord regeneration, we examined

larger numbers (n = 100) of animals at 1 and 2 dpi, again assessing glial bridging in GFAP:EGFP

larvae. JNK inhibition reduced the frequency of glial bridge formation by 32% and decreased the

width of glial bridges by 50% compared to vehicle treated controls (Fig. 12). By 2 dpi, 100% of

vehicle-treated animals formed glial bridges, with an average bridge diameter ratio of 75%. In

contrast, only 70% of JNK-inhibited animals demonstrated glial bridge formation, and those

bridges were 60% thinner than vehicle-treated controls (Fig. 12). Bridge diameter was

comparable between JNK-inhibited animals at 1 and 2 dpi (Fig. 12B). These observations were
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consistent even after removal of animals which failed to demonstrate glial bridges. Our findings
indicate that JNK inhibition leads to a defect in glial bridging. Two possible explanations for this
defect are decreased production of bridging glia or a decreased capacity for glia to migrate to the

lesion site.
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Figure 12: JNK inhibition blocks glial bridge formation at 1 and 2 dpi

A. GFAP" glial bridges during spinal cord regeneration in DMSO-treated and SP600125-
treated animals. Glial bridging % was calculated by taking the ratio of the width of the
thinnest point of the glial bridge (yellow arrowhead) to the full width of the uninjured
cord directly anterior to the lesion (white arrowhead). Scale bar represents 100 um.

B. JNK inhibition reduces the thickness of GFAP" glial bridges at both 1 and 2 dpi. Glial
bridges in SP600125-treated animals did not significantly change in width from 1 to 2 dpi
(n =100 over three repeated experiments, two-tailed Mann-Whitney test p is shown).

C. JNK inhibition results in fewer fish forming GFAP" tissue bridges at 1 and 2 dpi (n =
100 over three repeated experiments, Fischer’s exact test p is shown). 55 of 144 animals
did not form a bridge after JNK inhibition at 1 dpi, compared to 9 of 100 in DMSO-
treated controls. 33 of 110 did not form a bridge after JNK inhibition at 2 dpi, compared
to 0 of 100 in DMSO-treated controls.

In zebrafish larvae, regenerating axons can traverse the lesioned spinal cord environment
independently of glial bridging (Wehner et al., 2017). We therefore assessed axonal bridging after
spinal cord injury by whole-mount immunohistology for acetylated a-tubulin. JNK inhibition
resulted in axon bridges that were similar in width to control animals at both 1 and 2 dpi (Fig.
13B). Interestingly, the frequency of bridged injuries was similar at 1 dpi but 32% lower at 2 dpi
compared to vehicle controls (Fig. 13C). This suggests that while JNK inhibition does not affect
the establishment of neural bridges, it results in neural bridges that are less stable in the longer

term. Thus, JNK signaling is required for glial bridge formation after spinal cord injury, while
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neural bridging appears to be less reliant on this pathway.
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Figure 13: JNK inhibition does not block neural bridge formation

A. Neural bridging labeled by whole-mount immunofluorescence for acetylated a-
tubulin. Scale bar represents 100 pm.

B. JNK inhibition does not measurably affect the thickness of neural bridges at 1 and 2
dpi (n = 20-30 in two experiments, two-tailed Mann-Whitney test p is shown.)

C. INK inhibition results in modestly fewer fish able to form neural bridges at 2 dpi (n =
20-30 in two experiments, Fischer’s exact test p is shown).

3.2.2 JNK isoforms are expressed in glia in the regenerating spinal cord

To test if components of the JNK signaling pathway are present in spinal cord glia, we
consulted published scRNAseq data collected from uninjured and lesioned larval zebrafish spinal
cords (Cavone et al., 2021). Zebrafish possess four JNK proteins: INK2, INK3, and two isoforms
of JNK1 (JNK1a and JNK1b). Within GFAP" glial cells, JNKs 1a, 1b, and 3 are enriched in
quiescent ERG progenitors and proliferating ERGs (Fig. 14A). JNK2 is enriched in proliferating
ERGs, suggesting that regulation of JNK may play a role in ERG proliferation (Fig. 14A).
Additionally, expression of both JNK1a and JNK1b is enriched in GFAP" cells after spinal cord

injury, further supporting a role for glial INK signaling in spinal cord regeneration (Fig. 14B).
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Figure 14: Expression of JNK isoforms in spinal cord glia

3.3 GFAP:JNK-KTR reports JNK activity in vivo in larval zebrafish spinal
cord glia

To visualize JNK activity in the larval spinal cord, we employed a kinase translocation
reporter (KTR) (Regot et al., 2014). KTRs represent a class of ratiometric reporters used to
visualize kinase dynamics in in vivo contexts such as zebrafish scale regeneration and mouse
blastocyst lineage determination (De Simone et al., 2021; Simon et al., 2020). The JNK KTR
consists of a fragment of cJun fused to a nuclear export sequence and the fluorescent protein
Venus (Fig. 15A). The cJun protein fragment acts as a docking site for JNK for phosphorylation
of the nuclear export sequence, which in turn shuttles the protein out of the nucleus when JNK
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activity is high. Conversely, the KTR is sequestered in the nucleus when JNK activity is low (Fig.
15) (Regot et al., 2014). By comparing the ratio of nuclear to cytoplasmic Venus fluorescence,
one can quantify relative JNK activity in living organisms at single-cell resolution (Fig. 15B).
Given the JNK-mediated defect in glial bridging we observed, we established a transgenic line
expressing this KTR under the control of the GFAP promoter (GFAP:cJun-NES-Venus">*’) to
monitor JNK signaling dynamics in zebrafish glia. Correspondingly, to visualize glial nuclei in
vivo and enable quantification, we established a transgenic line expressing a histone-tagged
mCherry under the control of the GFAP promoter (GFAP:H2A-mCherry**°"). The combination
of GFAP:cJun-NES-Venus and GFAP:H2A-mCherry transgenic lines will subsequently be

referred to as JNK-KTR.
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Figure 15: Schematic and examples of KTR function and quantification

A. Schematic of INK-KTR, which measures JNK activity by its accumulation in the
nucleus or cytoplasm depending on phosphorylation state. When JNK activity is high, the
reporter will be shuttled to the cytoplasm, and when JNK activity is low, the reporter will
accumulate in the nucleus. Examples are depicted in greyscale on the right where the
lighter color represents brighter fluorescence.

B. Examples of high and low JNK activity in individual GFAP+ cells in the larval
zebrafish spinal cord. Left box: a cell with high JNK activity. Right box: a cell with low
JNK activity. Top row: H2A-mCherry channel for a single cell and the nuclear mask
generated by TGMM. Middle row: cJun-NES-Venus channel for a single cell and the
cytoplasmic mask, generated by a dilation and subsequent subtraction of the original
nuclear mask. Average Venus fluorescence in the cytoplasmic compartment is divided by
average Venus fluorescence in the nucleus of each cell to calculate the KTR value for
each cell, shown as a heat map on bottom left. Both masks are shown over the H2A-
mCherry channel on bottom right.
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KTRs have been employed to measure kinase activity both in vitro and in vivo in cells with
large cytoplasmic area around the nucleus, such as scales, muscle, and imaginal disc epithelial
cells in Drosophila (De Simone et al., 2021; Mayr et al., 2018; Regot et al., 2014; Yuen et al.,
2022). However, ERGs possess a small volume of cytoplasm in the soma and long, thin processes
that we expected to present additional challenges to quantification of KTR activity. Therefore, to
test whether this line accurately and sensitively reflects JNK activity, we imaged JNK-KTR larvae
under the effects of either the JNK inhibitor SP600125 or anisomycin, which globally blocks
translation and acts as a JNK agonist. We quantified JNK activity by comparing the average
Venus fluorescence within the nuclear area (defined by a mask of GFAP-H2A-mCherry
fluorescence) and the average Venus fluorescence directly surrounding the nucleus in the soma
(defined by a dilation of the nuclear mask and subsequent subtraction of the original nuclear area)

(Fig 15B).

3.3.1 JNK inhibition is detectable via JNK-KTR

First, we examined JNK-KTR under the effects of SP600125 to test whether INK-KTR is
responsive to induced changes in JNK activity. JNK-KTR larvae treated with JNK antagonist for
3 hours at 72 hpf showed a measurable downward shift in the distribution of single-cell KTR
values and significantly lower mean KTR values across the entire tissue (Fig 16B, C). We noted
that some cells retained high JNK activity even after JNK inhibition, suggesting that the tissue
may not respond uniformly to inhibitor treatment. To test whether SP600125 treatment was
inhibiting JNK signaling in cells with high baseline JNK activity as well as in cells with low
baseline activity, we calculated the ratio of cells with high JNK activity (defined as KTR value >
1.0) to the total number of GFAP" cells before and after SP600125 treatment. We found that

fewer cells exhibit high JNK activity after SP600125 treatment (Fig. 16D). Thus, JNK-KTR is

35



broadly sensitive to decreases in JNK signaling and is sufficient for quantification of JNK

signaling with high spatiotemporal resolution in ERGs in the larval zebrafish spinal cord.
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Figure 16: JNK-KTR readout under SP600125

A. SP600125 treatment for 3 h causes nuclear translocation of cJun-NES-Venus. Images
shown are from the same individual fish over the course of treatment. Left: a maximum
intensity projection of cJun-NES-Venus fluorescence. Right: heatmap of calculated JNK-
KTR values in each individual cell. Scale bar represents 100 pum.

B. SP600125 treatment for 3 h shifts the distribution of JNK activity down within an
individual animal. Violin plots shown are the distribution of individual measurements for
each cell within the same animal over the course of SP6001215 treatment (n = 500
individual cell measurements within an individual animal for each condition, two-tailed
Mann-Whitney p is shown)

C. SP600125 treatment for 3 h decreases the mean JNK-KTR value among all cells in the
72 hpf spinal cord (n = 4-7 animals over two experiments, two-tailed t test with Welch’s
correction p is shown).

D. SP600125 treatment for 3 h decreases the proportion of cells with high JNK activity in
the 72 dpf spinal cord (n = 4-7 animals over two experiments, two-tailed t test with
Welch’s correction p is shown).

3.3.2 JNK activation is detectible via JNK-KTR

To test whether activation of JINK-KTR was detectable, we treated larvae with anisomycin,
which has been shown to stimulate JNK signaling in zebrafish larvae (Yuan et al., 2021). We
treated 96 hpf embryos for 10 h and collected measurements at 3 and 10 h post treatment to test if
the sensor is sensitive to rapid changes in JNK activity, and to attempt to measure the theoretical
maximum value of the sensor, respectively. Anisomycin treatment shifted the distribution of
single-cell KTR values upwards and increased the mean of KTR values across the entire tissue at

both timepoints (Fig. 17B, C). Additionally, anisomycin treatment increased the percentage of
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cells with high JNK activity, indicating that this increase in activity is global and not driven by

subpopulations of GFAP" cells (Fig. 17D).
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Figure 17: JNK-KTR readout under anisomycin

A. Anisomycin treatment for 10 h causes cytoplasmic translocation of cJun-NES-Venus.
Images shown are from the same individual fish over the course of treatment. Left:
maximum intensity projection of cJun-NES-Venus fluorescence (note nuclear “shadows”
in several dorsally located cells marked with yellow arrowheads). Right: heatmap of
calculated INK-KTR values in each individual cell.

B. Anisomycin treatments for 3 and 10 h shift the distribution of JNK activity up within
an individual animal n = 500 individual cell measurements within an individual animal
for each condition, two-tailed Mann-Whitney p is shown).

C. Anisomycin treatments for 3 and 10 h increase the mean JNK-KTR value among all
cells in the 96 hpf spinal cord (n = 4-7 animals over two experiments, two-tailed t test
with Welch’s correction p is shown).

D. Anisomycin treatments for 3 and 10 h increase the proportion of cells with high JNK
activity in the 96 hpf spinal cord (n = 4-7 animals over two experiments, two-tailed t test
with Welch’s correction p is shown).
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Across antagonist and agonist experiments, 90% of KTR values measured between 0.4 to
1.7; thus, we chose those values as the functional range of INK-KTR activity and limited analysis
in all experiments to nuclei within that range. It is important to note that this dynamic range of the
sensor may not cover the entire range of cellular INK activities; in addition, the relationship
between JNK activity and the KTR read-out may not be linear. Nevertheless, this is a typical
limitation of live kinase sensors, and we are able to take full advantage of relative measurements
by comparing JNK signaling within the same animal and even within the same populations of

cells over time by in vivo imaging. We conclude that KTR technology can be applied in the larval
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zebrafish spinal cord to visualize dynamics of JNK kinase activity, and that JNK signaling can be

measured in whole populations of glial cells in the larval zebrafish spinal cord.

3.4 JNK-KTR reveals developmental dynamics of JNK signaling

We first used JNK-KTR animals to investigate the spatiotemporal dynamics of JNK
signaling in ERGs in the spinal cords of developing zebrafish. The GFAP promoter directs strong
expression in the developing spinal cord beginning at 24 hpf (Bernardos & Raymond, 2006). We
chose to assess JNK activity every 24 h from 48 to 144 hpf, as we found nuclei in the spinal cord
to be too densely packed to segment properly with our imaging protocol prior to 48 hpf (Fig. 18).
We found that generally over the course of development, GFAP:H2A-mCherry " cell numbers
decreased in our imaging frame, which we attribute both to glia differentiating from GFAP" cells
to GFAP" cells and the physical expansion of the tissue, which lowers the density of GFAP" cells
within the imaging frame (Fig. 18A). The mean KTR value across the tissue peaked at 72 hpf
before dropping at 96-144 hpf (Fig. 18B). Similarly, the larval spinal cord contained the highest
proportion of cells with high JNK activity at 3 dpf, suggesting this trend is due to an increase in
JNK signaling throughout the tissue and not an increase in JNK signaling in individual cell
populations (Fig. 18C). Accordingly, we found no significant change in JNK activity along the

anteroposterior (AP) axis at any time point from 48 to 144 hpf (Fig. 19).
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Figure 18: JNK activity is dynamic during development

A. Cellular localization changes of cJun-NES-Venus fluorescence during development.
Images shown are from the same individual fish over time. Left: maximum intensity
projection of cJun-NES-Venus fluorescence. Right: heatmap of calculated INK-KTR
values in each individual cell. Scale bar represents 100 pm.

B. JNK-KTR indicates high mean JNK activity among all cells at 48 and 72 hpf in the
larval spinal cord and lower mean activity at 96 through 144 hpf (n = 7-9 animals across
three experiments, Welch’s ANOVA with Dunnett’s T3 multiple comparison test p
shown).

C. The proportion of cells with high JNK activity follow the same trend as mean JNK
activity, with more cells with high JNK at 48 and 72 hpf than 96 through 144 hpf (n = 7-9
animals across three experiments, Welch’s ANOVA with Dunnett’s T3 multiple
comparison test p shown).
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Figure 19: JNK activity exhibits no AP bias at any developmental timepoint

Mean JNK-KTR values binned on the AP axis from 48 to 144 hpf. The dashed black line

represents a linear line of fit (R2 shown in legend). The blue line represents the mean

JNK activity in each bin (n = 7-9 animals across three experiments, error bars represent

SEM, one-way Welch’s ANOVA p is shown).
3.4.1 JNK signaling shows dorsoventral patterning during development

Whereas AP bias was undetectable in the developing spinal cord, we observed a measurable

dorsoventral (DV) bias in glial JNK activity during spinal cord development, with 5% and 20%
higher ventral values at 72 and 96 hpf, respectively (Fig. 20B,C). Both of these timepoints also
demonstrated a smaller local maximum in JNK activity located more dorsally in the tissue.
Interestingly, we did not observe a DV bias in JNK activity at 48 and 144 hpf and observed a
dorsal bias at 120 hpf (Fig. 21). This suggests that JNK signaling may be transiently patterned
dorsoventrally in the developing spinal cord. Secreted factors known to establish the DV pattern
of the developing spinal cord are Shh, secreted by the ventral floorplate, and BMPs and Wnts,
secreted by the dorsal roofplate (Lee & Jessell, 1999). We posit that JNK signaling in the

developing spinal cord might be organized by one or more of these or other ligands that influence

DV fate decisions during spinal cord development.
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Figure 20: Spatial distribution of JNK activity during development

A. JNK activity shows no bias on the anteroposterior axis of the developing spinal cord at
96 hpf. The dashed black line represents a linear line of fit (R2 shown in legend). Colored

line represents the mean JNK activity in each bin (n = 9 animals across three
experiments, error bars represent SEM, one-way Welch’s ANOVA p is shown).

B, C. JNK activity shows a dorsal bias in JNK activity at 72 and 96 hpf. In addition to the
peak of JNK activity at the dorsal side of the tissue, a local maximum can be identified
more ventrally, potentially indicating multiple foci of JNK activity within the developing
spinal cord. Dashed black line represents a cuboidal line of fit (R2 shown in legend).
Colored line represents the mean JNK activity in each bin (n = 7-9 animals across three
experiments, error bars represent SEM, one-way Welch’s ANOVA p is shown).
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Figure 21: DV distributions of JNK activity during development

Mean JNK-KTR values binned on the DV axis from 48 to 144 hpf. The dashed black line
represents a cuboidal line of fit (R2 shown in legend). The blue line represents the mean
JNK activity in each bin (n = 7-9 animals across three experiments, error bars represent
SEM, one-way Welch’s ANOVA p is shown).
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3.5 Spinal cord injury locally increases JNK signaling in glia

To characterize the spatiotemporal dynamics of JNK signaling after a spinal cord injury,
we performed spinal cord transection at 72 hpf. We found that the mean glial INK activity value
across all cells in the image frame was 10% higher at 2 dpi compared to age-matched controls
(Fig. 22B). Additionally, the percentage of cells with high JNK activity was 20% higher at 2 dpi,
suggesting this increase is due to nascent induction of JNK signaling in cells that would otherwise

be inactive, rather than solely boosting JNK activity in already active cells (Fig. 22C).
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Figure 22: JNK activity after spinal cord injury

A. Cellular localization changes of cJun-NES-Venus fluorescence after spinal cord
injury. Images shown are from the same individual fish over time. Left: maximum
intensity projection of cJun-NES-Venus fluorescence. Right: heatmap of calculated JNK-
KTR values in each individual cell. Scale bar represents 100 um and dashed yellow lines
show the location of the lesion site.

B. JNK-KTR indicates higher mean JNK activity among all cells at 2 dpi compared to
age-matched uninjured controls, but not at 1 or 3 dpi (n = 6 animals across two
experiments, two-tailed t test with Welch’s correction p is shown).

C. The proportion of cells with high JNK activity increases at 2 dpi compared to age-
matched uninjured controls, but not 1 or 3 dpi (n = 6 animals across two experiments,
two-tailed t test with Welch’s correction p is shown).

3.5.1 Spatial dynamics of JNK activity during spinal cord regeneration
To identify spatial changes in JNK activity compared to uninjured animals, we examined
JNK activity at 1, 2, and 3 dpi binned along AP and DV axes. Though we did not identify any

difference in global JNK activity at 1 dpi compared to uninjured controls, we nevertheless
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observed significant differences in both AP and DV distributions of JNK activity at this timepoint
compared to the distribution of JNK activity in controls (Fig. 23, 24). Most notably, the ventral
bias in JNK activity that we measured at 4 dpf is diminished in age-matched 1 dpi spinal cords
(Fig. 23). This indicates that the normal developmental signaling milieu in the larval spinal cord
is likely disrupted by spinal cord injury and regeneration. This result supports previous findings
by other groups suggesting that spinal cord regeneration in larval zebrafish is a distinct process
from spinal cord development and does not necessarily recapitulate developmental cell behaviors

(Alper & Dorsky, 2022).
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Figure 23: Dorsoventral distribution of JNK activity after spinal cord injury
JNK-KTR at 1 dpi shows a diminished dorsal bias and no ventral local maximum
compared to age-matched controls. The red line represents data from injured animals and
the blue line data from age-matched uninjured controls. Each line represents the mean
JNK activity in each bin (n = 6-9 animals across two experiments, error bars represent
SEM, two-way ANOVA p is shown comparing both curves).
At 2 and 3 dpi, INK activity values showed a small local maximum (calculated at 5%
compared to the lowest measured bin average at both timepoints) anterior to the lesion (Fig. 24).
The AP distribution of JNK activity at 2 dpi significantly differs from the distribution in age-

matched uninjured controls (Fig. 24E), and the local maximum in JNK activity at 2 dpi is the

point with the greatest difference between the two curves, suggesting that the injury-induced
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increase in JNK activity is not uniform across the tissue. Of note, JNK activity was not increased

at the lesion site itself, but rather in the rostral stump directly anterior to the lesion.
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Figure 24: Anterioposterior distribution of JNK activity after spinal cord injury
A. JNK-KTR values at 1 dpi do not change along the AP axis. The dashed black line
represents a quadratic line of fit (R2 shown in legend). The red line represents the mean
JNK activity in each bin (n = 6 animals across three experiments, error bars represent
SEM, one-way Welch’s ANOVA p is shown).

B, C. JNK-KTR values at 2 and 3 dpi change along the AP axis. The dashed black line
represents a quadratic line of fit (R2 shown in legend). The red line represents the mean
JNK activity in each bin (n = 6 animals across three experiments, error bars represent
SEM, one-way Welch’s ANOVA p is shown).

D. INK-KTR at 1 dpi shows similar AP patterning to age-matched controls. Though we
do not measure a change in JNK activity over the AP axis, JNK levels are slightly lower
across the tissue compared to age-matched controls. Each line represents the mean JNK
activity in each bin (n = 6-9 animals across two experiments, error bars represent SEM,
two-way ANOVA p is shown comparing both curves).

E. INK-KTR at 2 dpi shows a posterior bias in JNK signaling compared to age-matched
controls. Each line represents the mean JNK activity in each bin (n = 6-9 animals across
two experiments, error bars represent SEM, two-way ANOVA p is shown comparing
both curves). In injured animals, JNK signaling increases towards the lesion site before
dropping sharply at the lesion itself. INK levels are higher across the tissue in injured
animals.

F. JNK-KTR at 3 dpi shows a slight posterior bias in JNK signaling compared to age-
matched controls, but overall INK levels in the tissue are not significantly changed. Each
line represents the mean JNK activity in each bin (n = 5-7 animals across two
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experiments, error bars represent SEM, two-way ANOVA p is shown comparing both
curves).

To test whether the increase in JNK activity that we observed near the lesion at 2 dpi was a
local increase and not a result of a global increase in JNK signaling, we imaged 2 dpi larvae and 5
dpf controls with a wider image frame (Fig. 25). We again saw a peak in JNK signaling only near
the lesion site and observed that the imaged region distal to the lesion has JNK activity more
similar to uninjured controls (Fig. 25B, 26). The area distal from the lesion demonstrated no
difference in JNK activity at any position along the DV axis, and was not significantly different
from the DV distribution of JNK activity in uninjured controls (Fig. 27A). In contrast, the area
proximal to the lesion had significantly higher JNK activity on the dorsal side of the spinal cord
and differed significantly from the DV pattern of JNK activity in uninjured controls (Fig. 27B).
At 2 dpi, the cellular processes largely contributing to spinal cord regeneration are proliferation
and production of new cells to bridge the lesion site and begin to remodel the spinal cord
(Anguita-Salinas et al., 2019). The observation that JNK signaling is highest while these
processes are most active suggests JNK signaling may be involved in the production of new cells
during spinal cord regeneration.

A cJun-NES-Venus B
1.2 2 dpi

P =0.036 between bins
p =0.93 between bins
p <0.0001 between curves
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Figure 25: JNK Activity at 2 dpi only increases near the lesion
A. JNK activity along the full anterior expanse of the spinal cord at 2 dpi. Top: maximum
intensity projection of cJun-NES-Venus fluorescence. Bottom: heatmap of calculated
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JNK-KTR values in each individual cell. Scale bar represents 100 um and dashed yellow
lines show the location of the lesion site.

B. JNK-KTR values at 2 dpi increase near the lesion site and are comparable to JNK
values in an uninjured control animal distal to the lesion site. Each line represents the
mean JNK activity in each bin along the x axis (n = 8 animals across two experiments,
error bars represent SEM, two-way ANOVA p is shown in black comparing both curves,
one-way ANOVA p is shown in red and blue for the comparison between bins of the 2
dpi and uninjured datasets respectively).
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Figure 26: Each individual fish shows an increase in JNK activity near the lesion
site

Each individual animal measured at 2 dpi reveals significantly higher JNK activity
proximal to the lesion than distal to the lesion, as demonstrated by average JNK activity
in two discrete bins. Uninjured animals show no significant trend in JNK activity across
the same image frame (n = 8 animals across two experiments, paired t test p is shown).
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Figure 27: The dorsoventral distribution of JNK activity only changes near the
lesion site

A.D. JNK activity distal from the lesion shows no bias in DV distribution, and no
measurable change in DV distribution from uninjured controls. Each line represents the
mean JNK activity in each bin along the y axis, and the red line represents values
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measured in cells in the distal half of each image from the injury site (n = 8 animals
across two experiments, two-way ANOVA p is shown in black comparing both curves,
one-way ANOVA p is shown in red for the comparison between bins in the injured
dataset).

B. JINK activity proximal to the lesion shows a dorsal bias in DV distribution, which
differs significantly from the DV distribution in uninjured controls. Each line represents
the mean JNK activity in each bin along the y axis, and the red line represents values
measured in cells in the proximal half of each image to the injury site (n = 8 animals
across two experiments, two-way ANOVA p is shown in black comparing both curves,
one-way ANOVA p is shown in red for the comparison between bins in the injured
dataset).

In conclusion, we find that JNK signaling in GFAP" cells in the developing spinal cord
undergoes whole-population and regional changes during development. JNK activity peaks at 72
hpf and transiently establishes a ventrally biased pattern through 96 hpf. Spinal cord transection
disrupts this DV bias and induces JNK activity in dorsally-located glia near the lesion site at 2
dpi. These experiments reveal and map dynamic regulation of JNK activity during stages of

spinal cord development and regeneration.

3.6 JNK signaling controls glial cell cycling during larval spinal cord
regeneration

3.6.1 Visualizing the cell cycle with pcna™¢*?

To test whether JNK signaling features and requirements involve control of glial
proliferation, we generated a pcna-GFP fusion allele by inserting a monomeric EGFP (mGFP)
cassette directly upstream of the stop codon of the proliferating cell nuclear antigen (pcna) gene
(pcna™®tP?39%) ysing CRISPR/Cas9-mediated homologous recombination (Yao et al., 2017;
Zacharias et al., 2002). PCNA is a protein clamp that acts as a homotrimer to encircle replicating
DNA, tethering polymerases and other proteins to the site of DNA synthesis during DNA repair

"GEP allele

and DNA replication prior to mitosis (Ellison & Stillman, 2003). After crossing a pcna
into the GFAP:H2A-mCherry background, we were able to identify PCNA-mGFP fluorescence in

nuclei of both GFAP:H2A-mCherry " (Fig. 28A) and GFAP:H2A-mCherry” (Fig. 28B) cells prior
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to mitosis. Specifically, we observed speckles of strong fluorescence where PCNA-mGFP
aggregates around replicating DNA in S phase, uniform nuclear fluorescence in both G1 and G2
phase, and fluorescent signals exiting the nucleus and entering the cytoplasm as the nuclear
envelope breaks down in M phase (Fig. 28). These fluorescence patterns are similar to PCNA
patterns previously observed in dividing cells in in vitro and in vivo studies using similar fusion

transgenes (Essers et al., 2005; Leonhardt et al., 2000; Leung et al., 2011; Zerjatke et al., 2017).

>
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Figure 28: PCNA-mGFP fluorescence during mitosis

A. PCNA-mGFP distribution is predictive of mitosis in GFAP+ cells. Cells exhibit
characteristic patterns which allows us to identify S phase (speckling), G phase, and M
phase in live animals over time. Scale bar represents 5 um.

B. PCNA-mGFP distribution is also predictive of mitosis in GFAP- cells. Scale bar

represents 5 pum.
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3.6.2 JNK inhibition blocks glial proliferation after spinal cord injury
We performed SCI on GFAP:H2A-mCherry,; pcna™“* larvae and treated them with
mGFP

SP600125 to measure SCl-induced glial cycling after JNK inhibition. Because pcna

expresses globally in all cycling cells in zebrafish larvae, we generated a mask of the H2A-
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mCherry signal and digitally subtracted any PCNA-mGFP signal in GFAP" cells both for
visualization purposes and to ensure that we limited our cycling measurement to GFAP" glial
cells within the spinal cord. After JNK inhibition, PCNA-mGFP fluorescence was broadly
decreased in GFAP:H2A-mCherry" nuclei at 1, 2, and 3 dpi (Fig. 29A).

To spatially describe where glial cycling was occurring after SCI, we measured the total
mGFP fluorescence at each point along the AP axis. Because pcna is most highly expressed in
G1/S phase and decreases upon cell cycle exit, PCNA-mGFP fluorescence levels should correlate
spatially with the areas of highest cycling (Santos et al., 2014; Thacker et al., 2003). In control
animals, PCNA-mGFP fluorescence primarily localized to areas near the lesion at 1 and 2 dpi,
and progressively decreased distal to the lesion. At 3 dpi, PCNA-mGFP fluorescence marked the
newly regenerated junction between the two severed ends of the spinal cord (Fig. 29B). JNK
inhibition changed the localization of PCNA-mGFP fluorescence within the tissue. PCNA-
mGFP"/GFAP:H2A-mCherry" cells were sparsely found in the areas proximal to the lesion at 1
and 2 dpi as in controls, but this pattern of proliferating cells did not converge at the lesion site at
3 dpi as in controls (Fig. 29C). Notably, by 2 dpi we observed sparse GFAP:H2A-mCherry"
nuclei in the lesion site of animals under JNK inhibition even with the decrease in cycling,
indicating that glia can still access the lesion site by processes such as migration or tissue

displacement (Fig. 29A).
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Figure 29: JNK inhibition changes the location of glial cycling after spinal cord
injury

A. PCNA-mGFP pattern in vehicle- and JNK inhibitor-treated animals during spinal cord
regeneration. Max intensity projections are shown with a GFAP:H2A-mCherry-derived
mask applied to the EGFP channel to filter out GFAP- PCNA+ cells. The same animal is
shown for each condition at different timepoints during regeneration. Scale bar represents
100 pm.

B. PCNA-mGFP localization during regeneration in glia of DMSO-treated animals. At 1
dpi, PCNA-mGFP is expressed on either side of the lesion site. By 3 dpi there is a large
increase in PCNA-mGFP signal in the lesion site itself. Each line represents the average
PCNA-mGFP fluorescence values thresholded by GFAP:H2A-mCherry and binned along
the AP axis for each indicated timepoint (n = 6 animals across two experiments).

C. PCNA-mGFP localization during regeneration in glia of SP600125-treated animals. At
1 dpi, there is a modest peak of PCNA-mGFP fluorescence to the posterior side of the
lesion, but broadly lower expression than in DMSO-treated controls. This localization is
similar at later timepoints, even after SP600125 treatment has ceased. Each line
represents the average of PCNA-mGFP fluorescence values thresholded by GFAP:H2A-
mCherry and binned along the AP axis for each indicated timepoint (n = 6 animals across
two experiments).

To calculate a glial cycling index at each timepoint during regeneration, we manually counted
GFAP:H2A-mCherry" cells in S phase based on the PCNA-mGFP fluorescence pattern.
Consistent with spatial mGFP fluorescence measurements, the proportion of cycling glia in
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vehicle-treated animals increased from 1 to 3 dpi, peaking at ~50% of GFAP" cells in the imaging
window at 3 dpi. In contrast, JNK inhibition resulted in much fewer cycling glia at each
timepoint, peaking at ~10% of GFAP" cells at 3 dpi (Fig. 30). To assess cycling with a different
marker that does not reflect DNA synthesis or repair, we performed whole-mount
immunostaining for phosho-histone 3 (H3P) in GFAP:H2A-mCherry larvae. H3P is only present
in M phase when cells have condensed chromatin (Elmaci et al., 2018). We observed a ~90%
decrease in the number of cells co-expressing H3P and mCherry at 2 dpi in JNK inhibited larvae
(Fig. 31). We conclude that JNK signaling is required for glial cell cycling after spinal cord
injury, and that even transient inhibition of JNK signaling is sufficient to cause lingering effects

on the spatiotemporal dynamics of injury-induced cycling.
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Figure 30: JNK inhibition lowers the number of cycling glia after spinal cord injury
JNK inhibition results in demonstrably lower glial cell cycling at 1 through 3 dpi during
spinal cord regeneration (n = 6 animals across two experiments, two-tailed t test with
Welch'’s correction p is shown).
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Figure 31: JNK inhibition decreases the number of mitotic glia after spinal cord
injury

A. Mitotic glia marked by immunofluorescence for H3P and GFAP:H2A-mCherry native
fluorescence after spinal cord injury. Max intensity projections are shown which include
GFAP- tissue around the spinal cord which also contains H3P+ cells. Scale bar represents
100 um and yellow arrowheads indicate GFAP+H3P+ cells.

B. Measurably fewer GFAP+/H3P+ cells are present in injured spinal cords after
SP600125 treatment (n = 6 animals across two experiments, two-tailed t test with
Welch’s correction p is shown).

3.7 Discussion
Larval zebrafish provide useful models for executing chemical and genetic screens.

Knockout screens have been employed with targeting gRNAs to provide insight into specific
genes that play roles in spinal cord regeneration (Keatinge et al., 2021; Klatt Shaw et al., 2021).
Pharmacological screens by contrast allow for manipulation of activities of multiple related
proteins simultaneously in a relatively non-invasive manner. Here, a limited shelf screen has
revealed that the JNK inhibitor SP600125, an ATP-competitive inhibitor of INKs 1, 2, and 3,
limits glial cell proliferation and tissue bridging during spinal cord regeneration in larval
zebrafish. We also introduced a JNK translocation reporter and identified context-specific
dynamics of JNK signaling as visualized in whole populations of GFAP" spinal cord glial cells
during development and regeneration at single-cell resolution.

JNK signaling is highly active in the CNS and plays an important role in regulating protein

function in a number of developmental and homeostatic contexts. Phosphorylated JNK is
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concentrated in the growth cones of growing axons, and is critical for proper axonal pathfinding
both during development and during axon regrowth after axotomy (Oliva et al., 2006; Qu et al.,
2013). Additionally, JNK signaling is known to regulate programmed cell death of motor neurons
in the developing spinal cord, and inhibition of JNK signaling after spinal cord injury in mice has
a neuroprotective effect, highlighting the varied roles JNK is known to have in neurons within the
CNS (Messina et al., 1996; Repici et al., 2012; Sun et al., 2005). We were not able to observe a
measurable defect in neural bridge formation at 1 or 2 days post spinal cord injury during global
JNK inhibition. This result may point to secondary mechanisms of reinnervation across a spinal
cord lesion beyond the direct growth of axons. Previous work has reported that early stages of
spinal cord repair in zebrafish are characterized by the recruitment and migration of a functionally
mature neuron population to the lesion site that precedes stem cell-derived neurogenesis
(Vandestadt et al., 2021). Further research is warranted into the difference between these modes
of circuit reformation, as it remains unclear if bridging by precursor neurons alone is sufficient to
produce functional sensorimotor recovery in the regenerated spinal cord.

In contrast to JNK signaling in neurons, the role of JNK signaling in glia of the CNS has been
less well characterized. In Drosophila, JNK signaling has in glia has been linked to cell
engulfment and the clearance of neuronal debris after nervous system injury (Maria D. Purice et
al., 2017). In mice, JNKs 1 and 3 have been implicated in regulating the balance between neural
progenitor maintenance and neurogenesis in the adult hippocampus (Castro-Torres et al., 2019).
Here, we report a role for JNK signaling in the proliferation of ERGs after spinal cord injury.
JNK signaling is induced locally at the lesion site in a pattern distinct from the surrounding
developmental context, suggesting that the extracellular cues driving this aspect of the injury

response are specific to regeneration. It remains to be seen whether the downstream effects of
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JNK signaling in this context are consistent with known roles for JNK signaling in glia, or also
represent a role that is regeneration-preferential or -specific.

We find that JNK signaling can be quantified in GFAP" glial cells in the same animal over the
course of multiple days with a KTR sensor, eliminating the aspect of variability among animals.
In general, techniques to measure kinase activity can be divided into two classes: single
fluorophore-based sensors and sensors which use multiple fluorophores (known as fluorescence
resonance energy transfer, or FRET) (Maryu et al., 2018). One of the major advantages of KTRs
over kinase activity reporters of other classes is that, because they only rely on a single
fluorophore (not including the nuclear marker), they can be readily multiplexed by incorporating
differently colored fluorophores (Maryu et al., 2016; Regot et al., 2014). This can allow
simultaneous assessment of discrete kinase pathways within individual cells, and can identify
interplay of different kinase activities in during spinal cord development and regeneration. It had
been unclear to us prior to this work whether tissues that are densely packed with cells with a low
ratio of cytoplasm to nuclear volume, like spinal cord glial tissue, would be adequate subjects for
this type of imaging. However, even in this challenging context, we found we could achieve
proper segmentation of the nucleus from the cytoplasm to enable the extraction of quantitative
information in foto. Other KTRs have also been developed that report the signaling activity of
kinase pathways such as Erk, AKT, p38, and PKA (Maryu et al., 2016; Regot et al., 2014). It is
likely that these other KTRs may also be used to investigate kinase signaling dynamics in larval
zebrafish spinal cord tissues.

KTRs can also be multiplexed with distinct classes of fluorescent reporters to correlate kinase
activity with other biological processes in a variety of cell types. Using the GFAP:H2A-mCherry
line, we imaged the developing spinal cord at high frame rates and could visualize subcellular

processes such as interkinetic nuclear migration within ERG processes and tissue retraction
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immediately after spinal cord injury. It should be possible to refine our toolset to generate
quantitative relationships between kinase activity and intricate cellular/subcellular behaviors like
these. Additionally, GCaMPs form a class of calcium sensor that has been widely used to report
neuronal activity in living animals including zebrafish (Del Bene et al., 2010; Muto & Kawakami,
2016; Muto et al., 2013). Motor neurons and other neural subtypes are present in the spinal cord
and assembled into functional circuits as early as 96 hpf, and they possess small volumes of
cytoplasm in their soma surrounding their nucleus similar to glia (M. A. Borla et al., 2002). We
expect it would be possible to image kinase activity dynamics alongside neural activity in living
zebrafish embryos. Combinations of KTRs with cell cycle reporters such as the FUCCI system
would allow for monitoring of kinase pathways that regulate production of new cell populations
during tissue growth and regeneration. Genetically encoded transcriptional reporters are also
available in the zebrafish, allowing direct visualization of both kinase activity and downstream
transcriptional responses to stimuli within the same cell. We thus expect our study to help
motivate new applications and studies of signaling in whole cell populations during spinal cord

development and regeneration.

3.8 Methods

3.8.1 Zebrafish

Wild-type and transgenic fish used in this study were of the outbred Casper strain to
facilitate in vivo imaging in larvae. Embryos were raised in 28°C egg water until 5 dpf and then
transferred to the aquarium system, unless imaging at later timepoints was required in which case
larvae were euthanized after use. Clutchmates were used for all experiments, and matings were
timed to ensure imaging and experimental interventions were performed at consistent times

during development. All experiments with fluorescent reporters were performed in hemizygous
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animals. All experiments with animals were approved by the Animal Care and Use Committee at

Duke University. Newly generated strains are described below:

3.8.1.1 GFAP:cJun-NES-VenusP®*

The sequence for cJun-NES-Venus was sourced in a gateway entry vector pPENTR-
JINKKTRClover from Markus Covert (Addgene plasmid # 59139; http://n2t.net/addgene:59139;
RRID: Addgene 59139). The final construct was generated via multi-fragment Gateway cloning
in combination with PSE-GFAP, P3E-pA, and pDestTI2. The GFAP:cJun-NES-Venus construct
was co-injected into one-cell stage Casper embryos with I-Scel at a concentration of 100 ng/mL.
Three founders were isolated and propagated, with one line used for this study. The allele

designation for GFAP:cJun-NES-Venus is pd390.

3.8.1.2 GFAP:H2A-mCherry?®*!

The sequence for H2A-mCherry was amplified via PCR and a-tailed using 7ag
polymerase, then subcloned into the pCR8/GW/TOPO vector via TA cloning. The final construct
was generated via multi-fragment Gateway cloning in combination with PSE-GFAP, P3E-pA,
and pDestT2. The GFAP:H2A-mCherry construct was co-injected into one-cell stage Casper
embryos with I-Scel at a concentration of 100 ng/mL. Two founders were isolated and
propagated, with one line used for this study. The allele designation for GFAP:H2A-mCherry is

pd391.

3.8.1.3 pcna™mCGFPpd3

The pcna™*™ knock-in allele was generated using CRISPR/Cas9 mediated homologous
recombination as described with modifications (Yao et al., 2017). Briefly, two gRNA targeting
the pcna stop codon region (5’-CTCTTCTGCTTGGATTTAGGAGG-3") and GFP sequence (5°-

GGCGAGGGCGATGCCACCTACGG-3’) were designed and synthesized as previously
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described (Han et al., 2019). To generate the template construct, the mGFP sequences were
amplified from the cyp24al targeting vector and silent mutated to avoid targeting by the GFP
gRNA (Han et al., 2019). The homologous arm sequences (793 bp left and 800 bp right) were
amplified from zebrafish genomic DNA. Then, the left arm, mutated mGFP and right arm
sequences were flanked with two opposite GFP gRNA targeting sequences and cloned into an
assembly vector using golden gate cloning to ensure mGFP was in-frame with pcna. Finally, the
template construct (at 25 ng/ul) was coinjected with Cas9 protein (at 250 ng/ul), pcna-gRNA and
GFP-gRNA (both at 25 ng/pl) into one-cell stage embryos. The founders were outcrossed and
screened by GFP expression and F1 embryos were PCR verified and Sanger sequenced to ensure

precise insertion. The allele designation for pcna™®™" is pd392.

3.8.2 Live Imaging

Zebrafish larvae were anesthetized in 0.01% Tricaine (Sigma T0377-100G) and
embedded laterally in 1% low-melt agarose on a plate of cured 1% standard agarose. Once the
low-melt agarose solidified, egg water with 0.5x Tricaine was added to the top of the dish to keep
the embryos hydrated. Images were acquired using a Zeiss 880 confocal microscope with a 20x
water immersion lens at room temperature. Using this setup, single embryos could be
successfully imaged for up to 24 hours at a time, replacing media as necessary to account for

evaporation.

3.8.3 Spinal Cord Injuries in Larvae

72 hpf larvae were anesthetized in 0.01% Tricaine and transferred to a clean petri dish lid
which was pre-scored with a needle as described in (Briona & Dorsky, 2014). Water was
aspirated from the surface until the larvae lay flat and an incision was made with a 25 gauge

needle directly above the notochord. For anatomical consistency, the bulge of the yolk sac was
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used as a landmark to orient the injury site on the AP axis. Injuries were performed in either
GFAP:EGFP or GFAP:H2A-mCherry animals, and the respective green or red fluorescence was
used to visually confirm full transection on a dissecting scope. Animals with notochord injuries
were identified by visual examination of the notochord on a dissecting scope and excluded from
analysis, as these fish consistently fail to form tissue bridges after injury. Bridging index was
calculated by dividing the width of the bridge at the thinnest point by the width of the uninjured
spinal cord directly anterior to the lesion.

Pharmacological treatments were performed at 3 h post injury to allow the epithelial wound to
close without chemical perturbation. Larvae were placed in egg water containing the respective
concentration of pharmacological agent for 24 h in darkness. After 24 h of treatment, larvae were
placed back in fresh egg water and subject to a standard photocycle for the duration of the

experiment. A list of pharmacological agents and concentrations used can be found in Appendix B.

3.8.4 Data Analysis
Image processing and data analysis were performed in FIJI (ImagelJ) and custom-written

MATLAB (Mathworks) R2022b software adapted from (De Simone et al., 2021). Discrete z-
stacks covering contiguous parts of the spinal cord were stitched into a single z-stack using the
built-in ImagelJ plugin based on image cross-correlation (Preibisch et al., 2009). Then, z stacks
were rotated to position the spinal cord as parallel as possible to the x axis, using H2A-mCherry
nuclear signal as reference. For the purpose of nuclei segmentation and visualization, this nuclear
channel was equalized by contrast-limited adaptive histogram equalization.

For JNK activity quantification, nuclei within the entire z-stack were segmented by TGMM
software using the equalized H2A-mCherry signal (Amat et al., 2014). A mask corresponding to
each nucleus was drawn using nuclei segmentation, then dilated by three pixel lengths, and the

difference of the dilated mask and the nuclear mask was taken to define the cytoplasmic mask.
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Average cJun-NES-Venus fluorescence was then calculated in both the nuclear and cytoplasmic
regions. JNK activity was measured as the ratio of cytoplasmic to nuclear average cJun-NES-
Venus fluorescence levels.

Because ERGs have a large nucleus compared to the volume of their soma, these dilated
masks sometimes included extracellular space. To account for this, any pixels with a Venus
fluorescence value of less than 10 AU were excluded from the area of the cytoplasmic mask, as
we did not observe any areas of nuclear-adjacent ERG cytoplasm with a fluorescence value of
less than 20 AU in any randomly sampled example cells. This step also serves to discard cells
which maintain H2A-mCherry fluorescence but no longer express GFAP due to differentiation
from GFAP" precursors, as H2A-mCherry is a stable fluorophore which persists in GFAP
daughter cells of GFAP" progenitors. Additionally, to account for occasional undersegmentation
of nuclei of differing sizes, we excluded any pixels in the cytoplasmic mask with an mCherry
fluorescence value of greater than 10 AU. Both of these computational steps decrease the
measured cytoplasmic area, so to ensure that our results were not being biased by poorly
segmented cells, we excluded any cells with a modified cytoplasmic area that was less than half

of the original cytoplasmic area from analysis.

3.8.5 Spinal Cord Injuries in Adult Zebrafish

Zebrafish were anesthetized in 1x Tricaine and surgical scissors were used to make a
small incision that transects the spinal cord at the fifth precaudal vertebrae; complete transection
was visually confirmed at time of injury. Following injury, fish were challenged via tail pinch to
confirm loss of sensation after surgery. Pharmacological treatment was performed at 3 dpi to
allow the surface wound epithelium to close without chemical perturbation, and the

pharmacological agent was replaced every 24 h until euthanization and tissue collection at 7 dpi.
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3.8.6 Histology

Larvae were euthanized in 0.9% 2-Phenoxyethanol solution and fixed in freshly prepared
4% paraformaldehyde for whole-mount histology. Whole-mount embryos were mounted on
slides in glycerol and imaged using a Zeiss LSM 700 confocal microscope. Primary antibodies
used in this study were mouse anti-acetylated alpha tubulin (Sigma-Aldrich T6793. 1:1000) and
rabbit anti phospho-histone H3 (Cell Signaling Technologies 97018, 1:200). Secondary
antibodies used were Alexa Fluor 546 goat anti-mouse and Alexa Fluor 633 goat anti-rabbit
antibodies (Thermo Fisher A-11003 and A-21071).

20 pum cryosections of paraformaldehyde-fixed spinal cord tissue were used for adult
histology. Tissue sections were imaged using a Zeiss LSM 700 confocal microscope. Primary
antibodies used in this study were Rabbit anti-Sox2 (Millipore AB5603, 1:200) and mouse anti-
PCNA (Sigma-Aldrich P8825, 1:200). Secondary antibodies used were Alexa Fluor 488 goat
anti-mouse and Alexa Fluor 567 goat anti-rabbit antibodies (Thermo Fisher A-11001 and A-

11011).

3.8.7 Statistical analysis

Nonparametric statistical tests were chosen in cases where the data were not expected to
conform to a normal distribution. Bridge thickness in Fig. 1 resembles a bimodal distribution, as
animals which fail to form a bridge form a cluster of data at zero. For this reason, a Kruskal-
Wallis ANOVA with Dunn’s multiple comparisons test was performed to compare this data for
the shelf screen in Fig 1a, and a two-tailed Mann-Whitney test was used for pairwise comparisons
in Fig 1d and Fig 1g. Figures 2d and h represent measures of individual cells within a single
animal. Because these data are a population of discrete cells and not replicates of a given

condition, we chose to compare these data with a two-tailed Mann-Whitney test rather than a
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parametric test. All other data was compared with standard parametric analyses, with Welch’s
correction in cases with unequal variance between conditions. All error bars represent standard

deviation unless otherwise stated.
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4. Future Directions

One of the most significant advantages of the zebrafish as a model organism is the
relatively straightforward process of tool generation that they allow. Zebrafish are trivially easy to
breed, and the accessibility of embryos in the single-cell stage for genetic manipulation means
that each mating offers hundreds of opportunities for a fledgling researcher to create a tool that
can change the course of their research project, their field, or in the most extreme cases, the world
itself. Because of this, it can be tempting to approach research questions in zebrafish with the
expectations that a breadth of new tools will be used to answer them, rather than consider the
depth of insight that a single tool can offer and let that guide the research process. In this
dissertation, I have generated and worked to characterize five new tools by leveraging the
amenability of the zebrafish to genetic manipulation. Yet with each, I have barely scratched the
surface of potential insights each tool has to offer. In the most general sense, the primary future
direction for my work is simply to continue the work; there are many more hypotheses about
signaling dynamics and proliferation during spinal cord regeneration that can be tested through
basic application of the tools and techniques developed in this dissertation. Below, I will expand

on a few themes that I find particularly compelling.

4.1 Larvae vs Adults as a Model of Spinal Cord Regeneration

Zebrafish are able to regenerate from spinal cord injuries both as larvae and as adults, and
in both cases similar cellular events occur to facilitate recovery. Spinal cord regeneration in
zebrafish larvae is not fully a recapitulation of developmental events, as cells exhibit behaviors
such as glial bridging and aberrant axonal pathfinding which are not characteristic of typical
spinal cord development (Alper & Dorsky, 2022; Goldshmit et al., 2012; Hu et al., 2018). This

may be due in part to the fact that, from a functional perspective, the zebrafish spinal cord is a
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fully differentiated and mature organ as early as 72 hpf (Andrzejczuk et al., 2018; England et al.,
2020; Lien et al., 2016; Ohnmacht et al., 2016; Reimer et al., 2013; Seredick et al., 2012).
Because of this, one must weigh the advantages of the zebrafish larvae against the advantages of
the adult zebrafish as a model when designing experiments to learn about spinal cord

regeneration.

4.1.2 Regenerative Robustness in Adult Zebrafish

We observed a large degree of variation in regenerative capacity in adult zebrafish in
every condition tested, including control groups. In both assays of glial bridging and swim
capacity, fish within a given group exhibited phenotypes from full functional recovery to a
complete lack of swim ability that persisted through the entire experimental period. This indicates
that while zebrafish are broadly capable of robust functional recovery after spinal cord injury,
there is a high degree of variance in an individual fish’s response to spinal cord injury. This
variance makes it challenging to identify regenerative phenotypes in pilot experiments with
relatively small sample size, and can mask subtle phenotypes entirely even with robust
experimental design. In contrast, larval zebrafish are well suited to address these challenges.
Larval zebrafish establish tissue bridges much more quickly and consistently than adult zebrafish,
and it is far less resource-intensive to perform experiments on large numbers of animals. In this
dissertation, we used both adult and larval models of spinal cord regeneration to determine if
thr2a, foxola, and tox2 are required for glial bridging and functional recovery after spinal cord
injury. While we identified no regeneration phenotypes with any of these knockout lines, the
larval approach taken with fox2 provided this information far more quickly and convincingly. We
therefore recommend the larval model of spinal cord regeneration for future work attempting to

screen for novel factors involved in spinal cord regeneration in zebrafish.
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4.1.3 Comparing and Contrasting Regenerative Capacity

Many mechanisms have been identified which are common to the process of spinal cord
regeneration in both adult and larval zebrafish. Wnt signaling is activated by spinal cord injury in
larvae as well as adults, and inhibition of Wnt signaling in both contexts leads to decreased axon
growth and locomotor recovery (Briona et al., 2015; Cardozo et al., 2017; Strand et al., 2016;
Wehner et al., 2018; Wehner et al., 2017). FGF signaling is critical for the formation of glial
bridges in both contexts as well; we have repeated this observation by demonstrating a decrease
in glial bridge width after treatment of regenerating animals with an FGF inhibitor (Goldshmit et
al., 2012; Goldshmit et al., 2018; Xu et al., 2022). However, it cannot be assumed that the process
of regeneration in both of these contexts is identical. Across vertebrates, nearly every species
investigated has demonstrated changes in regenerative capacity as the animal ages, and zebrafish
are no different (Yun, 2015). A recent preprint demonstrated that even among larvae from 3-7
dpf, axonal regeneration dynamics differ depending on age upon SCI (Underwood et al., 2023).
The differences between the adult and larval contexts of spinal cord regeneration should be
considered and studied in further detail in future studies. Zebrafish are able to leverage different
cellular behaviors to achieve functional recovery from spinal cord injury across different life
stages; understanding how zebrafish are able to achieve this robustness may prove key to
understanding how we can leverage latent regenerative potential in other animals which

demonstrate varying regenerative capacity across life such as mammals.

4.2 Application of KTRs in the Spinal Cord

KTRs offer significant advantages to the study of signaling pathways over other methods
of visualizing kinase activity such as FRET, phase transition, or bioluminescence. Because KTRs

are measured as an intracellular ratio within each cell, they are robust to changes in promoter
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expression between individual cells. Additionally, because they rely on fluorophore excitation at
a single wavelength, they are easily multiplexed with other biosensors like gCAMPs, FUCCI, and
other KTRs to directly visualize the correlation between kinase activity and other biological
processes such as calcium signaling and cell cycling (Regot et al., 2014). In this dissertation, |
present application of a KTR line in glial cells in the larval zebrafish spinal cord. As ERGs are
the resident stem cell population of the spinal cord, I expect that this tool will have many

applications for understanding signaling pathways during both development and regeneration.

4.2.1 Further insights from JNK-KTR

JNK-KTR as a pair of transgenes can enable the study of a number of processes even
before multiplexing with other sensors is considered. H2A-mCherry is an incredibly stable
fluorophore, which can sustain fluorescence in cells for days after they have ceased expressing
the promoter. Because of this stability, it is possible to perform limited lineage tracing
experiments in live animals by imaging GFAP:H2A-mCherry in tandem with reporter lines that
are expressed in ERG progeny such as islet/:GFP and vsx/:EGFP (Batista et al., 2008; Kuscha,
Frazer, et al., 2012; Vandestadt et al., 2021). The remarkable stability of H2A-mCherry also
means that it is resistant to photobleaching, enabling long-term imaging of cell motility dynamics
with high temporal resolution. ERGs, like their earlier precursors in the neural tube, undergo a
process known as interkinetic nuclear migration (IKNM) where the nucleus moves within the cell
from the basal to the apical surface of the tissue (Than-Trong & Bally-Cuif, 2015). This process
is strongly linked to mitosis, as the apicobasal position of the nuclei within the tissue is
coordinated with the cell cycle and neuroepithelial cells in particular are well known to enter M
phase at the apical surface, where the centrosome is located (Spear & Erickson, 2012). In addition
to this mechanical role, IKNM has been shown in some contexts to regulate the signaling

environment experienced by the nucleus by operating through gradients of extracellular ligands
65



(Del Bene et al., 2008). INK-KTR offers an ideal tool to investigate the link between IKNM and
signaling gradients within the spinal cord, as the H2A-mCherry component allows for high
resolution nuclear tracking during IKNM and the sensor component gives a readout of

intracellular signaling activity with high spatial resolution.

4.2.2 The Potential of Multiplexing

Multiplexing JNK-KTR with other sensors allows for correlation of JNK signaling with
cellular processes such as cycling and calcium activity. In this dissertation, we demonstrate a link
between JNK activity and glial cycling by demonstrating that JNK inhibition dramatically
reduces the number of pcna™*'+ glia after spinal cord injury. By multiplexing INK-KTR with a
non-GFP based cycling reporter such as the FUCCI system, it would be possible to directly
demonstrate the temporal link between JNK activity and cell cycle state within individual cells
over time. Kinase cascades are not executed in a vacuum; every step of the JNK signaling
pathway offers opportunities for cross-regulation and feedback from other signaling modalities.
JNK-KTR offers a direct way to visualize the changes in JNK activity after manipulation of other
signaling pathways. Additionally, JNK-KTR can be combined with sensors such as gCAMP to
simultaneously visualize multiple signaling modalities at once. Calcium transients in ERGs have
been linked to neurogenesis in the larval spinal cord, making calcium signaling a pathway of
particular interest to investigate alongside JNK activity in spinal cord regeneration (Brustein et

al., 2013).

4.3 Molecular Context of JNK Signaling in Spinal Cord ERGs

In this dissertation, we demonstrate that JNK signaling is required for glial proliferation
and the eventual formation of a glial bridge after spinal cord injury in larvae. We also

demonstrate that JNK is dynamically patterned within the spinal cord both during development
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and after spinal cord injury. However, the identity of the upstream factors which activate JINK

signaling in ERGs and the transcriptional consequences of JNK activation remain unclear.

4.3.1 Known Activators of JNK Signaling in the Developing Spinal Cord

In the developing spinal cord, phosphorylated JNK is highly enriched in growing axons
and provides direct support of the growing cytoskeletal network that allows the axon to elongate
(Chang et al., 2003; Oliva et al., 2006). In commissural axons, JNK activity is stimulated by
Netrin/DCC signaling, a regulator of axonal pathfinding, and Wnt-Frizzled signaling, a well-
known morphogen in the spinal cord (Ducuing et al., 2019; Qu et al., 2013). Netrin is present in
the ventral floorplate of the developing spinal cord, and Wnts are secreted dorsally, which
correspond to the two highest domains of JNK activity at 72 and 96 hpf in the developing spinal
cord. It is also known that Wnt signaling is active in ERGs after spinal cord injury in cells near
the lesion site (Briona et al., 2015). Future studies into the upstream regulators of glial JNK in the

spinal cord should focus on Wnt signaling as the likely signal which induces JNK activity.

4.3.2 Known Targets of JNK Signaling

Downstream JNK targets include nuclear substrates such as cJun, ATF-2, and p53, as
well as cytoplasmic substrates like cytoskeletal and mitochondria targets (Chang et al., 2003;
Coffey, 2014; Kreutz et al., 1999; Sun et al., 2005; Tournier et al., 2000). Typically, JNK
signaling in the nucleus is associated with stress-induced activation of cell death programs
through cFos and ATF-2 (Coffey, 2014). However, JNK has also been shown to be able to
directly regulate the phosphorylation and acetylation of histones during both stress response and
neuronal differentiation to modulate gene expression (Tiwari et al., 2012; Yang et al., 2013). As

this role of JNK as a direct regulator of gene expression comes from studies of neural
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differentiation in vitro, it would be fascinating to see if INK possesses a similar ability to regulate

chromatin architecture during spinal cord regeneration in vivo.

4.3.3 Known Roles of JNK Signaling in the Injured CNS

JNK signaling has been widely studied as a regulator of stress-induced neural apoptosis
in many pathologic states in the CNS (Geden & Deshmukh, 2016; Repici et al., 2007; Sclip et al.,
2014; Spigolon et al., 2010). After spinal cord injury in mouse, inhibition of JNK signaling
resulted in increased functional recovery mediated by neuroprotection and sparing of white matter
at the lesion site (Repici et al., 2012). Conversely, JNK signaling has also been linked to neuronal
survival after axotomy in the medial forebrain and dorsal root ganglia (Herdegen et al., 1998;
Kenney & Kocsis, 1998; Lindwall et al., 2004). Additionally, regeneration-competent neurons
transplanted into hemisected mouse spinal cords require JNK-mediated cJun activity to regrow
their axons, reinforcing that JNK signaling can achieve opposing results even within the same
tissue (Broude et al., 1999).

In contrast to the data for JINK as a regulator of neuronal injury response, the studies of
JNK activity in CNS glia have been very limited. In Drosophila, neuronal injury induces a JNK-
dependent phagocytic response from supporting glia which engulf and clear axonal debris
(Macdonald et al., 2013; M. D. Purice et al., 2017). One study in mice demonstrated that neural
stem cells treated with Wnt5a promoted differentiation into neurons in a JNK-dependent manner,
and that transplantation of these cells improved functional recovery after SCI (Li et al., 2020). We
observe that JNK is required for the proliferation of ERGs after spinal cord injury in larval
zebrafish. While it is likely that this block in proliferation also results in decreased neurogenesis,
consistent with the results of Li et al 2020, we observe a much more compelling block in the
production of bridging glia after JNK inhibition. This could indicate that Wnt5a-mediated JNK

signaling is fundamentally important in the production of all cell types from ERGs and NSCs, and
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Wnt should be considered as a promising potential upstream regulator of JNK signaling in the

larval zebrafish spinal cord.
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5. Conclusion

In this work, we set out to identify novel transcription factors involved in spinal cord
regeneration and develop a toolkit to visualize intracellular signaling activity in the spinal cord
during development and after injury. Genetic knockout of foxola, tox2, and tbr2a has no effect on
motor recovery or glial bridging after spinal cord injury in adult zebrafish, suggesting that these
transcription factors are either dispensable or compensated for during spinal cord regeneration.
Using a KTR-based approach, JNK signaling can be visualized in the larval spinal cord. JNK
signaling increases after spinal cord injury specifically near the lesion site. Inhibition of JNK
signaling results in defective glial bridge formation but does not affect the formation of neural
bridges. JNK inhibition also significantly impedes glial proliferation, suggesting the defect

observed in bridging is a result of a lack of production of bridging glia after injury.
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Appendix A: Primers and gRNAs

NAME AMPLICON SIZE (bp) | PRIMER

Knockout Genotyping

Foxola KO fw 1409 ACTCCCAAACTCCGTGAAAGT
Foxola KO rev CTTCCGTCCCTGGAGCTACTA
Tox2 KO fw 400 GACTCAAACCAGCGACTTTCTT
Tox2 KO rev GCACACTAGAGCTTAAACAGGGA
gRNASs

Foxola promoter TGAGTTCCAGTAAGCGCACTTGG
Foxola intron 1 GAGCAGAAATTATGCCACACGGG
Tox2 exon 4.1 TTCTCCAGCAGAGTTACTCAGGG
Tox2 exon 4.2 GATCAACCCATACTCGTACCCGG

71



Appendix B: Pharmacological Agents Used

Pharmacological |Concentration(s) |[Vehicle |Biological Effect Source

Agent Used

SP600125 15 uM (embryo) |[DMSO JNK Antagonist Selleckchem S1460
PD173037 15 uM EtOH Fgfr Antagonist Selleckchem S1264
Alfacalcidol 15 uM EtOH Vitamin D Agonist |Selleckchem S1468
RO4929097 15 uM DMSO Notch Antagonist Selleckchem S1575
Retinoic Acid 15 uM DMSO RA Agonist Selleckchem S1379
PD0325901 15 uM EtOH MEK Antagonist Selleckchem S1036
Cyclopamine 15 uM EtOH Hh Antagonist Selleckchem S1146
SB505124 15 uM DMSO TgfP Antagonist Selleckchem S2186
AICAR 15 uM DMSO AMPK Agonist Selleckchem S1802
PD153035 S uM DMSO Egfr Antagonist Selleckchem S1802
SCH772984 15 uM DMSO ERK Antagonist Selleckchem S7101
Anisomycin 50 uM DMSO JNK Agonist Selleckchem S7409
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