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Abstract

All DNA-templated events, including replication and gene transcription, occur in

the context of the local chromatin environment. The passage of the replication

machinery results in disassembly of chromatin, which must be re-assembled behind

the replication fork to re-establish the epigenetic state of the cell. Many of the

factors and mechanisms regulating DNA replication and chromatin assembly have

been identified from elegant in vitro biochemical experiments, work in model systems

like Saccharomyces cerevisiae, or novel proteomic approaches. In spite of current

advances in the field, it is still not clear how the chromatin landscape is organized

and re-assembled during this process.

Current methods, while informative, lack the genome-wide base-pair resolution

required to assess the dynamics of chromatin assembly and maturation in a spatial-

temporal manner. To overcome the limitations of these studies, I have taken ad-

vantage of an epigenome mapping technique based on micrococcal nuclease (MNase)

digestion followed by paired-end sequencing. This approach facilitates the analysis

of chromatin structure by capturing not only nucleosomes, but also smaller DNA

binding protein footprints in a factor-agnostic manner. I have developed a tech-

nique based on this approach that generates Nascent Chromatin Occupancy Profiles

(NCOPs) to study the dynamics of chromatin assembly following passage of the DNA

replication fork at a genome-wide level and at single base-pair resolution in S. cere-

visiae. It employs a nucleoside analog to specifically enrich for nascent chromatin,
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which can be captured following a chase over different periods of time. Thus, NCOPs

resolve the structure of nascent and mature chromatin, facilitating the analysis of

chromatin maturation across the entire genome.

Using NCOPs, I provide a comprehensive description of the maturation process

across different genomic regions and the dynamics of small DNA binding factor as-

sociation with nascent and mature chromatin states. Our results support previous

work characterizing the structure of nascent chromatin as being more disorganized

and having poorly positioned nucleosomes. Importantly, using positioning and oc-

cupancy scores, I provide new details on the structure of nascent and mature chro-

matin at intergenic regions, including replication origins, and at highly transcribed

and poorly transcribed genes. I uncovered that local epigenetic footprints have the

potential to shape the dynamics of chromatin assembly, generating a chromatin mat-

uration landscape that is dependent on the parental chromatin. Finally, I resolved

patterns of transcription factor occupancy with nascent and mature chromatin, and

observed transient factor association in the nascent state.

In all, this work provides insight into the dynamics of chromatin assembly, and

allows for genome-wide and base-pair resolution investigation of chromatin matura-

tion. The genomic and bioinformatic approaches developed here open the door for

further investigation of the dynamics of epigenetic inheritance and the role of known

and unknown players in re-establishing the eukaryotic epigenome following passage

of the DNA replication fork.
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Introduction

DNA replication is the basis for genetic inheritance in all living organisms. During

DNA replication, the entirety of the genetic material is duplicated with high �delity

once every cell cycle. In 1958, soon after the discovery of the DNA double helix,

Arthur Kornberg puri�ed the enzyme required to synthesize it (Lehman et al., 1958;

Bessman et al., 1958). In his own words `I never thought that I would discover a

phenomenon utterly unprecedented in biochemistry: an absolute dependence of an

enzyme for instruction by its substrate serving as a template' (Kornberg et al., 1989).

This phenomenon and the `polymerase' enzyme Kornberg discovered are so essential

to life that both are conserved across all the di�erent domains of life.

The DNA of eukaryotic cells is contained within the cell nucleus in association

with proteins, forming a complex structure called chromatin. The higher order struc-

ture of chromatin is the chromosome, which helps compartmentalize the genetic ma-

terial. Together, the complex of DNA and proteins form the epigenome, referring to

the idea that all DNA-bound proteins control access to the sequence of DNA and

in doing so regulate all DNA-dependent processes. As DNA is replicated, the local

chromatin structure and epigenetic state of the parent chromosome is disrupted by
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the passage of the replication machinery and must be subsequently re-assembled on

each of the new daughter strands. Thus, DNA replication plays an integral role in

propagating the parental epigenetic state to newly copied sequences (MacAlpine and

Almouzni, 2013). This dynamic chromatin environment allows for locus-speci�c epi-

genetic states associated with distinct cell types and developmental stages (M�echali,

2010).

My thesis work focuses on two of these principles, that the chromatin architec-

ture regulates all DNA-templated processes and DNA replication is necessary to

propagate the chromatin state of the mother cell to newly synthesized DNA.

1.1 DNA replication

Replication is a conserved and essential process required for the maintenance and

integrity of the genome, and it is precisely regulated to ensure that the genetic

material is copied only once per cell cycle (Bell and Dutta, 2002). Start sites of

DNA replication, termed origins, are selected by the binding of the origin recognition

complex (ORC) to DNA. ORC is a heterohexameric protein complex that promotes

DNA replication by serving as a sca�old for the association of other replication

factors (Bell and Dutta, 2002). In G1-phase of the cell cycle, ORC recruits additional

factors to the origin resulting in the loading of the Mcm2-7 replicative helicase and

the formation of the pre-replication complex (pre-RC) (Alabert and Groth, 2012).

Assembly of the pre-RC `licenses' the origin for activation in the subsequent S-phase

(M�echali, 2010).

ORC binding and recognition of replication origins is a complex process. In

Saccharomyces cerevisiae, ORC binds to an 11 base pair consensus sequence neces-

sary, but not su�cient, for replication origin activity (Bell, 2002). Of the thousands

of potential motif sites in the yeast genome, only a few hundred are occupied by

ORC, indicating that other epigenetic features are likely needed to de�ne origin lo-
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cations (Xu et al., 2006). Despite the high homology of the ORC proteins across

all eukaryotes, ORC exhibits little sequence speci�city in higher eukaryotes includ-

ing Drosophila melanogaster(Remus et al., 2004) and humans (Vashee et al., 2003),

and a conserved sequence motif has not emerged. This suggests that the chromatin

environment is the primary determinant for ORC localization and origin selection in

higher eukaryotes. In fact, nucleosome positioning, chromatin remodeling, and the

presence of histone variants known to be found at replication origins are important

for ORC binding (Deal et al., 2010; Eaton et al., 2010, 2011; MacAlpine et al., 2010).

1.2 Chromatin overview

In the late 1800s, German biologist and anatomist Walther Flemming �rst coined the

term chromatin when he observed an intricate sca�old within the nucleus that could

be easily stained using techniques he had developed (Flemming, 1879). The smallest

subunit of chromatin, the nucleosome, was �rst described in 1975 as the complex of

� 200 bps of DNA (146 base-pairs plus linker DNA) and 8 histone proteins (Oudet

et al., 1975). The idea that nucleosome formation could modulate the accessibility

to the DNA sequence and regulate processes that use DNA as a template has been

transformative in itself, and has o�ered a new perspective to many areas of study,

including the DNA replication �eld. Thus, to understand the importance of the

nucleosome unit, we need to evaluate its individual components.

1.2.1 Histones

Histones were �rst discovered in the late nineteenth century as nuclear proteins

(Kossel, 1884). However, it was not until almost a century later that their role

in forming chromatin and their properties in modulating DNA templated processes

were characterized. There are four main canonical histone variants, H2A, H2B, H3

and H4. These are highly conserved across all eukaryotic species (Mari~no-Ram��rez
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Table 1.1: Major histone variants. Nomenclature varies across species. (Kamakaka
and Biggins, 2005; Sarma and Reinberg, 2005)

Histone Function Organism

H3 Canonical Core Eukaryotes

H3.3 Transcription activation Metazoans

CenH3 Kinetochore assembly Eukaryotes

H4 Canonical Core Eukaryotes

H2A Canonical Core Eukaryotes

H2A.X DNA repair and recombination Metazoans

H2A.Z Transcription activation and repression Eukaryotes

H2B Canonical Core Eukaryotes

et al., 2005), and together form the octamer at the core of nucleosomes by assembling

a tetramer of (H3 - H4)2 and two dimers of H2A-H2B. Other variants exists that

can take the place of the canonical histone proteins and confer a distinct biological

function to the genomic location where they are located. Unlike the canonical his-

tones, their variants are deposited in a replication independent manner. In this way,

the replacement of canonical histones with speci�c variants makes the chromatin

architecture highly dynamic.

While many histone variants exist in higher eukaryotes, H2A.Z and CenH3 are

the only variants in S. cerevisiae, replacing H2A and H3 respectively (Eriksson et al.,

2012). CenH3 is found at the chromosome centromeres, locations responsible for kine-

tochore attachment and subsequent chromosome segregation during mitosis. H2A.Z

is a versatile variant that has been associated with a variety of roles, including tran-

scription activation and repression, RNA Pol II elongation, heterochromatin mainte-

nance, DNA replication, DNA repair, chromosome segregation, and genome stability

(Heniko� and Smith, 2015). In yeast, the presence of H2A.Z is correlated with
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poorly transcribed genes (Guillemette et al., 2005; Mavrich et al., 2008); however,

it is not known whether its function in positioning nucleosomes at the promoters

of these genes facilitates their transcription. Nonetheless, the current evidence sug-

gests a role for H2A.Z in chromatin remodeling by which, whether its deposition

or by recruitment of other chromatin remodelers, aids in organizing the chromatin

environment at yeast promoters (Guillemette et al., 2005; Mavrich et al., 2008).

1.2.2 Histone post-translational modi�cations

One of the key structural features of the core histone proteins is their N-terminal

tails, which extend out from the nucleosome. Their N-terminal tails are rich in lysine

residues that can be modi�ed by covalent post-translational addition of, primarily,

acetyl and methyl groups (Figure 1.1). Other less frequent lysine modi�cations

include SUMOylation, ubiquitination, and ribosylation (MacAlpine and Almouzni,

2013). Earlier studies found that removal of these histone tails causes a decrease in

chromatin condensation, indicating that they are critical for modulating chromatin

dynamics (Allan et al., 1982). The high lysine content increases the positive charge

of the tails; thus, making lysine residues a critical source of regulation. For instance,

adding a negatively charged acetyl group leads to reduced a�nity with DNA, prompt-

ing a more open chromatin state (Bowman and Poirier, 2015). Tails in H3 and H4

are preferentially used as sites of epigenetic regulation. H2A and H2B are also post-

translationally modi�ed, but their modi�cations do not seem to play a widespread

role in chromatin architecture and their function is much less understood (Wyrick

and Parra, 2009). Consequently, many post-translational modi�cations (PTMs) exist

with unidenti�ed roles.

The histone PTMs not only change the chromatin architecture, but in doing so

they also modulate DNA-templated processes. Initialin vitro observations on the dy-

namics of histones with DNA showed that highly acetylated histones that remained
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bound to DNA did not interfere with RNA polymerase activity (Allfrey et al., 1964),

sparking interest in understanding how acetylation and methylation a�ect gene ex-

pression (Allfrey et al., 1964; Pogo et al., 1966). Years of work led to thehistone

codehypothesis, proposing that classes of histone PTMs, and combinations thereof,

provide a readout for an epigenetic signature across di�erent genomic locations (e.g.

open vs condensed chromatin) and biological phenomena (e.g. active vs. repressed

gene states) (Turner, 2000; Jenuwein and Allis, 2001).

Figure 1.1 : Main histone post-translational modi�cations in humans and yeast.
Most lysine residues can be either methylated or acetylated. Represented here are
the most common modi�ed forms of these residues at each position. K= lysine,
me=methylation; ac= acetylation; ub=ubiquitination. Adapted from (Bannister
and Kouzarides, 2011; Millar and Grunstein, 2006)
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PTMs largely in
uence the epigenetic landscape and have the potential to con-

trol cellular processes like DNA replication. Studies inS. cerevisiaefound that origin

sequences located in the highly condensed telomeres were able to start replication

e�ciently when translocated to another genomic location, and the opposite was true

when an e�cient origin was placed in a telomeric region (Ferguson and Fangman,

1992), demonstrating that the location of replication origins along the genome reg-

ulates their activity. In line with this, recruitment of a histone acetylase to a late

origin led to its earlier activation, and deletion of a deacetylase caused global early

origin �ring in S. cerevisiae(Vogelauer et al., 2002), indicating that histone acety-

lation in
uences the �ring of replication origins. Similarly, early activating origins

of replication are found in euchromatic locations enriched in highly acetylated nu-

cleosomes in the fruit 
y D. melanogaster(Eaton et al., 2011). In another example

of histone PTM regulation of the replication program, monomethyltransferases of

H3K27 were shown to be necessary to prevent re-replication of heterochromatic re-

gions rich in transposon sequences inArabidopsis thaliana, (Jacob et al., 2010). Thus,

histone PTMs are important not only to regulate the time of activation, but they

also prevent uncontrolled replication.

1.3 DNA replication dependent chromatin assembly

The development of sequencing technologies has provided a detailed look into the

organization of nucleosomes and the characterization of chromatin features across

the genomes of organisms from yeast to humans. Despite our understanding of the

chromatin organization genome-wide, however, we do not know how the architecture

is re-established following DNA replication, transcription, and repair. Nucleosome

assembly during these DNA-templated processes becomes even more important in

the context of epigenetic inheritance, since the blueprints of epigenetic information

are stored in the histones and their PTMs.
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1.3.1 Nucleosome disassembly ahead of the fork and parental histone recycling

The nature of the DNA replication program dictates that all proteins, including

histones and other DNA binding proteins, need to be partially displaced ahead of

the fork to facilitate passage of the replication machinery. However, the process by

which nucleosomes are disassembled is not well understood. DNA unwinding could

serve as the �rst step of this process as it has been shown that unwinding leads to

nucleosome eviction (Shundrovsky et al., 2006). Thus, it is plausible that helicase

activity ahead of the fork primes nucleosomes for disassembly. Furthermore, it is

likely that this process of nucleosome disassembly is aided by chromatin remodelers

and histone chaperones. Although there is not direct evidence of their activity, the

remodeling factors Ino80 and Isw2 may have a role in fork progression as they have

been found at sites of active replication (Vincent et al., 2008; Lee et al., 2014). In

this context, fork progression could be tied to the remodeling of nucleosomes ahead

of the fork to facilitate passage of the replication machinery through disassembly of

parental nucleosomes.

Unlike chromatin remodelers, the role of histone chaperones has been linked di-

rectly to the recycling of histones. The histone chaperone activity of MCM2, a

subunit of the replicative helicase, is central to histone recycling and it is responsible

for symmetrical segregation of parental histones into the leading and lagging strands

(Gan et al., 2018; Petryk et al., 2018). This process occurs through formation of a

complex between MCM2, an H3-H4 dimer, and the H3-H4 chaperone ASF1 (anti-

silencing function 1), which subsequently transfers the dimers to CAF-1 (chromatin

assembly factor 1) complex and Rtt106 (regulator of Ty transposition) for deposition

behind the fork (Clemente-Ruiz et al., 2011; Huang et al., 2015; Sauer et al., 2017).

CAF-1 is associated with PCNA (proliferating cell nuclear antigen), the DNA sliding

clamp, facilitating proper histone deposition behind the fork. While much is known
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about the dynamics of H3-H4 dimer and tetramer recycling, our understanding of

how H2A and H2B are recycled is less clear. In contrast to the complete recycling

of parental H3-H4 behind the fork, the pool of parental H2A-H2B do not seem to

be recycled it is entirety (Alabert and Groth, 2012). However, FACT (facilitates

chromatin transcription) is a versatile histone chaperone capable of associating with

H3-H4 dimers and preferentially with H2A and H2B, and it has been shown to be

both necessary and su�cient to assemble nucleosomesin vitro (Kurat et al., 2017).

FACT has also been found in complex with MCM2 and the histone proteins (Foltman

et al., 2013; Yang et al., 2016), indicating that this association may facilitate FACT

recycling of H2A and H2B at the fork. This deposition of parental histones behind

the replication fork is important for re-establishment of the epigenetic landscape

and serves as the basis of epigenetic memory. Indeed, recent work has shown that

the proper recycling of parental histones reproduces the histone post-translational

modi�cation landscape of parental chromatin (Rever�on-G�omez et al., 2018).

1.3.2 Nucleosome assembly behind the DNA replication fork

The process of nucleosome assembly following replication requires the synthesis and

deposition of new histones. Newly synthesized H3-H4 dimers are carried by ASF1

from the cytosol to CAF-1. Newly synthesized H3-H4 histones are di�erentiated

by their actylation marks, particularly at H3K56 in S. cerevisiae(Yu et al., 2018)

and H4K5 in mammalian cell lines (Petryk et al., 2018). Recent work revealed that

(H3 - H4)2 tetramers are formed by association of two CAF-1-H3-H4 complexes in

a reaction that requires DNA (Sauer et al., 2017), indicating that tetramers are

formed on the DNA template and not prior to deposition. An important observation

is that new H3-H4 does not form tetramers with old H3-H4. Early studies aiming at

understanding the stability of the histone proteins used 
uorescence and radiolabeled

amino acids to mark and trace newly synthesized histones. The results revealed that
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Figure 1.2 : Chromatin assembly following DNA replication. Nucleosomes ahead
of the fork are destabilized with the help of ATP-dependent chromatin remodelers
and DNA unwinding by the MCM2-7 helicase. Interactions between the helicase
and the histone chaperones ASF1 and FACT contribute to nucleosome disassembly
and parental histone recycling. ASF1 shuttles both parental histones (through its
association with MCM2) and new H3-H4 dimers for deposition to CAF-1. CAF-1
association with PCNA facilitates proper histone delivery to both leading and lagging
strands. H2A-H2B parental dimers are recycled with the help of FACT, and newly
synthesized H2A-H2B are shuttled by NAP1.

new H3-H4 were found almost exclusively with new H3-H4 tetramers, with little

evidence of tetramer formation of new and old H3-H4 (Prior et al., 1980; Jackson,

1990). This indicates that (H3 - H4)2 tetramers are conserved during chromatin

assembly in a manner that persists through subsequent cell cycles. This work in

conjunction with current studies allows for a model in which the process of new H3-

H4 deposition is tightly regulated and independent from the recycling of parental

H3-H4, despite the fact that the ASF1 and CAF-1 intermediaries facilitate both
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mechanisms. Formation of the (H3 - H4)2 tetramer on DNA primes the deposition

of two H2A-H2B dimers by NAP1 to complete the octamer (Ito et al., 1996; Park

and Luger, 2006).

1.3.3 From newly replicated nascent chromatin to a mature state

Electron microscopy showed that the distance between the most recently deposited

nucleosome and the branch point of the replication fork is on average 225 bp on the

leading strand and 285 bp on the lagging strand (Sogo et al., 1986), indicating that

nucleosome formation is rapid and happens as soon as enough double stranded DNA

is available (Cusick et al., 1989). While nucleosome deposition occurs very rapidly,

it takes between 15 and 20 minutes for nucleosomes to reach the organization and

structure of pre-replicative chromatin (Annunziato and Seale, 1982). Chromatin can

therefore be classi�ed into into two states; 1) nascent and 2) mature chromatin.

Nascent chromatin is the state of the most recently replicated chromatin and it is

characterized by hypersensitivity to nucleases (Cusick et al., 1989), enzymes that

cleave the DNA into smaller fragments. This hypersensitivity is in
uenced by the

highly acetylated nature of nascent chromatin caused by the deposition of new his-

tones (Annunziato and Seale, 1983).

A multitude of enzymes are necessary for nascent chromatin to reach the state of

the parental chromatin state, in a process referred to as chromatin maturation. One

group of enzymes involved in this process are the histone deacetylases (HDACs),

which are enriched at replication forks (Sirbu et al., 2011; Alabert et al., 2014)

and remove the acetylation marks of newly synthesized histones. The importance

of this process in underscored by the fact that inhibition of deacetylation induces

DNA damage in a replication dependent manner (Conti et al., 2010). Furthermore,

failure to remove the acetylation marks on histones through inhibition of deacetylases

has been shown to cause defects in heterochromatin formation, leading to faulty
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chromosome segregation during mitosis (Taddei et al., 2001).

Another group of proteins involved in chromatin maturation are ATP-dependent

chromatin remodelers. In human cell lines, the remodelers SMARCAD1 and BAZ1B

(Williams syndrome transcription factor) are found at active replication forks (Sirbu

et al., 2013; Alabert et al., 2014), perhaps to aid in the positioning of nascent nucle-

osomes. Moreover, the remodeler SNF2H interacts with PCNA at active elongating

forks (Poot et al., 2004), and both SNF2H and SNF2L were identi�ed through iso-

lation of proteins on nascent DNA (iPOND) as factors associated behind the fork

on nascent chromatin of human cells (Sirbu et al., 2013). These observations indi-

cate that remodeling on nascent chromatin is necessary to re-establish the parental

chromatin architecture. Reconstitution of chromatin assembly in anin vitro system

showed that INO80 and ISW1A increased the incorporation and organization of nu-

cleosomes in the presence of FACT, and together stimulated the rate of replication

(Kurat et al., 2017). Not only were chromatin remodelers important to assemble

chromatin in this system, their role was enhanced in the presence of acetyltrans-

ferases (Kurat et al., 2017), indicating that histone acetylation promotes chromatin

remodeling. Altogether, these results highlight that the native state of chromatin

following passage of the replication fork stimulates chromatin remodeling and mat-

uration toward a parental chromatin state.

1.3.4 Chromatin assembly on the leading and lagging strands

The di�erences in the distance between the �rst assembled nucleosome and the

branch point of the replication fork at the leading and lagging strands (Sogo et al.,

1986; Cusick et al., 1989) suggests that there are distinct chromatin assembly dy-

namics at the fork. In spite of these di�erences, the maturation process needs to be

completed equally on both strands of DNA in order to re-establish the epigenetic

state of parental chromatin. Recent work has started to uncover the mechanisms of
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chromatin assembly at the lagging strand by deep sequencing of Okazaki fragments

in S. cerevisiae. First, it was found that Okazaki fragment termini coincided with

nucleosome dyads, indicating that the length of Okazaki fragments is determined

by deposition of nucleosomes behind the fork (Smith and Whitehouse, 2012). To

further support this hypothesis, deletion of each of the subunits of CAF-1 led to

longer Okazaki fragments (Smith and Whitehouse, 2012). Thus, in the absence of a

nucleosome, the polymerase is able to extend the fragments past their average known

length.

Analyses of the dynamics of parental histone deposition have started to elucidate

how they are recycled in the leading and lagging strands. Current studies have re-

ported a small strand bias of parental histone recycling that is exacerbated when the

dynamics of chromatin assembly and DNA replication are perturbed. Histone seg-

regation is almost identical in the two daughter strands. In yeast cells, however, the

bias of parental histone deposition is slightly skewed toward the lagging strand (Yu

et al., 2018). Interestingly, depletion of two subunits of the leading strand polymerase

Pol� , Dpb3 and Dpb4, decreased parental histone deposition on the leading strand

(Yu et al., 2018). Given the small preference of parental histone deposition toward

the lagging strand, Dpb3 and Dpb4 might be important to ensure proper histone

segregation behind the DNA replication fork by shuttling old histones for deposition

into the leading strand. In parallel, mutations in the histone binding domain of yeast

Mcm2 prevented parental (H3-H4)2 deposition onto the lagging strand (Gan et al.,

2018). This process appears to involve the histone transfer from Mcm2 to Ctf4 and

Pol� to ensure symmetrical parental histone inheritance on newly synthesized DNA.

Similarly, mouse embryonic stem cells (mESC) exhibit a biased parental histone de-

position toward the leading strand while newly synthesized histones demonstrate a

slight bias toward the lagging strand (Petryk et al., 2018). This bias was increased

when the histone binding activity of MCM2 was mutated (Petryk et al., 2018), fur-
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ther a�rming that MCM2 is important for histone recycling to the lagging strand.

These results emphasize that MCM2 is not only important for histone recycling but is

relevant to ensure symmetrical histone segregation behind the DNA replication fork.

Together, these observations suggest that active mechanisms involving multiple pro-

tein complexes mediated primarily by MCM2 are necessary in both the leading and

the lagging strands to ensure proper histone inheritance behind the replication fork.

1.4 Chromatin assembly during transcription and DNA repair

The chromatin architecture is not only altered during DNA replication, but it is also

disrupted during transcription. Following passage of Pol II, nucleosome assembly

occurs simultaneously with elongation to prevent cryptic transcription from starting

within the coding sequence (Joshi and Struhl, 2005; Fleming et al., 2008). Thus,

this process occurs in a manner that prevents histone exchange and preserves the

chromatin footprint. Co-transcriptional methylation of H3K36 serves as a safeguard

mechanism against this possible histone exchange by stabilizing pre-existing nucleo-

somes (Gossett and Lieb, 2012). Furthermore, H3K36me3 is critical for recruitment

of chromatin remodelers that help retain this nucleosomes and promote their posi-

tioning in S. cerevisiae(Smolle et al., 2012). Interestingly, Chd1 is also important to

re-establish the chromatin architecture at this actively transcribed genes, but its re-

cruitment is not dependent on methylated H3K36 (Hennig et al., 2012). Loss of Chd1

causes decreased monoubiquitylation at H2BK123, another mark that is necessary

to aid in nucleosome re-assembly during transcription elongation (Lee et al., 2012).

FACT recognizes ubiquitylated H2A-H2B dimers and facilitates histone dissociation

during transcription (Venkatesh and Workman, 2015). It is plausible that FACT-

mediated nucleosome re-assembly is regulated by Chd1 (Venkatesh and Workman,

2015). Thus, it is likely that the same histone chaperones responsible for removing

histones ahead of the transcription machinery are responsible for their re-deposition.
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Table 1.2: Histone Chaperones of the chromatin assembly pathway in yeast(Bannis-
ter and Kouzarides, 2011; Millar and Grunstein, 2006)

Chaperone Histone Function

Asf1 H3-H4 Transport from cytosol
Histone transfer to CAF-1

Regulation of Rtt109 acetylation of new H3 at K56

CAF-1 H3-H4 Dimer deposition and tetramer formation

Rtt106 H3-H4 Dimer deposition and tetramer formation

Hir H3-H4 Replication-independent chromatin assembly

Nap1 H2A-H2B Transport from cytosol and deposition

FACT H2A-H2B Removal and deposition

Unlike transcription, new histone deposition during DNA repair is necessary to

replenish nucleosomes at the repair site. In this regards, there are many parallels

in the reconstitution of chromatin in DNA repair with DNA replication-dependent

chromatin assembly. CAF-1 and Asf1 work together to assemble nucleosomes during

nucleotide excision repair in human cell lines (Mello et al., 2002). Similarly, the

histone chaperones FACT and HIRA (histone regulator A) are recruited at sites of

UV damage (Dinant et al., 2013; Adam et al., 2013), while CAF-1 and Hir (yeast

homologue of human HIRA) are found at double strand breaks (DSBs) in yeast

(Brachet et al., 2015). HIRA is reponsible for replacing the variant H3.3 at gene

promoters in human cells, and it is likely that its role in DNA repair is to restore

the epigenetic footprint and facilitate transcription following DNA repair (Polo and

Almouzni, 2015; Dabin et al., 2016). However, the only other H3 histone variant in

yeast is the centrometic variant CenH3. It has been shown that Hir and Asf1 form a

complex that promotes histone assembly in a replication-independent manner (Green

et al., 2005); thus, Hir recruitment to DSBs may be a result of a speci�c DNA-repair

chromatin restoration pathway.
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1.5 Epigenetic inheritance

The concept of epigenetic inheritance is based on the notion that the position and

occupancy of proteins along the DNA, the information stored on the histone post-

translational modi�cations, and, in higher eukaryotes, the methylation landscape

across the DNA, are transmitted from one generation to the next. The process of

DNA replication challenges this idea of epigenetic inheritance. As the proteins ahead

of the fork are partially disassembled, newly synthesized histones are required, and

the synthesis of DNA leads to a hemimethylated state. This presents an opportunity

to alter the epigenetic state of the cell, which can lead to changes in cell identity

(Ishiuchi et al., 2015; Chelou� et al., 2015), alteration on the regulation of protein-

DNA interactions and transcriptional programs (Xu and Corces, 2018), or cause

genomic instability (Ye et al., 2003; Prado et al., 2004).

Parental histones account for half the supply available for deposition behind the

fork; thus, newly synthesized histones are required to re-establish the chromatin

landscape. A consequence of this phenomenon is that new histones carry di�erent

PTMs from those in parental chromatin, requiring the removal of these marks in

order to re-write the PTMs of the parental chromatin state. The primary mark

of new yeast H3 is K56ac, while new H3 in humans are marked by K14ac, K18ac

(Probst et al., 2009; Alabert et al., 2015). In contrast, new H4 is acetylated at K5

and K12 in both yeast and higher eukaryotes (Probst et al., 2009; Alabert et al.,

2015). Failure to remove these marks can cause changes to the epigenetic landscape,

as acetylation promotes open chromatin, including changes in gene expression and

accessibility to regulatory sites (Bannister and Kouzarides, 2011). This underscores

the importance of re-establishing the epigenome to the parental state.

Parental histones are key factors for preservation of the epigenetic state since their

PTMs serve ascis templates to establish the local chromatin marks onto the newly
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deposited histones. Given that nascent chromatin is composed of equal amounts

of new and old histones (Alabert et al., 2015), it is likely that neighboring old

histones facilitate the transmission of PTM states by recruiting enzymes such as

methyltransferases to spread parental histone marks (Ragunathan et al., 2015). Al-

though post-translationally modi�ed parental histones are quickly deposited behind

the replication fork in close proximity to their native locations (Rever�on-G�omez et al.,

2018), the time required to re-establish the epigenetic marks on nascent chromatin

varies. For instance, while the re-establishment of the repressive marks H3K27me3

and H3K9me3 is delayed until the next G1 phase, the parental pro�le of H3K4me3

is restored following S-phase in G2 (Alabert et al., 2015; Rever�on-G�omez et al.,

2018). The fact that these marks are established with di�erent kinetics could also

present an opportunity to change the epigenetic landscape in a manner that leads to

developmental and cell-type speci�c programs.

Histone variants of H3 and H2A substitute their canonical counterparts to regu-

late genome function throughout the cell cycle in a replication independent manner

(Heniko� and Smith, 2015). Given that they are deposited at speci�c genomic fea-

tures (e.g. centromeres, gene promoters, etc), it is possible to hypothesize that

their prevalence during and following replication is important to preserve their epi-

genetic footprint. A clear example of this phenomenon is found at centromeres, the

chromosomal locations where kinetochore assembly takes place. Centromeres are

characterized by the speci�c H3 variant cenH3 (CENP-A in humans) and, in higher

eukaryotes, lack a precise DNA sequence or motif (Heniko� and Smith, 2015). Thus,

centromeric maintenance is driven by the local epigenetic state. Indeed, it was shown

that CENP-A is faithfully inherited following S-phase (Jansen et al., 2007), and the

newly deposited H3 variant is replaced with new CENP-A speci�cally at the vicin-

ity old CENP-A in G1 prior to the next round of replication (Jansen et al., 2007;

Ross et al., 2016). This underscores the idea that parental histones are critical in

17



re-establishing the local epigenetic state across cell cycles.

Overall, epigenome inheritance regulates aspects of cell identity and di�erentia-

tion, as well as genome stability. The importance of proper chromatin assembly and

its role in di�erentiation and development was highlighted in studies in which the re-

duction of CAF-1 induces cell reprogramming (Chelou� et al., 2015). This reduction

in chromatin assembly led to a more open chromatin environment at regulatory en-

hancer regions that allowed for pluripotency in mouse embryonic �broblasts (Chelou�

et al., 2015) and increased the emergence of totipotent 2-cell-stage like cells in embry-

onic stem cells (Ishiuchi et al., 2015). These studies demonstrate that programmed

changes in the chromatin assembly dynamics could have a strong in
uence in the

cellular plasticity required during early stages of development. Most importantly, it

emphasizes that changes to the process of chromatin assembly lead to di�erences in

cell transcriptional pro�les.

Changes in the nucleosome assembly dynamics are important during develop-

ment, but what happens when unprogrammed changes occur? Defects in the nucle-

osome assembly pathway caused by decreased CAF-1 activity can activate cell cycle

checkpoints as a result of stalled replication forks in somatic cells (Ye et al., 2003).

Similarly, deletion of Asf1 causes accumulation of double strand breaks that lead to

high rates of recombination in yeast (Prado et al., 2004; Clemente-Ruiz et al., 2011).

Regulation of DNA replication through the histone chaperones is also important for

genome maintenance. In human cells, ASF1 regulation is carried out, in part, by

Codanin-1, a protein that is mutated in congenital dyserythropoietic anaemia type

I (CDAI) (Ask et al., 2012). Molecularly, this disease is characterized by unusual

condensation of heterochromatin identi�ed through electron micrographs (Heimpel

et al., 1971) and chromatin bridges between nuclei (Heimpel et al., 2010). Codanin-1

negatively regulates ASF1 activity through direct binding and, conversely, deletion

of the protein caused higher association of ASF1 to chromatin and increased DNA
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replication compared to controls (Ask et al., 2012). The potential chromatin mat-

uration defects caused by the lack of ASF1 regulation may be responsible for the

abnormal heterochromatin condensation seen in these bone marrow cells.

Active and increased proliferation is one of the hallmarks of cancer (Hanahan and

Weinberg, 2011). In this regard, CAF-1 and ASF1 have been described as reliable

prognostic markers in a variety of cancers. High levels of CAF-1 have been linked to

patient prognosis in a variety of malignancies including breast, prostate, and colon

cancers (Polo et al., 2004; Staibano et al., 2009), and it has been proposed as a

proliferation marker with the potential to predict a patients response to therapy

(Polo et al., 2004). Similarly, the human ASF1b isoform has emerged as a strong

marker in breast cancer since its increased levels predicted metastasis and the severity

of tumors (Corpet et al., 2011). While it is likely that higher chaperone activity is

a result of the increased proliferative behavior, these higher than normal levels can

lead to similar chromatin defects observed in CDAI.

1.6 Genomic tools for analysis of chromatin

In the advent of next generation sequencing, many techniques have been developed

to study the structure of chromatin. These techniques require enzyme digestion

or chemical reactions that probe chromatin structure based on DNA accessibility

and protein occupancy. One such technique uses the endo-exo nuclease micrococcal

nuclease (MNase) to digest the linker DNA between nucleosomes and other DNA-

binding proteins. Early studies used MNase to examine nucleosome organization in

bulk and low throughput experiments (Noll, 1974; Reeves and Jones, 1976; Annun-

ziato and Seale, 1982; Stillman, 1986; Cusick et al., 1989). The use of MNase has

been extended to recover DNA fragments of di�erent sizes that, after paired-end

high throughput sequencing, can be used to infer the genome-wide occupancy of

nucleosomes, transcription factors, and protein complexes at a base pair resolution
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(Heniko� et al., 2011; Belsky et al., 2015). This approach, termed MNase epigenome

mapping, generates a factor agnostic view of the chromatin architecture.

Figure 1.3 : MNase epigenome mapping.MNase digests any unprotected DNA.
Protein-bound DNA is recovered and these fragments of di�erent sizes representing
the footprints of nucleosomes and small DNA-binding proteins are sent for paired-end
high throughput sequencing.

There are many advantages to MNase epigenome mapping. First, the factor

agnostic footprinting of chromatin allows for a detailed map of all protein-DNA

interactions at the time of digestion in one single experiment. It does so without

the need of antibodies or epitope tags, which makes this technique amenable to a

variety of model systems from yeast to human cells lines (Zentner and Heniko�, 2012).

All of this increases the e�ciency of MNase at a relatively low cost. In this context,

MNase-seq o�ers many advantages compared to other methods aiming at determining

the occupancy of a single protein (ChIP-seq) or only capable of resolving regulatory

sites (DNase-seq) (Tsompana and Buck, 2014). Furthemore, MNase-seq provides the
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great advantage of determining the wide-spread chromatin changes, or lack thereof,

resulting from perturbations in proteins (e.g. knock out and over-expression) or

induced by environmental cues in a locus speci�c and temporal manner.

Despite all the bene�ts of MNase-seq epigenome mapping, some drawbacks have

been reported. The most relevant is the digestion bias of the nuclease toward A/T

rich sites (Dingwall et al., 1981; Chung et al., 2010), which can alter the precise map-

ping of nucleosome positions. However, it has been shown that MNase does not a�ect

the outcome of nucleosome positioning maps (Allan et al., 2012) and protocols have

been developed that decrease experimental variability across MNase digestion (Rizzo

et al., 2012). Furthermore, while one of the advantages of MNase is the factor agnos-

tic nature of the technique, this also means that the exact identity of transcription

factors and other small DNA binding proteins is unknown. This problem can be par-

tially resolved by motif analysis (Bailey and Elkan, 1994; McLeay and Bailey, 2010;

Grant et al., 2011) using the sequence fragments of the protein footprints of interest.

In addition, experiments that combine MNase with chromatin immunoprecipitation

followed by sequencing generate a high resolution map of protein occupancy (Teves

and Heniko�, 2011; Skene and Heniko�, 2015) and provide a solution to some of the

common drawbacks in standard chromatin immunoprecipitation protocols (Zentner

and Heniko�, 2012; Skene and Heniko�, 2015).

Chromatin immunoprecipitation followed by deep sequencing (ChIP-seq) enriches

for a protein of interest that is associated with chromatin, and the protein-bound

DNA is then sequenced to determine the sites of occupancy by the factor. Although

this approach requiresa priori knowledge of the protein of interest, ChIP-seq can be

applied to a variety of organisms to determine the occupancy of transcription factors,

protein complexes, histone post-translational modi�cations, and any other protein

associated with DNA. The Encyclopedia of DNA Elements (ENCODE) and model

organism ENCODE (modENCODE) have pioneered the standardization of experi-
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mental and computational protocols for ChIP-seq and provided a library of chromatin

pro�les across di�erent cell lines and model systems (ENCODE Project Consortium,

2012; modENCODE Consortium et al., 2010; Landt et al., 2012). However, this mas-

sive e�ort exempli�es the disadvantages of this approach. The experiments carried

out by the ENCODE and modENCODE consortia were an undertaking that required

protocol optimization for each organism and cell line, given the many factors and

conditions that were being studied. This underscores the di�culty of standardizing

ChIP-seq protocols (Furey, 2012). The fact that ChIP-seq pro�les one factor at a

time means that it is necessary to carry out multiple experiments in order to foot-

print multiple factors, which increases the time and cost of the experimental design.

This is further a�ected by the fact that antibody de�ciencies and epitope recognition

are common issues arising from this approach (Landt et al., 2012).

The most common method to fragment the DNA for ChIP-seq is through soni-

cation, which generates fragment sizes averaging 200 bp that are then sequenced in

single-end mode. This signi�cantly limits the resolution to hundreds of base pairs, of-

fering only an approximation of the factor's binding site (Zentner and Heniko�, 2012).

To contrast some of the limitations of this technique, ChIP-exo was developed. In

this approach, standard ChIP is performed followed by lambda� exonuclease diges-

tion (Rhee and Pugh, 2011). The nuclease digests DNA in the 5' to 3' direction

until it encounters a barrier (e.g. a DNA-bound protein), at which point the enzyme

can not continue. This approach signi�cantly increases the base pair resolution of

the standard ChIP-seq protocol and can be easily applied to systems were standard

ChIP has been optimized (Rhee and Pugh, 2011).

Other techniques are concerned with the study of regulatory regions of the genome

such as promoters and enhancers. These genomic locations are often depleted of

nucleosomes and, therefore, are the binding sites of transcription factors, regulatory

complexes, protein machineries (e.g. the transcriptional machinery), and enhancer
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elements. One such technique relies on deoxyribonuclease I (DNase I) digestion of

DNA. DNase I is a large endonuclease that can only access regions of open chromatin

that are free of nucleosomes, and these sites are termed DNase hypersensitive sites

(DHS) (Tsompana and Buck, 2014). The ENCODE consortium used DNase-seq to

determine the variability in the regulatory landscape across 125 cell lines (ENCODE

Project Consortium, 2012). A more recent alternative to this technique is ATAC-

seq (Assay for TransposaseAccessible Chromatin with highthroughput sequencing).

It takes advantage of hyperactive Tn5 transposase which fragments the genome at

regulatory regions and tags it at these sites in a protocol that requires only two

steps (Buenrostro et al., 2013). There are many advantages to ATAC-seq as it

reduces the experimental time signi�cantly, decreases loss of DNA material, does

not require formaldehyde �xation, and uses less input material compared to DNase-

seq (Buenrostro et al., 2013, 2015). However, these techniques together share the

same drawbacks of MNase-seq, in which the identity of the factors associated with

the regulatory sites needs to be validated by other methods such as ChIP-seq.

1.7 Thesis roadmap

In order to systematically and comprehensively evaluate the dynamics of chromatin

architecture genome-wide, innovative approaches such as MNase epigenome mapping

are required to provide the precise location of nucleosomes and DNA binding proteins

(e.g. transcription factors). During my thesis work, I used this assay to develop a new

approach to monitor the re-establishment of chromatin structure following passage

of the DNA replication fork in S. cerevisiae.

In chapter two, I describe a novel approach to study the dynamics of chromatin

maturation at a genome-wide level and at a base-pair resolution with the aim to

understand the locus and temporal di�erences in chromatin maturation behind the

replication fork. I used bioinformatic approaches to assess the dynamics of matura-
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tion within gene bodies, and elucidate di�erences in the kinetics within individual

genes. I also determined the positions of bulk chromatin nucleosomes and use this

information to determine genome-wide nucleosome positioning and occupancy in

both nascent and mature chromatin. This approach allowed me to study chromatin

maturation within intergenic regions and at origins of replication. I also explored

the kinetics of small DNA-binding protein re-association with chromatin following

passage of the replication fork.

Chapter three expands on work from chapter two, as I analyze the role of the

chromatin remodeler Chd1 and the histone chaperone CAF-1 during the chromatin

maturation process. I uncovered new evidence for the role of Chd1 in establishing

the nascent chromatin architecture in a manner that appears to be independent of its

known chromatin remodeling activity. Most notably, I �nd proof that proper chro-

matin architecture is critical to allow regulatory factor re-association with chromatin

after replication.

In chapter four, I discuss the implications of this work and the contributions to

the �elds of DNA replication and chromatin biology. I also re
ect on the future

direction of my studies and ways in which this work can help elucidate how speci�c

epigenetic states are inherited in a DNA replication-dependent manner.
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2

Nascent Chromatin Occupancy Pro�ling Reveals
Locus and Factor Speci�c Chromatin Maturation

Dynamics Behind the DNA Replication Fork

2.1 Introduction

Chromatin organization is essential to maintain and regulate almost all aspects of

genome function. The distribution and phasing of histone octamers on the DNA

as well as the location of DNA binding proteins such as transcription factors de�ne

the regulatory landscape of the genome and govern transcription (Jiang and Pugh,

2009; ENCODE Project Consortium, 2012). The chromatin landscape is dynamic

and responds to both developmental and environmental cues to modulate cell type

speci�c gene expression programs. In addition to regulating gene expression, the

local chromatin environment is also critical for other DNA templated processes such

as DNA replication and repair (MacAlpine and Almouzni, 2013; Dabin et al., 2016;

Guti�errez and MacAlpine, 2016). Despite the central role of chromatin in genome

function, every cell cycle the chromatin landscape must be disassembled ahead of

the replication fork and then re-assembled behind the fork to preserve epigenetic
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memory.

Elegant genetic and biochemical experiments have elucidated many of the factors

and mechanisms involved in the assembly of chromatin behind the DNA replication

fork (Smith and Stillman, 1989; Chang et al., 1997; Li et al., 2008; Tyler et al., 1999;

Schlesinger and Formosa, 2000; Luk et al., 2007). The conserved chromatin assembly

factor 1 (CAF-1), an H3-H4 histone chaperone, was �rst identi�ed promoting histone

deposition onto replicating SV40 DNA in vitro (Smith and Stillman, 1989). CAF-1

is coupled to the replisome via an interaction with PCNA to ensure rapid histone

deposition at the replication fork (Shibahara and Stillman, 1999). Another H3-H4

histone chaperone, ASF1, cooperates with MCM2 at the fork to capture parental H3-

H4 dimers which are then assembled into H3-H4 tetramers by CAF-1 for deposition

on the nascent DNA (Huang et al., 2015; Richet et al., 2015; Sauer et al., 2017).

The H2A/H2B histone chaperone, NAP-1, completes the assembly of the histone

octamer on the DNA to form the nucleosome (Chang et al., 1997; Mosammaparast

et al., 2002). The ordered deposition of histone octamers behind the replication

fork is critical for viability, genome stability and the maintenance of epigenetic state

(Exner et al., 2006; Jasencakova et al., 2010; Chelou� et al., 2015; Ishiuchi et al.,

2015).

The assembly of nascent chromatin is tightly coupled to the replication fork.

Early electron microscopy studies found a similar density of nucleosomes ("beads on

a string") on both the parental and nascent DNA strands (McKnight and Miller,

1977), indicating that histone deposition and nucleosome formation must occur

rapidly behind the replication fork. Consistent with these observations, reconsti-

tution of replication-coupled assembly revealed that nucleosome assembly occurred

within � 250 bp of the replication fork (Sogo et al., 1986; Cusick et al., 1989; Gasser

et al., 1996). Despite the rapid deposition of the histone octamer behind the fork,

nascent chromatin is deferentially sensitive to nuclease digestion as compared to ma-
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ture chromatin (¡ 20 minutes post replication) (DePamphilis and Wassarman, 1980;

Klempnauer et al., 1980; Annunziato and Seale, 1982; Stillman, 1986), suggesting

that nucleosomes are non-uniformly spaced in nascent chromatin. Together, these

results underscore the complex and dynamic process by which chromatin matures

following the rapid deposition of the histone octamer.

The organization of mature chromatin is dictated by many factors, including

primary DNA sequence (Segal et al., 2006; Mavrich et al., 2008), the presence of

pioneer factors (Bai et al., 2010; Li et al., 2015; Yan et al., 2018), and active tran-

scription (Weiner et al., 2010). Conserved and stereotypical patterns of chromatin

organization have emerged from micrococcal nuclease (MNase)-based studies of nu-

cleosome positioning in a wide variety of eukaryotic organisms (Cui and Zhao, 2012).

Genes typically have well phased nucleosomes starting with the +1 nucleosome at the

transcription start site (TSS) and proceeding into the gene body. Promoter regions

are commonly marked by a nucleosome-free region (NFR) which are thought to ac-

commodate regulatory factors. Similarly, well-positioned nucleosomes are observed


anking origins of DNA replication and their positioning is a determinant of origin

function (Berbenetz et al., 2010; Eaton et al., 2010; Belsky et al., 2015).

The study of nascent chromatin has been facilitated by the use of nucleoside

analogs that allow for the a�nity capture and puri�cation of newly synthesized DNA.

The enrichment of labeled nascent chromatin has been used in proteomic studies to

identify proteins and protein networks associated with normal, stalled and collapsed

replication forks (Sirbu et al., 2013). Similarly, others have described the maturation

of post-translational histone modi�cations and the identi�cation of new replisome

factors important for maintaining genome stability (Alabert et al., 2014). While

these proteomic studies provided a wealth of data on the network of proteins that

ensure the stability and progression of the DNA replication fork and the temporal

order in which chromatin modi�cations occur, they fail to reveal information about
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locus-speci�c di�erences in chromatin maturation.

Recent work by multiple groups have combined the power of 5-ethynyl-2-deoxyuridine

(EdU) labeling of nascent DNA with MNase nucleosome mapping to ascertain the

positioning of nucleosomes genome-wide in nascent and mature chromatin (Fennessy

and Owen-Hughes, 2016; Vasseur et al., 2016). Speci�cally, nascent DNA is labeled

by a short pulse of EdU followed by a longer chase period to allow chromatin matura-

tion. The EdU-labeled DNA is puri�ed and subjected to next-generation sequencing

following digestion with MNase. These studies focused on the chromatin maturation

dynamics of nucleosomes within gene bodies and their rapid re-acquirement of nucle-

osomal organization and phasing, highlighting the role of transcription and histone

chaperones in shaping the chromatin landscape. Importantly, studies in Drosophila

found that the re-establishment of chromatin architecture at gene regulatory elements

(e.g. promoters and enhancers) was dependent on the re-association of transcription

factors (Ramachandran and Heniko�, 2016).

We have combined MNase epigenome mapping (Heniko� et al., 2011; Belsky et al.,

2015) with EdU labeling of recently replicated DNA to generate nascent chromatin

occupancy pro�les (NCOPs) allowing us to holistically explore chromatin matura-

tion dynamics in S. cerevisiae. We are able to resolve, at near nucleotide resolution,

the maturation of nucleosomes and smaller DNA binding factors providing a factor

agnostic view of chromatin assembly dynamics throughout the genome. We found

that nascent chromatin was less organized than mature chromatin; however, there

were locus speci�c di�erences in the maturation kinetics that were predicted by the

epigenetic landscape. For example, poorly transcribed genes marked with the his-

tone variant H2A.Z exhibited rapid chromatin maturation. Our results also con�rm

the role that site-speci�c DNA binding factors have in establishing chromatin or-

ganization and nucleosome positioning following passage of replication fork (Yadav

and Whitehouse, 2016; Yan et al., 2018). Strikingly, we also identi�ed origin speci�c
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di�erences in chromatin maturation that were dependent on whether an origin initi-

ated DNA replication or whether it was passively replicated from a neighboring fork,

which may suggest an active mechanism to re-establish origin chromatin architec-

ture at e�cient origins. Finally, our factor agnostic approach to studying chromatin

maturation revealed sites of transient occupancy by DNA-binding factors behind the

replication fork, underscoring the plasticity of the chromatin landscape.

2.2 Results

2.2.1 Pro�ling nascent chromatin occupancy

We developed nascent chromatin occupancy pro�les (NCOPs) to provide a factor-

agnostic view of protein-DNA occupancy on newly synthesized DNA at nucleotide

resolution. Speci�cally, we combined the power of labeling nascent DNA with the

nucleoside analog EdU (Sirbu et al., 2011) with MNase-based epigenome mapping

(Heniko� et al., 2011; Belsky et al., 2015; Ramachandran and Heniko�, 2016). To

demonstrate the sensitivity and speci�city of NCOPs, we took advantage of the

intra-S-phase checkpoint to speci�cally label newly synthesized DNA proximal to

early origins of DNA replication. Brie
y, yeast cells engineered to incorporate EdU

(Viggiani and Aparicio, 2006) were arrested in G1 by addition of the yeast mating

hormone,� -factor, and subsequently released into media containing 200 mM hydrox-

yurea (HU) and 130� M EdU. HU treatment depletes nucleotide pools which results

in replication fork stalling and activation of the intra-S-phase checkpoint to prevent

further origin activation (Santocanale and Di�ey, 1998; Shirahige et al., 1998). Only

those sequences proximal (� 10 kb) to early activating e�cient origins will incorpo-

rate EdU into the nascent daughter strands. Following EdU labeling, chromatin was

isolated and digested by MNase. Then, the EdU labeled DNA was biotin labeled by

click chemistry prior to streptavidin a�nity capture. Streptavidin-bound DNA was

recovered and subjected to next-generation paired-end sequencing on the Illumina
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platform (Heniko� et al., 2011; Belsky et al., 2015)

We �rst generated chromosome-wide coverage plots of the sequencing depth to

verify that EdU incorporation was speci�c and restricted to sequences proximal to

early activating origins of DNA replication. As expected from prior genomic exper-

iments labeling early replication intermediates with BrdU (Lengronne et al., 2001),

we detected strong peaks of EdU incorporation centered on early activating origins of

DNA replication along chromosome IV (Figure 2.1A; middle panel). The sequences

surrounding early origins of replication were enriched� 20-fold relative to late origins

(Figure 2.2A).

The innovative aspect of NCOPs is the limited MNase digestion of EdU-enriched

chromatin followed by the recovery and sequencing of fragments� 200 bp and smaller.

DNA occupancy by a histone octamer will protect a� 150 bp fragment while smaller

site-speci�c DNA binding factors (e.g. transcription factors and replication factors)

will typically protect fragments smaller than 80 bp (Heniko� et al., 2011; Belsky

et al., 2015). To visualize the NCOPs, we plotted the length of the paired-end reads

as a function of their chromosomal position; thus, nucleosomes are evident as well-

phased clusters of fragments with lengths of approximately 150 bp and smaller DNA

binding factors are evident as discrete clusters of fragments with lengths smaller

than 80 bp. We recovered and visualized EdU-labeled chromatin in the vicinity of

early activating origins of DNA replication. We found that both nucleosomes and

DNA-binding factors were readily distinguishable in the NCOPs from EdU-labeled

chromatin (Figure 2.1A, bottom). In contrast, no discernable EdU-enrichment or

chromatin organization was detected in the origin distal regions (Figure 2.1A, top),

demonstrating the speci�city of the NCOP assay for EdU-labeled DNA.

We analyzed the aggregate nucleosome distribution surrounding 539 gene pro-

moters that were within 3500 bp of early origins, and found that nucleosome phasing

and occupancy was very similar between the NCOP and 'bulk' chromatin (no EdU
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Figure 2.1 : Enrichment of EdU labeled chromatin at sequences proximal to early
origins. A. Sequencing coverage across chromosome IV. NCOP at an early replicating
origin shows a de�ned chromatin architecture (bottom panel) compared to a non-
replicated region (top panel). B, C and D. Chromatin pro�les at genes proximal
to an early origin that showed unchanged (B) and changed (C and D) chromatin
structure. Nucleosome positions are depicted in red. D.RAD51 shows recruitment
of a transcription factor and downstream nucleosome shift in the EdU pull down
experiment compared to total chromatin.

labeling/enrichment) (Figure 2.2B). When examined at the level of individual genes,

we found that the recovered EdU-labeled NCOPs largely resemble those prepared

from untreated bulk chromatin (Figure 2.1B). However, we did detect a handful of

locus-speci�c alterations in chromatin structure, but these di�erences were largely

attributable to di�erential transcription of HU-responsive genes. For example, at the

RAD23 locus, we observed displaced nucleosomes from the gene body (Figure 2.1C).
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Figure 2.2 : EdU-labeling and recovery of chromatin surrounding early origins of
DNA replication. A. Sequencing read depth at 114 early and 114 late replicating
origins (Belsky et al., 2015) from the data described in Figure 1A (note the log2
scale). Mean sequencing coverage of early and late origins is 4163.8 and 207.7 reads
respectively . T-test **** p ¤ 0.0001. B and C. Nucleosome occupancy pro�les for
the EdU early origin labeling experiment described in Figure 1 and for a separate
experiment where following the HU-arrest, the EdU-labeled cells were allowed to
proceed back into the cell cycle. Nucleosome occupancy pro�les were calculated
from 539 gene promoters located within 3500 bp of an early origin. C - E. NCOPs
showing EdU labeled chromatin from arrested cells in HU and following a 2 hour
release. The gene locations are the same as described in Figure 2.1B, C and D.
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