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Abstract

Advances in tissue engineering have led to the development of 3D biomimetic
models of human skeletal muscle (myobundles), which have the potential to serve as
surrogates for animals in drug trials and even implanted into those who have lost
skeletal muscle due to muscle wasting disorders. Much work has been done
characterizing myobundle functional responses such as contractile force. However,
oxygen consumption of these myobundles is one key functional metric that needs to be
investigated, in order to fully characterize them and determine if they can be used as
reliable models. Not only that, investigating myobundle oxygen consumption also
provides insight into their metabolic pathways, such as oxidative phosphorylation. In
order to accomplish this, we created a novel perfusion system incorporating optical
oxygen sensors in order to quantify respiration of myobundles. A computational model
of the system and comparisons with a commercial respiration measurement system
(O2K OROBOROS) were used to validate the results. The perfusion system was
modified to enable electrical stimulation of the myobundles in order to measure the
basal rate of respiration under simulated exercise, Results from these experiments show
that the perfusion system accurately quantifies the basal respiration rate, as
demonstrated by agreement between the experimental results and the comparisons with

the O2K system and the theoretical model. In addition, stimulation of the myobundles

v



lead to increases in respiration, which matches in vivo muscle behavior under exercise.
Exercise respiration values were on average, slightly over 2 times the basal respiration
values. In summary, we have created a working perfusion system for non-invasively
measuring oxygen consumption of myobundles in situ, under basal and simulated

exercise conditions.
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Section I: Introduction

1.1 - Skeletal Muscle Physiology, Tissue Engineering and its
Significance

Skeletal muscle tissue engineering is a field that has significant implications in a
variety of scientific fields, such as regenerative medicine and drug discovery!?4. In
order to engineer functional, physiological skeletal muscle tissue, hallmarks of native
skeletal muscle tissue need to be reproduced®. In vivo, native skeletal muscle is
comprised of thin fibers, each less than 100 microns in diameter, known as myofibers.
Myofibers are characterized as either type I (slow twitch) or type II (fast twitch)!. Type I
tibers are mainly involved in aerobic activities and endurance exercise, and utilize
oxidative phosphorylation, thereby relying on oxygen for ATP production®. Type II
tibers are involved in quick movements such as sprinting, and utilize anaerobic
glycolysis®. Despite differences in function in vivo, each of these myofiber types is
comprised of even smaller units known as myofibrils. Myofibrils are composed of
repeated subunits, known as sarcomeres, which produce the striated appearance seen in
myofibers'*8, Sarcomeres consist of alternating thin and thick filaments, with the thin
filaments connected to the borders of the sarcomeres, which are known as Z lines!2.
Entire myofibers are grouped into clusters called fascicles, which are surrounded by

vasculature and the perimysium, a layer of connective tissue. The vasculature plays a



vital role in transporting important nutrients and analytes such as oxygen to the
myofibers!®. Motor neurons also extend their axons into individual myofibers to form a
neuromuscular junction, which is responsible for the contractile activity of skeletal
muscle’. Through this junction, action potentials propagate through a key structure
called the sarcoplasmic reticulum, which release calcium ions that diffuse into the
sarcomeres, thereby eliciting muscular contraction.

Advances in cell culture have allowed researchers to not only grow 2D monolayer
muscle cultures, but more importantly, develop relevant 3D constructs that more closely
mimic the proper structural organization seen in native skeletal muscle tissue. These
improved 3D models, often called myobundles, have allowed for longer culture times,
better maturation and provide opportunities for studying skeletal muscle function not
possible with 2D monolayers'#2. Culture conditions for these 3D constructs usually
include the encapsulation of myoblasts in an extracellular matrix (ECM), to help form
the structure of the 3D construct, allow for cell adhesion and facilitate the diffusion of
key nutrients to myoblasts®. Proteins used for the ECM include collagen, fibrin and
matrigel’. Typically, newly formed constructs are shifted to low serum media in order
to facilitate the fusion of myoblasts into myotubes and the maturation of myotubes into
myofibers. Cell sources for these 3D constructs, include mouse and rat myoblasts, but

recently, researchers have been able to generate constructs using human primary



myoblasts that can recapitulate key behaviors of human muscle physiology and
function?.

3D skeletal muscle constructs possess great promise in applications towards a
variety of scientific fields?°. These include regenerative medicine, drug screening and
study of disease modeling, and organ -to- organ interactions. To assess the functionality
of engineered constructs, key muscle activity studied includes active contractile force,
glucose consumption, expression of key proteins such as myosin heavy chain and
myogenin, and calcium transients?. However, one key behavior of engineered skeletal
muscle constructs that has not been fully investigated is the consumption of oxygen,
under basal and exercise conditions. Oxygen consumption is an important functional
measure, since it directly affects ATP production, and provides an indicator of
mitochondrial functionality in muscle!’. Theoretical models of oxygen transport to
muscle and respiration in vivo have been generated, which take into account the
transport of oxygen to the mitochondria via myoglobin and other factors such as fiber
distribution and density>'2. However, these models are not quite representative of tissue
engineered myobundles, since these engineered constructs lack a capillary network and
a neuromuscular junction, which are two key features seen in vivo. A better
understanding of oxygen consumption within 3D human myobundles would provide a

clearer window into the complete functionality of these tissue engineered constructs,



and how closely they mimic skeletal muscle behavior in vivo. In addition,
characterizing respiration under exercise conditions would provide information on
mitochondrial activity and if these myobundles exhibit different respiratory behavior
under exercise, compared to basal conditions. Thus, these are the main targets of this

study.

1.2 - Oxygen Sensing Electrodes and Sensors

Oxygen is a significant and prevalent element that has far reaching implications
on life and survival. Humans metabolize about 200-250 grams of oxygen per day'. Due
to the significance of oxygen, methods have been developed in order to accurately sense
and detect oxygen concentrations in different medium?1.

One of the most prevalent methods of determining oxygen concentrations is the
Clark electrode. Robust and well calibrated systems such as the O2K OROBOROS
System utilize the Clark Electrode in oxygen sensing'#'®. The Clark electrode is capable
of determining oxygen concentrations at room temperature and in both gaseous and
fluid mediums. The Clark electrode consists of a platinum electrode, which is covered

with a membrane that is permeable to oxygen® (Figure 1).
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Figure 1: Schematic of Clark Electrode®

Once a voltage is applied (usually around (0.7 V), oxygen that contacts the

surface of the electrode is reduced'+1617. Despite its reliability and prevalent usage in

sensing oxygen, it does have its drawbacks. For instance, the Clark electrode consumes

the oxygen that it detects, is difficult to miniaturize, is susceptible to electrical

interference, and can be interfered by the presence of chlorine, hydrogen sulfide and

ozone'®. Not only that, traces of water present in order for the reduction reaction to

occur.

In recent years, innovations in optical sensor technology for the detection of

oxygen have developed. Optical sensors typically include a luminescent dye on a



polymer substrate (Figure 1). They are usually inexpensive, easier to miniaturize and do
not consume the oxygen detected. In addition, remote sensing is possible, perfusion
experiments are feasible, and there is more flexibility in detecting oxygen levels that are
at extremely low or high concentrations and can function in electromagnetic fields'”'s.
The key mechanism of optical sensors is the quenching of luminescence. This particular
phenomena is related to oxygen concentration via the Stern-Volmer Equation which is

seen below:

Fy, 1
T 1+ Kgy[0,] €Y)

where Foand F are the luminescence intensities in the absence and presence of oxygen,
respectively, T0 and T are the luminescence decay times in the absence and presence of
oxygen respectively, Ksv is the Stern-Volmer constant and [O:] is the concentration of

oxygen.

Optical isolation

Solid support

Excitation Emission

Figure 2: Schematic of fluorescent dye layout in optical sensor.

The oxygen-sensing layer is cast on a solid support, which is typically optically

transparent, so an excitation signal can be transmitted (Figure 2). For example, some



sensors use a glass fiber as the solid support. The oxygen-sensing layer includes a
polymer substrate which contains the dye. The optical isolation layer is optional, and is
sometimes used to prevent luminescence from other sources from interfering with the
oxygen sensing layer'>1¢. The luminescence intensity of the dye is generated by an
excitation light signal (an LED). When oxygen is present, there are molecular collisions
between oxygen and the luminescent dye/polymer matrix. This will then attenuate the
luminescence intensity of the dye, when it is exposed to the excitation signal. Not only
that, the luminescence decay time is also attenuated by the collision of oxygen4151617,
Thus, these factors are implemented into the Stern-Volmer equation to determine a

linear fit which provides the concentration of the analyte, in this case it is oxygen.

1.3 — Electrical Stimulation, Respiration under Exercise,
and Incorporation of Perfusion

Skeletal muscle also undergoes increased respiration during exercise conditions,
due to an increased demand for ATP Production?. Increased oxygen is needed to fulfill
its role in the electron transport chain during oxidative phosphorylation (OXPHOS)2.
In vivo, there are mechanisms that increase transport of oxygen to skeletal muscle:
increased blood flow to muscle tissues during exercise, and low intracellular oxygen
concentrations in muscle (PO2 ~0.4 or 0.5 kPa) which increase the flux of oxygen from

blood flow into capillaries near muscle tissue!®2021.



With 3D human myobundles, neuromuscular junctions are not present. Electrical
stimulation is often used to simulate normal and exercise conditions. Electrical
stimulation, if used properly and with the right regimen, can elicit positive benefits for
tissue engineered constructs. Khodabukus et al and Donnelly et al. have shown
increased protein expression, higher contractile force, hypertrophy, and cell alignment
and maturity with chronic stimulation?>?. However, if done improperly, or with poor
parameters, electrical stimulation can have deleterious effects on engineered constructs.
For example, Khodabukus et al. investigated the effects of pulse width, frequency,
electric field and found that electrochemical damage could occur at electric fields that
are at or above six times rheobase (the electric field (V/mm) that elicits 50% of peak
twitch force)?.

Electrical stimulation may create a necrotic core in larger constructs due to
depletion of oxygen. To overcome this, perfusion conditions could be implemented,
thereby allowing oxygen to be transported to the myobundle surface via convection.
Perfusion of fresh media to myobundles allows for higher transfer rates of other gasses
and nutrients and the removal of any toxins or waste products generated by the
myobundles”?*. Movement of fluids can also lead to enhanced culture conditions for
myobundles. Juhas et al. reported improved maturation of myobundles and higher

contractile forces as myobundles were cultured dynamically on a rocker, with culture



medium rocked back and forth. The reason for this is likely the improved transport of
nutrients and oxygen to the myobundles?. Another added benefit of perfusion, is that it
can easily integrate with optical based sensors for the measurement of oxygen
consumption rates of tissues under basal or simulated exercise conditions. Companies
such as PreSens have devised Flow Through Sensors that integrate into perfusion
circuits and can detect oxygen concentrations as fluid flows through it. Work has been
done to quantify oxygen consumption of myoblasts in vitro, and Davis et al. recently
measured oxygen consumption of engineered muscle via the OROBOROS O2K system?3,
yet there has not been other work investigating the oxygen consumption of muscle

fibers in vitro.

1.4 — Goals

With the advent of 3D myobundles, it is important to fully characterize them and
understand their physiology relative to their in vivo skeletal muscle. One such area
which has not had much investigation, is the oxygen consumption of myobundles under
basal and exercise conditions. Thus, the goals of this thesis are threefold:

1. Develop a custom-made perfusion system to measure the basal oxygen

consumption rates of myobundles using small, optically- based oxygen sensors.



Validate the accuracy of the perfusion system by comparing results to those
obtained with the O2K OROBOROS System and a theoretical model of oxygen
metabolism with perfusion.

Measure oxygen consumption of myobundles under simulated exercise using
electrical stimulation integrated into the custom perfusion system and compare

to basal conditions.
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Chapter II: Materials and Methods

2.1 - Flow Through Oxygen Sensors

The oxygen sensors used in these studies were from PreSens Precision Sensing, a
company that specializes in creating sensors that measure analytes, such as oxygen, pH
and carbon dioxide. The specific sensors chosen from PreSens were custom made, flow
through sensors contained in a metal housing (Product number for sensor and housing;:
FTCM-PSt1-L2.5-VAL1/16"-TE-OIW) (PreSens Precision Sensing GmBH; Regensburg,
Germany), as seen in Figure 3. The sensors are designed for perfusion experiments, and
have inlet and outlet fluid channels to allow flow to move in and out as it contacts the

sensor. An image of the sensor can be seen:

11



Fiber Optic
Cable

Connection
to Hardware

Flow in

Flow out

Figure 3: Image of Flow Through Oxygen Sensor and housing. The metal housing is
connected to a fiber optic cable that integrates with hardware to allow for readout on
a computer. Image adapted from PreSens website.

The housing surrounding the sensor has a fluid volume of 2.1 microliters. The sensor
surface itself is 140 microns in diameter and is connected to a thin, glass fiber (flat-
broken sensor tip), and the fiber optic cable is about 2.5 meters in length (Figure 3). The
housing surrounding the sensor along with the metallic inlet and outlet fluid ports are
also susceptible to leakage, which can affect oxygen concentration readings. To
overcome this, Teflon tape is wrapped around the sensors to prevent leakage during the

experiment as seen in figure 4:

12



Micro sensor
Depiction

Figure 4: Image of oxygen microsensor within the metallic housing, and image of
sensor with teflon wrapped on areas susceptible to leakage

There are other companies that create oxygen microsensors (such as Ocean Optics,
Abcan, OxySens, World Precision Instruments)'* However, these commercially available
oxygen sensor technologies do not integrate very well with the perfusion circuit and
chamber used in the experiments for this thesis. After surveying multiple companies
and investigating the structure and design of their sensors, the flow through sensors
from PreSens had the best physical design and were most compatible, since they can
detect oxygen concentrations in small fluid volumes (2.1 microliters) and can be custom

made and adapted to different tubing sizes. The inlet and outlet fluid ports of the

13



sensors are about 1/16” diameter, which fits snugly with the tubing used in our
perfusion experiments. The PreSens sensors can be sterilized and are reusable. There is
a quick response time (a too of about 15 seconds based on specifications from the
company), which means the sensors should achieve 90% of the specific value in 15
seconds, whether the medium is gaseous or dissolved in fluid. Other relevant metrics
concerning the activity and resolution of the sensors can be seen below in the following

figure adapted from the PreSens brochure:
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Specifications
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Measurement Lemperature range
Response tiene T5° [15,)
fAesponse time TF* [15)
Properties

Compatibility
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Cross-sensitivity
Sterdization precedures

Oeaning precedures
Calibration

Storage stability

Gaseous & Oissolved 0, Dissolved 0,

0-50%0, 0-225mgL

D - 500 hPa 0 - 700 pmoVL

0.05 % owggen 20 ppb
+0.0:%0,0.21%0; + 0,005 mg/L 22 0.09 mg/L

+0.09%0,212094%0,
+ 0.1 hPa a1 2 hPe
+ 0,087 hfa a2 207 hPa
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+0.4%0,3t20.8%0,;
+ 00580, 0.2%0,
< 0.1 %0, within 30 days [sampiing interval of 1 min.)
FromD*C10+50°C
<1sec <Zsec
<15sec < 30sec
Ahqueous soltions, ethanol, methane!
pHi-14
£0,,H,S, 50,
lonic species
Organic salvents, such as acetone, toluere, chioroform or methylene chicride
Chlorine gas
Steam sterifzation {only implantable & TF* sensor)
Ethylene oxice (ExD)
3% H,0;, ethanci, scap solution
Two-point calibration in oxggen-free environment [aitrogen, sodium sulfte] and air-saturated enviroament

S5 years provided the sensor material is stored in the dark t reom temperature

*18: tapered sensor tip with a diameter < 50 pm and no optical isalation

**1F- flat-broken senser tip with a dlameter of 140 pm

Figure 5: Descriptions of relevant metrics concerning the PreSens Oxygen Sensor.

Although it is not fully disclosed by PreSens, the flow through oxygen sensors
utilize the mechanism of luminescence quenching in order to detect oxygen
concentrations in gaseous or liquid mediums. Oxygen sensors that make use of this
method of oxygen detection typically incorporate a luminescent dye, whose optical
properties are attenuated via the presence of oxygen. The luminescent dye is blended
into a polymeric matrix, which is then deposited on a support. In the case of the PreSens
flow through sensors, that support would be the glass fiber tip contained within the

metallic housing. As described in the introduction, the Stern-Volmer Equation relates
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luminescence of the dye to the oxygen concentration of the medium that contacts the
dye. The PreSens sensors, however, likely rely on phase differences in emission and
excitation signals as opposed to luminescence intensities, and thus the Stern-Volmer

Equation can be modified to be the following!’:

T_:= %= 1+Kevlq] @

where 1is the emission lifetime without the presence of the quencher (oxygen), T is the
emission lifetime in the presence of the quencher (oxygen), ®o is the phase shift without
the presence of the quencher (oxygen), @ is the phase shift in the presence of quencher
(oxygen), Ksv is the Stern-Volmer constant, and [q] is the quencher concentration
(oxygen). The equation is linear, and after calibration, [q] can be found. The phase shift
in this equation is refers to the phase difference between the excitation light signal and
emission luminescence that occurs when the dye is excited'e. The phase difference is
affected when oxygen collides with the dye and glass fiber. PreSens has not fully
disclosed exactly how the luminescence quenching mechanism is utilized in their
sensors and technology, but it is very likely that Stern-Volmer fits and phase shift

measurements are incorporated.

2.2 — Electro-Optical Module (EOM) & Software Interface

Output from the oxygen sensor is interfaced with the Electro-Optical Module or

EOM. The module is a small board with circuitry to detect phase shifts (which occur

16



with oxygen concentration changes) and determine changes in luminescence lifetime,
which are ultimately used to determine oxygen concentrations. The EOM is small,
consumes low power and can interface with software to provide oxygen concentration
and phase shift readouts via a custom - made LabVIEW program from PreSens. Figure 6

demonstrates the major components of the EOM and how it adapts to software:

EOM
Module

Line adaptor

RS232-Cable

Connection to
fiow through
Sensor

Figure 6: EOM Layout with Connections Shown

The EOM module connects to the oxygen sensor via a fiber optic cable connector,
connects to a wall power supply via the line adaptor connection, and interfaces with a
computer via the R5232 cable. The other end of the RS232 cable is a USB port that can be
easily connected to a computer and interface with LabVIEW software.

The software has three main panels when accessed (assuming everything — sensors,

EOM etc. is properly connected). The figures below show the relevant software panels:
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" EOM-02-micro

Set-up & Log | Measurement | Graph | Calibration

To restart click the white arrow above.

Serial Port RS232 control string (1)
!Ek;m4 - |,u| T4,P2663,T1883;0860E0;

oy

FALV Gi files\HT B Dooctes td

Figure 7: LabVIEW Panel #1 Display of Logging Button and Sampling Rate
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& EOM-02-micro

Set-up & Log Measurement | Graph | Calibration

Raw data from the oxygen sensor EW (Error and Waming) Regieter

Sensor data

Error code ! 0

Figure 8: LabVIEW Panel displaying error message possibilities and numerical values
for phase, amplitude, oxygen concentration and temperature
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< EOM-02-micro

Set-up & Log | Measurement Graph | Calibration

Figure 9: Real Time Graphical representation of phase and oxygen concentration
values

The 3 panels are the ones needed to use the sensors. The panel in Figure 7 allows the
user to log the oxygen and phase data points during the experiment, and save the data
to a text file. Figure 8 shows the possible error messages that may arise during an
experiment. Note: WDT Reset may sometimes flash, but it is not an issue of any concern
according to discussions with technical support at PreSens, nor is PT100, since it is an
optional temperature probe that one may choose to implement. The numerical values of

oxygen, phase, amplitude and temperature are shown. These are helpful as they can

20



demonstrate if there is any damage to the sensor. Typically, if phase, oxygen or
amplitude display odd values (e.g. 999.99), then that is an indication that the sensor is
broken or not properly functioning. Damage to the sensor could happen by a variety of
scenarios: the fiber optic cable may slightly bend, or the glass fiber in the flow through
metal housing is damaged. One must exert great caution when assembling and
disassembling the sensors, to avoid damage to the sensor and fiber optic cable. Finally,
Figure 9 displays phase and oxygen traces of the sensor in real time. These provide the
user with an idea of how the experiment is progressing, and how oxygen/phase changes
as experimental conditions change. The data displayed here can be logged, as explained
in Figure 7.

Ultimately, the oxygen sensors require the implementation of multiple
components in order to be properly used experimentally. The following block diagram

illustrates how all the components are connected:

| Power Supply |

| LabVIEW Software

Flow Through Oxygen
Sensor

| Line Adaptor |

| EOM Module I | R5232 Cable |

Figure 10: Block Diagram Illustrating connections between components of the
PreSens Oxygen Sensing System
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2.3 — Culture and Formation of Human Tissue Engineered
Myobundles

2.3.1 - Preparation and Culture of Human Myoblasts

Human skeletal muscle samples were obtained through biopsy or surgical waste
under standard Duke University IRB approved protocols. Muscle samples were minced
and processed to isolate human myoblasts. Myoblasts were cultured on matrigel (BD
BioSciences, San Jose, CA) coated flasks using human growth media (HGM) which
consisted of low glucose (LG; 1g/L glucose) DMEM (Gibco Life Technologies, Grand
Island, NY) supplemented with 8% fetal bovine serum (Hyclone), 1x antibiotic-
antimycotic and SkGM Singlequots (Lonza) without insulin or gentimicin. Singlequots
contained solutions of EGF, dexamethasone and fetuin. Myoblasts were passaged with
0.025% Trypsin (Gibco) and allowed to grow to passages 3-4 at 70-80% confluency before
using in experiments.
2.3.2 - Preparation of PDMS Molds and Frames for Myobundle Formation

Myobundles are made using a mold fabricated from polydimethylsiloxane
(PDMS) (Dow Corning) (Figure 11). To create these molds, PDMS is mixed in a 10:1
ratio of base to curing reagent and allowed to degas in a vacuum sealed chamber for 30
minutes to an hour, so that air bubbles are removed. Once air bubbles are removed, the

degassed PDMS is poured over Teflon master molds, and baked in an oven for 60-80
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degrees Celcius for 4-6 hours, or until PDMS is hardened. Once the PDMS is fully cured,
it is peeled off the Teflon master molds in order to produce a negative of the master
molds. These negatives serve as the housing in which the myobundles are fabricated

and grown.

Figure 11: Teflon master mold (left) and corresponding PDMS negative (middle). The
image on the right is the PDMS negative with a frame pinned in place.

To prepare PDMS molds for myobundle formation, they are first sonicated for 45
minutes in ethanol, washed 2x from DPBS and then autoclaved for 20-30 minutes on the
gravity cycle. In addition to this, Cerex frames are prepared and sterilized as well.
Cerex frames sit in the PDMS mold and provide an anchoring for the myobundles, so
they can be cultured under passive tension. To prepare the Cerex frames, they are laser
cut from a large Cerex sheet, and allowed to soak in ethanol for 1 hour at room
temperature. After soaking in ethanol, they are pinned to a PDMS block and sterilized
overnight in a tissue culture hood by exposure to UV light.

After sterilization of the frames and PDMS molds, the molds are soaked in 0.2%

pluoronics solution for about 45 minutes, aspirated and then soak in sterile cell-culture
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water (Gibco) for another 45 minutes. The pluoronics and water treatment prevents the
myobundles from sticking to the PDMS mold, by generating a hydrophobic surface in
the PDMS molds. Next, the cerex frames are individually pinned to the PDMS molds (1
frame per mold), and molds are placed into the wells of a 12 well plate.
2.3.3 — Fabrication of Human Tissue-Engineered Myobundles

To make the tissue engineered myobundles, the myoblasts are encapsulated in a
matrigel/fibrin matrix and pipetted into the PDMS molds and anchored to the cerex
frames. The matrix is generated by mixing a cell solution of 7.5 x 10° cells in 17.2 pl of
media + 2ul of 50 unit/ml thrombin in 0.1% BSA in PBS and combining that with a cold
gel solution consisting of 11 pl of human growth media, 10 pl of Matrigel and 10ul of
20mg/ml Fibrinogen in DMEM. The mixture is pipetted in the PDMS molds and then
fed with 3 ml of HGM supplemented with 1.5 mg/ml 6-Aminocaproic Acid (ACA). The
ACA minimizes fibrinolysis so that degradation of the extracellular matrix of the
myobundle is minimized. After 4 days, remove the myobundles from PDMS molds
with sterile forceps and change to shift media consisting of LG-DMEM supplemented
with 2% adult horse serum (HS), 100uM fatty acids (1:1 oleate to palmitate) conjugates to
0.14% BSA, 1x anti-anti and 100 pM carnitine (Figure 12). The media allows myoblasts
to fuse and form fibers. Feed bundles every other day with 2 ml of the shift media for 1-

2 weeks.
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Figure 12: Image of 2 myobundles in culture. Each are tethered to Cerex frames and
show slight compaction after several days of culture

2.4 — Design of Custom Made Perfusion Chambers
Housing Myobundles for Oxygen Consumption Studies

2.4.1 - Design and Description of Small Volume 80 pl Volume
Perfusion Chamber for Oxygen Consumption Studies

In order to provide a housing for the tissue engineered myobundles during
perfusion, a custom- made chamber needed to be fabricated. Note: graduate student
Brittany Davis designed and fabricated this particular chamber. Milled out of optically
clear cast acrylic (Mcmaster Carr) using a CNC mill, the chamber is depicted in the

figures below:
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Bottom Component

Fluid Reservoir

O-ring

Fluid Outlet

Protrusion

Fluid Inlet

Top Component

Figure 13: Top and Bottom Components of 80 pL perfusion chamber. Key Features of
the 2 halves are denoted
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Assembled Top View

Assembled Top View
with Myobundle

Flow In |

Bubble Trap

Figure 14: (A) Assembled Image of Perfusion Chamber 80pL perfusion chamber. (B)
Assembled chamber with myobundle. Chamber is designed to house a single bundle.

Figure 13 illustrates both components of the 80 pL perfusion chamber. The chamber is
designed to be a “lock and key” device in which the top half with the protrusion fits into
the fluid reservoir of the bottom half. There is an o-ring (Mcmaster Carr) that borders
the fluid reservoir, so that when the two halves are sandwiched together and bolted
down with 4, 8-32 tap flathead screws 1 inch long (Mcmaster Carr) as seen in figure 14,
the contact between the O-ring and the top half seals the fluid reservoir, preventing any
unwanted leakage from occurring. The purpose of the protrusion is to displace fluid
volume. The fluid reservoir is about 2 mm deep and the protrusion height is roughly 1

mm high, with the same width and length as the fluid reservoir. Therefore, when the
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two halves are put together, the protrusion displaces fluid volume, allowing the
remaining volume in the fluid reservoir to be about 80 microliters, when the myobundle
is placed in it (Figure 14). Further, the protrusion helps remove any dead space between
the top of the myobundle and the top half of the chamber. This would allow the bundle
to stay fixed, and reduce the possibility that the bundle moves around during perfusion.

In addition, there is a bubble trap designed at the end of the inlet fluid feeding
channel (figure 14). This is designed to catch any unwanted bubbles from flowing into
the chamber reservoir. It is desirable to catch these bubbles and prevent them from
flowing into the system and sensor, since they could skew or affect the accuracy of
oxygen concentration readings. The chamber is designed so that the inlet fluid channel
perfuses the bundle from the top half and the outlet fluid channel is placed at the bottom
half to allow for the medium to escape. This arrangement allows for proper mixing of
the fluid medium during perfusion and to allow for adequate transport of oxygen and
nutrients to the bundle via diffusion and convection, while minimizing fluid volume
with the protrusion.

The chamber is ultimately designed to house one bundle in it, which is suitable
for the chamber reservoir volume. By choosing such a smaller fluid volume, the
residence time, or the amount of time to fully flush medium from chamber, is reduced.

The residence time is defined as the V/Q (Truskey et al) where V is the volume of the
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chamber reservoir and Q is flow rate into the chamber?. This plays an important role in
considerations on mass transport limitations and determining ideal flow rates through
the chamber to avoid mass transport limitations of oxygen distribution to the

myobundle.

2.4.2 - Design and Description of 1 ml Custom Made Perfusion
Chamber for Measuring Oxygen Consumption Under Basal and
Exercise Conditions

In order to incorporate electrical stimulation and exercise the myobundle during
perfusion, a new perfusion chamber needed to be designed. The key difference between
a new chamber to accommodate simulated exercise, is the inclusion of electrodes in the
chamber. The following two figures illustrate the design of the chamber to

accommodate electrical stimulation (Figures 15 and 16).
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[ pomspost | | Electrodes

Figure 15: (A) Top and bottom halves of perfusion chamber for electrical stimulation.
(B) Close up view of bottom half, with electrodes and other features noted.

Silver Epoxy Bond
(Encapsulated in PDMS)

Figure 16: (A) Image of assembled chamber for electrical stimulation. (B) Assembled
chamber with 2 myobundles inside between electrodes

The design of the chamber is similar to that of the 80 pL chamber, but the volume was

increased to fit the electrodes and PDMS posts were added to pin the myobundles in the
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reservoir. The electrodes used are carbon flat electrodes (BMK designs), and are about 20
mm in length, 3 mm in height and 1 mm in thickness. The working distance between
electrodes is about 10 mm.

The electrodes size ensures that there is a level of charge density to stimulate the
entire length of the bundles, providing effective electrical stimulation during the
experiment. The electrodes are connected to the wires, via a conductive silver epoxy,
which is encapsulated in PDMS to prevent any possible leaching of silver into culture
medium that is perfused into the chamber. Channels are drilled into the sides of the
chamber (diameter ~ 1/8 inch) to thread the wires into the chamber and allow them to
make a connection with the electrodes and sit within the chamber. PDMS is filled in the
side holes to prevent leakage around the wires coming out of the chamber. The other
end of the wires connects to a clip (Molex), which interfaces with a constant voltage
grass stimulator (Grass Technologies). Since there is a larger fluid volume, the chamber
is designed to accommodate 2 myobundles, which would require the need for PDMS
posts in the chamber reservoir, so that they could be pinned down without the
possibility of them moving around during the perfusion. The chamber uses wingnuts
(Mcmaster Carr) in addition to flat head screws, to bolt the two halves of the chamber

together.
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The fluid inlet and outlet channels are in the bottom half of the chamber in this
design — this was made due to convenience of fabrication. The 1 ml chamber is an initial
prototype, which would be iterated and developed into a generation II chamber which
will be later presented. The 1 ml reservoir volume affects the residence time of the
chamber, tc (t=V/Q where V. is the chamber volume and Q is the flow rate). This has
implications upon which particular flow rates needed to avoid mass transfer limitations

with oxygen transport to the myobundles.

2.4.3 - Design and Description of 450 pl Custom Made Perfusion
Chamber for Measuring Oxygen Consumption under Basal and
Exercise Conditions

The design of the 450 pL perfusion chamber for measuring oxygen consumption under
basal and exercise conditions is a fusion of the 80 uL. chamber and 1 ml chamber design

(Figures 17 and 18).
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Protrusion

Figure 17: (A) Top and bottom half of chamber. (B) Close up of bottom half

Bubble Trap

Figure 18: (A) Assembled Chamber. (B) Assembled Chamber with 2 myobundles
attached
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The key features of the 80 micro-liter chamber that are incorporated in this iteration of
the electrical stimulation chamber, are the bubble trap, protrusion for displacement of
fluid volume in the chamber reservoir, and O-ring groove for preventing leakage. The
fluid inlet channel is on the top half of the chamber and the fluid outlet channel is on the
bottom half of the chamber. The key features of the 1 ml chamber that are present in this
iteration are the side ports for wire, electrodes for stimulation and PDMS posts for
pinning muscle. Similar to the 1 ml chamber, the electrodes are also fixed in place using
PDMS. The main difference here, is that the fluid volume of the reservoir is about 450
microliters, almost half of that of the previous iteration. This reduction in volume allows

for a shorter residence time relative to the 1 mL chamber, with a given flow rate.

2.4.4 — Assembly and Preparation of Custom Perfusion Chambers
for Oxygen Consumption Studies under Electrical Stimulation

To prepare the electrical stimulation perfusion chambers for studies, the
electrodes need to first be prepared before placement into the chamber/s. To accomplish
this, the following protocol is taken:

1. Cut about 25 mm length of electrode from long carbon fiber rod, using scissors or
wire strippers. 2 electrodes are needed per chamber.
2. Mix conductive silver epoxy in a 1:1 ratio and apply it to about 3-4 mm on one of

the ends of each of the two electrodes.
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Take a 15 cm 22 gauge stranded wire (Mouser) piece, and strip one end about 4
mm in length and place it on the silver epoxy on the electrodes. Use two
different colors to indicate which electrode would be connected to the positive or
negative terminal of the stimulator. For example, one could have red wire
epoxied to one of the electrodes and then black wire on the other electrode. Cure
at room temp for 24 hours, or place in oven at 65 C for curing time of around 30
minutes.

Once the silver epoxy is cured, strip the other end of the wires and crimp a pin
connector to each end (Molex) and insert into a connector (Molex), so that it is
compatible with a stimulator.

Place two completed electrodes in the chamber by sliding each one into a side
channel and pour cured, degassed PDMS (10:1 ratio, Dow Corning Sylgard). To
prevent electrodes from moving as the PDMS cures, place a spare block of PDMS
on top of the electrodes to prevent movement. It is important that the electrodes
stay in place during the curing process, otherwise the electrodes will be
misaligned. Place the chamber in the oven at 65 C degrees for 4 hours to allow
for the PDMS to cure. To prevent PDMS from occluding the channel, the O-ring

groove and the screw holes, place A 1-2 mm rod in the fluid feeding channel, a
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spare O-ring in the O-ring groove and metal 8-32 screws in the tapped screw
holes.

6. After the PDMS cures, take a scalpel and cut out the PDMS in between the
electrodes, being careful to allow the silver epoxy and any unnecessary dead
space to be filled with PDMS.

7. Once the PDMS is removed, cut a slice of PDMS and adhere it to the bottom of

the chamber using liquid PDMS.

2.4.5 — Alternative Methods for Fabricating Perfusion Chambers

Rapid prototyping with 3D printing was also attempted; however, the 3D
printed chambers were not reusable, which would necessitate making new ones with
each experiment. This would result in a significant amount of time spent preparing
chambers for experiments. Further, 3D printed parts are porous, and are not reliable
with preventing leaks, even with acetone vapor treatment to fuse the layers together.
Other electrodes were investigated to further reduce fluid volume. 1 mm diameter steel
rods were tested in place of 3 mm carbon flats to see how they could stimulate muscle.
The results were inconsistent, and the steel rods generated massive air bubbles (Figure
19). The cause of these air bubbles could be due to the fact that the Grass Stimulator did
not provide an ideal biphasic waveform, thus providing the possibility that some partial

hydrolysis could occur. The formation of air bubbles in these chambers may lead to
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inconsistent oxygen readings and were not pursued as the electrode of choice for further

experiments.

Bubbles |

Figure 19: (A) Air bubbles in chamber after stimulation and 3 pL/sec flow. (B) Air
bubbles in chamber after 9 pL//sec flow.

It is very possible that the formation of air bubbles in these chambers lead to inconsistent
oxygen readings with steel electrodes, thus these 1 mm steel rods were not pursued as

the electrode of choice for further experiments.

2.5 — Measurement of Contractile Force after Exercise of
Myobundles

After exercising the myobundles and measuring oxygen consumption, active
contractile force was determined. Single myobundles on a Cerex frame were placed
between carbon electrodes in a small 6 ml polycarbonate bath filled with warmed 37 C

cell culture media. One end of the bundle was secured to an immobile PDMS block with
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a small pin, and the other end was pinned down to a PDMS float connected to a force
transducer (WPI). The frame was cut to allow for movement of the myobundle during
stimulation and testing. The force transducer is mounted on a motorized linear actuator

so that the myobundle can be stretched before electrically stimulating it (Figure 20).

L
2B
t

" PDMS Float

Figure 20: Image of myobundle pinned for force testing. The bundle is stretched via
its connection to the force transducer and electrically stimulated by the carbon
electrodes.

To test the contractile force of the myobundle, the bundle is first stretched to

115% of its length. Then the twitch force of the bundle is measured by applying a single

5 millisecond rectangular pulse to the bundle. The bundle is stimulated at 100V, 1 Hz,
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with a monophasic regimen. The readout of the electrically stimulated contractile force
is displayed on a custom-made LabVIEW program. After measuring twitch, the tetanus
force is measured by sending a train of continuous pulses to the bundle (20 pulses, 20
Hz) at 100 V with a monophasic regimen. The maximal contractile force is determined
from this, by noting the peak contractile force and subtracting this from the baseline
force value. This procedure is repeated for the bundles stimulated during oxygen
consumption studies and for controls to compare forces and to assess whether or not the

exercise regimen during the oxygen consumption study damages the myobundle.

2.6 — Nuclei Quantification Procedure

In order to determine the number of nuclei within the myobundles after oxygen
consumption studies, an assay using Hoescht dye (ThermoFischer) was utilized. Nuclei
from human myoblasts were used to create a standard curve based on luminescence
readings. Samples of myoblasts at different concentrations are be prepared for this. For
example, myoblast samples ranging from 250,000 cells to 1,500,000 cells are prepared.
To prepare the standards and the myobundles for the assay, the myoblasts and tested
myobundles were washed in a tris buffer saline solution (Gibco) to remove excess
media, and then lysed in a 9:1 ATL buffer/Proteinase K solution (Qiagen). The solution
breaks down the myoblasts and myobundles so that the nuclei are exposed in solution.

The lysed myoblasts and myobundles are then mixed with Hoescht dye mixed in a Tris
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buffer saline solution in a black 96 - well plate to prevent any light from affecting the
dye. The plate is then spun down at 1000 RPM at 5 minutes, to remove any excess
bubbles that may occur during the pipetting process. Afterwards, the samples are
incubated for 5 min at room temperature and then brought to a plate reader to take
readings. The excitation wavelength is 350 nm and the emission wavelength is 486 nm.
After obtaining the readings, the nuclei of the bundles were quantified by comparing the
readings of the linear standard curve to readings of the myobundles.

Ultimately, myobundles should be lysed after oxygen consumption studies, and
nuclei should be taken within a week. Standard curve samples can be used for up to six

months.

2.7 — Computational Model

In order to assess the accuracy of the experimental oxygen consumption results,
a computational model was generated using a three-dimensional finite element method
approach in COMSOL. Briefly, the model incorporates oxygen and momentum
transport within the small volume 80 micro-liter perfusion chamber. Cell culture
medium was modeled as an incompressible, isothermal Newtonian fluid, and the
myobundle was considered to be porous in the simulations. Oxygen transport was
described via the general form of the conservation of mass for dilute solutions in an

incompressible fluid at steady state:
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0 = DgzV?Cop —u* VCy + Ry 3)
In this equation, Coz is the oxygen concentration, Doz is the diffusion coefficient of
oxygen, Roz is the reaction rate and u is the velocity field?. The oxygen consumption
rate Roz is assumed to follow Michaelis-Menten kinetics?.

R _ (Rmax*Co2)
02 —
(Km+602)

(4)

Here, Rmax is the maximum reaction rate under basal conditions, and Km is the Michaelis

constant. During computational simulations, the Rmax values were determined via the

O2K OROBOROS system, and the Km was found from the literature (Truskey et al)?.

Ultimately, oxygen consumption rate was determined by taking the product of the

oxygen concentration difference between the chamber inlet and oulet and the flow rate.
Oxygen Consumption Rate (OCR) = Q*(Cin - Cow)  (5)

Note that the computational work was completed by Brittany Davis, a graduate student

collaborating on this project.

2.8 — Procedure and Assembly of Perfusion Experiments

2.8.1 — Calibration of Oxygen Sensors

According to PreSens, the sensors can be calibrated using a two-point calibration,
by perfusing the sensors with humidified air, and then humidified nitrogen gas. The

humidified air treatment is known as the cal 100 of the calibration, and the humidified
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nitrogen gas treatment is known as the cal 0 of the calibration. To begin the two-point
calibration, connect the proper connections described in section 2.1. The line adaptor
should be connected to the EOM and outlet plug, the R52322 cable should be connected
to the EOM and the computer with LabVIEW software and the fiber optic cable of the
sensor should be connected to the EOM.

With the connections secured, the LabVIEW software should be opened and data
points should be logged. Next, take an air pump and connect it to a glass bottle with
water. The air pump should be connected to Tygon tubing and the tubing should thread
through the cap of the glass bottle. The end of the tubing should have an air stone
which should be immersed in the water in the glass bottle. The air is bubbled through
the solution, producing humidified air. The glass bottle should be placed on a stir plate
and a stir bar should be placed in the bottom of the glass bottle to allow for adequate
mixing. The humidified air generated in the glass bottle flowed through tygon, oxygen
impermeable tubing (Cole Parmer) and then past through the sensor, which was
connected to the Tygon tubing.

Typically, it takes 30-40 minutes to register a stable signal on the LabVIEW
program for the cal 100 measurement and about 15-20 minutes to register a stable signal
for the cal 0 measurement. Cal 0 measurements can be performed after cal 100. Simply

detach the air pump and connect the glass bottle with water to a tank of nitrogen gas
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and perfuse humidified nitrogen gas to the sensor. A stirbar is not needed in this portion
of the calibration, since the nitrogen gas is completely oxygen free and will cause the
sensor to reach its minimum reading. Two sample phase traces of the cal 100 and cal 0

data are shown below:
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Figure 21: Sample Trace of cal 100 calibration points
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Figure 22: Sample trace of cal 0 calibration points
The phase values are inversely proportional to the oxygen concentrations, thus the cal 0
calibration should have higher phase values than the cal 100 calibration. Once the
calibration values are taken, be sure to have them saved, as they will be needed for
processing of the experimental data. Not only that, take the temperature of the fluid
right after each calibration by placing a thermometer in the glass bottle and recording
the temperature. Take note of these temperatures since they will also be used in
processing of the experimental data. The oxygen concentration is sensitive to differences
in temperature, thus it is important to record the temperatures during the calibration

procedure.

2.8.2 — Assembly of Perfusion Circuit with Chamber and Sensor
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Once the calibration has been completed, the sensor can be placed aside, and the
perfusion circuit can be assembled. The following is a basic diagram of the major
components of the circuit. Components may change depending if electrical stimulation

is incorporated.

\ | Outlet
Inlet Reservoir .
Reservair

‘ Peristaltic Perfusion Oxygen

Pump Chamber Sensor

Figure 23: Block diagram of key components in perfusion circuit.

To begin, warm an aliquot of shift media (LG-DMEM + 1% anti-anti + 2% Horse
Serum + 0.1% Insulin). The volume needed will depend on the experiment, the flow
rates used, and the duration of the experiment. Fluid medium is not recirculated in the
experiment, to prevent any possible feedback effects during oxygen concentration
measurements. To estimate the amount of media needed multiply the flow rate of the
perfusate by the duration of the experiment. For example, to perfuse at 3 microliters/sec
for 4 hours, (240 min) * (0.180 ml/min) = 43.2 ml of medium is needed. It is best to add a
bit more, in case the experiment runs longer than anticipated.

With the media warmed, the perfusion circuit can now be assembled.

Approximately ~30% of the warmed media should be added to the inlet reservoir of the
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perfusion circuit. The rest should be added when the circuit it fully assembled. Keep
the remainder in the water bath until the circuit is assembled. The peristaltic pump
(Instech) should be run and Tygon tubing leading from the inlet reservoir to the pump
should be filled with media. During this process, invert the pump to avoid any
formations of air pockets or air bubbles in the pump tube set, which could dislodge and
flow into the perfusion chamber and sensor. A peristaltic pump (Instech, P-720 low flow
pump) was chosen over alternatives such as a syringe pump, because of size
considerations and ease of assembly and integration into the perfusion circuit.

Fill with media the tubing passing through the pump, the Tygon tubing
connecting the pump to the perfusion circuit and the bubble trap. Next, the pump is
stopped and the bundles are placed in the chamber. For the 80 uL design pipet about
100 microliters of fluid volume and then connect the top chamber to the bottom chamber
and hold tightly as the top is bolted down to the bottom. For the 1 mL and 450 pL
chambers, place two myobundles side by side, between the electrodes and on top of the
PDMS posts. Next, cut a pin to about 2 mm in height and pin the bundles down
(pressing the pin/s into the frames and into the PDMS posts). Each bundle should get
one pin to fix in place.

Once bundles are securely pinned, add about 500 microliters of media, screw the

top half of the plate and ensure that it is pressed down firmly. If not, air will enter the

46



chamber, and the process will need to be repeated until the air is fully removed. Once
the chamber is assembled and media flows to the outlet jar, the sensor can be inserted. It
is inserted down-stream of the perfusion chamber, so that the outlet oxygen
concentration can be measured. To accomplish this, take a razorblade or scalpel and cut
the Tygon tubing down-stream the perfusion chamber. Insert one end of the sensor to
the tubing still connected to the chamber and the other end of the sensor to the tubing
leading to the outlet jar.

With the sensor inserted, the components of the circuit can be placed in their
proper positions either inside or outside the incubator, based on experimental design. If
the flow rate needs to be changed during the experiment, then it is best to place the
pump outside the incubator, so the flow rate can be manually changed. If not, the pump
can be placed inside the incubator. If the pump is placed outside, then be sure to have an
extra - long piece of Tygon tubing connecting the pump to the chamber, to ensure that
the media reaching the chamber is sufficiently warmed up. To determine proper length,
calculations involving the residence time in the tubing and flow rate can be used. If
electrical stimulation is implemented, the chamber will need to be connected to the
electrical stimulator, prior to beginning the experiment. The following block diagrams
(Figures 24 and 25) illustrate which components should sit inside or outside the

incubator
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Figure 24: Diagram of component placement if flow rate is to be changed with
measuring outlet concentration. Yellow indicates tubing and orange
indicateselectronic connection
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Figure 25: Diagram of component placement with electrical stimulation for outlet
concentration measurement. Note, it is best to not change flow during electrical
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stimulation experiments, thus the pump is in inside. Yellow indicates tubing, orange
indicates electronic connection.

If the inlet concentration is desired after measuring outlet concentration, the perfusion
circuit will need to be altered. To do so, remove the perfusion chamber and directly

connect the pump to the sensor and measure the inlet concentration (Figure 26).

Inside
Incubator
Inlet
Reservoir Outlet
] Reservoir
Pump

Sensar |

EOM/Computer

Figure 26: Diagram of component placement with inlet concentration measurement.
Yellow indicates tubing, orange indicates electronic connection.

2.8.3 — Procedure for Perfusion Experiments

With the perfusion circuit assembled and oriented properly in and/or out of the
incubator, the following protocols can be used to measure data for basal respiration, and
respiration under exercise.

For basal respiration:
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1. Perfuse chamber and measure outlet concentration at a particular flow rate. Wait
about 45 -60 minutes for the signal to stabilize. Be sure to choose the logging
option when recording the data

2. If flow is to be varied, change the flow rate after the signal stabilizes at the
previous flow rate.

3. Once outlet concentration(s) have been measured, measure the inlet
concentration, with the circuit in the layout shown in Figure 26. Wait 45 minutes
to an hour for the signal to stabilize. Be sure to log this data. If multiple flow
rates were used during the outlet concentration measurements, then the inlet
concentrations will need to be taken at those rates as well.

For Exercise Consumption:

1. After the outlet concentration is taken for the basal measurement, turn on the
electrical stimulator. The grass stimulator is used for experiments, a constant
voltage stimulator. The regimen used consists of 100V, 5 millisecond pulses, 5
Hz, with a 50 ms delay in between each trains of pulses, with the biphasic
setting, to minimize electrolysis and bubble formation. The stimulation should
occur for 30 minutes to an hour.

2. Once the stimulation is over, turn off the stimulation, and allow the oxygen

concentration to rise.
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3. Measure inlet concentration as described for basal respiration.
During the entirety of these experiments, it is important to not open the incubator door,
as this can disrupt the oxygen concentration readings. Opening the door changes the
amount of oxygen in the incubator, which can affect the stability of the oxygen readings.
The incubator door should only be opened when the switch to the inlet concentration
measurement is made. Finally, caution should be taken when threading the sensor
connection to the EOM out of the incubator. If one is too forceful with closing the

incubator door, the connection could break, permanently damaging the sensor.

2.8.4 — Post Experiment Data Processing

The following steps must be first taken, regardless of whether basal consumption
or exercise data is being calculated.
1. Open the logged cal 100 data and take the average of the last 20 points. Do the
same with the cal 0 data. Input the data into the PreSens excel analysis sheet
(provided with the sensors). These calibration points, along with the temperatures
recorded are critical in determining the oxygen concentration values. The sheet will
correct the experimental data and provide the actual oxygen concentrations that

correspond to the recorded experimental phase data.
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2. Enter the phase data for the inlet concentration, and save the corresponding

oxygen values that should appear. Repeat for the outlet concentration (with or

without electrical stimulation). Save the data.

3. Plot the inlet concentrations and plot the outlet concentrations on the same plot.
At this point, there should be a plot with inlet concentration and outlet concentration for
a particular experiment. To determine the basal consumption rate, the following figure

demonstrates the steps needed to be taken:

Step #1: Average final 20 points of inlet
concentration readings and divide 190 umol/L
by the averaged value:

190 umol/L

Cinlet

This will serve as a correction factor multiplied
by the outlet concentration to determine the
proper outlet concentration, Couttet.

Step #2: Average final 20 points of outlet
concentration readings and multiply by
correction factor described above.

190 umol/L

Cinlet

* Loutlet = Coutletcorrected

This is the corrected outlet concentration used to
determine basal consumption.
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Step #3: Multiply the flow rate (uL/sec) by the difference
of 190umol/L and the corrected outlet concentration to
obtain basal respiration rate. This flow rate should be
the same flow rate used for both inlet and outlet oxygen
concentration measurements.

pumol

Basal OCR = Q (190 L Coutlet corrected )

Figure 27: Flow Chart for determining basal
consumption

To find the consumption rate of the electrodes during electrical stimulation the following

figure demonstrates the necessary steps:

Step #1: Find the initial slope of the outlet concentration
at the onset of electrical stimulation (usually within the
first 5 minutes of stimulation).

Multiply this slope by the volume of the chamber
reservoir. Then multiply by the ratio of 190 and the first
concentration of the initial slope (C1) to yield the
consumption rate of the electrodes:

umol
L
Cq

190
Riiecirodes = (Slope x Chamber Volume) *
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Step #2: Identify the oxygen concentration after 30 minutes of
stimulation, and multiply by the correction factor described in
Step #1 of figure #30 to get the corrected outlet concentration with
electrical stimulation Cyytiet corrected stim- Apply step #3 and
subtract Rgjectrodes tO get the consumption rate at exercise.

. ol
Exercise OCR =Q * (190 ”"; — Coutlet corrected stim) - RElectrodes

Figure 28: Flow Chart for calculation of the oxygen consumption rate during electrical
stimulation

Chapter III — Results

3.1 - Issues with Flow through Oxygen Sensors

3.1.1 — Pressure Sensitivity of Oxygen Sensors

After extensive usage of the flow through sensors from PreSens, several issues
were identified. One of these issues is the sensitivity of the flow through oxygen sensors
to changes in pressure or flow. Oxygen consumption through the perfusion chamber is
calculated via the following equation:

OCR = Q(Cin — Cout)
where Q is the volumetric flow rate, Cout is the concentration at the outlet of the chamber
and Cin is the concentration at the inlet of the chamber. In the absence of any
myobundles and electrical stimulation and the perfusion chamber is sealed, a change in

the flow rate should not yield changes in the outlet concentration, since there are means
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to remove oxygen. However, changes in the flow rate in this scenario created slight

changes in the outlet concentration as seen in Figure 29:

Outlet Concentration vs Time [min)
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Figure 29: Image of outlet oxygen concentration with a change in flow rate, with no
myobundles in the chamber. Cell culture media perfused through.

As seen in the above trace, a change in flow rate seems to create a change in outlet
concentration, even though it should not in this scenario. An increase of almost 20
umol/L occurred, which is a significant amount. After discussions with PreSens, it
appears that the sensors can be sensitive to pressure changes that induce changes in flow
rate. In order to account for this unexpected behavior, inlet concentration needs to be
taken at the same flow rate as the outlet concentration, with the same sensor. This

would ensure that the pressure effects would be accounted for in both Cin and Cout.

3.1.2 - Oxygen Reading Inconsistencies Amongst Sensors
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Another issue is the observation that two sensors will give different dissolved
oxygen concentration readings, after calibration while under identical conditions. This
phenomenon was apparent when perfusing both sensors in series with water
supplemented with varying concentrations of sulfite, a known oxygen scavenger that
consumes dissolved oxygen in solution. Experiments using a syringe pump and

differing concentrations of sulfite illustrate this (Figure 30)

Oxygen Concentration vs Time
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Figure 30: Response of 2 sensors perfused in series with sulfite + water solutions.
Increasing concentrations of sulfite are given, until all oxygen is consumed at 62.5 mg
of sulfite. Note: the spikes seen are due to syringe changes when new, increasing
solutions of sulfite were perfused.

The sulfite consumes oxygen in the water and both sensors detect this change in oxygen,
however, each sensor gives different oxygen concentration readings. The only
consistent reading between both sensors is when 62.5 mg of sulfite in solution are given,

and the oxygen concentration is completely depleted and this reading is shown with
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both sensors. Despite extensive discussion with PreSens and confirmation from the
company that the experimental setup was correct, the reasoning for this inconsistency
could not be identified. Therefore, in order to eliminate this problem, the same sensor
was used in the experiment to measure inlet and outlet concentrations, as described in
section II. The experiment is more user friendly with using only one sensor at a time.

Thus, only one sensor is used with each oxygen consumption experiment.

3.1.3 — Correction Factors to Account for Oxygen Concentration

values Differing from Solubility

Another major issue affecting the sensors, is the fact that they would sometimes
provide oxygen concentrations for medium samples that did not seem realistic, or
consistent. For example, flowing cell culture medium through a particular sensor at one
flow rate could yield a range of steady state oxygen concentration values on different
days. These values ranged from 200 pmol/L to almost 500 umol/L. These
inconsistencies yielded basal oxygen consumption results that did not seem plausible or
realistic, when applying the equation for oxygen consumption rate (OCR):

OCR = Q*(Cin — Cou)
One possible reason for these inconsistent readings could be the two-point sensor
calibration that was suggested by Presens. As mentioned earlier, the two-point

calibration involves perfusing the sensor with humidified air for cal 100, then
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humidified nitrogen gas for cal 0. However, the range of oxygen solubility values in cell

culture media are on the lower end of the calibration curve as seen in the figure below:

2 point Calibration Curve
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Figure 31: The graph above depicts the oxygen concentration values of humidified
nitrogen gas (cal 0) and humidified air (cal 100). The literature values of oxygen
concentration in media lie in the red box seen near the lower end of the curve.

The calculated value of oxygen concentration in humidified air (cal 100) is about 8 mM
and oxygen concentration in cell culture lies at a much lower range of values. Since the
calibration only includes 2 points, small fluctuations in calibrating the sensors between
different days could dramatically skew the calculated values of oxygen solubility in cell
culture medium.

In order to account for inconsistencies in oxygen concentration of the culture

medium, a method to correct the data was devised. This method (mentioned in section
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IT), involves setting the inlet concentration Cin to 190 pmol/L and using a correction

190 umol/L

factor of where Cinlet measured is the concentration by the flow through oxygen

inlet measured

sensor. The correction factor is multiplied by the measured outlet oxygen concentration
to scale the values to a level that is reasonable. The values of 190 umol/L and the
corrected outlet concentration are then used in the equation for OCR. The value of 190
umol/L was obtained using data from Tranquillo et al?® and represents the value of
dissolved oxygen in cell culture media at 37 C in equilibrium with air. This is obtained
using Henry’s Law, which states that the concentration of gas dissolved in liquid is
linearly proportional to the partial pressure of gas when it is in the vapor phase.
Mathematically, this is shown here:
H*Cliquid = Pgas (6)

where H is a proportionality factor for a particular gas dissolved in select liquids, Ciiquid
is the concentration of the gas in aqueous species and Pgas is the partial pressure of the
gas in the vapor phase. For cell culture medium at 37 C, H is equal to 1.08
(atm*L/mmol)®. Therefore, the concentration of oxygen dissolved in cell culture media
should be:

Co2=(0.21 atm) / (1.08 atm*L/mmol) = 190 umol/L
The results from this correction then provided much more plausible results that were

comparable to oxygen consumption rates seen with the O2K OROBOROS system, a
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commercially available respiration measurement system that has been well vetted and
validated for accuracy.

In addition to the basal consumption values, corrections were applied for oxygen
consumption by electrodes during electrical stimulation to simulate exercise conditions

(Figure 32).

Oxygen Concentration vs Time
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Figure 32: Sample trace of outlet concentration from perfusion chamber with electrical
stimulation, in the absence of myobundles. Stimulation leads to
reduction/consumption of oxygen in culture media

In order to correct the metabolic uptake rate for electrolysis by the electrodes, a
mass balance was applied to a perfusion chamber loaded with myobundles and
stimulated electrically at t=0 after allowing oxygen uptake to reach steady state (Figure

33).
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Perfusion
Chamber
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Figure 33: Mass balance of perfusion chamber, assuming myobundles and electrodes
in chamber.

Figure 33 illustrates a mass balance of the perfusion chamber, assuming bundles are
contained in the chamber and stimulation occurs. V in the equation refers to the volume
of the reservoir in the perfusion chamber, dC/dt refers to the instantaneous change in
oxygen concentration. Q refers to volumetric flow rate, Cout refers to outlet
concentration, Cin refers to inlet concentration, O2 Metabolism is the oxygen
consumption due to the myobundles (moles/sec) and Reiectrodes (moles/sec) is the
consumption rate due to the electrodes. At a steady state value of Cou (typically reached
in about 45 — 60 minutes), and with no electrical stimulation during that time period, the
term Q*(Cout - Cin) should be equal to the O2 metabolism term, and thus the two terms
cancel out, leaving the following relation for the change in oxygen concentration after

onset of electrical stimulation::
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dC
FI = —REtectrodes
)

The Relectrodes term is zero, in the absence of electrical stimulation. However, upon the
electrical stimulation is turned on, the Reiectrodes term is nonzero. In the first few minutes
following the onset of electrical stimulation, we assumed that the myobundles do not
immediately respond before they begin to consume more oxygen in response to the
stimulation. With this assumption, the change in oxygen concentration at the onset of
electrical stimulation is due to the electrodes. Thus, the term Retectrodes is equivalent to the
V(dC/dt) term in the above equation. dC/dt is the rate of change in oxygen with respect
to time, and this would be equivalent to the slope (m) of the outlet oxygen concentration
trace, in the first few minutes of electrical stimulation (the onset of stimulation).
However, this slope needs to be corrected for the difference between the initial oxygen
concentration and the true solubility in culture media. The following steps were used to
correct m, the slope of the outlet oxygen concentration trace during the first few minutes
of electrical stimulation:

e Step #1: Assume Ciis the measured oxygen concentration at the onset of

electrical stimulation, and Cz is the measured oxygen concentration a few

minutes after electrical stimulation has started. m (or the slope of the outlet
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oxygen concentration trace in the first few minutes of electrical stimulation) is

defined as:

C—Cy _
nn-m  ®

where t2 is the time at C2 and t1 is the time at Cu.

e Step #2: Set C1 to 190 umol/L. The corrected Cz is C2 corrected =
(190/Cy) * C;
199 4 ¢,~190

C1

e Step #3: The corrected slope is then M corrected = 9)

Atime

e Step #4: Applying the definition of Cz corrected (Step #2) to step #3 and factoring 190

(g—z— 1)*190

leads to the following expression: (10)

Atime

e Step #5: Factoring out Ci from step #4 would lead to the following expression

190
M corrected = m*C_ a1y
1

Thus, multiplying the slope (m) by the correction factor (190/C1) lead to the corrected
slope. The corrected slope is then multiplied by V, the volume of the chamber reservoir
to provide the Relectrode term. The Reectrode term was assumed to be constant throughout
the application of electrical stimulation. Reetode is then used to obtain the exercise
oxygen consumption rate of the myobundles, without the contribution of the oxygen

consumption due to electrodes.
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3.1.4 — Recovery of Oxygen Concentration after Electrical
Stimulation

One final issue that arose during experiments, was the fact that the oxygen
concentration of the fluid medium either did not recover to baseline levels prior to
electrical stimulation, or took far too long to do so. An example of this can be seen in the

figure below:

Oxygen Concentration vs Time (Q = 3ul/sec)
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Figure 34: The above figure is a trace (blue) of the outlet oxygen concentration before,
during and after electrical stimulation (Cout). The oxygen concentration is measured
as it leaves the perfusion chamber, which houses myobundles. After stimulation, the
oxygen concentration is measured as it undergoes recovery. The trace (orange) above
the Cout is the oxygen concentration of the media entering the perfusion chamber. It

is measured after measuring Cout.

From the above figure, there is a drop in the outlet oxygen concentration as electrical
stimulation is turned on. This is expected since the myobundles should be consuming

more oxygen as stimulation occurs, and there is the oxygen consumption due to the
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electrodes. However, once the stimulation is turned off, the outlet oxygen concentration
signal does not consistently recover to the oxygen concentration level prior to the onset
of stimulation, or it takes far too long (over an hour). Due to this inconsistency in
oxygen recovery, experiments with myobundle oxygen consumption under electrical
stimulation are limited to a single flow rate. Ideally, the oxygen concentration would
recover back to the level before electrical stimulation at a reasonable time period. Since
this does not happen, changing the flow rate after electrical stimulation and
subsequently measuring oxygen consumption would not only be more time intensive, it

could lead to incorrect oxygen consumption values.

3.2 — Basal Respiration of Myobundle under Perfusion in 80pL
Chamber

In order to determine proper parameters during perfusion experiments, a
computational model of oxygen transport was implemented and performed by former
graduate student Brittany Davis. The model implemented characteristics of the
perfusion chamber, the directionality of the flow pattern, and took into account the size
of the myobundle and its physical characteristics such as porosity thickness, as

referenced in section 2.7. Other relevant model parameters are shown:
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Table 1: Relevant Parameters in Computational Model (described in Section 2.7)

Farameter Value or Equation Description Reference

Chamber and Myobundle Dimensions

At smal 1 [mm)] Cross-sectional area of basal perfusion chamber inlet Mleasured

Minier_ES 1.5875 [mm] Cross-sectional area of electrical stimulation Mleasured
perfusion chamber inlet

C5A 1.102 x 10F [m?] Cross-sectional area of representative myobundle Beleasured

L 5.3 x 10 [m] Thickness hleasured

Volume C5A™ Volume of myobundle

Fluid transport palies

Q 0.25-100 [uLia] Flow rate Optimized

Wiskes 0 Airien Inlet velocity

o 1,000 [kg/m?] Media density (Truskey, 2004)

Cxygen transport talues

Fpami =24.09+1.93 [pmaolys] Average basal reaction rate O2k systern measured
Rrccr -51.69£2.31 [pmalis] Average FCCP-induced reaction rate 02k systern measured
Fsus Raial Erse/Volume Basal respiration maximum reaction rate Measured

R P Rrccr/Volume FCCP-induoed madmum reaction rate Mleasured

K 133 x 10F [modm7) Michaelis constant (Truskey, 2004)
DO2_musche 2.0 x 10 [m¥s] Diiffusion coefficient of oxygen in tissue {Fournier, 1998)

The model did not have adjustable parameters and the value of Rmax was determined

from the O2K System. The results were used to predict the myobundle oxygen

consumption rate for different flow rates through the chamber. The flow rates modeled

ranged from O pL/sec to 6 pL/sec. In addition, it provided an idea of what flow rates

would best facilitate oxygen transport to the myobundle via convection and diffusion,

and which flow rates would avoid mass transport limitations, thereby to maximal basal

consumption rates.
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Experiments were performed with the 80uL chamber with the flow through
oxygen sensors from PreSens to see how closely the experimental basal oxygen
consumption rates would match up against the model. An 80 pL fluid volume was
chosen to minimize the residence time within the chamber. In these experiments, the
flow rate through the perfusion chamber was varied (ranging from 0.25 pL/sec to 6
uL/sec). Each flow rate was run for 45 minutes to an hour, and then changed. Up to 3
different flow rates were attempted, and oxygen consumption values were obtained.
With increasing flow rate, the outlet oxygen concentration values increased as expected.

Oxygen Concentration (micromaoles/L) vs Time {min)
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Figure 35: Perfusion experiment with varying flow rate from 0.5 to 1.5 pL/sec. Inlet
Concentration shown at 1.5 microliters/sec. Outlet concentrations of oxygen increase
as flow rate increases, as expected. Chamber volume was 80 pL.
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Oxygen Concentration (micromoles/L) vs Time (min)
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Figure 36: Perfusion experiment with increasing flow rates from 1.5 to 6 pL/sec. Inlet
concentration shown at 6.0 microliters/sec. Oxygen concentrations rise as flow rate
increases, as expected. Chamber volume was 80uL.
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Oxygen Consumption Rate (pmol/sec) vs Flow Rate (microliters/sec)
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Figure 37: Plot of Computational and Experimental Myobundle Oxygen Consumption
Rate vs Time

The experimental results range from n = 2-4 myobundles, with data shown as
mean * SEM, and with bundles shifted for 2-4 weeks. Myobundle nuclei were not taken
for these experiments, and thus the myobundles were not normalized with nuclei in this
data set. Values appear to reach a steady value within 45 minutes to an hour for each
flow rate (Figures 34 and 35). Flow rates attempted under experimental conditions,
ranged from 0.25puL/sec to 6.0 uL/sec. The correction method mentioned in section II and
section III was applied to the data processing of the experimental data. Since the values
of the experimental data fall closely to the theoretical, the correction method is also

validated as well, and therefore applied to future experimental results. The agreement
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between the theoretical simulations and experimental data is very good (Figure 37). For
the 80 pul. chamber, flow rates of 1.5 uL./sec or above are at the maximal basal
consumption rates, which is in agreement with the theoretical model. This implies that
that the oxygen transport in the perfusion chamber at 1.5 uL or higher would provide

the myobundle with enough oxygen for respiration.

3.3 — Direct Comparison of O2K System and Perfusion System

To further validate results obtained with the custom-made perfusion system,
experiments were performed in which myobundles were tested in either the
OROBOROS O2K high resolution respirometry system or the custom perfusion system
and oxygen consumption rates from both systems were compared. In these
experiments, 3 different donors were tested and myobundles in each set of experiments
were fabricated by a single person, since variability in technique can affect myobundle
composition. For each donor, 2 bundles were tested in the OROBOROS O2K system and
2 bundles were tested in the perfusion system, and a single donor was tested. Bundles
were tested on the same day, at the same time. The OROBOROS O2K system can test 2
bundles simultaneously, however, the perfusion system (using the 80puL chamber) could
only test bundles one at a time. The flow rate used in the perfusion system was 1.5
uL/sec. After performing the experiments, nuclei from tested bundles in both systems

were lysed so that the nuclei could be determined and used as a normalization factor to
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compare respiration values from both systems. The following figure demonstrates the

results of the comparison:

Comparison of Q2K System Versus Perfusion System

T I I B 02K MW Perfusion

Danor #1 Donor #2 Donor 43

pmol/sec/10°6

nuclail

Oxygen consumption rate

Figure 38: Custom perfusion system compared to O2K system. Data is shown as mean
+/- SEM, with 2 myobundle replicates per donor per device.

The figure above shows the oxygen consumption rates measured with both
systems. A 2-way ANOVA was used to analyze the data. In this case, the dependent
variable is oxygen consumption rate and the factors are donor number and method of
measurement (perfusion or O2K system). The results of the statistical analysis
demonstrated that donor number has an effect on oxygen consumption rate (p = 0.0068),
whereas the method of measurement does not have an effect on oxygen consumption
rate (p = 0.8492). Thus, there is not a statistically significant difference between oxygen

consumption measurements performed by the perfusion and O2K systems. The results
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of this comparison further validate the custom-made perfusion system, and demonstrate
that the custom perfusion system can accurately measure respiration rates of

myobundles under perfusion.

3.4 — Contractile Force Measurements of Myobundles under
Exercise and Perfusion

With the perfusion system and correction methods validated for accuracy, the
next step was to examine the effect of short-term electrical stimulation on oxygen
consumption. The regimen chosen for the experiments in this section, was 100V, 5
millisecond pulses, 5 Hz, with a 50 ms delay between trains of pulses to provide a rest
period. The stimulation was biphasic throughout. The stimulator used was a constant
voltage, Grass stimulator. 100V was used, since that is the voltage used to measure
contractile forces in myobundles during isometric force tests and generates the maximal
force, when bundles are being force tested?. The 5 ms and 5 Hz parameters were chosen,
so that a moderate exercise regime would be used. Previous studies have used up to 10
Hz stimulation??”, and have not led to damage of myobundles or 2D muscle cultures.

50 milliseconds were chosen as the delay, so that myobundles would have a rest period
in between exercise bouts. Previous studies by Khodabukus et al. have used rest periods
as well during chronic stimulation studies, thus serving as a guide for implementing a

rest phase in our exercise regimens. Finally, the biphasic mode was chosen, since it
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minimizes electrolysis in the medium?. The alternative, the monophasic mode,
generates noticeable air bubbles and electrolysis in the culture medium?. This would
have an influence on the oxygen sensors and affect the accuracy of concentration
readings. Previous studies have shown that constant monophasic stimulation can cause
damage of myobundles?.

With the regimen chosen, it is important to assess whether the stimulation affects
force production, and produce a noticeable change in oxygen consumption when the
stimulation is applied. Thus, myobundles were perfused in chambers at 3 pL/sec,
stimulated for a period of time (30 or 60 minutes), then force tested to assess if there is
any damage to the bundle after stimulation. The results of this are shown in Figure 39

for a 1 hour stimulation and Figure 40 for a 30-minute stimulation.
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Figure 39: Active force of bundles after exercise regimen vs controls after one hour
stimulation. n = 2 bundles for each condition. Twitch and tetanus forces measured for

each bundle
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Figure 40: Active force of myobundles under exercise for 30 minutes. Exercise and
control forces were measured, n = 4 for each condition, values shown as mean +/- SEM

From these results, it is clear that 30 minutes of stimulation at the chosen regimen does
not lead to a significant difference in force production, thereby implying that the
regimen applied for 30 minutes is safe for the myobundles. However, at 1 hour, it
appears that the regimen could damage the myobundles or cause fatigue, since the
control forces are significantly higher than stimulated bundles. Thus, for future
experiments, myobundle outlet concentrations at 30 minutes of stimulation would be

considered when determining oxygen consumption rates, under exercise.

3.5 — Basal and Exercise Respiration of Myobundles in 1 ml
Perfusion Chamber
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With the exercise regimen established, a flow rate of 3uL/sec in the 1 ml chamber was

used to test the basal and exercise consumption rates of myobundles (Figure 40)

Oxygen Consumption Rate at 3uL/sec

A ——

Basal Exercise

MNoOow W
v o

Oxygen Consumption Rate
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L]

Figure 41: Basal and Exercise Consumption at Q =3 pL/second. n = 3 replicates (2
myobundles per replicate). Data is shown for individual myobundles that for which
basal respiration was determined followed by respiration following electrical
stimulation for 30 minutes.

The figure demonstrates the consumption rate of myobundles under perfusion then
stimulation. The values are not normalized by nuclei so it is more difficult to make a
clear conclusion, but we can see that the exercise regimen has led to an increase in
oxygen consumption, even though the paired t-test did not indicate a statistically
significant difference (p-value = 0.0514, for an alpha value of 0.05). The fluid volume of
the chamber is 1 ml, which means that is likely that a much higher flow rate would be
needed to avoid mass transfer limitations and attain the maximal basal and exercise

consumption rate.
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3.6 — Basal and Exercise Respiration of Myobundles in 450
pL Perfusion chamber

After testing with the 1 ml chamber, more in depth tests were performed with
450 pL chamber. The chamber volume was lowered to 450 pL so that residence times
would be reduced, and so that mass transfer limitations could be avoided at lower flow
rates. For this particular chamber, two flow rates were tested: 3pL/sec and 12uL/sec. 3
uL/sec was chosen since it would likely be at a flow rate that still had some mass transfer
limitations, whereas 12 uL. would likely overcome those limitations and reach a closer
value to the maximal basal and exercise respiration values. This is based on the
theoretical model for the 80uL chamber. Using a ratio relating flow rate to chamber

volume:

1.5uL/sec X

= (12)

80uL 450uL

Thus, it is clear that 12 pL/sec should be sufficient in overcoming mass transfer
limitations in oxygen transport to the myobundles. This is assuming that there is proper
mixing of the fluid as it enters the chamber. The results are shown in Figures 41 and 42

for 3 uL/sec and 12 pL/sec respectively:
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Figure 42: Basal and Exercise Consumption at Q =3 pL/second. n =4 replicates (2
myobundles per replicate). Data is shown for individual myobundles measured
under basal respiration followed by the exercise respiration.
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Figure 43: Basal and Exercise Consumption at Q =12 pL/second. n = 3 replicates (2
myobundles per replicate). Data is shown for individual myobundles measured
under basal respiration of a single replicate followed by exercise respiration.
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Paired t-tests for the data at Q =3 pL/sec and Q =12 pL/sec yielded significant p-values,
assuming an alpha level of 0.05. The p-value for the data at Q =3uL/sec is 0.0092 and the
p-value for the data at Q =12uL/sec is 0.0477, implying that the exercise oxygen
consumption is significantly different from the basal consumption. However, the signed
rank tests, which was used due to small sample size, did not yield significance. With
these tests, the p-value for data at 3uL/sec was 0.125 and the p-value for data at 12 ul./sec
was 0.250. Despite this, it is still clear that the myobundles exhibited increased oxygen
consumption when exercised. The corrections described earlier in section II and section
III were also applied to these experiments. The myobundles with experiments in both
flow rates were normalized by nuclei, making it clearer to see that the basal respiration
at 3 pL/sec is lower than at 12uL/sec, which was expected. These results indicate that the
mass transfer limitations at the higher flow rate of 12ul/sec are reduced relative to those
3 uL/sec. In addition, the values of basal respiration are comparable to values obtained
via the O2K (Davis et al.) and the exercise respiration values are comparable to values
obtained with FCCP added to myobundles in the O2K?3, a procedure that determines an

estimate for maximal respiration of the myobundle.

Chapter I'V: Conclusion

In this thesis, I successfully fabricated and characterized a novel, custom-made

perfusion system for quantifying the respiration of tissue engineered myobundles. The
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results for basal respiration obtained via the perfusion system were verified via
comparison to a theoretical model developed in COMSOL, as well as a comparison to
the O2K OROBOROS system, a well-established platform for measuring oxygen
consumption in cells and tissues. The custom perfusion system was successfully
modified to incorporate electrical stimulation for measuring the basal respiration rate
under conditions that simulated exercise. As expected, basal respiration rates under the
exercise regimen were higher than the basal respiration rates under resting conditions.
These values were also comparable to values for maximal respiration of myobundles
obtained by Davis et al. in the O2K OROBOROS SYSTEM for the maximal respiration
rate of myobundles following treatment with carbonyl cyanide 4-(trifluoromethoxy)
phenylhydrazone (FCCP), which serves as an uncoupler during mitochondrial oxidative
phosphorylation®. This suggests that the regimen of electrical stimulation is capable of
eliciting maximal respiration, as the bundle is exercised under stimulation. The
incorporation of electrical stimulation adds a key element of novelty to the perfusion
system. Previous work utilizing electrical stimulation has centered on chronic exercise
over hours and even days to improve long term myobundle force production, maturity
and structural organization®. However, to the best of our knowledge, there has not
been work to simulate exercise of myobundles and directly measure respiration in situ

and under perfusion.
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The perfusion system was designed to measure basal respiration while
minimizing mass transfer limitations of oxygen to the myobundles. From experiments
with the 80uL chamber at varying flow rates, the highest basal respiration rates were
achieved at flow rates of 1.5uL/sec or higher, which was consistent with the
computational model. The minimization of mass transfer effects was seen with basal
respiration measured in the perfusion system with electrical stimulation integrated
(chamber volume 450uL). At 3 pL/sec, basal respiration was approximately 18
pmol/sec/10¢cells. At a chamber volume of 450 pL, a flow rate of 3 pL/sec would still
possess mass transfer limitations, based on data from the smaller, 80puL perfusion
system. However, at a flow rate of 12 pul/sec, the basal respiration increased to
approximately 28 pmol/sec/10° cells. An increase seen here is expected, since the flow
rate is 4 times higher, and should be high enough to avoid mass transfer limitations,
based on a chamber volume of 450uL and data from the 80uL perfusion chamber.

Despite the success seen with experimental results, there are several drawbacks
and limitations to the study, with respect to the optical sensors. The optical flow
through sensors, while small to allow for miniaturization of the perfusion system, often
take a significant amount of time (45 minutes to an hour) to reach a steady oxygen
concentration value when perfused with media. There are a couple of possibilities for

this. This may be due to other microscopic components of the culture medium
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interfering with the molecular collision of oxygen with the luminescent dye deposited
on the glass fiber of the sensor. Another plausible reason could be the time to reach
thermal equilibrium in the incubator. At the onset of the experiment, cell culture
medium is warmed to 37 C, however, the medium in the perfusion is likely closer to
room temperature. Therefore, it would take some time for the warmed media in the
inlet reservoir to replenish the media in the perfusion chamber and warm it to 37 C. The
significant time needed for signal stabilization may make the perfusion system less time
efficient than the O2K OROBOROS system. Another drawback is the design of the
sensor used. Even though it integrates easily with the perfusion chamber, the fiber optic
cable connected to the EOM and computer is extremely long and fragile and very
susceptible to damage. One must exert extreme care when using the sensor, so it is not
damaged. Finally, the need to implement correction factors for the data was another
drawback. The two causes for this were unrealistic oxygen concentration readings and a
background signal in the oxygen concentration readings, due to the stimulation by the
electrodes. However, these corrections were validated via the results compared to a
theoretical model and a commercial system, thus implying that the respiration rates
obtained via the perfusion system are plausible and reliable.

One of the major benefits of the optical sensors, is that they are conducive to

miniaturized, microfluidic systems. The gold standard of respiration measurement, the
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O2K OROBOROS system is significantly larger and would not be conducive to a smaller
system, which is desired, as it can lead to reduction in space and thus more experiments
performed in parallel. Another key positive, is that the optical sensors allowed for
successful integration of electrical stimulation in the perfusion system. Stimulation has
not been attempted in the larger O2K system, however, the likelihood of success in
integrating electrical stimulation may be low. The O2K system utilizes the Clark
electrode, and its effectiveness can be interfered with by the presence of an external
electric field, such as one created during electrical stimulation'.

Future work could be done to optimize the perfusion system. One area of
improvement could be the exercise regimen chosen. The parameters used, with a 30-
minute stimulation period lead to an increase in oxygen consumption with myobundles
exhibiting similar forces to controls, kept statically. However, stimulation for an hour,
lead to significant reductions in contractile force, implying that the regimen could be
damaging to the muscle over longer periods of time. This could be attributed to the
electric field generated. Previous studies have indicated that an electric field above 5
V/mm could be damaging to tissue?. The electric field implemented in our studies is
about 10 V/mm, since this is what has been used previously in studies in our lab for
measuring maximal contractile force in muscle. To improve upon this, work could be

done to find another regimen that elicits exercise, a noticeable change in oxygen
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respiration and reduced damage to myobundles during long term stimulation. Another
area of improvement could be further miniaturization of the chamber for electrical
stimulation and reduced fluid volume. The current volume is about 450 uL but it could
be reduced if smaller electrodes were used. However, experiments to ensure safe and
efficacious stimulation would need to be done to ensure that the reduced electrode
length would be sufficient. Experiments could involve stimulating myobundles with the
reduced length electrodes and measuring contractile force afterwards to assess
myobundle functionality. A reduced fluid volume would be conducive to injecting
drugs into the system for possible studies investigating drug effects. One such study
could be the injection of FCCP into the system (without stimulation) to see how the
maximal respiration rates compare to respiration rates with stimulation. One final piece
of work that could be done, is modeling of the electrical stimulation chamber with
COMSOL. A model was generated for the 80uL. chamber, which provided key insights
into the oxygen transport capabilities of the perfusion system, but a model for the
chamber with electrical stimulation would provide additional information on flow
patterns in the system, and if the presence of electrodes could at all affect oxygen

transport to the bundles.
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