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Abstract 
Microtubules play numerous roles in diverse cellular processes, including cell 

migration, intracellular trafficking, and chromosome segregation during cell division.  

Decades of research have defined many of the biochemical and biophysical properties of 

microtubules and how microtubule organization is controlled in proliferative cells.  

Diverse cell types rearrange their microtubules to form noncentrosomal microtubule 

arrays as they differentiate.  However, little is known about the mechanisms regulating 

noncentrosomal microtubule array formation in many tissues, particularly in mammals.  

Because the mechanisms regulating formation of these arrays is largely mysterious, one 

of the key challenges in the field has been a lack of viable systems to specifically perturb 

microtubule organization in differentiated cells in vivo.  I have used the mammalian 

epidermis and small intestine, two distinct types of epithelia, to investigate the 

formation and function of noncentrosomal microtubules.   

In the mammalian epidermis, where differentiation is accompanied by a 

reorganization of microtubules from radial arrays, organized by the centrosome, to 

cortical arrays, I have uncovered a mechanism that links centrosome inactivation to cell-

cycle exit.  By purifying centrosomes from proliferative and differentiated keratinocytes, 

I demonstrate for the first time that keratinocyte differentiation induces an inherent 

inactivation of the centrosome.  This is driven, in part, by the specific delocalization of a 
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pool of the g-tubulin ring complex (g-TuRC) that is bound by the accessory factor Nedd1.  

I show that there are at least two distinct g-tubulin ring complexes in keratinocytes: one 

bound by Nedd1 and one bound by CDK5RAP2.  Through both in vitro microtubule 

nucleation assays and artificial targeting of g-TuRCs in cells, I show that CDK5RAP2 can 

stimulate g-TuRC-mediated microtubule nucleation but Nedd1 cannot.  I propose that 

Nedd1/g-TuRCs are, instead, critical for microtubule anchoring at the centrosome.  To 

link differentiation status to centrosome inactivation, I show that, unexpectedly, 

differentiation per se does not induce Nedd1-g-TuRC delocalization.  Instead, cell-cycle 

exit, which normally accompanies differentiation, triggers delocalization of g-TuRCs to 

shift microtubule organizing activity away from the centrosome.  This work has 

identified for the first time the existence of distinct g-TuRCs within cells and 

demonstrates that g-TuRC activity can be modified through binding of distinct accessory 

factors.  Extending these findings to differentiation-induced microtubule reorganization, 

this work identifies a mechanism that couples entry into a quiescent state in post-mitotic 

cells to centrosome activity. 

A major hurdle to understanding both the organization and the function of 

microtubules in differentiated cells is a lack of suitable genetic models.  Therefore, tools 

are needed to both visualize and perturb microtubules in vivo.  To this end, I generated 

several novel transgenic mouse lines that allow visualization and perturbation of 

microtubules in both a spatially and temporally controlled manner in vivo in mice.  I 
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generated a TRE-EB1 transgenic mouse line that I used to track growing microtubule 

plus ends and image microtubule dynamics in vivo in differentiated keratinocytes for the 

first time.  I showed that differentiation causes suppression of microtubule dynamics in 

vivo.  To perturb microtubules in vivo, I generated a TRE-spastin transgenic mouse, 

which I use to overexpress the microtubule-severing protein spastin to disrupt 

microtubules.  Using this mouse line, I demonstrate that microtubules are required for 

different functions in the stratified epidermis versus the simple intestinal epithelium.  

Disruption of microtubules in differentiated keratinocytes induced profound tissue 

architecture changes, with many changes in cell shape, differentiation status, and 

morphogenesis.  In striking contrast, intestinal architecture was normal upon 

microtubule disruption.  Instead, we observed relatively subtle defects in trafficking 

kinetics in the intestinal epithelium.  Taken together, this work highlights the value of 

probing microtubule function in vivo. 
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1. Microtubule dynamics and organization 
The cytoskeleton is a highly conserved cellular scaffold that is critical for many 

cellular functions.  In eukaryotic cells, the cytoskeleton is composed of microtubules 

(MTs), actin, and intermediate filaments.  Ever since the initial discovery of actin and 

subsequent identification of microtubules and intermediate filaments, decades of 

research have established the surprising and unique ways these polymers behave.  

While some of the basic biochemical and biophysical properties of these filaments 

remain to be elucidated, much of the work ahead lies in understanding how the 

cytoskeleton is tuned to perform cell-specific tasks.  The initial identification of mitotic 

spindle filaments created a new research field into the structure, dynamics, and 

properties of microtubules.  Since then, important roles for microtubules have been 

found in numerous cellular functions, including intracellular trafficking, cell migration, 

and signaling.  Because microtubules orchestrate diverse cellular processes, they are 

exquisitely organized within the cell.  Many years of research using in vitro 

reconstitution experiments have defined the biophysical parameters of filament 

dynamics.  Current research is focused on how microtubules can be spatially and 

temporally regulated within a single cell.   

This has naturally led many groups to study the centrosome, the primary 

microtubule-organizing center (MTOC) in most proliferative cells.  Studies on the 

centrosome have yielded insights into how microtubule dynamics are controlled within 
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proliferating cells, but two relatively unexplored research areas remain 1) how 

microtubules are organized in differentiated cells, and 2) the specific functions of 

microtubules in tissues.  Many differentiated cell types organize their microtubules into 

arrays independent of the centrosome.  Surprisingly, little work has addressed the 

mechanisms underlying how differentiated cells generate these “noncentrosomal” 

microtubule arrays.  From work in lower organisms and cell culture models, we have 

some hints about how this regulation might take place in in vivo.  However, to date, few 

groups have studied how noncentrosomal microtubule arrays are regulated in tissues, 

particularly in mammals.  Additionally, the developmental cues that trigger MTOC 

reorganization remain essentially unknown in any cell type or species.  There is a need 

in the field for novel tools to both visualize microtubule organization and perturb 

microtubule function in vivo in order to determine the physiological functions of 

noncentrosomal microtubule arrays.  It is within the context of these questions that I 

explored how noncentrosomal microtubule organization is controlled in mammalian 

epithelia. 

1.1 Foundational discoveries about microtubules 

1.1.1 Discovery and isolation of tubulin, the basic subunit of 
microtubules 

Microtubules were first observed using electron microscopy (EM) in the 1950s 

and gained prominence in the early 1960s as the fibers that form the mitotic spindle 

(Inoue, 1953; Robbins and Gonatas, 1964).  In the early 1960s, the term “microtubule” 



 

3 

was coined when it became appreciated that these fibers were found not only in the 

mitotic spindle but also throughout the cytoplasm (Slautterback, 1963).  Tubulin, the 

basic subunit of microtubules, was first isolated from sea urchin eggs based on its 

affinity for the drug colchicine, which was known to perturb the mitotic spindle (Taylor, 

1965; Borisy and Taylor, 1967; Borisy and Taylor, 1967).  Subsequent studies confirmed 

that tubulin was the building block of the microtubules of the mitotic spindle and also 

flagella (Mohri, 1968; Weisenberg, 1972). 

1.1.2 Microtubule structure 

 Microtubules are self-assembling polymers made up of protofilaments composed 

of heterodimers of α-tubulin and β-tubulin, which share about 50% amino acid 

homology (Desai and Mitchison, 1997).  To form a protofilament, heterodimers associate 

in a so-called “head-to-tail” fashion, with the α-tubulin subunit of one heterodimer 

binding to the β-tubulin subunit of an already-incorporated heterodimer.  

Protofilaments associate laterally to form a hollow tube with a diameter of ~25 nm.  

When polymerized in vitro, microtubules can be composed of a variable number of 

protofilaments, ranging from 10 to 16, suggesting that there is some plasticity inherent in 

the system (Desai and Mitchison, 1997; Cueva et al., 2012).  However, when 

microtubules are observed in vivo, the protofilament number is tightly controlled and 

cell-type specific (Burton et al., 1975; Bounoutas et al., 2009).  The mechanisms that 
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regulate microtubule protofilament number in vivo have not been definitively 

elucidated. 

1.1.3 Dynamic instability of microtubules 

Microtubules are often highly dynamic, an observation that was noted decades 

ago using birefringence on polarized light microscopes to visualize microtubules in the 

mitotic spindle (Inoue, 1953; Inoue and Sato, 1967).  It was known that microtubules are 

polar structures owing to the head-to-tail association of the tubulin heterodimers; the 

microtubule plus- and minus-ends have the β-tubulin and α-tubulin subunits exposed, 

respectively.  The ability to reconstitute the microtubule assembly reaction using 

purified tubulin, GTP, and magnesium ions greatly facilitated the development of 

models to explain how microtubules grow (polymerization) and shrink (catastrophe) 

(Weisenberg, 1972).  While several models were initially proposed to explain the 

dynamic nature of microtubules (Inoue and Sato, 1967; Margolis and Wilson, 1978), a 

landmark study by Mitchison and Kirschner provided evidence that microtubules are 

constantly cycling through periods of polymerization and catastrophe in a state they 

termed “dynamic instability” (Figure 1) (Mitchison and Kirschner, 1984).  By growing 

microtubules using different concentrations of tubulin in vitro and then visualizing the 

individual microtubules using EM, they observed that diluting the microtubules to 

decrease tubulin concentrations resulted in fewer microtubules, but the mean length 

increased and distribution of microtubule lengths broadened (Mitchison and Kirschner,  
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Figure 1: Dynamic instability of microtubules. 

A. Structure of the tubulin heterodimer. B. Tubulin heterodimers associate in a 
“head-to-tail” fashion to form a microtubule filament. The plus end of the microtubule 
has the b-tubulin subunit exposed. Microtubules undergo dynamic instability, meaning 
they alternate between periods of polymerization followed by rapid catastrophe. Rescue 
is the re-polymerization of a shrinking microtubule. While addition of subunits is only 
shown at the plus end, in vitro microtubules can also slowly polymerize at the minus 

end. 
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1984).  Subsequent studies confirmed the model of dynamic instability by live-imaging 

individual microtubules both in vitro and in cells (Horio and Hotani, 1986; Cassimeris et 

al., 1988; Sammak and Borisy, 1988). 

1.1.4 Linking microtubule behavior to tubulin GTPase activity 

The dynamic nature of microtubules is intimately linked to the GTPase activity 

of tubulin.  Microtubules will only form from soluble heterodimers in the presence of 

GTP, and use of the non-hydrolyzable GTP analog GMP-PNP renders polymerization 

irreversible, demonstrating that the GTPase activity of tubulin is necessary for 

microtubule dynamics (Weisenberg and Deery, 1976).  While both b- and a-tubulin bind 

to a guanine nucleotide (Nogales et al., 1998), only the β-tubulin subunit hydrolyzes 

GTP when incorporated into the polymer; the GTP bound to α-tubulin does not 

hydrolyze, and is generally thought to play a structural role (David-Pfeuty et al., 1977; 

Spiegelman et al., 1977).  The predominant model linking GTPase activity to microtubule 

dynamic instability is the “GTP cap” model (Erickson and O’Brien, 1992).  In this model, 

GTP bound to b-tubulin in the “E site” (exchangeable site) will be hydrolyzed to GDP as 

it is incorporated into the microtubule lattice at the plus end.  This results in a 

microtubule lattice that primarily contains GDP-bound b-tubulin, while the newly 

incorporated heterodimers will have GTP-bound b-tubulin.  The model predicts that 

hydrolysis of GTP into GDP and subsequent phosphate release induces a 

conformational change in the heterodimer that renders the microtubule lattice unstable.  



 

7 

However, the GTP cap at the plus end consisting of GTP-bound b-tubulin is more stable, 

allowing for continued microtubule polymerization.  Catastrophe occurs when the GTP 

is hydrolyzed and the phosphate is released in the E site at the plus end, which 

eliminates the GTP cap and renders the whole lattice unstable.  Re-polymerization of the 

microtubule relies on re-establishing the GTP cap (Mitchison and Kirschner, 1984; 

Nogales, 2001).  Recent advances in cryo-electon microscopy (cryo-EM) have shown that 

GTP hydrolysis by b-tubulin in the microtubule lattice induces a conformational strain 

on the inter-protofilament contacts, providing experimental evidence for the GTP cap 

model (Alushin et al., 2014).  Interestingly, these data also explain why microtubule 

catastrophe results in protofilament curling at the plus end of the microtubule, as the 

primary strain on the lattice is at the inter-protofilament interface and not at the interface 

between head-to-tail heterodimers. 

1.1.5 Additional factors that influence microtubule dynamics 

While much of the pioneering work analyzing microtubule dynamics was 

conducted in vitro using purified tubulin, it became clear that microtubules dynamics in 

vitro did not fully recapitulate those seen in vivo; rates of microtubule nucleation and 

polymerization were dramatically different, and microtubules in cells demonstrated 

additional behaviors, including microtubule pausing (Shelden and Wadsworth, 1993).  

Microtubule dynamics are also very cell-type specific, suggesting that extrinsic factors 

impinge on microtubules in vivo (Schulze and Kirschner, 1988; Shelden and Wadsworth, 
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1993).  Two major factors influence microtubule dynamics in vivo: post-translational 

modifications on tubulin and microtubule-associated proteins (MAPs).   

 Microtubules can be post-translationally modified in many ways in vivo 

(reviewed in Hammond et al., 2008; Janke, 2014).  An extensive review of the studies 

linking post-translational modifications to microtubule dynamics is outside the scope of 

this dissertation.  However, a brief introduction is warranted, as many studies about 

noncentrosomal microtubule arrays (to be discussed in greater detail in section 1.4) use 

probes for specific post-translational modifications as an indirect readout of microtubule 

stability in the cell.  The three best-characterized post-translational modifications are 

detyrosination, acetylation, and polyglutamylation.  Because methods to purify pure 

populations of modified tubulin have only been recently generated, the biochemical 

mechanisms linking post-translational modifications to microtubule stability remain to 

be firmly established.  Tubulin acetylation is indirectly linked to microtubule stability, 

and a number of studies have found that microtubules are hyperacetylated in cells with 

stable microtubules (Piperno et al., 1987).  Tubulin detyrosination refers to the removal 

of the C-terminal tyrosine of tubulin, and this modification has also been suggested to 

increase microtubule stability, potentially by decreasing the affinity of the detyrosinated 

microtubule to microtubule-depolymerizing kinesins (Peris et al., 2009; Janke and 

Bulinski, 2011).  Finally, polyglutamylated microtubules are found in stable organelles 

like the centrioles, basal bodies, and ciliary axonemes, suggesting that this post-
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translational modification can mediate stability (Janke and Bulinski, 2011).  However, 

there is in vivo evidence that polyglutamylation can both promote stability by increasing 

affinity for MAPs or decrease stability by promoting spastin-mediated severing, so 

further work will be needed to determine the mechanisms regulating the apparent cell-

type effects of polyglutamylation (Bonnet et al., 2001; Lacroix et al., 2010).  Recent work 

using purified components demonstrated that levels of glutamylation regulate the 

efficiency of spastin-mediated severing, showinga direct connection between 

glutamylation and stability (Valenstein and Roll-Mecak, 2016).  In summary, 

microtubules can be highly modified in numerous ways in cells.  This complexity may 

create a “tubulin code” that is used in cells to mark specialized microtubule populations. 

There is a large body of literature describing different proteins that can associate 

with microtubules and promote polymerization, stability, or depolymerization.  A brief 

overview of these proteins will be provided with special attention paid to the MAPs that 

are directly relevant to this dissertation, as an extensive characterization is outside the 

scope of this introduction.  MAPs were first identified from preparations of 

microtubules from porcine brain, where they could be co-purified with polymerized 

microtubules but not with soluble tubulin (Murphy and Borisy, 1975; Vallee, 1982).  

Many MAPs bind along the polymerized microtubule filament to promote filament 

stabilization; examples of this include members of the MAP1 family and tau (Olmsted, 

1986).  MAPs can also promote depolymerization; examples of these include the 
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microtubule-severing proteins katanin and spastin, as well as the subfamily of kinesin 

motors that promote depolymerization (Roll-Mecak and Vale, 2005; McNally and Vale, 

1993; Endow et al., 1994; Moore and Wordeman, 2004).  Finally, proteins that associate 

preferentially with microtubule plus-ends (+TIPs), including EB1, can influence 

microtubule dynamics (Mimori-Kiyosue et al., 2000; Bieling et al., 2007; Akhmanova and 

Steinmetz, 2008).  Many of these MAPs have proven to be useful tools to both visualize 

and alter microtubule organization both in reconstituted systems and in vivo. 

1.2 The microtubule minus end 

Traditionally, a lot of research has been focused on the regulation of the 

microtubule plus end.  In contrast, the mechanisms regulating stability at the minus end 

in cells remain much less well understood.  The minus end is arguably as important as 

the plus end for microtubule function; nucleation of microtubules and subsequent 

anchoring of the filament both occur at the minus end, and so minus ends help establish 

the architecture of a microtubule array.  Microtubules polymerized in vitro can grow 

very slowly at the minus ends under some conditions, but in vivo minus ends are 

generally considered to be stabilized.  However, only several minus-end capping 

proteins have been identified thus far (Wang et al., 2015; Goodwin and Vale, 2010; Meng 

et al., 2008).  Intuitively, the basis of plus-end microtubule recognition is easier to 

understand; according to the “GTP-cap” model, tubulin heterodimers at the plus end are 

GTP bound, which has a distinct conformation that can be recognized by MAPs.  



 

11 

According to that same model, the minus end should be GDP bound, along with the 

entire microtubule lattice, making it unclear what minus-end binding proteins recognize 

specifically at the end.  One potential model is that minus-end binding proteins 

recognize a structural feature inherent at the minus end, such as exposed a-tubulin 

subunits, although this is untested.  This next section will introduce the key proteins that 

are known to interact with and regulate the microtubule minus end. 

1.2.1 Introduction to the g-tubulin ring complex 

The rate-limiting step in microtubule formation is the initial nucleation.  This 

kinetic hurdle is overcome in vivo primarily by g-tubulin, a highly conserved member of 

the tubulin family (Oakley and Oakley, 1989; Stearns et al., 1991; Zheng et al., 1991).  g-

tubulin is found in the cell in two different protein complexes: the g-tubulin small 

complex (g-TuSC) and the g-tubulin ring complex (g-TuRC) (Oegema et al., 1999).  The g-

TuSC is heterotetrameric and is composed of two copies of g-tubulin and one copy each 

of GCP2 and GCP3 (Kollman et al., 2008).  All known eukaryotes contain g-TuSC 

components.  The g-TuRC is composed of the g-TuSC components along with GCP4, 

GCP5, and GCP6 (Murphy et al., 2001) (Figure 2).  Treatment of purified g-TuRCs with 

high-salt buffer or depletion of GCP4, GCP5, or GCP6 all result in dissolution of g-TuRC 

into g-TuSCs, supporting the idea that g-TuSC is the more stable complex and the basic 

subunit of the g-TuRC (Oegema et al., 1999; Choi et al., 2010).  While the basic 

composition of the g-TuRC has been firmly established, there remain a surprising 
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number of outstanding questions about the g-TuRC.  First, the stoichiometry of the fully 

assembled g-TuRC remains unknown.  The predominant model is that the g-TuRC is 

composed of around seven g-TuSCs, along with unknown ratios of GCP4-6.  Previous 

attempts to use mass-spectrometry to establish the stoichiometry of the complex have 

yielded variable results (Murphy et al.., 2001; Choi et al., 2010).  Interestingly, however, 

these groups have proposed that GCP5 and GCP6 are sub-stoichiometric, suggesting 

that g-TuRCs might have heterogeneous composition in vivo.  Second, how the proteins 

bind or interact with each other to form the g-TuRC remains unknown.  The basic 

structure of g-TuSC has been fairly well characterized, but how GCP4-6 interact and help 

to assemble g-TuSC into g-TuRC is unknown.  Intriguingly, several reports suggest that 

GCP4-6 can all bind directly to g-tubulin itself (Gunawardane et al., 2000; Guillet et al., 

2011).  Additionally, the group that recently solved the crystal structure of GCP4 

suggested that GCP4 binds to g-tubulin at the same interface as GCP2 and GCP3, raising 

new questions about how the g-TuRC is assembled (Guillet et al., 2011).  Finally, whether 

g-TuRC is assembled in a step-wise manner remains unknown; while depletion of GCP4, 

GCP5, and GCP6 all similarly eliminate g-TuRC formation, whether there is a 

hierarchical assembly of the complex is still an active area of investigation.  

Recent studies using more sensitive purification methods have identified additional 

proteins that co-purify with the g-TuRC, such as GCP8/MOZART2 and the chaperonin 
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containing TCP-1 (CCT) complex (Teixido-Travesa et al., 2010).  These newly identified 

proteins will be referred to as g-TuRC accessory factors, as they bind to the complex but 

 

 

Figure 2: Structure and components of the g-tubulin complexes. 

A. The g-TuSC is composed of two molecules of g-tubulin and one each of GCP2 and 
GCP3. B. The g-TuRC is considered to be composed of g-TuSCs with the additional g-

TuRC-specific GCP4, GCP5, and GCP6. Note that this illustration is not meant to convey 
the true stoichiometry of the complex, as it is unknown at this time. Additionally, where 
GCP4, GCP5, and GCP6 bind in the g-TuRC is still unknown. C. g-tubulin is present in 

every organism. However, some γ-tubulin complex proteins are conserved only in 
specific model organisms. 
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are not required for its assembly.  Therefore, these new binding partners may function to 

modulate g-TuRC activity and/or localization in the cell.  These questions are just 

beginning to be addressed (Masuda et al., 2013; Lin et al., 2016).  Two additional binding 

partners, CDK5RAP2 and Nedd1, will be discussed in more extensive detail below after 

a brief introduction into microtubule nucleation by the g-TuRC. 

1.2.2 Microtubule nucleation by the g-TuSC and g-TuRC 

The g-TuSC and g-TuRC differ in their ability to nucleate microtubules in vitro.  

When both g-TuSC and g-TuRC are purified from Drosophila egg extracts, g-TuRC has a 

much higher nucleation activity than g-TuSC in vitro (Oegema et al., 1999).  This 

observation led to the hypothesis that assembly of the complete g-TuRC is required for 

maximal microtubule nucleation activity.  When viewed by EM, the g-TuRC appears as a 

~25nm washer/ring, suggesting that proper g-TuRC assembly patterns the microtubule 

filament to promote nucleation (Zheng et al., 1995).  However, several observations 

argue against this simple model.  First, Saccharomyces cerevisiae and Caenorhabditis elegans 

only contain g-TuSC components; they have no homologues of GCP4-6 and are still able 

to nucleate microtubules.  Additionally, purified S. cerevisae g-TuSC components can 

self-assemble into rings with 13-fold symmetry in vitro, demonstrating that formation of 

the g-TuRC-shaped ring does not strictly require g-TuRC-specific proteins (Kollman et 

al., 2010).  Finally, g-TuRC-specific components are not required for viability in 

Drosophila (Verollet et al., 2006).  While mitotic spindles are slightly malformed in these 
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flies, microtubule nucleation is still able to occur, once again suggesting that g-TuRCs are 

not strictly required for microtubule nucleation.   

1.2.3 Nedd1 and CDK5RAP2, g-TuRC accessory factors 

Two additional g-TuRC components, CDK5RAP2 and Nedd1, are worth 

considering in greater detail.  Nedd1, first identified as Dgrip71WD in Drosophila and 

later identified in other organisms, is a g-TuRC accessory factor (Gunawardane et al., 

2003; Luders et al., 2006; Haren et al, 2006).  It contains an N-terminal centrosome 

targeting domain (the binding partner at the centrosome remains unknown) and a C-

terminal g-tubulin binding domain (Haren et al., 2006; Luders et al., 2006; Manning et al., 

2010).  Intriguingly, Nedd1 has been shown to bind g-tubulin directly, however it only 

associates with the fully assembled g-TuRC in cells (Manning et al., 2010; Luders et al., 

2006; Muroyama et al., 2016).  The function of Nedd1 in vivo is not well understood.  The 

requirement for Nedd1 to recruit g-tubulin to centrosomes appears to be cell-type 

specific (Zeng et al., 2009; Luders et al., 2006; Haren et al., 2006; Verollet et al., 2006).  

Additionally, whether Nedd1 is necessary for proper microtubule nucleation by the g-

TuRC is still controversial (Verollet et al., 2006; Pinyol et al., 2013).  While depletion of 

Nedd1 results in monopolar spindles and mitotic arrest in most systems, even this 

feature appears not to be fully conserved.  To date, no group has demonstrated whether 

Nedd1 activates g-TuRC-mediated microtubule nucleation or whether it plays a different 

role in regulating g-TuRC activity. 
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CDK5RAP2 (also known as CEP215) is a large protein that plays multiple roles in 

centrosome function.  It has been proposed to be critical for centriole engagement (Pagan 

et al., 2014; Barrera et al., 2010) and also to function as a critical scaffold for pericentriolar 

material (Conduit et al, 2014).  CDK5RAP2 was recently demonstrated to bind to g-TuRC 

and was suggested to play a role in attaching g-TuRC to the centrosome (Fong et al., 

2008).  A 50 amino acid motif within CDK5RAP2 was subsequently demonstrated to 

activate microtubule nucleation by the g-TuRC in vitro, making it the first identified 

nucleation activator of the g-TuRC (Choi et al., 2010).  Whether CDK5RAP2 is actually 

required to stimulate microtubule nucleation in vivo remains unclear, as CDK5RAP2 

loss-of-function mouse mutants exhibit microcephaly but are viable.  This suggests that 

its nucleation-promotion activity is not required in vivo as no mitotic defects have been 

reported in these mice, although careful in vivo measurements of microtubule nucleation 

in these mice have not been performed (Bond et al., 2005; Lizarraga et al., 2010; Barrera 

et al., 2010; Kraemer et al., 2015). 

There are still many outstanding questions about Nedd1 and CDK5RAP2 

function in vivo.  Are both CDK5RAP2 and Nedd1 required for proper g-TuRC targeting 

to centrosomes?  Do they both activate g-TuRC-mediated microtubule nucleation?  Are 

they found bound to the same g-TuRCs?  These are some of the questions that I sought 

to address in my work. 
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1.2.4 Minus-end binding proteins 

Only a few proteins are known to recognize and bind to the minus end of 

microtubules.  Purified g-TuRCs associate with minus ends in vitro (Zheng et al., 1995; 

Wiese and Zheng, 2000).  Surprisingly, g-TuRCs can associate with microtubule minus 

ends independent of microtubule nucleation both in vitro (Gunawardane et al., 2000) and 

in vivo (Anders and Sawin, 2011), suggesting that g-TuRC can recognize and bind to free 

microtubule minus ends. 

Ninein is considered to be a minus-end binding protein because it co-localizes 

with the minus ends of microtubules.  However, it is important to note that there has 

been no biochemical demonstration that ninein recognizes the minus end directly.  This 

coiled-coil protein was shown in fibroblasts to localize specifically to the mother 

centriole of the centrosome, where it is required for microtubule anchoring at the 

centrosome (Piel et al., 2000; Delgehyr et al., 2005).  Ninein has been shown to localize to 

sites where microtubule minus-ends are anchored in vivo in several tissues in mice 

(Tucker et al., 1995; Mogensen et al., 2000). Recently, a C. elegans homolog of ninein, 

NOCA-1, was identified and shown to localize to minus ends in vivo and in vitro (Wang 

et al., 2015).  Further studies will be needed to fully delineate whether and how ninein 

binds to the minus end. 

The final group of known minus-end binding proteins is the calmodulin-

regulated spectrin-associated protein (CAMSAP) family.  The first CAMSAP protein to 
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be identified was Patronin in Drosophila S2 cells (Goshima et al., 2007).  Subsequent work 

using purified Patronin demonstrated that it is a bona fide minus-end binding protein 

that could protect microtubule minus ends from kinesin-13-dependent microtubule 

depolymerization (Goodwin and Vale, 2010).  Subsequently, a mammalian homolog, 

Nezha/CAMSAP3, was demonstrated to bind to microtubule minus ends in cells (Meng 

et al., 2008).  All known CAMSAP family members share a conserved CKK domain, 

which mediates its microtubule-binding properties (Baines et al., 2009).  A C. elegans 

homolog, PTRN-1, has also been identified (Richardson et al., 2014).  Interestingly, the 

mammalian homologs all have distinct effects on the microtubule minus end, suggesting 

that they have overlapping but non-redundant functions in cells (Hendershott and Vale, 

2014; Tanaka et al., 2012).  In recent years, there has been an explosion of interest in the 

functions for Nezha and other CAMSAP members in various organisms and 

developmental processes (to be discussed in greater detail in section 1.4.5). 

There remain many outstanding questions about the microtubule minus end.  

What is the basis for minus end recognition, and is it similarly employed by known 

minus-end binding proteins or do they all have distinct ways to recognize the ends?  

What are the roles for these microtubule minus-end binding proteins in vivo?  

Additionally, how does a free microtubule minus end get generated in the cell, and how 

does this system operate in noncentrosomal microtubule formation. 



 

19 

1.3 The centrosome 

The centrosome functions as the primary MTOC in many proliferative cells in 

interphase and in mitosis, when the centrosomes form the spindle poles.  A large body 

of work has elucidated the many mechanisms regulating centrosome maturation, 

duplication, and orientation that govern centrosome functions during mitosis (reviewed 

in Conduit et al., 2015).  This section will, instead, focus on 1) what is known about how 

centrosome protein composition dictates microtubule organizing activity, and 2) the 

roles for centrosomes in vivo. 

1.3.1 Centrosome composition and structure 

The centrosome is composed of two centrioles, each exhibiting a stereotypic 

pinwheel shape of nine triplets of microtubules, which are visible by EM (Paintrand et 

al., 1992).  The two centrioles that compose the centrosome are structurally and 

functionally distinct.  The older and more mature centriole is termed the “mother” 

centriole and has both distal and subdistal appendages, composed of proteins such as 

ODF2 (Ishikawa et al., 2005) (Figure 3).  These appendages are responsible for localizing 

a specific subset of proteins that are important for microtubule organization, including 

ninein and Ndel1 (Mogensen et al., 2000; Piel et al., 2000; Sumigray et al., 2011).  The 

“daughter” centriole was formed orthogonal to the mother in the S phase of the previous 

cell cycle and lacks these appendages.  The microtubules that compose the core 
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centrioles are extremely stable, presumably owing their high levels of glutamylation 

(Bobinnec et al., 1998). 

The centrioles recruit hundreds of additional proteins to form the pericentriolar 

material.  Several groups have used mass-spectrometry of isolated centrosomes from 

various sources to generate a complete proteome of the centrosome (Andersen et al., 

2003).   Defining the underlying organization of the proteins associated with the 

pericentriolar material has been a long-standing challenge, partially because no 

pericentriolar organization is apparent by electron microscopy (Tucker, 1984).  Using 

STORM (stochastic optical reconstruction microscopy) and SIM (structured illumination 

microscopy), several groups discovered an underlying organization to the pericentriolar 

material composed of protein rings of increasing diameter extending outward from the 

centriole walls (Lawo et al., 2012; Mennella et al., 2012).  In addition to being spatially 

organized, centrosomal proteins also form sub-complexes within the pericentriolar 

material, and these interactions are now being elucidated using the BioID method (Firat-

Karalar et al., 2014).  One of the challenges of working with the centrosome is the 

interdependence of the various centrosomal components on each other for localization; 

depletion of one protein often leads to the mislocalization of a host of additional factors 

that may or may not be directly related to the depleted protein.   
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Figure 3: Structure of the centrosome. 

The centrosome is composed of a pair of centrioles, which are made of highly stable 
microtubules. The older, more mature centriole is termed the “mother,” and it has the 

additional subdistal and distal appendages. The daughter centriole is formed orthogonal 
to the mother centriole once per cell cycle. The centrioles recruit hundreds of additional 
proteins, collectively termed the pericentriolar material. Microtubules can be anchored 

to the appendages of the mother centriole and also be embedded within the 
pericentriolar material itself. 
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1.3.2 Functions for centrosomes in cells 

 The centrosome has long been linked to microtubule organization in cells from 

many species.  Microtubules are associated with the centrosomes in all stages of the cell 

cycle in proliferative cells (Slautterback, 1963; Robbins and Gonatas, 1964; Inoue and 

Sato, 1967).  The centrosomes form the spindle poles, required for mitosis in many cell 

types.  g-tubulin is highly enriched on centrosomes (Moritz et al., 1995), consistent with 

its roles in microtubule organization.  In addition to nucleating microtubules both 

during interphase and mitosis in many cells, centrosomes can act as microtubule 

anchors.  As previously mentioned, proteins such as γ-TuRC and ninein localize to the 

centrosome where they can anchor microtubule minus-ends (Delgehyr et al., 2005; Piel 

et al., 2000).  The centrosome has an additional role as the basal body of cilia and 

flagella.  Most cells contain cilia, and centrioles are maintained in these cells, where they 

traffic to the cell cortex and dock to form the cilium.  An extensive review of basal bodies 

is beyond the scope of this dissertation. 

1.3.3 Essential functions for centrioles 

While centrosomes can clearly regulate microtubule nucleation and organization 

in cells, it is unclear if they are required for proper microtubule organization, 

particularly in interphase.  There is a dearth of evidence to suggest that centrioles are 

truly required for proper microtubule organization in the cell.  Clearly, in some 

organisms, such as C. elegans, centrioles are required for viability; sufficient knockdown 
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or deletion of any of the known proteins that are required for centriole duplication, 

including SAS-4, ZYG-1, SPD-2, etc., results in zygotic lethality due to mitotic defects 

(Leidel and Gonczy, 2003; O’Connell et al., 2001; Kemp et al., 2004).  However, studies 

from other organisms suggest that centrioles may not be universally required.  For 

example, deletion of SAS-4 in Drosophila prevents centriole duplication, causing total 

loss of identifiable centrioles or centrosomes by the third instar stage (Basto et al., 2006).  

That these flies can develop into morphologically normal adults calls into question the 

need for centrioles in organizing both the spindle during mitosis and interphase 

microtubule arrays.  The SAS-4-null flies die after birth due to lack of cilia in their 

neurons, demonstrating that cilia are necessary in this species (Basto et al., 2006).  A 

recent study demonstrated that SAS-4-null mouse embryos make it surprisingly far in 

development (embryonic day 8.5) despite a complete lack of centrioles.  Spindle poles 

remain focused in these mice, but cells fail to form cilia, ultimately leading to 

developmental arrest (Bazzi and Anderson, 2014).  At least in some cases, the roles for 

centrioles in microtubule organization can apparently be bypassed in vivo.  However, 

cilia defects cannot be overcome when centrioles are removed from the system. 

1.4 Noncentrosomal microtubule arrays 

1.4.1 Overview of noncentrosomal microtubule arrays 

While many proliferative cells form radial microtubule arrays with the 

microtubule minus ends tethered to the centrosome and the plus ends directed to the 
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cell periphery, numerous cell types across species have “noncentrosomal” or 

“acentrosomal” microtubules arrays that are no longer anchored at the centrosome.  EM 

studies from over thirty years ago suggested that in various cell types, microtubules no 

longer emanate from the centrioles and can be found anchored to other sites in the 

cytoplasm and cell cortex (Tucker, 1984).  There is now an extensive list of cell types that 

form noncentrosomal microtubule arrays during differentiation (Figure 4).  When 

mammalian myoblasts fuse to form myotubes, they organize their microtubules along 

their long axis (Tassin et al., 1985; Musa et al., 2003; Oddoux et al., 2013).  Polarized 

epithelia contain apicobasal microtubule arrays that appear to be organized independent 

of the centrosome (Bre et al., 1987; Bre et al., 1990).  Differentiation of keratinocytes in the 

epidermis induces reorganization of microtubules to the cell cortex (Lechler and Fuchs, 

2007).  This phenomenon is not restricted to mammalian cells; development of tissues 

such as the Drosophila trachea and the C. elegans intestine involves formation of 

noncentrosomal microtubule arrays (Brodu et al., 2010; Feldman and Priess, 2012).  

Interestingly, noncentrosomal microtubule array formation and dynamics have been the 

most extensively studied in higher plants such as Arabidopsis thaliana, which does not 

have centrosomes.  In these organisms, microtubules are nucleated from numerous 

cytoplasmic sites, transported to the cell cortex, and exhibit diverse behaviors as they 

form higher-order bundles (Ehrhardt, 2008).  Functions of these noncentrosomal 

microtubule arrays, including directed transport of proteins like cellulose synthase and  
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Figure 4: Examples of noncentrosomal microtubule arrays. 

Differentiation induces noncentrosomal microtubule array formation in diverse cell 
types.  Note that in each case, the centrosome loses microtubule organizing center 

activity as a new MTOC gains function.  Additionally, note that the type of array that is 
ultimately formed is cell-type specific. 
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cell-shape changes, have been characterized using live-imaging methods (Paradez et al., 

2006).  

There are many fundamental questions about noncentrosomal microtubule 

arrays in eukaryotes that remain unanswered.  How are microtubules organized into 

noncentrosomal arrays?  How is the centrosome inactivated to form noncentrosomal 

arrays?  What are the functions of these microtubule arrays in differentiated cells?  

Below, I will consider potential mechanisms for noncentrosomal microtubule formation 

and evidence for the functions of these specialized arrays. 

1.4.2 Loss of centrosomal MTOC activity 

During the initial stages of noncentrosomal microtubule reorganization, the 

centrosome loses MTOC activity.  Across species, this inactivation appears to be driven 

by a delocalization of proteins from the pericentriolar material that, in some situations, is 

subsequently recruited to a novel cellular site to specify the new noncentrosomal MTOC.  

Whether inactivation of the centrosome is a prerequisite for re-specification of a 

noncentrosomal MTOC is an interesting and open question. 

1.4.2.1 Simple epithelia 

In simple epithelial cells, as microtubules are organized in apicobasal arrays with 

the minus ends near the apical surface and the plus tips directed toward the basal 

surface, differentiation induces delocalization of g-tubulin from centrosomes and 

subsequent relocalization to just below the apical surface.  In the C. elegans intestinal 
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epithelium, g-tubulin is actively redistributed from the centrosome to the apical side of 

the cell, dependent on PAR-3 (Bobinnec et al., 2000; Feldman and Priess, 2012).  In 

addition to g-tubulin, a host of additional centrosomal proteins are delocalized, 

including ZYG-9/XMAP215 and CeGRIP-1 (Feldman and Priess, 2012).  Coincident with 

g-tubulin delocalization, microtubules are no longer associated with the centrosome.  

How g-tubulin is tethered to the apical surface in this system is unknown.  Additionally, 

the mechanism controlling g-tubulin release into a cytoplasmic “plume” is unknown but 

is linked to decreased cyclin-dependent kinase (CDK) activity as intestinal cells stop 

proliferating (Yang and Feldman, 2015).  

Similarly, during Drosophila trachea morphogenesis, the invaginating tracheal 

epithelium reorganizes its microtubules into apicobasal microtubule arrays (Brodu et al., 

2010).  During this reorganization, g-TuRC is removed from the centrosome in a spastin-

dependent manner and relocalized to the apical cell membrane in a microtubule-

dependent manner (Brodu et al., 2010).  In this case, the authors propose that 

differentiation triggers a change in spastin activity via the trachealess transcription factor.  

g-tubulin is stabilized by the transmembrane apical surface protein Piopio, which has 

also been linked to microtubule organization in the Drosophila wing (Bokel et al., 2005).  

Finally, in the differentiated enterocytes of the mammalian small intestine, g-

tubulin is primarily associated with the apical surface (Salas, 1999; Ameen and Salas, 

2000).  Currently, it is unknown whether the centrosomal pool of g-tubulin is actively 
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transported to the apical side, as has been visualized in C. elegans, or if the apical pool is 

derived from cytoplasmic g-TuRCs.  In the mammalian intestine, g-tubulin is tethered to 

the apical keratin filament network via the g-TuRC-specific component GCP6, and 

disruption of keratin filaments destabilizes g-tubulin from the apical surface (Ameen 

and Salas, 2000; Oriolo et al., 2007).  Intriguingly, CDK activity has also been proposed 

to function upstream of g-tubulin recruitment to the apical surface in these cells (Oriolo 

et al., 2007).  Therefore, formation of apicobasal microtubule arrays is uniformly 

associated with relocalization of g-tubulin from the centrosome to the apical side of the 

cell.  Interestingly, however, the mechanisms regulating g-tubulin release and 

subsequent stabilization appear cell/species-specific. 

1.4.2.2 Stratified epithelia 

As cells in the mammalian epidermis differentiate, microtubules reorganize from 

radial to cortical arrays (Lechler and Fuchs, 2007).  Coincident with microtubule 

reorganization, a host of proteins are delocalized from the centrosome, including ninein, 

Ndel1, and Lis1 (Lechler and Fuchs, 2007; Sumigray et al., 2011).  The centrosome in 

differentiating epidermal cells inherently loses MTOC activity, coincident with 

delocalization of a specific pool of g-tubulin bound by the accessory factor Nedd1/GCP-

WD.  The authors demonstrate that delocalization of this g-tubulin/Nedd1 complex is 

linked directly to cell-cycle exit that accompanies differentiation onset and is related to 

CDK signaling (Muroyama et al., 2016). 
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1.4.2.3 Muscle 

As myoblasts fuse to form myotoubes, microtubules become arranged in 

longitudinal microtubule arrays (Tassin et al., 1985).  During myoblast differentiation, g-

tubulin is delocalized from centrosomes and subsequently recruited both to the nuclear 

envelope and to Golgi outposts (Musa et al., 2003; Bugnard et al., 2005; Oddoux et al., 

2013).  Similar phenomena have been observed during cardiomyocyte differentiation in 

mice; cell-cycle exit induced delocalization of centrosomal proteins, including g-tubulin, 

and subsequent relocalization to the nuclear envelope (Zebrowski et al., 2015). 

1.4.2.4 Neurons 

Both mammalian and Drosophila neurons have axonal microtubules organized 

with their plus ends distal to the cell body (Baas et al., 1988).  However, dendrites in 

mammalian neurons have mixed polarity while Drosophila dendrites have their minus-

ends oriented away from the cell body (Stone et al., 2008; Yau et al., 2016).  In cultured 

rat hippocampal rat neurons, g-tubulin is maintained at the centrosome (Baas and Joshi, 

1992; Ahmad et al., 1994).  Several studies have suggested that as neurons mature, 

however, g-tubulin is gradually delocalized from the centrosome (Leask et al., 1997; 

Stiess et al., 2010).  Intriguingly, in maturing neurons, Nedd1 is also degraded while g-

tubulin levels remain unchanged, suggesting that a mechanism like the one seen in the 

mammalian epidermis may regulate g-tubulin delocalization in neurons (Stiess et al., 

2010). 
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1.4.3 Centrosome maintenance 

Do centrosomes have to be inactivated to permit noncentrosomal microtubule 

formation?  In the C. elegans intestine, cell fusion experiments demonstrated that, at least 

in this system, the centrosome MTOC state is dominant (Yang and Feldman, 2012).  

Therefore, to properly form apicobasal microtubule arrays, the centrosome must be 

actively shut off.  A recent study proposed that delocalization of pericentriolar proteins 

is required to induce centriole disassembly in the female Drosophila germline.  Forced 

maintenance of pericentriolar material resulted in abnormal divisions and sterility 

(Pimenta-Marques et al., 2016).  Additionally, a recent study suggested that centrosome 

inactivation is required to keep cardiomyocytes in a post-mitotic, G0/G1 cell-cycle state 

(Zebrowski et al., 2015).  Centrioles are present in many differentiated tissues even as 

pericentriolar material is disbursed, but whether the residual centrioles are actively 

maintained or if they play any functional roles outside of cilia formation in vivo is not 

well-characterized. 

1.4.4 Microtubule nucleation in differentiated cells 

As cell form noncentrosomal microtubule arrays, 1) microtubule nucleation can 

continue from the centrosome, 2) nucleation activity can be relocated to a 

noncentrosomal site, or 3) cells could rely on activities other than nucleation (such as 

severing, uncapping, etc.) to maintain microtubules.  In the first scenario, microtubules 

are nucleated from the centrosome, subsequently released or severed, and finally 
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trafficked to the noncentrosomal site to be anchored.  In the second, microtubule 

nucleation and anchoring are coordinated at the same site.  In the third, already-

nucleated microtubules could be severed and trafficked to the new MTOC.  Importantly, 

these possibilities are not mutually exclusive.  Additionally, microtubule nucleation can 

occur from multiple sites in the same cell, potentially to establish local, distinct 

microtubule configurations.  Generally, three predominant assays have been used to 

determine sites of microtubule nucleation, each with their own sets of caveats.  First, as 

mentioned previously, g-tubulin is often used as an indirect measure of microtubule 

nucleation.  Second, microtubule regrowth following nocodazole washout has been used 

to establish sites of microtubule nucleation in vivo, although these assays do not read out 

where steady-state nucleation occurs.  Third, as no known proteins mark newly 

nucleated microtubules, EB1-GFP tracking been used to visualize sites of new 

microtubule growth.  While sites of microtubule nucleation under steady-state 

conditions remain mostly mysterious in vivo, several different systems have been used to 

begin to address this question. 

1.4.4.1 Nucleation from the centrosome 

In several cell types, centrosomal nucleation continues during the initial stages of 

noncentrosomal microtubule array establishment.  In cultured rat hippocampal neurons, 

the centrosome continues to nucleate microtubules, which are severed by katanin and 

trafficked out of the cell body (Ahmad et al., 1999).  The centrosome is considered to be 
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the primary microtubule nucleator in the inner pillar cells of the mammalian cochlea, as 

g-tubulin remains enriched there over the course of differentiation (Mogensen et al., 

1997).   

In the mammalian epidermis, the centrosome retains nucleation capacity during 

early differentiation (Lechler and Fuchs, 2007; Muroyama et al., 2016).  Notably, 

although centrosomal g-tubulin levels are significantly decreased at differentiation onset, 

the g-tubulin that remains is bound by the nucleation-activator CDK5RAP2 (Muroyama 

et al., 2016).  Sites of nucleation in the terminally differentiated epidermal cells, which 

have cortical microtubules, are still unknown.  g-tubulin is not detectably associated 

with either the centrosome or the cell cortex in these cells, suggesting that microtubule 

nucleation occurs from the cytoplasm.  In cases where microtubules continue to be 

nucleated from the centrosome, the largest outstanding question is how microtubules 

are released and subsequently trafficked to be anchored. 

1.4.4.2 Nucleation from noncentrosomal sites 

To date, no group has visualized microtubule growth in apicobasal arrays in vivo 

under steady-state conditions.  Because g-tubulin is highly enriched at the apical surface, 

current models suggest that the apical surface is the primary microtubule nucleator.  In 

the C. elegans intestine, microtubules regrow from the apical surface after nocodazole 

washout, suggesting that this pool of g-tubulin is nucleation competent (Yang and 

Feldman, 2015).  Similarly, the g-tubulin-rich apical domain nucleates microtubules 
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following nocodazole washout in the Drosophila trachea (Brodu et al., 2010).  Direct 

observation of microtubule nucleation in the mammalian intestine has not been 

reported.  Experiments conducted in cultured simple epithelial cell lines (MDCK and 

Caco-2) suggest that the centrosome is still competent for microtubule nucleation 

following nocodazole washout, however whether this reflects the natural state in vivo 

has not been determined (Bre et al., 1990; Meads and Schroer, 1995).  Importantly, these 

centrosomes retain g-tubulin in contrast to their fully differentiated counterparts in vivo. 

In mature neurons, the centrosome may no longer be the active nucleator (Stiess 

et al., 2010).  Laser ablation of the centrosome in well-differentiated neurons in culture 

does not cause detectable microtubule organization defects.  Similarly, in Drosophila 

dendritic arborization (da) sensory neurons, centrosome ablation either through 

mutation of the essential centriole component SAS-4 or laser ablation does not result in 

microtubule defects (Nguyen et al., 2011).  Golgi has been demonstrated to be a site for 

microtubule nucleation in several settings (Efimov et al., 2007; Miller et al., 2009; Rivero 

et al., 2009).  In Drosophila da sensory neurons, EB1-GFP emanates from Golgi outposts 

in the dendrites, suggesting that these may function as nucleation sites (Ori-McKenney 

et al., 2012).  That Centrosomin, the Drosophila homolog of CDK5RAP2, is localized to 

the Golgi in these cells supports the idea that they are microtubule nucleators (Yalgin et 

al., 2015).  However, Golgi-mediated microtubule nucleation may not be necessary in all 

situations for microtubule organization, as forced sequestration of Golgi out of dendrites 



 

34 

did not cause changes in g-tubulin localization in some Drosophila neurons (Nguyen et 

al., 2014). 

Several studies using cultured myotubes have suggested that microtubules are 

nucleated from the nuclear envelope and the cytoplasm (Tassin et al., 1985; Musa et al., 

2003; Bugnard et al., 2005).  Using a remarkable setup, Oddoux et al. performed live-

imaging of microtubule growth under steady-state conditions in situ in living mouse 

skeletal muscle (Oddoux et al., 2013).  By combining visualization of EB3-GFP and GFP-

tubulin in the digitorum brevis muscle of the mouse foot, Oddoux et al. were able to 

directly confirm that microtubule nucleation occurs from both the nuclear envelope, 

and, unexpectedly, from Golgi elements at the intersection of microtubule tracks 

(Oddoux et al., 2013).  This work highlights the value of developing systems to visualize 

microtubule behavior in vivo.  

1.4.5 Stabilization and anchoring of the microtubule minus end 

Noncentrosomal microtubule arrays, by definition, have minus ends anchored to 

sites distinct from the centrosome that may or may not be the same sites where 

microtubules are nucleated.  Current models of microtubule anchoring rely on one of 

three models: 1) microtubules nucleated by g-tubulin are then tethered to the g-tubulin 

complex and stabilized, 2) microtubules nucleated by g-tubulin are released or severed 

and subsequently captured by a different protein, or 3) microtubules don’t come from g-

tubulin but come from severing of existing or alternate nucleation pathways.  Evidence 
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for a g-tubulin anchoring function has been provided in several cases (Anders and 

Sawin, 2011; Muroyama et al., 2016).  During formation of cortical microtubule arrays in 

Arabidopsis, g-tubulin can function as both a microtubule nucleation site and an anchor 

for MT minus ends (Walia et al., 2014).  In the C. elegans epidermis, g-tubulin both 

nucleates and anchors microtubules (Wang et al., 2015).  In both C. elegans intestine and 

Drosophila trachea, g-tubulin is thought to be a microtubule anchor, although this has yet 

to be explicitly tested. 

Microtubule minus-end capture has been proposed to be controlled in some 

cases by ninein (Mogensen et al., 2000).  In the mammalian epidermis, ninein is 

relocalized to the cell cortex in differentiated keratinocytes, suggesting that it plays a 

role in capturing microtubules nucleated from the centrosome to form cortical 

microtubule arrays (Lechler and Fuchs, 2007).  Ninein is also deployed to the apical 

surface in the inner pillar cells of the mammalian cochlea, where it is associated with 

bundles of microtubules minus ends (Tucker et al., 1995; Mogensen et al., 2000).  

Relocalization of ninein to cell junctions during epithelial differentiation has also been 

proposed to play a role in noncentrosomal microtubule formation (Delgehyr et al., 2005).  

A recently described putative ninein homolog in C. elegans, NOCA-1, establishes 

microtubule arrays in the C. elegans epidermis (Wang et al., 2015).  Whether ninein 

traffics with the microtubule minus end as it is moved to the noncentrosomal site is an 

intriguing possibility, as ninein has been seen to move along microtubules in cultured 
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cells and is associated with cytoplasmic microtubules during microtubule bundle 

formation in inner pillar cells (Moss et al., 2007).  If ninein requires microtubules for site 

specification, however, it is currently unclear how ninein sites would be initially 

established during noncentrosomal array formation. 

Microtubule release from the centrosome has been visualized in cultured cells 

(Keating et al., 1997).  However, a long-standing question has been what the nature of a 

free microtubule minus end is.  Presumably the microtubule must be released with a 

minus-end cap or be rapidly capped once released into the cytoplasm to prevent 

microtubule depolymerization.  The recent identification of the 

CAMSAP/Patronin/Nezha protein family provided insight into how the minus end is 

stabilized.  The CAMSAP family associates with microtubule minus ends in all species 

in which they have been identified (Baines et al., 2009; Goodwin and Vale, 2010; Meng et 

al., 2008).  The CAMSAP homologs have different minus-end protection properties, 

which has been recently reviewed elsewhere (Akhmanova and Hoogenraad, 2015).  

Therefore, this section will focus on the role for CAMSAPs in noncentrosomal 

microtubule organization.  Nezha/CAMSAP3 was originally identified as an adherens 

junction-associated protein in Caco-2 cells that plays a role in apicobasal microtubule 

organization.  A mouse model of CAMSAP3/Nezha was recently generated in which the 

microtubule-binding domain of Nezha (the CKK domain) was deleted (Toya et al., 

2016).  Microtubules in the small intestines of these mice were disorganized, 
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demonstrating that CAMSAP3 is important for apicobasal microtubule formation in 

vivo.  CAMSAP2 has been demonstrated to organize microtubules in mammalian 

hippocampal neurons independent of g-tubulin (Yau et al., 2014).  The C. elegans 

homolog, PTRN-1, is important for microtubule organization in the epidermis and in 

neurons (Wang et al., 2015; Richardson et al., 2014).  How CAMSAP proteins recognize 

the minus end is still unknown.  Additionally, how CAMSAP/Patronin/Nezha bridge 

the microtubule minus end and a noncentrosomal docking site is still largely unknown. 

1.4.6 Functions for noncentrosomal microtubule arrays in vivo 

There has been a recent explosion of interest in understanding the functions of 

noncentrosomal microtubule arrays in vivo.  Genetic dissection of noncentrosomal 

microtubule networks has traditionally been challenging because 1) many microtubule-

associated proteins are required for mitosis, rendering global knockout/knockdown 

impractical, 2) many MAPs have redundant functions, particularly in mammals, and 3) 

with a limited understanding of the mechanisms regulating noncentrosomal 

microtubule array formation, there are few clear candidates for disruption.  This section 

will highlight some of the recently developed genetic tools that have been used to 

understand the functions for noncentrosomal microtubule arrays in development and 

physiology. 

Several groups have used the GAL4/UAS system in Drosophila to overexpress the 

microtubule severing protein spastin in a tissue-specific manner to perturb 
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microtubules.  This system has been used to show that noncentrosomal microtubule 

arrays are important for zippering of the epithelium during Drosophila dorsal closure 

(Jankovics and Brunner, 2006).  By overexpressing spastin during Drosophila trachea 

morphogenesis, Le Droguen et al. demonstrated that microtubules are required to 

maintain proper cortical levels of adherens junction proteins (Le Droguen et al., 2015).    

Therefore, we generated the first spastin overexpression (OE) mouse (see section 3). 

More recently, perturbation of CAMSAP family members has been useful in 

delineating the role of noncentrosomal microtubules in various organisms because, even 

though it was identified in a screen for mitotic spindle mutants, animals null for 

CAMSAP/Patronin appear to be viable (Goshima et al., 2007; Wang et al., 2015).  

Perturbation of PTRN-1 negatively affects neurite morphology and axon regeneration in 

C. elegans (Richardson et al., 2014; Chuang et al., 2014).  In the Drosophila oocyte, 

noncentrosomal microtubules stabilized by Patronin are important for polarity and 

tissue architecture (Nashchekin et al., 2016).  Disruption of the microtubule-binding 

domain of Nezha/CAMSAP3 globally in mice results in disorganized microtubule arrays 

in the mammalian small intestine and an accompanying disorganization of nuclear 

position and organelle placement (Toya et al., 2016).  CAMSAP2 disruption in mouse 

brains results in cell migration and axon extension defects (Yau et al., 2014).  Much 

progress has been made in recent years in understanding the functions of these diverse 

microtubule arrays by focusing on perturbing microtubule organization in vivo. 
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1.5 Epidermal development and microtubule reorganization 

The mammalian epidermis is a stratified, squamous epithelium composed of 

distinct cell layers.  In this tissue, the basal keratinocytes, which contact the underlying 

basement membrane, proliferate to form suprabasal, differentiated cells through 

asymmetric divisions (Lechler and Fuchs, 2005).  As keratinocytes move to the surface of 

the tissue, they differentiate, form tight junctions, and eventually reach the outermost 

cornified envelope, where they become highly cross-linked and are eventually sloughed 

off (Fuchs and Raghavan, 2002).  The basal keratinocytes have radial microtubule arrays 

anchored at the centrosome; however, as keratinocytes differentiate, they reorganize 

their microtubules to the cell cortex (Lechler and Fuchs, 2007) (Figure 5).  Several 

centrosomal proteins, including ninein, Ndel1, and Lis1 are relocalized in differentiated 

keratinocytes to desmosomes, where they are thought to anchor the cortical 

microtubules (Lechler and Fuchs, 2007; Sumigray et al., 2011).  An epidermal-specific 

Lis1 conditional knockout mouse has profound microtubule disorganization and, 

surprisingly, desmosome defects (Sumigray et al., 2011).  By using a cultured 

keratinocyte model of cortical microtubule formation, Sumigray et al. demonstrated that 

formation of cortical microtubules increased sheet integrity and tight junction function, 

hinting that these may be among the roles for cortical microtubules in vivo (Sumigray et 

al., 2012). 
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My dissertation work extends directly from these findings.  First, I uncover a 

mechanism that regulates centrosome inactivation in the epidermis as basal 

keratinocytes begin to differentiate.  I show that cell-cycle exit coincident with 

differentiation triggers a delocalization of a specific pool of g-tubulin bound by Nedd1 

that is critical for proper microtubule anchoring at the centrosome.  Second, I generate a 

set of mouse lines to visualize and disrupt microtubule organization in vivo.  I use these 

mice to show that differentiated keratinocytes have suppressed microtubule dynamics in 

vivo in the epidermis.  Furthermore, by perturbing microtubules in suprabasal cells in 

vivo, I uncover unexpected functions for microtubules in regulating cell shape, 

differentiation status, and tissue architecture.  Finally, I generate several mouse models 

to perturb microtubule organization in the mammalian small intestine.  Using these 

lines, I demonstrate that apicobasal microtubule arrays are important for organelle 

placement and lipid transport, but, surprisingly, not tissue integrity or organismal 

health under homeostatic conditions.  Together, my research has uncovered new 

mechanisms that control noncentrosomal microtubule organization and unexpected 

functions for noncentrosomal arrays in epithelial morphogenesis and homeostasis.  



 

41 

 

Figure 5: Microtubule reorganization accompanies epidermal differentiation. 

The epidermis is formed through stratification driven by asymmetric divisions in the 
basal layer that displace one daughter cell into the suprabasal layer. As a cell exits the 

basal layer, it begins to differentiate. Differentiation continues as the cell is pushed 
outward, until the cell becomes part of the cornified envelope and is eventually 

sloughed off. Microtubules are reorganized over the course of epidermal differentiation, 
and go from being organized in radial arrays centered at the centrosome to cortical 

microtubule arrays anchored at the cell cortex. 
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2. Divergent regulation of functionally distinct g-tubulin 
complexes during epidermal differentiation 

2.1 Introduction 

In most proliferative cells, the centrosome acts as the primary microtubule-

organizing center (MTOC).  While it has been long appreciated that differentiation 

induces formation of noncentrosomal microtubule (MT) arrays in many tissues and cell 

types, including epithelium, neurons, and muscle, the mechanisms controlling 

inactivation of the centrosome during this process remain poorly characterized (Bartolini 

and Gundersen, 2006; Brodu et al., 2010; Feldman and Priess, 2012; Musch, 2004; 

Nguyen et al., 2011; Srsen et al., 2009).  In the proliferative basal cells of the mammalian 

epidermis, MTs are organized by the centrosome (Lechler and Fuchs, 2007).  When these 

cells differentiate, MTs are no longer associated with the centrosome and instead are 

recruited to the cell cortex.  Neither the molecular mechanism underlying loss of MTOC 

activity at the centrosome nor the specific signaling pathway that regulates this 

transition is known. 

Centrosomal MTOC activity requires both MT nucleation and minus-end 

anchoring (Dammermann et al., 2003).  While previous work has identified several 

mechanisms that regulate MT nucleation, the molecular mechanisms underlying 

anchoring are just beginning to be elucidated.  In some cell types, centrosomal subdistal 

appendages appear to be the preferred site for MT anchoring (Chretien et al., 1997; 

Delgehyr et al., 2005; Guo et al., 2006; Ibi et al., 2011; Mogensen et al., 2000).  In other cell 
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types, however, loss of subdistal appendages does not affect centrosomal MTOC 

activity, and MTs appear to be more broadly anchored in the pericentriolar material 

(PCM) by unknown means (Ishikawa et al., 2005). 

g-tubulin is a prominent component of the PCM and exists in two major 

complexes, the g-tubulin small complex (g-TuSC) and g-tubulin ring complex (g-TuRC).  

g-TuRCs are the major MT nucleators at the centrosome, and they have also been 

proposed to play roles in minus-end capping (Anders and Sawin, 2011; Moritz et al., 

1995; Wiese and Zheng, 2000; Zheng et al., 1995), but have not been implicated in 

anchoring MTs at the centrosome.  In addition to the core g-TuRC components (GCP2-6), 

other g-TuRC accessory factors such as Nedd1 and CDK5RAP2 have been more recently 

identified (Choi et al., 2010; Fong et al., 2008; Haren et al., 2006; Luders et al., 2006).  

These proteins have been suggested to play roles in g-tubulin recruitment to the 

centrosome, but these effects may be species and/or cell-type dependent.  For example, 

Nedd1 was originally shown to be necessary for g-tubulin localization to centrosomes in 

human cancer cell lines but wasn’t required for centrosomal g-tubulin recruitment in 

Xenopus or Drosophila (Liu and Wiese, 2008; Reschen et al., 2012; Manning et al., 2010; 

Zeng et al., 2009).  

The presence of these accessory factors suggests that there may be biochemical 

heterogeneity of g-TuRCs.  However, whether different g-TuRCs have distinct functions 

(for example nucleation versus minus-end anchoring) has not been addressed.  
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CDK5RAP2 has been demonstrated to promote g-TuRC-mediated MT nucleation activity 

in vitro (Choi et al., 2010).  While direct analysis of the effects of Nedd1 on g-TuRC 

nucleation activity has not been reported, a number of studies have suggested that 

Nedd1 is required for centrosomal microtubule nucleation in interphase and in mitosis 

(Gomez-Ferreria et al., 2012; Haren et al., 2006; Pinyol et al., 2013; Luders et al., 2006; 

Walia et al., 2014). 

In this study, we report the isolation and identification of distinct g-TuRCs from 

keratinocytes and show that these complexes are lost from centrosomes with different 

kinetics over the course of epidermal differentiation.  CDK5RAP2/g-TuRCs, which we 

demonstrate are potent MT nucleators in vivo, are maintained at centrosomes over the 

initial steps of differentiation.  In contrast, Nedd1/g-TuRCs do not nucleate MTs either in 

vitro or in vivo but are required for MT anchoring and are rapidly delocalized from 

centrosomes following cell-cycle exit.  Together, this work reveals that g-TuRCs with 

separable functions exist in cells and elucidates a mechanism whereby MTOC activity at 

the centrosome is lost during tissue differentiation in mammals. 

2.2 Centrosome intrinsically lose MTOC activity upon epidermal 
differentiation 

Epidermal differentiation is associated with the reorganization of MTs from 

centrosomal to cortical arrays (Lechler and Fuchs, 2007; Sumigray et al., 2011; Sumigray 

et al., 2012).  To ask whether these changes reflect intrinsic centrosomal changes or are 

due to competition from a new cellular MTOC, we developed a protocol to purify 
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centrosomes from proliferative and differentiated keratinocytes.  A robust keratin 

network normally hinders purification of a pure centrosome pool from wild-type 

keratinocytes; we successfully circumvented this problem by isolating centrosomes from 

a keratinocyte line lacking keratin filaments, which was derived from mice in which the 

type II keratin locus was deleted (Seltmann et al., 2013) (Figure 6A,B).  As discussed in 

detail below, keratin-null cells exhibit similar centrosomal changes upon differentiation 

as wild-type cells (Figure 7A,B).  To our knowledge, this is the first study to successfully 

isolate centrosomes from a defined cell population from different stages of 

differentiation.  

To assess whether differentiation induces centrosomes to lose intrinsic MTOC 

function, we performed in vitro MT nucleation assays with purified centrosomes 

(Mitchison and Kirschner, 1984).  While reactions with tubulin alone contained few 

microtubules (Figure 6C-F), robust MT asters were observed in reactions containing 

centrosomes isolated from proliferative keratinocytes.  In contrast, centrosomes purified 

from differentiated keratinocytes did not form MT asters, demonstrating that 

centrosomes intrinsically lose the ability to act as MTOCs upon epidermal 

differentiation.  Importantly, while these differentiated centrosomes did not act as 

MTOCs, they did promote the formation of free (non-centrosomal) MTs (Figure 6E,F), 

suggesting that they still promote MT nucleation but are defective in MT anchoring. 

 



 

46 

 

Figure 6: Differentiated centrosomes lose MT anchoring activity and have 
decreased nucleation activity. 
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Figure 6. cont. from page 46 

A. Schematic of centrosome isolation from cultured keratin-null cells. B. Field of 
isolated centrosomes stained for pericentrin. Scale bar-10µm. Images on right show co-
localization of g-tubulin and pericentrin in isolated centrosomal puncta. Scale bar-1µm. 

C. Representative images of MT assembly assays in the presence of buffer only, 
centrosomes from proliferative cells, and centrosomes from differentiated cells. Scale 

bar-10µm. D. Quantification of aster area surrounding purified centrosomes from 
proliferative and differentiated cells (n≥54 centrosomes from 3 independent 

experiments). E. Representative images of fields of free (non-centrosomal) MTs 
nucleated in reactions as in (C). Scale bar-10µm. F. Quantification of free (non-

centrosomal) MTs in reactions as in (C) (n≥9 fields from 2 independent experiments). G. 
Diagram of construct used to generate EB1-GFP expressing mice. H,I. Compressions of 

EB1-GFP movies in proliferative (H) or differentiation (I) keratinocytes derived from the 
EB1-GFP transgenic mouse. Scale bar-10µm. J. Quantification of centrosomal nucleation 
rate in proliferative and differentiated primary keratinocytes. Five separate replicates of 

paired samples derived from 5 independent mice are shown (n≥126 centrosomes). A 
paired design was used because proliferative and differentiated centrosomes can be 

measured within the same dish. *p<0.05, ***p<0.001. Data are represented as mean±s.e.m. 
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While the above assay suggested that nucleation still occurs from differentiated 

centrosomes, this assay is only semi-quantitative and does not allow direct visualization 

of microtubule nucleation.  To directly visualize and measure MT nucleation at the 

centrosome in cells, we generated transgenic mice that express the MT plus-tip tracking 

protein EB1 tagged to GFP under the keratin 14 promoter (Figure 6G) (Vasioukhin et al., 

1999).  These mice are viable, have no detectable skin defects, and allowed us to 

visualize MT growth dynamics in both intact tissue and isolated primary keratinocytes. 

Furthermore, by crossing these mice to a line expressing centrin-GFP (Lechler and 

Fuchs, 2005), we were able to quantify microtubule growth from centrosomes. 

To quantify MT nucleation, we isolated primary keratinocytes (EB1-GFP; centrin-

GFP) from neonatal mouse back skin.  Primary keratinocytes form two distinct layers in 

culture, a proliferative basal and a differentiated suprabasal layer that exhibit identical 

centrosomal changes as intact tissue (Figure 7C,D), allowing us to image microtubule 

dynamics in proliferative and differentiated cells in the same experiment.  As a bona fide 

marker of a newly nucleated MT has not been identified, we scored EB1-GFP comets 

that initiated at the centrin-GFP labeled centrosome as newly nucleated MTs, as 

previously reported (Piehl et al., 2004).  In five independent experiments, we observed 

an approximately two-fold decrease in MT nucleation from centrosomes in 

differentiated cells (Figure 6H-J).  This reduction in MT nucleation cannot account for  
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Figure 7: Analysis of centrosomal proteins in cultured cells and after 
centrosome purification. 
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Figure 7.  cont. from page 49 

A. Quantification of centrosomal g-tubulin and pericentrin levels in proliferative 
and differentiated keratin-null cells (n=150 centrosomes each from 3 independent 

experiments). B. Quantification of g-tubulin and pericentrin levels on isolated 
centrosomes obtained from either proliferative or differentiated keratin-null cells (n=50 
centrosomes each). C. Top - XZ image of a culture of primary keratinocytes showing a 

basal cell and a suprabasal cell. Scale bar-5µm. Bottom – XY images of basal and 
suprabasal cells stained for CDK5RAP2 and g -tubulin. Scale bar-5µm. Scale bar in 

insets-1µm. D. Quantification of g -tubulin and pericentrin levels at the centrosome in 
basal and suprabasal cells from primary cultures of keratinocytes (n≥94 centrosomes 

from 2 independent experiments). n.s.—not significant, ***p<0.001. Data are represented 
as mean±s.e.m. 
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the total loss of MTOC activity we observed in the in vitro MT nucleation assays, 

suggesting that differentiation triggers a dramatic loss of MT anchoring as well as a less 

dramatic reduction in centrosomal MT nucleation. 

2.3 Centrosomal proteins are delocalized upon epidermal 
differentiation 

Because we observed centrosome-intrinsic loss of MTOC activity, we next 

assessed the localization of several key centrosomal proteins during epidermal 

differentiation, which occurs in a stereotypical manner from inner basal cells to the outer 

cornified envelope.  Quantification of centrin-GFP puncta in the epidermis 

demonstrated that centrioles were maintained throughout the entire differentiation 

process (data not shown).  We found that the PCM scaffolding protein pericentrin 

showed a modest decrease in centrosomal levels (~25%) in the transition from 

proliferative basal cell to the immediate suprabasal cell layer (Figure 8B).  As 

differentiation progressed, there was continued loss of pericentrin from the centrosome 

(Figure 8B,E).  In contrast to pericentrin, a large fraction of centrosomal g-tubulin was 

delocalized in the first suprabasal layer in cells that had initiated differentiation (Figure 

8A,E).  Quantification of immunofluorescence signal revealed that over 70% of g-tubulin 

was lost from centrosomes as cells exited the basal layer ( Figure 8E).  The remaining 

centrosomal g-tubulin, like pericentrin, continued to decrease as differentiation 

proceeded.  Therefore, 1) delocalization from the centrosome appears to be a general 

feature of centrosomal proteins during differentiation, and 2) the kinetics of loss differ 
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significantly in a protein-specific manner.  Here, we focus on the centrosomal changes as 

proliferative progenitors initiate differentiation. 

Differentiation induced similar changes at the centrosomes of cultured 

keratinocytes.  Three days following differentiation induction via calcium addition, 

centrosomal pericentrin levels decreased only 20%, while g-tubulin was much more 

dramatically lost (>60%) (Figure 8F,G).  Similar changes were also observed in keratin-

null cells, centrosomes isolated from keratin null-cells, and isolated primary 

keratinocytes (Figure 7A-D). Therefore, both in intact epidermis and cultured 

keratinocytes, differentiation triggers a dramatic decrease in centrosomal g-tubulin levels 

coincident with changes in centrosomal MTOC activity.  

2.4 Distinct effects of differentiation on the localization of g-
tubulin interacting proteins 

To identify potential upstream factors controlling g-tubulin localization to 

centrosomes in keratinocytes, we assayed the localization of two proteins, Nedd1 and 

CDK5RAP2, which play roles in g-tubulin localization to centrosomes in other cell lines 

(Fong et al., 2008; Haren et al., 2006; Luders et al., 2006; Manning et al., 2010). 

CDK5RAP2 localization to the centrosome was gradually decreased over epidermal 

differentiation (Figure 8C,E).  In stark contrast, Nedd1 was abruptly lost from 

centrosomes upon differentiation both in intact epidermis and in cultured keratinocytes, 

similar to g-tubulin (Figure 8D-G).  These data suggested that a major pool of g-tubulin 

requires Nedd1 for its centrosomal localization in keratinocytes and that this  
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Figure 8: Keratinocyte differentiation induces loss of centrosomal g-tubulin and 
Nedd1. 

A-D. Cryosections of neonatal mouse back skin stained for the indicated 
centrosomal proteins. Dashed lines represent the basement membrane. Scale bar-10µm. 

Insets show centrosomes at higher magnification. Scale bar-1µm. E. Quantification of 
fluorescence intensity of centrosomal proteins during epidermal differentiation. 

Proliferative indicates basal cells, the second time point is the first suprabasal cell layer, 
the third time point is upper spinous cells and the fourth is granular cells. F. 

Proliferative and differentiated cultured keratinocytes were stained for the indicated 
centrosomal proteins. Arrows indicate centrosome location. Scale bar-5µm. G. 

Quantification of fluorescence intensity of centrosomal proteins in proliferative and 
differentiated cultured keratinocytes (n≥280 centrosomes from 3 independent 

experiments). H. Western blots of whole cell lysates prepared from proliferative and 
differentiated keratinocytes at indicated time points. n.s.—not significant, *p<0.05, 

***p<0.001. Data are represented as mean±s.e.m. 
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Nedd1/g-tubulin pool is delocalized upon differentiation onset. 

Assaying total protein levels in proliferative and differentiated keratinocytes 

revealed that the decrease in centrosomal g-tubulin was due to a relocalization to the 

cytoplasm, as total levels remained constant over the differentiation process (Figure 8H). 

Similarly, CDK5RAP2 protein levels remained unchanged (Figure 8H).  Strikingly, total 

Nedd1 levels were dramatically reduced upon differentiation (Figure 8H).  These data 

suggested that degradation of Nedd1 upon differentiation onset may be responsible for 

delocalizing a large pool of g-tubulin.   

To test whether Nedd1 was required to maintain g-tubulin at centrosomes in 

keratinocytes, we used lentiviral-mediated knockdowns to assess the relative 

contributions of CDK5RAP2 and Nedd1 to g-tubulin centrosomal localization.  At 96 

hours post-infection, centrosomal Nedd1 levels were reduced to about 10% of wild-type 

levels (Figure 9A-C).  Stable Nedd1 knockdown (KD) lines could not be maintained due 

to severe mitotic defects, as previously reported (Haren et al., 2006; Luders et al., 2006) 

(Figure 9E,F).  Consistent with Nedd1 acting as the major recruiter of centrosomal g-

tubulin in keratinocytes, Nedd1 depletion severely reduced g-tubulin localization to 

centrosomes without affecting CDK5RAP2 levels (Figure 10A,B; Figure 9D).  CDK5RAP2 

depletion induced a small but statistically significant decrease in centrosomal g-tubulin 

and Nedd1 levels (Figure 10B; Figure 9G,H).  These data are consistent with a large 

fraction of g-tubulin requiring Nedd1 for its centrosomal localization.  Therefore, 
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differentiation onset induces a profound loss of centrosomal Nedd1/g-tubulin complexes 

coincident with loss of MT anchoring to centrosomes. 

2.5 CDK5RAP2-bound and Nedd1-bound g-TuRCs have different 
activities 

Given the well-established function of g-tubulin in MT nucleation and the 

dependence of centrosomal g-tubulin levels on Nedd1, our results suggested that Nedd1 

may be a major determinant of centrosomal MT nucleation activity.  To test this, we 

began by assessing how much microtubule nucleation from the centrosome is g-tubulin 

dependent.  By using the EB1-GFP/centrin-GFP assay described above, we found that 

lentiviral-mediated knockdown of g-tubulin strongly decreased microtubule nucleation 

from the centrosome, clearly demonstrating that g-tubulin is required for a least some of 

the microtubule nucleation at the centrosome (Figure 10C).   However, due to our 

inability to completely deplete g-tubulin from cells (Figure 10B) we are unable to 

conclude whether all microtubule nucleation from the centrosome requires g-tubulin. 

Next, to test whether CDK5RAP2- and/or Nedd1-bound g-tubulin is required for 

centrosomal microtubule nucleation, we measured EB1-GFP growth from centrosomes 

in CDK5RAP2 KD and Nedd1 KD keratinocytes.  Surprisingly, even though Nedd1 

depletion was sufficient to cause significant g-tubulin loss at centrosomes, the MT 

nucleation rate was not significantly decreased (Figure 10B,C).  Conversely, CDK5RAP2 
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Figure 9: Validation of Nedd1 and CDK5RAP2 knockdowns. 
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Figure 9. cont. from page 56 

A. Immunofluorescence analysis of Nedd1 in WT and Nedd1 KD cells. Scale bar-
5µm.  B. Western blot of Nedd1 levels in lysates prepared from WT and Nedd1 KD cells. 

C. Quantification of centrosomal Nedd1 levels in control and Nedd1 KD cells (n=100 
centrosomes from 2 independent experiments). D. Quantification of centrosomal 

CDK5RAP2 levels in control and Nedd1 KD cells (n=100 centrosomes from 2 
independent experiments). E. Images of mitotic figures from WT and Nedd1 KD cells. 

Scale bar-5µm. F. Quantification of percentage of cells with abnormal mitotic spindles in 
control and Nedd1 KD cells (n=3 independent experiments with 50 cells per 

experiment). G. Quantification of centrosomal CDK5RAP2 levels in control and 
CDK5RAP2 KD cells (n≥62 centrosomes from 2 independently derived cell lines). H. 

Quantification of centrosomal Nedd1 levels in control and CDK5RAP2 KD cells (n≥60 
centrosomes from 2 independently derived cell lines). I-K. Nedd1 (I), CDK5RAP2 (J) and 

ninein (K) levels in centrosomes isolated from control and Nedd1 KD cells. n.s.—not 
significant, ***p<0.001. Data are represented as mean±s.e.m. 
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loss had a significant effect on microtubule nucleation from the centrosome despite 

having a smaller effect on g-tubulin levels.  These data indicate that the small pool of 

CDK5RAP2-bound g-TuRCs at the centrosome is responsible for most MT nucleation.   

2.6 Nedd1 and CDK5RAP2 form independent g-TuRCs 

Our above data demonstrate that CDK5RAP2 and Nedd1 differentially regulate 

g-tubulin localization and centrosome nucleation activity.  We next sought to further 

clarify the nature of these complexes.  A GST fusion to the g-tubulin binding domain of 

Nedd1 (GST-NgBD) (Figure 11A) was able to pull down g-tubulin and endogenous 

Nedd1, consistent with previous reports indicating that Nedd1 can oligomerize (Fig. 

Figure 11B) (Manning et al., 2010).  No CDK5RAP2 was detected in GST-NgBD pull-

downs.  Additionally, a GST fusion to the g-tubulin binding domain of CDK5RAP2 

(GST-CgBD) could precipitate g-tubulin but not Nedd1 (Figure 11B).  

While both Nedd1 and CDK5RAP2 can directly bind to g-TuRC, we found that in 

keratinocyte extracts a large fraction of Nedd1 co-fractionated with g-tubulin, while 

CDK5RAP2 did not (Figure 11C).  As discussed in more detail below, this may be to 

eliminate active nucleation complexes from the cytoplasm.  We then isolated complexes 

that bound to the g-tubulin binding domain of either Nedd1 or CDK5RAP2 by sucrose 

density gradient centrifugation.  In both cases, the majority of associated g-tubulin 

existed in a large complex, consistent with g-TuRC, and we observed little to no 

interaction with g-TuSC (Figure 11D).  This was true both when keratinocyte or HEK293 
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Figure 10: Nedd1/g-TuRC and CDK5RAP2/g-TuRC have different properties in vivo 
and in vitro. 

 

 

 



 

60 

Figure 10. cont. from page 59 

A. Images of g-tubulin in control proliferative keratinocytes and those with 
lentiviral-mediated knockdown of g-tubulin, CDK5RAP2 or Nedd1. Scale bar-5µm. B. 

Quantification of centrosomal g-tubulin levels in control, g-tubulin KD, CDK5RAP2 KD, 
and Nedd1 KD cells (n≥70 centrosomes from at least 2 independently derived cell lines 

for each condition). C. Centrosomal MT nucleation rate in control, g-tubulin KD, 
CDK5RAP2 KD, and Nedd1 KD cells (n≥18 cells from at least 2 independent 

experiments). D. Representative images of fields from MT assembly assays with tubulin 
alone, g-TuRC alone, or purified g-TuRCs incubated with the g-tubulin binding domain 

of either Nedd1 or CDK5RAP2. Scale bar-10µm. E. Quantification of MTs per field in the 
MT assembly assays, as indicated (n=40 total random fields for each condition from 2 

independent experiments). Data are represented as mean±s.e.m. F. g-TuRCs purified by 
affinity for Nedd1 (NgTuRCs) or CDK5RAP2 (CgTuRCs) were used in MT assembly 
assays with addition of the g-tubulin binding domain of CDK5RAP2, as indicated. 

Quantification of MTs per field in the MT assembly assays, as indicated (n=15 random 
fields for each condition from 3 independent experiments). n.s.—not significant, *p<0.05. 

***p<0.001. Data are represented as mean±s.d. 
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Figure 11: CDK5RAP2 and Nedd1 form distinct complexes with g-TuRCs. 
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Figure 11. cont. from page 61 

A. Diagrams of CDK5RAP2 and Nedd1 highlighting the positions of their g-tubulin 
binding domains. B. Pull-down assays using GST-NgBD and GST-CgBD. Associated 

proteins were analyzed by Western blotting for the indicated proteins. C. Fractionated 
keratinocyte lysate showing migration of endogenous proteins. D. Top – Pull-downs 
from keratinocyte lysate using either GST-NgBD or GST-CgBD centrifuged through a 
sucrose gradient and blotted for g-tubulin. Note that both binding domains associate 
exclusively with g-TuRC-sized complexes. Bottom – Pull-downs from HEK293 lysate 

using either GST-NgBD or GST-CgBD run through a sucrose gradient and blotted for g-
tubulin. Note the similarity to pull-downs from keratinocytes. E. Mass spectroscopy 
analysis of GST-NgBD associated g-TuRCs. Note the presence of all known g-TuRC 

components but not CDK5RAP2. 
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extracts were used as the starting material and is consistent with an earlier report for 

CDK5RAP2 (Choi et al., 2010).  While they migrated similarly, it remained possible that 

these were compositionally distinct complexes.  

To more sensitively assess the protein composition of Nedd1/g-TuRCs, we then 

performed mass-spectrometry on NgBD-purified g-TuRCs and identified peptides 

corresponding to all the core g-TuRC components, as well as peptides corresponding to 

the recently identified MOZART1/2 and FME7 (Figure 11E).  We did not identify any 

peptides in our sample corresponding to CDK5RAP2.  Previous mass spectrometry 

analysis of CDK5RAP2-associated g-TuRCs also identified all core g-TuRC components, 

but, interestingly, not Nedd1(Choi et al., 2010).  In contrast, direct affinity isolation of 

TAP-tagged g-tubulin from cells identified both Nedd1 and CDK5RAP2 (Teixido-

Travesa et al., 2010).  Therefore, our data are consistent with the existence of two distinct 

g-TuRCs, one bound to CDK5RAP2 and one to Nedd1.  However, it is important to note 

that this is in solution, and higher order structures may form at the centrosome.  

2.7 Nedd1 and CDK5RAP2 differentially affect g-TuRC-mediated 
MT nucleation in vitro 

We next tested whether CDK5RAP2 or Nedd1 could stimulate the MT nucleation 

activity of purified g-TuRC.  The affinity purified g-TuRCs were subjected to sucrose 

density gradient centrifugation, which removes most of the bound GST-tagged 

interacting protein (Choi et al., 2010).  Because of loss of the Nedd1 and CDK5RAP2 

recombinant fragments upon purification, we then supplemented the isolated g-TuRCs 
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with either GST-CgBD or GST-NgBD.  Neither GST-CgBD nor GST-NgBD alone 

stimulated MT nucleation (Figure 10D,E).  Addition of GST-CgBD resulted in an 

approximately 8-fold increase in g-TuRC nucleation activity, consistent with previous 

data (Figure 10D,E) (Choi et al., 2010).  This was true for both the g-TuRCs purified by 

their affinity for either Nedd1 or CDK5RAP2 (Figure 10E,F), demonstrating that the 

complexes isolated by either binding partner are capable of being stimulated by 

CDK5RAP2.  Interestingly, and in agreement with our live-imaging data from cultured 

keratinocytes, g-TuRCs pre-incubated with GST-NgBD did not induce MT nucleation 

above levels seen with g-TuRC alone (Figure 10E).  Taken together, these data 

demonstrate that Nedd1/g-TuRCs and CDK5RAP2/g-TuRCs are functionally distinct and 

that Nedd1/g-TuRCs are not potent MT nucleators in vitro. 

2.8 CDK5RAP2/g-TuRC and Nedd1/g-TuRC have distinct activities 
in vivo 

Analysis of protein function at the centrosome is confounded by the fact that 

nucleation, anchoring, and MT-dependent transport all occur at this site, making it 

difficult to specifically isolate the function of distinct complexes.  We therefore 

developed a strategy to determine whether CDK5RAP2 and Nedd1 were sufficient for g-

TuRC recruitment and activity at a distinct cellular site.  We fused the desmosome-

targeting domain of desmoplakin (desmosomes are cell-cell adhesion structures at the 

cell cortex) to the Nedd1 or CDK5RAP2 g-tubulin binding domain (DP-NgBD or DP-

CgBD, respectively) (Figure 12A).  Transfection of desmoplakin-null keratinocytes (to 
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eliminate desmoplakin-dependent effects on MTs (Lechler and Fuchs, 2007; Sumigray et 

al., 2011)) with either DP-CgBD or DP-NgBD, but not with the desmosome-targeting 

domain of desmoplakin (DP) alone, resulted in g-tubulin recruitment to desmosomes 

(Figure 12B).  Thus, CDK5RAP2 and Nedd1 are each sufficient to recruit g-tubulin in 

vivo.  Fluorescence intensity measurements demonstrated that similar amounts of g-

tubulin were recruited to the cortex with either construct (Figure 12C).  Consistent with 

our pull-down and mass-spectrometry data, DP-NgBD was able to recruit full-length 

Nedd1, but not CDK5RAP2, to the cortex (Figure 13A,B).  Surprisingly, we found that 

DP-CgBD was able to recruit full-length Nedd1 to desmosomes (Figure 13A), suggesting 

that even though g-TuRCs are isolated as distinct soluble complexes, higher order 

structures containing both must form in cells.  This is consistent with the loss of 30% of 

centrosomal Nedd1 upon CDK5RAP2 depletion (Figure 9H).  To assess whether 

CDK5RAP2 is capable of recruiting g-tubulin independent of Nedd1, we depleted 

endogenous Nedd1 from DP-CgBD-expressing cells; this did not significantly alter the 

levels of g-tubulin at the cell cortex (Figure 12B,C).  Thus we have established an 

experimental system in which we can examine CDK5RAP2-bound gTuRCs, Nedd1-

bound gTuRCs, or the combination of both and compare effects on MT nucleation and 

anchoring activity.  

We first assayed how cortical CDK5RAP2 and Nedd1 complexes influence MT 

nucleation by imaging EB1-GFP in cells transfected with either fusion construct under  
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Figure 12: CDK5RAP2, but not Nedd1, is sufficient to stimulate g-TuRC-
mediated MT nucleation in vivo.  
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Figure 12. cont. from page 66 

A. Diagram of the experimental method. B. g-tubulin localization in cells 
expressing DP alone, DP-NgBD, DP-CgBD, and DP-CgBD+Nedd1KD. Scale bar-10µm. 
Insets show zoomed in cortical regions. Scale bar-1µm. C. Quantification of cortical g-

tubulin levels in DP, DP-NgBD, DP-CgBD (all n≥50 cells from 3 independent 
experiments), and DP-CgBD+Nedd1KD expressing cells (n=25 cells from 3 independent 

experiments). D. Compressions of movies (60 sec) of EB1-GFP showing MT paths in cells 
expressing DP-NgBD or DP-CgBD (n≥16 cells from 3 independent experiments). Images 

on right are color-coded by vectors of growth. Those growing toward the plasma 
membrane are red, those growing perpendicular to it are yellow, and those that are 
growing into the cytoplasm are green. E. Representative images of transfected cells 
before and after nocodazole washout showing sites of MT nucleation. Inset shows 

centrosomal nucleation in control cells. Dotted line indicates the outline of the 
transfected cell. Scale bar-10µm. F. Quantification of cortical g-tubulin intensity in 

control or DP-NgBD, DP-CgBD, or DP-CgBD+Nedd1KD cells 3 minutes after nocodazole 
washout (n=23-92 cells from at least 3 independent experiments). ***p<0.001. Data are 

represented as mean±s.e.m. 
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steady-state conditions.  Consistent with CDK5RAP2 stimulating g-TuRC-mediated 

nucleation, EB1 comets originated at focal sites at the cell cortex and moved into the 

cytoplasm in DP-CgBD-expressing cells (Figure 12D, green lines in right panels).  In 

contrast, few EB1-GFP comets were observed emanating from the cortex in DP-NgBD-

expressing cells (Figure 12D).  To quantify MT nucleation in a larger number of cells, we 

assayed sites of new MT assembly following nocodazole washout (Figure 12E,F).  Under 

these conditions, CDK5RAP2 robustly stimulated MT nucleation at cell-cell junctions 

independent of Nedd1.  In mitotic cells, DP-CgBD cortical puncta even became 

functional “spindle poles,” with the DNA being pulled towards both the centrosomes 

and the cell cortex (Figure 13D).  Cortically targeted DP-NgBD, in contrast, did not 

promote cortical nucleation following nocodazole washout, despite the presence of g-

tubulin at the cell cortex (Figure 12E,F).  This was not due to requirements for other 

domains within Nedd1 as a full-length Nedd1 fusion that was targeted to desmosomes 

(DP-Nedd1FL) behaved identically to DP-NgBD (Figure 13C) and also did not promote 

MT nucleation there (Figure 13E).  These data highlight that Nedd1/gTuRCs are not 

sufficient to promote MT nucleation in interphase cells, and that g-tubulin is not always 

a reliable marker of sites of MT nucleation in vivo. 
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Figure 13: Analysis of cells expressing cortically targeted CDK5RAP2 and Nedd1. 
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Figure 13. cont. from page 69 

A. Cells were transfected with DP (control), DP-NgBD or DP-CgBD together with full 
length Nedd1-GFP. Images show co-localization of Nedd1-GFP with either DP-NgBD or 
DP-CgBD. Scale bar-10µm. B. Cells were transfected with DP (control) or DP-NgBD and 

then stained for V5 (marker of DP fusions) and CDK5RAP2. Note that there is no 
detectable accumulation of CDK5RAP2 with cortical Nedd1. C. Cells transfected with 

DP fused to full-length Nedd1 (DP-Nedd1FL) recruit g-tubulin (top) but not CDK5RAP2 
(bottom) to cell junctions. Scale bar-10µm. D. Images of cells transfected with DP-CgBD 

in mitosis where cortical sites became apparent spindle poles. Scale bar-10µm. E. 
Quantification of the fluorescence intensity of a-tubulin at the cell cortex after 

nocodazole washout in control and DP-Nedd1FL-expressing cells (n≥50 cells from 2 
independent experiments). Note that DP-Nedd1FL does not promote nucleation. F. 

Image of a cell transfected with DP-Nedd1FL. Note the absence of cortically associated 
MTs. Scale bar-10µm. Inset highlights cortical region. Scale bar-5µm. Data are 

represented as mean±s.e.m. 
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2.9 Nedd1 is necessary for efficient microtubule minus-end 
anchoring 

Because Nedd1/g-TuRCs did not promote MT nucleation in vivo or in vitro, we 

wanted to determine whether they had other functions.  Under steady-state conditions, 

we observed that MTs were anchored to the cell cortex in WT keratinocytes transfected 

with DP-CgBD but not in DP, DP-NgBD, or DP-Nedd1FL transfected cells (Figure 14A,B; 

Figure 13F).  However, when Nedd1 was depleted from DP-CgBD-transfected cells, MTs 

were no longer anchored at the cortical sites (Figure 14A,B), despite the fact that we saw 

comparable levels of nucleation following nocodazole washout (Figure 12E).  Expression 

of DP-NgBD in these cells (DP-CgBD; Nedd1 KD) was able to rescue MT anchoring at the 

cortex, strongly suggesting that Nedd1 directly facilitates tethering of MTs through its g-

tubulin interacting domain (Figure 14B).  Notably, ninein and other centrosomal 

proteins such as pericentrin were not detected at cortical sites under these conditions 

(data not shown).  Together, the above data support a model in which Nedd1/g-TuRCs 

are required for MT-anchoring. 

To directly test whether Nedd1 is required for microtubule anchoring to 

centrosomes, we isolated centrosomes from Nedd1 KD cells and performed in vitro MT 

assembly assays.  Nedd1 KD centrosomes could not robustly anchor microtubules in 

vitro (Figure 14C,D), although they were still able to promote MT nucleation (Figure 14E 

and Figure 10C).  In agreement with these data from isolated centrosomes, depletion of 

Nedd1 resulted in MT anchoring defects at centrosomes in cultured keratinocytes.  At 
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Figure 14: Nedd1 is required for MT anchoring. 
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Figure 14. cont. from page 72 

A. Images of MT organization in control, DP-NgBD, DP-CgBD, or DP-CgBD+Nedd1KD 
expressing cells under steady-state (non-perturbing) conditions. Scale bar-10µm. Insets 
show higher magnifications of cortical regions. Scale bar-2µm. Note that cell junctions 

are acting as discrete MTOCs in DP-CgBD-expressing cells. B. Quantification of the 
cortical MT anchoring activity of cells expressing the DP-fusion constructs. C. 

Representative images of MT assembly assays using centrosomes purified from control 
and Nedd1 knockdown cells. Scale bar-10µm. D. Quantification of MT aster area around 

control and Nedd1-knockdown centrosomes (n≥23 centrosomes from 2 independent 
experiments). E. Quantification of free (non-centrosomal) MTs nucleated by control and 

Nedd1 knockdown centrosomes (n=3 independent experiments). F. Representative 
images of control and Nedd1KD cells at indicated time points following nocodazole 

washout. Scale bar-10µm. Insets show zoomed in centrosomes. Scale bar-1µm. G. 
Quantification of the ratio of g-tubulin intensity at the centrosome to intensity in the 

cytoplasm in control and Nedd1KD keratinocytes following nocodazole washout (n≥146 
centrosomes from 3 independent experiments). H. Quantification of MT nucleation at 

the centrosome and cytoplasm following nocodazole washout in control and Nedd1KD 
keratinocytes (n≥146 centrosomes from 3 independent experiments). n.s.—not 

significant, **p<0.01, ***p<0.001. Data are represented as mean±s.e.m. 
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steady state, the high density of MTs in keratinocytes makes analysis of MTOC activity 

difficult.  However, we found that upon nocodazole washout, Nedd1-depleted cells 

have robust centrosomal nucleation, similar to control cells and consistent with our live-

imaging data (Figure 14F-H).  By three minutes after nocodazole washout, however, 

there was a decrease in centrosomal MTOC activity in Nedd1-depleted cells compared 

to controls (Figure 14F-H).  The Nedd1 knockdown cells showed both a decrease in 

centrosomal MT intensity at 3 minutes after washout (as compared to 1 minute after 

washout), as well as an increase in cytoplasmic MTs (Figure 14H).  

Previous anchoring models were based on subdistal appendage proteins, like 

ninein, interacting with MT minus ends.  Importantly, the Nedd1 KD centrosomes 

retained normal levels of ninein and CDK5RAP2 (Figure 9I-K), demonstrating that 

ninein levels do not correlate with anchoring activity.  Thus, our data reveal a second 

way in which centrosomes can anchor MT ends, dependent upon Nedd1/g-TuRCs. 

2.10 g-tubulin localization correlates with cell-cycle status in vivo 

Having identified g-TuRCs with distinct functions and distinct localization 

patterns following differentiation onset, we became interested in understanding which 

signaling pathways control their localization.  Because of its critical role in inducing 

spinous cell fate upon epidermal differentiation (Blanpain et al., 2006; Moriyama et al., 

2008; Rangarajan et al., 2001), we first investigated whether Notch signaling was 

sufficient to delocalize g-tubulin from centrosomes.  Expression of active Notch (NICD) 
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(Murtaugh et al., 2003) in epidermal progenitors induces markers of spinous cells 

(Blanpain et al., 2006) but did not change the ratio of centrosomal g-tubulin intensity in 

basal keratinocytes versus dermal cells (Figure 15A-C).  These data demonstrate that 

Notch signaling is not sufficient to induce g-tubulin delocalization.  Unexpectedly, we 

found that there was an expansion of g-tubulin-enriched centrosomes to suprabasal cell 

layers in these NICD-expressing mice.  In the NICD epidermis, proliferation is expanded 

into the suprabasal cell layers that are normally quiescent (Blanpain et al., 2006; 

Moriyama et al., 2008).  This suggested that g-tubulin was maintained at the centrosome 

in cells that were still actively cycling.  In agreement with this, we observed maintenance 

of g-tubulin at suprabasal centrosomes in the hyperproliferative a-catenin-null 

epidermis and also in intermediate cells, a transient population of proliferative 

suprabasal cells in e14-15 embryos (Lechler and Fuchs, 2005; Vasioukhin et al., 2001) 

(Figure 15D-H).  

2.11 Cell-cycle exit is sufficient to induce g-tubulin delocalization 

The mutant analysis suggested that it is cel- cycle status and not differentiation 

per se that affects centrosomal composition and function (Figure 15I).  To test whether 

altering cell cycle status was sufficient to induce changes in Nedd1 and g-tubulin 

localization, we either serum starved keratinocytes or treated them with the CDK 

inhibitor Purvalanol A.  Both treatments were sufficient to induce delocalization of 

Nedd1/g-TuRCs from centrosomes over a period of hours (Figure 17A).  No changes in 
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Figure 15: Centrosomal g-tubulin levels correlate with cell-cycle status and not 
differentiation state. 
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Figure 15. cont. from page 76 

A. Immunofluorescence localization of g-tubulin in WT epidermis and epidermis 
expressing active Notch (NICD). B. Quantification of the ratio of centrosomal g-tubulin 

in basal cells versus underlying dermal cells (n=2 control and NICD mice). C. 
Quantification of g-tubulin centrosomal localization from basal cells to terminally 

differentiated superficial cells. D. Immunofluorescence localization of g-tubulin in WT 
epidermis and a-catenin-null epidermis. E. Quantification of the ratio of centrosomal g-

tubulin in basal cells versus underlying dermal cells (n=2 control and 2 KO mice). F. 
Quantification of g-tubulin centrosomal localization from basal cells to superficial cells 
(n=2 control and 2 KO mice). G. Immunofluorescence localization of g-tubulin in WT 

e15.5 and e17.5 epidermis. H. Quantification of g-tubulin centrosomal localization from 
basal cells and immediate suprabasal cells (n=2 mice for each stage). Note: the data for 

the e17.5 mice are the WT data from the NICD mice in (B). I. Schematic of the epidermis 
showing the transition to a post-mitotic state. n.s.—not significant, *p<0.05, ***p<0.001. 
Data are represented as mean±s.e.m. All scale bars are 10µm. Dashed lines indicate the 

basement membrane. 
 

 

 

 

 

 

 

 

 

 

 



 

78 

pericentrin or CDK5RAP2 levels were observed following these treatments, 

demonstrating specificity (Figure 17A and data not shown).  Furthermore, biochemical 

analyses revealed that Purvalanol A treatment or serum starvation was sufficient to 

induce a decrease in the amount of g-tubulin at centrosomes and a corresponding 

increase in the cytoplasmic pool (Figure 17B).  While serum starvation was sufficient to 

induce Nedd1 degradation, short-term CDK inhibition did not (Figure 17C).  This 

revealed two separable regulatory points; one resulted in loss of Nedd1 association with 

the centrosome while the other resulted in Nedd1 degradation. 

To test whether cell-cycle exit is sufficient to induce these same centrosomal 

changes in vivo, we overexpressed the CDK inhibitor, Cdkn1b (p27), in basal cells of the 

epidermis (Nguyen et al., 2006; Pruitt et al., 2013).  Doxycycline-induced overexpression 

of Cdkn1b dramatically decreased the percentage of actively cycling Ki67+ and BrdU+ 

cells in the epidermis, demonstrating that Cdkn1b overexpression is sufficient to induce 

quiescence (Figure 17D,E; Figure 16A,B).  Basal cells were still K5/14 positive and did 

not express the spinous marker K1 (Figure 16C).  Cdkn1b expression decreased the 

amount of centrosomal Nedd1/g-TuRC in basal cells of mutant mice relative to wild-type 

littermates while pericentrin levels were unchanged (Figure 17F-I; Figure 165D).  Taken 

together, these data indicate that it is not a differentiation signaling pathway directly, 

but rather cell-cycle exit that induces changes in centrosome architecture, the first step of 
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which is loss of Nedd1/g-TuRC.  As differentiation pathways induce cell-cycle exit, this 

provides an elegant way to turn off centrosomal activity in post-mitotic cells. 

 

Figure 16: Analysis of Cdkn1b-expressing epidermis. 

A. Representative images of back skins from K14-rtTA TRE-Cdkn1b and control 
littermates, stained for BrdU incorporation. Scale bar-20µm. B. Quantification of BrdU+ 
basal cells in K14-rtTA TRE-Cdkn1b mice and control littermates (n= 5 mice each from 2 
independent litters). C. Immunofluorescence analysis of proliferation markers (keratin 
5/14, green), which marks basal cells, and differentiation markers (keratin 1, red). Note 

that K14-rtTA TRE-Cdkn1b basal cells are keratin 5/14 positive and do not express 
keratin 1. Scale bar-10µm. D. Quantification of the basal/dermal ratio of centrosomal 
pericentrin levels in control (TRE-Cdkn1b) and K14-rtTA Tre-Cdkn1b mice (n=2 mice 

each). n.s.—not significant, ***p<0.001. Data are represented as mean±s.e.m. Dashed lines 
indicate the basement membrane. 
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2.12 Discussion 

We have shown that loss of Nedd1 upon differentiation correlates with loss of 

MT-anchoring activity, that Nedd1 is required for anchoring at an artificial cortical 

MTOC, and that depletion of Nedd1/g-tubulin complexes at the centrosome results in 

loss of MT anchoring activity.  Although other models for Nedd1 function exist, an 

intriguing possibility is that Nedd1/g-TuRCs act directly to anchor MTs at the 

centrosome.  While g-TuRCs have established roles in both nucleation and minus-end 

capping of MTs (Anders and Sawin, 2011; Moritz et al., 1995; Wiese and Zheng, 2000; 

Zheng et al., 1995), they were not previously implicated in MT anchoring.  Whether 

anchoring and minus-end capping are linked or distinct activities will require further 

investigation.  It is of note that our studies clearly demonstrate that g-tubulin levels are 

not a good surrogate for MT nucleation activity.  Molecularly, this is due, at least in part, 

to the presence of distinct g-TuRCs with different activities – nucleation or anchoring.  

Our mass spectrometry data demonstrate that the difference between nucleating and 

anchoring g-TuRCs are CDK5RAP2 and Nedd1, respectively, suggesting that these 

binding partners induce different conformations of g-TuRC compatible with distinct MT 

activities.  While it is also possible that there are differences in stoichiometries of 

individual subunits in CDK5RAP2/g-TuRC and Nedd1/g-TuRC, these complexes migrate 

similarly on sucrose gradients and complexes purified based on affinity for Nedd1 can 

be activated by CDK5RAP2.  Future work will be required to determine if and how g- 
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Figure 17: Exit from the cell cycle induces centrosome composition changes. 
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Figure 17. cont. from page 81 

A. Quantification of centrosomal levels of indicated proteins after serum starvation or 
Purvalanol A treatment (n≥96 centrosomes from 2 independent experiments). B. Western 

blots of g-tubulin levels in cytoplasmic and centrosomal fractions from control, serum-
starved, or Purvalanol A-treated cells. C. Western blot of total levels of Nedd1 in control, 

serum-starved, or Purvalanol A-treated cells. D. Back skin cryosections from P1 K14-
rtTA TRE-Cdkn1b mice and littermate controls, stained for the proliferation marker 

Ki67. Dashed line marks the basement membrane. Note the loss of Ki67+ cells is specific 
to the epidermis. E. Quantification of the percentage of Ki67+ basal cells in control and 
K14-rtTA TRE-Cdkn1b mice (n=3 mice of each genotype from 2 independent litters). F. 

Immunofluorescence of g-tubulin in back skins from control and K14-rtTA TRE-Cdkn1b 
mice. G. Quantification of the ratio of the fluorescence intensity of g-tubulin on basal cell 

centrosomes to dermal centrosomes (n=3 mice of each genotype from 2 independent 
litters). H. Immunofluorescence of Nedd1 in back skins from control and K14-rtTA TRE-

Cdkn1b mice. I. Quantification of the ratio of the fluorescence intensity of Nedd1 on 
basal cell centrosomes to dermal centrosomes (n=3 mice each genotype from 2 

independent litters). J. Diagram of the effects of different levels of Cdk1 activity on 
centrosome morphology and function. All scale bars are 10µm. n.s.—not significant, 

***p<0.001. Data are represented as mean±s.e.m. 
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TuRC structure is altered upon binding either Nedd1 or CDK5RAP2.  Our data rule out 

a simple model in which Nedd1/g-TuRCs anchor MTs that are nucleated by this same 

complex.  However, whether Nedd1 replaces CDK5RAP2 in g-TuRCs with newly 

nucleated microtubules, or whether they form a larger order complex will require 

further investigation.  

Our findings were particularly surprising given that Nedd1 has been implicated 

in g-tubulin dependent microtubule nucleation in plants, mitotic cells and cultured 

cancer cell lines (Haren et al., 2006; Luders et al., 2006; Pinyol et al., 2013; Scrofani et al., 

2015; Walia et al., 2014).  In keratinocytes, however, Nedd1 is not required for steady 

state centrosomal MT nucleation or nucleation induced by nocodazole washout.  In 

contrast to CDK5RAP2, it is also not sufficient to activate g-TuRC nucleation by two 

distinct assays.  These data suggest that there is context dependence to the activity of 

Nedd1/g-TuRCs, i.e. they can be converted into different functional states by either post-

translational modifications or by the association of accessory factors.  In support of this, 

Nedd1 undergoes complex mitotic phosphorylations that have been shown to influence 

its activity (Gomez-Ferreria et al., 2012; Pinyol et al., 2013; Sdelci et al., 2012; Zhang et al., 

2009). 

Molecular requirements for centrosomal MT anchoring remain poorly 

understood.  Subdistal appendage proteins, like ninein, are required for centrosomal 

MTOC activity in some cell types (Delgehyr et al., 2005).  However, our data suggest 
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that these proteins are not sufficient for robust anchoring activity without Nedd1 in 

keratinocytes.  It is likely that various cell types will use distinct anchoring complexes to 

different extents.  However, the coincident loss of both Nedd1/g-TuRCs and ninein from 

centrosomes upon differentiation likely allows for a very robust loss of anchoring 

activity in keratinocytes.  

We have also found that differentiation regulates these functionally distinct g-

TuRC complexes in divergent ways.  Nedd1/g-TuRCs are lost from the centrosome 

immediately upon cell-cycle exit, causing loss of MT anchoring, and thus loss of MTOC 

activity, at the centrosome.  While CDK upregulation in mitosis has a well-defined role 

in centrosome maturation and increased nucleation, our work demonstrates an 

important interphase role for CDK activity in centrosome maintenance.  In this way, 

CDK functions as a rheostat for centrosome activity rather than an on-off switch (Figure 

17J).  The role of CDK in regulating PCM in differentiating cells is consistent with 

studies in other organisms (Yang and Feldman, 2015).  Nedd1 is regulated at two 

distinct levels – the association of Nedd1 with the centrosome and the degradation of 

Nedd1.  These two mechanisms, combined with the dominant-negative effects of Nedd1 

overexpression, have prevented simple re-expression experiments to rescue Nedd1 

levels and centrosome function.  Understanding the molecular underpinnings of these 

two steps should give greater insight into the mechanisms of MTOC shutoff.  While loss 

of g-tubulin appears common during differentiation (Brodu et al., 2010; Feldman and 



 

85 

Priess, 2012), our data highlight that examining specific g-tubulin complexes may be 

more informative than bulk g-tubulin.  Finally, our data suggest that distinct g-tubulin 

complexes may be independently employed by different tissues to generate cell type-

specific noncentrosomal MT arrays.  Examining these distinct g-tubulin complexes may 

be informative in understanding the mechanisms regulating noncentrosomal MT arrays 

in other tissues. 

2.13 Materials and methods 

2.13.1 Mice and tissues 

All mice were maintained in accordance with Duke IACUC-approved protocols. 

For in vivo centrosomal quantifications, K14-centrin-GFP mouse epidermis (Lechler and 

Fuchs, 2005) was isolated from P0 mice, embedded in OCT, and sectioned and processed 

for immunofluorescence.  To assess g-tubulin localization in vivo in mutant conditions, 

the following mouse lines were used: a-catenin (Vasioukhin et al., 2001), NICD 

(Murtaugh et al., 2003), K14-rtTA (Nguyen et al., 2006), TRE-Cdkn1b (Pruitt et al., 2013), 

and K14-Cre (Vasioukhin et al., 1999).  For TRE-Cdkn1b experiments, pregnant dams 

were fed doxycycline chow (Bioserv 200mg/kg) at e17.5 or e18.5, the pups were 

sacrificed 48 hours later and back skins were embedded and processed for 

immunofluorescence.  For BrdU experiments, mice were injected with 10mg/kg BrdU 

(Sigma-Aldrich), sacrificed 1hr after injection, and back skins were embedded and 

processed for immunofluorescence.  For a-catenin and NICD experiments, e17.5 
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embryos were used.  K14-EB1-GFP transgenic mice were generated by the Duke 

Transgenic Core by pronuclear injection. 

2.13.2 Constructs 

Nedd1 (TRCN0000248316), g-tubulin (TRCN0000089907), and CDK5RAP2 

(TRCN0000363878) MISSION shRNA constructs were purchased from Sigma-Aldrich.  

The “DP” construct used as the control construct for all DP-fusion experiments was 

made by cloning the first 1056 amino acids of the human desmoplakin gene with NheI 

and EcoRI sites on the 3’ end into pEF6/V5-His TOPO.  This construct served as the 

foundation for cloning all DP-fusion constructs.  The DP-Nedd1 full-length fusion 

construct was generated by amplifying all 660 amino acids of the human Nedd1 gene 

from pcDNA3-GFP-Nedd1 (gift from Pelletier lab) with an NheI site on the 5’ end and 

NotI site on the 3’ end and cloning into the DP control construct digested with the same.  

The DP-NgBD fusion construct included amino acids 597-660 of human Nedd1 and was 

cloned into the DP control construct using NheI and EcoRI sites.  GST-NgBD was 

generated by cloning the identical Nedd1 fragment into pGEX-4T1 using the BamHI site.  

DP-CgBD was cloned by PCR amplification of amino acids 51-100 of human CDK5RAP2 

(derived from Addgene plasmid #41152) with an NheI site on the 5’ end and EcoRI site 

on the 3’ end; this CgBD fragment was then inserted into the DP control construct 

digested with the same restriction enzymes.  GST-CgBD was generated by cloning the 
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same fragment of CDK5RAP2 into pGEX-4T1 using BamHI and EcoRI sites.  All 

constructs were verified by sequencing.   

2.13.3 Cell culture 

All keratinocytes were maintained in E low Ca media at 37°C.  Differentiation 

was induced by addition of 1.2mM Ca2+ to the culture media for 48-72 hrs.  To derive all 

primary keratinocytes, P0 mouse back skin was placed in 1.2 U/mL dispase overnight at 

4°C.  Isolated epidermal sheets were placed in 1:1 versene:0.25% trypsin-EDTA for 15 

minutes at 37°C, and cells were strained (70µm pore) before being plated.  Desmoplakin-

null and keratin-null keratinocytes were derived from DP-null (Vasioukhin et al., 2001) 

and keratin-null (Seltmann et al., 2013) epidermis, respectively.  For imaging 

microtubule dynamics in proliferative and differentiated cells, primary keratinocytes 

were isolated from K14-centrin-GFP; K14-EB1-GFP mice and maintained in E low Ca 

media supplemented with 0.5mM Ca2+.  

2.13.4 Drug treatments 

For quiescence experiments, 15µM Purvalanol A (Abcam) was added to a 

confluent plate of keratinocytes for 5hr and the cells were processed for Western blot 

analysis or immunofluorescence.  For serum-starvation experiments, confluent 

keratinocytes were washed 3x with PBS, placed into DMEM +/– FBS for 8hr, and 

processed for Western blot analysis or immunofluorescence.   
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2.13.5 Centrosome isolation 

Centrosome isolation was performed similarly to previously described protocols 

(Mitchison and Kirschner, 1984).  Keratin-null keratinocytes (Seltmann et al., 2013) were 

grown to confluence in either proliferative or differentiated cell media.  Cells were 

treated with 10µM nocodazole (Sigma) and 5µg/mL cytochalasin B (Cayman Chemical) 

for 1.5 hours prior to lysis.  Keratinocytes were washed sequentially with 1xPBS, 0.1x 

PBS+8% sucrose, 8% sucrose, and LB (1mM Tris pH 8.0, 8mM b-mercaptoethanol), then 

lysed in LB+0.5% NP40 (hypotonic lysis).  Lysate was pooled into conical tubes and 

made to 1mM EDTA and 10mM PIPES pH 7.2, then pelleted at 3,000xg for 10 minutes.  

The soluble fraction was loaded onto a 70%/40% discontinuous sucrose gradient in 

HB100 (50mM HEPES pH 8.0, 100mM NaCl, 1mM MgCl2, 1mM EGTA, 1mM b-ME, 

0.1mM GTP, 1x protease inhibitor (Roche), 1mM DTT) and spun in a SW41 rotor for 30 

minutes at 25,000xg. The 40%/70% interface was collected and centrosomes were 

desalted into 1xBRB80 buffer (80mM PIPES pH 6.8, 1mM MgCl2, 1mM EGTA) using 

Zeba columns (Life Technologies) or by dialysis and aliquots were snap frozen.  

Centrosomes were assayed by pelleting onto poly-L-lysine-coated coverslips in an 

ultracentrifuge in an SW41 rotor at 30,000xg for 30 minutes using a custom-made PDMS 

coverslip platform. Following pelleting, coverslips were removed and fixed in MeOH at 

-20°C and processed for staining.  For isolating centrosome and soluble fractions for 

Western blot analysis, keratin-null cells were used.  Centrosome isolation was carried 
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out as previously described up to the 3,000xg pelleting step. At this point, the soluble 

fraction was spun in a TLA100.1 rotor for 45 min at 100,000xg to pellet centrosomes. 

Centrosome pellets were resuspended in HB100 in the same volume as the soluble 

fraction to make ratios directly comparable. 

2.13.6 g-TuRC isolation 

To isolate CDK5RAP2/g-TuRCs and Nedd1/g-TuRCs, cell lysates from HEK293 

cells were made in g-TuRC lysis buffer (50mM HEPES pH 7.2, 150mM NaCl, 1mM 

EGTA, 1mM MgCl2, 1mM DTT, 0.5% NP-40, 0.1mM GTP, 1x protease inhibitor).  Lysates 

were cleared in an ultracentrifuge at 100,000xg for 30 minutes.  GST-NgBD and GST-

CgBD were bound to glutathione-agarose beads (Life Technologies) and were incubated 

in cell lysate overnight at 4°C.  Beads were pelleted and washed 2x with HB100 and 2x 

with HB250.  Complexes were eluted in elution buffer (g-TuRC lysis buffer + 5mM 

glutathione).  Eluent was put on a 5-40% continuous sucrose gradient and spun in a TLS-

55 rotor for 3 hours and 15 minutes at 200,000xg.  150ul fractions were collected from the 

top of the gradient and samples were taken for Western blotting.  Peak g-tubulin 

fractions were pooled and desalted into 1xBRB80 using Zeba columns (Life 

Technologies).  Purified complexes were immediately aliquoted and snap frozen.  

Approximate g-TuRC concentration was determined by Western blot using a standard 

with known g-tubulin concentration. 
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2.13.7 Pull-down assay 

For pull-down assays, GST, GST-CgBD, or GST-NgBD were bound to 

glutathione-agarose beads for 1 hour with rotating at 4°C.  Beads were washed 3x with 

PBS and incubated with pre-cleared keratinocyte cell lysate for 1 hour at 4°C with 

rotating.  Beads were washed 2x with HB150 (50mM HEPES pH 7.2, 150mM NaCl, 1mM 

EGTA, 1mM MgCl2, 1mM DTT, 0.01% NP-40, 0.1mM GTP) and 2x with HB250 (50mM 

HEPES pH 7.2, 250mM NaCl, 1mM EGTA, 1mM MgCl2, 1mM DTT, 0.01% NP-40, 0.1mM 

GTP).  Pelleted beads were boiled in sample buffer (63mM Tris pH 6.8, 0.7% SDS, 10% 

glycerol, 0.01% bromophenol blue solution) to use for Western blots. 

2.13.8 Desmoplakin construct nocodazole washout and EB1 
nucleation from the cortex 

For all experiments with the DP-fusion constructs, DP-/- keratinocytes were 

transfected in the morning and 1.2mM Ca2+ was added 8 hours later to allow cell-cell 

junctions to form overnight.  To monitor microtubule dynamics in DP-fusion construct-

transfected cells, keratinocytes were co-transfected with either DP-CgBD or DP-NgBD 

along with EB1-GFP.  For nocodazole washout experiments, 10µM nocodazole was 

added to the culture media of transfected cells that had formed cell-cell junctions 

overnight for 1 hour at 37°C.  Cells were washed 3x with PBS and placed into fresh 

media, and microtubule regrowth was monitored by fixing coverslips in -20°C methanol 

at 0 minutes, 1 minute, and 3 minutes after nocodazole washout. 
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2.13.9 Antibodies 

The following primary antibodies were used in this study: rat anti-a-tubulin 

(YL1/2), mouse anti-Nedd1 (39-J) (both from Santa Cruz Biotechnology, Inc.), mouse 

anti-b-tubulin (clone TUB2.1), mouse anti-g-tubulin (clone GTU-88), mouse anti-b-actin 

(clone AC-15) (all from Sigma Aldrich), mouse anti-V5 (clone 2F11F7; Invitrogen), rabbit 

anti-pericentrin (ab4448), rabbit anti-Ki67 (ab15580), rat anti-BrdU (ab6326), mouse anti-

Nedd1 (ab57336) (all Abcam), rabbit anti-CDK5RAP2 (06-1398; Millipore), chicken anti-

K5/14 (generated in lab), rabbit anti-K1 (gift from Colin Jamora), rabbit anti-GST-HRP 

(A190-122P-9; Bethyl Labs), rabbit anti-filaggrin (PRB-417P; Covance).  

2.13.10 Image acquisition and quantification 

All fixed images were acquired on a Zeiss Axio Imager microscope with 

Apotome attachment with the following objective lenses: 20x Plan-Apo 0.8 NA lens, 40x 

Plan-Neofluar 1.3 NA oil lens, and 63x Plan-Apo 1.4 NA oil lens.  Images on the Axio 

Imager microscope were acquired using AxioVision software.  All images within one 

experiment were taken with identical exposure times.  Movies of EB1-GFP in primary 

keratinocytes and in DP-fusion transfected cells were taken on a Leica DMI6000 

microscope at 37°C and 5% CO2 using a 63x Plan-Apo 1.4-0.6 NA oil objective.  Images 

were acquired using ZEN software.  Movies of EB1-GFP in the knockdown cells were 

acquired on an Andor XD revolution spinning disc confocal microscope at 37°C and 5% 
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CO2 using a 60x Plan-Apo 1.2 NA water objective.  Images on the spinning disc were 

acquired using MetaMorph software. 

Centrosomes were quantified in vivo by identifying centrin-GFP puncta and 

finding the mean intensity in a 15x15 pixel box around the centrosome.  For all 

centrosomal quantifications, a background value was calculated by averaging 10 

random 15x15 boxes within the vicinity of the centrosome.  The average background 

value was subtracted from each centrosome value to calculate the average centrosomal 

intensity value.  Values were normalized by setting the average centrosomal intensity in 

the basal cells or proliferative cell population to 1.  Cortical MT regrowth following 

nocodazole washout was quantified by manually drawing a line around the cortical 

region of a given transfected cell and finding the average a-tubulin intensity along the 

line.  MT regrowth following nocodazole washout in Nedd1KD cells was quantified by 

finding the ratio of a-tubulin intensity around the centrosome (20x20 pixel circle) to a 

randomly chosen area (also 20x20 pixel circle) in the cytoplasm.  Normalized MT 

intensity was quantified by setting the average a-tubulin intensity at the centrosome at 

1min to a value of 1.0 and plotting the a-tubulin intensities at the centrosome relative to 

the 1 minute time point.  All image processing and quantification was done using Fiji 

software. 
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2.13.11 Statistical analysis 

For statistical tests, GraphPad Prism and JMP Pro 11 were used.  All t-tests were 

unpaired two-tailed Student’s t-tests, except for analysis of EB1-GFP in primary 

keratinocytes where a paired t-test was used.  For experiments with multiple variables, 

ANOVAs were used.  If interactions were statistically significant, post-hoc comparisons 

were performed using Tukey’s post-hoc test. 

2.13.12 Mass-spectrometry analysis 

Nedd1-bound g-TuRCs were desalted into 50mM ammonium bicarbonate using 

Zeba columns (Life Technologies) and supplemented with Rapigest SF surfactant 

(Waters) to 0.1%.  The sample was reduced with 10mM dithiolthreitol for 20 min at 80°C 

and alkylated with 20mM iodoacetamide for 45 min at room temperature prior to 

digesting with sequencing-grade modified trypsin (Promega) at 37°C overnight.  

Following hydrolysis of Rapigest in 0.1% TFA for 2 hours, peptides were lyophilized to 

dryness and then resuspended in 12µl of 1% TFA/2% acetonitrile.  LC/MS/MS was 

performed on 5µl of the sample using a nanoAcquity UPLC system (Waters Corp) 

coupled to a Thermo QExactive Plus high resolution accurate mass tandem mass 

spectrometer (Thermo) via a nanoelectrospray ionization source.  Briefly, the sample 

was first trapped on a Symmetry C18 300mm×180mm trapping column (5µl/min at 

99.9/0.1 v/v water/acetonitrile), after which the analytical separation was performed 

using a 1.7 um Acquity BEH130 C18 75mm×250mm column (Waters Corp.) using a 60-
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min gradient of 5 to 40% acetonitrile with 0.1% formic acid at a flow rate of 400 

nanoliters/minute (nl/min) with a column temperature of 55°C.  Data collection was 

performed on a QExactive Plus mass spectrometer in a data-dependent acquisition 

mode with a r=70,000 (@ m/z 200) full MS scan from m/z 375–1600 with a target 1e6 ions 

AGC value. This was followed by 10 MS/MS scans at r-17,500 (@ m/z 200) at a target 5e4 

ions AGC value.  Coverage depth was increased with a 20s dynamic exclusion. 

Proteome Discoverer was used to process the raw data files.  The LC-MS/MS 

data files were then submitted to independent Mascot searches (Matrix Science) against 

a SwissProt database (Human taxonomy, 20347 forward entries) consisting of both 

forward and reverse entries for each protein.  The following tolerances were used: 5 

ppm for precursor ions and 0.02 Da for product ions with trypsin specificity with up to 

two missed cleavages.  Carbamidomethylation (+57.0214 Da on C) was set as a fixed 

modification.  Oxidation (+15.9949 Da on M) and deamidation (+0.98 Da on NQ) were set 

as dynamic modifications.  Scaffold (v4.4, Proteome Software) was used to visualize and 

search the data. In order to realize a protein false discovery rate of 1%, scoring 

thresholds were modified using the PeptideProphet algorithm.  

2.13.13 MT nucleation from centrosomes 

MT nucleation from centrosomes was performed as previously described 

(Mitchison and Kirschner, 1984).  Isolated centrosomes were incubated with 1xBRB80 

(80mM PEPES pH 6.8, 1mM EGTA, 1mM MgCl2) and either 97% or 99% tubulin 
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(Cytoskeleton, Inc.) (final concentration 1mg/ml) for 5 minutes on ice.  Identical results 

were obtained when using unlabeled tubulin or a 1:6 mix of rhodamine-conjugated 

tubulin (Cytoskeleton, Inc.):unlabeled tubulin. GTP was added to 1mM and the reaction 

was incubated for an additional 5 min on ice.  Reactions proceeded for 5 minutes at 37°C 

and were fixed by addition of 10x reaction volumes of pre-warmed glutaraldehyde 

fixation buffer (1% glutaraldehyde in 1xBRB80).  Reactions were pelleted onto coverslips 

for aster and microtubule detection. 

2.13.14 MT nucleation with soluble complexes 

In vitro MT nucleation experiments were performed as previously described 

(Choi et al., 2010).  Briefly, 99% tubulin (Cytoskeleton Inc.) was clarified at 200,000xg in a 

TLA200.1 rotor for 30 minutes.  g-TuRCs were isolated by via GST-NgBD or GST-CgBD 

followed by sucrose gradient centrifugation, which causes loss of the GST fusion 

proteins.  30nM g-TuRCs (estimated based on g-tubulin concentration) were pre-

incubated on ice with either 1xBRB80 alone or with 30nM GST-CgBD or GST-NgBD for 5 

minutes.  Tubulin (1mg/ml final concentration) was added and tubes were incubated for 

5 minutes on ice.  GTP was added to 1mM and the reactions were incubated at 37°C for 

3 minutes.  Reactions were fixed with addition of 1% glutaraldehyde fixation buffer.  A 

fraction of the reaction was pelleted through 1xBRB80 onto coverslips for quantification.  

MTs were quantified by randomly choosing fields under the microscope and averaging 

all the fields to generate an average MT/field per experiment. 
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3. Visualization and perturbation of microtubules in 
suprabasal keratinocytes in vivo 

3.1 Introduction 

Differentiation is frequently accompanied by reorganization of microtubules into 

noncentrosomal microtubule arrays.  The ultimate geometry of these arrays is often 

highly cell-type specific, and the mechanisms that regulate their formation, particularly 

in mammals, remain largely mysterious.  Cultured cells have been used previously to 

elucidate some of the steps in noncentrosomal microtubule formation (Bre et al, 1987; 

Bacallao et al., 1989).  For example, noncentrosomal microtubule arrays are generated by 

katanin-mediated microtubule severing in cultured rat hippocampal neurons (Ahmad et 

al., 1999).  One of the major advantages of cultured cells is the relative ease of visualizing 

microtubule organization; owing both to the dynamic nature of microtubules and the 

challenges of ensuring rapid fixation, obtaining high-resolution images of well-

preserved microtubules in vivo remains difficult for many mammalian tissues. 

There are, however, several main drawbacks to studying noncentrosomal 

microtubules in cultured cells.  First, microtubule array formation in cultured cells does 

not always fully recapitulate the organization seen in vivo.  For example, when 

mammalian myoblasts are differentiated into myotubes in culture, they form 

longitudinal arrays of microtubules (Tassin et al., 1985; Bugnard et al., 2005).  

Microtubules in mature muscle fibers in vivo, however, are arranged into a lattice not 

seen in cultured cell models (Oddoux et al., 2013).  Second, the signals that induce 
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differentiation in cultured cells can be very different than the developmental cues used 

in vivo.  This can make it a challenge to identify the upstream signals that induce 

noncentrosomal array formation.  Third, cultured cells, by nature, operate out of the 

organismal context, drastically limiting identification of the physiological functions for 

noncentrosomal microtubule arrays.  In lower organisms, several unexpected functions 

for noncentrosomal arrays have been identified using genetic models that perturb 

microtubule organization (Le Droguen et al., 2015; Jankovics and Brunner, 2006).  

Therefore, to uncover the physiological functions of microtubules in differentiated cells, 

a set of mammalian genetic tools are needed to visualize microtubule dynamics and 

disrupt microtubule organization in vivo.   

In the mammalian epidermis, cortical noncentrosomal microtubule arrays are 

formed coincident with keratinocyte differentiation (Lechler and Fuchs, 2007).  Studies 

using cultured differentiated keratinocytes have suggested that cortical microtubules 

promote tight junction function and mechanical sheet integrity (Sumigray et al., 2012).  

However, while previous work has identified both how the centrosome MTOC activity 

is attenuated and how the cortex is specified as the noncentrosomal microtubule 

organizing center, no genetic models exist to disrupt microtubule organization in 

differentiated, suprabasal keratinocytes (Muroyama et al., 2016; Sumigray et al., 2011).  

Therefore, we have developed several novel mouse tools to identify the roles for 

noncentrosomal microtubules in the development and homeostasis of the epidermis. 
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I created several mouse lines that can be 1) manipulated in a temporally and 

spatially controlled manner, and 2) broadly applied to the study of microtubule 

organization in varied and numerous cell types.  I generated a TRE-EB1-GFP mouse, 

which I used to quantify microtubule behavior in vivo during epidermal morphogenesis.   

I demonstrate for the first time that microtubule dynamics are strongly suppressed as 

keratinocytes differentiate.  To understand the physiological functions of this stable 

population of microtubules, I generated a TRE-spastin mouse, which I show can be used 

to perturb microtubule organization in a wide-variety of tissues in vivo.  Furthermore, I 

demonstrate that microtubule perturbation exclusively in post-mitotic keratinocytes has 

profound consequences on epidermal morphogenesis.  Using this approach, I uncouple 

cell-autonomous and cell-non-autonomous requirements for noncentrosomal 

microtubules in regulating epidermal cell flattening, differentiation status, and tissue 

architecture.  Taken together, these genetic tools will be useful for the study of both 

microtubule organization and function in a number of tissues in vivo in mice. 
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Figure 18: Visualizing microtubules in vivo using the TRE-EB1 mouse line uncovers 
that differentiation suppresses microtubule dynamics. 

A. Schematic of the TRE-EB1-GFP transgene. B. Treatment protocol used to visualize 
EB1-GFP in proliferative and differentiated keratinocytes in vivo. Red arrows indicate 

the period of doxycycline exposure. C. Cross-section of e17.5 CMV-rtTA TRE-EB1 
epidermis showing that EB1-GFP is expressed in both proliferative and differentiated 

cells. Scale bar-20µm. D. Representative standard deviation projections of a proliferative 
and differentiated keratinocyte. Scale bars-10µm. E. Quantification of microtubule 
growth speed in proliferative and differentiated keratinocytes. F. Quantification of 
microtubule growth distance in proliferative and differentiated keratinocytes. G. 

Quantification of duration of microtubule growth in proliferative and differentiated 
keratinocytes. n=160 microtubules for each stage for all quantifications. ***p<0.001. 
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3.2 Visualizing microtubule dynamics during differentiation in 
vivo with a novel TRE-EB1 mouse line 

To visualize and quantify microtubule dynamics in vivo, we generated a 

transgenic mouse containing a cassette encoding a GFP-tagged form of the microtubule 

plus-tip tracking protein EB1 under the tetracycline-responsive element (TRE) promoter. 

This line allows EB1-GFP expression to be controlled temporally through doxycycline 

exposure and spatially by regulating induction via cell- or tissue-specific tetracycline 

transactivator (tTA)/reverse tetracycline transactivator (rtTA) mouse lines.  We began by 

screening founder lines by assaying EB1-GFP induction following doxycycline 

administration in primary keratinocytes isolated from K14-rtTA TRE-EB1-GFP newborn 

mice (data not shown).  We chose a line with mosaic expression (hereafter referred to as 

TRE-EB1) to be able to precisely resolve single cells in a complex tissue field. 

A basal keratinocyte-specific EB1-GFP mouse line (K14-EB1-GFP) has been 

previously generated (Muroyama et al., 2016).  However, no currently available EB1-

GFP lines afford the visualization of microtubules in the earliest stages of epidermal 

specification (e8.5-e13.5) or in any differentiating keratinocyte.  Therefore, we generated 

CMV-rtTA TRE-EB1 embryos to visualize microtubule dynamics in proliferative (e11.5) 

and differentiated (superficial e17.5) keratinocytes (Figure 18A-C).  To perform in vivo 

imaging of EB1-GFP, we placed CMV-rtTA TRE-EB1 embryos on a glass-bottom dish 

and took movies of EB1-GFP on a spinning disk confocal microscope in an 

environmentally controlled chamber.   
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Microtubules in proliferative keratinocytes were highly dynamic, exhibiting 

growth rates (mean 11.09 µm/min) slightly slower than those exhibited in some cultured 

mammalian cells (Matov et al., 2010), but very close to the speeds observed in vivo in C. 

elegans (Lacroix et al., 2014) (Figure 18E).  Microtubule tracks formed a roughly radial 

configuration, with many EB1 comets growing from the cell center to the periphery, in 

agreement with previous data that the centrosome is the primary MTOC in these cells 

(Figure 18D, left).  In striking contrast, microtubules dynamics in differentiated 

keratinocytes were strongly suppressed (Figure 18E).  Interestingly, the microtubule 

tracks were no longer radial in differentiated cells, in agreement previous data that the 

centrosome is not the primary MTOC in these cells (Figure 18D, right).  Because EB1-

GFP puncta in differentiated keratinocytes lacked the distinct comet tails of canonical 

EB1-GFP puncta seen in cultured mammalian cells, we validated that the presence of 

these comets was dependent on microtubules.  Treatment of embryos with nocodazole 

eliminated the appearance of these slow-moving comets in differentiated keratinocytes, 

strongly suggesting that TRE-EB1-GFP faithfully marks microtubule plus-ends (data not 

shown). 

The average distance traveled (proliferative-3.1µm versus differentiated-0.89µm) 

and the growth duration (proliferative-17.84s versus differentiated-8.5s) were also both 

strongly suppressed following differentiation (Figure 18F,G).  Interestingly, a number of 

EB1 comets seemingly paused in differentiated cells, a poorly defined microtubule 
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behavior that has been observed in cultured cells (Shelden and Wadsworth, 1993).  

Whether these microtubules are truly paused in differentiated cells will be explored in 

the future, but it is intriguing to speculate that a protein that promotes microtubule 

pausing, such as KIF21B, may be upregulated or activated upon differentiation (van Riel 

et al., 2017).   

Taken together, we have established the TRE-EB1-GFP mouse line as a useful 

tool to visualize and quantify microtubule behavior in single cells in vivo in mice.  

Additionally, we demonstrate for the first time that microtubule dynamics are 

suppressed as keratinocytes differentiate in vivo.  To our knowledge, this is the first 

demonstration in vivo in mice that microtubules dynamics are altered following 

differentiation.  To determine the function of these noncentrosomal microtubules in 

differentiated keratinocytes, we created a transgenic tool to disrupt their organization. 

3.3 Development of a TRE-spastin mouse to genetically perturb 
microtubules in vivo 

Because loss-of-function approaches that specifically target differentiated cells 

are not always feasible in tissues that rapidly turn over, we pursued a gain-of-function 

strategy to disrupt microtubule organization via spastin overexpression (OE).  Spastin is 

a single-subunit microtubule severing protein whose overexpression is sufficient to 

dramatically perturb microtubule organization in numerous cell types (Roll-Mecak and 

Vale, 2005).  Therefore, we placed the highly active M85 spastin isoform with an N-
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terminal HA tag under the (TRE) promoter, hereafter referred to as TRE-spastin 

(Solowska et al., 2008) (Figure 19A).   

 

Figure 19: Spastin OE perturbs microtubule organization in cells and in vivo. 

A.  Diagram of the TRE-spastin construct. B. Cultured keratinocytes were transfected 
with both a K14-rtTA and the TRE-spastin plasmid and placed on doxycycline. Note that 

in cells that have detectable spastin expression, there is a marked reduction in 
microtubule staining. Scale bar-10µm. C. Insets from (B) showing microtubule density 

within individual cells based on spastin expression. Scale bar-2µm. D. Quantification of 
the microtubule intensity as a function of spastin expression in individual cells. n=50 

cells each from 2 independent experiments. E. Alleles used to generate CMV-rtTA TRE-
spastin mice. F. Experimental scheme to assess CMV-rtTA TRE-spastin induction in 

adult animals. G. HA-spastin expression in various tissues after 96 hours of doxycycline 
exposure. Scale bars-25µm. H. Effects of spastin OE on microtubule density in vivo. Note 
that the cilia in the kidney are dramatically shortened. Scale bar for the heart and liver 

microtubules-10µm. Scale bar for the cilia-5µm. 
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We validated the usefulness of this approach in cultured keratinocytes.  In 

keratinocytes transfected with both K14-rtTA and TRE-spastin plasmids, spastin 

expression was only detected upon doxycycline administration, demonstrating that 

TRE-spastin can be temporally controlled in cultured cells (data not shown).  

Importantly, all cells containing detectable spastin expression showed almost complete 

loss of microtubules, demonstrating that even low levels of spastin OE are sufficient to 

severely compromise microtubule organization (Figure 19B-D).  Therefore, we have 

established TRE-spastin as a reliable tool to temporally control microtubule loss in 

mammalian cells. 

Next, we generated TRE-spastin transgenic mice to genetically perturb MT 

organization in vivo.  First, to validate that spastin OE can 1) be temporally controlled 

and 2) disrupt microtubules in tissue, we globally induced spastin OE by administering 

doxycycline to CMV-rtTA TRE-spastin mice (Figure 19E,F).  Spastin OE could be 

robustly detected in CMV-rtTA TRE-spastin mice in numerous tissues within 24 hours 

of doxycycline administration (Figure 20A).  No HA expression was detected in TRE-

spastin mice that were administered doxycycline, demonstrating tight control of the 

transgene in vivo (Figure 20B).  Over the first 96 hours of spastin induction, CMV-rtTA 

TRE-spastin mice exhibited rapid weight loss and gross defects in tissue appearance 

(Figure 20C,D).  Furthermore, we demonstrated that spastin OE greatly reduced  



 

105 

 

Figure 20: Characterization of CMV-rtTA TRE-spastin mice. 

A. HA-spastin expression in various tissues after 24 hours of doxycycline exposure. B. 
HA-spastin is not induced in TRE-spastin mice exposed to doxycycline. C. Normalized 
weights of CMV-rtTA TRE-spastin mice and control littermates while on doxycycline-
containing food.  The weight of each mouse was normalized to its starting weight. D. 
Examples of kidney and a piece of the liver from control and CMV-rtTA TRE-spastin 

mice after 96 hours on doxycycline. All scale bars are 25µm. 
 

a-tubulin signal in all tissues assayed (heart, liver, small intestine); often only small 

fragments of MTs remained following spastin induction, consistent with the bulk of 

microtubules being severed (Figure 19G,H).  Interestingly, we also observed that spastin 

OE dramatically shortened cilia in the kidney, further validating that spastin OE 

globally disrupts microtubules.  Therefore, the TRE-spastin mouse can be used to 
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genetically perturb microtubule organization in vivo to assess the functional roles for 

microtubules in numerous tissues.   

3.4 Disruption of microtubules in proliferative cells of the 
mammalian epidermis 

Having established spastin OE as a method to perturb microtubule function in 

vivo, we next wanted to understand how microtubules in distinct cell populations 

influence epidermal development.  We started by generating K14-rtTA TRE-spastin mice 

and inducing spastin OE in proliferative, basal keratinocytes throughout epidermal 

development by feeding pregnant dams with doxycycline-containing food (Figure 

21A,B).  K14-rtTA is induced exclusively in basal keratinocytes and faithfully 

recapitulates endogenous keratin 14 expression (Nguyen et al., 2006).  Between 20-40% 

of basal cells overexpressed spastin using this strategy.  Interestingly, we noted a 

dramatic increase in mitotically arrested cells in mutant tissue at all developmental 

stages.  In mutant tissue, spastin+ cells had uniformly unaligned, condensed 

chromosomes, demonstrating that spastin OE in basal keratinocytes causes a buildup of 

mitotic cells in a cell-autonomous manner (Figure 21C-F).  Spastin-negative cells in K14-

rtTA TRE-spastin epidermis had a normal distribution of cells in all stages of mitosis 

(Figure 21F).  Consequently, we observed epidermal hyperproliferation and increased 

apoptosis at all examined stages (Figure 21G; Figure 22A-B).  Despite the buildup of 

mitotically arrested cells, the tissue remained architecturally wild-type with no 

detectable barrier defects, as assessed by the exclusion of X-gal (Figure 22C).  This 
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suggests that the epidermis is buffered against a significantly increased number of 

mitotic catastrophes, presumably due to the mosaic nature of spastin induction in this 

line. Interestingly, we noted different phenotypes in newborn K14-rtTA TRE-spastin 

epidermis depending on the level of spastin induction.  In well-induced K14-rtTA TRE-

spastin mice, we observed many suprabasal spastin+ cells.  These cells originated from 

K14+ basal progenitors, which somehow transited to the suprabasal layer and had 

residual spastin protein even though transcription of new spastin was turned off.  

Spastin+ suprabasal cells were occasionally seen expressing keratin 5 and keratin 14, 

which are normally expressed exclusively in basal keratinocytes, suggesting that these 

suprabasal spastin+ cells may have delaminated from the basement membrane (Figure 

22D).  Several possibilities exist for how spastin+ cells could transit to the suprabasal 

layers in K14-rtTA TRE-spastin tissue.  Microtubules may be critical for proper adhesion 

of basal cells to the underlying basement membrane, and spastin OE therefore causes 

delamination of basal cells in interphase.  Alternatively, rounded spastin+ cells arrested 

in mitosis could eventually lose attachment to the basement membrane and delaminate.  

Further experiments will be required to distinguish between these possibilities.  In local 

epidermal regions with only a few suprabasal spastin+ cells, the epidermal stress marker 

keratin 6 was induced only in spastin+ cells (Figure 22E).  However, when many 

suprabasal cells were spastin+, keratin 6 was expressed throughout the suprabasal layers  
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Figure 21: Spastin overexpression in proliferative basal keratinocytes causes mitotic 
arrest in vivo. 

A. Schematic of alleles used to induce spastin overexpression in basal keratinocytes. B. 
HA-spastin expression in e16.5 embryonic epidermis. Scale bar-25µm. C. Epidermal 

cross-section showing a significant increase in cells arrested in mitosis in K14-rtTA TRE-
spastin mice. Scale bar-25µm. D. Quantification of the number of basal keratinocytes in 
mitosis. n=3 mice per genotype. n=3 mice per genotype. E. Example of arrested mitotic 
spastin+ cell where microtubules have been depolymerized, as visualized by EMTB-

GFP. Scale bar-10µm. F. Quantification of mitotic stage in control back skin and spastin- 
and spastin+ cells in K14-rtTA TRE-spastin back skin. n=3 mice per genotype (the ratio 

of mitotics was calculated for each mouse and averaged to obtain the presented data). G. 
Quantification of the number of BrdU+ basal cells in control and mutant back skin at the 

indicated stages. n≥5 mice for each genotype (average value for each mouse was 
obtained by average the % of BrdU+ cells in 5 random epidermal fields). *p<0.05. 
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Figure 22: Tissue-wide phenotypes of K14-rtTA TRE-spastin mice. 

A. Active caspase-3 staining in control and K14-rtTA TRE-spastin back skins at the given 
stages. Scale bar-25µm. B. Quantification of % of caspase+ cells in the epidermis of 

control and K14-rtTA TRE-spastin epidermis at the given stages. n=2 mice each e16.5 
genotype, n=6 mice for each e17.5 genotype, and n=5 mice each P0 genotype (average 

number per mouse was calculated from 5 random epidermal fields). C. Control and K14-
rtTA TRE-spastin e18.5 embryos after x-gal exclusion assay. D. Expression of keratins 

5/14 (basal) and keratin 1 (differentiated, suprabasal) in control and K14-rtTA TRE-
spastin epidermis. Scale bar-50µm. Insets show zoomed regions illustrating cells 

expressing both K5/14 and K1 (white arrows) and also suprabasal cells that are only 
K5/14 positive. Scale bar-10µm. E. HA-spastin and keratin 6 expression in low-induction 

and high-induction spastin mice. Red arrows indicate spastin+ K6+ cells in the 
suprabasal layer of K14-rtTA TRE-spastin epidermis. White arrow indicates a spastin+ 

basal cell that lacks detectable K6 expression. Scale bar-50µm. *p<0.05, **p<0.01. 
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(Figure 22E).  These focal areas were also appreciably thicker than low-expressing areas, 

even within the same animal.  These results suggested that disruption of microtubules in 

basal keratinocytes during epidermal development is well tolerated, presumably owing 

to compensatory hyperproliferation that allows for sufficient stratification and barrier 

formation.  Next, we turned to understand how microtubule disruption in basal 

keratinocytes in the adult epidermis affects epidermal homeostasis. 

We fed control and K14-rtTA TRE-spastin adult mice with doxycycline-

containing food for six weeks to identify if chronic microtubule disruption perturbs 

epidermal homeostasis.  After six weeks, K14-rtTA TRE-spastin mice were 

indistinguishable from control mice (Figure 23A).  We confirmed that spastin expression 

was induced in adult animals in both the tail epidermis and the back skin.  Spastin+ 

basal keratinocytes were arrested in mitosis in adult tissues, identical to our 

observations in embryonic epidermis (Figure 23B).  Similar to the phenotype we 

observed during epidermal development, regions with an increased number of spastin+ 

suprabasal cells in both the tail epidermis and the back skin were substantially thicker 

(Figure 23C, lower right).  In regions with low spastin expression that was restricted to 

the basal layer, no thickening was noted (Figure 23C, upper right).  Therefore, we 

conclude that microtubule disruption in the K14-rtTA TRE-spastin epidermis elicits 

tissue thickening only when a significant number of spastin+ cells transit to the 

suprabasal layers.  One additional observation we made in adult K14-rtTA TRE-spastin 
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animals was a very robust induction of spastin expression in both the sebaceous gland 

and hair follicle, which both contain K14+ cells (Figure 23C, right).  We did not observe 

any glaring abnormalities in hair follicle number in mutant mice; however, future 

studies will be needed to truly determine if microtubule disruption in these areas affects 

cycling of hair follicles.  Intriguingly, these data from adult animals also suggested that 

disruption of microtubules in suprabasal keratinocytes might have severe tissue-level 

consequences, as we observed tissue thickening only in areas with numerous spastin+ 

suprabasal cells.  Therefore, we next sought to specifically perturb microtubule 

organization in post-mitotic suprabasal cells to understand their contribution to tissue 

development and homeostasis. 

3.5 Generation of a K10-rtTA line to specifically control 
expression in suprabasal keratinocytes in vivo 

Currently, few tools exist to control transgene expression specifically in the 

suprabasal layers of the mammalian epidermis.  Therefore, we generated a K10-rtTA 

transgenic mouse line, in which rtTA is controlled by the murine K10 promoter (Figure 

24A).  Next, we generated K10-rtTA TRE-H2B-GFP mice to validate that K10-rtTA 

expression faithfully recapitulates endogenous K10 expression across distinct 

developmental stages: initial epidermal stratification, late-embryonic development, and 

in adult tissues (Figure 24A) (Tumbar et al., 2004).  K10-rtTA induction was observed in 

e14.5 epidermis, as stratification commences, and was robustly and uniformly observed 
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Figure 23: Spastin OE in basal keratinocytes in the adult epidermis. 

A. Control and K14-rtTA TRE-spastin mice after six weeks on doxycycline-containing 
food. B. Cross-section through adult tail epidermis in K14-rtTA TRE-spastin mice. The 

arrows indicate two mitotically arrested spastin+ cells. Scale bar-25µm. C. Cross-sections 
through back skin showing spastin expression in control and K14-rtTA TRE-spastin 

mice. Note that in K14-rtTA TRE-spastin mice, areas with low spastin expression have 
normal thickness (top) while areas with many suprabasal spastin+ cells are dramatically 

thickened (bottom). Scale bar-25µm. The inset shows spastin induction in basal cells. 
Scale bar-10µm. 
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Figure 24: K10-rtTA transgenic recapitulates endogenous keratin 10 expression. 

A. Alleles and experimental scheme used to validate that K10-rtTA induction faithfully 
recapitulates endogenous K10 expression. B. K10-rtTA induction begins mosaically in 
e14.5 epidermal K10+ suprabasal cells and is robustly active by e15.5. Scale bars-25µm. 
C. Examples of robust K10-rtTA induction across multiple tissues in P0 neonates. K10-
rtTA robustly induces expression throughout the neonatal back skin (top). Scale bar-

200µm. Robust inducted in the paw (bottom left). Scale bar-200µm. Induction in P0 back 
skin, tongue, palate, and tail (bottom right). Scale bar-25µm. D. Examples of K10-rtTA 

induction across multiple tissues in adult (P30) mice. Note that in the tail, where K10 is 
restricted to the interscale region, H2B-GFP expression is only observed in interscale 

regions. Scale bars-25µm. 
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by e15.5 (Figure 24B).  Robust expression was observed in all K10-expressing tissues 

(ventral and dorsal skin, tail, paw, palate) with the exception of the embryonic dorsal 

tongue, which only exhibited minimal induction (although adult dorsal tongue induced 

robustly) (Figure 24C-D).  No H2B-GFP was observed in the keratin 5/14+ basal cells of  

any epidermal tissue, demonstrating that this K10-rtTA line is a powerful tool to reliably 

control expression exclusively in post-mitotic suprabasal cells, thereby overcoming any 

potential mitotic defects that may result from using the widely adopted K14-rtTA and 

K14-CRE systems. 

3.6 Disruption of microtubules in differentiated keratinocytes 
induces hyperproliferation and profound architecture defects 

To understand the functions of noncentrosomal microtubules in the 

differentiated cells of the epidermis, we generated K10-rtTA TRE-spastin mice to 

overexpress spastin throughout the suprabasal layers (Figure 25A).  We began by 

treating embryos from e16.5, as mitotic suprabasal cells have been reported at earlier 

stages of stratification and we were interested in defects associated with microtubule 

perturbation in post-mitotic suprabasal cells (Lechler and Fuchs, 2005) (Figure 25B).  

Surprisingly, spastin OE in K10-rtTA TRE-spastin mice led to a severe thickening of the 

tissue and profound disruptions to epidermal architecture compared to wild-type 

control littermates that were also administered doxycycline (Figure 25C-E).  We 

confirmed that spastin expression was confined to suprabasal keratinocytes, validating 
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that the phenotypes we observed are due to specific induction in post-mitotic suprabasal 

cells (Figure 25F).   

The epidermal stress marker, keratin 6, was strongly induced throughout all of 

the suprabasal layers of the tissue, mirroring the expression pattern seen in K14-rtTA 

TRE-spastin mice with numerous spastin+ suprabasal cells (Figure 25K, top).  Up-

regulation of K6 was confirmed by Western blotting (Figure 25L).  Stratification itself 

was normal; K5/14+ basal cells remained in a single layer above the basement 

membrane, but there was a severe thickening of the K10+ layers (Figure 25K).  

Proliferation, as measured by BrdU incorporation, was dramatically increased in the 

K10-rtTA TRE-spastin epidermis but was observed only in basal keratinocytes (Figure 

25I,J).  No suprabasal mitoses were observed.  This hyperproliferation defect was not 

due to a response to increased apoptosis, as there was no statistically significant increase 

in the number of cleaved-caspase-3+ cells in K10-rtTA TRE-spastin epidermis (Figure 

25G,H).  Finally, several markers of later granular differentiation were well expressed in 

mutant epidermis, demonstrating that microtubule perturbation did not cause a global 

failure to initiate the differentiation transcriptional program (Figure 25K,L).  Taken 

together, our data indicate that spastin OE in differentiated keratinocytes leads to 

dramatic hyperproliferation of the basal layer, leading to a severe thickening of all the 

differentiated layers of the tissue.  Next, we focused on unraveling the cell-autonomous 

and tissue-level consequences of spastin OE in K10-rtTA TRE-spastin mice. 
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3.7 Microtubules are required for cell-shape changes in 
suprabasal keratinocytes 

While hyperproliferation contributes to the epidermal thickening in mutant 

tissue, additional thickening appeared to be driven by cell-shape changes in spastin+ 

cells (Figure 25E).  As keratinocytes transition from spinous to granular cells, they adopt 

a flattened shape that, when viewed in cross-section, is highly anisotropic (spinous 

mean aspect ratio (AR)=1.836 versus granular mean AR=4.557, respectively) (Figure 26A-

C).  Strikingly, differentiating spastin+ cells were incapable of properly flattening 

(spinous mean AR=1.658 versus granular mean AR=2.029).  Cell-shape defects were cell-

autonomous, as wild-type cells in K10-rtTA TRE-spastin epidermis were still able to 

flatten although were sometimes distorted by spastin+ neighbors.  Interestingly, 

rounded spastin+ cells had increased cortical F-actin, suggesting that cell rounding could 

be driven by unbalanced cortical tension upon microtubule perturbation (Figure 26D).  

In support of this idea, cell-cell boundaries, identified by F-actin, between two spastin+ 

cells were often highly warped (Figure 26E).  These wavy cell-cell boundaries were 

variable, but only appeared between two spastin+ cells, suggesting that cortical tension 

provided by stable cortical microtubules in a wild-type cell are able to defend against 

the alterations in cortical tension in the spastin+ cell.  These data reveal a novel role for 

microtubules in differentiation-induced cell shape changes in the epidermis and suggest 

that disruption of microtubules in suprabasal keratinocytes alters cortical tension.  

Strikingly, this potential imbalance in forces between spastin+ cells results in a  
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Figure 25: Initial characterization of K10-rtTA TRE-spastin mice (e16.5-P0). 
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Figure 25. cont. from page 117 

A. Alleles and experimental scheme used to overexpress spastin in suprabasal 
keratinocytes. B. P0 K10-rtTA TRE-spastin mice had an abnormal epidermal appearance. 

C. Hematoxylin and eosin staining of control and K10-rtTA TRE-spastin tissue. D. 
Quantification of epidermal thickness in microns in control and K10-rtTA TRE-spastin 
mice. Each column is 120 measurements from 4 mice per genotype. E. Quantification of 
the number of cell layers present in control and K10-rtTA TRE-spastin epidermis. n=100 
measurements from 4 mice per genotype. F. Expression of spastin in control and mutant 
tissues. Note the absence of any detectable spastin expression in the basal keratinocytes. 

G. Active caspase-3 staining in control and K10-rtTA TRE-spastin epidermis. H. 
Quantification of caspase+ cells in control and K10-rtTA TRE-spastin epidermis. n=4 

mice for each genotype (average number of caspase+ cells was calculated from 5 random 
fields per mouse). I. Incorporation of BrdU one hour after injection in control and K10-

rtTA TRE-spastin epidermis. J. Quantification of the number of basal cells that 
incorporated BrdU. Quantification of caspase+ cells in control and K10-rtTA TRE-spastin 
epidermis. n=4 mice for each genotype (average number of caspase+ cells was calculated 

from 5 random fields per mouse). K. Epidermal cross-sections stained for markers of 
stress (K6), stratification (K5/14 and K10), and terminal differentiation (loricrin and 

filaggrin). L. Western blots of control and K10-rtTA TRE-spastin epidermis. Dotted lines 
mark the basement membrane. All scale bars are 25µm. n.s.-p>0.05, ***p<0.001. 
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Figure 26: Microtubule disruption in suprabasal cells causes cell shape defects and 
entosis in vivo. 

A. Cell rounding is observed in a cell-autonomous manner in K10-rtTA TRE-spastin 
tissue. Scale bar-25µm. B. Zoomed regions showing a spastin- and spastin+ cell within 

K10-rtTA TRE-spastin tissue. Note the accompanying aspect ratios (AR). Scale bar-10µm. 
C. Quantification of aspect ratio of individual control and spastin+ cells within K14-rtTA 

TRE-spastin tissue, which was used because cell-autonomous rounding can be more 
easily visualized in a mostly wild-type tissue with a few suprabasal spastin+ cells. n>100 

cells for each group. D. Cortical F-actin is increased in spastin+ cells in K10-rtTA TRE-
spastin mice. Asterisks mark spastin+ cells. Scale bar-10µm. E. Example of a wavy 

border between two spastin+ cells, as marked by F-actin. Scale bar-10µm. F. Example of 
an entotic cell in K10-rtTA TRE-spastin epidermis. Scale bar-25µm. Inset scale bar-10µm. 

G. Quantification of the number of entotics per mm of basement membrane. n=4 mice 
per genotype. H. Examples of various types of entoses observed in K10-rtTA TRE-

spastin epidermis. Scale bar-10µm. I. Example of an entosis where the invading cell has 
upregulated phospho-myosin light chain II. The dotted line marks the cell outlines. Scale 

bar-10µm. *p<0.05, ***p<0.001. 
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remarkable number of entoses in the epidermis (Figure 26F,G).  Canonical entosis is an 

active invasion of one cell into the cytoplasm of another as it loses substrate attachment 

(Overholtzer et al., 2007).  We identified many variations of entosis in mutant tissue, 

ranging from entosis of a single spastin+ cell to what appeared to be concentric rings of 

cells, suggesting multiple layers of entosis (Figure 26H).  Furthermore, some invading 

cells had elevated phospho-myosin light chain-2 (pMLC-2), consistent with an active 

actin-based entotic invasion (Figure 26I).  We did not observe any examples of a spastin+ 

cell engulfing a wild-type cell.  Taken together, our data suggest that the normally 

flattened and rigid shape of differentiated keratinocytes prevents entosis in vivo.  

Without microtubules, differentiated keratinocytes are abnormally rounded and actively 

invade one another.  Of note, the entosis observed here is fundamentally different from 

previously described models of entosis that rely on loss of substrate attachment, as 

suprabasal keratinocytes are never attached to a basement membrane. 

3.8 Cell-shape changes upon microtubule disruption are not due 
to cell-cell junction disruption 

 Because microtubules have been proposed to play critical roles in cell-cell 

adhesions in other systems and because we observed abnormal cell-cell boundaries, we 

assessed whether defects in cell-cell adhesions might underlie alterations in cell shape 

(Meng et al., 2008; Shahbazi et al., 2013).  We noted no differences in cortical localization 

of E-cadherin in spastin+ tissue, suggesting that cell-shape defects are not due to 

strongly perturbed adherens junction formation (Figure 27A).  Importantly, we cannot 
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rule out that microtubule disruption causes more subtle defects in adherens junctions, 

such as changes in tension sensing or cortical stability.  In the epidermis, desmosomes 

play a critical role in maintaining proper mechanical integrity (Vasioukhin et al., 2001).   

 

Figure 27: Adherens junctions and tight junctions are still cortically localized in K10-
rtTA TRE-spastin epidermis. 

A. Localization of E-cadherin in control and K10-rtTA Tre-spastin epidermis. Scale bar-
25µm. B. Localization of ZO-1 in control and K10-rtTA TRE-spastin epidermis. Scale bar-
25µm. C. Region where spastin+ cells are next to spastin- cells in K10-rtTA TRE-spastin 

tissue.  Note that ZO-1 is still cortically localized in spastin+ cells. Scale bar-10µm. D. 
Localization of occludin at the cell cortex is maintained in K10-rtTA TRE-spastin 

epidermis. Scale bar-10µm. 
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Additionally, previous work has demonstrated that desmosomes are required for 

cortical microtubule formation in the epidermis (Lechler and Fuchs, 2007).  Therefore, 

we next investigated how microtubule disruption affected desmosomes. 

Interestingly, cortical localization of the desmosome components desmoplakin 

(DP), desmoglein-1 (DSG1), and desmocollin-2/3 (DSC2/3) were all disrupted in K10-

rtTA TRE-spastin epidermis (Figure 28A).  By EM, desmosomes were smaller in K10-

rtTA TRE-spastin tissue versus wild-type controls (Figure 28D).  Quantification of 

cortical DP and DSC2/3 staining revealed that desmosome defects were non-cell 

autonomous; the levels of these proteins were similarly decreased between spastin-/- cell 

pairs as between spastin+/+ cell pairs in mutant tissue (Figure 28B,C).  To determine 

whether microtubule disruption has intrinsic effects on desmosomes, we assayed 

cortical desmosome localization in K14-rtTA TRE-spastin epidermis, where wild-type 

cells surrounded pairs of spastin+ cells.  This analysis revealed that desmoplakin 

localization between spastin+ cells was normal when they were surrounded by wild-

type cells, demonstrating that, in agreement with previous studies, microtubule 

disruption does not intrinsically impact desmosome formation (Figure 28E) (Pasdar et 

al., 1992; Sumigray et al., 2011).  These spastin+ cells also failed to flatten, showing that 

desmosome defects do not underlie the cell shape defect (Figure 28E).  Interestingly, 

however, our K10-rtTA TRE-spastin data demonstrate that the epidermis mounts a 
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Figure 28: Desmosomes are perturbed in K10-rtTA TRE-spastin epidermis. 
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Figure 28. cont. from page 123 

A. Immunofluorescence of desmosome components in control and K10-rtTA TRE-
spastin epidermis. Scale bars-25µm. B. Quantification of desmoplakin 

immunofluorescence at cell-cell boundaries between indicated cell pairs. n=40 cell-cell 
pairs from 2 mice for each pair. C. Quantification of desmocollin-2/3 

immunofluorescence at cell-cell boundaries between indicated cell pairs. n=40 cell-cell 
pairs from 2 mice for each pair. D. EM of desmosomes in control and K10-rtTA TRE-

spastin epidermis. Scale bar-500nm. E. A pair of spastin+ cells in K14-rtTA TRE-spastin 
epidermis showing that spastin expression does not intrinsically alter cortical 

desmoplakin localization. Scale bar-10µm. 
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tissue-level response to loss of microtubules that results in global desmosome defects.  

Therefore, we rule out that adherens junction or desmosome defects underlie the cell 

shape defects we observe following microtubule perturbation and uncover a surprising 

global role for noncentrosomal microtubules in preventing desmosome abnormalities in 

vivo. 

3.9 Noncentrosomal microtubules are required for proper 
corneocyte formation but not barrier function 

Next, we wanted to understand if the disruptions to epidermal architecture in 

K10-rtTA TRE-spastin mice resulted in impaired barrier function.  The barrier function 

of the epidermis is conferred through both tight junctions, which form in the granular 

layer, and the cornified envelope, which is composed of enucleated, highly cross-linked 

corneocytes.  Immunostaining for the tight junction proteins ZO-1 and occludin did not 

reveal any defects in spastin+ cells or K10-rtTA TRE-spastin tissue (Figure 27B-D).  This 

reveals the cortical localization of tight junction components does not require 

microtubules in the mammalian epidermis.  At this point, however, we have not 

determined whether there are more subtle defects in tight junction function or assembly 

kinetics that may result from microtubule disruption.  

Microtubule perturbation in K10-rtTA TRE-spastin embryos resulted in an 

abnormally thick cornified envelope (Figure 25E).  Interestingly, we observed abnormal 

staining of a number of cytoplasmic components in the cornified layers of mutant 

epidermis (Figure 29A,B).  Retention of cytoplasmic components appeared to be cell-  
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Figure 29: Corneocyte formation is perturbed in K10-rtTA TRE-spastin epidermis. 

A. Example of two spastin+ cells in the cornified envelope of K14-rtTA TRE-spastin 
mice. K14-rtTA TRE-spastin mice, where there are fewer spastin+ suprabasal cells, were 

used to show that spastin expression cell-autonomously perturbs cornified envelope 
formation. Scale bar-10µm. B. Examples of protein localization in the corneocytes of K10-

rtTA TRE-spastin mice. Scale bars-10µm. C. EM of cornified envelopes in control and 
K10-rtTA TRE-spastin epidermis. Note that the cornified envelope is much more 

electron dense with many cellular remnants in the mutant. Scale bars-500nm. D. Isolated 
cornified envelopes from control and K10-rtTA TRE-spastin mice. Scale bars-25µm. E. 

Quantification of abnormal isolated cornified envelopes. n=40 random fields from 4 mice 
for each genotype. F. X-gal barrier assay in e18.5 control and K10-rtTA TRE-spastin 

embryos. ***p<0.001. 
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autonomous, as we observed clear co-localization of the irregular staining and spastin+ 

corneocytes (Figure 29A).  We confirmed by electron microscopy that the mutant 

corneocytes were abnormally filled with cytoplasmic remnants, whereas the corneocytes 

in control back skin had no identifiable material (Figure 29C).  Isolation of the cornified 

envelopes from wild-type and mutant epidermis confirmed that spastin OE caused 

severe defects in corneocyte morphology (Figure 29D,E).  Because of the numerous 

cornified envelope defects, we performed a barrier assay to test epidermal exclusion of 

X-gal.  Surprisingly, despite the morphological defects in the cornified envelope, K10-

rtTA TRE-spastin embryos formed a fully functional epidermal barrier by e18.5 (Figure 

29F).  We speculate that the severe thickening of the cornified envelope compensates for 

abnormal corneocyte formation, and this possibility will have to be tested in future 

studies.  Taken together, our data unveil a novel role for microtubules in the proper 

creation of the cornified envelope.  Microtubule disruption does not alter barrier 

formation, suggesting that compensatory mechanisms exist in the epidermis to maintain 

a proper barrier upon microtubule disruption. 

3.10 Microtubule disruption causes premature differentiation in 
the epidermis 

 Having identified cell-autonomous functions for microtubules in suprabasal 

keratinocytes in regulating cell shape changes and cornified envelope formation, we 

turned to understand how suprabasal microtubules influence the earlier stages of 

epidermal differentiation.  Therefore, we performed analysis of K10-rtTA TRE-spastin 
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embryos where spastin induction began at e14.5 (Figure 30A).  The epidermis of K10-

rtTA TRE-spastin e14.5-P0 mice was even more architecturally abnormal, and we 

observed identical cornified envelope defects and severe flaking of the CE in these mice 

(Figure 30B,C).  All of the same phenotypes previously described for the e16.5-P0 K10-

rtTA TRE-spastin mice were also present in the e14.5-P0 mice (data not shown), 

suggesting that the increased morphological severity was due to the additional 48 hours 

of hyperproliferation.  In agreement, we observed severe thickening of the tissue even at 

e16.5, demonstrating that basal-cell hyperproliferation is a rapid response to suprabasal 

microtubule disruption (Figure 31A).  Surprisingly, e16.5 mutant epidermis exhibited 

premature signs of differentiation, including robust expression of the granular-marker 

filaggrin and ZO-1 as well as premature cornified envelope formation (Figure 31A and 

data not shown).  Premature differentiation was not confined to spastin+ cells; wild-type 

cells in the uppermost layers of the K10-rtTA TRE-spastin epidermis also expressed 

filaggrin in the upper layers of the tissue (Figure 31B).  This premature differentiation 

did not result in early shedding of the periderm, the transient protective cells covering 

the epidermis prior to barrier formation (Figure 31C).  Finally, we performed a barrier 

assay on e16.5 embryos to determine if the early differentiation in K10-rtTA TRE-

embryos resulted in premature barrier formation.  Interestingly, while control embryos 

had no barrier function at this stage, the back skin of K10-rtTA TRE-spastin embryos had 

already formed a functional barrier (Figure 31D).   



 

129 

 

Figure 30: Early induction of spastin in the epidermis throughout stratification causes 
severe tissue architecture defects. 

A. Alleles and experimental scheme used to perturb microtubules in suprabasal cells 
throughout epidermal stratification. B. The epidermis of K10-rtTA TRE-spastin mice is 

visibly flaky. C. Profound tissue architecture changes in K10-rtTA TRE-spastin 
epidermis compared to wild-type controls. Scale bar-25µm. 
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Figure 31: Microtubule perturbation in vivo causes premature differentiation. 

A. Epidermal cross-sections from e16.5 control and K10-rtTA TRE-spastin embryos, 
stained for the differentiation marker filaggrin. B. Premature differentiation is cell-non-

autonomous. Note that filaggrin is being expressed in spastin- cells in the K10-rtTA 
TRE-spastin tissue, and that spastin+ cells in the lower suprabasal layers do not express 

filaggrin. C. Periderm is not prematurely lost in K10-rtTA TRE-spastin mice. D. K10-
rtTA TRE-spastin e16.5 embyros prematurely form an epidermal barrier. Dotted lines 

indicate the basement membrane. All scale bars are 25µm. 
 

Therefore, microtubule disruption causes hyperproliferation even during early 

stratification through an unknown mechanism.  We postulate that this early thickening 

driven by hyperproliferation in the basal layer causes precocious differentiation and 

barrier formation as suprabasal cells are prematurely pushed away from the basement 

membrane and underlying dermal pro-proliferative signals. 
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3.11 K10-rtTA TRE-spastin overexpression in the adult epidermis 

Finally, we sought to understand the consequences of long-term disruption of 

microtubules in suprabasal keratinocytes.  While spastin overexpression in suprabasal 

keratinocytes from e14.5 was lethal, presumably due to the severe epidermal 

morphological defects, overexpression from e16.5 resulted in viable pups.  We raised 

these K10-rtTA TRE-spastin mice on doxycycline-containing food with control 

littermates to assess the effects of chronic suprabasal microtubule disruption on tissue 

homeostasis.  When we assayed both the tail and back skin of adult mice, we noted a 

dramatic thickening in mutant animals, consistent with the phenotypes observed during 

development (Figure 32A-C).  Interestingly, the epidermal thickening had reached a 

steady-state, as we did not observe an extreme thickening that would be have been 

consistent with a continual buildup of epidermis since birth.  Therefore, microtubule 

disruption in post-mitotic, differentiated keratinocytes during both embryonic 

development and adult homeostasis causes an abnormal tissue thickening. 

3.12 Microtubule disruption in suprabasal cells induces non-cell-
autonomous hair follicle defects 

In the K10-rtTA TRE-spastin mice that were maintained on doxycycline-

containing food, we observed an unexpected reduction in hair growth (Figure 33A).  

Hair follicle morphogenesis occurs in waves and is driven by condensation of K5/14+ 

basal keratinocytes into hair placodes that subsequently invaginate and grow into the 

underlying dermis (Schneider et al., 2009).  In whole-mount analysis of hair follicles, we  
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Figure 32: Spastin OE in suprabasal keratinocytes in the adult epidermis induces 
tissue thickening. 

A. Spastin overexpression in the adult epidermis causes severe tissue thickening.  
Spastin was detected exclusively in the suprabasal layers of adult epidermis (top) and 
representative higher magnification regions show a severe tissue thickening (bottom). 

Scale bars-25µm. B. Stitched images of tail epidermis in control and K10-rtTA TRE-
spastin adults. Note that the clear delineation between scale and interscale regions (as 

marked by K10 expression) is lost in the mutant tissue. Scale bar-250µm. C. Tissue 
thickening in the control and K10-rtTA TRE-spastin tail epidermis. Note the decrease in 

the K10-negative scale region. Scale bars-25µm. 
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confirmed the decrease in hair follicle number (Figure 33B).  A closer inspection of the 

whole-mount epidermis showed that longer hairs appeared normally specified but that 

there was a specific reduction in the number of later-born follicles.  These data are 

consistent with a model where microtubules in suprabasal keratinocytes are required for 

hair follicle specification and/or invagination, but not necessary for hair follicle 

elongation.  In these K10-rtTA TRE-spastin mice, the initial wave of hair follicle 

morphogenesis proceeded (e13.5-e15.5), and spastin was only induced during the 

subsequent waves of hair follicle morphogenesis.  Therefore, we observe specific 

perturbation of those second and third waves in theses mice.  Keratin 10 is not expressed 

in any of the epidermal cells that form the hair placode, so hair follicle defects in these 

mice must be non-cell autonomous.  To begin to understand the root of the hair follicle 

defects in our mutant mice, we examined e16.5 and e17.5 control and mutant embryos 

that had been on doxycycline since e14.5 (Figure 33C,F).  In these mice, microtubules 

were perturbed from the initial stages of hair placode formation and morphogenesis.  

Interestingly, when we quantified the number of hair follicles at each stage in these 

mice, we noted a decrease in all hair follicle stages, consistent with a total reduction in 

hair follicles (Figure 33C-H).  Next, we used the hair placode marker Foxi3 to examine 

placodes in control and K10-rtTA TRE-spastin tissue (Shirokova et al., 2013).  The size of 

the hair placodes in mutant tissue were consistently smaller than wild-type placodes 

and were also much more variable in size (Figure 33I,J).  These data suggest that 
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Figure 33: Spastin OE causes non-cell-autonomous hair follicle defects. 
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Figure 33. cont. from page 134 

A. P8 control and K10-rtTA TRE-spastin mouse. Note the reduced hair growth in the 
K10-rtTA TRE-spastin animal. B. Epidermal whole-mounts from control and mutant 
tissue. Visualization of hair-follicle-associated melanocytes demonstrates where hair 

follicles are growing in the tissue. Scale bar-500µm. C. Experimental scheme to perturb 
suprabasal microtubules from e14.5-e16.5. D. Quantification of the total number of each 

type of hair follicle at e16.5 in control and mutant tissue. n=2 mice per genotype. E. 
Normalized ratios of hair follicle stages in control and mutant tissue at e16.5. n=2 mice 
per genotype. F. Experimental scheme to perturb suprabasal microtubules from e14.5-

e17.5. G. Quantification of the total number of each type of hair follicle at e17.5 in control 
and mutant tissue. n=2 mice per genotype. H. Normalized ratios of hair follicle stages in 
control and mutant tissue at e17.5. n=2 mice per genotype. n=90 placodes from 6 mice for 
each genotype. I. Representative images showing range of placode shapes in control and 
K10-rtTA TRE-spastin epidermis, as marked by Foxi3. Scale bar-10µm. J. Quantification 

of placode size based on the distance Foxi3+ cells occupy along the basement membrane. 
K. Representative images showing that smaller Foxi3 positive placodes are still capable 

of recruiting Sox2+ dermal papillae cells. Scale bar-25µm. ***p<0.001. 
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malformed hair placodes may underlie the hair follicle defects we observe in K10-rtTA 

TRE-spastin mice.  To examine whether smaller placodes are still recruiting dermal 

papillae cells, which are required for hair follicle morphogenesis, we visualized Sox2+ 

dermal papillae cells along with the Foxi3 epidermal placodes.  The smaller placodes in 

K10-rtTA TRE-spastin mice were still capable of recruiting Sox2+ dermal papillae cells, 

suggesting that the hair follicle defects are not due to an inability to recruit dermal 

papillae cells (Figure 33K).  A more thorough discussion of possible models for how 

microtubule disruption in suprabasal keratinocytes could influence hair placode 

formation will be included in the concluding remarks section (section 3.13).  Taken 

together, our data uncover an unexpected non-cell autonomous role for suprabasal 

microtubules in hair follicle morphogenesis. 

3.13 Concluding remarks 

We have generated several novel mouse lines to both visualize and perturb 

microtubule organization in vivo in mice.  By imaging microtubule dynamics in 

suprabasal keratinocytes in embryos for the first time, we demonstrate that 

differentiation induces a strong suppression of microtubule dynamics.  Analysis of 

microtubule tracks revealed several additional surprising features of microtubule 

dynamics in differentiated cells.  First, we were pleasantly surprised to see that analysis 

of the microtubule growth tracks clearly illustrated microtubule organization in the cell; 

in proliferative cells, we saw radially organized microtubule paths, which were lost in 
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the differentiated keratinocytes.  Second, we were surprised by the unconventional 

appearance of EB1-GFP puncta that lacked identifiable comet tails in differentiated 

keratinocytes.  These comets were sensitive to nocodazole treatment, suggesting that 

they are faithfully marking microtubule ends.  However, what modifications are 

inducing this alteration in EB1-GFP appearance and behavior remains to be identified.  

Finally, only in suprabasal cells did we observe EB1-GFP comets that appeared to be 

paused.  Microtubule pausing is a poorly understood microtubule behavior that has 

been occasionally observed in cells, although what induces this behavior is just 

beginning to be understood (Shelden and Wadsworth, 1993, van Riel et al., 2017).  It is 

intriguing to speculate that some microtubules are stabilized at the cell cortex in these 

cells, and that their plus ends could be stabilized via an interaction between EB1 and an 

unidentified cortical protein.  Further experiments will be required to validate if the 

EB1-GFP comets are truly paused or just exhibit highly suppressed growth. 

We have generated a TRE-spastin mouse, in which microtubule severing can be 

controlled in both a temporal and in a cell-type specific manner.  Traditionally, it has 

been very challenging to study microtubule function in mammalian tissue because most 

perturbations relied on treatment of tissues with microtubule drugs, which can have 

wide-ranging effects (Achler et al., 1989; Zhu et al., 2015).  We demonstrate that the TRE-

spastin mouse can be used to perturb microtubule organization in vivo, and we 
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anticipate that it will prove to be a very useful tool for the microtubule community to 

begin to understand the physiological functions of microtubules. 

We used the TRE-spastin mouse to perturb microtubule organization in both 

basal, proliferative (K14-rtTA) and the suprabasal, differentiated (K10-rtTA) 

keratinocytes.  One of the surprising results of this work was that microtubule 

disruption in basal cells is well tolerated both during epidermal morphogenesis and 

during adult homeostasis.  This may be because of the mosaicism inherent in the K14-

rtTA TRE-spastin line.  It is interesting to note, however, that the stress marker, keratin 

6, was not upregulated in spastin+ basal cells and was only active in suprabasal cells, 

potentially indicating that microtubule perturbation in interphase basal cells is not 

actively sensed by the tissue as it is in suprabasal cells.  One more interesting 

observation was the identification of K5/14+ spastin+ suprabasal cells in the K14-rtTA 

TRE-spastin epidermis.  The presence of these cells may give a clue about the fate of 

mitotically arrested spastin+ cells.  We favor a model where mitotic cells that have been 

arrested for a long period of time in the basal layer eventually lose contact with the 

basement membrane and move into the suprabasal layer.  That these cells continue to 

express K5/14 and do not turn on K10 suggests that expression of differentiation 

markers is not inherently linked to distance from the basement membrane, but also 

requires successfully completing mitosis.  This model has some interesting implications 

for our understanding of differentiation in the epidermis.   
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Finally, we have used the new TRE-spastin and K10-rtTA lines to specifically 

perturb microtubule organization in post-mitotic cells.  Using this strategy, we have 

uncovered and begun to characterize a number of unexpected functions for 

microtubules in suprabasal cells.  The first striking observation we made was a profound 

tissue thickening and severe disruption in tissue architecture without an underlying 

problem with epidermal stratification.  The hyperproliferation we observe in this tissue 

is exclusively in the basal cells, demonstrating that a signal must be sensed in the basal 

cells non-cell autonomously upon spastin overexpression.  Future work will identify the 

signaling cascade that drives hyperproliferation in these mice.  We observe immediate 

hyperproliferation at e16.5 and severe tissue thickening after only 48 hours on 

doxycycline, demonstrating that the hyperproliferative response is 1) rapidly induced 

and 2) triggered independent of barrier sensing, as failure to form a barrier is not 

normally sense in the epidermis until e17.5.  Additionally, we are interested to 

understand if the premature differentiation in the K10-rtTA TRE-spastin epidermis is 

caused by the epidermal thickening, potentially moving the most superficial 

keratinocytes away from the basement membrane and underlying dermal signals.  The 

fact that the premature differentiation is seen in spastin-negative cells in K10-rtTA TRE-

spastin epidermis supports this idea. 

It is currently unknown how keratinocytes flatten during the spinous to granular 

differentiation, and microtubules have never been previously linked to this cell shape 
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change.  We currently do not know whether microtubules are required for the initial 

flattening at this transition or if there is an additional requirement for microtubules in 

maintaining shape anisotropy.  Future work will also address whether the microtubules 

play a structural role at the cortex of granular cells or if they are required for another 

function in these cells.  We have found that microtubule disruption can lead to entosis, 

potentially by creating an imbalance in membrane tension.  It is worth highlighting that 

we never observe entosis of adjacent basal cells in K14-rtTA TRE-spastin mice, 

presumably because basement membrane attachment defends against it.  The entosis of 

suprabasal cells is very different from previously identified models of entosis, which 

result from loss of basement attachment (Overholtzer et al., 2007).  It will be interesting 

in future studies to examine if the mechanisms regulating entosis in a stratified 

epithelium are similar to the previously identified mechanisms that operate during 

entosis of simple epithelial cells. 

Finally, these studies have uncovered an unexpected role for suprabasal 

microtubules in hair follicle morphogenesis.  A previous report found that suprabasal 

cells above the forming tooth placode, which is morphologically similar to the hair 

placode, intercalate to drive placode condensation (Panousopoulou and Green, 2016). 

Our data that microtubules are critical for proper cell shape in suprabasal cells suggests 

that a failure to flatten and, therefore, intercalate properly could prevent proper placode 

condensation.  We hypothesize that a failure to properly condense would result in a loss 



 

141 

of placode markers, such as Foxi3.  Further work will be required to test this model, but 

a similar mechanism may underlie the failure of the hair follicles that do form to 

properly planar polarize (data not shown).  Taken together, our data demonstrate the 

value of studying microtubule function in vivo.  We have identified a number of 

unexpected phenotypes upon microtubule disruption in post-mitotic suprabasal cells, 

and these initial characterizations will lead to a number of future studies. 

3.14 Materials and methods 

3.14.1 Mice and tissues 

All mice were maintained in accordance with Duke IACUC-approved protocols.  

To generate the TRE-EB1-GFP transgenic mouse line, EB1-GFP was digested out of K14-

EB1-GFP with SacII and NotI and ligated into pTre2 cut with the same (Muroyama et al., 

2016).  The XhoI site next to the SapI site in pTre2 was mutated using site-directed 

mutagenesis (pTre XhoI mut).  Proper doxycycline-dependent expression of the TRE-

EB1-GFP vector was verified in cultured keratinocytes co-transfected with a K14-rtTA 

plasmid and placed in doxycycline-containing media for 16 hours.  TRE-EB1-GFP was 

linearized using XhoI and was used by the Duke Transgenic Core to generate 

transgenics via pronuclear injection. 

To generate the TRE-spastin mouse line, the spastin M85 sequence was obtained 

from the pEGFP-C1 spastin M85 plasmid (Solowska et al., 2008).  First, the XhoI site 

within spastin M85 was mutated using site-directed mutagenesis (CTCGAG to 
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CTAGAG) to generate a synonymous mutation at arginine 345 (CGA to AGA).  An HA 

tag (TACCCATACGATGTTCCAGATTACGCT) was inserted at the N-terminus of the 

spastin M85 followed by a 4xglycine linker separating the HA tag and the start codon of 

spastin using PCR primers.  SacII and BamHI sites were inserted on the 5’ and 3’ ends of 

the HA-spastin cassette, respectively.  HA-spastin was PCR amplified, digested with 

SacII and BamHI, and inserted into pTre2 XhoI mut cut with the same.  Doxycycline-

dependent expression of the HA-spastin cassette was verified in cultured keratinocytes.  

The vector was linearized using XhoI and was used by the Duke Transgenic Core to 

generate transgenics via pronuclear injection. 

To generate the K10-rtTA transgenic mouse line, the rtTA sequence was cloned 

behind the mouse keratin 10 promoter (BAC RP23-1D9) by the Duke Recombineering 

Core.  Linearized DNA was used by the Duke Transgenic Core to generate transgenics 

via pronuclear injection. 

Additional mouse lines used in this study were K14-rtTA (Nguyen et al., 2006), 

CMV-rtTA (Jackson labs), and TRE-H2B-GFP (Tumbar et al., 2004).  For BrdU 

experiments, BrdU (10mg/ml) was injected into adult mice, pregnant dams (for 

embryonic stage) or into P0 pups.  Animals were sacrificed one hour later for tissue 

dissection and processing. 



 

143 

3.14.2 Cornified envelope preparations 

Cornified envelopes were isolated as previously described (Sumigray et al., 

2011).  Epidermis was isolated from P0 mice and boiled in 10mM Tris (pH 7.4), 1% β-

mercaptoethanol, and 1% SDS.  Envelopes were pelleted and resuspended in PBS.  

Resuspended cornified envelopes were placed on slides for imaging. 

3.14.3 Transmission EM 

Isolated P0 back skin was fixed in EM fix buffer (2% glutaraldehyde, 4% PFA, 

1mM CaCl2, 0.05M cacodylate pH 7.4) for one hour at room temperature and then were 

placed at 4°C until processed further.  Subsequent fixation, embedding, and sectioning 

were performed as previously described (Sumigray et al., 2011).   

3.14.4 X-gal barrier assay 

 For the X-gal barrier assay, e18.5 embryos were placed into an X-gal solution 

(1mg/ml X-gal, 1.3mM MgCl2, 100mM NaH2PO4, 3mM K3Fe[CN]6, 0.01% sodium-

deoxycholate, 0.2% NP-40).  After 5 hours, embryos were washed in PBS and 

photographed. 

3.14.2 Cell culture 

Stable wild-type keratinocytes were maintained in E low Ca2+ media at 37°C.  

Plasmid transfection was performed using the Mirus transfection reagent (Mirus). 
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3.14.3 Staining and antibodies 

Tissue was embedded in OCT, frozen, and sectioned using a cryostat.  

Depending on the antibodies used, tissue sections were fixed with either room-

temperature 4% PFA for seven minutes or ice-cold methanol for two minutes.  Slides 

were washed with PBS+0.2% Triton-X and blocked with BSA, NGS, and NDS before 

adding the primary antibody.  The following primary antibodies were used in this 

study: rat anti-HA (11867423001, Sigma-Aldrich), rat anti-a-tubulin (sc-53029, Santa 

Cruz), rabbit anti-keratin 6 (PRB-169P, Covance), chicken anti-keratin 5/14 (generated in 

the Lechler lab), rabbit anti-keratin 10 (905401, Covance), rabbit anti-keratin 1 (kind gift 

from Colin Jamora), rabbit anti-filaggrin (905801, Biolegend), rabbit anti-loricrin (kind 

gift from Colin Jamera), rat anti-BrdU (ab6326, Abcam), rabbit anti-active caspase-3 

(AF835, RandD systems), rat anti-b4 integrin (553745, BD Biosciences), rat anti-keratin 8 

(Troma-1, Developmental studies hybridoma bank), rat anti-ECCD2 (kind gift from 

Colin Jamora), mouse anti-desmoplakin (CBL173, Chemicon/Millipore), mouse anti-

desmocollin-2/3 (clone 7G6, Santa Cruz), mouse anti-desmoglein-1 (610273, BD 

Biosciences), rabbit anti-phospho-myosin light chain 2 (Thr18/Ser19) (3674, Cell 

Signaling), rabbit anti-occludin (ab3172, Abcam), rabbit anti-ZO-1 (61-7300, 

Zymed/Invitrogen), goat anti-Foxi3 (sc-324865, Santa Cruz), rabbit anti-SOX-2 (ab92494, 

Abcam), rabbit anti-centrin1 (ab101332, Abcam), mouse anti-acetylated tubulin (T7451, 
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Sigma-Aldrich).  F-actin was stained using fluorescently conjugated Phalloidin (A12379, 

Invitrogen and P1951, Sigma-Aldrich). 

3.14.4 Image acquisition 

Images of the K14-rtTA TRE-spastin keratinocytes and mice were acquired on a 

Zeiss Axio Imager microscope with Apotome attachment with the following objective 

lenses: 10x Plan-Neofluar 0.3 NA lens, 20x Plan-Apo 0.8 NA lens, 40x Plan-Neofluar 1.3 

NA oil lens, and 63x Plan-Apo 1.4 NA oil lens.  Images on the Axio Imager microscope 

were acquired using AxioVision software.  All images of the K10-rtTA TRE-spastin mice 

were acquired on a Zeiss Axio Imager microscope with Apotome 2 attachment and 

Axiocam 506 mono camera with the same objectives.  When making intensity 

measurement comparisons, all images within one experiment were taken with identical 

exposure times.  Movies of EB1-GFP in CMV-rtTA TRE-EB1 embryos were acquired on 

an Andor XD revolution spinning disc confocal microscope at 37°C and 5% CO2 using a 

60x Plan-Apo 1.2 NA water objective.  Images on the spinning disc were acquired using 

MetaMorph software.  Images of nocodazole-treated CMV-rtTA TRE-spastin embryos 

were acquired on a Leica DMI6000 microscope at 37°C and 5% CO2 using a 63x Plan-

Apo 1.4-0.6 NA oil objective.  Images were acquired using SimplePCI software.   

3.14.5 Image quantification 

 All image quantification was done using FIJI software.  EB1-GFP comets were 

tracked manually by marking the starting and ending positions and the number of 
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frames a comet was visible for.  For quantification of a-tubulin intensity in K14-rtTA 

TRE-spastin keratinocytes, each cell was outlined and the average HA and a-tubulin 

intensities were obtained for each cell.  The mean intensities for each cell were then 

normalized to the maximum value in the picture (HA from spastin+ cells and a-tubulin 

from control cells).  Aspect ratios were calculated by tracing individual cells and using 

the measurement option in FIJI.  Line scans of DP and DSC2/3 were performed in single 

optical planes by manually drawing a 5-pixel wide line across junctions.  Fluorescence 

intensity along the line was calculated, and the maxima of each line were aligned.  The 

ends were trimmed to normalize the line scans.  All statistical analysis was performed 

using GraphPad Prism 5 software. 
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4. Perturbation of apicobasal microtubule arrays in the 
mammalian small intestine 

4.1 Introduction 

Noncentrosomal microtubule arrays are formed at differentiation onset in a 

number of tissues (Bartolini and Gundersen, 2006).  In differentiated simple epithelial 

cells across species, microtubules are organized into apicobasal arrays, with the 

microtubule minus ends tethered near the apical surface and the plus ends directed 

towards the basal side of the cell.  The mechanisms that regulate formation of these 

apicobasal microtubule arrays are still being elucidated.  In both the C. elegans intestine 

and the Drosophila trachea, the microtubule nucleating and anchoring protein g-tubulin 

is delocalized from the centrosome as epithelial cells differentiate and is subsequently 

relocalized to just below the apical membrane (Feldman and Priess, 2012; Brodu et al., 

2010).  In these models, g-tubulin relocalization is coincident with microtubule 

reorganization, suggesting that it is responsible for generating the MTOC at the apical 

cortex. 

The differentiated epithelial cells in the mammalian small intestine also form 

apicobasal microtubule arrays (Bacallao et al., 1989).  Similar to simple epithelia in lower 

organisms, g-tubulin is found enriched on the apical side of the cell in differentiated 

villar cells in vivo (Salas et al., 1999).  g-tubulin is tethered to the sub-apical keratin 

filament network by the g-TuRC-specific component GCP6, and disruption of the keratin 

network in vivo causes delocalization of g-tubulin (Ameen et al., 2000; Oriolo et al., 2007).  
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However, the exact contribution of this apical pool of g-tubulin to apicobasal 

microtubule formation remains unknown. 

In addition to apical g-tubulin complexes, CAMSAP3/Nezha has been proposed 

to play a critical role in apicobasal microtubule organization based on work conducted 

in the simple epithelial Caco-2 cell line (Meng et al., 2008).  In this model, CAMSAP3 is 

tethered to apical zonula adherens (ZA) through an interaction with the p120-binding 

partner PLEKHA7.  There, it binds to microtubule minus ends and tethers them to the 

ZA to facilitate proper apicobasal array formation.  Additionally, it was proposed that 

these microtubules, in turn, stabilize the ZA (Meng et al., 2008). 

Recently, a Nezha mutant mouse model was generated to assess the functional 

consequences of Nezha perturbation in vivo (Toya et al., 2016).  In this model, the 

conserved CKK microtubule binding domain of Nezha, which defines the CAMSAP 

protein family, was deleted in the entire mouse (Baines et al., 2009; Toya et al., 2016).  

This C-terminal truncation mutant (Camsap3dc) had perturbed microtubule organization 

in the intestinal epithelium in vivo, and these mice were smaller than their control 

littermates.  Therefore, the authors proposed that perturbation of Nezha function in the 

small intestine led to compromised nutrient absorption and weight loss (Toya et al., 

2016).  It remains unclear, however, whether the organismal phenotypes observed in the 

Camsap3dc mouse are due to Nezha function in the intestine, as proposed by the authors, 

or due to an unknown role for Nezha in other tissues. 
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Very little is known about the function of apicobasal microtubule arrays, 

primarily owing to a lack of genetic models to perturb microtubule organization in vivo.  

The function for apicobasal arrays in the C. elegans intestine remains unknown.  In the 

Drosophila trachea, recent work demonstrated that these apicobasal arrays are important 

for recycling E-cadherin back to the membrane for proper adherens junction formation 

(Le Droguen et al., 2015).  Traditionally, studies have tried to address these questions in 

mammals by using cultured cell models, such as Caco-2 and MDCK cells, which 

recapitulate some, but not all, of the features of a fully mature apicobasal microtubule 

array (Bacallao et al., 1989; Bre et al., 1987).  By studying the effects of nocodazole-

induced microtubule depolymerization on intracellular trafficking and cell polarity, 

some groups have proposed that apicobasal arrays are required for proper cargo 

trafficking to the apical membrane (Hugon et al., 1987; Gilbert et al., 1991; Rindler et al., 

1987).  Additionally, one study found mislocalization specifically of apical cargo on the 

basolateral surface after cochicine gavage in rat intestines (Achler et al., 1989).  The 

recent data from the Camsap3dc mouse mutant suggested that apicobasal microtubules 

are additionally important for proper organelle placement along the apicobasal axis, but 

whether this was a primary effect of Nezha perturbation or a secondary defect of Nezha 

disruption in another tissue remains an unanswered question.  Additionally, no assays 

were performed in the Camsap3dc mouse to test if microtubule disruption affects the 

absorptive functions of the small intestine. 
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In this work, we have taken two complimentary approaches to understand the 

functions of apicobasal microtubule arrays in the mammalian small intestine.  First, we 

have generated a Nezha conditional allele, which we use to delete Nezha specifically in 

the intestinal epithelium (Nezha cKO).  I show that these mice are indistinguishable 

from control littermates and have no defects in survival or weight gain.  In contrast, I 

show by generating a full Nezha knockout mouse that CAMSAP3 is required in some 

as-of-yet unknown tissue in the mouse for organismal viability and growth.  Despite the 

fact that Nezha cKO mice are viable, I observed microtubule disruption and organelle 

misplacement and fragmentation in the intestines, demonstrating that Nezha is required 

for apicobasal microtubule organization in vivo.  To complement the Nezha deletion 

data, I have also generated Villin-rtTA TRE-spastin mice, where doxycycline 

administration induces overexpression of the single-subunit microtubule-severing 

protein spastin specifically in the intestinal epithelium.  In these mice, spastin OE caused 

rapid microtubule loss in vivo and identical phenotypes to those seen in the Nezha cKO 

mice.  We extend our Nezha findings by performing a functional lipid uptake assay in 

Villin-rtTA TRE-spastin mice and demonstrate for the first time that microtubule 

disruption causes a defect in lipid trafficking in vivo.  Taken together, we show that the 

small intestine is surprisingly robust to microtubule perturbation in vivo, despite 

organelle misplacement and accompanying trafficking defects. 
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Figure 34: Deletion of Nezha specifically in the intestinal epithelium perturbs MT 
organization in vivo. 

A. Generation of an intestinal-specific deletion of CAMSAP3/Nezha. LoxP sites were 
inserted around exons 5 through 9 and intestinal epithelium-specific deletion was 

induced by crossing these mice to the Villin-Cre line. B. No lethality is associated with 
Villin-Cre Nezhafl/fl mice. C. Quantification of weights at weaning in control and Nezha 

cKO mice. n=14 for the control mice and 15 for Villin-Cre Nezhafl/fl mice. D. Western 
blot of intestinal samples demonstrating loss of the Nezha protein in Nezha cKO mice. 

E. Representative images showing disruption of microtubule organization in the 
intestinal epithelium after Nezha knockout. Scale bars are 10µm. n.s.-not significant. 
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4.2 Nezha deletion perturbs apicobasal microtubules in vivo 

To understand the functions of apicobasal microtubule arrays in vivo, we 

generated a conditional deletion of the minus-end binding protein CAMSAP3/Nezha.  

LoxP sites were inserted flanking exons 5 through 9 of the CAMSAP3 gene, and deletion 

of this sequence via Cre-recombinase-mediated excision is predicted to induce a frame 

and early stop codon (Figure 34A).  To begin, we generated a mouse line where Nezha 

was conditionally deleted specifically in the intestinal epithelium using the Villin-Cre 

transgenic line (Madison et al., 2002).  Interestingly, we observed no lethality associated 

with intestine-specific Nezha deletion in Villin-Cre Nezhafl/fl (Nezha cKO) mice prior to 

weaning or during adulthood (Figure 34B and data not shown).  Nezha cKO mice 

gained weight similar to control littermates (Figure 34C).  We validated that Villin-Cre 

efficiently deleted Nezha, resulting in a total loss of detectable CAMSAP3 in the 

intestine by Western blot (Figure 34D).  Importantly, we then assessed whether the 

microtubule organization in epithelial cells was affected by Nezha deletion.  

Microtubules in the control small intestines were well organized into apicobasal arrays; 

many short filaments were observed apical to the nucleus, with longer filaments 

extending toward the basal surface at the cell periphery (Figure 34E).  In contrast, the 

microtubules in Nezha cKO intestines were highly disorganized.  In particular, there 

was a marked reduction in a-tubulin signal apical to the nucleus, and a number of 

microtubules were visibly wavy.  Additionally, there were free microtubule ends that  
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Figure 35: Full Nezha KO in mice is lethal. 

A. Alleles and experimental regime used to create total Nezha KO mice. B. Phenotypes 
of Nezha-/- and control littermates. C. Survival curve demonstrating that full Nezha 

deletion is lethal in mice. D. Full Nezha KO mice fail to thrive. 
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did not terminate near the apical surface, a phenomenon that is not observed in wild-

type animals and suggests a failure to appropriately anchor microtubules (Figure 34E).  

Therefore, we demonstrate that Nezha is required for proper apicobasal microtubule 

organization in vivo and that Nezha in the intestine is dispensable for mouse viability. 

Because full-body deletion of the CKK domain in Nezha was shown to slightly 

suppress growth, we next turned to determine whether full-body deletion of the Nezha 

protein phenocopied the Camsap3dc mutant (Toya et al., 2016).  To generate full Nezha 

KO animals, we crossed Nezhafl/fl mice with CMV-Cre mice to generate Nezha+/- 

animals.  Heterozygotes were then crossed to generate full Nezha deletion mice (Figure 

35A).  Unlike Nezha cKO mice, Nezha full knockouts were noticeably smaller from 

birth, and this size defect became exacerbated as they developed (Figure 35B).  Full 

Nezha deletion was lethal to most animals before weaning (postnatal day 19), and full 

Nezha KO mice failed to ever catch up their weight to their control siblings (Figure 

35C,D).  Examination of microtubules in full Nezha KO mice revealed identical 

disorganization as seen in the Nezha cKO mice.  Therefore, our comparison of Nezha 

cKO and full Nezha KO mice revealed several points.   

First, CAMSAP1 and CAMSAP2 cannot fully compensate for CAMSAP3/Nezha 

function in apicobasal microtubule organization, which had been suggested from 

experiments demonstrating that the different CAMSAP family members have distinct 

effects on the microtubule minus end (Hendershott and Vale, 2014; Jiang et al., 2014; 
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Tanaka et al., 2012).  Second, while Nezha is required for proper microtubule 

organization in the small intestine, this microtubule organization is not strictly required 

for organismal viability or proper weight gain/maintenance, at least under our housing 

conditions.  Finally, we highlight that Nezha is critical for proper function of another, 

unknown tissue.  At this point, we cannot say whether we see a more severe organismal 

phenotype with the full Nezha KO deletion compared to Camsap3dc because full 

deletion of Nezha has more profound effects than the CKK domain deletion or because 

of a difference in mouse background strain.  It is intriguing to speculate that the other 

domains of Nezha are required for unidentified functions in cells, although there is no 

evidence of this to date.  Because all of the intestinal phenotypes we observed were 

identical between Nezha cKO and full Nezha KO mice, I will refer to both of them as 

Nezha KO mice from here on unless otherwise specified. 

4.3 Localization of cell-cell junction proteins is not perturbed in 
Nezha knockout intestines 

When Nezha was originally identified, it was proposed to be important for 

zonula adherens (ZA) formation (Meng et al., 2008).  To assess whether Nezha deletion 

perturbed cell-cell junctions in vivo, we assessed the localization of the ZA-enriched 

proteins E-cadherin and a-catenin in control and mutant intestines.  The staining pattern 

of both E-cadherin and a-catenin was identical between control and mutant animals 

(Figure 36A).  Additionally, quantification of junctional a-catenin intensity 

demonstrated that the ZA was not globally disrupted following Nezha deletion 



 

156 

 

Figure 36: Adherens junctions and tight junctions form normally in Nezha mutant 
small intestine. 

A. Localization of E-cadherin in control and Nezha cKO intestines. B. Line scans across 
the apical zonula adherens of a-catenin fluorescence intensity in control and Nezha cKO 

intestines. n=70 cell-cell junctions from at least 3 mice per genotype. C. Localization of 
the tight junction protein ZO-1 in control and Nezha cKO intestines. D. Line scans across 

the tight junction of ZO-1 fluorescence intensity in control and Nezha cKO mice. n=70 
cell-cell junctions from at least 3 mice per genotype. All scale bars are 5µm. 
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(Figure 36B).  Tight junctions have also been proposed to regulate microtubule 

organization to control morphogenesis of simple epithelial tissues (Yano et al., 2013).  

Therefore, we also examined whether the tight junction protein ZO-1 was mislocalized 

in the Nezha KO intestines.  We did not observe any defects in localization of ZO-1, 

suggesting that tight junctions were similarly unperturbed upon microtubule disruption 

(Figure 36C,D).  Importantly, we cannot rule out that there are more subtle defects in ZA 

and tight junction organization or stability that cannot be identified by fixed analysis.  

However, Nezha deletion does not recapitulate the severe defects in ZA organization 

seen upon Nezha knockdown in cultured cells, suggesting that the apicobasal 

microtubules are not required for ZA formation in vivo. 

4.4 Nezha deletion causes organelle mislocalization and Golgi 
fragmentation 

Microtubules have been linked to proper nuclear positioning in several systems, 

so we next examined whether nuclear positioning was affected in our Nezha mutants 

(Metzger et al., 2012; Fridolfsson et al., 2010).  In control animals, the nuclei are strictly 

arranged in a row on the basal sides of the cells right above the basement membrane 

(Figure 37A).  In Nezha KO animals, a number of nuclei were abnormally localized to 

the apical side of the cell.  Interestingly, nuclei were not observed at “intermediate” 

positions; they were either at the basal or apical side, suggesting that cell crowding may 

drive displacement of basal nuclei to the apical side.  Whether there are direct linkages 

between the plus tips of the apicobasal microtubules and the nuclear envelope in these 
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cells, as has been shown in other systems, is an intriguing outstanding question 

(Elhanany-Tamir et al., 2012; Folker and Baylies, 2013). 

Next, because microtubules are known to regulate Golgi organization and 

because apicobasal microtubules have been suggested to be critical for intracellular 

trafficking, we next assessed the consequences of Nezha deletion on Golgi localization 

(Cole et al., 1996; Miller et al., 2009; Musch, 2004).  We used GRASP65, which marks 

Golgi cisternae, to visualize Golgi localization in control and Nezha KO intestines (Barr 

et al., 1997).  Interestingly, Nezha KO cells had mispositioned Golgi; staining for the 

protein GRASP65 showed that localization was often abnormally shifted to the sides and 

bottom of the nuclei (Figure 37B).  Fragmentation of the Golgi has been observed in 

cultured cells upon knockdown of the microtubule-associated protein CLASP and 

nocodazole treatment (Miller et al., 2008; Cole et al., 1996).  When viewed from the top-

down, it was apparent that the Golgi in our system was also fragmented (Figure 37C).  

GRASP65 forms continuous “ribbons” in the control cells, whereas GRASP65 was found 

primarily in puncta in mutant tissue.  No study, to our knowledge, has addressed 

whether microtubules are required for Golgi organization and integrity in the intestinal 

crypts.  In Nezha mutant mice, we observed similar Golgi mispositioning in the 

proliferative crypts, demonstrating that microtubules are required in all epithelial cells 

of the small intestine for Golgi positioning (Figure 37D).  Finally, because we observed  
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Figure 37: Deletion of Nezha causes organelle placement defects and perturbations to 
the intracellular trafficking pathway. 
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Figure 37. cont. from page 159 

A. Images showing nuclear position in villi in control and Nezha KO intestines. Note 
that the white arrows highlight apically localized nuclei. Scale bar-25um. Zoomed 

regions show abnormal nuclear position in Nezha KO intestines. Scale bar-10µm. B. 
Localization of the Golgi marker GRASP65 in cross-sections of control and Nezha KO 
intestines. The GRASP65 channel is shown on the right side. Scale bars-10µm. C. Top-

down view of GRASP65 in control and Nezha KO intestines. Scale bar-10µm. D. 
Localization of GRASP65 is perturbed in Nezha KO crypts. Scale bar-10µm. E. 

Localization of the lysosomal protein LAMP2 in control and mutant intestines. Scale bar-
5µm. F. Quantification of LAMP2 particle size in control and Nezha KO intestines. n=3 

mice for each genotype (one value for each mouse was calculated by averaging between 
289 and 2159 particles per mouse). Dotted lines indicate the basement membrane. 

*p<0.05. 
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gross defects in GRASP65 localization, we investigated whether other components of the 

intracellular trafficking/recycling machinery are disrupted upon Nezha deletion.  

Staining of the lysosomal protein LAMP2 demonstrated that microtubule perturbation 

causes a similar fragmentation of the lysosomes (Figure 37E-F).  Therefore, apicobasal 

microtubules are required for Golgi and lysosome integrity in vivo. 

4.5 Spastin OE disrupts microtubules in the intestinal epithelium 

To complement our study of microtubule function using the Nezha conditional 

deletion mouse, we took an additional approach to perturb microtubules.  We generated 

Villin-rtTA TRE-spastin mice, where doxycycline administration specifically induces 

spastin expression in the intestinal epithelium (Figure 38A).  We validated that 

doxycycline exposure induced robust expression of spastin in the intestinal epithelium 

(Figure 38B).  Surprisingly, spastin expression was only detected in the differentiated 

villus cells of the intestine even though this Villin-rtTA transgenic line has been shown 

to weakly induce expression of other transgenes in intestinal crypts (Chen et al., 2014).  

We found that microtubule filaments were strongly decreased in Villin-rtTA TRE-

spastin mice, demonstrating that spastin OE is a useful tool to perturb microtubule 

organization in vivo (Figure 38E).  Additionally, because we never saw any spastin 

induction in crypts, we can rule out that any observed phenotypes are a secondary 

consequence of mitotic problems in the stem cells of the tissue.  We assayed mice that 

had been on doxycycline for either 48 hours or 2 weeks in order to determine whether 
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Figure 38: Spastin OE in the intestinal epithelium disrupts microtubules but does not 
cause weight loss. 

A. Alleles used to induce spastin OE in the intestinal epithelium. B. Spastin OE is seen 
exclusively in differentiated villar cells in Villin-rtTA TRE-spastin mice. No expression 

was detected in the crypt regions. Scale bars-25µm. C. Ki67+ cells remain restricted to the 
crypts in Villin-rtTA TRE-spastin intestine. Scale bars-25µm. D. Spastin OE in the 
intestine does not increase apoptosis. n=3 mice for each genotype. E. Microtubule 
organization is perturbed in Villin-rtTA TRE-spastin intestine. Scale bar-5µm. F. 

Normalized weights in control and Villin-rtTA TRE-spastin mice during doxycycline 
exposure. G. Cross-section of villi in control and Villin-rtTA TRE-spastin intestine. Scale 

bar-10µm. H. Quantification of cell height in control and mutant tissue. n=90 cells for 
each genotype. I. HA- cells are next to HA+ cells in Villin-rtTA TRE-spastin mice. Scale 
bar-10µm. Dotted lines indicate the basement membrane. n.s.-not significant, **p<0.01. 
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there were any primary or secondary phenotypes associated with spastin OE.  All of the 

phenotypes we observed were identical between mice that were treated for 48 hours and 

2 weeks, suggesting that many of the defects we have noted thus far are primary defects 

of microtubule disruption, potentially because the intestine is a rapidly turning over 

tissue (data not shown).  Therefore, the data presented in the following sections will be 

from both time points unless specifically specified.   

Surprisingly, despite a strong reduction of microtubules in differentiated cells, 

the intestinal architecture looked indistinguishable from wild-type controls, 

demonstrating that microtubules are not required for proper tissue architecture in the 

small intestine.  We also noted no significant increases in apoptosis or expansion of cells 

proliferating out of the crypt compartment (Figure 38C,D).  We were also surprised to 

note that Villin-rtTA TRE-spastin mice did not exhibit any weight loss over the course of 

doxycycline treatment (assayed up to 2 weeks after doxycycline administration) (Figure 

38F).  This data demonstrate that under homeostatic conditions, microtubules are not 

required in the intestinal epithelium for weight maintenance or for tissue patterning.  

This is in agreement with our finding that intestinal epithelium-specific Nezha deletion 

did not cause weight defects. 
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4.6 Microtubule disruption perturbs organelle placement and 
lipid processing in the small intestine 

Next, we examined the cellular consequences of microtubules disruption via 

spastin OE in the intestinal epithelium.  We observed no dramatic cell shape alterations 

in Villin-rtTA TRE-spastin mice (Figure 38G).  In contrast to the previous report on the 

Camsap3dc mutant, which had a slight decrease in epithelial cell height, we found a 

slight increase in cell height (Figure 38H).  We speculate that this could be due to the 

severity in nuclear position defects we observe in these mice.  Many more nuclei were 

apically localized in spastin OE mutants, suggesting that even though the microtubules 

in Nezha mutant mice were disorganized, retaining some microtubules apical to the 

nucleus is sufficient to maintain most of the nuclei near the basal surface.  Interestingly, 

by using the Villin-rtTA TRE-spastin mice, we were able to establish that the nuclear 

positioning phenotype we observed is cell-autonomous (Figure 38I).  Spastin is not 

overexpressed in every cell in this system.  Therefore, even when spastin is induced in 

the majority of cells, there are areas where wild-type cells are next to mutant cells.  In 

these areas, the nuclei are only mispositioned in the spastin-expressing cells (Figure 38I).  

The mosaicism inherent with this genetic approach will prove useful in the future for 

unraveling tissue-level and cell-autonomous consequences of microtubules disruption in 

the intestinal epithelium. 

Because we observed Golgi defects in the Nezha mice, we next sought to confirm 

that spastin-mediated microtubule perturbation also affects Golgi localization.  Indeed,  
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Figure 39: Intracellular trafficking kinetics are altered upon microtubule perturbation 
in vivo. 

A. Localization of the Golgi marker GRASP65 in control and Villin-rtTA TRE-spastin 
intestine. B. Top-down view of Golgi localization in control and Villin-rtTA TRE-spastin 
villus cells. C. Representative images of Oil Red O staining at indicated times following 

oil gavage of control and Villin-rtTA TRE-spastin mice. D. Quantification of lipid droplet 
distribution within the cell at 1-hour post-gavage in control and Villin-rtTA TRE-spastin 
intestines. n=3 mice from each genotype. E. Quantification of lipid droplet size in control 
and Villin-rtTA TRE-spastin intestines 1-hour post gavage. n>650 lipid droplets for each 
genotype. Dotted lines indicate basement membrane. All scale bars are 10µm. ***p<0.001. 
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we observed many GRASP65 puncta localized to the lateral and basal sides of nuclei 

(Figure 39A).  Additionally, similar to the Nezha KO mice, we observed fragmentation 

of the Golgi “ribbons” when the villar cells were viewed from the top-down (Figure 

39B).  Finally, because we observed Golgi defects in our Villin-rtTA TRE-spastin mice, 

we became interested if microtubules disruption induces any functional consequences 

on absorptive functions in enterocytes.   

Microtubules have previously been linked to lipid trafficking within the cell, 

both in several lower organisms and in cell culture models (Boulant et al., 2008; Walther 

and Ferese, 2012).  However, whether microtubules play a role in lipid trafficking within 

enterocytes has never been tested.  To measure whether lipid uptake and 

processing/trafficking were perturbed upon microtubule disruption, we gavaged adult 

mice that were given doxycycline for 48 hours with oil.  Staining of the small intestine 

with Oil Red O revealed that oil was readily taken up by enterocytes in both control and 

mutant intestine (Figure 39C).  However, the oil was contained in large droplets in the 

mutant intestine compared to the wild-type enterocytes (Figure 39E).  Additionally, 

while oil did traffic through the cell in both conditions, the kinetics were delayed in 

Villin-rtTA TRE-spastin enterocytes (Figure 39C-D).  By 2 hours post-gavage in control 

mice, most of the oil was visible in the mesenchyme, with little remaining in the 

epithelium.  In contrast, in mutant intestine, while oil was visible in the mesenchyme, 

indicating that trafficking was not completely blocked, there remained substantial oil 
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droplets in the epithelium (Figure 39C).  Taken together, our data reveal for the first 

time using a genetic manipulation in mice, that microtubules are required for proper 

lipid processing in the intestinal epithelium. 

4.7 Concluding remarks 

Using two distinct approaches to perturb microtubule organization in the 

intestinal epithelium, we have identified several new functions for apicobasal 

microtubule arrays in vivo.  Through both conditional knockout of CAMSAP3/Nezha 

and overexpression of the microtubule-severing protein spastin, we show that proper 

microtubule organization 1) reinforces proper nuclear positioning, 2) maintains both 

Golgi integrity and Golgi localization, and 3) facilitates proper intracellular trafficking of 

lipids.  Within these phenotypes, there are a number of interesting questions and future 

directions.   

There are several possible models to explain the nuclear positioning defects.  In 

one, the dense apical network of microtubules physically constrains nuclei to the basal 

side of the cell.  Upon Nezha deletion, where there are fewer apical microtubules, nuclei 

can be pushed to the apical side.  An alternative model is that the plus ends of the 

apicobasal microtubules physically interact with the nucleus to regulate its position, as 

has been shown in other systems (Metzger et al., 2012; Fridolfsson et al., 2010).  It would 

be interesting in the future to see if specific mutations in the SUN/KASH proteins, which 
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have been shown to be important for nuclear positioning in other systems, are important 

for nuclear positioning in the intestinal epithelium. 

Both of these models rely on the existence of a fairly stable population of 

microtubules above the nucleus.  In support of this idea, we have not been able to 

visualize any EB1-GFP comets in the small intestine of TRE-EB1 mice despite robust GFP 

expression (data not shown), which suggests that either EB1 is excluded from growing 

plus ends in the intestine through a mysterious mechanism or that the majority of 

microtubule plus tips in the intestine are stabilized and not actively growing.  These 

stable microtubules could form the apical meshwork that prevents nuclei from moving 

apically. 

Additionally, at this point we do not know if the Golgi mislocalization is 

secondary to fragmentation or if the two processes are separable.  Examining the 

consequences on the Golgi immediately following spastin induction may begin to 

address this question.  Similarly, the mechanism linking delayed lipid processing to 

microtubules will require further study.  Several kinesins have been linked to lipid 

droplet trafficking, but whether they operate in mammalian enterocytes has not been 

explored.  A final interesting direction for future study is whether intracellular 

trafficking/processing of other nutrients absorbed in enterocytes is similarly delayed 

upon microtubule perturbation.  We may be able to begin to address this by examining 

whether placing the mice on a diet lacking specific nutrients results in weight loss. 
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Almost as interesting as the phenotypes we did see were the ones we did not.  

We expected that microtubule disruption, particularly via spastin overexpression, 

would result in severe defects in tissue architecture, cell-cell adhesion, and epithelial 

integrity.  Surprisingly, the small intestine is very resilient to microtubule 

depolymerization.  We did not observe any changes in weight during the periods when 

we perturbed microtubule organization.  These data are in disagreement with the 

previous report that Camsapdc mice lose weight with some associated lethality due to 

intestinal issues (Toya et al., 2016).  We propose that the lethality seen in the Camsap3dc 

mice is due to a requirement for Nezha in another, as-of-now unidentified tissue or 

tissues.  The fact that we see severe weight loss and lethality in our full Nezha deletion 

mice supports this idea.  Further work will be required to identify which other cell types 

and tissues express Nezha. 

Finally, the observations we made using this in vivo model of microtubule 

disruption highlight the insight that can be gleaned from studying cytoskeleton function 

in vivo.  Our study fits with several recent papers that demonstrate that mammalian 

tissues are surprisingly resilient to loss of core cytoskeletal components (Zhou et al., 

2013; Zhou et al., 2015).  We anticipate that the conditional Nezha allele will be a 

valuable tool to continue to look at specific requirements for CAMSAP3 in different cell 

types in the mouse.  Additionally, we were pleasantly surprised by the viability of the 

Villin-rtTA TRE-spastin mice, which, because of the apparent lack of any severe tissue-
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level phenotypes, are a valuable tool to examine cell-autonomous functions for the 

microtubule cytoskeleton in tissue development and function. 

4.8 Materials and methods 

4.8.1 Mouse lines and tissue 

Generation of TRE-spastin mice was described previously (section 3.14.1).  To 

generate the Nezha floxed allele, loxP sites were inserted flanking exons 5 and 9 of 

CAMSAP3.  The Villin-rtTA mouse line was generated previously (Chen et al., 2014).  

Villin-Cre and CMV-Cre mice were previously generated and were obtained from 

Jackson Laboratories.  

4.8.2 Staining and antibodies 

Intestinal tissue was frozen in OCT and sectioned using a cryostat.  Depending 

on the primary antibody used, sections were fixed with either 4% PFA at room 

temperature for 7 minutes or with ice-cold methanol for 2 minutes.  For microtubule 

fixation, intestinal tubes were flushed with glutaraldehyde fixation buffer (80mM PIPES 

pH 6.9, NaCl 50mM, 2mM MgCl2, 0.4mM CaCl2, 1% glutaraldehyde, 3% PFA, 0.2% 

Triton-X) and then left to fix for one hour.  Tissue was then washed overnight at 4°C in 

PBS and subsequently incubated in 30% sucrose/PBS.  Glutaraldehyde quenching was 

performed using sodium borohydride on tissue sections after a post-fixation step.  Slides 

were washed at least 3x30 minutes in PBS and then processed for staining as usual. 
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The antibodies used in this study were: rat anti-HA (11867423001, Sigma-

Aldrich), rat anti-a-tubulin (sc-53029, Santa Cruz, rabbit anti-active caspase-3 (AF835, 

RandD systems), rat anti-b4 integrin (553745, BD Biosciences), rat anti-ECCD2 (kind gift 

from Colin Jamora), rabbit anti-ZO-1 (61-7300, Zymed/Invitrogen), rabbit anti-GRASP65 

(ab30315, Abcam), rabbit anti-Nezha (SAB4200171, Sigma-Aldrich), rabbit anti-α-catenin 

(C2081, Sigma-Aldrich), rabbit anti-LAMP2 (ABL-93-s, Developmental Studies 

Hybridoma Bank), rabbit anti-Ki67 (ab15580, Abcam).  F-actin was stained using 

fluorescently conjugated Phalloidin (A12379, Invitrogen and P1951, Sigma-Aldrich). 

4.8.3 Image acquisition 

Images of Nezha cKO and full KO itnestines and some of the Villin-rtTA TRE-

spastin samples were acquired on a Zeiss Axio Imager microscope with Apotome 

attachment with the following objective lenses: 10x Plan-Neofluar 0.3 NA lens, 20x Plan-

Apo 0.8 NA lens, 40x Plan-Neofluar 1.3 NA oil lens, and 63x Plan-Apo 1.4 NA oil lens.  

Images on the Axio Imager microscope were acquired using AxioVision software.  

Images for some of the Villin-rtTA TRE-spastin specimens were also acquired using a 

Zeiss Axio Imager microscope with Apotome 2 attachment and Axiocam 506 mono 

camera with the same objectives.  Images on this microscope were acquired using ZEN 

software.  For fluorescence intensity comparisons between control and mutant tissues, 

images were always acquired within the same imaging session using the same exposure 

times.   
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4.8.4 Image quantification 

All image quantification was performed using FIJI software.  For quantification 

of cortical a-catenin and ZO-1 intensity in Nezha KO intestines, line scans were 

performed in single optical planes by manually drawing a 5-pixel wide line across 

junctions.  Fluorescence intensity along the line was calculated, and the maxima of each 

line were aligned.  The ends were trimmed to normalize the line scans.  To quantify 

LAMP2 particle size, single optical planes were thresholded and then particle analysis 

was performed using FIJI.  To quantify lipid droplets from Oil Red O stains, the red 

channel was thresholded.  Line scans from the apical membrane to the nucleus were 

performed in individual cells and every point where the line crossed a lipid droplet was 

scored as a “1.” If no lipid was encountered at that pixel, it was scored as a “0.”  

Distributions of the “1”s was then plotted over normalized distance to quantify the 

distribution of lipid droplets.  For quantification of lipid droplet size, the same 

thresholded images were used. The epithelium was outlined and particle size was 

calculated using FIJI software.  All statistical analysis was performed using GraphPad 

Prism 5 software. 

4.8.5 Oil gavage assay 

For the oil gavage experiments, control and Villin-rtTA TRE-spastin mice were 

placed on doxycycline-containing food (VWR) for 48 hours prior to the experiment.  

After 48 hours, mice were fasted for 5 hours and then gavaged with 50ul of sterile-
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filtered corn oil.  Mice were sacrificed at 0, 1, and 2 hours post-gavage and intestinal 

samples were frozen in OCT.  For Oil Red O staining, intestinal sections on slides were 

fixed in 4% PFA for 7 minutes at room temperature, rinsed in ddH2O, and then 

incubated with Oil Red O working solution (300mg Oil Red O in 36% triethyl 

phosphate) for 30 minutes at room temperature.  Slides were then washed with ddH2O 

and stained with Mayer’s hematoxylin and mounted. 
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5. Concluding comments and future directions 
The work presented in this dissertation expands on our understanding of how 

noncentrosomal microtubule organization is controlled in the mammalian epidermis 

while identifying many novel functions for microtubules in mammalian tissue function.  

The sum of my work demonstrates the value of examining microtubule organization 

and function in intact tissues.   

Previous work had identified several centrosomal components that re-specify the 

cortex as a noncentrosomal MTOC in differentiated keratinocytes (Sumigray et al., 2011).  

My work on cortical microtubule formation in the mammalian epidermis identified a 

mechanism regulating delocalization of centrosomal g-tubulin to inactivate the 

centrosome in the earliest stages of differentiation as the centrosome loses MTOC 

activity (Muroyama et al., 2016).  One of the unexpected findings from our studies was 

the presence of distinct g-TuRCs in the cell; one pool of g-TuRCs is bound by CDK5RAP2 

and one is bound by Nedd1.  While these accessory factors had been previously 

identified, whether they all formed a single g-TuRC or multiple complexes was 

previously unexplored.  The fact that we can isolate complexes bound by Nedd1 that do 

not contain CDK5RAP2 and vice versa suggests that these exist as different complexes in 

the cell.  Our contribution to the microtubule nucleation field came from the comparison 

both in vitro and in vivo of how Nedd1 and CDK5RAP2 differentially regulate g-TuRC 

behavior.  We confirm previous studies that CDK5RAP2 can stimulate microtubule 
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nucleation by the g-TuRC both in vitro and also in cells (Choi et al., 2010).  In contrast, we 

demonstrate that Nedd1, which binds to the g-TuRC through its 60 amino acid amino 

terminus, cannot stimulate microtubule nucleation.  These results clearly delineate that 

g-TuRC activity can be differentially modulated, both in vitro and in cells, by which 

proteins associate with it. 

This finding naturally leads to a number of future directions.  First, we have 

demonstrated that all g-TuRCs are not nucleation competent.  Indeed, while artificial 

targeting of Nedd1 is sufficient to recruit g-tubulin in cells, this g-TuRC cannot nucleate 

microtubules.  This surprising observation argues that caution should be taken when 

using g-TuRC localization as a proxy for microtubule nucleation sites in cells.  Instead, I 

propose that examining the localization of g-TuRC accessory proteins will be more 

informative for assessing sites of microtubule nucleation than just examining g-TuRC 

localization. 

Our data are consistent with a model where Nedd1/g-TuRCs are important for 

microtubule anchoring.  Nedd1 knockdown delocalized a large pool of g-tubulin, 

resulting in a loss of centrosomal MTOC activity without an accompanying decrease in 

steady-state microtubule nucleation.  Additionally, Nedd1/g-TuRCs were required to 

anchor microtubules that were nucleated by CDK5RAP2/g-TuRCs at artificial MTOCs, 

suggesting that anchoring activity is not inherently centrosome dependent.  Previous 

work in fission yeast has identified g-TuRC mutants that are nucleation incompetent but 
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can still bind to the minus end of microtubules (Anders and Sawin, 2011).  Additionally, 

g-TuRCs have been shown to bind to preformed microtubules in vitro, suggesting that 

they could anchor nucleated microtubules (Wiese and Zheng, 2000; Gunawardane et al., 

2000).  However, to date, no group had demonstrated g-TuRC-mediated microtubule 

anchoring in the cell based on binding to a specific accessory factor.  Therefore, we 

propose that g-TuRC can function as a microtubule anchor at the centrosome, and it is 

tempting to speculate that this Nedd1/g-TuRC could be repurposed in differentiated cell 

to anchor microtubules to noncentrosomal MTOCs.  In the mammalian intestine, we 

have observed Nedd1 and g-tubulin localized at the apical side of the cell, roughly 

where the microtubule minus ends are tethered (data not shown).  Whether Nedd1 is 

truly associated with g-TuRC in intestinal cells and whether these complexes play a 

similar microtubule anchoring function to form apicobasal microtubule arrays is an 

open question. 

How do Nedd1 and CDK5RAP2 differentially affect g-TuRC-mediated 

microtubule nucleation and anchoring?  I favor a model where binding of CDK5RAP2 or 

Nedd1 induces a conformational change in the ring structure of the g-TuRC to promote 

either microtubule nucleation or anchoring, respectively.  This model is supported by 

the finding that Spc110 causes a structural change in the g-TuSC assembly in S. cerevisae 

that makes it more closely match the correct pitch of a microtubule (Kollman et al., 

2015).  Potentially CDK5RAP2 induces a similar conformational change in the 
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mammalian g-TuRC, a possibility that could potentially be explored by examining g-

TuRC structures bound by CDK5RAP2 or Nedd1 by electron microscopy. 

Do g-TuRCs interconvert between Nedd1- and CDK5RAP2-bound states? 

Currently, there is no information about whether Nedd1 and CDK5RAP2 bind to similar 

locations within the g-TuRC or if post-translational modifications on g-TuRC enhance 

binding of one accessory factor or another.  Additionally, there is not firm data about 

whether CDK5RAP2 can compete Nedd1 off of g-TuRC and vice versa.  g-TuRCs could 

be dynamically regulated in order to fulfill needs for microtubule nucleation or 

anchoring during different stages of the cell cycle or during noncentrosomal 

microtubule array formation. 

I also identified a cell-cycle switch that regulates centrosome inactivation.  In the 

mammalian epidermis, decreased CDK activity that accompanies exit from the cell cycle 

is responsible for delocalization of the Nedd1/g-TuRC from the centrosome.  

Intriguingly, a recent report has demonstrated that CDK activity is linked to 

noncentrosomal MTOC formation in the C. elegans (Yang and Feldman, 2015).  Cell-cycle 

exit could be a global trigger that is used to delocalize centrosomal proteins to form 

noncentrosomal microtubule arrays in many different cellular contexts.  This model is 

attractive because 1) it is already known that the levels of centrosomal proteins are 

dynamically regulated during different stages of the cell cycle in proliferative cells and 

2) cell-cycle exit could be a conserved mechanism that inactivates the centrosome in 
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various tissues and organisms.  Therefore, as we proposed in our paper, CDK activity 

could act as a rheostat in the cell; in the transition from interphase to mitosis, increased 

CDK activity drives centrosome maturation, but as cells enter quiescence, CDK can be 

turned very low to essentially inactivate the centrosome.  In this framework, subsequent 

relocalization or destruction of specific centrosomal components would lead to cell-

specific nature of noncentrosomal microtubule arrays.  In the mammalian epidermis, g-

tubulin is not highly enriched at a novel cellular site in differentiated keratinocytes, and 

microtubule recruitment at the cell cortex appears to be mediated through a distinct set 

of centrosomal proteins (Ndel1, ninein, Lis1) (Lechler and Fuchs, 2007; Sumigray et al., 

2011).  Additionally, maturing cultured neurons degrade Nedd1, similar to what I 

demonstrated in the epidermis, suggesting that a similar mechanism for g-TuRC 

delocalization could be operating in those cells (Stiess et al., 2010).  In the mammalian 

intestine, however, we observe that centrosomal proteins are delocalized as cells 

differentiate, but there is a subsequent enrichment of g-tubulin and Nedd1 to the apical 

surface.  Therefore, we propose that cell cycle exit may as a conserved mechanism to 

trigger centrosome inactivation across tissue types. 

I have created the TRE-EB1 mouse line, which can be used to visualize 

microtubule dynamics in vivo in a number of tissues.  I used this mouse to visualize 

microtubule dynamics in proliferative and differentiated keratinocytes in embryos.  

Interestingly, I observed strongly suppressed dynamics in differentiated keratinocytes, 
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demonstrating that differentiation does not just change microtubule organization but 

also alters microtubule dynamics.  We believe that this is the first demonstration in vivo 

in mammals that differentiation triggers changes in microtubule dynamics.  In the 

future, it will be interesting to assay microtubule dynamics in epidermal mutants that 

uncouple differentiation from cell-cycle exit.  For example, in the NICD epidermis, cells 

are induced to express differentiation markers but continue to proliferate even after 

exiting the basal layer.  Examining microtubule dynamics in these mutants would give 

some insight into whether it is differentiation per se or quiescence that causes the 

suppression of microtubule dynamics.   

As of now, we do not know which proteins mediate this suppression of 

dynamics.  MAP4 has been shown to localize to the cell cortex in suprabasal cells and 

could potentially mediate some of this effect (Sumigray et al., 2012).  By using lentivirus-

mediated knockdown of candidate MAPs in the TRE-EB1 epidermis, one could 

conceivably identify the MAPs that cause these changes in microtubule dynamics.   

An intriguing hypothesis is that formation of noncentrosomal microtubules 

requires more dynamic microtubules, and once the final architecture has been 

established, microtubules are stabilized.  Suppressing microtubule dynamics was 

demonstrated to impair proper differentiation of the egg-laying apparatus in C. elegans 

(Lacroix et al., 2014).  During myotube differentiation, microtubules are transiently 

destabilized before being ultimately stabilized (Mian et al., 2012).  Similarly, EB3 is 
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required for proper myoblast differentiation in culture, suggesting that appropriate 

regulation of microtubule dynamics is critical for noncentrosomal microtubule 

formation (Straube and Merdes, 2007).  Finally, EB2 has been shown to regulate 

apicobasal microtubule formation, once again linking dynamic microtubules to 

microtubule reorganization (Goldspink et al., 2013).  Intriguingly, injured neurons were 

shown to have increased dynamics, suggesting that during wound healing or periods of 

regeneration microtubule dynamics may revert to a more plastic state (Kleele et al., 

2014).  Therefore, proper regulation of microtubule dynamics may be critical to 

reorganize a microtubule array. 

Could a similar transient increase in microtubule dynamics be critical for 

regulating cortical microtubule formation in the epidermis?  Closer examination of 

microtubules in immediate suprabasal cells that have begun to reorganize microtubules 

would give insight into this question.  Additionally, it will be interesting in the future to 

assess whether microtubule dynamics in differentiated keratinocytes are altered in 

response to wounding or in disease models. 

I have generated the first mammalian model, TRE-spastin, to drive MT 

disruption via spastin overexpression in a number of tissues.  In designing the TRE-EB1 

mouse, I took inspiration from a similar strategy that has been developed in Drosophila 

to overexpress spastin using the GAL4/UAS system (Jankovics and Brunner, 2006).  We 

have just begun to use this line to characterize the roles for microtubules in tissue 
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development and homeostasis.  One of our findings from using these mice is that some 

tissues are surprisingly robust to microtubule loss.  For example, in the mammalian 

small intestine, we did not identify any architectural defects in the tissue or increased 

apoptosis.  While organelle placement was affected upon microtubule disruption in 

Villin-rtTA TRE-spastin mice, no effects on weight gain or organism size were noted.  

These results were independently confirmed by using the conditional Nezha allele, 

which perturbs microtubule organization in the intestinal epithelium and has no effect 

on organism growth.  An interesting future direction would be to assess whether 

microtubules are required during periods of stress, either under conditions of starvation 

or upon infection. 

By perturbing microtubules in basal keratinocytes, we demonstrated that spastin 

overexpression causes mitotic arrest in vivo.  This can apparently be compensated for in 

the epidermis, which is a highly proliferative tissue.  It will be interesting to see whether 

similar compensatory mechanisms exist in tissues that turn over more slowly or whether 

mitotic arrests would be more catastrophic in those settings.  What is the fate of 

mitotically arrested cells in the epidermis?  Our data suggest that at least some of these 

cells undergo apoptosis, as we see an increase in apoptosis in the K14-rtTA TRE-spastin 

but not the K10-rtTA TRE-spastin mice.  We also observe suprabasal cells that aberrantly 

express the basal cell markers K5/14.  We hypothesize that these K5/14+ spastin+ cells in 

the K14-rtTA TRE-spastin epidermis result from a mitotically arrested cell that lose 
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attachment to the basement membrane and then move into the suprabasal layer.  

Intriguingly, a recent report has identified that prolonged mitosis similarly induced 

increased apoptosis and cell-fate specification defects in radial glial progenitor cells in 

the mouse brain (Pilaz et al., 2016).  Future work will assess whether these K5/14+ 

suprabasal cells are truly the product of arrested mitosis. 

Surprisingly, chronic spastin expression in the adult epidermis was well 

tolerated.  While we only observed focal areas of hyperproliferation in the interfollicular 

epidermis, we saw very robust spastin expression in the hair follicle.  Therefore, future 

work will examine how microtubule disruption affects different stages of the hair cycle.  

Finally, we did not examine whether chronic spastin expression in the epithelium 

induces non-epithelial phenotypes in the skin, such as inflammation or increased blood 

vessel innervation, and these can be examined in future studies. 

By generating the K10-rtTA transgenic line to specifically control transgene 

expression in post-mitotic epidermal cells, we have identified many unexpected 

phenotypes caused by microtubule disruption in differentiated keratinocytes.  We 

observed dramatic cell shape alterations upon microtubule perturbation.  Currently, we 

cannot separate whether microtubules are required for initial flattening, maintenance of 

flattening, or both.  Interestingly, cell rounding is not a global response to microtubule 

disruption.  For example, cells remained columnar in Villin-rtTA TRE-spastin intestines, 

suggesting that different cell types utilize distinct cytoskeletal components to maintain 
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their shapes.  Disruption of actin-related components, such as myosin IIA and the 

branched actin nucleator, Arp2/3 complex, in the epidermis do not cause cell rounding, 

highlighting the point that specific cytoskeletons are required for cell shape (Sumigray et 

al., 2012; Zhou et al., 2013).  

Cell shape changes may underlie the entosis we observe in the K10-rtTA TRE-

spastin epidermis.  Entosis is never observed in wild-type epidermis, suggesting that 

differentiated cells are robustly prevented from undergoing this process.  It is tempting 

to imagine that an imbalance of forces between membranes upon microtubule 

disruption underlies entosis, however this will need to be tested in the future.  We also 

do not know the fate of entosed cells in the epidermis.  Previous work with MCF-7 cells, 

which can undergo entosis when they lose substrate attachment, demonstrated that 

entosed cells can exhibit a number of behaviors, including cell division and lysosome-

mediated cell death (Overholtzer et al., 2007).  Currently, we do not know whether the 

entosed cells in the epidermis are also eliminated through a lysosome-mediated 

mechanism or have a different fate. 

Another unexpected consequence of microtubule disruption was an inability to 

terminally differentiate properly into corneocytes of the cornified envelope.  

Microtubules have not previously been linked to corneocyte formation and so the 

underlying mechanism relating to this phenotype remains mysterious.  While we 

observe retention of some cytoplasmic proteins, we do not see retention of all proteins.  
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So far, we have not identified a common property in the proteins that are not properly 

degraded, however it is intriguing to postulate that microtubules are required for 

elimination of a subset of proteins during terminal differentiation.  Another possible 

explanation for the corneocyte defects could be that proper cell flattening is a 

prerequisite for proper corneocyte formation.  Therefore, rounded spastin+ cells are 

unable to terminally differentiate.  Both the cell shape changes and corneocyte defects 

highlight the importance of studying microtubule organization in vivo.  Cultured 

keratinocytes, while useful for studying initial differentiation, do not terminally 

differentiate.  Therefore, we could only identify critical roles for microtubules in 

granular and cornified cells by looking in tissue. 

Finally, we have demonstrated using two parallel approaches that apicobasal 

microtubules are critical for organelle and nuclear positioning in the intestinal 

epithelium.  One of these models, the Nezha floxed allele, will be useful for 

understanding where Nezha function is required in vivo.  It is clear from our comparison 

of Nezha cKO and full Nezha KO mice that CAMSAP3 must be required in an as-of-yet 

unidentified tissue that regulates proper organism size and growth.  

We also demonstrate for the first time that lipid trafficking and processing is 

perturbed when microtubules are disrupted.  Importantly, microtubule disruption 

causes a kinetic delay but not a total abrogation of intracellular lipid trafficking, 

potentially explaining why Villin-rtTA TRE-spastin and Nezha cKO mice continue to 
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thrive.  In the future, it will be important to identify if processing and trafficking of other 

luminal contents is altered upon microtubule disruption. 

By comparing the phenotypes associated with microtubule perturbation in 

differentiated keratinocytes versus differentiated simple epithelial cells, we have begun 

to understand the tissue-specific functions of noncentrosomal microtubule arrays.  For 

example, microtubules were required for proper tissue architecture and cell shape in the 

epidermis.  In contrast, neither tissue architecture nor cell shape was affected upon 

spastin OE in the intestine.  Instead, we identified defects in organelle positioning in the 

Villin-rtTA TRE-spastin intestine, consistent with the primary role for these cells in 

nutrient absorption and processing. 

To conclude, I have 1) identified that there are distinct g-TuRCs within the cell 

that mediate different microtubule behaviors, 2) uncovered a mechanism coupling cell-

cycle exit to centrosome inactivation during noncentrosomal MTOC formation, 3) 

visualized microtubule dynamics across differentiation for the first time in mammals in 

vivo, 4) identified novel roles for cortical microtubules in the mammalian epidermis, and 

5) created two parallel strategies to disrupt apicobasal microtubule arrays in the 

mammalian small intestine.  From these studies, we have expanded our repertoire of 

functions for microtubules within the cell.  Additionally, we have identified a 

mechanism regulating centrosome inactivation in the epidermis that we propose is 

utilized in different cell types during noncentrosomal MTOC specification.  Finally, I 
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would like to end by once again stressing that my work highlights that utilizing new 

approaches to examine microtubule form and function within an organism can open up 

new avenues for microtubule biology. 
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